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ABSTRACT 

A Multifactor Analysis of Polymicrobial Wound Pathogenic Biofilms Using Conventional 

Assays, Nanoscale Imaging, and a Microfluidic Platform 

 

Eric Birkenhauer       Advisor: 

University of Guelph       Professor S. Neethirajan 

 

 This thesis investigates Pseudomonas aeruginosa and methicillin-resistant 

Staphylococcus aureus (MRSA) pathogenic wound biofilms through a multifactor analysis.  P. 

aeruginosa and MRSA are commonly found in chronic wound biofilms.  Chronic wounds are of 

major concern to healthcare systems and medical professionals as they are costly to treat and 

often become infected.  Co-culture biofilm studies are relatively novel.  Quantitative results (P < 

0.05) show that P. aeruginosa and MRSA act competitively, with P. aeruginosa being the 

dominant species.  Co-culture biofilms were shown to produce less biofilm biomass than their 

mono-culture counterparts.  Examination of microbial adhesion kinetics to various material-

surfaces using Kelvin probe force microscopy revealed that both microorganisms preferred 

adhesion to positively charged surfaces.  Measurements of cell surface potentials revealed 

significant changes upon adhesion to different material-surfaces and from co-culturing.  

Chemotaxis experiments using a nanoporous microfluidic platform showed that wound relevant 

cytokine VEGF acts as a chemoattractant and influences the swimming dynamics of P. 

aeruginosa.        

Keywords: Pseudomonas aeruginosa, MRSA, Biofilms, Co-culture, AFM, KPFM, 

Microfluidics 
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1 INTRODUCTION 

1.1 Polymicrobial Biofilms in Nosocomial Environments 

 The treatment, care, and management of chronic wounds including non-healing bacterial 

infections represent a significant cost and labour burden to healthcare systems and patients.  As 

recently as 2013, the Canadian Association of Wound Care estimated an annual cost of $150 

million dollars for the treatment of chronic wounds for diabetic leg ulcers alone in Ontario [1].  

This number is staggering, especially considering that 2.3 million Canadians are currently living 

with diabetes, and 15% will develop a foot ulcer in their lifetime [1].  Of course these costs are 

only monetary and do not include statistics on patient morbidity and overall decreases in quality 

of life.  Thus, a paradigm shift in the study of chronic wounds and non-healing bacterial 

infections is needed to reprioritize research and development in these areas.  This is needed in 

order to reduce healthcare and patient costs.  This should be done while also attempting to reduce 

patient morbidity and improve quality of life. 

 Chronic wounds, unlike acute wounds which heal rapidly and usually without drastic 

intervention, commonly arise in individuals with underlying medical issues or trauma.  These 

can include immunocompromised, obese, or diabetes mellitus patients [2 – 4].  Wounds may 

occur through amputations, burns, or venous ulcers and can rapidly become exacerbated in these 

individuals, leading to the exposure of underlying layers of cutaneous tissues to microorganisms 

[2 – 5].  These wound sites also provide ideal nutrient conditions due to the amount of freely 

released lipids, amino acids, nucleic acids, and carbohydrates from damaged cells.  Under 

normal circumstances a healthy individual’s immune system would be able to counteract much 

of the invading microorganisms and prevent colonisation at the wound site.  This would 
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normally be accomplished by the migration of macrophages and neutrophils to the wound site 

along with complement proteins and other bactericidal compounds; however, a compromised 

immune system may lead to a less efficient response that could lead to significant bacterial 

colonisation [2 – 4, 6 – 8]. 

 Initially, studies of microorganisms focused primarily on planktonic microorganisms; 

however, it has become widely accepted that in nature microorganisms rarely exist in this state, 

but rather as communities in biofilms [8 – 10].  This change in the way microbiologists thought 

of the microbial lifestyle can be significantly attributed to Canadian scientist, Dr. Bill Costerton 

who is considered the “Father” of Biofilms [11, 12].  Sadly, he passed away in 2012.   

 Microbiology has primarily focussed on the study of microorganisms in mono-cultures; 

however, in almost every case, biofilm communities consist of two or more microbial species [8 

– 10, 13].  Thus, biofilms in most circumstances can be considered polymicrobial.  Polymicrobial 

biofilms do not necessarily only contain bacteria, but may also contain viral, fungal, and protist 

components, making very complex and diverse communities [13].  The interspecies interactions 

that exist in polymicrobial biofilms can be very complex and the biofilm can be thought of as a 

pseudo-organism itself.  The ability of microorganisms to communicate within biofilms is 

similar to how a nervous system communicates with other cells and tissues in a larger organism 

[14].  Through biochemical shifts and quorum sensing, microorganisms further downstream or in 

deeper regions of the biofilm can sense or be forewarned about environmental changes occurring 

in upstream or higher regions of the biofilm [9, 14].  These biochemical shifts may arise from 

changes in external pH, physical damage, or changes in temperature, and can lead to changes in 

microbial activity that may attempt to adapt to changing conditions [9, 14]. 
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 With regards to the polymicrobial nature of chronic wound biofilms, a large multicenter 

analysis, described by Peters et al., (2012), involved the analysis of 454 individual wound 

biofilms from patients suffering from diabetes [10].  It was found that over 1600 unique 

microorganisms were identified from all collected samples.  Of the microorganisms isolated, 

many were found to be both aerobic and anaerobic opportunistic pathogens that could be traced 

back to each patient’s own skin microbiota.  Researchers further broke down the results in order 

to determine the number of aerobic versus anaerobic bacteria present in each wound site.  It was 

determined that 1.3% of patient samples contained only anaerobic bacteria while nearly half 

(43.9%) contained a mixture of both aerobic and anaerobic bacteria [10].  Species diversity 

analysis revealed that 16.2% of biofilms contained one bacterial isolate, 20.4% contained two, 

19.7% contained three, 13.3% contained four, and 30.4% of biofilms were found to contain five 

or more unique bacterial species [10].  This in vivo study has helped to reaffirm the 

polymicrobial theory of bacterial infections and wound biofilms.  It has also helped to confirm 

the relevance of studying microorganisms in co-culture rather than in mono-culture in order to 

obtain specific information on species-species interactions. 

1.2 Biofilm Development and Lifecycle 

 The development and lifecycle of biofilms has been examined enough that a standard 

model has been created [9, 14 – 20].  The standard model is shown in Figure 1.  In this model, 

biofilm development can be explained in five steps, from initial attachment and adherence of 

microorganisms to a material-surface, to the development of tertiary structures and 

phenotypically differentiated cells.  Step (1) of attachment and adherence is the only reversible 

step in the biofilm lifecycle [9].  If the microorganism decides to stay attached to the material-

surface, it will proceed onto the next step of (2) extra polymeric substance (EPS) production [9].  
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In determining whether or not to stay attached to the material-surface, the microorganism (in this 

case a bacterial cell) will check the surrounding environment and surface for conditions such as 

pH, temperature, surface hydrophobicity, and fluid flow rates, among a multitude of other factors 

[9].  If the environment and surface are ideal, only then will the microorganism proceed with 

EPS secretion.  EPS is a carbohydrate- and protein-rich adhesive mixture that acts as a glue and 

protective shield for subsequent microbial growth and development [8, 9].  Steps (3) and (4) are 

characterized by continued microbial growth, cell aggregation, and the initial development of 

complex tertiary structures [9].  These can include mushroom-shaped blooms and porous 

networks.  Porous network channels allow for environmental nutrients and gasses to reach deeper 

portions of the biofilm [9, 14].  They also help to improve oxygen diffusion and nutrient 

availability to these layers.  Step (5) describes the completion of tertiary structures and cellular 

differentiation [9].  Two notable differentiated cells are seen at this stage and are known as 

persisters and streamers [3, 5, 6]. 
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Figure 1 – Biofilm development.  The five steps of biofilm formation are shown: (1) 

attachment, (2) secretion of EPS, (3) growth, (4) maturation, and (5) development of tertiary 

structures and phenotypically differentiated cells.  Reprinted from Ref. [9] with permission from 

Multidisciplinary Digital Publishing Institute. 

 

1.2.1 Persister and Streamer Cells 

 Persister cells are the main cause for the relapse and reoccurrence of bacterial and biofilm 

wound infections as they act to maintain a basal biofilm level [3, 5, 6].  Persisters are non-mutant 

cells with reduced metabolic capabilities, and as such they have a slow growth rate compared to 

undifferentiated cells [3, 5, 6].  They are also particularly resistant to immune system 

components such as complement proteins, as well as common antimicrobial compounds, most 

noticeably β – lactams and cephalosporins [3].  These antimicrobial compounds are known to 

affect the growing peptidoglycan layer of dividing cells.  Unlike persisters, streamer cells instead 

act as planktonic seeds that are released from the biofilm during its later stages to colonize 
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downstream sites [3].  This is done in order to continue biofilm development and colonisation 

[3]. 

1.3 Skin Structure and Factors Involved in Normal Wound Healing 

The skin acts as a vital protective barrier in order to keep microorganisms from entering 

the body’s underlying tissues and organs.  Compromises in the skin’s integrity, from wounding, 

can allow for microorganisms to easily and readily enter underlying tissues and possibly lead to 

infection [21]. 

Wound healing is a very complex process.  A simplistic overview is provided in Figure 2 

which shows the four general stages of cutaneous wound healing.  Wound healing in healthy 

individuals begins within minutes, with full wound healing and tissue reconstruction taking 

months to years for completion in some cases.  Further mentions of wounds in this thesis are in 

reference to cutaneous wounds (i.e., skin wounds).   
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Figure 2 – Four basic stages of wound healing.  These include: hemostasis, inflammation, 

replication/matrix synthesis, and tissue remodelling.  Descriptions of the types of cells and 

actions associated with each stage are also shown.  Reprinted from Ref. [22] with permission 

from Hindawi Publishing Corporation. 

 

The basic stages of wound healing include hemostasis, inflammation, repair (cell 

replication and extracellular matrix (ECM) synthesis), and tissue remodelling [22].  Wounds can 

also be characterized by depth as partial- or full-thickness wounds (Figure 3-A and B, 

respectively) [23].  Partial-thickness wounds refer to damage down to the dermal level whereas 

full-thickness refers to wound damage down to the hypodermis and underlying muscle tissue 

[23].  Partial-thickness wounds in most cases can heal simply through reepithelialization; 

however, this is not the case in full-thickness wounds where a substantial portion of the dermal 

tissue is lost.  Instead ECM producing cells (e.g., fibroblasts) actively proliferate and produce 

ECM components (primarily collagen) to fill in the wound with scar tissue [23].  A reduction in 
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epithelial thickness, compared to the pre-wounded skin, is observed in healed full-thickness 

wounds (Figure 3-B).  

 

Figure 3 – (A) Partial-thickness versus (B) full-thickness wounds.  Partial-thickness wound 

healing in healthy individuals leads to complete reepithelialization and reconstitution of the 

epidermal basal membrane.  Full-thickness wound healing leads to a reduction in epithelial 

thickness and the formation of scar tissue.  Reprinted from Ref. [23] with permission from CRC 

Press. 

 

In full-thickness wounds, after scar tissue has formed, keratinocytes will attempt to 

reepithelialize and replace the temporary scar tissue [22, 23].  Cell migration and 

neovascularization to the newly formed scar tissue is promoted by cytokines that include 

fibroblast growth factor 2 (FGF-2) and vascular endothelial growth factor (VEGF), respectively 

[23].  The ECM tissue also acts as a scaffold and conduit for which newly formed capillaries can 

provide nutrients to incoming and proliferating cells.  Thus, VEGF is one of many critical 

cytokines involved in wound healing.  VEGF is predominantly secreted by keratinocytes located 

around the wound’s edge [23].  Previously mentioned factors such as FGF-2 and other factors 
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such as tumour necrosis factor α (TNF-α) are released from macrophage and endothelial cells.  

Other components of the ECM, most notably hyaluronan, are also known to help promote 

angiogenesis and cell migration to the wound site [23].  It should be noted that 

neovascularization is crucial for proper wound healing as improper or incomplete 

neovascularization can lead to the formation of venous ulcers and a chronic wound scenario [23]. 

1.4 Infection versus Colonisation at the Wound Site 

 It is important to understand the terminology associated with wound infections.  From 

least severe to most severe, an infection begins with contamination, which refers to the presence 

of non-replicating microorganisms at the wound site [21].  If these microorganisms begin to 

replicate and adhere to the wound site, this can be described as colonisation [21].  In some cases, 

colonisation may not lead to infection.  It has been observed that a critical colonisation level 

must be reached in order for an infection to occur [2, 21].  Note, that until this point an infection 

has not occurred.  Critical colonisation refers to a specific colony forming unit per mL 

(CFU/mL) concentration that is necessary for an infection to occur [2].  This value varies 

between species and the health and age of an individual.  A study by Asada et al., (2012) showed 

that rats with full-thickness wounds infected with Pseudomonas aeruginosa PA01 below the 

critical colonisation level actually lead to increased wound healing rates compared to 

uninoculated wounds [2].  This can be attributed to an increased immune response and a more 

rapid activation of tissue repair systems [2].  As expected, rats whose wounds were exposed to 

CFU/mL levels above critical colonisation experienced significant infections and delayed wound 

healing.  Figure 4 shows the continuation of infection severity past the level of critical 

colonisation.  This includes continued spreading, invasion, and eventually septicaemia.  The 

likelihood of fatality increases significantly at and beyond the point of spreading and invasion. 
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Figure 4 – Progression of a wound infection (bottom-up) showing the various stages and 

relevant terminologies.  Reprinted from Ref. [21] with permission from Wolters Kluwer Health. 

 

1.4.1 Commonly Isolated Microbial Constituents from Wound Biofilms and Infections 

 Most isolated microorganisms from wound sites can be traced back to a patient’s own 

natural skin microbiota [24].  These microorganisms do not tend to lead to infection under 

normal circumstances in healthy individuals and can thus be categorized as opportunistic 

pathogens [24].  Common bacterial components of the skin microbiome include varying levels of 

Streptococci (e.g., Streptococcus pyogenes), Propionibacteria (e.g., Propionibacterium acnes), 

Staphylococci (e.g., Staphylococcus aureus), and Pseudomonads (e.g., P. aeruginosa) to name a 

few examples [24].  S. epidermidis is usually the most prevalent microbial species residing on 

the skin, representing over 90% of all aerobic microorganisms at this site [24].  Here, we 
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examine S. aureus, specifically the methicillin-resistant strain (MRSA), and P. aeruginosa due to 

their medical relevance and predominant occurrence in the wound environment.  

1.4.1.1 Methicillin-Resistant Staphylococcus aureus 

 Before introducing MRSA we will begin by examining the background of its originator, 

S. aureus.  This species of microorganism is a non-motile Gram-positive coccus-shaped cell, 

with diameters ranging between 0.5 μm – 1.5 μm, and is a facultative anaerobe [24].  Unlike P. 

aeruginosa, which can use its external type-IV pili (TFP) extensions to attach and crawl across 

surfaces, S. aureus must rely on adhesive proteins such as ClfB and Eap (clumping factor B and 

extracellular adherence protein, respectively) [24].  These proteins can be found on the cell walls 

of S. aureus and MRSA cells.  S. aureus is also a notoriously prolific biofilm-forming 

microorganism and can be found in the nasal passageways of approximately 35% - 65% of the 

human population as a transient coloniser [24].   

S. aureus is the microorganism primarily responsible for acute skin infections that 

include impetigo, folliculitis, furuncles, and scalded-skin syndrome [24].  Persisting S. aureus 

infections can lead to much more serious and severe diseases such as pneumonia and bacteremia.  

Recently it has been determined that over 75% of soft tissue infections are now caused by the 

MRSA variant of S. aureus [24].  This is very concerning as this “superbug” is resistant to all β – 

lactam antibiotics (e.g., penicillin) and cephalosporins, mainly because of the mecA gene [15, 

25].  As such, MRSA has become a great concern to hospitals and retirement home communities 

as it is easily transmissible and is found to largely affect the infirm and bedridden.  Its virulence 

and pathogenicity are also increased by its toxin productions which include hemolysin (hla), 

Panton-Valentine leukocidin (pvl) and staphylococcal protein A (SpA) [26].      
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1.4.1.2 Pseudomonas aeruginosa 

 P. aeruginosa is a motile Gram-negative rod-shaped bacterium with a unipolar flagellar 

configuration [24].  It also contains TFP, which it actively uses to attach and crawl across 

surfaces via twitching motility [27, 28].  The mechanism of how TFP is used by P. aeruginosa to 

attach and crawl across surfaces has been extensively studied [27 – 29].  Like S. aureus and 

MRSA, P. aeruginosa is a prolific biofilm former and has been shown to begin biofilm 

production within ten hours on plastic cover slips [17].  It is found on the skin, but is natively a 

soil-inhabiting microorganism with a high affinity for water [16, 18, 19].  Because of its high 

water affinity, P. aeruginosa tends to prefer mucosal surfaces (i.e., skin, gastrointestinal tract, 

oral cavity, upper respiratory tract, and distal regions of the reproductive system) and as such is 

commonly found in the lungs of individuals suffering from cystic fibrosis [13, 16].  It is also 

known to cause of dermatitis [24].   

P. aeruginosa is a siderophore-producing microorganism which makes it particularly 

effective at wound sites where it can actively scavenge iron (commonly a growth limiting factor) 

from damaged erythrocytes [13].  It is able in some cases to share its siderophores with non-

siderophore-producing microorganisms (e.g., S. aureus) and can subsequently end up aiding the 

growth of other pathogenic microorganisms [13].  If iron is limited at a wound site, P. 

aeruginosa has been shown to actively lyse surrounding microorganisms to acquire iron [13].  

Members of the Pseudomonads are able to rapidly acquire genes relating to antimicrobial 

resistance and can share them through horizontal gene transfer.  They are the model organism for 

antimicrobial resistance gene acquisition [18, 24].  Because of their ability to rapidly accept and 

acquire antimicrobial resistance genes, chronic infections containing P. aeruginosa can be 

difficult to treat and may require an ever-evolving and changing treatment regimen. 
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1.5 Experimental Methods for Studying Wound Biofilms 

 An overview of the current in vivo and in vitro methods for studying wound-related 

biofilms will be discussed next along with their relative benefits and limitations. 

1.5.1 In Vivo Wound Models 

 In vivo methods for the study of biofilms are the most commonly used and include 

murine, rabbit, and porcine models [2, 3, 6, 26, 30].  They most resemble the human wound 

scenario and can be directly comparable in many cases.  The porcine model represents the most 

human-like model as pigs have similar immune responses and a similar wound healing process 

with regards to reepithelialization rates, scarring, tissue granulation, and wound closure [26].  

Murine models have a significant disadvantage as they are poor candidates for studying S. 

aureus infections since S. aureus cannot fully utilize murine hemoglobin [26].  Despite this, mice 

are preferred in many cases as they are less expensive to house and maintain than pigs. 

 The process for wound generation in in vivo models is relatively simple.  In most cases a 

hole-punch or scratch to a specific depth in the skin is made [2, 6, 26, 30].  Wounds are then 

typically inoculated with various microorganisms and observed over the next days and weeks.  

Tissue and serum samples are typically taken over the course of an experiment to determine 

changes in immune system components in the blood (e.g., levels of cytokines such as IL-2 and 

TNF-α).  Photographs are examined to determine changes in reepithelialization and wound 

closure [2, 6, 26].  The applications of topical or systemic treatments are commonly involved in 

experiments to examine their effect [31 – 33].  Overall, the major advantages of in vivo models 

as compared to in vitro models is direct comparability and the ability to utilize genetically altered 
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animals that can more closely resemble the response of their compromised human counterparts 

(e.g., the use of diabetic animals allows for greater comparability to diabetes patients) [34]. 

 Few in vivo studies examining the interactions of P. aeruginosa and S. aureus (or 

MRSA) in co-culture biofilms exist [6, 26].  Studies that do exist have shown that P. aeruginosa 

acts to suppress the growth of S. aureus [6, 26].  This has been shown to occur less prominently 

in vivo than in vitro and is believed to be due to the immune systems presence [26].  P. 

aeruginosa has also been shown to increase the virulence of multiple S. aureus strains [6, 26].  

This may explain the longer observed healing times associated with polymicrobial biofilm 

wound infections.  In vivo experiments have also shown that a stronger immune response is 

elicited in the presence of polymicrobial biofilm infections compared to single-species biofilms 

[6].   

1.5.2 In Vitro Wound Models 

 In vitro models vary considerably with many studies and models using glass or 

polystyrene surfaces for the growth of biofilms [4, 7, 17].  Abiotic surfaces such as these are a 

major limitation for in vitro models as they do not accurately represent the wound environment.  

Skin-on-chip technologies have shown promise for the study of tissues in vitro; however, 

problems still exist when trying to apply these models to a wound biofilm scenario due to the 

lack of immune components [35, 36].  This was shown by Lee et al., (2011) when they attempted 

to grow S. epidermidis biofilms on an osteoblast three-dimensional bone matrix tissue culture 

[36]. 

 Continued challenges with the incorporation of mammalian cells and biotic tissues have 

led to the use of alternate tissue components [37 – 41].  The use of dermal skin compounds, 
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collagen and hyaluronan, for surface functionalization and incorporation into experiments has 

shown much promise [40, 41].  Collagen is the most abundant protein in the human body and is 

found to comprise most ECMs (as described in section 1.3) [22, 23, 40].  Hyaluronan, also 

known as hyaluronic acid, is a glycosaminoglycan that is commonly used as a component of 

skin-rejuvenation products.  Hyaluronan is known to act as a structural component in the ECM 

and helps to promote the growth of fibroblast cells (see section 1.3) [22, 23, 42].  In 

bioengineering applications, hyaluronan is commonly used as a primary component in the 

construction of artificial skin scaffolds and hydrogels [43 – 46].  Collagen and hyaluronan are 

therefore excellent alternatives for creating a wound-like environment for studying 

microorganisms and biofilms. 

1.5.2.1 Microfluidic Device Applications for Studying Biofilms 

 Compared to conventional methods for growing and analyzing biofilms, microfluidic 

platforms have many benefits.  Firstly, microfluidic devices consist of small channels (micron 

dimension as the name implies) that accurately mimic physiological sizes (e.g., blood vessels and 

capillaries) and fluid flow dynamics (laminar) [9, 47 – 53].  Microfluidic platforms are also easy 

to manipulate, transport, and control and require very small amounts of reagents and buffers for 

experiments [50 – 52].  Microfluidics can also allow for the entrapment of individual cells, and 

the study of cell swimming dynamics [50 – 52].   

 The precision associated with the fluid-flow characteristics is the main reason researchers 

have begun to move towards microfluidic and other lab on a chip options [50, 52, 53].  In the 

microchannels, fluids tend to exhibit laminar flow characteristics allowing controllable diffusion-

based mixing [50, 53].   
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 Microfluidic devices are also easy to manufacture, fabricate, and customize [52, 53].  

Fabrication can be done using a variety of methods.  Hot embossing and soft lithography are two 

popular methods for device fabrication [51, 53, 54].  Soft-lithographic techniques typically use 

silicon-based polymers such as polydimethylsiloxane (PDMS) and are the most commonly used 

[51, 53].  PDMS is a type of silicone rubber which is relatively inert.  As an alternative, 

polycarbonate and polymethylmethacrylate devices are available commercially for purchase 

[50].  Recently, microfluidic devices have been utilized to study the effects of fluid flow, shear 

force, antibiotic compounds (e.g., rifampicin), and dispersants (e.g., dispersant B) on the 

attachment and biofilm development of Acidovorax citrulli, Xylella fastidiosa, and S. epidermidis 

[47 – 49]. 

1.6 Atomic Force Microscopy Background 

 The atomic force microscope (AFM) is based on the scanning tunneling microscope 

(STM) and was developed by Binnig and Roher in 1982 [55].  The STM was a new non-optical 

microscope that allowed surface imaging at the atomic scale [56].  This allowed the direct 

imaging and manipulation of individual atoms; however, STM is a very challenging microscopy 

tool as it requires sample surfaces to be extremely stable, clean, and smooth along with 

vibrationally isolated sample stages [56].  STM works through quantum tunneling in which an 

AC bias voltage is applied to the STM tip [56].  This tip is then brought close enough to a sample 

for a tunnelling current to pass.  The resultant tunneling current between the atoms and tip is 

related to the position of the tip, atomic local density states, and the applied voltage to the tip.  X, 

Y, and Z directionality was originally controlled via a single-unit piezoelectric crystal; however, 

more recent designs have moved towards tripod-style piezoelectric crystals for improved 

vibrational stability and precision [55].  STM requires conductive samples for imaging and is 
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ideal for imaging on surface materials such as gold, graphite, carbon nanotubes, etc. [55].  Thus 

the way in which STM can be applied for imaging biological samples is limited.  Despite these 

limitations, imaging has been done on proteins, DNA, and viruses [55, 58]. 

1.6.1 Cantilevers and Tips 

 AFM was developed from the STM in 1986 by Binnig, Gerber, and Quate and was first 

made commercially available in 1989 [55, 58].  AFM does not rely on the need of sample 

conductivity for imaging [55].  Unlike STM, AFM was not primarily developed as a tool for 

electronically mapping surfaces, but as a tool for obtaining high resolution topographical images 

by using a sharp tip mounted onto the free end of a flexible cantilever (commonly made from an 

inert material like silicon or silicon nitride) [55, 59, 60].  AFM cantilevers and tips can be 

heavily customized and specifically tailored to individual research projects [55, 61].  Tips are 

typically either conical or pyramidal in shape; however, colloidal tips are also popular for 

measuring bacterial creep, and metal functionalized tips (gold or platinum) are also popular for 

performing electrostatic experiments [55, 61].   

 Cantilever tips are added onto cantilever base-units either by chemical or electron-beam 

deposition, with commercially available tip-apex diameters (for conical or pyramidal tips) 

ranging from 1 nm – 60 nm [55].   Distributors provide full cantilever characterization forms 

with information on cantilever work functions, resonant frequencies, spring constants, length, 

width, and thickness.   

 The main benefit of AFM over STM is that AFM imaging can be done in liquid, air, and 

under vacuum conditions [61].  Imaging in liquid is very appealing to biologists as the ability to 

image biological samples (which generally require a medium to remain alive) in their native 
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states provides more realistic data.  AFM does require that samples be securely adhered and 

immobilized to a surface as AFM imaging is done by raster scanning the cantilever tip across the 

sample [55].  Unsecured samples will be dragged or pushed during the raster scan and the final 

image will provide no useable information.  Tips and tip coatings can wear over time.  This is 

especially true from prolonged imaging on rough material surfaces.  Likewise, cantilever tips 

must be replaced occasionally to avoid tip effects in the collected images.    

1.6.2 Basic Imaging Principles  

 As mentioned in section 1.6.1, AFM operates by raster scanning across a sample surface 

in order to “feel” it.  To collect images from these scans, a laser is positioned onto the tip of the 

free end of the cantilever.  The laser is reflected from the free end of the cantilever and this 

reflected light is then sent to a four-quadrant photodiode (Figure 5 i).  In some cases the initial 

reflected light is reflected again off a mirror to reach the photodiode.  Deflections in the free end 

of the cantilever, from changes in surface topography during the raster scan, lead to deflections 

in the laser light into the photodiode.  These deflections are recorded as signal changes in the 

quadrants of the photodiode and are processed through a head electronics box (HEB) that 

converts signals into a topographical image.  The HEB can also provide information on the 

deflection (error) signal and phase shifts of the cantilever (if using an imaging mode in which the 

cantilever is resonated). 

1.6.3 Imaging Modes 

 AFMs operate in three modes: contact, non-contact, and intermittent-contact [55, 61].  In 

contact mode the cantilever is brought in contact with the sample surface and remains in contact 

while raster scanned.  It was initially believed that contact mode would not work for imaging 
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biological samples as researchers believed that applied forces by the tip on the sample would 

damage samples (i.e., cell lysis).  This was dismissed in the early 1990’s as tip applied forces 

range from pN to nN [55].  Contact mode is not typically used for live cell imaging since damage 

to the cell membrane can still occur.  Contact mode can be operated through the maintenance of 

a constant sample height, or alternatively, a constant tip force during raster scanning.  

 In non-contact mode, the cantilever is maintained at a set-point height above a sample 

and raster scanned.  The tip in this case may be oscillated while above the sample.  Deflections in 

the tip, or changes in amplitude or frequency of the oscillating tip, from changes in attractive or 

repulsive forces on the sample are used to generate various image maps.  These can include force 

maps relating to changing electrical or magnetic fields in certain regions of the sample [55, 60, 

61]. 

 Intermittent-contact (tapping) mode is the mode most commonly used for imaging 

biological samples [55].  The cantilever is oscillated at a set frequency (typically at or just below 

the cantilever’s first resonant frequency, f0).  As the tip is raster scanned it taps across the sample 

surface.  Changes in the frequency or amplitude of oscillation are used to generate topographical 

images as well as provide data on cantilever phase shifts.  In amplitude modulation (AM) mode 

the cantilever is typically resonated 5% below f0.  This is to prevent “jumping” of the cantilever 

into higher harmonics upon interaction with large or sudden changes in sample topography [55, 

59].  In frequency modulated (FM) mode the cantilever is typically resonated at f0.  In both AM 

and FM modes, shifts away from the set amplitude or frequency are nullified through a negative 

feedback loop.  Information about shifts away from the set amplitude or frequency is used for 

generating topography images.  For purely topographical imaging, AM mode is often preferred 

as FM mode is generally more sensitive and subsequently more difficult to stabilize.    
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1.7 Techniques for Measuring Cell and Surface Material Charges 

 Techniques for measuring the surface potentials of both individual cells and surfaces 

(Kelvin probe force microscopy), and zeta potentials of cell cultures (isoelectric point 

determination and dynamic light scattering/electrophoretic light scattering for zeta potential 

determination) are novel in their application to the study of polymicrobial biofilms and co-

culturing.  Some of these new and more conventional methods are described herein.  

1.7.1 Kelvin Probe Force Microscopy 

Kelvin probe force microscopy (KPFM) is an additional module of AFM that utilizes 

conductive AFM cantilevers (commonly platinum or gold coated) to measure the contact 

potential difference (CPD) between the cantilever tip and the sample surface [62, 63].  KPFM is 

most easily accomplished on conductive surfaces; however, samples do not necessarily have to 

be highly conductive as biological samples can be imaged without sputter coating or pre-

treatment.  Imaging can also be done on surfaces such as mica, glass, and silicon, as long as there 

is an underlying conductive material [64, 65].  In KPFM work, the CPD is equivalent to the 

surface potential difference, and is described as the difference between the work function of the 

tip and sample (φtip and φsample, respectively) divided by the negative electron charge (-e) [63].  

When the tip is brought within a distance, d, to the sample surface an electrostatic force (Fes) 

occurs due to the difference in tip and sample Fermi energies (Figure 5 ii a).  Also at this point, 

the vacuum energies (Ev) of the tip and sample are in equilibrium.  In KPFM, the tip acts as a 

parallel plate capacitor and is brought close enough to the sample surface to be in electrical 

contact [62, 63].  At this point the Fermi energies of the tip and sample become aligned (Figure 

5 ii b); however, a VCPD is now formed between the tip and sample because of the difference in 
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Ev’s and material work functions.  A Fes now acts on the electrical contact area from the formed 

VCPD and is nullified by the application of an external DC voltage (VDC) to the tip (Figure 5 ii c).  

This applied VDC is equal in magnitude, but opposite in sign, to the formed VCPD and acts to 

eliminate Fes and surface charges in the area of electrical contact between the tip and sample.  

Thus, the amount of applied VDC is used to determine the surface potential of the sample [63]. 

 In most KPFM methods, an external AC voltage (VAC) of approximately 100 mV – 500 

mV is applied in order to oscillate the cantilever and generate oscillating electrical forces 

between the tip and sample [62].  This leads to better resolution when interacting with small 

changes in VCPD and Fes on the sample [62].  Changes away from the set-point amplitude or 

frequency of the oscillating cantilever, due to changes in the electrical characteristics of the 

sample, can be used to generate surface potential maps.  These maps can be further analyzed to 

elucidate the electrical characteristics of a surface.  Maps showing the samples capacitance can 

also be collected. 

 KPFM, like AFM, is operated in three standard modes.  These include lift, AM, and FM 

modes [62, 66].  Lift mode was the initially used mode of KPFM and relies on a two-pass raster 

scan to obtain topography and surface potential images.  The initial pass records the topography 

in a manner similar to contact or intermittent-contact mode.  For the second pass, the cantilever 

is raised a defined distance above the sample (10 nm – 100 nm) and scanned back across the 

same area.  Raising of the tip above the sample ensures that only long-range Fes are measured; 

however, the two-pass method leads to longer imaging times compared to AM- and FM-KPFM 

modes.  Raising the tip above the sample for the second pass also decouples topography and 

surface potential images at the expense of improved resolution and sensitivity. 
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 AM- and FM-KPFM, similar to AM and FM modes of intermittent-contact modes for 

AFM, work by detecting changes in cantilever set-point amplitudes or frequencies due to 

changes in sample VCPD and Fes.  Both AM- and FM-KPFM operate using dual-frequencies to 

obtain topography and surface potential data simultaneously and have improved resolution and 

sensitivity [62].  In AM-KPFM the cantilever is mechanically oscillated at 5% below f0 to obtain 

topography images, and electrically oscillated at f1, to obtain surface potential information.  f0 

and f1 are typically separated by significant energies and frequencies such that topography and 

surface potential signal cross-talk is minimized [62].  Changes in the set-point amplitude of f1, 

due to changes in Fes and VCPD, provide surface potential information.  The AFM HEB separates 

out both frequency signals and simultaneously provides topography and surface potential images.  

FM-KPFM operates somewhat differently than AM-KPFM and measures changes in electrostatic 

force gradients rather than changes in Fes [63].  FM-KPFM utilizes dual frequencies to 

simultaneously collect topography and surface potential images; however, the second oscillation 

frequency is a modified frequency (fmod) that typically ranges between 1 kHz – 5 kHz.  Upon 

electrostatic interactions with the sample, f0 and fmod mix to produce side bands consisting of f0 

+/- fmod.  These sidebands are very sensitive to changes in Fes gradients and are separated out 

using the AFM HEB [63].   

 Overall, surface potential resolutions for AM- and FM-KPFM are 1 nm laterally [62, 63, 

66].  Currently, KPFM imaging can be done in non-polar liquids and recently have been shown 

to be operational in low-ionic (< 10 mM) polar liquids [67 – 70].  This was shown in newly 

developed open-loop KPFM modes that do not require a bias feedback, and as such obviate the 

application of a DC bias [68].  KPFM has not been successfully accomplished on live cells in 
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media solutions, as cell media solutions can contain large concentrations of ions which can lead 

to unwanted Faradaic reactions, ion diffusions, short-circuiting, and bias-induced charging [70]. 

 

Figure 5 – Working principles of atomic force microscope (i) and Kelvin probe force 

microscope (ii).  In AFM (i) a laser is aligned above the cantilever tip located at the cantilevers 

free-end.  The tip is raster scanned across the sample surface and deflections of the tip, due to 

changes in the samples topography, are collected in the photodiode from laser deflections.  

Information from the photodiode can be used to reconstitute a topographical image of the 

samples surface.  In KPFM (ii a), a conductive cantilever tip is brought within distance, d, of the 

sample such that the sample and tip are in electrical contact.  Once in electrical contact the tip 

and sample Fermi energies align (Eft and Efs) while their Ev’s become misaligned (ii b).  This 

leads to the formation of a VCPD and Fes between the tip and sample which is subsequently 

nullified by the application of an external VDC, which is equal in magnitude but opposite in sign 

to the VCPD (ii c).  This VDC is then used to determine the sample’s surface potential.  Figure 5 
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(ii) has been adopted and modified from [63].  Reprinted from Ref. [71] with permission from 

MyJoVE Corp.   

 

1.7.2 Techniques for Measuring the Electrical Characteristics of Cell Cultures 

 Alternative methods for measuring the electrical characteristics of microbial cell cultures 

include isoelectric point (IEP) and dynamic light scattering/electrophoretic light scattering.  

Unlike KPFM, these methods do not measure the surface potential of individual cells, but instead 

measure the electrical charges of whole cultures.  This is the major benefit of KPFM in 

comparison to IEP and dynamic light scattering (DLS) techniques.  IEP and DLS techniques 

have the benefit of measuring cell culture electrical charges from cells that are in their native 

state (alive in solution versus dead and dried on a surface, as is done in KPFM). 

1.7.2.1 Isoelectric Point Determination 

 IEP is commonly used in biochemical assays as a tool to select and identify specific 

amino acids based on their specific charge at a certain pH.  Because of its relation to solution pH, 

IEP is also commonly abbreviated to pI.  Continuing the example, amino acids range from being 

positive to neutral to negative in their overall charge.  In solutions of pH below an amino acids 

IEP, a net positive solution charge is observed, while solutions of pH above an amino acids IEP 

result in a net negative solution charge.  At the point where pH equals the IEP (aka, the pI) no net 

solution charge will be observed.  This working principle has thus applied to microbial cells.  

Studies have been done using IEP to measure microbial culture charges; however, IEP is highly 

dependent on the specific media in which the microorganisms were grown [72 – 73]. 
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1.7.2.2 Dynamic Light Scattering/Electrophoretic Light Scattering for Determining Zeta 

Potential 

 DLS has been used to measure zeta potentials.  Unlike IEP, which is a relatively crude 

method for measuring the electrical characteristics of cell cultures, zeta potential measurements 

using DLS are more accurate as they measure the electrophoretic mobility of colloidal particles 

in suspension under an applied electrical field [74, 75].  Colloidal particles with regards to this 

research represent bacterial cells (P. aeruginosa and MRSA).  Around every bacterial cell in a 

solution exists a layer of charged particles (Figure 6) [74 – 76].  One of these layers is known as 

the Stern layer.  This layer immediately surrounds the cell surface and contains strongly bound 

ions.  Ions in this region are typically positive as microorganisms are typically negatively 

charged.   

 Immediately outside the Stern layer exists an electrical double-layer slipping plane [74].  

Negative and positive ions are found in this region are not tightly bound to the inner Stern layer 

[74].  This electrical double layer is unique in that as the bacterial cells move through a solution, 

this layer moves with them [74].  The zeta potential is determined from this layer by examining 

the electrophoretic mobility of cells in an electrical field (typically 50 V – 100 V).   

 Factors including culture heterogeneity and cell elasticity are some characteristics that 

can influence the width of the electrical double layer [74, 75].  Heterogeneous cultures (i.e., 

those expressing various pili/fimbriae types) can lead to the formation of two separate and 

distinct zeta potential peaks in some cases [74, 76].  To our knowledge, this has not been seen 

with P. aeruginosa or MRSA cell cultures [77 – 79].         
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Figure 6 – Zeta potential determination using DLS.  Around every bacterial cell in a solution 

exists liquid layers of charged particles.  One of these layers, the Stern layer, immediately 

surrounds cells and contains strongly bound ions.  Outside the Stern layer exists an electrical 

double-layer where both negative and positive ions are found.  Particles in this double-layer are 

not bound tightly to the Stern layer.  The electrical potential on the boundary of this double-layer 

is where zeta potential is determined from the electrophoretic mobility cells in an electric field. 

 

1.8 Problem Statement 

 Due in part to the significance of MRSA and P. aeruginosa with regards to wound 

environments and healthcare systems, it is our goal to determine the interaction between P. 

aeruginosa and MRSA in co-culture.  Also, we look to explore their interaction with various 

material-surfaces and wound-relevant compounds.  Relevant material-surfaces include 

polystyrene, stainless steel, and gold.  Wound-relevant compounds include collagen and 
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hyaluronan as well as the proangiogenic cytokine VEGF.  These interactions will be analyzed 

using an array of biophysical and conventional tools/assays.  Biophysical tools include AFM, 

KPFM, DLS, and microfluidics.  Conventional tools/assays include microtiter plate assays 

(MPA) and selective dilution plating. 

 The application of KPFM for the study of wound biofilms is very novel and will help 

provide new insight into the electrical characteristics of individual cells.  Previous work with 

KPFM has shown that changes in cell metabolism are related to changes in cell surface potentials 

[65].  We wanted to examine the effects of co-culturing and material-surface on P. aeruginosa 

and MRSA metabolism using KPFM.  We believe that analysis of these microorganisms by 

using both novel and conventional tools/assays will help further elucidate the working 

mechanisms behind P. aeruginosa and MRSA’s interaction in the in vitro and wound 

environment.  It is also our hope that examination of the roles skin-relevant compounds and 

electrical charges play with regards to the adhesion kinetics of P. aeruginosa and MRSA will 

help with the design of future projects that may include the synthesis of new nano-coatings.  

Nano-coatings with inherent electrical charges could be developed and applied to medical 

surfaces and equipment (including other materials such as bandages and gauzes) in order to 

prevent microbial attachment.  The future examination of electrotherapy as an alternative method 

for biofilm removal and tissue debridement is also a promising future project.  Electrotherapy 

has the possibility to be a useful tool in biofilm control as it provides a non-chemical method for 

combating microbial infections and does not lead to further antimicrobial resistance.   
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2 METHODS 

2.1 Bacterial Strains and Culture Conditions 

 Bacterial strains for MPA and selective dilution plating experiments consisted of MRSA 

strains, M05-35 (aka, USA 100) and M05-86 (aka, USA 300), and P. aeruginosa strains, BK-68 

and BK-76.  MRSA USA 100 and USA 300 are well characterized strains that were initially 

obtained from human skin infections.  AFM, KPFM, zeta potential, and microfluidic experiments 

used only MRSA M05-35 and P. aeruginosa BK-76 strains.  P. aeruginosa BK-68 and BK-76 

strains were initially isolated from canine ear skin infections.  All microorganisms were obtained 

from the Center for Public Health and Animal Zoonoses at the Ontario Veterinary College.  All 

microorganisms have been previously characterized as moderate/high biofilm producers.   

 Microorganisms for all experiments were initially grown on Columbia 5% Sheep’s Blood 

Agar (SBA) plates from previously generated -80 
o
C frozen stocks.  Frozen stocks consisted of 

0.5 mL of overnight microbial cultures grown in tryptic soy broth (TSB) supplemented with 1% 

glucose (w/v) and 0.1% NaCl (w/v) and 0.5 mL of 40% glycerol (w/v) in water.  All TSB used 

throughout the experiments described within this thesis had the additions of 1% glucose (w/v) 

and 0.1% NaCl (w/v).  

 Streaked MRSA and P. aeruginosa plates were incubated at 37 
o
C for 24 hours in 

inverted positions in order to form single, well-defined, colonies.  Liquid cultures in TSB were 

generated by taking a single colony from SBA plates and inoculating into TSB.  These were 

grown overnight in a reciprocal shaker (200 rpm) at 37 
o
C for 24 hours.  This combination of 

rpm and temperature was used for growing all liquid microbial cultures throughout this research. 
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2.1.1 Standardization of Microbial Cultures and Co-culture Generation 

 For MPA experiments, overnight microbial cultures were standardized to a 0.5 

MacFarland standard (~ 1.5 x 10
8 

CFU/mL) in TSB (with previously mentioned supplements) 

prior to inoculation into the 350 μL wells.  1:1 co-cultures were generated in microtiter wells by 

the addition of 100 μL of P. aeruginosa and 100 μL of MRSA standardized cultures.  3:1 

MRSA:P. aeruginosa co-cultures were generated in microtiter wells by the addition of 150 μL of 

MRSA and 50 μL of P. aeruginosa standardized cultures. 

 For AFM, co-cultures were generated by adding single colonies of MRSA M05-35 and P. 

aeruginosa BK-76 to 5 mL of TSB.  These were then incubated in a reciprocal shaker for 24 

hours at 37 
o
C and 200 rpm. 

 Mono-cultures for selective dilution plating and zeta potential experiments were 

generated by taking overnight cultures and standardizing them to a 0.5 MacFarland standard in 

TSB.  1 mL of standardized culture was inoculated into 6 mL of fresh TSB and allowed to 

incubate for another 24 hours under conditions described in section 2.1.  Co-cultures for selective 

dilution plating, zeta potential, and KPFM experiments were generated by combining 

standardized mono-cultures.  1:1 co-cultures were generated by inoculating 1 mL of standardized 

cultures into 6 mL of TSB (1 mL MRSA and 1 mL P. aeruginosa for a total final volume of 8 

mL).  3:1 MRSA:P. aeruginosa co-cultures were generated by inoculating 1.5 mL of 

standardized MRSA cultures and 0.5 mL of P. aeruginosa standardized cultures into 6 mL of 

TSB (for a total final volume of 8 mL).  
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2.1.2 Microbial Culture Washing 

Microbial cultures were washed for AFM, KPFM, and zeta potential experiments.  For 

AFM, overnight microbial cultures were washed twice in deionized water at 1200 rpm for three 

minutes.  For KPFM, microbial cultures were washed twice in deionized water at 3000 rpm for 

three minutes.  For zeta potential experiments, microbial cultures were washed twice in 

deionized water at 5000 rpm for three minutes. 

2.2 Conventional Assays 

 Conventional assays consisted of the MPA (2.2.1), selective dilution plating (2.2.2), and 

zeta potential (2.2.3) experiments. 

2.2.1 Microtiter Plate Assay 

The goal of the MPA (Figure 7) was to determine the binding affinity of MRSA and P. 

aeruginosa in mono- and co-culture (1:1 and 3:1, MRSA:P. aeruginosa ratio) to varying ratios of 

collagen and hyaluronan.  Collagen:hyaluronan ratios consisted of 1:0, 3:1, 1:1, 1:3, and 0:1.  

The negative control consisted of inoculating 200 μL of sterile TSB to uncoated microtiter wells.  

All microtiter plate experiments were done in replicates of four.  Standard polystyrene 96-well 

plates were used.  The individual well capacity of each well was of 350 μL.  Prior to collagen 

coating and bacterial inoculation, microtiter plates were sterilized with a first wash of 70% 

isopropyl alcohol and a second wash of deionized water.  Plates were allowed to dry in a 

biosafety cabinet before use.   
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2.2.1.1 Collagen and Hyaluronan Coating of Microtiter Plate  

 Collagen (rat-tail collagen type I, 9.99 mg/mL, BD Biosciences) and hyaluronan (0.05 

mg/mL, Sigma Aldrich) solutions were prepared in 0.9% NaCl (w/v in water) at concentrations 

of 50 μg/mL.  This was done in a manner similar to that done by Werthen et al. [80].  300 μL of 

collagen and hyaluronan solutions were added to each well at the ratios previously described.  

Plates were then covered and allowed to incubate at 4 
o
C for 24 hours.  Remaining solutions in 

the wells were gently removed after 24 hours by inverting the plates over a sink and tapping 

them gently.  Plates were subsequently rinsed twice with 0.9% saline solution to remove any 

loosely attached coating.   

2.2.1.2 Quantification of Biofilms 

 After inoculation (microbial culture set-up described in 2.1.1), microtiter plates were 

covered in parafilm wax and incubated at 37 
o
C for 24 hours under static conditions to allow for 

biofilm formation.  After this time period, growth media was discarded by inverting the plates 

over a beaker and gently tapping the base of the plates.  This protocol for biofilm quantification 

is based on a modified protocol by Singh et al. [81].  Microtiter wells were washed three times 

with 200 μL aliquots of phosphate buffered saline (PBS, pH = 7.2) in order to remove poorly 

adhered cells.  Biofilms were then fixed at 60 
o
C for one hour.  Wells were then inoculated with 

200 μL of 0.1% crystal violet (w/v in water) and allowed to sit for 15 minutes at room 

temperature.  Crystal violet was then aspirated and the microtiter plates were subsequently 

washed with water and allowed to dry for one hour at 35 
o
C.  Stained biofilms were then re-

solubilized in 200 μL of 95% ethanol.  Optical Density (OD) measurements were then taken at 

room temperature at a wavelength of 562 nm. 
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Figure 7 – Summary of methods used for the microtiter plate assay after collagen and 

hyaluronan coating.  A negative control consisted of sterile TSB inoculated in replicates of four 

into uncoated microtiter plate wells. 

 

2.2.2 Selective Dilution Plating 

A selective dilution plating experiment was carried out after the MPA to quantify the 

effect of co-culturing on microbial cell counts (Figure 8).  

2.2.2.1 Dilutions and CFU/mL Determination 

 1 mL of the overnight mono-cultures and 1:1 and 3:1 MRSA:P. aeruginosa co-cultures 

(generated as described in 2.1 and 2.1.1) were inoculated into separate test tubes containing 9 mL 
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of PBS (pH = 7.4) in order to create a 10
-1

 dilution.  1 mL from the 10
-1

 dilution was then 

transferred to another test tube containing another 9 mL of PBS to create the next dilution, 10
-2

.  

This method was repeated until a 10
-7

 dilution was created for each microbial culture.  From each 

dilution set, 0.1 mL was then plated and grown inverted at 37 
o
C for 24 hours (Figure 8).  Mono-

cultures were plated on SBA plates while co-cultures were plated on Pseudomonas CFC Agar 

(Oxoid) and Staphylococcus Medium 110 (Oxoid) in order to select for P. aeruginosa and 

MRSA, respectively.  Plates containing between 25 and 250 colonies were used for determining 

bacterial CFU/mL.  All dilution plating was done in triplicate.  Overall, this experiment required 

the use of 378 agar plates (42 SBA, 168 Staphylococcus Medium 110, and 168 Pseudomonas 

CFC Agar plates). 
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Figure 8 – Selective plating dilution.  An overnight bacterial culture is serially diluted in a PBS 

solution.  0.1 mL aliquots from the dilutions are plated on agar media.  For this research, mono-

cultures were plated on SBA, while co-cultures were plated on Pseudomonas CFC Agar and 

Staphylococcus Media 110 plates which select for P. aeruginosa and MRSA, respectively.  All 

plates containing between 25 – 250 colonies were multiplied by their respective dilution factors 

and averaged to obtain an average CFU/mL value.  Data from triplicates was used to obtain an 

overall average CFU/mL for each cell/culture type and standard deviations.  

 

2.2.2.2 Selective Media 

 To select for P. aeruginosa BK-68 and BK-76, Pseudomonas CFC Agar was used.  This 

media consists of a standard agar base which includes gelatin peptone (16 g/L), casein 

hydrolysate (10 g/L), potassium sulphate (10 g/L), magnesium chloride (1.4 g/L), and agar (11 

g/L).  To this base, a CFC supplement containing cetrimide (10 mg/L), fucidin (fusidic acid, 10 



35 
 

 
 

mg/L), and cephalosporin (50 mg/L) was added in order to select against MRSA and other 

Gram-positive organisms by inhibiting their growth.   

 To select for MRSA M05-35 and M05-86, Staphylococcus Medium 110 was used.  This 

media does not contain an additional supplement like the Pseudomonas CFC Agar described 

above.  Staphylococcus Medium 110 contains yeast extract (2.5 g/L), tryptone (10 g/L), lactose 

(2 g/L), mannitol (10 g/L), sodium chloride (75 g/L), dipotassium hydrogen phosphate (5 g/L), 

gelatin (30 g/L), and agar (15 g/L).  This agar is selective for pathogenic staphylococci mainly 

due to its high salt content (NaCl, 75 g/L) which deters the growth of Gram-negative 

microorganisms.   

2.2.2.3 Competitive Index and Relative Increase Ratio Calculations 

 CFU/mL results from the selective dilution plating were used to determine the effects of 

P. aeruginosa on MRSA growth in mono-culture versus co-culture by calculating the 

competitive index (CI) and relative increase ratios (RIRs) of MRSA relative to P. aeruginosa.  

Both CI and RIR were calculated by comparing initial inoculum CFU/mL rates to CFU/mL rates 

after 24 hours.  CI values of MRSA on P. aeruginosa were calculated using co-culture data.  CI 

was calculated by dividing the ratio of MRSA:P. aeruginosa CFU/mL at 24 hours by the ratio of 

MRSA:P. aeruginosa CFU/mL at 0 hours.  RIR values of MRSA were calculated using mono-

culture data by dividing 24 hour MRSA CFU/mL values by 24 hour P. aeruginosa CFU/mL 

values.   

2.2.3 Zeta Potential Determination 

 Apparent zeta potentials were determined from six overall readings using a Malvern 

Instruments Zetasizer Nano Z DLS instrument.  For zeta potential experiments, MRSA M05-35 
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and P. aeruginosa BK-76 mono- and co-cultures were re-suspended in PBS (pH = 7.4) after cell 

washing (see 2.1.2) and standardized to a 0.5 MacFarland standard.  Standardized cultures were 

loaded into a plastic DLS disposable loading cell.  Prior to, and between sample loadings, the 

loading cell was washed thoroughly with deionized water.  A voltage difference of 50 V was 

applied to the loading cell and the velocities of the cells were measured using a patented 

interferometric technique known as M3-PALS unique to the Malvern DLS instrument (involves 

phase analysis of scattered light).  This technique allowed the calculation of the electrophoretic 

mobility of the bacterial cells (in this case the colloidal particles in suspension) and lead to the 

determination of zeta potentials.  All zeta potential measurements were done at 25 
o
C. 

2.3 Non-Conventional Assays and Tools  

Non-conventional assays and tools used for further examining the interactions of MRSA and P. 

aeruginosa in co-culture and on various material-substrates included atomic force microscopy, 

Kelvin probe force microscopy, and microfluidic assay experiments.  

2.3.1 Atomic Force Microscopy 

All AFM imaging was performed using an Agilent 5500 series ILM-AFM under ambient 

conditions in intermittent-contact mode.  AppNano SPM Probe ACL Model cantilevers were 

used for imaging.  ACL Model cantilevers are made of silicon with pyramidal tips and have a 

nominal spring constant, frequency, length, width, thickness, and tip apex size of 50 N/m, 190 

kHz, 225 μm, 40 μm, 7.8 μm, and < 10 nm, respectively.    
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2.3.1.1 Examination of Cell-Cell Interactions and Changes in Cell Size from Co-culturing 

From re-suspended washed cells (see 2.1.2), 200 μL of P. aeruginosa BK-76 and MRSA 

M05-35 mono-culture and co-culture cell suspensions were pipetted onto mica sheets pre-coated 

with gelatin (0.005 g/mL).  Mica sheets were pre-coated with gelatin to ensure cell attachment.  

Prior to AFM examination, microbial cultures were incubated on the coated mica sheets for 30 

minutes at room temperature.  The mica sheets were subsequently rinsed with 1 mL of deionized 

water and allowed to dry overnight leaning against a petri plate.  

To determine if co-culturing led to changes in the morphology of microbial cells, 

measurements were done on five representative cells from mono- and co-cultures.  Length and 

width measurements were taken for P. aeruginosa BK-76 cells and diameters were measured for 

MRSA M05-35 cells.  Length and width measurements were taken across the center portion of 

P. aeruginosa cells. 

2.3.2 Kelvin Probe Force Microscopy 

 All KPFM imaging was performed using Agilent 5500 series ILM-AFM under ambient 

conditions.  Platinum coated conductive DPE (low noise) cantilevers (Mikromasch) were used, 

with an average resonant frequency, spring constant, and tip-apex diameter of 80 kHz, 2.7 N/m, 

and 40 nm, respectively.  DPE cantilevers are made of a base material of n-type silicon coated 

with platinum.  For FM-KPFM, the surface potential of 15 cells from each culture type was 

collected.  FM-KPFM images were taken with 512 x 512 resolutions with imaging windows 

ranging from 5 μm x 5 μm to 10 μm x 10 μm.  Images were collected at raster scan speeds of 

0.02 – 0.05 lines/second with a set FM-KPFM cantilever frequency of 5 kHz.  Integral and 

proportional gains for FM-KPFM were set at 0.3% for all images with a bandwidth of 2 kHz for 
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surface potential data collection.  Post-image FM-KPFM analysis was done using Agilent Pico 

Image software.  Data for substrate surface potential was collected from three separate 5 μm x 5 

μm scanned areas. 

2.3.3 Microfluidic Motility Assay 

2.3.3.1 Device Overview and Characterization 

 The microfluidic device used for analysis of P. aeruginosa BK-76 single-cell swimming 

dynamics in the presence of varying VEGF concentrations consisted of a central seeding/viewing 

channel and two feeder channels.  Feeder channels are connected to the central channel by ~ 800 

nm pores at the viewing window in order to generate chemical gradients.  Inlet and outlet holes 

are at the ends of the channels to allow for the introduction and exit of fluids from the device.  

With regards to this experiment, P. aeruginosa BK-76 cells were inoculated into the central 

seeding channel where the micro-environment can be manipulated by solutions in the feeder 

channels.   

Initial device characterization was accomplished by Evan Wright, an undergraduate 

engineering summer student at the BioNano Laboratory, and consisted of a diffusion assay using 

fluorescein and Texas Red (both at 5 μM concentrations) whose molecular weights are known 

(332.31 g/mol and 625.15 g/mol, respectively).  Both dyes were injected into feeder channels, 

individually and separately, at a rate of 30 μL/hour.  The diffusion of each dye was viewed using 

an ILM microscope with green and red optical filters.  The diffusion profile of each dye is shown 

in Figure 9.  

The microfluidic silicon device mold was further characterized under a scanning electron 

microscope (SEM) to acquire device dimensions.  This can be seen in Figure 10 along with an 
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ILM image of the final PDMS device main channel area (labelled chemotaxis channel) and 

feeder channels.    

 

Figure 9 – Diffusion assay microfluidic device characterization.  (a) Representative overlaid 

fluorescent image showing the concentration gradient of fluorescein and Texas Red dyes.  (b) 

Diagram showing the averaged pixel intensity of the dyes across the center channels width.  Both 

dyes were flowed through the device at rates of 30 μL/hour.  Reprinted from Ref. [82] with 

permission from Royal Society of Chemistry.  

 

 

Figure 10 – Microfluidic device dimensions.  (a) SEM image of the microfluidic silicon device 

mold with channel dimensions displayed.  (b) The main channel area (labelled chemotaxis 

channel) and feeder channels of the final PDMS microfluidic device as viewed using ILM.  The 



40 
 

 
 

inset image on (b) shows a magnified image of the feeder channel wall with connecter channels 

(~ 800 nm wide).  The overall device channel depth is 10 μm.  Posts in the center channel are for 

structural support in order to prevent channel collapse.  Reprinted from Ref. [82] with permission 

from Royal Society of Chemistry. 

 

2.3.3.2 Bacterial Strains and Cell Culturing Conditions 

P. aeruginosa BK-76 was used throughout the microfluidic work.  Overnight cultures 

were grown in 6 mL TSB under conditions described in section 2.1.  A 100 μL subculture was 

inoculated into 5 mL of fresh TSB and incubated for 4 hours in order to dilute and refresh the 

cells, and put back into the exponential growth phase.  Cells were then inoculated into the 

microfluidic device for motility studies.   

2.3.3.3 Device Fabrication 

 Microfluidic device preparation began with preparing the master mold via the process of 

silanization under a vacuum in a desiccator for 12 hours.  15 g of PDMS was mixed in a 1:10 

ratio with an elastomer curing agent and poured on top of the silanized master mold in a petri 

plate.  The poured PDMS was then desiccated for one hour to remove air bubbles.  After this step 

the device was baked at 60 
o
C for four hours to allow for the PDMS to crosslink and solidify.  

The PDMS device was then excised using a scalpel.  Inlet and outlet holes were punched (0.75 

mm), and the device was plasma cleaned along with a glass microscope slide (75 mm x 25 mm x 

1 mm) for 30 seconds.  The PDMS device and glass slide were placed together and allowed to 

permanently bond.  An example of the completed microfluidic device, with inlet and outlet 

tubing attached, is shown in Figure 11.       
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Figure 11 – Final fabricated PDMS device bonded to a glass cover slip with inlet and outlet 

tubes added (i and ii).  A Canadian five cent coin is used to show the relative scale of the 

completed device.  (i) The microfluidic device as viewed from above showing the relative VEGF 

concentrations used.  (ii) Side view of the device showing the inserted inlet and outlet tubing 

more clearly.  
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2.3.3.4 Experimental Setup 

 Prior to microbial inoculation, the microfluidic device was filled with 0.1% bovine serum 

albumin (BSA) and allowed to sit for 20 minutes with inlet and outlet holes plugged with PDMS 

blocks.  After this time, channels were rinsed once with distilled water.  BSA was added in order 

to prevent microbial attachment to the glass slide which occurred readily without this pre-

treatment.  P. aeruginosa BK-76 was then inoculated into the center channel through the inlet 

tubing.  Once the channel was filled with P. aeruginosa the inlet and outlet tubing was plugged 

with binder clips.  A baseline motility was first determined for P. aeruginosa by flowing PBS 

(pH = 7.4) through both feeder channels at 30 μL/hour using a syringe pump.  VEGF solutions 

(0.1 ng/mL, 1 ng/mL, and 10 ng/mL in PBS) and PBS were then flowed through the feeder 

channels to create VEGF diffusion gradients across the center channel.  Outlet tubing for the 

feeder channels was connected to waste collection beakers.  After 30 minutes of flow, 20 second 

videos of the center channel were captured at 614 x 512 resolutions with 40 ms exposure, 2 x 

analog gain, and a frame rate of 15 fps. 

2.3.3.5 Data Analysis of Swimming Cells 

 Video and image analysis were carried out using the publicly available ImageJ software 

(http://rsb.info.nih.gov/ij/).  Captured videos were then split into 10 second sections and 

processed individually with the background being removed to exclude non-motile cells.  The 

default threshold algorithm was then applied to the videos, and cells were tracked manually 

frame by frame (using a Manual Tracking Plugin).  Raw data results were exported to the 

Chemotaxis and Migration Tool for analysis and motility metrics determination.  Cell metrics 

included the Forward Migration Index (FMI), accumulated distance, Euclidean distance, 
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velocity, center of mass, and directness.  FMI (X and Y) represent the efficiency of cell 

migration with regards to X and Y axes; accumulated distance refers to the total distance 

individual cells have travelled; Euclidean distance refers to the length of the line segment 

connecting the initial and final positions of the cell’s trajectory; center of mass refers to the 

spatial average of individual cell endpoints; directness refers to the linearity of the cell’s 

movement, and is calculated by comparing Euclidean distance and accumulated distances.  In 

total, 30 cells were analyzed for the baseline motility and for each VEGF concentration.   

2.4 Statistical Analysis 

 Statistical analysis of all data was performed on commercially available software (R 

Open Source Statistical Programming).  A student’s t-test was done to compare groups with P < 

0.05 being considered significant.    

3 RESULTS AND DISCUSSION 

3.1 Microtiter Plate Assay 

3.1.1 Collagen and Hyaluronan Coatings Led to Increased P. aeruginosa and MRSA 

Biofilm Formation 

 Examination of P. aeruginosa BK-68 biofilm growth on coated and uncoated wells 

showed that coated wells led to the production of more biofilm after 24 hours (Figure 12).  This 

was only to a significant extent for pure collagen and 1:3 collagen:hyaluronan coatings (P = 

0.019 and P = 0.023, respectively).  The highest and lowest biofilm productions were seen in 3:1 

collagen:hyaluronan (OD = 1.73) and 1:1 collagen-coated wells (OD = 1.39), respectively.  

Similar to BK-68, P. aeruginosa BK-76 showed higher biofilm formation on coated versus 
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uncoated wells; however, not to a significant extent in most cases (Figure 12).  Exceptions were 

observed for pure collagen and pure hyaluronan wells (P = 0.031 and P = 0.040, respectively), 

with the collagen well showing the greatest overall biofilm production (OD = 3.71).  Like BK-

68, the 1:1 collagen:hyaluronan well showed the least biofilm formation among the coated wells 

for BK-76 (OD = 2.66).  Among the well coating variations, no significant differences were 

observed for both P. aeruginosa strains.  This indicates that for P. aeruginosa, no particular well 

coating promoted greater or lesser biofilm formation. 

 Coated wells had a larger effect on biofilm production for MRSA strains (Figure 12).  

For both strains, coated wells led to significantly higher biofilm production (P < 0.05 in all 

cases).  For both MRSA M05-35 and M05-86, collagen wells lead to the greatest significant 

increase in biofilm production (compared to uncoated wells, Figure 12, P < 0.001 for both 

strains).  Another interesting observation was that all collagen:hyaluronan wells led to 

significantly less biofilm production than pure hyaluronan wells for M05-35.  Even though the 

pure collagen well showed the highest biofilm formation, it was not to a significant amount 

compared to the other coated wells.  Significant differences for M05-86 biofilm formation 

among well coating types included a significant decrease in biofilm formation in 1:3 and 1:1 

collagen:hyaluronan wells compared to pure collagen wells (P = 0.005 and P = 0.002, 

respectively). 
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Figure 12 – Biofilm formation for mono-cultures of P. aeruginosa and MRSA.  P. 

aeruginosa BK-68 and BK-76 are shown as PA-68 and PA-76 and MRSA M05-35 and M05-86 

are shown as MRSA-35 and MRSA-86.  Collagen and hyaluronan coatings enhanced biofilm 

production in both species.  Biofilms formed were observed at 562 nm after crystal violet 

staining.  Coating types are shown in the X-axis (COL and HA represent collagen and 

hyaluronan, respectively).  

 

From these results we conclude that pure collagen coatings appear to be the most 

effective substrate for microbial attachment and biofilm formation for all species.  Furthermore, 

this data shows that P. aeruginosa and MRSA binding and biofilm formation is enhanced in the 
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presence of these skin-relevant compounds.  It is also apparent that MRSA attachment, which is 

immobile, and thus relies more heavily on adhesion proteins for attachment, is more affected by 

the presence of collagen and hyaluronan.  Ultimately we do not know if binding to these skin 

compounds is preferential and due to their intrinsic and physical properties compared to other 

coating types.  We can conclude that collagen and hyaluronan do promote binding and enhance 

biofilm formation in these microorganisms.  This further implicates the role these compounds 

may play in the initial attachment of microorganisms to the wound site. 

Comparing P. aeruginosa and MRSA, it was shown that P. aeruginosa biofilm formation 

was less enhanced than MRSA's by collagen and hyaluronan coatings.  This is most likely due to 

P. aeruginosa’s greater general efficiency to attach to surfaces, probably through the active use 

of its TFP [27].  Other than previously mentioned adhesion proteins (e.g., ClfB and Eap), MRSA 

may rely on eDNA, phenol-soluble modulins, polysaccharide intracellular adhesions, 

accumulated-associated proteins, and MSCRAMMs (microbial surface components recognizing 

adhesive matrix molecules) to improve its surface attachment efficiency [83].  Other factors such 

as cell surface charge and material-surface properties, such as roughness and wettability, have 

also been shown to affect cell attachment [84, 85].   

P. aeruginosa BK-68 and BK-76 are relatively new isolated strains.  Differences between 

these strains have not been determined through either genomic or proteomic analysis.  Thus, 

differences in the binding abilities between these strains cannot be fully explained, other than 

possible differences in TFP or fimL genes [86].  Additional studies are therefore warranted to 

characterize these microbes and their binding profiles.  Differences between the MRSA strains 

binding capacities may be attributed to genetic differences between the strains.  MRSA M05-86 

(aka, MRSA USA 300) has 228 genes that are not present in MRSA M05-35 (aka, MRSA USA 
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100) [87].  The absence of fnbA, fnbB, and ebh genes in M05-35, which are attributed to cell 

surface adhesion functions, may explain the binding differences between M05-86 and M05-35 

strains [87]. 

3.1.2 Co-culturing Led to Decreases in Biofilm Formation for P. aeruginosa and MRSA 

1:1 and 3:1 MRSA:P. aeruginosa co-cultures were grown to determine the impact of co-

culturing on biofilm formation.  1:1 co-cultures were examined first and were grown on the same 

well types as mono-cultures.  As can be seen in Figure 13, compared to mono-culture biofilms, 

nearly all 1:1 co-cultures produced significantly less biofilm when comparing similar well types 

(P < 0.05).  Exceptions include MRSA M05-35 to P. aeruginosa BK-76:MRSA M05-35 on 1:1 

and 1:3 collagen:hyaluronan wells (P = 0.529 and P = 0.069, respectively), MRSA M05-35 to P. 

aeruginosa BK-68:MRSA M05-35 on uncoated wells (P = 0.695), MRSA M05-86 to P. 

aeruginosa BK-68:MRSA M05-86 on all coated wells (P > 0.05), and MRSA M05-86 to P. 

aeruginosa BK-76:MRSA M05-86 on 1:3 collagen:hyaluronan and pure hyaluronan wells (P = 

0.103 and P = 0.053, respectively). 

No significant differences were observed for biofilm biomass between any of the wells 

that contained P. aeruginosa BK-68:MRSA M05-35 and P. aeruginosa BK-68:MRSA M05-86 

co-cultures.  P. aeruginosa BK-76:MRSA M05-35 co-cultures showed significantly higher 

biofilm formation in pure collagen wells than in pure hyaluronan and uncoated wells (P = 0.047 

and P = 0.010, respectively).  For P. aeruginosa BK-76:MRSA M05-35 co-cultures, 1:1 

collagen:hyaluronan wells led to significantly higher biofilm formation compared to 3:1 

collagen:hyaluronan, 1:3 collagen:hyaluronan, hyaluronan, and uncoated wells (P < 0.05), with 

1:1 collagen:hyaluronan wells leading to the highest overall biofilm production for this co-
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culture.  Also, higher biofilm formation was observed between 3:1 collagen:hyaluronan wells, 

and both hyaluronan and uncoated wells (P = 0.040 and P = 0.002, respectively).  Among the P. 

aeruginosa BK-76:MRSA M05-86 co-culture, pure hyaluronan and 1:1 collagen:hyaluronan 

wells led to significantly less biofilm production than pure collagen wells (P = 0.013 and P = 

0.018, respectively). 

 

Figure 13 - Biofilm formation for 1:1 co-cultures of P. aeruginosa and MRSA.  P. 

aeruginosa BK-68 and BK-76 are shown as PA-68 and PA-76 and MRSA M05-35 and M05-86 

are shown as MRSA-35 and MRSA-86.  Collagen and hyaluronan coatings did little to enhance 

biofilm production for co-cultures, as competition effects most likely led to decreased biofilm 

formation compared to mono-culture levels.  Biofilms formed were observed at 562 nm after 
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crystal violet staining.  Coating types are shown in the X-axis (COL and HA represent collagen 

and hyaluronan, respectively). 

Co-culture results imply that the competitive effect between P. aeruginosa and MRSA is 

likely the culprit for the observed decreases in biofilm formation.  It has been previously shown 

that in vitro, P. aeruginosa affects the growth and attachment of S. aureus and MRSA [20].  

Thus, the results shown here appear to be in keeping with the expected outcomes.  Previous 

studies have shown that co-culture biofilms containing P. aeruginosa and MRSA are “thinner” 

and structurally weaker than their mono-culture biofilm counterparts [20].   

The results point to a competitive interaction between P. aeruginosa and MRSA species.  

This may be due to nutrient or co-factor (e.g., iron) competition as well as competition for 

binding sites (“real-estate”).  P. aeruginosa has also been shown to release a variety of volatile 

compounds, chemical signals, and metabolites that have been shown to affect the growth and 

biofilm forming abilities of other microorganisms [88, 89].  Compounds such as pyocyanin have 

been shown to arrest S. aureus growth by inhibiting cellular cytochromes responsible for cell 

respiration [89].  In vitro systems can act to concentrate these compounds and metabolites and 

can lead to an exaggerated decrease in the viability and biofilm production of MRSA compared 

to what may be seen at the wound site.  It should be noted that P. aeruginosa does not 

completely inhibit MRSA growth and biofilm formation as these two microorganisms are 

commonly seen together in biofilms [20].  It has also been shown that P. aeruginosa TFP are an 

essential element in the process of S. aureus microcolony formation [20].  P. aeruginosa has also 

been shown to have a protective capacity with S. aureus, in particular against Dictyostelium 

discoideum [20].  Thus, even though P. aeruginosa affects MRSA’s biofilm formation it has 

been reported to enhance MRSA’s attachment capabilities and protect it against other 

microorganisms. 
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In order to determine if a higher initial MRSA inoculum in co-cultures would lead to a 

change in the results observed in 1:1 co-cultures, a 3x higher initial MRSA concentration was 

inoculated into co-cultures with P. aeruginosa.  Thus, 3:1 MRSA:P. aeruginosa co-cultures were 

generated (Figure 14).  Unexpectedly, 3:1 co-cultures showed few significant differences, 

compared to 1:1 co-cultures, and biofilm production decreased compared to mono-cultures.  

Exceptions in biofilm production between 1:1 and 3:1 co-cultures included significantly higher 

biofilm production for P. aeruginosa BK-68:MRSA M05-35 co-cultures (OD = 0.88) compared 

to 3:1 MRSA M05-35:P. aeruginosa BK-68 co-cultures (OD = 0.50) in 1:3 collagen:hyaluronan 

wells (P = 0.040).  A significant increase in biofilm formation was also observed in 3:1 MRSA 

M05-35:P. aeruginosa BK-76 co-cultures compared to P. aeruginosa BK-76:MRSA M05-35 co-

cultures in pure collagen wells (P = 0.025).  Other significant differences between 1:1 and 3:1 

co-cultures included significant decreases in biofilm formation for 3:1 MRSA M05-86:P. 

aeruginosa BK-68 compared to P. aeruginosa BK-68:MRSA M05-86 on 3:1 

collagen:hyaluronan, 1:1 collagen:hyaluronan, 1:3 collagen:hyaluronan, and uncoated wells (P < 

0.05 in all cases).  Even though these differences existed in biofilm formation between 1:1 and 

3:1 co-cultures, the absence of an overall defining trend led us to conclude that increasing the 

inoculum of MRSA did little to improve MRSA biofilm production compared to those observed 

from 1:1 co-cultures.  

 Similar to 1:1 co-cultures, no overall unifying trend was observed in which one particular 

well coating type led to significantly higher biofilm production for 3:1 co-cultures.  3:1 co-

culture results imply that coating type was less relevant as competition effects between P. 

aeruginosa and MRSA likely dominated over biofilm production. 
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Figure 14 - Biofilm formation for 3:1 MRSA:P. aeruginosa co-cultures.  P. aeruginosa BK-

68 and BK-76 are shown as PA-68 and PA-76 and MRSA M05-35 and M05-86 are shown as 

MRSA-35 and MRSA-86.  Collagen and hyaluronan coatings did little to enhance biofilm 

production for 3:1 co-cultures, as competition effects most likely led to decreased biofilm 

formation compared to mono-culture levels.  Increasing the initial inoculum of MRSA in co-

cultures did not lead to overall increasing trends in biofilm production compared to 1:1 co-

cultures.  Biofilms that formed were observed at 562 nm after crystal violet staining.  Coating 

types are shown in the X-axis (COL and HA represent collagen and hyaluronan, respectively). 
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3.2 Selective Dilution Plating 

3.2.1 Decreases in CFU/mL were observed in Co-cultures for both P. aeruginosa and 

MRSA 

 To complement the MPA and determine the effects of co-culturing on CFU/mL for both 

P. aeruginosa and MRSA species, a selective plating dilution set was carried out.  Again, 1:1 and 

3:1 MRSA:P. aeruginosa co-cultures were examined.  From mono-culture results it was apparent 

that MRSA grew to higher cell numbers after 24 hours compared to P. aeruginosa (Figure 15).  

Comparing this result to mono-culture biofilm formation rates (Figure 12), it can be concluded 

that even though P. aeruginosa does not grow as quickly as MRSA, it is a higher biofilm former.  

This is true for both P. aeruginosa strains.   

 Both 1:1 and 3:1 co-culturing led to significant decreases in microbial cell counts (Figure 

16 and 17 for 1:1 and 3:1 co-cultures, respectively.  P < 0.05 for all species with the exception of 

mono-culture P. aeruginosa BK-76 cell counts compared to P. aeruginosa BK-76 cell counts 

from 1:1 P. aeruginosa BK-76:MRSA M05-35, P = 0.109).  MRSA cell counts were shown to 

be the most affected from co-culturing, which was expected.  Increasing the initial MRSA 

inoculum for 3:1 co-cultures, led to decreases in MRSA cell counts compared to mono-cultures.  

Compared to 1:1 co-cultures, 3:1 co-cultures showed higher MRSA cell counts, but again, the 

larger MRSA inoculum did not restore MRSA cell counts to mono-culture levels.  As expected, 

P. aeruginosa cell counts were shown to be more affected in 3:1 co-cultures.   

 These results show that P. aeruginosa and MRSA do not help to promote each other’s 

growth in vitro.  This was shown by the large decreases in cell counts for both species from co-

cultures.  Thus, it can be said that the competitive effects between these microbes are significant 
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and lead to decreases in cell numbers as well as decreases in biofilm production (Figures 12, 13, 

and 14).  The greater decrease in MRSA cell counts upon co-culturing indicates that P. 

aeruginosa clearly acts as the dominating microbial species.  Even though P. aeruginosa grew 

more slowly than MRSA, it produced more biofilm and was less affected by the presence of 

MRSA in co-cultures.     

 

Figure 15 - P. aeruginosa and MRSA mono-culture cell counts.  P. aeruginosa BK-68 and 

BK-76 are shown here as PA-68 and PA-76, respectively.  MRSA M05-35 and M05-86 are 

shown here as MRSA-35 and MRSA-86, respectively.  CFU/mL values from mono-cultures 

were subsequently compared and contrasted to CFU/mL values from 1:1 and 3:1 MRSA:P. 

aeruginosa co-cultures.  MRSA strains showed higher CFU/mL values than P. aeruginosa 

strains.  Mono-culture CFU/mL values for each species were as follows (from largest to 

smallest): MRSA M05-86 (4.04 x 10
9
), MRSA M05-35 (3.97 x 10

9
), P. aeruginosa BK-68 (2.70 

x 10
9
), and P. aeruginosa BK-76 (2.01 x 10

9
).  Note that initial inoculum concentrations were ~ 

1.5 x 10
8 

CFU/mL for all species. 
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Figure 16 – P. aeruginosa and MRSA 1:1 co-culture cell count.  P. aeruginosa BK-68 and 

BK-76 are shown here as PA-68 and PA-76, respectively.  MRSA M05-35 and M05-86 are 

shown here as MRSA-35 and MRSA-86, respectively.  Co-culturing led to decreases in P. 

aeruginosa and MRSA counts with MRSA being affected the most.  Note that initial inoculum 

concentrations were ~ 1.5 x 10
8
 CFU/mL for all species.  Also note the change in the Y-axis 

scale from the mono-culture graph.   
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Figure 17 - 3:1 MRSA:P. aeruginosa co-culture cell count.  P. aeruginosa BK-68 and BK-76 

are shown here as PA-68 and PA-76, respectively.  MRSA M05-35 and M05-86 are shown here 

as MRSA-35 and MRSA-86, respectively.  MRSA cell counts were less affected in 3:1 co-

cultures compared to 1:1 co-cultures.  This is attributed to the higher initial MRSA inoculum. 

Co-culturing led to decreases in P. aeruginosa and MRSA counts.  Note that initial inoculum 

concentrations were ~ 2.25 x 10
8
 CFU/mL for MRSA and ~ 0.75 x 10

8 
CFU/mL for P. 

aeruginosa.  Also note the change in the Y-axis scale from the mono-culture graph.   
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3.2.2 Competitive Index and Relative Increase Ratio 

 Selective dilution plating results were used to quantify the competitive effects of P. 

aeruginosa and MRSA by calculating the CI and RIR of MRSA relative to P. aeruginosa in 1:1 

and 3:1 co-cultures.  This is shown in Figure 18.  CI and RIR calculations quantify the exact 

competitive nature between the species and their relative ability to compete.  CI and RIR 

calculations are based on the susceptible microbial species, which in this case is MRSA.  RIR 

values above 1 would indicate that MRSA grew faster over 24 hours compared to P. aeruginosa.  

CI values above 1 would indicate that MRSA out-competed P. aeruginosa in co-culture.  It was 

determined that in all cases, MRSA’s RIR was over 1 and MRSA’s CI was below 1.   
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Figure 18 - Competitive index (CI) and relative increase ratio (RIR).  CI was calculated as 

the ratio of bacterial burdens between the resistant strain (in this case P. aeruginosa, because of 

its known ability to affect MRSA) and susceptible strain (MRSA), divided by the corresponding 

CFU/mL ratio of the inoculums.  Co-culture data from selective dilution plating experiments was 

used to calculate CI (CI = ((CFU/mL MRSA at 24 hours)/(CFU/mL P. aeruginosa at 24 

hours))/(ratio of CFU/mL of MRSA and P. aeruginosa initial inoculums at time = 0)).  RIR was 

calculated using mono-culture information from selective dilution plating experiments after 24 

hours, and is calculated in a similar fashion to CI.  P. aeruginosa BK-68 and BK-76 are shown 

here as PA-68 and PA-76, respectively.  MRSA M05-35 and M05-86 are shown here as MRSA-

35 and MRSA-86, respectively.  Even with a 3x higher initial inoculum, MRSA was still unable 

to out-compete P. aeruginosa.  This was shown by all MRSA CIs being below 1 for 3:1 co-

cultures. 
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3.3 Atomic Force Microscopy to Determine if Co-culturing Leads to Changes in Cell 

Morphology 

 To determine whether or not co-culturing led to changes in cell morphology or cell 

aggregation onto surfaces, AFM images were collected of mono- and co-cultures (Figure 19).  

Co-cultures were generated as described in section 2.1.1.  P. aeruginosa BK-76 and MRSA 

M05-35 were used for AFM work.  Imaging was done and the overall appearance and integrity 

of the cells was monitored to determine whether possible compounds or metabolites from P. 

aeruginosa led to noticeable defects in MRSA cell morphology and cell aggregation.  Little to no 

changes in P. aeruginosa cell membranes were observed; however, changes in cell aggregation 

were seen.  Mono-culture images revealed that P. aeruginosa cells typically aggregated in 

groups of five or more.  Co-culturing led to the appearance of smaller cell aggregates (P. 

aeruginosa cells were seen mostly as individual cells or two-cell aggregates).  This may be due 

to the presence of MRSA, but could also be due to the surface material or coating type.  As is 

shown later in the KPFM results (section 3.4), P. aeruginosa cell aggregates (of five or more 

cells) were present on poly-L-lysine functionalized stainless steel and gold surfaces in mono- and 

co-cultures.  For MRSA cells, little or no changes in cell morphology or cell aggregation were 

seen between mono- and co-cultures.  We were able to collect a single image of a MRSA cell in 

the process of lysis while appearing to be “attacked” (speculative) by a P. aeruginosa cell.  

 Cell size measurements were taken of five representative cells from each culture type.  

The results from these measurements are shown in Table 1.  Results showed that co-culturing 

did not lead to significant changes in cell dimensions.  Thus we conclude that the inhibitory and 

competitive effects of P. aeruginosa on MRSA do not lead to changes in cell morphology.  The 
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presence of MRSA may however be responsible for disrupting P. aeruginosa cell aggregates on 

gelatin-coated mica.     
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Figure 19 - Atomic force microscopy of P. aeruginosa and MRSA in mono- and co-culture 

on gelatin-coated mica.  (A & B) showing an image of P. aeruginosa BK-76 mono-culture and 
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two individual cells with flagella.  (C) showing MRSA M05-35 cell aggregation in mono-

culture.  (D & E) showing co-culturing of P. aeruginosa BK-76 and MRSA M05-35.  (D) 

showing a view of the co-culture with P. aeruginosa BK-76 single and attached cells.  (E) 

showing two attached P. aeruginosa BK-76 cells “attacking” (speculative) a single MRSA M05-

35 cell with the appearance of spilled cytoplasmic contents.  Imaging was done in air under 

ambient conditions.  Reprinted from Ref. [90] with permission from BioMed Central. 

 

Table 1 – Average cell dimensions as determined by AFM measurements.  A total of five 

representative cells from each cell type/culture type adhered to gelatin-coated mica were used for 

measurements.  Significance in diameters, widths, and lengths between cells are noted below.  

Reprinted from Ref. [91] with permission from Royal Society of Chemistry.   

Cell Type Length Width Diameter Significant 

Difference 

MRSA --- --- 1.59 µm +/- 0.27 

µm 

 

 

No (P = 0.828) MRSA (co-culture)   1.54 µm +/- 0.31 

µm 

P. aeruginosa 2.50 µm +/- 

0.35 µm 

1.13 µm +/- 0.10 

µm 

---  

Length: No  

(P = 0.452) 

Width: No  

(P = 0.871) 

 

P. aeruginosa  

(co-culture) 

2.65 µm +/- 

0.25 µm 

1.15 µm +/- 0.23 

µm 

--- 

 

3.4 Kelvin Probe Force Microscopy 

 Many previous studies have examined the genetic and physiological effects from co-

culturing MRSA and P. aeruginosa.  However, few studies have been done showing the 

influence that physical factors have on the virulence of MRSA and P. aeruginosa.  Also, studies 

examining physical effects, such as surface charge, surface porosity, hardness, hydrophobicity, 

etc., on microbial attachment are few.  Previous work has shown that surfaces with increased 

porosity and hardness, decreased hydrophobicity, electrical homogeneity, and positive surface 

potentials help to improve microbial attachment [64, 65, 92 – 95].  Previous work has 
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demonstrated that bacterial surface charge is related to its outer membrane or envelope structure 

[96].  It has also been shown that interactions with various natural surfaces can lead to changes in 

microbial envelope charge [96].  Changes in cell surface potentials have also been associated 

with changes in cell metabolism [65].   

 For this thesis, we employed FM-KPFM to examine the inter-microbial and microbial-

surface interactions at the micro- and nano-scale levels.  FM-KPFM, like other KPFM modes 

described previously, allows for the ability to capture surface potential images or maps.  An 

example of this can be seen in Figure 20. 
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Figure 20 - Topography and surface potential maps of mono- and co-cultures on poly-L-

lysine coated stainless steel and gold surfaces.  Surface potentials were not homogeneously 
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and equally distributed across surface materials.  This charge heterogeneity was more apparent 

on clean (non-functionalized) surfaces and may explain the appearance of larger error bars 

compared to poly-L-lysine functionalized surfaces.  Reprinted from Ref. [91] with permission 

from Royal Society of Chemistry. 

 

 P. aeruginosa BK-76 and MRSA M05-35 mono- and 1:1 co-cultures were examined.  

Co-culturing was done in order to determine if co-culturing would lead to changes in cell surface 

potential.  Microorganisms were attached to stainless steel and gold surfaces.  Two material-

surfaces were utilized to determine if the surface type would lead to changes in cell membrane 

potential. 

 Initial attempts to adhere P. aeruginosa and MRSA cultures to stainless steel and gold 

surfaces proved unsuccessful even after three hours of static incubation.  FM-KPFM scans of 5 

μm x 5 μm clean stainless steel and gold surfaces revealed overall negative charges.  Stainless 

steel and gold showed significantly different charges (-0.04 V and -0.13 V, respectively, P = 

0.047).  Previous studies have shown that microorganisms in liquid culture typically show 

negative surface potentials.  This can be attributed to the chemistry of Gram-negative and Gram-

positive microbial membranes/cell walls (e.g., the presence of negatively charged phosphate 

groups in Gram-negative membranes and teichoic acid in the Gram-positive cell wall) [85].  

Prior knowledge of this chemistry led us to predict that P. aeruginosa and MRSA would not 

attach to negatively charged surfaces, and this was observed. 

 To shift the charge of the material-surfaces from negative to positive, poly-L-lysine was 

used to functionalize stainless steel and gold.  FM-KPFM scans of functionalized surfaces 

revealed overall positive charges for both surfaces with stainless steel and gold showing overall 

surface charges of 0.13 V.  P. aeruginosa and MRSA were incubated for 30 minutes on the 
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material-surfaces.  Longer incubations of microbial cultures on functionalized surfaces led to cell 

overcrowding and uninteresting KPFM images (we ideally wanted to show the cell surface and 

material-surface for contrast). 

As seen in Figure 21, comparing P. aeruginosa cell surface potentials between mono- 

and co-cultures revealed that significant differences existed on stainless steel and gold surfaces.  

For mono-cultures, P. aeruginosa cells showed positive surface potentials on both surfaces (0.22 

V on stainless steel and 0.15 V on gold, P = 0.016).  A similar trend was observed for P. 

aeruginosa in co-culture, which showed cell surface potentials of 0.29 V and 0.15 V on stainless 

steel and gold surfaces, respectively (P < 0.001).  For P. aeruginosa in both mono- and co-

cultures, higher cell surface potentials were observed on stainless steel.  Thus it was concluded 

that the type of material-surface influenced cell surface potential for P. aeruginosa.  Next we 

compared P. aeruginosa mono- and co-cultures that were incubated on similar material-surfaces.  

We determined that significant differences existed between mono- and co-cultures on stainless 

steel (P = 0.003), while no significant difference was observed on gold (P = 0.831).  Figure 22 

shows the full capabilities of KPFM post-image processing.  Here, cross-sectional surface 

potential data is extracted from an image of P. aeruginosa cells in mono-culture on gold. 

For MRSA in mono- and co-cultures, significant differences were seen for cell surface 

potentials on stainless steel and gold substrates.  Significant differences were also seen between 

MRSA cells in mono- and co-cultures.  The effect of surface material on MRSA cell surface 

potential shifts was most dramatically observed in mono-culture.  Mono-cultures showed charges 

of 0.16 V and -0.02 V on stainless steel and gold surfaces (P < 0.001), respectively.  This was a 

major shift in cell surface potential, and further confirms that material-surface type affects cell 

surface charge.  Changes in cell surface charges are most importantly representative of changes 
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in a cell’s metabolism [65].  Cell surface charges have also been shown to change during cell 

development [65].  What is shown here is that the material-surface type is affecting the cell’s 

metabolism for both P. aeruginosa and more drastically for MRSA.  Like P. aeruginosa, MRSA 

mono- and co-cultures exhibited higher surface potentials on stainless steel.  Shifts to large 

positive surface potentials were observed on MRSA cells in co-culture on gold and stainless steel 

(0.26 V and 0.33 V, respectively, P < 0.001).  Comparisons between MRSA cells in mono- and 

co-cultures on similar material-surfaces showed significant increases in MRSA cell surface 

potentials for co-cultures. 

FM-KPFM results (Figure 21) show that material-surface effects exhibit a significant influence 

on cell surface potential; however, co-culturing overshadows material-surface effects on MRSA.  

We believe that the stronger effect of co-culturing on shifts in cell surface potentials for MRSA 

is due to its susceptibility to P. aeruginosa.  P. aeruginosa cell surface potentials were shown to 

be less affected by co-culturing.  Previous results from selective dilution plating experiments and 

CI and RIR data analysis help to confirm this conclusion.   



67 
 

 
 

 

Figure 21 - Electrical surface potentials of material-surfaces and cell membranes.  Data was 

collected from mono- and co-cultures on poly-L-lysine functionalized surfaces after 30 minutes 

of incubation.  Surface potentials were not homogeneously and equally distributed across 

material-surfaces.  Heterogeneous charge distributions were more apparent on clean (non-

functionalized) surfaces and may explain the presence of larger error bars on clean surfaces 

compared to poly-L-lysine functionalized surfaces.  PA = P. aeruginosa, SS = stainless steel.  SS 

and gold substrates without the preface “clean” are poly-L-lysine functionalized.  Note that the 

different number of asterisks on the different bars refers to the related groups that were 

compared, and represents significant differences between those groups (P < 0.05).  Reprinted 

from Ref. [91] with permission from Royal Society of Chemistry. 
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Figure 22 - Step-height surface potential image of P. aeruginosa on poly-L-lysine 

functionalized gold.  Using post-image processing software, a step-height graph was generated 

in order to show the capabilities of the software, as well as, the difference in surface potential 

between the material-surface and cell membrane.  The cross-sectional area chosen is represented 

on the corresponding surface potential map with the grey-blue line.  A shift from ~ 0.10 V on the 

cell surface to ~ 0.30 V on the substrate surface is clearly apparent (light-blue line in surface 

potential map on the left). 

 

3.5 Zeta Potential Determination on MRSA and P. aeruginosa Mono- and Co-cultures 

 DLS was employed as an alternative method to collect information on P. aeruginosa BK-

76 and MRSA M05-35 cell charges in mono- and co-cultures in PBS (Figure 23).  Like other 

alternative methods for measuring cell charges, such as IEP, charges are measured from whole 

cultures.  Unlike IEP, zeta potential determination through DLS is more accurate and can be 

collected from colloidal particles with diameters as small 3.8 nm.  As explained in section 

1.7.2.2, around every bacterial cell suspended in a solution exists a variety of charge layers.  Zeta 

potential is measured from the Stern layer (Figure 6).  Zeta potential measurements for P. 
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aeruginosa, MRSA, and the 1:1 co-culture were -13.48 mV, -12.77 mV, and -12.23 mV, 

respectively.  The appearance of negative zeta potentials was expected.  This is in contrast to the 

majority of results shown from FM-KPFM work.  It should be noted that these two measurement 

techniques are not comparable, with zeta potential results from DLS representing the more 

realistic cell charges.  This is because, unlike in KPFM where cells are dried and dead on 

surfaces, cells in DLS are alive and in their native state while zeta potentials measurements are 

collected.  Thus, the cell surface potentials observed in KPFM work should only be used for 

measuring general shifts and changes in cell surface potential from different experimental 

treatments.  As mentioned in section 1.7.1, efforts are being made to develop KPFM for imaging 

in polar solutions; however, the development of this is in its infancy and shows much promise 

for advancing live-cell imaging. 

 

Figure 23 - Zeta potential measurements of MRSA, P. aeruginosa, and a 1:1 co-culture.  

Measurements were taken at 25 
o
C with an applied voltage of 50 V.  Zeta potential was 
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determined using phase analysis of scattered light by the colloidal particles suspended in the PBS 

medium.  Zeta potentials were determined from an average of six measurements and were -12.77 

mV for MRSA, -13.48 mV for P. aeruginosa, and -12.23 mV for the 1:1 co-culture.  Reprinted 

from Ref. [91] with permission from Royal Society of Chemistry. 

 

3.6 Microfluidic VEGF Concentration Gradients Reveal Chemoattractive Effects on P. 

aeruginosa  

 VEGF concentration gradients were generated using a three-channel microfluidic device.  

This device and the methods used for analyzing the single-cell swimming characteristics of P. 

aeruginosa BK-76 are both described in section 2.3.3.  Three concentration gradients of VEGF 

(see section 1.3 for a full description of VEGFs role in wound healing) were generated inside the 

device in order to determine the effect of this wound-relevant cytokine on P. aeruginosa BK-76 

motility.  MRSA was not examined here as it is not actively motile, and relies primarily on 

Brownian motion and fluid flow for motility.  Three concentrations of VEGF were examined: 0.1 

ng/mL, 1 ng/mL, and 10 ng/mL.  These concentrations were chosen as they are representative of 

blood serum and wound-site VEGF levels prior to and during wound healing.  VEGF 

concentrations of 0.1 ng/mL are typical serum levels prior to a wounding event [97].  1 ng/mL 

represents typical blood serum level of VEGF at the seven day point in wound healing (can reach 

a peak at the 14 day mark with 2 ng/mL concentrations) [97].  10 ng/mL represents a 

concentration of VEGF that would be detected in wound fluids about four days after wounding 

[98].  VEGF serum and wound-site concentrations can vary between individuals [98].  Other 

factors such as age, underlying medical issues, and the severity of wounding affect relative 

serum and wound-site VEGF concentrations [99, 100]. 
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Image J software with the manual tracking plugin was used to track the movement of 30 

P. aeruginosa cells.  The motions of P. aeruginosa cells are shown in Figures 24 – 27.   No 

noticeable difference in cell pathways were observed between baseline and 0.1 ng/mL VEGF cell 

(Figure 24 and 25); however, as the concentration of VEGF increased, changes in cell 

movement and tracking up the concentration gradient were observed (Figure 26 and 27). 

 

Figure 24 – Baseline motility and cell paths for 30 examined P. aeruginosa BK-76 cells. 
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Figure 25 – Motility and cell paths of P. aeruginosa BK-76 cells in a 0.1 ng/mL VEGF 

concentration gradient.  For context, the VEGF concentration gradient (from high to low) runs 

from left to right.  30 cells were examined. 

 

 

Figure 26 – Motility and cell paths of P. aeruginosa BK-76 cells in a 1 ng/mL VEGF 

concentration gradient.  For context, the VEGF concentration gradient (from high to low) runs 

from left to right.  30 cells were examined. 
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Figure 27 – Motility and cell paths of P. aeruginosa BK-76 cells in a 10 ng/mL VEGF 

concentration gradient.  For context, the VEGF concentration gradient (from high to low) runs 

from left to right.  30 cells were examined. 

 

Cell metrics showed changes in cell FMIs (Figure 28), directness (Figure 29), and 

velocities (Figure 30) under increasing VEGF concentration gradients.  FMIs showed that as 

VEGF concentration gradients increased, the overall cell group’s migration efficiency towards 

the VEGF source increased.  This is shown by increasingly negative FMI X values (due to the 

VEGF source orientation).  FMI Y values are shown in Figure 28, but are of less importance and 

value with regard to this P. aeruginosa BK-76 cell motility study.  The directness of single-cells 

increased as VEGF concentrations increased.  This means that cells travelled from their initial to 

final positions more directly under increasing VEGF concentration gradients.  This indicates that 

P. aeruginosa cells tumbled less and were attracted to VEGF sources.  With regards to 

significance, cell directness under all VEGF concentrations was significantly different (P < 0.005 
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in all cases) from baseline values.  Between VEGF concentrations, it was found that 0.1 ng/mL 

and 10 ng/mL significantly differed in directness (P = 0.031) with cells in 10 ng/mL gradients 

showing increased directness.  Cell velocities did not show a well-defined overall trend 

(compared to FMI and directness) under increasing VEGF concentration gradients.  The highest 

cell velocities were observed for cells in the 10 ng/mL concentration gradients (maximum 

observed cell velocity was 26.63 μm/s).  Significant differences in velocity occurred between 

baseline, and 0.1 ng/ml and 10 ng/mL VEGF concentrations (P < 0.001 in both cases).  Between 

VEGF concentrations, significant differences were observed between 0.1 ng/mL and 1 ng/mL 

concentrations (P = 0.018), and between 1 ng/mL and 10 ng/mL concentrations (P < 0.005). 

 

Figure 28 – Forward migration indices of P. aeruginosa BK-76 cell groups in varying 

VEGF concentration gradients.  Increasingly negative FMI X values indicate that cell groups 
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more efficiently migrated up the VEGF concentration gradient.  Negative values for FMI X are 

due to the microfluidic device orientation, as VEGF concentration gradients were generated from 

left (negative) to right (positive) across the chemotaxis area.  Thus, migration towards the VEGF 

source would be shown by negative values. 

 

 

Figure 29 – The directness of P. aeruginosa BK-76 cells in VEGF concentration gradients.  

Increasingly FMI X values indicate that cell groups had more direct paths with regards to 

migrating up VEGF concentration gradients.   
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Figure 30 – P. aeruginosa BK-76 cell velocities in VEGF concentration gradients.  Results 

show that up until 10 ng/mL concentrations, P. aeruginosa cell velocities remain relatively 

similar.  The highest cell speeds were seen in 10 ng/mL VEGF gradients, with the highest 

recorded cell speed being 26.63 μm/s.   

 

Extraneous cell metrics, such as center of mass, accumulated distance, and Euclidean 

distance are summarized in Table 2.  From Table 2 it is observed that the center of mass X 

component increased (in magnitude) upon increasing VEGF concentrations.  This further shows 

that the center of the observed cell groups shifted towards and up the VEGF concentration 

gradients.  This shift was more apparent under higher VEGF concentrations.  Decreasing 

accumulated distances and increasing Euclidean distances under increasing VEGF concentration 

gradients show that cells moved with increased directionality in the presence of higher VEGF 
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concentrations.  This was expected as accumulated distance and Euclidean distance are used for 

directness calculations. 

Table 2 – Extraneous P. aeruginosa BK-76 cell swimming metrics.  Center of mass describes 

the overall change in position of the cell group’s center.  Increasingly negative X values indicate 

that cell group’s migrated up the VEGF concentration gradient.  Negative values for center of 

mass X are due to the microfluidic device orientation, as the VEGF concentration gradients were 

generated from left (negative) to right (positive) across the chemotaxis area.  Thus, a cell-group’s 

shift towards the VEGF source would be shown in negative values.  Accumulated and Euclidean 

distances are used in determining the directness of cell motility.  Accumulated distance 

represents the total distance travelled.  Euclidean distance represents the distance between start 

and end point of a cell’s trajectory.   

 Baseline 0.1 ng/mL 1 ng/mL 10 ng/mL 

Center of Mass X -0.98 -0.69 -2.39 -5.87 

Center of Mass Y 0.52 -0.08 -0.81 -0.75 

Accumulated 

Distance (μm) 

26.30 +/- 8.63 23.78 +/- 12.72 19.02 +/- 9.35 17.83 +/- 9.49 

Euclidean 

Distance (μm) 

5.68 +/- 3.03 6.89 +/- 2.86 6.34 +/- 3.15 7.61 +/- 3.76 

 

We hypothesised that VEGF would act as a chemoattractant and that increasing VEGF 

concentration gradients would lead to biases in cell movements up the concentration gradient.  

While our hypotheses were confirmed through subsequent experimentation, it would be 

interesting to have seen how other cytokine and wound-related molecules would affect the 

motility of P. aeruginosa.  However, due to time constraints we were limited to examining P. 

aeruginosa BK-76 and VEGF.  It was expected that P. aeruginosa would be attracted to VEGF 

as an amino acid nutrient source.  This study suggests that VEGF concentrations at, and possibly 

around, the perimeter of wound sites (typically ≥ 10 ng/mL) act to attract possible motile 

opportunistic pathogens to the wound site.  This is not beneficial for the process of wound 

healing; however, other elements of wound healing obviously combat the minor effect VEGF 

may have as a chemoattractant. 
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4 CONCLUSIONS 

 Polymicrobial interactions and biofilms, with regards to chronic wound healing, are an 

important research venture as most wound biofilms exist in a polymicrobial state.  The study of 

microorganisms in mono-cultures with regards to medical research is important for fully 

characterizing individual microorganisms; however, examination of how microorganisms 

interact with different species is important in providing information on synergistic or competitive 

effects.  Polymicrobial and biofilm studies are important and have revealed some of the complex 

ways in which microorganisms interact. 

 For this thesis we examined the interactions of P. aeruginosa and MRSA on various 

surfaces and the effects of co-culturing on biofilm formation, cell counts, and cell metabolism.  

This was done using MPA, selective dilution plating, KPFM and DLS.  MPA results revealed 

that co-culturing (1:1 and 3:1 MRSA:P. aeruginosa) led to significant decreases in biofilm 

formation.  Surface coatings of collagen and hyaluronan were shown to improve mono-culture 

biofilm formation compared to uncoated polystyrene wells; however, upon co-culturing, surface 

coatings did not appear to provide any benefit to biofilm formation.  This was likely due to 

overwhelming competitive effects between P. aeruginosa and MRSA.  Subsequent selective 

dilution plating experiments confirmed that P. aeruginosa and MRSA do act competitively, with 

MRSA being the susceptible species.  It was found that even though MRSA grew to higher cell 

counts after 24 hours, P. aeruginosa cell counts in 1:1 and 3:1 MRSA:P. aeruginosa co-cultures 

dwarfed those of MRSA.  Selective dilution plating results in combination with MPA results also 

led us to conclude that P. aeruginosa is a greater biofilm producer than MRSA, even though it 

grows at a slower rate.  
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 KPFM and DLS were used to determine the effects of material-surfaces and co-culturing 

on cell metabolism (observed indirectly by changes in cell surface potentials and cell culture zeta 

potentials, for KPFM and DLS respectively).  It was found that the type of material-surface P. 

aeruginosa and MRSA attached to affected their electrical charge characteristics after time 

periods of only 30 minutes.  It was further shown that MRSA’s electrical charge characteristics 

were more affected by co-culturing.  We believe this is because MRSA is the susceptible species 

in co-culture with P. aeruginosa.  DLS was used as an alternative method to measure zeta 

potentials, which more accurately represents the electrical characteristics of P. aeruginosa and 

MRSA (mono- and co-cultures) in their native state.  KPFM work was good for showing general 

trends and shifts in microbial cell surface potential; however, due to cell preparation for KPFM 

measurements (cell death and drying), KPFM surface potential values do not represent realistic 

native cell surface charges.  Research and development of KPFM techniques that can measure 

electrical surface potentials in ionic solution show promise.  Commercialization of these new 

KPFM techniques would allow for more realistic measurements of biological systems. 

 Finally, microfluidic work showed that increasing concentrations of VEGF led to changes 

in the motility patterns of P. aeruginosa cells.  VEGF acted as a chemoattractant and led to cell 

movements up concentration gradients.  Time constraints prevented us from exploring other 

wound-related compounds and their effects on P. aeruginosa motility. 

 Genomic and proteomic analysis, as well as examination of the distribution of P. 

aeruginosa and MRSA in co-culture biofilms will provide more insight on their exact 

polymicrobial nature and interactions.  These stand as promising future experiments and projects.  

Also, the fabrication and construction of a microfluidic device using hydrogels would have 

provided more realistic in vitro results (with regards to the swimming dynamics of P. 
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aeruginosa); however, due to time constraints we were limited to a simpler device.  A hydrogel 

device would also allow for examination of P. aeruginosa’s possible ability to penetrate through 

hydrogels to reach chemoattractants. 
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