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ABSTRACT

DEVELOPING METHODOLOGIES FOR THE INVESTIGATION OF FREE-LIVING
AMOEBA AS A TOOL FOR PATHOGEN SURVEILLANCE ON DAIRY FARMS AND
FISHERIES

John M. McLean
University of Guelph, 2014

Advisor:
Dr. Lucy Mutharia

Free-living amoeba are phagocytic protozoans that act as environmental reservoirs,
a protective niche, and a vehicle for transmission for amoeba-resistant bacterial pathogens.
Many amoeba-resistant bacteria have been identified using only laboratory-adapted
Acanthamoeba. We isolated resident amoeba from target environments of dairy farms and
aquaculture settings to evaluate their use as a pathogen detection tool. Amoeba were only
isolated from 3 of 23 (13%) environmental samples using established methods. A two-step
sample decontamination protocol was developed and led to the isolation of 14 additional
amoeba. An amoeba co-culture method was developed to assess the survival of 12
mycobacterial species within environmental and laboratory-adapted amoeba. Major strain
differences were observed at the amoeba level which had drastic effects on the survival of
different bacterial species within individual amoeba. Targeted isolation of resident bacteria
from soils and feces using amoebal enrichment protocols were unsuccessful. However, the
methodologies developed in this study provide a valid technical starting point for future
studies.
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Chapter 1.0: Introduction
Amoeba are a diverse group of unicellular protozoans that differ from other protozoans
by their characteristic amoeboid movement, facilitated by cytoplasmic extensions known as
pseudopodia. Amoeba co-evolved with environmental microorganisms resulting in many
bacterial species becoming resistant to amoebal killing, allowing them to survive and even
multiply within amoebal hosts (Adiba et al., 2010). Many virulence factors required for intraamoebal survival of pathogens mirror those required for macrophage resistance in mammalian
hosts (Segal and Shuman, 1999, Swanson and Hammer, 2000). In some cases, pathogenic
bacteria utilize free-living amoeba as a “Trojan horse”, allowing them to enter the host protected
and undetected (Barker and Brown, 1994). In the case of the best studied amoeba-resistant
bacterium, Legionella pneumophila, amoeba act as a vector for transmission and a training
ground for the selection and up-regulation of virulence factors (Molmeret et al., 2005, Swanson
and Hammer, 2000). The study of amoeba-resistant bacteria has garnered attention in the
scientific community and led to the identification of an increasing number of bacteria and other
microorganisms as amoeba resistant (reviewed by Greub and Raoult, 2004).
Our current understanding of the diversity of free-living amoeba in the environment is
limited. This is in part due to a lack of established methodologies for isolation and identification
of free-living amoeba (Szenasi et al., 1998). The ability of most amoeba-resistant bacteria to
survive within environmental amoeba has not been tested experimentally. Additionally, there is
no consensus on the criteria by which a microorganism is deemed to be amoeba-resistant. This
review highlights characteristics of free-living amoeba with specific attention to their
interactions with bacteria, highlighting the role of free-living amoeba in the persistence,
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transmission and protection of bacterial pathogens. Additionally, the use of amoeba as a tool for
the selective enrichment and detection of bacterial pathogens will be discussed in detail.
1.1. Free-living Amoeba
Free-living amoebae are a diverse group of unicellular protozoans that are inhabitants of
both natural and man-made environments (Le Calvez et al., 2012). Throughout this review
“amoeba” will be used as a blanket term to describe protozoans that utilize cytoplasmic
extensions, known as pseudopodia, as a primary means of locomotion, and does not necessarily
refer specifically to members of the genus Amoeba (Figure 1.1). Many of the most commonly
isolated and well-studied amoeboid organisms belong to the genera Acanthamoeba,
Hartmannella and Naegleria (Hsu et al., 2011). These amoebae can be found in both terrestrial
and aquatic systems, having been isolated from soil, dust, biofilms, residential water towers,
hospital water networks, and salt water bodies (Shoff et al., 2008, Thomas et al., 2008, Sriram et
al., 2008). Free-living amoeba rely on endocytic pathways to obtain nutrients, primarily by
phagocytosis of microorganisms including bacteria, fungi, algae, other protozoans, as well as
large viruses present in the environment (Avery et al., 1995). They graze voraciously in the
environment and will even take up inert particles by non-specific pinocytosis (Alsam et al.,
2005).
Some amoebae are primary pathogens of humans and other vertebrate hosts (MarcianoCabral, 2009). Most are opportunists that infect immunocompromised people, but can also cause
serious skin, respiratory and nervous system infections in healthy individuals (Visvesvara et al.,
2007). Four genera of free-living amoeba contain species that are pathogenic to humans;
Balamuthia, Acanthamoeba, Naegleria and Sappinia (Visvesvara et al., 2007). Free-living
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Figure 1.1. Locomotive form of a single Naegleria australiensis trophozoite as it moves by the
action of cytoplasmic extensions known as pseudopodia. Pseudopodia are a defining
characteristic of free-living amoeba. Arrows indicate direction of movement. For reference, Ps
shows hyaline pseudopod formation and Nu is the nucleus. Bars represent 10µm.
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amoeba not only can cause disease, but may also harbour and transmit pathogenic
microorganisms (Rowbotham, 1980).
Species of Acanthamoeba are the most frequently isolated free-living amoeba from both
clinical and environmental samples and have thus been the focus of some genetic studies
(Coulon et al., 2010). Pulsed field gel electrophoresis was used to resolve 20 small chromosomes
in Acanthamoeba castellanii, ranging from 2×105-2×106 base pairs, indicating a total genome
size of ~3×107 base pairs (Rimm et al., 1988). A survey of the Aca. castellanii genome revealed
a larger biosynthetic capacity relative to Dictyostelium discoideum and the parasitic amoeba,
Entamoeba histolytica, as highlighted in Table 1.1 (Anderson et al., 2005). The apparent ability
of Aca. castellanii to synthesize a wider range of amino acids, nucleotides and metabolic
precursors relative to social D. discoideum and parasitic E. histolytica may explain its ability to
thrive under a range of environmental conditions, its culturability in laboratory settings and its
extensive use as a model organism for amoeba research.
The molecular mechanisms for phagocytosis by Acanthamoeba are poorly understood but
likely very closely resemble those of the mammalian macrophage (Anderem and Underhill,
1999).The events leading to phagocytosis by Acanthamoeba are shown in Figure 1.2.
Phagocytosis is facilitated by actin-based cytoskeletal rearrangements, likely coordinated by Src
kinase (Ostap et al., 2003, Siddiqui et al., 2012). Alsam et al. (2005) showed that amoeba treated
with the actin-polymerisation inhibitor, cytochalasin D, lose their phagocytic ability. Free-living
amoeba can discriminate digestible and non-digestible particles, likely due to cell-surface
interactions with carbohydrates on the microbial cell surface (Alsam et al., 2005). Although
amoeba will take up non-digestible particles, they rapidly exocytose these in favour of
additional, potentially digestible particles (Bowers and Olszewski, 1983). For phagocytosis of
4

Table 1.1. Predicted biosynthetic pathways possessed by the free-living, Aca. castellanii, the
social amoeba, D. discoideum and the parasitic amoeba, E. histolytica by a genomic sequence
survey at 0.5× coverage. + indicates evidence for the presence of genes involved in given
biosynthetic pathway. - indicates no evidence for the presence of genes involved in given
biosynthetic pathway. Summarized from Anderson et al., 2005.

Biosynthetic
Pathway for:
Arginine
Histidine
Serine
Cysteine
Threonine
Tryptophan
Methionine
Deoxynucleotides
Purines
Pyrimidines
Thymidylate

Aca. castellanii

+
+
+
+
+
+
+
+
+
+
+
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D. discoideum

E. histolytica

+
+
+
+
+
+
+

+
+
-

Actin-based
cytoskeleton
rearrangements
lead to uptake

Figure 1.2. An overview of the phagocytic uptake and metabolism of bacteria by free-living
amoeba. 1. Interactions between mannose residues on bacterial cell surface and amoebal
mannose-binding proteins triggers 2. uptake by actin-based cytoskeleton rearrangements causing
engulfment of bacteria into a phagosome. 3. Phagosome containing internalized bacteria fuses
with amoebal lysosome, acidifies by the action of H+ ATPase and delivers lysosomal acid
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hydrolases to begin metabolism of internalized bacterial cell structures. 4. Degradation products
are expelled by exocytosis. (McLean, J. 2013).
bacteria, this discrimination is thought to be due to cell-surface mannose-binding proteins on the
amoeba that recognise bacterial cells targeted for phagocytosis, similar to the mannose receptor
utilized by the macrophage to bind pathogen-associated molecular patterns (PAMPs) (Allen and
Dawidowicz, 1990, Anderem and Underhill, 1999). In vitro studies demonstrated that addition of
exogenous mannose reduced the ability of Aca. castellanii to successfully phagocytose
Escherichia coli K12 (Alsam et al., 2005). Mannose binding appears to trigger the action of
protein-tyrosine kinases and unknown downstream effectors, leading to receptor-mediated
phagocytosis (Alsam et al., 2005, Sissons et al., 2006). After uptake, phagosomes containing
internalized microorganisms fuse with lysosomes and acidify by the action of H+- ATPases
(Clarke and Maddera, 2006, Sun-Wada et al., 2009). Acidic pH activates lysozomal acid
hydrolases, mediating the catabolism of the ingested microorganisms (Sun-Wada et al., 2009,
Clarke and Maddera, 2006). These processes are mirrored by phagocytic killing mechanisms
used by mammalian macrophages (Anderem and Underhill, 1999). There is also evidence that
Acanthamoeba spp. possess a b-type cytochrome and NADPH oxidase, which are key
components in the production of bactericidal superoxide radicals (Siddiqui and Khan, 2012).
This release of reactive oxygen species may be involved in a process similar to the oxidative
burst seen in mammalian neutrophils. This indicates that free-living amoeba may utilize multiple
pathways to kill internalized microorganisms. The shared phagocytic and killing mechanisms of
free-living amoeba and the macrophage highlight the potential clinical relevance of many
amoeba-resistant bacteria. With respect to amoeba-resistant bacteria (ARB), the specific
mechanisms used to resist killing in amoeba are likely those that would allow different ARB
7

species or strains to evade macrophage cells of the innate immune system in animal hosts. This
points to the importance of identifying amoeba-resistant bacteria, and their relationships with
free-living amoeba.
Free-living amoebae have a multi-stage lifecycle. When growth and survival conditions
are favourable, amoeba enter a vegetative, foraging state called the trophozoite (Byers et al.,
1991). Trophozoites are motile cells that actively prey on other microbes (Khunkitti et al., 1998).
Trophozoites are asexual and divide by binary fission (Page, 1967). Naegleria spp. can also enter
a short-lived motile flagellate stage in which they cannot divide or feed, before reversion back to
the actively scavenging trophozoites (Fritz-Laylin and Cande, 2010, Marciano-Cabral, 1988).
Exposed to nutrient starvation, unfavourable pH, temperature, or osmotic pressure,
amoeba trophozoites initiate a developmental program leading to the formation of cysts which
are highly resistant to harsh physical, chemical and environmental conditions (Byers et al.,
1991). Signalling pathways involved in encystment are relatively unknown. During encystment,
cystation-specific genes are up-regulated, including those involved in synthesis of proteases,
cellulose, enolase and actin (Fouque et al., 2012). In Acanthamoeba the expression of a β-glucan
synthetase is particularly important for cyst development, as it catalyzes the formation of a major
component of the cyst wall, β-(1→4)-glucan, known as cellulose (Fouque et al., 2012). The
mature amoebal cyst consists of two layers, the inner endocyst and the outer ectocyst (Figure
1.3). The thicker endocyst layer is composed almost entirely of cellulose fibrils in a granular
carbohydrate matrix (Lemgruber et al., 2010). The thinner outer ectocyst layer is composed of
poorly defined mixtures of loose, fibrous proteins and lipids (Lemgruber et al., 2010). Few cyst
wall-specific proteins have been identified (Sykes and Band, 1985, Chen et al., 2004).
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Figure 1.3. Left: Thin section of an Aca. polyphaga cyst fixed and embedded in resin and
visualized by transmission electron microscopy showing the outer, thinner, ectocyst wall (Ec)
composed mostly of loose, fibrous protein and lipids. The inner, thicker endocyst (En), forms
after the ectocyst wall and is composed almost entirely of cellulose in a granular protein matrix.
M=mitochondria and N=Nucleus. Right: Viable, unstained Aca. polyphaga cyst visualized by
light microscopy at 1000× magnification. Bar=5µm (McLean, J. 2013)

9

The cyst is essential for resistance to adverse chemical and environmental conditions but
the composition and morphology of cysts varies greatly among different amoebal strains.
Acanthamoeba spp. cysts are generally more resistant to household and hospital chlorine and
glutaraldehyde based disinfectants than those of Naegleria or Hartmannella species (Cursons et
al., 1980, Thomas et al., 2004). This is likely due to the high prevalence of cellulose within
Acanthamoeba cyst walls compared to other amoebal species (Linder et al., 2002). Naegleria and
Hartmannella cysts lack cellulose but instead are thought to contain chitin; both are more
sensitive to inactivation by chlorine than Acanthamoeba cysts (De Jonckheere and Van de
Voorde, 1976, Thomas et al., 2010).
1.2 Cyst Resistance
The ability to form cysts is an important survival mechanism for free-living amoeba,
allowing them to remain viable in the environment during harsh chemical and physical
conditions. Cysts can remain viable for decades, even during extended periods of extreme
desiccation (Sriram et al., 2008). Cysts from 31 of 45 (70%) Acanthamoeba isolates on dried and
sealed agar plates remained viable after 2, and up to 21 years of desiccation (Sriram et al., 2008).
Acanthamoeba cysts remain viable in acidic environments to pH 2.0, after heating to 60°C for 60
minutes, and after radiation treatments of 250 rads γ irradiation or 800 mJ/cm2 UV irradiation
(Aksozek et al., 2002, Sriram et al., 2008, Kilvington, 1989) Cysts are also highly resistant to
oxidizing agents such as chlorine, so cyst survival through municipal water treatment is a health
concern (Chang et al., 2009). Acanthamoeba spp. cysts can survive 100 mg/L chlorine for 30
minutes and 50 mg/L for 18 hours (Storey et al., 2004, Kilvington and Price, 1990). This value
varies between genera, with Hartmannella spp. and Naegleria spp. being slightly more
susceptible (Thomas et al., 2010). In a two-year study by Shoff et al. (2008), 283 water samples
10

were taken from the cisterns of domestic toilets supplied with municipal water and the presence
of amoeba was confirmed in 80 of the samples (19.4%). These and other studies indicate the
possibility that the widespread distribution of amoeba in municipal water networks is due to their
ability to survive water decontamination protocols and that there is a need for decontamination
protocols targeting these organisms.
Amoebae are widely distributed, partially due to their ability to survive harsh
environmental and chemical conditions. Most strikingly though, is their ability to resist
commonly used disinfectants in hospital settings. A 2% (v/v) glutaraldehyde solution has very
little effect on Acanthamoeba cysts after 10+ minutes of contact time (Coulon et al., 2010).
Some glutaraldehyde-based hospital disinfectants have shown improved efficacy, however a 30
minute contact time is still required to achieve a desired effect (Coulon et al., 2010). Their high
prevalence in hospitals is a cause for concern, as amoeba infections are most common in the
immunocompromised (Visvesvara et al., 2007). Of greater concern is their ability to potentially
harbour amoeba-resistant microorganisms protected within cysts.
1.3 Amoeba-resistant Microbes
First documented in 1976 after an outbreak of pneumonia among individuals attending an
American Legion convention, L. pneumophila was identified as the etiological agent of a severe
respiratory illness which became known as legionellosis (Rowbotham, 1980). A communityacquired disease, legionellosis accounts for between 2-15% of all community acquired
pneumonias that require hospitalization (Saito et al., 2006). Outbreaks of legionellosis are often
traced back to air conditioning units, cooling towers, shower heads and water systems that are
contaminated with both free-living amoeba and L. pneumophila (Bozue and Johnson, 1996).
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Pioneering work by Rowbotham (1980) showed that L. pneumophila is a pathogen of
Acanthamoeba spp. and is capable of survival and multiplication within the amoebal host. A
review by Greub and Raoult (2004) highlights the diversity of clinically relevant bacterial, fungal
and viral species that have been shown to be amoeba-resistant. Examples of amoeba-resistant
bacteria include obligate intracellular animal pathogens such as bacteria of the genus Chlamydia,
facultative intracellular pathogens such as L. pneumophila and pathogens such as Pseudomonas
aeruginosa with extracellular lifestyles in vertebrate hosts (Table 1.2). Others are intracellular
endosymbionts of plants or animals (eg. Bradyrhizobium japonicum). Many of the
microorganisms identified as amoeba-resistant are known pathogens (L. pneumophila,
Francisella tularensis, Listeria monocytogenes) or potential/emerging pathogens (Simkania
negevgensis, Bosea spp.) of vertebrates. Bacteria are not the only pathogenic amoeba-resistant
microorganisms. Mimiviruses have been shown to survive within amoebal hosts, as has the
pathogenic fungi Cryptococcus neoformans (Boratto, 2013, Steenbergen et al., 2001). The
mechanisms utilized by different bacterial species to resist killing by amoeba vary, but most
commonly occur by: preventing phagosome-lysosome fusion, surviving within the acidified
phagolysosome or escaping the phagosome and multiplying within the cytoplasm (Figure 1.4)
(Matz and Kjelleberg, 2005, Bandyopadhyay et al., 2004, Rahman et al., 2013, La Scola and
Raoult, 2001). Virulence factors required for amoebal resistance often mirror those required for
evasion of killing by vertebrate macrophages and phagocytes of the innate immune system
(Swanson and Hammer, 2000). In this respect, free-living amoeba have been described as a
“Trojan horse” for bacteria by allowing internalized pathogens to enter the host protected, and
undetected by the innate and adaptive immune defences (Molmeret et al., 2005). Legionella
pneumophila is the best studied bacterial pathogen that uses free-living amoeba as a “Trojan
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Table 1.2. A non-exhaustive list of bacteria that have been identified as amoeba-resistant based
on a variety of criteria. Their lifestyle and pathogenicity towards vertebrate hosts is shown.
(Table is adapted from a review by Greub and Raoult, 2004).
Lifestyle

Amoeba-resistant Bacteria

Pathogenicity

Facultative intracellular

Bosea spp.

Unknown

Bradyrhizobium japonicum

Unknown

Legionella pneumophila

Established

Legionella lytica

Potential

Francisella tularensis

Established

Helicobacter pylori

Established

Mycobacterium avium

Established

Mycobacterium smegmatis

Potential

Coxiella burnetii

Established

Ehrlichia-like

Unknown

Mycobacterium leprae

Established

Rickettsia-like

Potential

Burkholderia cepacia

Established

Vibrio cholerae

Established

Escherichia coli O157

Established

Ralstonia pickettii

Potential

Streptococcus pneumoniae

Established

Obligate intracellular

Extracellular
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Figure 1.4. Overview of mechanisms used by some described amoeba-resistant bacteria to
survive amoebal killing mechanisms after internalization. Top image shows as in Figure 1.2.
Amoeba-resistant bacteria (brown) survive this process by using several mechanisms, detailed
below: A) Some bacteria (L. pneumophila, Mycobacterium spp.) inhibit phagosome-lysosome
fusion. The phagosome does not acidify and bacteria multiply within the phagosome; B)
Members of the Rickettsiaceae quickly escape phagosome and enter the cytosol and begin to
multiply, lysis may occur; and C) Coxiella burnetii survives and multiplies within the acidified
phagolysosome.
14

horse”. Free-living amoeba associate with bacteria in natural environments including water, soil,
sediments, and biofilms. In these environments they may associate with L. pneumophila and are
thought to play a significant role in the epidemiology of legionellosis (Bozue and Johnson,
1996).
In a study of potable water sources from a hospital in Paris, France, 71% of samples were
found to be contaminated with free-living amoeba and 47% of these samples also contaminated
with L. pneumophila (Nahapetian et al., 1991). No person-to-person transmission of L.
pneumophila has been confirmed, but instead transmission is thought to require an amoebal
vector in order to cause human disease (Cooper and Hanlon, 2010). Infection may occur when
amoeba-resistant L. pneumophila within the amoeba are inside vesicles derived from the
amoeba's surface and released by the amoeba. Berk et al. (1998) showed that Aca. polyphaga and
Aca. castellanii infected with L. pneumophila cells released vesicles ranging in size from 2.1 to
6.4 μm that contained live L. pneumophila. Particles of >10µm are able travel through the nasal
mucosa and ciliated bronchioles and enter deep into the lungs’ alveolar sacs, delivering large
numbers of vesicles laden with L. pneumophila to alveolar macrophages (Fernandez and Casan,
2012).
The ability of free-living amoeba to harbour pathogenic bacteria means they may directly
or indirectly play a role in their persistence and dispersal by acting as an alternate environmental
host (Mura et al., 2006). This is true for bacteria for which environmental reservoirs are
unknown, for example, sporadic bacterial disease outbreaks in fisheries or outbreaks by bacteria
that require a host to remain viable in the environment (Lahiri and Krahenbuhl, 2008).
Mycobacterium leprae is an example of a bacterial species with few known environmental
reservoirs that infects human macrophages and causes leprosy (David, 2013, Lahiri and
15

Krahenbuhl, 2008). It has been shown that laboratory-adapted amoebae can ingest M. leprae,
which is able to remain viable for upwards of 72 hours within the amoebal host (Lahiri and
Krahenbuhl, 2008). This provides additional credence to the idea that amoeba may aid in the
transmission of bacterial pathogens to humans and animals by acting as an alternate
environmental host.
Mycobacterium shottsii and Mycobacterium pseudoshottsii are two mycobacterial species
that are commonly isolated from spleens and dermals lesions of the striped bass Morone saxatilis
(Gupta et al., 2013). Like other mycobacterial species, these have been suggested as utilizing
amoeba as a possible environmental host. A study by Gupta et al. (2013) found that M. shottsii
and M. pseudoshottsii bacilli are rapidly taken up by Aca. polyphaga in vitro. They are able to
persist for up to 10 days within the amoebal trophozoites, but their viability decreases over this
period by 2-3 logs. They also appeared to remain viable within amoebal cysts, but could not be
cultured. This provides an example of a case in which amoeba may act as a previously
unidentified source of disease outbreaks.
Free-living amoeba may also contribute to disease outbreaks by promoting bacterial
multiplication in contaminated environments, increasing bacterial numbers. Under adverse
environmental conditions L. pneumophila may enter a viable-but-not-culturable (VBNC) state
(Allegra et al., 2008). Steinert et al. (1997) showed that L. pneumophila cultures inoculated into
sterile water could be detected by routine culture for up to 125 days. However, using acridine
orange direct counts and fluorescence in situ hybridization, viable cells were detected for an
additional 55 days after they were no longer culturable. Addition of trophozoites of Aca.
castellanii to the suspension of VBNC L. pneumophila resulted in resuscitation to a culturable
state in a day. After 3 days, CFU's for L. pneumophila reached higher levels than those detected
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in the original inoculum 180 days earlier. The resuscitated bacteria and the VBNC bacteria were
then inoculated intraperitoneally in guinea pigs. Each animal inoculated with the amoebaresuscitated bacteria showed symptoms of disease and L. pneumophila could be re-isolated from
homogenized lung tissues. Animals inoculated with only the VBNC bacteria showed no
symptoms of disease and L. pneumophila could not be cultured from the lung tissue
homogenates. Free-living amoeba may play a role in the resuscitation and growth of other
bacterial pathogens which are able to enter a VBNC state, such as Vibrio cholerae,
Campylobacter jejuni, Salmonella typhi and Mycobacterium spp., leading to increased risk for
transmission and disease outbreaks (reviewed by Fakruddin et al., 2013).
1.3.1 Pathogen Persistence
The role that free-living amoeba play in the growth, and as an environmental reservoir, of
many bacterial species has been well documented, but their role in long-term persistence of
amoeba-resistant bacteria within the environment is less certain (Mura et al., 2006).
Mycobacterium avium subsp. paratuberculosis (MAP) is the etiological agent of Johne’s disease,
a chronic, granulomatous infection of the small intestines that causes severe diarrhea and wasting
(Tiwari et al., 2006). Johne’s disease most often manifests in ruminants such as cattle and sheep
but has been known to infect non-ruminant species such as rabbits and foxes (Beard et al., 2001).
MAP has also been implicated in human Crohn’s disease (Sibartie et al., 2010). Cattle infected
with MAP often remain asymptomatic in the early stages of disease while shedding high levels
of MAP bacilli in their feces, increasing the risk of spreading the disease (Tiwari et al., 2006).
The period of time that MAP may persist in the environment after being shed from infected
animals is currently unknown but may be greater than 4 years (Mura et al., 2006). The ability of
MAP to survive and replicate within free-living amoeba has been established. Whan et al. (2006)
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conducted co-culture assays in which trophozoite cultures of Aca. polyphaga and Aca. castellanii
were inoculated with MAP. After 180 minutes, internalized MAP bacilli could be seen within
fixed amoeba trophozoites by acid-fast staining. The amoeba were harvested and washed to
remove adherent, non-internalized bacteria before amoebal lysis by sonication to release
internalized MAP. At a multiplicity of infection of 10 MAP bacilli to one amoeba, 4.6-9.1% of
the initial bacilli were internalized after only 180 minutes. MAP is rapidly ingested by amoeba
but is not effectively cleared, allowing it to multiply within the amoeba host.
Mura et al. (2006) developed a quantitative real-time PCR (qRT-PCR) to track the longterm persistence of MAP in the presence of amoeba. In the first 4 days of co-culture, detectable
MAP levels dropped sharply but began to increase to levels higher than those detected in the
initial inoculum by day 12. After 4 weeks of culture, the amoeba were exposed to osmotic shock
to induce cyst formation. Encystment resulted in a 2-log reduction of detectable MAP by qRTPCR. The cysts were recovered to the trophozoite stage and the levels of MAP rose steadily to
original levels after 24 weeks. It is currently unknown how many of the identified amoebaresistant bacteria are able to persist within amoeba long-term, especially within environmental
amoeba.
Amoeba may also play a role in the persistence of biofilm-associated bacteria. It is well
established that L. pneumophila and other pathogenic bacteria can integrate into these complex
microbial communities (Abdel-Nour et al., 2013). A study by Murga et al. (2001) used
laboratory-generated biofilms on stainless steel coupons consisting of Klebsiella pneumoniae, P.
aeruginosa and Flavobacterium spp. seeded with L. pneumophila to show that L. pneumophila
rapidly integrates into biofilms in vitro. The base biofilms were then seeded with H. vermiformis,
and colony forming units of each biofilm-associated bacterium were determined by removing
18

and washing the coupons, sonication to disrupt and suspend the biofilms and finally direct
plating of the suspended biofilm bacteria. In the presence of H. vermiformis, colony forming
units of K. pneumoniae, P. aeruginosa and Flavobacterium spp. decreased by ~ 2 logs, while
colony forming units of L. pneumophila increased by ~2 logs. No increase in colony forming
units of L. pneumophila was documented in control samples lacking H. vermiformis.
Additionally, levels of planktonic L. pneumophila from the bulk liquid were determined prior to
processing of the biofilm. In controls lacking H. vermiformis, planktonic L. pneumophila was not
detectable, but in samples seeded with the amoeba, L. pneumophila was culturable. This
indicates that in vivo, amoeba may play a role in the dispersal of pathogenic bacteria in biofilm
communities.
Pathogen growth in biofilms is of particular concern in healthcare settings. Levels of P.
aeruginosa, non-tuberculosis Mycobacterium spp. and Legionella spp. were found to be much
higher in water lines supplying dental units than in regular tap water (Barbeau and Buhler, 2001).
Free-living amoeba present in dental unit biofilms were found to reach 300 times the levels
found in tap water from the unit (Barbeau and Buhler, 2001). Biofilms support the growth of
free-living amoeba and in turn those amoeba can support the growth, persistence and dispersal of
biofilm-associated pathogens in a positive feed-back loop for both amoeba and opportunistic
pathogens (Mampel et al., 2006).
1.3.2 Amoeba as a Training Ground for Intracellular Pathogens
Considering the similarities between free-living amoeba and the mammalian macrophage,
it is not surprising that many of the mechanisms which allow amoeba-resistant microorganisms
to resist phagocytosis and killing mirror those used by pathogens to resist killing by the
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mammalian immune cells (Siddiqui and Khan, 2012). For example, live and formalin-killed L.
pneumophila enter both macrophages and free-living amoeba by a characteristic coiling
phagocytosis (Cirillo et al., 1999, Bozue and Johnson, 1996). However, only live, virulent L.
pneumophila inhibited phagosome acidification, fusion with the lysosome and subsequent
sequestration and association with the endoplasmic reticulum (Bozue and Johnson, 1996). Some
of the most important genes for infection of both macrophages and free-living amoeba by L.
pneumophila are the dot/icm (defective organelle trafficking/intracellular multiplication) genes.
These encode virulence factors such as a type IVB secretion system for the export of poreforming proteins into the host cell (Richards et al., 2013, Newton et al., 2010). Mutants of L.
pneumophila lacking the macrophage infectivity potentiator (mip) gene are ineffective at
resisting killing by both human alveolar macrophages in vitro and grazing by H. vermiformis,
and are killed (Cianciotto et al., 1989, Cianciotto and Fields, 1992).
Free-living amoeba may also act to enhance virulence of pathogens in a transient manner
by passage through amoeba. A study by Cirillo et al. (1997) showed that after passage through
amoeba, M. avium subsp. avium strain 101 had a 10-fold increase in ability to infect human
peripheral blood monocyte-derived macrophages when cultured for 3 days with Aca. castellanii
prior to infection compared to M. avium strain 101 cultured in 7H9 broth medium. The increased
virulence of amoeba-passaged M. avium was transient and was lost upon subsequent culture in
laboratory culture medium, indicating induction of virulence factors, not the selection of a
virulent phenotype.
Relationships between free-living amoeba and environmental bacteria are complex and
poorly understood. The coincidental evolution hypothesis suggests that bacteria living in close
proximity to free-living amoeba and highly subject to amoeba grazing evolved into amoeba20

resistant strains (Adiba et al., 2010). This hypothesis considers that resistance to amoeba may
have been a driving force leading to the pathogenicity of some bacteria in higher eukaryotes.
This may have occurred by allowing for horizontal gene transfer to take place between
intracellular bacteria within amoebal hosts as well as by selection of phenotypes resistant to
killing (Adiba et al., 2010, Ogata et al., 2006). For example, the acquisition of bacterial virulence
factor such as toxins, adhesins, capsular components, secretion systems and iron acquisition
systems that allow for bacteria to establish an intra-amoebal lifestyle may have preceded their
evolutionary jump to pathogenicity in vertebrate hosts. A link between grazing resistance and
pathogenicity was shown by Adiba et al. (2010) using 10 commensal isolates of E. coli and 21
clinical isolates of virulent extraintestinal pathogenic E. coli (ExPEC). ExPEC strains carry a
number of virulence genes for adhesion, iron acquisition and toxin production clustered on a
pathogenicity island (PAI) that is not present in most commensal E. coli strains (Picard et al.,
1999, Escobar-Paramo et al., 2004). The 31 isolates of E. coli were screened for resistance to
grazing by D. discoideum and for a mouse killer phenotype in a mouse-model for virulence. A
mouse-killer phenotype correlated highly with the presence of virulence genes. A mouse killer
phenotype also correlated highly with amoeba resistance, and 76% of strains carrying virulence
genes were also resistant to amoebal grazing, compared to 16% of those lacking virulence genes.
As a result, amoeba-resistant bacteria need to be monitored, as even seemingly innocuous
species may represent bacterial pathogens.
1.3.3 A Protective Environment
Not only are free-living amoeba an environmental reservoir in which many pathogens can
survive and multiply, they also offer protection from a range of harsh environmental conditions.
Amoeba, and especially their cysts, may offer protection to internalized bacteria from
21

antimicrobials and biocides (Barker and Brown, 1994). Just as the cysts help amoeba remain
viable under harsh conditions, they may also protect any internalized bacteria. Legionella
pneumophila is killed in the presence of ~1mg/L of chlorine but can survive up to 50 mg/L
within amoeba cysts (Kilvington and Price, 1990).
Mycobacteria of the Mycobacterium tuberculosis complex (MTC) are another clinically
important group of bacteria that have been identified as amoeba resistant. Medie et al. (2011)
confirmed that Mycobacterium tuberculosis, Mycobacterium bovis, and Mycobacterium canetti
are rapidly ingested by Aca. polyphaga but are not killed. They showed that these MTC bacteria
survived within amoebal cysts, protected from antibiotics and biocides. Cysts containing
internalized MTC bacteria treated with mycobacteriocidal concentrations of streptomycin (5
mg/mL) or glutaraldehyde (2.5%) could excyst and re-establish as trophozoites. Lysis of
recovered cysts released viable MTC bacteria. Considering that these pathogens lack known
environmental reservoirs, survival within free-living amoeba may explain their persistence in the
environment and, eventually, perhaps that of other bacterial pathogens.
One of the most intriguing areas of study involving the interactions of free-living amoeba
with different microbial species is the apparent ability of traditionally extracellular bacteria to
resist amoebal killing (Sandstrom et al., 2010, Landers et al., 2000). Among the amoebaresistant bacteria listed previously in Table 1.2 are a number of species generally considered to
be extracellular, including Burkholderia cepacia and V. cholerae. Streptococcus pneumoniae, the
most common cause of community-acquired pneumonia is an extracellular pathogen recently
identified as amoeba-resistant (Brown and Lerner, 1998). Potential environmental reservoirs for
Str. pneumoniae had not been identified prior to the study by Harakeh et al. (2006). Water,
sediment and sand were collected in Lebanon and screened for the presence of Str. pneumoniae
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using KF-streptococcus selective media. PCR was used to amplify a set of Str. pneumoniaespecific infection-associated genes from suspect colonies. Streptococcus pneumoniae was
confirmed to be present in 58.6% of sea water samples and 50% of freshwater samples. These
results were considered by some to be highly questionable because Str. pneumoniae was not
considered an environmental bacterium (Evstigneeva et al., 2009). Evstigneeva et al. (2009) later
used amoebal co-culture to screen 11 environmental soil samples for amoeba-resistant bacteria.
They isolated 33 potential amoeba-resistant bacteria, including Str. pneumoniae from these
samples. This supported the findings that environmental reservoirs of Str. pneumoniae exist and
that free-living amoeba may represent the environmental niche for them and other bacterial
pathogens.
The study of free-living amoeba may have application in identifying reservoirs of
pathogens for which there is not a known environmental host. However, the methodologies used
by Evstigneeva et al. (2009) and many other groups undertaking similar studies are imperfect.
They did not account for survival of internalized bacteria through cysts, and instead used
evidence of amoebal lysis by the bacteria as a determining factor for designating a bacterium as
amoeba-resistant. Hence, the true persistence and colonization of the amoeba by many newly
identified amoeba-resistant bacteria is unknown. Additionally, many bacteria listed as amoebaresistant were identified using PCR amplification of the 16S rRNA gene rather than culture,
hence their viability is unknown.
1.3.4 Pathogen Transmission
A number of amoeba-resistant bacteria identified to date are considered potential or
emerging pathogens. These include bacteria such as Ralstonia pickettii, the Parachlamydiaceae,
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Mobiluncus curtisii, some Mycobacterium spp. and various Legionella spp. which are frequently
isolated from clinical samples but have not themselves been implicated as primary pathogens
(Greub and Raoult, 2004, Morens and Fauci, 2013). Many of these bacteria are commonly
associated with hospital settings, where people are already at an increased risk of infection
(Klevens et al., 2007). For example, Thomas et al. (2006) screened water samples from a Swiss
hospital water network for free-living amoeba. A total of 200 water samples were screened and
H. vermiformis or Aca. polyphaga were successfully isolated from 15 (7.5%) of the samples.
Aca. castellanii ATCC 30010 was used to re-screen the water samples for the presence of
amoeba-resistant bacteria. Using 16S rRNA gene sequencing, 45.5% of samples contained at
least 1 species identified as an amoeba-resistant bacteria. A number of pathogenic and nonpathogenic species were identified. Members of the Alphaproteobacteria such as Bosea eneae,
Bradyrhizobium japonicum and Afipia bergia were identified in 30.5% of samples while 20.5%
contained mycobacterial species such as Mycobacterium kansassii, Mycobacterium xenopi and
Mycobacterium gordonae. Gammaproteobacteria including Legionella anisa and L. pneumophila
were recovered from 5.5% of the samples. An interesting finding in this study was the
identification of Bosea spp. as an amoeba-resistant bacterium. Bosea spp. belongs to the
Bradyrhizobiaceae, which most commonly associate endosymbiotically with plants and most
members are not pathogens of vertebrates (Itakura et al., 2009). However, recent evidence
suggests that they may play a role in human disease, especially nosocomial infections (La Scola
et al., 2003). Bosea massiliensis, a member of the Bradyrhizobiaceae, has also been isolated
from a hospital in France by co-culture with Aca. polyphaga (La Scola et al., 2003). Amoebaresistant bacteria were isolated from water from ventilators used in the intensive care unit of the
hospital. Sixty-seven of 310 (21.6%) isolates were found to be B. massiliensis and 126 of 310

24

(40.6%) were found to be L. anisa. Serum samples were taken from 30 patients prior to
admittance to the intensive care unit and again 10-35 days after admission. Of these patients,
20% had seroconverted to recognize antigens of B. massiliensis. and 16.6% had seroconverted to
recognize L. anisa. Based on this study, La Scola et al. (2003) hypothesized that B. massiliensis
may play a significant, yet unrecognized role in hospital-acquired pneumonia. Additionally,
while L. anisa is a rare pathogen, implicated in few clinical cases, the outbreak of L. anisa
infections was confirmed in 5 of the ICU patients but remained localized to the ICU in question.
L. anisa was absent from an additional 200 patients from other intensive care units. These studies
further show the potential uses of amoeba as a means to identify unknown reservoirs of
pathogens as well as non-pathogenic obligate or facultative endosymbionts and the role of
amoeba in their environmental survival, transmission and dispersal.
1.4 Research Rationale and Objectives
The use of amoeba as a tool to isolate target bacteria from environmental samples has
been investigated. Many studies have taken a high-throughput approach to identify amoebaresistant bacteria by enriching many environmental samples with laboratory-adapted strains of
Aca. polyphaga or Aca. castellanii followed by PCR amplification of 16S rRNA DNA to identify
resident amoeba-resistant bacteria from primarily aquatic environments and potable water
sources (Evstigneeva et al, 2009, Pagnier et al., 2008, Corsaro et al., 2009). The long-term
interaction between many of the identified amoeba-resistant bacteria and various environmental
free-living amoeba species are essentially unknown. The most pressing questions regarding
amoeba-resistant bacteria are: how prevalent are they, what is their distribution in the natural
environment, do they survive within amoebal cysts, and what is their association with different
genera and species of amoeba.
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Many studies attempting to isolate free-living amoeba from environmental sources,
especially terrestrial sources such as soils, are unsuccessful due to high levels of fungal
contamination during primary isolation of amoeba (Schuster et al., 2003). Fungal contamination
resulted in failure to isolate a pure culture of amoeba from human nasal swabs even though there
was evidence of amoebal growth from some of the 200 samples screened in a study by Greub et
al. (2004). Methodologies for improved primary isolation of amoeba from target environments
are required in order to effectively study the role of environmental amoeba in the persistence,
transmission and virulence of bacterial pathogens.
Amoeba have been used as a model system to study bacterial pathogenesis.
Environmental amoebae may also be used as a tool for pathogen enrichment from particular
environments to identify new/emerging, dormant, VBNC, or difficult-to-culture pathogens.
They may also aid in detection of pathogens which cause sporadic disease outbreaks, but where
their environmental host/reservoir is unknown, be used to compare survival of virulent and lowvirulence pathogens, and to determine how pathogens may change within amoeba.
This study requires the extensive development of methodologies in order to successfully
assess whether environmental and laboratory-adapted amoeba strains differ in their individual
ability to effectively clear amoeba-resistant bacteria and if they represent a potential tool which
can be used for the selective enrichment of pathogens of interest from target environmental
samples.
The objectives of my study are:
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1) To investigate the potential uses of environmental amoeba as a tool for selective enrichment
of amoeba-resistant bacteria from environmental samples from target environments of dairy
farms and aquaculture.
2) To develop protocols for isolation of fungal-free amoeba.
3) To identify the resident amoeba-resistant bacteria from the environmental amoebae that are
isolated.
4) To compare the survival in trophozoites and cysts of selected pathogens using the isolated
amoeba and laboratory-adapted Aca. polyphaga.
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Chapter 2.0: Materials and Methods
2.1. Bacterial Strains and Growth Conditions
Bacterial strains used in this study are summarized in Table 2.1. Streptococcus canis,
Staphylococcus delphini, Arcanobacterium pyogenes, and Corynebacterium ulcerans were
isolated from minks suffering from foot pad necrosis and provided by Dr. Patrick Boerlin,
Department of Pathobiology, University of Guelph. MAP Madonna and gc86 were isolated from
feces of Johne’s disease positive cows from Southern Ontario by the laboratory of Dr. Lucy
Mutharia, Department of Molecular and Cellular Biology, University of Guelph. Fish pathogens
were provided by Dr. R.M.W Stevenson, Department of Molecular and Cellular Biology,
University of Guelph. Stenotrophomonas maltophilia was provided by Dr. Joanna Brooke,
College of Biological Sciences, DePaul University College of Science and Health.
Mycobacterium avium and MAP were cultured at 37ºC directly on Middlebrook 7H11 agar
supplemented with 0.5% glycerol and 10% OADC 0.5 g/L oleic acid, 50 g/L bovine serum
albumin fraction V, 20 g/L dextrose and 0.04 g/L catalase)(Appendix 1). Medium for culture of
MAP was supplemented with 2 mg/L ferric mycobactin J. Broth cultures of Mycobacterium spp.
were maintained at 37ºC in Middlebrook 7H9 broth supplemented with 0.5% glycerol, 10%
OADC.
Escherichia coli, Mycobacterium avium subsp. hominissuiss, Mycobacterium chelonae,
Mycobacterium fortuitum, Mycobacterium smegmatis and Ste. maltophilia were all cultured
directly in Lysogeny broth (LB) or agar at 37ºC with shaking. Streptococcus canis, Sta. aureus,
Sta. delphini, Arc. pyogenes, P. aeruginosa and C. ulcerans were cultured directly on tryptic soy
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Table 2.1. Bacterial species used in this study. Strains and sources are provided.

Bacterial species
used in this study

Strain

a

Escherichia coli

HB101

a

Mycobacterium avium subsp. paratuberculosis

K-10, gc86, Madonna

a

Mycobacterium kansassii

ATCC 12478

a

Mycobacterium smegmatis

mc2155

a

Mycobacterium avium subsp. hominissuis

104

b

Mycobacterium intracellulare

D678

b

Mycobacterium genavense
Mycobacterium szulgai

NT290A
SS8

b

Mycobacterium simiae

SS2

b

Mycobacterium fortuitum

SSA

b

Mycobacterium chelonae

SSK

b

Mycobacterium terrae

ATCC 15755

b

Mycobacterium avium subsp. avium

NT1801, 97/06

Pseudomonas aeruginosa

PAO1, PA14

b

c

d

Stenotrophomonas maltophilia

76(2)

e

Staphylococcus delphini

35311-14-1

e

Streptococcus canis

35311-10-1

e

Arcanobacterium pyogenes

PB1

e

Corynebacterium ulcerans

PB3

Yersinia ruckeri
Aeromonas salmonicida
f
Aeromonas hydrophila

RS3, RS11
RS248
RS102

f
f

g

Staphylococcus aureus
3231
Dr. Lucy Mutharia, University of Guelph, Department of Molecular and Cellular Biology
b
Susan Springthorpe, University of Ottawa, Department of Biochemistry
c
Dr. Cezar Khursigara, University of Guelph, Department of Molecular and Cellular Biology
d
Dr. Joanna Brooke, DePaul University, College of Science and Health
e
Dr. Patrick Boerlin, University of Guelph, Department of Pathobiology
f
Dr. Dr. R.M.W Stevenson, University of Guelph, Department of Molecular and Cellular
Biology
g
Dr. Heba Atalla, University of Guelph, Department of Animal and Poultry Science
a
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agar (TSA) supplemented with 5% defibrinated sheep’s blood. Yersinia ruckeri, Aeromonas
salmonicida and Aeromonas hydrophila were cultured directly on tryptic soy agar (TSA) at
18ºC. Stocks of all bacterial strains were maintained in culture medium containing 25% (v/v)
glycerol at -70ºC. All media and buffers used are included in Appendix 1.
2.1.1 Preparation of NNA-E. coli Media
Escherichia coli HB101 was cultured directly on LB agar and a single colony
transferred to a sterile 1.5 mL tube containing 1 mL sterile PBS and the contents vortexed
briefly. LB agar plates were inoculated with 100 µL of the E. coli HB101 suspension and spread
evenly over the surface using a sterile glass spreader. Plates were incubated overnight at 37ºC
and the cells were harvested using a sterile loop and transferred to a 15 mL conical tube
(Corning) containing 5-10 mL of Page's amoeba saline (PAS) (Appendix 1). Cells were washed
3 times by centrifugation for 10 minutes at 3,500 rpm. Non-nutritive agar (NNA) (Appendix 1), a
mixture of agar in PAS, plates were prepared, dried overnight at ambient room temperature (~1825°C) in a biological safety cabinet and inoculated with 300 µL of the washed E. coli cells. A
sterile glass spreader was used to spread cells evenly on the surface of the NNA. Plates were
dried at RT overnight in a biological safety cabinet, stored at 4ºC and used within 1 week for
culture of amoeba. When stated, ambient room temperature (or RT) was 20-25°C and overnight
incubations were ~16 hours.
2.1.2 Culture of Amoeba
Axenically (growth in liquid culture media containing no bacterial food source)
culturable amoebae were maintained in tissue culture flasks (Corning) at 30°C in peptone yeast
glucose (PYG) broth (Appendix 1). Every 10-14 days, spent media was gently decanted,
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avoiding disruption of the amoebal trophozoite monolayer and 50 mL of fresh PYG was added.
Xenically (cells requiring a bacterial food source) cultured free-living amoeba trophozoites were
maintained by sub-culturing on non-nutritive agar (NNA) plates seeded with a layer of live E.
coli strain HB101. Trophozoite growth on NNA-E. coli plates is seen as a distinct migration
front of actively growing amoeba, bordering a zone of clearing which emanates from the point of
inoculation (Figure. 3.2). Presence of trophozoites was confirmed by phase-contrast microscopy
at 1000× magnification as follows: 20 µL of PAS was placed on a pre-cleaned glass microscope
slide. An agar block was excised directly from the migration front of an actively growing
amoebal culture using a sterile scalpel. Forceps were used to lift the agar block and gently pass
the surface through the drop of PAS in order to suspend attached amoeba and cysts. The drop of
PAS was covered with a glass cover-slip and presence of amoeba trophozoites was visually
confirmed by phase-contrast microscopy at 1000× magnification. When trophozoites were
present, another agar block was excised from the migration front and placed amoeba-side-down
on freshly prepared NNA-E. coli. Plates were incubated in a humidified environment at 18 ºC,
30°C, 37ºC and RT.
2.1.3 Long-term Storage of Amoeba
Xenically culturable amoebae were harvested from agar plates by flooding the surface
with 3-5 mL PAS buffer and gently scraping with a sterile loop. The amoebal suspension was
removed and transferred to a sterile 1 mL screw cap tube. Cells were pelleted by centrifugation
at 3,000 rpm for 10 minutes, the supernatant was discarded and the cell pellet gently suspended
in 100 µL freezing media containing 68% PYG broth, 12% dimethyl sulfoxide and 20% fetal
bovine serum (Appendix 1). Tubes were held at ambient RT for 30 minutes, -20°C for 1 hour
and then stored at -70°C. For axenic cultures, 1 mL of amoebal cysts were harvested from >2031

day old cultures. Following a single vigorous shake of the tissue culture flask to remove adherent
cells, 1 mL of cell suspension was transferred to a screw cap tube and centrifuged and added to
freezing media.
2.2 Development of Methodologies for Amoeba Isolation
2.2.1 Determining Cyst Resistance to Sodium Hypochlorite and Moist Heat
Acanthamoeba polyphaga ATCC 50372 was grown in tissue culture flasks (Corning) in
50 mL PYG broth at 30°C. An inverted microscope (Wilovert) was used to confirm that cells had
formed a confluent monolayer prior to harvesting. The amoeba trophozoite monolayers were
harvested as described in section 2.1.2. A 25 mL volume of the amoeba trophozoite suspension
was transferred to a 50 mL conical tube, centrifuged (3,000 rpm×10 minutes), the supernatants
removed and the cell pellet washed twice with sterile PAS and once with 10 mL encystment
buffer containing 0.1 M KCl, 0.02 M Tris-HCl, 8 mM MgSO4, 0.4 mM CaCl2 and 1 mM
NaHCO3 (Appendix 1). To induce cyst formation, the trophozoite cell pellet was suspended in 20
mL encystment buffer and incubated for 3 days at 30°C in the dark. Encystment was confirmed
microscopically by placing 10 µL of cyst suspension on a glass microscope slide, covering with
a glass cover-slip and examining by phase contrast microscopy at 1000× magnification.
Encystment was confirmed by the observation of mature, double-walled cysts (Figure 1.4). To
examine the response to adverse conditions, amoebal cysts were washed 2 times with PAS
(5,000 rpm×10 minutes) and 1 mL was transferred to each of 6 separate 1.5 mL tubes for
treatment with sodium hypochlorite (NaClO) or heat. For exposure to NaClO; the cysts were
pelleted (5,000 rpm×10 minutes) and suspended in one of three concentrations of NaClO:
0.0525%, 0.26% or 0.525% (v/v). After mixing for 30 minutes at RT in an end-over-end mixer,
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cysts were washed twice with PAS (5,000 rpm×10 minutes). For heat treatments, the washed
cyst pellets were suspended in 1 mL of PAS and placed in a hot water bath maintained at either
55°C or 65°C for 20 minutes then washed twice in PAS. Controls included untreated cysts and
untreated trophozoites in PAS at RT. All treatments were completed in duplicate. Cyst viability
was assessed by inoculating 10 µL of washed cysts on freshly prepared NNA-E. coli plates and
by inoculation into 500 µL of PYG broth. Cultures were incubated at 30°C until growth was
confirmed as in section 2.1.1.
2.2.2 Primary Amoeba Isolation from Dairy Farms and Aquaculture by Direct Plating
Environmental sampling took place between December 2011 and July 2013. Samples of
water, sediment, soil, biofilm material, feces, dust and bedding were collected from 3
commercial dairy farm operations in Southern Ontario. Samples were collected in sterile 50 mL
conical tubes using sterile cell scrapers for soil, biofilm, and sediment samples, and sterile cotton
swabs for dust samples. Tubes were stored at ambient temperature for transport to the lab where
they were stored at 4ºC until processing. Samples of water and sediment from fish culture
stations in Ontario were obtained through Stephen Lord, of the Fish Health Laboratory, MCB
department, University of Guelph. All samples were stored in sealed containers at 15ºC in the
dark until processed.
For initial amoeba isolation by direct plating from water from aquaculture settings, 5mL
of each sample was transferred to a 15 mL conical tube. The contents were centrifuged for 10
minutes at 3,000 rpm and the pellets suspended in 1 mL of sterile PAS. A 10 µL volume of each
suspension was inoculated at the center of freshly prepared NNA-E. coli plates. For cow feces,
soil and sediment samples, 1-5 g of sample was transferred to a 15 mL conical tube containing 8-
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10 mL of PAS and the suspension vortexed at top speed 3 times for 15 seconds each to break up
large particles. Tubes were placed upright at RT for 10 minutes to allow solids to settle.
Supernatant was transferred to a new tube and centrifuged at 3, 000 rpm for 10 minutes, the
pellet suspended in 1 mL sterile PAS and 10 µL volume of each suspension was inoculated at the
center of freshly prepared NNA-E. coli plates. A total of 8 plates were set up for each sample, to
allow duplicate plates to be incubated at 18ºC, RT, 30ºC or 37ºC. Plates were checked daily for
evidence of amoebal growth.
Plates with fungal contamination but with little or no evidence of amoebal growth were
immediately discarded. When plates with fungal contamination but evidence of amoebal growth
were observed, a sterile scalpel was used to cut and transfer an agar block from the migration
front to a fresh NNA-E. coli plate as soon as possible. This procedure was repeated up to 4 times
to obtain a clean amoebal culture. Where fungal growth was difficult to eliminate plates were
discarded.
2.2.3 Methods Developed for Amoeba Isolation from Dairy Farms and Aquaculture
Prior to plating, environmental samples were processed to reduce fungal contaminants.
For water samples, 5 mL of water was transferred to a sterile 15 mL conical tube and centrifuged
at 3, 000 rpm for 10 minutes. For cow feces, soil and sediment samples, 1-5 g of sample was
transferred to a 15 mL conical tube containing 8-10 mL of PAS and the suspension vortexed at
top speed 3 times for 15 seconds each to break up large particles. Tubes were placed upright at
RT for 10 minutes to allow solids to settle. The supernatants were carefully transferred to sterile
15 mL conical tubes using a sterile Pasteur pipette and centrifuged for 10 minutes at 3,500 rpm.
Pellets from water and soil samples were suspended in 10 mL encystment buffer and left at RT
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in the dark for 3 days to induce encystment of resident amoeba. Tubes were centrifuged at 5,000
rpm for 10 minutes, pellets suspended in 10 mL of 0.26% NaClO and placed on an end-over-end
mixer for 30 minutes. Following centrifugation at 5, 000 rpm for 10 minutes, the cyst pellets
were washed 3 times with 10 mL PAS (5,000 rpm×10 minutes), suspended in 1 mL PAS and a
10 µL volume inoculated at the center of freshly prepared NNA-E.coli plates, in duplicate. Plates
were incubated at RT, 18 ºC, 30 ºC and 37°C and checked daily for the presence of amoebal
growth. As soon as growth was seen, migration fronts were excised and agar blocks placed face
down on fresh NNA-E. coli plates.
When residual fungal contamination occurred but evidence of amoebal growth was
visible, the entire region of the plate with amoebal growth was carefully excised using a sterile
scalpel and transferred to a 15 mL conical tube containing 3 mL PAS. Tubes were vortexed 5
times for 15 seconds each to remove adherent amoeba and cysts. A sterile pipette was used to
transfer the supernatant to sterile 15 mL conical tubes, avoiding agar pieces. Samples were
centrifuged (10 minutes×3,000 rpm), the supernatants gently decanted and the pellets suspended
in 1 mL of amoeba encystment buffer and incubated at their appropriate temperature (18-37ºC)
for 3 days in the dark. Encystment was confirmed by microscopy as described in section 2.2.1.
The cysts were pelleted by centrifugation (10 minutes×5,000 rpm), the buffer decanted and the
pellet suspended in 1 mL of 2% (v/v) glutaraldehyde or 1 mL 0.1N HCl. The tubes were placed
on an end-over-end mixer at RT for 2 hours or 30 minutes respectively, centrifuged, the pellets
washed 3 times in PAS (5,000 rpm×10 minutes) and suspended in a final volume of 200 µL
PAS. A 10 µL volume was inoculated at the center of freshly prepared NNA-E. coli plates.
Plates were incubated in duplicate at appropriate temperature until amoebal growth was seen
(~5-12 days). When residual fungal contamination was present, plates were discarded.
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2.2.4 Conversion of Xenically Culturable Amoeba to Axenically Culturable Forms
Xenically cultured environmental amoeba trophozoites from 3 NNA-E. coli plates per
isolate were harvested by flooding plates with 3 mL PAS and gently suspending adherent
trophozoites and cysts using a sterile loop. Supernatants were transferred to sterile 15 mL conical
tubes and centrifuged for 10 minutes at 3,000 rpm. The trophozoites were enumerated using a
haemocytometer and suspended in 200 µL PYG medium, PYNFH medium containing 1%
proteose peptone, 1% yeast extract, 0.1% ribonucleic acid type VI from Torula yeast, 0.3 µM
folic acid, 0.15 µM hemin and 10% fetal bovine serum (Appendix 1) or SCGYEM medium
containing 1% casein, 9 mM Na2HPO4, 14 mM glucose, 5 mM KH2PO4 and 0.5% yeast extract
(Appendix 1) to a final concentration of 104 cells/mL. The cell suspension was transferred to
each well of a 96-well plate. Plates were incubated at 18°C, RT, 30°C or 37°C. Plates were
checked daily for evidence of amoebal growth using an inverted microscope (Wilovert). When
growth was confirmed, trophozoite monolayers were harvested by gently scraping the wells with
a pipette tip and transferred to twice the volume of fresh media. This process was repeated with
increasing culture media volume until cells could be successfully maintained axenically in tissue
culture flasks. When cells rapidly encysted in culture, the process was repeated using serial
dilutions (1:10-1:1,000) of the different culture media to identify a medium suitable for in vitro
axenic cultures.
For isolates for which axenic growth could not be established, E. coli HB101 was grown
directly on LB agar and a single colony was transferred to 5 mL of LB broth and grown
overnight at 37°C on a shaker at 110 rpm. A 1 mL volume of overnight culture was sub-cultured
to 50 mL LB broth and incubated as above. Cell culture density was measured using a
spectrophotometer (Bio-Rad) every ~45 minutes after the first hour until an OD600 value of 0.6
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was reached. An OD600 of 1.0 is equivalent to ~5.0×108 cells/mL. Cells were harvested, washed 3
times with PAS (3,000 rpm×10 minutes) and suspended in 50 mL PAS. Half of the culture was
placed in a flask and heat killed by autoclaving (20 minutes at 121°C). Amoeba which could not
be cultured axenically in nutrient broth were harvested as described above and suspended in the
live or heat killed E. coli HB101 and incubated at appropriate growth temperatures. Flasks were
checked daily for evidence of amoebal growth, seen as a reduction in turbidity of the suspension
as E. coli were phagocytosed.
2.3 Amoebal Enrichment and Co-culture
2.3.1 Preparation of Amoebal Microplates
Amoebal microplates are 96-, 24-or 6-well plates in which the wells contain a monolayer
of trophozoites. The amoeba microplates were prepared prior to use for amoebal enrichment or
co-culture. Confluent 10-14 day old amoebal trophozoite cultures in PYG were harvested by a
single vigorous shake of the tissue culture flask to remove adherent amoeba. A sterile transfer
pipette was used to transfer 5 mL of amoebal culture directly to the wells of a 6-well plate and
incubated overnight at 30°C. PYG broth was carefully removed from each well, avoiding
disruption of the amoebal monolayer. Five mL of sterile PAS was carefully added to each well
and gently swirled. Plates were placed back at 30°C for 30 minutes to allow floating amoeba
trophozoites time to adhere to the wells. Washes in PAS were repeated twice, separated by a 30
minute incubation at 30°C. A 1 mL volume of PAS was then added to each well. The final cell
density of the amoeba monolayers was determined by harvesting amoeba from each well and
enumerating using a haemocytometer. The average cell density from 6 replicates was 1.17×106
trophozoites/mL.
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2.3.2 Screening of Amoeba-resistant Bacteria by the Co-culture Protocol
Amoebal microplates were prepared the day before each assay, as described in section
2.3.1. Bacteria of interest were cultured based on their appropriate growth conditions on agar
(Table 2.1). Single colonies were transferred to broth culture media, incubated at appropriate
temperature on a shaker to an OD600 of ~0.6, where an OD600 value of 1.0 represents ~5.0×108
cells/mL. The cultures were centrifuged (10 minutes×5,000) and the cell pellets washed 3 times
with PAS. The bacterial cells were suspended in PAS and added to the wells of the prepared
amoeba microplate to a final concentration of 2×107/mL bacterial cells for an approximate MOI
of 10:1. Control wells included wells containing only the washed amoebal trophozoite
monolayers in PAS with no added bacteria or wells with washed and enumerated bacterial
suspension but not containing amoeba. The plates, including controls, were incubated at 30°C
until sampling (1-7 days). At sampling, the PAS buffer was gently removed to avoid disrupting
amoebal monolayers. A 1 mL volume of encystment buffer was added to each well and plates
were placed back at 30°C for 3 days. Encystment was confirmed visually with an inverted
microscope and the amoebal cysts were harvested by scraping the surface of the wells with a
pipette tip and the contents mixed by pipetting up and down 3-5 times. Cyst suspensions were
transferred to sterile 1.5 mL tubes and pelleted by centrifugation at 7,000 rpm for 10 minutes.
The cyst pellets were suspended in a freshly prepared 2% (v/v) solution of glutaraldehyde in
sterile water and mixed on an end-over-end mixer for 2 hours to kill adherent and extracellular
bacteria. Treated cysts were washed 3 times in PYG broth and 500 µL was added to wells of a
24-well plate and incubated for 5-10 days. When bacterial growth was observed, 50 µL of
suspension was spread on appropriate bacterial growth media and incubated at appropriate
temperature. Colonies were confirmed by morphology and staining or by PCR and DNA
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sequencing as described in 2.4.1. When no bacterial growth was observed but amoeba
trophozoites had exited the cysts and formed a monolayer, they were lysed by suspension in
0.05% SDS for 20 minutes followed by vortexing 3 times for 30 seconds each. Lysates were
washed 3 times with PBS and plated on appropriate growth media for the bacteria of interest.
2.3.3 Isolation of Environmental Amoeba-resistant Bacteria
Several approaches were used for these studies. Initially, amoeba were isolated from
environmental samples and grown on NNA-E. coli as described in section 2.2.2. Sterile loops
were used to scrape the migration front of plates containing the amoeba. The loops were then
used to streak agar plates containing different bacterial culture media including: LB, TSA+5%
sheep’s blood, buffered charcoal yeast extract (BCYE) and Middlebrook7H11. The plates were
incubated at 18°C, RT, 30°C or 37°C. When bacterial growth was seen, single colonies were restreaked on fresh plates until pure cultures were obtained. Single colonies were picked and used
to prepare template DNA for amplification of the 16S rRNA gene by PCR as described in section
2.4.1. The direct isolation on agar was not successful at isolating amoeba-resistant bacteria so
amoeba enrichment protocols were developed.
For water from fish culture stations and dairy farms, 30 mL samples were concentrated
by filtration through 0.45 µM and then 0.22 µM filters. The filters were placed in 15 mL conical
tubes with 2 mL PBS and the tubes placed on a shaker for 1 hour to suspend captured bacteria.
The filters were removed and discarded. A 100 µL volume of the suspension was inoculated into
the wells of a prepared 24-well amoebal microplate, as described in section 2.3.1. Control wells
contained PAS alone. After a 2 day incubation at 30°C, supernatant was removed and fresh PAS
was added. Wash was repeated twice. Amoeba were harvested from the wells as described
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(Section 2.3.2). Amoebal trophozoites were pelleted by centrifugation (3,000 rpm×10 minutes)
and lysed with 0.05% SDS as described (Section 2.3.2). Cells were washed 3 times with PBS and
plated on BCYE and LB agar and incubated at 30°C until bacterial growth was evident.
For terrestrial samples, approximately 3-5 g of sample (soil, bedding, dust swabs, muck)
was placed in 15 mL conical tubes and suspended in PAS by vigorously vortexing. Tubes were
left to settle for 5-10 minutes. A 250 µL sample of supernatant was added to amoebal
microplates or control plates containing only PAS (Section 2.3.1) and incubated for 1 or 5 days
at 30°C. After incubation, amoeba were forced to encyst as described in section 2.2.1.
Encystment was confirmed microscopically and cysts were harvested and treated with 2% (v/v)
glutaraldehyde, as described (Sections 2.3.2 and 2.2.1). The treated cysts were washed and
placed in PYG broth for recovery at 30°C and culture of amoeba-resistant bacteria, as described
in section 2.3.2.
2.3.4 MAP Isolation from Cow Feces
Fresh fecal samples were obtained from dairy cows in Ontario by students of Dr. David
Kelton, Department of Population Medicine, University of Guelph, and immediately stored at
4ºC. MAP isolation was performed using a protocol for sample decontamination using 0.9%
HPC (1-hexadecyl-pyridinium chloride, Sigma-Aldrich) in effort to reduce bacterial
contamination with fast growing bacteria (Gao et al., 2009). For each sample, 6-8 grams of feces
was transferred to a 50 mL conical tube containing 25 mL suspension broth of Middlebrook 7H9
with 0.5% glycerol and 0.005% tyloxapol (Appendix 1). The mixture was vortexed vigorously
until homogenous, and incubated at 37ºC for 2-4 hours. The tubes were inverted several times to
mix and left upright at RT for 5-10 minutes. Two mL of the suspension was transferred to a 15
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mL conical tube containing 10 mL of 0.9% HPC prepared fresh in sterile water. The tubes were
mixed gently by inversion, incubated at 37ºC for 16-24 hours and centrifuged at 5,500 rpm for
20 minutes. The unused fecal samples were stored at -20ºC. The supernatant was immediately
decanted. The pellet was suspended in 1 mL decontamination brew of Middlebrook 7H9 broth
with 0.5% glycerol and 0.0025% tyloxapol containing 20 µg/mL amphotericin B, 100 µg/mL
nalidixic acid, 500 µg/mL cyclohexamide and 100 µg/mL vancomycin (Appendix 1) to help
reduce levels of fast growing bacteria and fungi (Gao et al., 2009). Samples were then suspended
by briefly vortexing and placed at 37ºC for 24-48 hours. The contents were then mixed by
inversion of the tubes and 200 µL samples inoculated on Herrold's egg yolk agar (HEYA) slants
(Appendix 1) in duplicate and the slants incubated horizontally at 37ºC with loosened caps. The
slants were checked daily until the surface was dry, and caps were tightened. Growth was
generally seen after 5-6 weeks. Slants were considered negative if no colonies could be seen after
8 weeks.
2.3.5 MAP Isolation MAP from Feces by Amoebal Enrichment
A 6-8 g sample of freshly collected cow feces, stored at 4°C was transferred to 50 mL
conical tubes containing 25 mL sterile PBS. The feces were homogenized by vigorous vortexing
and the suspension poured into one side of a double-chamber filter stomacher bag with pore size
of 280 µm and left upright for 30 minutes. The liquid that collected into the second chamber was
transferred into a sterile 50 mL conical tube using a sterile pipette and centrifuged for 20 minutes
at 5,500 rpm. The supernatant was immediately decanted and the pellet suspended in 25 mL
suspension broth and incubated for 2-4 hours at 37ºC. The contents were mixed by gentle
inversion and the tubes left to stand upright for 5-10 minutes. Two mL of the supernatant was
transferred to a 15 mL tube and centrifuged for 20 minutes at 5,500 rpm. The supernatant was
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discarded and the pellet was suspended in 1 mL decontamination brew (Appendix 1) and
incubated for 24-48 hours at 37ºC. Samples were centrifuged (5,500 rpm×20 mins), the
supernatant discarded and the pellets washed 3 times in PAS. For each wash, the pellet was
suspended in PAS and centrifuged before final suspension in a 1 mL volume of PAS.
A 200 µL sample of suspension was used to inoculate two 6-well amoeba microplates
(Section 2.3.1). The plates were incubated for 1 or 6 days at 30ºC. The supernatant in each well
was removed and 1 mL of encystment buffer added to the trophozoite monolayer. The plates
were incubated for an additional 3 days at 30ºC. The cysts were harvested and treated with 2%
(v/v) glutaraldehyde as described in section 2.2.2. The cysts were washed 3 times with PAS and
suspended in 1 mL of PYG. A 500 µL sample was added to wells of a 24-well plate and plates
were incubated at 30ºC and checked daily for trophozoite growth using an inverted microscope.
Once excystment had occurred, trophozoites were lysed using 0.05% SDS, washed 3 times and
200 µL used to inoculate HEYA slants. Slants were incubated at 37°C for up to 8 weeks.
2.4 DNA methods
All oligonucleotide primers used in this study were synthesized by SigmaGenosys
(Oakville, Canada) and are shown in Table 2.2. Amplification of DNA fragments was carried out
by polymerase chain reaction (PCR) using Taq DNA polymerase in ThermoPol buffer
(NewEngland BioLabs). PCR master mix consisted of 1× ThermoPol buffer, 200 µM dNTPs, 0.2
µM of each primer and 1.25 units of Taq polymerase per each 50 µL reaction. When required,
1% agarose gels in 0.5× Tris-borate-EDTA (TBE) buffer (Appendix 1) were used to separate
DNA fragments by agarose gel electrophoresis at 60V for 40 minutes. For bacterial cells,
template DNA was prepared by transferring a single colony to 50 µL sterile 10 mM Tris-
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Table 2.2 Oligonucleotide primers utilized in this study.

Primer
Name

Sequence (5ʹ-3ʹ)

a

AGAGTTTGATCCTGGCTCAG

16S8/20

a

16S1522R AAGGAGGTGATCCARCCGCA

Annealing
Temp
(°C)
62

Product
Size (bp)

67

1500

1500

b

CGCGGTAATTCCAGCTCCAATAGC

69

430

b

P-FLA-R

CAGGTTAAGGTCTCGTTCGTTAAC

63

430

c

JDP1

GGCCCAGATCGTTTACCGTGAA

68

420-550

c

TCTCACAAGCTGCTAGGGAGTCA

68

420-550

c

CTGGTTGATCCTGCCAGTAG

63

1475

c

GTGCCCTTCCGTCAAT

60

1475

c

GTCAGAGGTGAAATTCTTGG

58

112

c

TCAGGCTCCCTCTCCGGAATC

69

177

c

GTAATTCCAGCTCCAATAGC

58

221

c

CCAAGAATTTCACCTCTGAC

58

204

d

CCAGCTCCAATAGCGTATATT

60

720-925

d

CCAGCTCCAAGAGCGTATATT

60

720-925

d

GTTGAGTCGAATTAAGCCGC

62

720-925

P-FLA-F

JDP2
CRN5F
1137R
892C
373R
570C
892
Ami6F1
Ami6F2
Ami9R

a

Johnson, 1994, bTsvetkova et al., 2004, cSchroeder et al., 2001, dThomas et al., 2006
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EDTA (TE) buffer (Appendix 1) and boiling for 5 minutes at 96°C. For amoebal DNA, amoebae
were harvested from NNA-E. coli plates as described in section 2.1.2. Cell pellets were
suspended in 50 µL of TE buffer and boiled for 5 minutes at 96°C. Samples were left to cool for
5 minutes at RT before centrifugation on a bench top centrifuge for 30 seconds and stored at 20°C.
When required, DNA amplified by PCR was purified prior to sequencing. Samples were
suspended in 3 volumes of 6M guanidine isothiocyanate and an equal volume of 4M guanidine
isothiocyanate in a microfuge tube. Five µL of silica beads in sterile water were added and the
tube contents were mixed for 5 minutes. The beads were collected by centrifugation at 10,000
rpm for 10 seconds, washed a second time with 500 µL 6M guanidine isothiocyanate and twice
in 400 µL silica wash buffer containing 20 mM Tris-HCl pH 7.4, 1 mM EDTA, 50 mM NaCl in
50% ethanol (Appendix 1). The buffer was gently removed and the tubes, with caps open, were
left to air dry at 70°C for 5-10 minutes. DNA was eluted by suspending beads in 20-50 µL of
sterile, UV-treated milliQ water and incubation for 5 minutes in a 50°C water bath. Tubes were
vortexed briefly, centrifuged for 30 seconds at 10,000 rpm and supernatant was transferred to a
sterile 1.5 mL tube. When required, DNA concentrations were determined using the NanoDrop
8000.
2.4.1 PCR conditions
Universal oligonucleotide primers 16S8/20 and 16S1522R were used to amplify a 1,500
bp region of the prokaryotic 16S rRNA gene. PCR conditions were: initial denaturation step at
95°C for 2 minutes followed by 35 cycles of 95°C for 20 seconds, 50°C for 30 seconds and 72°C
for 2 minutes followed by a final elongation step of 72°C for 5 minutes.
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Acanthamoeba specific primer sets JDP1/2 and P-FLAF/R were used to amplify variable
regions of the Acanthamoeba 18S rRNA gene. Cycles for the JDP1/2 PCR are as follows:
denaturation at 95°C for 7 minutes followed by 45 cycles of 95°C for 2 minute, 60°C for 1
minute and 72°C for 2 minutes followed by a final elongation at 72°C for 5 minutes. Cycles for
the P-FLAF/R PCR are as follows: denaturation at 95°C for 5 minutes followed by 40 cycles of
95°C for 1 minute, 63°C for 1 minute, 72°C for 3.5 minutes and a final elongation at 72°C for 10
minutes. Cycles for CRN5F/1137R were as follows: 95°C for 7 minutes followed by 45 cycles of
95°C for 1 minute, 60°C for 1 minute and 72°C for 2 minutes and a final elongation step of 72°C
for minutes. The PCR cycles for the Ami primer set were as follows: 95°C for minutes followed
by 40 cycles of 95°C for 1 minute, 55°C for 30 seconds and 72°C for 2 minutes and a final
elongation step of 72°C for 10 minutes.
2.5 Microscopy
2.5.1 Staining of Amoeba Trophozoites and Amoeba-associated Bacteria
Amoeba cells from co-cultures were harvested by centrifugation as described (Section
2.3.2). The cell pellets were suspended in 100 µL PAS. Ten µL of amoebal suspension was
placed on a glass microscope slide and left to air dry at RT for 5-10 minutes. To fix the cells onto
the slide, the smears were flooded with 100-200 µL of cold methanol (stored at -20ºC), placed at
-20ºC for 10 minutes then briefly rinsed with PBS.
Giminez Staining of Trophozoites
The staining solution was made by mixing 10 mL of 0.1 M sodium phosphate buffer to 4
mL of pre-warmed (37°C) Giminez fuschin stock of 10% ethyl alcohol, 1% aqueous phenol and
1% basic fuschin (Ammerman et al., 2009). The solution was filtered through a 0.22 µm syringe
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filter. Slides containing the methanol fixed cell smears were covered with the stain for 5 minutes,
rinsed with distilled water for 5 seconds, counterstained with 0.8% malachite green for 30
seconds, and very briefly rinsed with distilled water. Slides were dried and examined by light
microscopy.
Ziehl-Neelsen and Gram Staining of Bacteria and Trophozoites
A thin smear of trophozoite cells was placed on a glass microscope slide and left to air
dry at RT for 5-10 minutes. The cells were heat-fixed by quickly passing the slides through a
flame 6-8 times. Gram and Ziehl-Neelsen staining protocols were as described by Gephardt et al.
(1981). Briefly, for Ziehl-Neelsen staining, the heat-fixed cell smear was flooded with carbol
fuschin and placed, covered, on a pre-warmed warming box in a fume hood for 5 minutes.
Carbol fuschin was washed off with distilled water for 5 seconds. Slides were decolourized by
adding an acid-alcohol wash to the slides drop-wise until the wash was clear. Excess acidalcohol was rinsed off with distilled water for 5 seconds. The cells were counterstained with
methylene blue for 30 seconds and rinsed with distilled water for 5 seconds. Slides were dried by
gently blotting with Kim Wipes before examination by light microscopy.
2.5.2 Transmission Electron Microscopy
Prior to fixation, amoebal trophozoites or cysts from amoebal-microplates were harvested
as described in section 2.2.4 and transferred to a 1.5 mL tube. Cells were pelleted by
centrifugation at 3,000 rpm for 10 minutes. Supernatant was discarded and 300 µL of 2.5%
glutaraldehyde in 0.1M cacodylate buffer (pH 7.4) was added without disrupting the pellet. The
cell suspensions were stored at 4°C overnight. The fixation buffer was carefully removed while
avoiding disruption of the pellet. Pellets were suspended in 2% noble agar and the molten agar
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transferred to a clean glass microscope slide. Once solidified, embedded pellets were cut into ~1
mm3 blocks and transferred to a sterile 1.5mL tube and 1% buffered osmium tetroxide added to
fix the cells. After 1 hour incubation at RT the slices were dehydrated by sequential washes with
a series of ethanol from 50% to 100%. Slices were embedded in L.R white resin (London Resin
Co. Ltd.) in 0.1 M sodium cacodylate buffer at pH 7.4. Thin sections of the resin were prepared
on Formvar copper grids and stained with 1% uranyl acetate and lead citrate and observed using
a Philips CM 10 transmission electron microscope.
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Chapter 3. 0: Results
3.1 Developing Methodologies for the Isolation of Free-living Amoeba from Environmental
Samples
During initial isolation attempts from 15 environmental samples from both urban
sampling sites and dairy farms, shown in Table 3.1, no amoeba were isolated. The direct
isolation from environmental samples on NNA seeded with heat-killed E. coli produced highly
contaminated plates. A representative plate is shown in Figure 3.1. Amoeba isolation from the
urban and dairy farm samples was repeated using NNA plates seeded with live E. coli HB101.
As suggested in the literature, as soon as amoebal growth was seen, an agar block was excised
from the migration front, placed face down on freshly prepared NNA-E. coli plates and the
process repeated 3-4 times (Figure 3.2) (Neff, 1958, Greub et al., 2004, Maciver et al., 2013).
Using this methodology amoeba were successfully isolated from 3 of 15 (20%) environmental
samples (Table 3.1). Additionally, samples of hay field soil (isolate N3), an outdoor calf stall
puddle (isolate LS2) and used sand bedding from a cow lay stall (isolate LSU) produced amoebal
growth, but even by repeated subculture of agar blocks from the early migration front, fungal
contamination remained an issue. Protocols were developed to selectively reduce fungal
contamination. The lab-adapted Aca. polyphaga ATCC 50372 was used as the test organism.
When cyst resistance to physical and chemical treatments was assessed trophozoites were
recovered from cysts treated for 30 minutes at RT with 0.0525% and 0.26% NaClO (Table 3.2).
Cysts were killed after treatment with 0.525% NaClO for 30 minutes. Acanthamoeba polyphaga
cysts were resistant to heat treatment of 55°C for 20 minutes but were not recovered after 20
minutes at 65°C. Untreated cysts and trophozoites in PAS buffer were also inoculated on NNAE. coli plates as controls; untreated cysts showed growth after 96 hours, while growth of
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Table 3.1. Environmental sampling sites and sample types screened for the presence of freeliving amoeba. Sample ID's are provided for reference.

Sample type

Sample Site

Urban sources

a

Sample ID

Soil, University of Guelph
Soil, outdoor potted plant
Soil, indoor potted plant
Soil, indoor potted plant
Soil, indoor potted plant

Tr
OO
IB
IT
IL

c

Outdoor calf stall muck
Outdoor calf stall, puddle
b
Lay stall, fresh sand bedding (top layer)

R1
LS2
R3

c

Lay stall, used sand bedding (turned over)
Cow path between barns, outdoor soil
Barn 2, muck from stalls
Fresh feces

LSU
CP
R6
R7

Dairy farm Rockwood, Ontario

Outdoor calf stall soil
Outdoor calf stalls water (puddle)
b
Soil, hay field, freshly turned over

N1
N2
N3

Ontario fish culture stations

b

118
130

a

Dairy Farm Seaforth, Ontario

b

a

c

Dorion FCS head pond sediment
Dorion FCS head pond sediment

b

Dorion FCS head pond sediment

137

Dorion effluent sediment (Spring Creek)

230

Dorion effluent sediment (Spring Creek)
Harwood FCS water/sediment
b
Harwood FCS Settled sludge, waters’ edge
Blue Jay Creek head pond sediment
Blue Jay Creek sediment, effluent
b
Chatworth Springs hatchery pond

237
HWFCS
418
BJC FCS1
BJC FCS2
CWSH30

b

IBH30

c
c

b

Fish tank biofilm material

a

Amoeba isolated from sample by direct plating and sub-culture methodology.
Amoeba isolated from sample subsequent to sample pre-treatment with 0.26% NaClO.
c
Amoeba isolates contaminated with fungi after sample pre-treatment with 0.26% NaClO.
Isolated by decontamination with 2% (v/v) glutaraldehyde.
b
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R1

Figure 3.1. NNA-E. coli plate after attempted isolation of free-living amoeba from sample LSU ,
lay stall, used sand bedding. An agar block excised from the amoebal migration front on another
NNA-E.coli plate was placed amoeba-side down on the fresh plate (red arrow) and incubated at
30°C. Sub-culture was repeated 3-4 times but was not sufficient to clear persistent fungal
contamination (black arrows). Filamentous fungal growth is present but not visible in this image.
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were included as controls.

cysts was assessed by direct culture on NNA-E. coli and in PYG broth at 30°C. Untreated cysts and trophozoites

Table 3.2. Resistance of A. polyphaga ATCC 50372 cysts to treatment with NaClO or moist heat. Viability of

untreated trophozoites was seen after 72 hours.
The cyst decontamination methodology was repeated for the remaining 12 urban and
dairy farm samples, shown in Table 3.1, for which initial amoeba isolation was unsuccessful.
When these samples were pre-treated with 0.26% NaClO, isolation of amoeba free from fungal
contamination was possible from samples of an outdoor calf stall puddle (isolate LS2), fresh
sand bedding from a lay stall (isolate R3) and hay field soil (isolate N3) (Table 3.1). Dairy farm
samples of muck from an outdoor calf stall (isolate R1) and used sand bedding from an indoor
lay stall (isolate LSU) produced amoebal growth but were rapidly overcome by fungal growth
even after repeated subculture of the amoebal migration front.
Amoeba isolation from 8 water and sediment samples from fish culture stations, shown
in Table 3.1, pre-treated with 0.26% NaClO was compared to isolation by direct plating with no
pre-treatment. The untreated plates all showed fungal growth before amoeba could be isolated.
From the 8 fish culture station samples shown in Table 3.1, at least 1 amoeba species was
successfully isolated by 0.26% NaClO pre-treatment from 5 of the samples; Dorion FCS head
pond sediment (isolates 118 and 137), Harwood FCS water/sediment (isolate HWFCS),
Harwood FCS settled sludge (isolate 418), Chatworth Springs hatchery pond water (isolate
CWSH) and fish tank biofilm material (isolate IBH30). Plates inoculated with samples from
Dorion FCS head pond sediment (isolate 130) and Dorion effluent sediment (230 and 237)
produced amoebal growth but were overcome by fungal contamination (Table 3.1).
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Amoeba isolates LSU, 230, 237, R1 and 130 from both dairy farms and fish culture
stations produced amoebal growth after 0.26% NaClO treatment but were repeatedly
contaminated with fungal growth. A second round of encystment and chemical disinfection was
used for these isolates, as well as Aca. polyphaga ATCC 50372 as a control. When these cysts
were treated with either 2% (v/v) glutaraldehyde or 0.1N HCl recovery of isolates free of fungal
contamination took upwards of 12 days for growth to be seen (Table 3.3). Amoeba from sample
LSU treated with glutaraldehyde were not recoverable, but were recovered free of fungal
contamination after treatment with 0.1N HCl. The remaining isolates 230, 237, R1, 130 and
control Aca. polyphaga ATCC 50372 were recoverable free of fungal growth after both HCl and
glutaraldehyde treatment. All remained free of further fungal contamination. By direct plating of
samples extracts and rapid subculture to fresh NNA-E. coli plates, a total of 3 of 23 (13%)
samples yielded amoeba growth that was free of fungal contamination compared to 14 of 20
(70%) isolated using the newly developed methods. A schematic overview of the proposed
protocol for primary amoeba isolation is shown in Figure 3.3.
3.2 Molecular Identification of Free-living Amoeba
Morphology based-identification schemes were used to tentatively identify environmental
amoeba isolates with only limited efficacy (Tsvetkova et al., 2004, Smirnov and Brown, 2004).
For the environmental amoeba in this study grown on plates or in broth, isolates could only be
differentiated to the genus level by microscopic examination of cell morphology characteristics
when they belonged to the genus Acanathamoeba because cell morphology was highly variable,
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Figure 3.3. A schematic overview of developed methods for the primary isolation of free-living amoeba from heavily
contaminated environmental sources. Samples are suspended in PAS buffer and plated on NNA-E. coli. If fungal growth occurs,
the sample is suspended in a high salt encystment buffer to promote encystment of resident amoeba followed by treatment with
0.26% sodium hypochlorite for 30 minutes at RT. Sample is washed and plated on NNA-E. coli. If fungal growth persists, cells
are harvested from the plates, encysted a second time and treated with 2% (v/v) glutaraldehyde for 2 hours at RT. Washed cysts
are plated back on NNA-E. coli and checked daily for growth.

changing with movement of the cells and image profile. General characteristics of the four
genera of amoeba isolated in this study are highlighted in (Figure 3.4). Morphology-based
identification of amoeba was impractical and not dependable and a molecular-based approach
was used to identify the amoebal isolates.
The identities of the environmental amoeba isolates were found by PCR and sequencing
of variable regions of the amoebal 18S rRNA gene. Four oligonucleotide primer sets were
assessed for their ability to amplify the variable regions shown in Figure 3.5; JDP1/JDP2, PFLAF/P-FLAR, CRN5/1137R and Ami6F1/Ami6F2/Ami9R (Table 2.2). For the isolates in this
study, the JDP and P-FLA primer pairs were used to amplify regions of the 18S rRNA gene from
environmental isolates OO and Tr as well as control Aca. polyphaga ATCC 50372. The P-FLA
primer pair generated a 1,000 bp product and the JDP primer pair generated an approximately
440 bp product for these isolates (Figure 3.6 and Figure 3.7 respectively). The JDP and P-FLA
primer sets were not successful at amplifying DNA from non-Acanthamoeba environmental
isolates in this study (Schroeder et al., 2001 and Tsvetkova et al., 2004). To identify nonAcanthamoeba isolates, a nested PCR approach was taken using different primer sets.
When combinations of oligonucleotide primers targeting the individual variable regions
of the amoebal 18S rRNA gene shown in Figure 3.5 were used, they generated DNA products of
~480 bp (CRN5F/373R), ~900 bp (570C/1137R), ~750 bp (JDP2/570C) and 1500 bp
(CRN5F/1137R) from Aca. polyphaga ATCC 50372, and environmental isolates OO and Tr
respectively (Figure 3.8).
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Figure 3.4. Representative morphologies of environmental free-living amoeba from 4 different
genera isolated in this study. A. Environmental isolate, B. Environmental isolate LSU, C.
Environmental isolate R1, and D. Environmental isolate CP. Bars represent 10 µm.
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primers and 1000 bp for the P-FLAF/P-FLAR primers.

product sizes for each oligonucleotide primer set are 827 bp for the Ami6F1/Ami9R primers, 447 bp for the JDP1/JDP2

the 18S rRNA gene amplified by PCR using amoeba specific oligonucleotide primer sets and are shown. Expected PCR

Figure 3.5. Representation of the Acanthamoeba 18S rRNA gene. Variable regions are shown as dark boxes. Regions of

Figure 3.6. 1% agarose gel of PCR products amplified from template DNA from free-living
amoeba and amplified using the P-FLAF/P-FLAR oligonucleotide primer set. Lanes: M. 1 kb
DNA ladder; 1. Positive control Aca. polyphaga ATCC 50372; 2. environmental isolate OO; 3.
environmental isolate Tr; 4. Negative control, E. coli HB101.
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2000 bp
1500 bp
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Figure 3.7. 1% agarose gel of PCR products amplified from template DNA from free-living
amoeba and amplified using the JDP1/JDP2 oligonucleotide primer set. Lanes: M. 1 kb DNA
ladder; 1. Positive control Aca. polyphaga ATCC 50372 harvested from PYG culture media; 2.
Positive control Aca. polyphaga ATCC 50372 harvested from NNA-E. coli media; 3.
environmental isolate OO; 4. environmental isolate Tr; 5. Negative control, E. coli HB101.
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Figure 3.8. 1% agarose gel of PCR products amplified from template DNA from 2
environmental free-living amoeba isolates and Aca. polyphaga ATCC 50372 amplified using the
4 different oligonucleotide primer sets shown, targeting variable regions of the amoebal 18S
rRNA gene. M. 1 kb DNA ladder; 1. Positive control Aca. polyphaga ATCC 50372; 2.
environmental isolate OO; 3. environmental isolate Tr; 4. Aca. polyphaga ATCC 50372; 5.
environmental isolate OO; 6. environmental isolate Tr; 7. Aca. polyphaga ATCC 50372; 8.
environmental isolate OO; 9. environmental isolate Tr; 10. Aca. polyphaga ATCC 50372; 11.
environmental isolate OO; 12. environmental isolate Tr.
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Purified PCR products were submitted for DNA sequencing, but sequencing reactions for
all samples consistently failed to generate usable sequence data, even using the nested
sequencing primers on the full-length CRN5/1137R amplicon. These oligonucleotide primer sets
were abandoned.
The Ami6F1/Ami6F2/Ami9R primer set consistently amplified a DNA product from all
environmental isolates obtained in this study, including those which were found to belong to
genera other than Acanthamoeba by morphology (Figure 3.9). Three unique fragment lengths
were observed among the isolates tested at 720 bp, 820 bp and 925 bp. Purified PCR products
were sequenced and identities were found using Basic Local Alignment Search Tool (NCBI).
Identities of all environmental isolates isolated in this study are shown in Table 3.4. Sequence
data is provided in Appendix 2. After sequencing and identification it was found that variable
fragment lengths corresponded to different genera, with a fragment length of 925 bp for
Acanthamoeba spp., 820 bp for Naegleria spp., and 720 bp for Vermamoeba vermiformis.
3.2.1 Diversity of Free-living Amoeba
Using the protocols developed in this study, one or more amoebal species were
successfully isolated and identified from 14 of 20 (70%) of environmental samples. In total, 17
amoebae were isolated and identified from 23 environmental samples tested: 2 of 5 urban soil
samples, 6 of 10 from dairy farm samples and 6 of 8 aquaculture samples (Samples of Dorion
Fish Culture Station pond sediment and Dorion effluent pond sediment both contained multiple
isolates). Of the environmental isolates, 64.7% were identified by 18S rRNA sequencing as
belonging to the genus Acanthamoeba, 11.7% to the genus Vermamoeba (formerly
Hartmannella), 11.7% to the genus Stenamoeba and 17.6% to the genus Naegleria.
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A

B

Figure 3.9. 1% agarose gels of PCR products after purification using silica beads. DNA was
amplified from template DNA obtained from environmental free-living amoeba and amplified
using the Ami6f1/Ami6F2/Ami9R oligonucleotide primer set.
Gel A: M. 1 kb ladder. 1. 118, 2. 230, 3. CWSH, 4. 418, 5. 137, 6. LS2, 7. 118, 8. 130, 9. 237,
M. 100 bp ladder, 10. CP, 11. Aca. polyphaga ATCC 50372, 12. R1, 13. R3, 14. N3 and 15.
HWFCS.
Gel B: M. 100 bp ladder, 1. Tr, 2. OO, M. 1 kb ladder, 3. LSU, M. 100 bp ladder, 4.IBHO.
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Table 3.4. All environmental free-living amoeba identified in this study. Amoeba were identified
by sequence similarity of the 18S rRNA gene to the most similar GenBank sequence.
Sample
source

Strain
code

Highest 18S
rRNA
similarity by
BLASTn
(Accession
number)

18S rRNA
gene
similarity to
highest
BLASTn hit

Highest 18S
rRNA
similarity to
species level by
BLASTn
(accession
number)

Soil, outdoor
potted plant

OO

732/734
(99%)

Lay stall, used
sand bedding
(turned over)

LSU

Acanthamoeba
quina
(AY703023.1)
Vermamoeba
vermiformis
KC346966.1

Soil,
University of
Guelph
Soil, hay field,
freshly turned
over
Dorion FCS
head pond
sediment
Dorion FCS
head pond
sediment
Dorion FCS
head pond
sediment
Dorion
effluent
sediment
(Spring Creek)
Dorion
effluent
sediment
(Spring Creek)
Harwood FCS
water and
Sediment

Tr

Acanthamoeba
sp.
(EF140633.1)
Uncultured
Vermamoeba
clone
(JX083153.1)
Acanthamoeba
polyphaga
(U07415.1)
Acanthamoeba
sp.
(EU273827.1)
Acanthamoeba
castellanii
(GU001160.1)
Acanthamoeba
castellanii
(AF260724.1)
Uncultured
Vermamoeba
(JX083153.1)
Acanthamoeba
rhysodes
(U07406.1)

237

Acanthamoeba
sp.
(DQ264391.1)

807/810
(99%)

HWFCS

Aca.
polyphaga
(U07415.1)

774/774
(100%)

N3

118

130

137

230

475/475
(100%)

18S rRNA
gene
similarity
to the
highest
BLASTn at
the species
level
731/734
(99%)
475/475
(100%)

812/812
(100%)
754/766
(98%)

Acanthamoeba
palestinensis
(AF019063.1)

781/809
(97%)

Vermamoeba
vermiformis
(KC669518.1)

590/590
(100%)

Acanthamoeba
mauritaniensis
(AY351647.1)

797/808
(99%)

820/820
(100%)
804/807
(99%)
590/590
(100%)
817/818
(99%)
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Harwood FCS
settled sludge,
waters' edge
Chatworth
Springs FCS
hatchery pond
water
Outdoor calf
stall, puddle

418

CWSH

LS2

Lay stall, fresh R3
sand bedding,
top layer
Fish tank
IBH30
biofilm
material
Outdoor calf
R1
stall muck
Cow path
CP
between barns,
outdoor soil

Acanthamoeba
sp.
(DQ264391.1)
Naegleria sp.
(KC346963.1)

817/825
(99%)

Naegleria
australiensis
(U80058.1)
Stenamoeba
sp.
(KC210143.1)
Naegleria sp.
(EF378678.1)

668/689
(99%)

Stenamoeba
sp.
(KC210143.1)
Acanthamoeba
sp.
(HM363628.1)

667/700
(95%)

677/677
(100%)

686/701
(98%)
618/640
(97%)

658/658
(100%)
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Acanthamoeba
mauritaniensis
(AY351647.1)
Naegleria
americana
(AM062740.1)

808/823
(98%)

Stenamoeba
limicina
(KC346965.1)
Naegleria fultoni
(DQ768719.1)

395/403
(98%)

Stenamoeba
limicina
(KC346965.1)
Acanthamoeba
polyphaga
(AF019061.1)

575/630
(91%)

646/645
(100%)

618/640
(97%)

658/659
(99%)

Acanthamoeba species accounted for approximately 50% of the amoebal diversity in
both terrestrial (50%) and aquatic (62.5%) environments. Naegleria and Vermamoeba were
evenly distributed in terrestrial and aquatic environments. A neighbour joining tree of all amoeba
isolated and identified in this study was constructed using the sequence data shown in Appendix
2, including Aca. polyphaga ATCC 50372 using Clustal Omega (Figure 3.10) (Sievers et al.,
2011).
3.3 Axenic Culture of Free-living Amoeba
Axenic growth is the culture of amoeba in a nutrient broth without the presence of a
bacteria food source. Axenic culture of 6 environmental isolates was established in PYG broth at
30°C. All axenically culturable isolates belong to the genus Acanthamoeba-Aca. polyphaga, Aca.
rhysodes, Aca. mauritaniensis and Aca. castellanii (Table 3.5). Axenic cultures of the other
environmental amoeba isolates could not be established by sub-culture of xenically cultured cells
(amoeba cultured on a bacterial food source) from NNA-E. coli plates to both full strength or
serially diluted PYG, PYNFH or SCGYEM broths. The xenically culturable Acanthamoeba and
Naegleria isolates rapidly encysted within 2-3 days when introduced to the bacteria-free liquid
culture media. Isolates of Vermamoeba remained as trophozoites for upwards of 7 days, but did
not undergo any noticeable population growth before encystation, based on the daily
examination of cultures using an inverted microscope. Once established in axenic culture, the six
isolates of Acanthamoeba could be sub-cultured to fresh PYG every 10-14 days without a change
in the cell-density and rate at which they would grow after each sub-culture.
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conducted using Clustal Omega (Sievers et al., 2011).

amoeba that were identified in this study, including Aca. polyphaga ATCC 50372. Sequence alignments were

Figure 3.10. Neighbour-joining tree showing the phylogenetic relationships of the environmental free-living

Table 3.5. Isolated environmental free-living amoeba that were successfully converted to an
axenically growing lifestyle by sub-culture from NNA-E. coli plates to PYG culture media at
30°C.

Isolate

Identity

AP ATCC 50372

Aca. polyphaga

HWFCS

Aca. polyphaga

230

Aca. rhysodes

237

Aca. maurtitaniensis

118

Aca. castellanii

AP-T

Aca. polyphaga

CP

Aca. polyphaga
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3.4 Developing Methodologies for Identification of Amoeba-resistant Bacteria
Using methodology developed by Lamrabet et al. (2012), Aca. polyphaga ATCC 50372
and MAP gc86, M. smegmatis MC2155 and M. avium subsp. hominissuis 104 were co-cultured in
96-well microplates at 30°C. When the trophozoites within the wells were washed to remove the
non-internalized bacteria and the cells stained for acid-fast bacteria by Ziehl-Neelsen stains, each
species of Mycobacterium could be clearly seen within Aca. polyphaga trophozoites (Figure
3.11). Mycobacterium smegmatis was present at the lowest levels within individual amoebae in
what appear to be enclosed vacuoles (Figure 3.11B). MAP were also present, as seen in Figure
3.11C and M. avium was present in high numbers within the amoeba trophozoites (Figure
3.11D). As seen in Figure 3.11C and 3.11D, extracellular bacteria were still present even after
washing, making it difficult to accurately differentiate between internalized vs. adherent bacteria
or bacteria released from the amoeba. This is especially true for the trophozoite shown to contain
large numbers of bacilli of M. avium 104 (Figure 3.11D). While the 96-well plates allowed rapid
screening of multiple samples at various MOI’s, the trophozoites harvested from each well were
too few to allow for extensive washing of cells and downstream applications such as determining
viability of internalized bacteria by culture.
Subsequently, co-culture using 24-well plates was used to increase the surface area and
the numbers of amoeba trophozoites in the monolayer. For these assays Aca. polyphaga ATCC
50372 and the environmental amoeba isolate, Aca. polyphaga CP were co-cultured with the fish
pathogen, Y. ruckeri strains RS3, RS11, and E. coli HB101 all at 18°C as a control. When the
wells were washed 4 times to remove extracellular bacteria and the harvested trophozoites were
spread plated for culture of Y. ruckeri and E. coli, all plates were positive for bacterial growth
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Figure 3.11. Preliminary co-culture of A. Aca. polyphaga ATCC 50372 with B. M. smegmatis
MC2155, C. MAP strain gc86 and D. M. avium subsp. hominissuis. Washed and enumerated
mycobacterial cells were added to prepared amoebal microplates at an MOI of 10:1 in PAS and
incubated overnight at 30°C. Wells were washed twice with PAS and amoebal trophozoites
harvested. Cells were air dried on a microscope slide and heat-fixed fixed before Zeihl-Neelsen
staining for acid-fast bacteria. Bar represents 10 µm, red arrows show M. smegmatis MC2155
bacilli.
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including controls lacking amoeba. When a sample of trophozoites was Gram-stained to
visualize internalized and associated bacteria, direct staining of heat-fixed trophozoites did not
offer sufficient contrast to provide conclusive evidence for the presence of internalized bacteria.
The 24-well culture contained sufficient cells for additional washes, microscopy and
culture, but contained too few trophozoites to allow for encystment studies and differential
analysis of extracellular vs. intracellular bacteria. Washing of wells was not sufficient to remove
all non-internalized and adherent bacteria as indicated in some studies which have identified
amoeba-resistant bacteria by similar co-culture methods, using washing with buffers and staining
to visualize and differentiate internalized vs. adherent bacteria (Olofsson et al., 2013). However,
based on this data this approach is not sufficiently rigorous to unequivocally identify a bacterium
as internalized, adhered to or shed from the trophozoite because it is difficult to wash off all noninternalized bacteria, as shown by the growth of the E. coli HB101 control. A new approach was
taken to assess amoeba-resistance which took into account the difficulties we found in removing
extracellular bacteria.
Co-cultures were repeated to include an encystment step with chemical treatment to kill
non-internalized bacteria as well as using 6-well plates to increase the surface area for amoebal
attachment. When Aca. polyphaga ATCC 50372 and environmental Aca. polyphaga CP were cocultured with M. chelonae, M. smegmatis MC2155 and M. avium subsp. hominissuis 104 for 3
days the wells were washed to remove adherent bacteria, the trophozoites harvested (Section
2.3.2) and methanol fixed and stained by Ziehl-Neelsen staining. Mycobacterium smegmatis was
present within vacuoles throughout the trophozoites of both Aca. polyphaga strains, similar to
what was shown in Figure 3.12B. Some vacuoles contained more than one bacillus (Figure 3.12).
Acanthamoeba polyphaga ATCC 50372 appeared to contain much higher levels of M.
72

Figure 3.12. Co-culture of A. Mycobacterium smegmatis MC2155, B. Mycobacterium avium
subsp. hominissuis 104 and C. Mycobacterium chelonae with a lab strain A.polyphaga (AP) and
an environmental isolate (CP) before and after encystment and killing of adherent and
extracellular Mycobacterium by 2% glutaraldehyde. Acid fast bacilli are seen by Ziehl-Neelsen
staining. Amoeba were lysed with 0.5% SDS, lysates were spread on Middleborook’s7H11 agar
and incubated at 37°C. Bar=10µm.
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smegmatis than did Aca. polyphaga CP (Figure 3.12). Wells containing M. avium 104 were
found to predominantly contain amoebal cysts with very few trophozoites present for either
amoebal strain. The few trophozoite forms did not contain M. avium bacilli. Many immature
cysts were also present (Figure 3.12B). Many of the immature and mature cysts were surrounded
by large numbers of acid-fast staining M. avium 104. Wells containing amoeba co-cultured with
M. chelonae had many trophozoites, but fewer contained acid-fast bacilli compared to M.
smegmatis (Figure 3.12C). The trophozoites that did contain M. chelonae did not appear to have
clearly defined vacuoles containing the bacteria such as seen for M. smegmatis, and M. chelonae
tended to appear as larger clumps of bacilli.
When cysts from a duplicate plate were treated with glutaraldehyde to kill adherent
mycobacterial cells and recovered in PYG broth, a sample of harvested trophozoites was retained
for methanol fixation and Ziehl-Neelsen staining. Mycobacterium smegmatis was seen within
recovered trophozoites of Aca. polyphaga ATCC 50372 at reduced levels compared to the pretreatment (Figure 3.12A). Mycobacterium smegmatis bacilli could not be seen within
trophozoites of the environmental isolate of A. polpyhaga strain CP (Figure 3.12A).
Mycobacterium avium subsp. hominissuis bacilli were seen at low levels within both recovered
amoeba isolates as were bacilli of M. chelonae (Figure 3.12B and C).
When trophozoites from the pre-treatment and glutaraldehyde treated wells were lysed
and spread plated all pre-treated wells were positive for mycobacterial growth, confirmed by
acid-fast staining. After 2 weeks, no growth of M. smegmatis or M. avium was seen for the
glutaraldehyde treated wells. Colonies of M. chelonae were visible after 1 week of incubation.
All pre-treatment controls were positive for growth. All glutaraldehyde treated control wells
were negative.
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The results of a large-scale co-culture of an additional 9 mycobacterial species/strains
with 3 environmental isolates of Aca. polyphaga (strains CP, HWFCS and Tr) as well as Aca.
polyphaga ATCC 50372 are shown in Table 3.6. Only 3 mycobacterial species, M. chelonae, M.
terrae and M. simiae, were able to resist killing by Aca. polyphaga ATCC 50372 and to survive
encystation. Environmental Aca. polyphaga HWFCS and CP were unable to successfully clear 5
of the mycobacterial isolates tested, while environmental Aca. polyphaga Tr successfully cleared
all but 2 of the mycobacteria (M. terrae and M simiae) (Table 3.6). Controls of all 12
Mycobacterium spp. were negative for growth after glutaraldehyde treatment.
Stenotrophomonas maltophilia, P. aeruginosa, Sta. delphini, Str. canis, C. ulcerans, Arc.
pyogenes, Y. ruckeri, Aer. salmonicida and Aer. hydrophila were also tested as potential amoebaresistant bacteria within 6 environmental Acanthamoeba spp. and Aca. polyphaga ATCC 50372
using the co-culture methodology. Stenotrophomonas maltophilia was recovered from Aca.
polyphaga ATCC 50372, and environmental Aca. polyphaga isolates HWFCS and Tr.
Pseudomonas aeruginosa PAO1 was recovered from Aca. polyphaga ATCC 50372 and
environmental isolate Aca. polyphaga HWFCS. No other bacteria were recovered from any of
the amoeba isolates. Results are summarized in Table 3.7.
3.4.1 Identifying Amoeba-resistant Bacteria Resident in the Free-living Amoeba
Four potentially amoeba-resistant bacteria, all belonging to the genus Bacillus, were
isolated from environmental amoeba isolates N3 and LS2 (data not shown). This method could
not be used to discriminate between environmental carryover of adherent bacteria and
internalized, truly amoeba-resistant species. Eight additional potentially amoeba-resistant
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Table 3.6. Results of amoebal co-culture experiments with 12 mycobacterial species and strains
and 4 Aca. polyphaga strains. Washed and enumerated mycobacteria cells were added to the
wells of prepared amoebal-microplates at 2×107 cells/well and were co-cultured with amoeba for
3 days prior to forced amoebal encystment, treatment with 2% (v/v) glutaraldehyde and amoeba
trophozoite recovery in PYG culture media. Trophozoites were lysed using 0.05% SDS and
lysates plated on mycobacterial culture media and incubated at 37°C.
Mycobacterium
species screened for
amoeba-resistance
by co-culture

Amoebaresistance in
Aca.
polyphaga
ATCC50372

Amoebaresistance in
Aca. polyphaga
strain CP

Mycobacterium
smegmatis MC2155
Mycobacterium
chelonae SSK
Mycobacterium
fortuitum SSA
Mycobacterium
terrae ATCC 15755
Mycobacterium
genavense NT290A
Mycobacterium
szulgai SS8
Mycobacterium
avium subsp. avium
NT1801
Mycobacterium
avium subsp. avium
97/06
Mycobacterium
avium subsp.
hominissuis 104
Mycobacterium
intracellulare D678
Mycobacterium
kansassii ATCC
12478
Mycobacterium
simiae SS2

+
+
-

+
+
+
+

+
-

+
+
-

-

-

-

-

-

-

-

+

-

-

-

+

+

+

+

+
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Amoebaresistance in
Aca. polyphaga
strain Tr

Amoebaresistance in
Aca. polyphaga
strain HWFCS
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mammals.

Table 3.7. Results of amoebal co-culture using 7 different strains of Acanthamoeba sp. and known pathogens of fish and

bacteria were isolated from 4 water samples using amoeba enrichment by Aca. polyphaga ATCC
50372 as described in Section 2.3.3 (Table 3.8). When soil and fecal samples were screened
using amoebal enrichment, decontamination of cysts from soil samples failed to eliminate fungal
contamination (Figure 3.13). Amoebal and fungal cysts were both resistant to all
decontamination protocols examined. No amoeba-resistant bacteria were obtained from soil by
amoeba. Repeated attempts to utilize amoebal enrichment to isolate potentially amoeba-resistant
bacteria from additional terrestrial samples were negative.
3.4.2 Enriching for MAP from Feces
Trials of an amoeba-based method for isolation of MAP from feces was compared to
methods established by Gao et al. (2003) but were unsuccessful in the recovery of viable MAP.
A fecal sample screened using both methods was negative for MAP on HEY agar after >7 weeks
incubation by the established MAP isolation and sample decontamination methods. The amoebabased method was also negative. HEY agar slants inoculated with a 1-day amoebal enrichment
did not show growth of MAP but were free of fungal contaminants (Figure 3.14). Slants
inoculated with a 6 day amoebal enrichment were rapidly overcome by mixed fungal and
bacterial contamination (Figure 3.14).
Fresh fecal samples obtained from Ontario dairy herds were kindly provided by Dr. Dave
Kelton, Department of Population Medecine at the University of Guelph. A total of 13 fresh
fecal samples from 5 Johne’s disease negative, 6 Johne’s disease positive cows and 2 suspect
cows based on Johne’s disease serum ELISA tests were screened for MAP using the established
culture methods and the amoeba co-culture enrichment. When these 13 fecal samples were
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Table 3.8. Potential amoeba-resistant bacteria isolated from water and sediment samples, filtered
through 0.45 µm filters, by amoebal enrichment and glutaraldehyde decontamination method and
identified by sequencing of the prokaryote 16S rRNA gene and multiple sequence alignment
using BLASTn.
Sample

Closest 16S
rRNA gene
similarity by
BLASTn search
(Accession
number)

16S similarity
(total nucleotide
identities)

Cow trough
water

Microbacterium
oxydans strain
M2-2
(KF358264.1)
Rahnella
aquatilis
(NR_074921.1)
Escherichia coli
(HG428755.1)
Paenibacillus sp.
JAM-FM32
(AB526335.1)
Lysinibacillus sp.
(JN975231.1)

99% (1269/1271)

Staphylococcus
sp. (JF784037.1)

100% (1425/1425)

Cow trough
water
Cow trough
water
Calf stall water,
puddle
Chatworth
Springs FCS
water
Chatworth
Springs FCS
water
Chatworth
Springs FCS
hatching pond
water

Closest 16S
rRNA gene
similarity to
species level
by BLASTn
search
(Accession
number)

16S similarity

Paenibacillus
glucanolyticus
(AB680838.1)
Lysinibacillus
fusiformis
(KF475851.1)
Staphylococcus
hominis
(KF254627.1)
Lysinibacillus
fusiformis
(GQ927149.1)

99% (1406/1407)

100% (1381/1381)

100% (1370/1370)
100% (1407/1407)

99% (1425/1426)

Lysinibacillus sp. 99% (1422/1424)
(AB689752.1)
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99% (1425/1427)

100%
(1424/1425)
99% (1422/1423)

A

B

Figure 3.13. Amoebal enrichment of amoeba-resistant bacteria from samples of soil, feces, and
bedding collected from a dairy farm A). Controls containing extracts of the samples without
amoeba after 2% (v/v) glutaraldehyde treatment for 2 hours. Note turbidity of wells and growth
of pigmented bacteria (red), indicating bacterial growth. Samples were treated with 2% (v/v)
glutaraldehyde, washed and added to PYG culture medium. B). Sample extracts added to
amoeba-microplates of Aca. polyphaga ATCC and Aca. polyphaga strain HWFCS. Amoeba
were forced to encyst by the addition of a high salt buffer and treated with 2% (v/v)
glutaraldehyde, washed, and suspended in PYG culture media. Glutaraldehyde treatment was not
sufficient to limit fungal/bacterial growth.
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Figure 3.14. Results of a comparative study of fecal MAP recovery using sample
decontamination by 0.9% 1-hexadecyl-pyridinium chloride or by amoebal enrichment A).
Negative control Herrold’s egg yolk agar, B). Positive control plated with MAP gc86 culture, C).
HPC treated fecal extract after 7 weeks at 37°C, D). Amoeba trophozoites plated on HEYA after
7 week incubation, E). Sample from a 1-day amoeba-fecal enrichment followed by encystment,
2% (v/v) glutaraldehyde treatment, washing and recovery and F). Sample from a 6-day amoebafecal enrichment followed by encystment, 2% (v/v) glutaraldehyde treatment, washing and
recovery.
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screened using the established HPC decontamination method, MAP growth was evident on HEY
agar slants after 7 weeks of incubation for 4 of the fresh fecal samples. Fecal samples from 2
high-titre ELISA positive cows, 1 low titre ELISA positive and 1 suspect sample cow were
culture-positive for MAP. The remaining samples were rapidly overgrown by mixed bacterial
and fungal growth. The amoeba-based enrichment was unsuccessful for all samples due to fungal
growth during cyst recovery (Figure 3.15). When repeated attempts were made to reduce the
bacterial and fungal load to allow for successful recovery of cysts containing MAP by filtration
of particulate matter and debris from the fecal suspensions using double-chambered filter bags
prior to amoebal enrichment, amoeba co-culture wells were rapidly contaminated with fungal
growth during cyst recovery.
3.4.3 Persistence of MAP within Amoebal Cysts
When 6-well amoeba microplates were prepared with Aca. polyphaga ATCC 50372 and
inoculated with cultured MAP gc86 cells, they were forced to encyst. Following glutaraldehyde
treatment, washing, and recovery steps, the trophozoites were stained by Ziehl-Neelsen staining
and acid-fast bacilli were observed localized within what appear to be vacuolar compartments
(Figure 3.16A). When encystment was repeated 2 additional times, acid-fast bacilli were
consistently found within Aca. polyphaga trophozoites (Figure 3.16B-C). MAP bacilli were
present in >5% of amoebal trophozoites screened. No cells were seen within control amoeba
(Figure 3.16D). MAP could not be identified within thin sections of cysts by transmission
electron microscopy (Figure. 3.17).
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Figure 3.15. HEY agar slants of A) Control MAP gc86, B) MAP isolated from a fresh fecal
sample from a JD positive cow by established sample decontamination using 0.9% 1-hexadecylpyridinium chloride C) HEY agar slant inoculated with a fecal sample from a JD positive cow by
the amoeba-fecal enrichment MAP culture method.
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Figure 3.16. Zeil-Neelsen stained Aca. polyphaga ATCC 50372 trophozoites from co-cultures
with MAP cells. The trophozoites were co-cultured with MAP, forced to encyst, extracellular
bacteria killed with 2% (v/v) glutaraldehyde and the cysts cultured. Trophozoites were stained to
detect surviving MAP. A) Trophozoites cultured after 1 round of encystment. B). Trophozoites
after 2 rounds of encystment, C). trophozoites after 3 rounds of encystment. D) Negative control
Aca. polyphaga ATCC 50372 in PAS buffer with no MAP. Bar=10 µm.
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Ec
Nuc

En

Figure 3.17. Transmission electron micrograph of a thin-section of an Aca. polyphaga ATCC
50372 cyst after co-culture with MAP bacteria. Red arrow indicates a pocket formed in the
ectocyst wall, consistent with the favoured intra-cyst location of some Mycobacterium avium
complex mycobacteria. Nuc: nucleus, Ec: Ectocyst wall, En: Endocyst wall.
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Chapter 4.0: Discussion
The amoeba isolated in this study, shown in Table 3.4, were the result of a lengthy
process during which a methodical approach was taken to improve amoeba isolation. During
initial screens of environmental soil samples it was apparent that there was amoebal growth in
some samples, observed as a distinct zone of clearing emanating from the point of inoculation
(see Figure 3.2). However, as is common for environmental samples, these were very rapidly
covered by a noticeable fungal contamination, often appearing as filamentous growth and spots
of mould covering the plates (Figure 3.1). A lack of suitable fungicidal products hampered initial
isolation attempts. The commonly used antifungal, amphotericin B, was found not only to inhibit
amoebal growth at fungicidal levels (data not shown) but was also not effective at completely
limiting fungal growth. As a course of action suggested in the literature, repeated sub-culture of
isolates was undertaken but with very limited success (Neff, 1958, Greub et al., 2004, Maciver et
al., 2013). This was not surprising, as our target environments represented heavily contaminated
areas from dairy farms, with samples of mixed feces and mud, used bedding and soil. One issue
that was noted early in the process of developing these methodologies was the rapid growth of
fungi on NNA plates seeded with heat-killed E. coli relative to freshly prepared plates with live
E. coli. Plates with live E. coli showed a slight but consistent 1-2 days delay in fungal growth,
allowing subculture of the amoebal front from only 3 environmental samples. The process had
to be repeated 3-5 times in most cases to rid samples of contaminants. Three amoeba of the
genus Acanthamoeba were successfully isolated in this manner. However, this methodology is
impractical for processing of multiple samples, and is a primary reason why few studies have
focused on isolation of environmental amoeba from heavily contaminated sources. Of greatest
concern was the noted presence of amoebal growth from 3 of the environmental samples
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screened that were lost due to fungal contaminants. It would appear that amoeba with slower
growth rates, or those present at lower levels are less likely to be isolated in this manner. By
using this methodology, the diversity of amoeba within the environments screened cannot be
accurately elucidated, as successful isolation relies too heavily on the type of sample and what
species of amoeba are present.
Based on the known resistance of amoebal cysts to many physical and chemical
disinfectants, we chose to develop a new technique for primary isolation of amoeba which would
exploit this natural resistance. Initially, a pre-treatment of samples with the oxidizing agent,
NaClO was used with a high level of success relative to the direct plating methods explored and
doubled successful isolation rates from 20% to 40% . An important result to note is that amoeba
isolates R3 and LS2 had both shown amoebal growth which was overcome by fungal
contaminants during initial screens but this fungal contamination was not an issue after sample
treatment with NaClO. This indicated potential effectiveness of the method. However, some
samples did remain contaminated with fungi that could not be cleared by sample pre-treatment
alone. Thus, a second sample decontamination step was included using the same principles of
cyst decontamination. As shown in Table 3.3 glutaraldehyde was found to be effective at killing
persistent fungal contaminants in the presence of actively growing amoeba. By combining the
two decontamination procedures, we developed a relatively simple, cost effective and rapid
procedure for primary amoeba isolation which is summarized in Figure 3.3. In total, the
combined decontamination protocol led to a successful amoeba isolation rate of 70%, with 14
amoeba isolated from the 20 environmental samples screened in this manner. Relative to the
20% success rate seen with direct plating methods, we are confident that these methods represent
a promising new method for use in future studies.
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It is not possible to compare our isolation rates to those from other studies because not all
studies have focused on isolation from the same environments and sample types. It is likely that
some sample types or target environments will have variable isolation rates. In other studies
using direct plating methods, isolation rates range from exceedingly low (1%) to exceedingly
high (98%), depending on the types of samples screened (Greub et al., 2004, Behets et al., 2007).
In most cases, high successful isolation rates correlate with isolation from potable water sources
which would be expected to have significantly lower levels of fungal contamination compared to
our sample sites on dairy farms and fish culture stations. There is limited information regarding
amoeba isolation rates from soil or environments likely to have high levels of fungal flora.
As with amoebal isolation, there is currently no gold standard method in place for the
identification of free-living amoeba. We found that morphology-based differentiation of isolates
using the characteristic acanthapodia found only in the genus Acanthamoeba was possible, as
shown in 3.4D (Gianinazzi et al., Marciano-Cabral, 1988). However, most isolates could not be
unambiguously identified based on these criteria, nor could they be identified past the genus
level (Smirnov and Brown, 2004).
A molecular approach based on amplification and sequencing of 18S rRNA was
investigated. Oligonucleotide primers reported in the literature and used in this study include the
JDP and P-FLA primer sets for sequence-based identification of Acanthamoeba species from
clinical samples (Ledee et al., 2009). Genus-specific primers for Hartmannella and Naegleria
also exist but were not used in this study as they would require a tentative morphology-based
identification to the genus level prior to use, and would not account for the other genera of
amoeba isolated. As such, these primers were not practical when screening large numbers of
samples (Ithoi et al., 2011, Kuiper et al., 2011). The JDP and P-FLA primer sets were found to
88

be highly specific for conserved regions of the Acanthamoeba 18S rRNA gene (Tsvetkova et al.,
2004). Initially these primer sets were selected for this study as they had also been reported to
successfully amplify DNA from non-Acanthamoeba species such as Hartmannella (Tsvetkova et
al., 2004). However, for our isolates amplification of DNA was only observed from template
DNA isolated from Acanthamoeba species (3.6 and 3.7). In order to identify non-Acanthamoeba
isolates, a eukaryotic-specific primer set of 7 primers covering three variable regions within the
18S rRNA gene were utilized (Schroeder et al., 2001). Combinations of these primers covering
the entire region, as well as the individual variable regions yielded products from each region
from 3 different Acanthamoeba spp. (Figure 3.8). These primers were abandoned before being
tested for amplification of DNA from the remaining non-Acanthamoeba isolates as sequencing
of the products failed to yield useable data. The Ami6f1/Ami9r/Ami6f2 primers were found to be
the most useful primer set by successfully amplifying a 720-925 bp region of the 18S rRNA from
all environmental amoebal isolates in this study (Figure 3.9). Sequencing of the amplified
regions was also successful and used to identify all the isolates tested. These primers have been
used to investigate the biodiversity of free-living amoeba from tap and drinking water, where
Acanthamoeba and Hartmannella species are predominant (Thomas et al., 2008, Delafont et al.,
2013). However, they have not been used extensively to identify amoeba from soil and other
natural environments. An advantage of these primers is that the DNA products from different
genera of amoeba differ in size from ~925 bp for Acanthamoeba spp., ~820 bp for Naegleria
spp., and ~720 bp for Vermamoeba vermiformis. When used in conjunction with morphologybased identification schemes, this can be used to much more rapidly differentiate isolates to the
genus level than was previously possible. This ability to isolate and rapidly identify amoeba from
previously unexplored environmental sources is important for future studies seeking to
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investigate the biodiversity of free-living amoeba beyond those in aquatic systems, where the
focus of most studies has been. This research provides a valid technical starting point from which
to begin future studies.
Axenic culture (culture media not containing feeder bacteria) conditions for laboratoryadapted amoeba are well established, making them readily culturable in vitro, but establishing
axenic culture of the environmental free-living amoeba was unexpectedly difficult. In most cases
axenic cultures could not be established. As shown in this work, Acanthamoeba species more
readily adapted to axenic culture in nutrient broths than other genera. This may be attributable to
their diverse biosynthetic capacity relative to other genera of free-living amoeba (Anderson et
al., 2005). For the 6 axenically culturable Acanthamoeba species in this study, the conversion
from xenic to axenic ranged from a rapid to lengthy process. Environmental isolate Aca.
polyphaga CP adapted to axenic culture almost immediately, while the other isolates took weeks
of incubation in nutrient broth before they showed evidence of population growth. All isolates
that were successfully established in axenic culture exhibited similar growth rates after the initial
lag period. Based on the similar growth rates among different isolates, it appears that the
adaptation to bacteria-free broth cultures is likely or in part due to reprogramming of metabolic
and physiological processes and not determined by the environment from which the sample was
obtained, or the differing auxotrophies among the isolates. Acanthamoeba species readily
adapted to axenic culture, which might explain their extensive use in in vitro studies. However,
using highly-lab adapted amoeba or amoeba of a single genus only examines a limited range of
the possible bacteria-amoeba interactions and environmental reservoirs of pathogens. This may
also have implications for studies of amoeba-resistant bacteria which only utilize laboratoryadapted amoeba as a test organism because it is possible that the physiological changes that
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come with adaptation to axenic culture may affect the ability of amoeba to rapidly kill any
subsequently internalized bacteria. However, co-culture experiments using axenically cultured
amoeba remains the most effective means to study these interactions as they can be performed
rapidly and reproducibly to study amoeba-resistant bacteria.
One complication encountered during early co-culture experiments using different
mycobacterial species (Figure 3.11) was that the established definition for amoeba-resistant
bacteria is varied by study. In our co-culture experiments, the internalized bacteria could be seen
within the amoebal trophozoites after washing and staining. However, our data also indicated
that even after extensive washing of co-culture wells, adherent or non-internalized extracellular
bacteria were still present (Figure 3.11C and D). This makes identification of truly amoebaresistant bacteria problematic. Identification of amoeba-resistant bacteria varies by study;
Evstigneeva et al. (2009) used evidence of amoebal lysis during co-culture with bacteria as a
defining characteristic for amoeba-resistant bacteria, Mura et al. (2006) used real-time PCR to
detect levels of MAP in co-cultures with Aca. polyphaga CCAP 1 while Horn et al. (1999) used
fluorescence in situ hybridization with fluorescently labelled primers for specific regions of the
target bacteria’s 16S rRNA gene to identify amoeba-resistant bacteria.
With the complications reported in our data, shown in Figure 3.11, it was determined that
improved methods for co-culture were required to investigate truly amoeba-resistant bacteria.
We concluded that for a bacterium to be considered amoeba-resistant, it must show survival
within both the trophozoite and cyst stage of the amoebal life cycle. Using our newly developed
co-culture methodology, we identified that potentially transient or short-term interactions
between amoeba and different bacterial species may occur. In co-cultures of three
Mycobacterium species, M. avium subsp. hominissuis 104, M. smegmatis MC2155 and M.
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chelonae, bacilli were visible by staining of the trophozoites. After encystment and killing of
extracellular bacteria using glutaraldehyde and staining of recovered trophozoites, M. avium 104
and M. chelonae could be seen within the amoeba cells but M. smegmatis was no longer present
in environmental Aca. polyphaga strain CP (Figure 3.12). This suggests that some of the bacteria
resisted amoebal killing in both the trophozoite and cyst stage, and based on our criterion were
amoeba-resistant bacteria. However, bacterial colonies were not recovered for all mycobacterial
species following encystment and culture of the trophozoites. In these cases intra-amoebal
growth may promote some species to enter a VBNC state or the stained bacteria are no longer
viable. It would be beneficial in future studies to utilize differential staining techniques to assess
viability of intra-amoebal bacteria.
The developed co-culture methods were used to identify whether the fish pathogens A.
salmonicida, A. hydrophila and Y. ruckeri were amoeba-resistant as it had been suggested that A.
salmonicida and Y. ruckeri may represent amoeba-resistant bacteria (King and Shotts, 1988).
Interestingly, none of the fish pathogens screened survived a single round of encystation and
therefore may potentially not use amoeba for environmental persistence. Four of the seven
amoeba isolates used to screen the fish pathogens originated from aquaculture facilities where
these bacteria are more likely to be encountered. It is still possible that these bacteria may be
amoeba-resistant but only within certain species or strains of amoeba. It is possible that by
extending this method to screen additional isolates of these and other fish pathogens, or by using
the amoeba to enrich for pathogens in fish culture settings, we may identify amoeba-resistant
isolates of these or other pathogens.
A number of other pathogens were screened using co-culture. None of the hemolytic
Staphylococcus or Streptococcus species were found to be amoeba-resistant, including
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Staphylococcus aureus (Table 3.7). The human pathogens Steno. maltophilia and P. aeruginosa
were able to survive encystment, indicating that these species are truly amoeba-resistant in some
amoeba strains. Although these species have been shown as amoeba-resistant with the
trophozoite previously, their survival through encystment is concerning as they may remain
highly protected from disinfectants used in hospital settings, increasing their ability to cause
disease (Corsaro et al. 2013, Greub and Raoult, 2004). This highlights the importance of the
continued study of amoeba-resistant bacteria and their survival within the cyst, particularly for
pathogenic bacterial species.
It has been hypothesized that encystment may be a defense mechanism used by amoeba
to aid in clearing their bacterial parasites (Rowbotham, 1986). Although not shown conclusively
in this study, we observed that some bacteria could only be recovered or stained in trophozoites
through multiple rounds of culture, but were not recovered in trophozoites following encystment.
Bacteria surviving in trophozoites after encystation but which fail to grow on their optimal in
vitro culture media may also be present in a VBNC state. It has been shown that amoeba
trophozoites may rescue some bacteria such as L. pneumophila from the VBNC state but the
inverse is also possible, encystment may cause the same bacteria to enter a VBNC state (Steinert
et al., 1997).
The importance of being able to isolate and identify environmental amoeba is shown by
the data shown in Table 3.6. Distinct strain differences were identified among different amoebal
isolates in their individual ability to clear different bacteria. Four different Aca. polyphaga
strains, including 3 environmental isolates varied greatly in their ability to clear the 12
mycobacterial strains tested. Mycobacterium terrae and M. simiae were recoverable from all four
isolates after encystment, while others could not be recovered from any of the amoeba. Most
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interesting is that some of the mycobacteria were recoverable from some but not all of the Aca.
polyphaga strains. With this result, we have shown that amoebal resistance is dependent not only
on the bacterial species but also on the specific amoeba strain. These observations further
highlight the need in future studies to screen amoeba-resistant bacteria with a range of
environmental amoeba rather than single, lab-adapted species. This also suggests that just as
many identified amoeba-resistant bacteria may not actually be resistant through the cyst, some
species currently not considered to be amoeba-resistant may actually be able to survive,
depending on the amoebal strain in which it is tested. This new finding makes the study of
amoebal diversity within target environments increasingly important when considering the
presence of amoeba-resistant bacteria.
The co-culture methodology allows one to easily assess the long-term persistence of
amoeba-resistant bacteria through multiple rounds of encystment. This was carried out for MAP.
MAP could be seen within the amoebal trophozoites after multiple rounds of encystment and
treatment with glutaraldehyde to kill off extracellular bacteria. The levels of MAP found within
the trophozoites did not change noticeably, even after three full rounds of encystment (Figure
3.16). Although already a well-known amoeba-resistant bacteria, this indicates that MAP is
especially effective at utilizing amoeba as a long-term host (Mura et al., 2006).One surprising
result was the lack of identifiable MAP bacilli within thin sections of the amoebal cyst by TEM,
even though MAP bacilli could be clearly visualized by acid-fast staining within germinated
trophozoites. Electron micrographs showed regions of the exocyst wall that appeared to form an
open pocket resembling a structure noted in previous studies as the preferential area for the
localization of some Mycobacterium species, especially members of the Mycobacterium avium
complex such as M. colombiense, M. intracellulare and M. marseillense (Salah and Drancourt,
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2010). Though the structures seen in the TEM resemble those seen in previous studies, no clearly
defined bacilli could be seen within them. Regardless, the success of the co-culture method
developed and used in this study highlight its potential for use with other known amoebaresistant bacteria.
With the developed methods in place, we investigated the utilization of amoeba as a tool
to screen samples for resident amoeba-resistant bacteria by amoeba enrichment. Different
methods for amoebal enrichment have been used by others in attempts to isolate potentially
amoeba-resistant bacteria from environmental amoeba in target samples with varying degrees of
success (Thomas et al., 2006, Greub et al., 2004). Consistent with other findings, amoebaresistant bacteria can be isolated from water with a relatively high degree of success compared to
soils (Thomas et al., 2008). Potentially amoeba-resistant bacteria were successfully isolated from
water samples, two of which have been previously described as amoeba-resistant bacteria,
Rahnella aquatilis and Microbacterium oxydans (Table 3.8) (Pagnier et al., 2008). Eleven
terrestrial samples from a dairy farm were screened using both an environmental Aca. polyphaga
strain CP and Aca. polyphaga ATCC 50372. Amoeba resistant bacteria could not be isolated
from any of the samples tested (Figure 3.13). Contamination during cyst recovery was difficult to
overcome due to the extremely high levels of resident bacteria and fungi as well as the highly
nutrient rich PYG recovery media. Based on the results of this study, available methods for
amoebal enrichment from terrestrial samples cannot be reliably used to isolate and identify
amoeba-resistant bacteria, while screening of water samples using a cyst decontamination step
remains a promising means to uncover new and truly amoeba-resistant bacteria. Further
improvements to methodology must be made before amoeba can truly represent a tool for
targeted pathogen detection.
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As MAP as been shown to be amoeba-resistant and able to survive through encystment,
attempts to selectively enrich for MAP from cow feces were made using amoebal enrichment
(Whan et al., 2006, Salah et al., 2009). The established MAP isolation protocol from feces relies
heavily on the use of antibiotics, antifungals and strong disinfectants to reduce the levels of
contaminating bacteria sufficiently to allow for MAP isolation (Gao et al., 2009). A caveat to
this approach is that the harsh sample disinfection steps also lead to a reduction total in MAP
CFUs, making it difficult to culture from animals shedding MAP bacilli at lower levels. The
amoeba-based method was chosen as a potential means to increase the sensitivity of MAP
culture from feces, allowing detection in the earlier stages of disease. Multiple attempts at
amoeba-based MAP enrichment were unsuccessful due to fungal contaminants (Figure 3.14 and
Figure 3.15). Alternatives are still required in order to develop an effective amoebal enrichment
method for heavily contaminated samples.
4.1 Conclusions
Overall, the significance of this research comes from the methodologies developed and
the effect that they may have on future studies. By exploiting the natural resistance of the
amoebal cyst to chemical disinfection, a relatively rapid, reproducible and cost-effective means
to improve environmental amoeba isolation rates compared to more traditional methods was
developed. When this was used in conjunction with developed amoebal co-culture/enrichment
protocols it was possible to identify amoeba-resistant bacteria from both environmental samples
and laboratory-cultured bacteria. A main advantage that these co-culture/enrichment methods
offer over other described methods is that they allow for the differentiation between those truly
amoeba-resistant bacteria and those with only a transient or opportunistic association. A second
advantage is that the improvements made in amoeba isolation allow for many bacteria to be
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screened for amoeba-resistance within multiple environmental amoeba, compared to only a
subset of laboratory-adapted Acanthamoeba species. Presently, a limitation to these methods is
that many environmental amoeba do not readily adapt to growth in liquid culture media, making
the study of their interactions with amoeba-resistant bacteria difficult. Another limitation is that
amoebal enrichment from soil and other terrestrial samples is extremely difficult due to high
levels of fungal contaminants. Further improvements to the methods are required to overcome
these limitations. With improved methods in place, amoeba are a promising tool for pathogen
surveillance, but further studies are required to fully identify the extent of their usefulness.
4.2 Future Directions
Future directions of this study are to extend the range of environmental samples screened
for amoeba, using the developed methodologies. Increasing the number and type of samples
screened will help to further elucidate the diversity of amoeba within target environments.
Because they are potentially significant environmental reservoirs for pathogens, the ability to
identify areas that are highly contaminated with amoeba may have applications within both the
agricultural and food safety sectors in terms of identifying unknown sources of disease
outbreaks. With the co-culture methods developed in this study, the focus of future work is to
implement amoeba co-culture to screen a large number of bacterial pathogens which have
already been tentatively identified as amoeba-resistant in order to elucidate their true interactions
within different amoebal hosts. Further, it would be beneficial to continue to develop these
methods in order to allow for co-culture using xenically culturable amoeba isolates. Finally,
although amoebal enrichment has been shown to be a promising means to identify resident
amoeba-resistant bacteria, it must be further explored as a tool for detecting pathogenic bacteria
from diverse environmental samples.
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6. Appendices
6.1 Appendix 1: Media and Buffers
712-proteose peptone-yeast-glucose broth (PYG)
20g
Proteose peptone
1g
Yeast extract
Add ddH2O to 950 mL
Prepare separately and add directly to basal medium as indicated:
0.4M
MgSO4·7H2O……...............10 mL
0.05M
CaCl2………………………...8 mL
0.1M
Sodium citrate·2H2O……….34 mL
0.005M
Fe(NH4)2(SO4)2·6H2O……...10 mL
0.25M
Na2HPO4·7H2O…………….10 mL
0.25M
KH2PO4…………………….10 mL
Adjust to pH 6.5.
Autoclave for 20 minutes
Allow media to cool
Aseptically add:
50 mL
Filter sterilized 2M dextrose
Amoeba Encystment Buffer
7.45 g
KCl
2.42 g
Tris base
0.96 g
MgSO4
0.44 g
CaCl2
0.084 g
NaHCO3
Add ddH2O to 1 L
Autoclace 30 minutes
Amoeba freezing media
6mL
Dimethyl sulfoxide
10mL
Heat inactivated fetal bovine serum
34 mL
Peptone-yeast-glucose broth
Mix well, store at -20°C.

BCYE (buffered charcoal, yeast extract) Agar
10 g
Yeast Extract
10 g
N-(2-Acetamido)-2-aminoethanesulfonic acid (ACES) buffer
1.5 g
Activated Charcoal
108

1g
0.25 g
15 g

α-Ketoglutarate
Ferric Pyrophosphate
Agar

Add ddH2O to 1L
Adjust to pH 6.9 with 1N KOH
Heat to boiling to dissolve
Autoclave 15 minutes at 121°C
Cool to 60°C in hot water bath for 30-60 minutes
Aseptically add:
10 mL
Filter sterilized 4% L-cysteine

Decontamination Brew
4.7 g
5.0 mL
0.25 g
ddH2O

Middlebrook 7H9
glycerol
tyloxopol
to 1.0 L

Autoclave 20 minutes 121°C

Let cool overnight and add:
BSA (autoclave preweighed amounts in dry, sealed tubes)
Amphotericin B
(20 g/mL final)
Nalidixic acid
(100 g/mL final)
Cycloheximide
(500 g/mL final)
Vancomycin
(100 g/mL final)

10.0g

DNA Sample Loading Buffer (6x)
Concentrations given are final concentrations in 10mL
0.025 g
0.025 g
0.4% (w/v)
2.7mM
3 mL
6.75 mL

Bromophenol Blue
Xylene-Cyanol
Sodium Dodecyl Sulfate
EDTA
Glycerol
ddH2O

Herrold’s Egg Yolk Media (6L, ~600 slants)
22.5 g of agar into each of 4, 2 L flasks
Add 1100 mL of millQ water to each flask and place in a steamer 1 hour
Basal media
54 g of peptone
27 g sodium chloride
16.2 g beef extract
202.5 g glycerol
109

24.6 g sodium pyruvate
820 mL distilled water until dissolved
Add 270 mL of basal media to each of the 4 flasks containing dissolved agar.
Adjust pH to 6.9 with 4% NaOH (~4 mL). Cooled agar should be pH 7.2-7.3.
Autoclaved for 25 minutes at 121ºC.
Cool to 56ºC and add 6 mL ferric mycobactin J dissolved in anhydrous ethanol to each of the 4
flasks of autoclaved basal medium.
Egg yolk
Wash fresh eggs in hot soapy water to remove debris
Cover in 70% ethanol for 1 hour
Separate egg yolk and add to sterile beaker containing magnetic stir bar, mix until homogenous
Add 360 mL of yolk and 15.3 mL of sterile 2% malachite green to one prepared flask containing
basal medium and mix well.
Add to a sterile dispensing flask along with a second flask of sterilized basal medium.
Mix for 5 minutes on a hot plate at 100ºC.
Add 75 mg of amphotericin B dissolved in 1.5 mL DMSO and 1.5 mL of filter sterilized, 100
mg/mL nalidixic acid in water.
Dispense to approximately 300 sterile, screw cap tubes.
Repeat with the remaining media.
Cool slants overnight in the biological safety cabinet with the caps loosened.

Lysogeny Broth (LB)
10 g
Tryptone
10 g
NaCl
5g
Yeast extract
Add ddH2O to 1 L. Autoclave 20 minutes 121°C.
LB agar
15 g
agar
1L
LB broth
Non-nutritive agar
15 g
agar
1L
1X Page’s amoeba saline
Mix well and autoclave for 20 minutes at 121°C.
Middlebrook7H9 broth
4.7 g
Middlebrook 7H9 powder
5g
Glycerol
1g
Casitone
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Add ddH2O to 900 mL and autoclave 30 minutes at 121°C. Cool to room temperature. When
required add 100 mL OADC supplement (see below) and 2 mg/L mycobactin J.
Middlebrook 7H11 agar
21 g
7H11 powder
5g
glycerol
Add ddH2O to 900 mL and autoclave 30 minutes at 121°C. Allow to cool in a 60°C water bath
for 30-60 minutes. Add 100 mL OADC supplement (see below) and 2 mg/L mycobactin J when
required.
OADC (Oleic acid, bovine serum albumin fraction V, dextrose and catalase) supplement
Autoclave 500 mL ddH2O in a flask with magnetic stir bar and add:
25 g
10 g
4.25 g
0.02 g
0.025 g

BSA
dextrose
NaCl
Beef catalase
Oleic acid

Mix until dissolved. Filter sterilize and store at 4°C.
Page’s Amoeba Saline
100X Solution A (100 mL):
1.2 g
0.04 g
1.42 g
1.36 g

NaCl
MgSO4·7H2O
Na2HPO4
KH2PO4

100X Solution B (100 mL)
0.04 g

CaCl2·2H2O

Mix solutions separately until dissolved. Add 10 mL of 100X solution A and 100X solution B to
980 mL millQ water. Adjust to pH 6.9 with 1N KOH. Autoclave 20 minutes at 121°C. Store at
room temperature.
PYNFH (peptone, yeast, nucleic acid, folic acid, hemin) broth
10 g
Proteose peptone
10 g
Yeast extract
1g
Ribonucleic acid type VI from Torula yeast (Sigma)
15 mg
Folic acid
1 mg
hemin
Add ddH2O to 880 mL.
Autoclave 30 minutes at 121°C
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Aseptically add:
100 mL
Fetal bovine serum
20 mL
PYNFH buffer solution
PYNFH Buffer Solution
25 g
Na2HPO4·2H2O
18.1g
KH2PO4
Add ddH2O to 1L
Adjust to pH 6.5
Autoclave 30 minutes
Phosphate buffered saline (PBS)
8g
NaCl
0.2 g
KCl
1.44 g
Na2HPO4
0.24 g
KH2PO4
Add ddH2O to 1L
Adjust pH to 7.4 with HCl
Autoclave for 30 min
SCGYEM (Serum, casein, glucose, yeast extract medium)
10 g
Casein
1.325 g
Na2HPO4
2.5 g
Glucose
0.8 g
KH2PO4
5g
Yeast extract
Add ddH2O to 900 mL
Autoclave for 30 minutes
Let cool to room temperature and aseptically add 100 mL fetal bovine serum
Sheep’s Blood Agar
950 mL
TSA (see recipe below)
Autoclave 30 minutes
Let cool to 60°C in hot water bath for 30-60 minutes
Aseptically add:
50 mL
Defibrinated Sheep’s Blood
Silica Wash Buffer
20 mM Tris-HCl pH 7.4
1 mM EDTA
50 mM NaCl
50% ethanol
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Store at -20°C
Suspension Broth (1 L)
4.7 g
Middlebrook 7H9
5.0 g
Glycerol
0.5 g
Tyloxopol
ddH2O to 1 L
Autoclave 20 minutes 121°C
Let cool and add:
Amphotericin B to 20 µg/mL final
TBE Buffer (Tris, borate, EDTA) (0.5X)
54 g
Tris Base
27.5 g
Boric Acid
10mM
EDTA pH 8.0
Add ddH2O to 1 L
TE (Tris, EDTA) Buffer
10mM
Tris-HCl pH 8.0
1mM
EDTA pH 8.0
Autoclave for 30 minutes
TSB (Tryptic Soy Broth)
17 g
Tryptone (Pnacreatic digest of casein)
3g
Soytone (Peptic Digest of Soybean Meal)
2.5 g
Glucose
5g
NaCl
2.5 g
K2HPO4
Add ddH2O to 1 L
Autoclave for 30 minutes
TSA (Tryptic Soy Agar)
1L
Tryptic Soy Broth
15 g
Agar
Autoclave 30 minutes
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6.2 Appendix 2: Amoebal 18S rRNA DNA Sequences
>A.polyphaga (HWFCS)
ATATTAAAGTTGTTGCAGTTAAAAAGCTCGTAGTTGGATCTAGGGACGCGCATTTCA
AGCGCCCGTGTCGTTGGGTCAAACCAGCGACTGCGTTGGCGTTGCGGGCTCGGTCCG
TCGGTGCCCACAAAGCACTGGCGTGTCAACCGGCCCGCCCGTCCCCTCCTTCTGGAT
TCCCGTTCCTGCTATTGAGTTAGTGGGGACGTCACAGGGAGCTCATCGTCGTCAGCA
ATGCCGGCGGTGGGTTCCTGGGGCCCAGATCGTTTACCGTGAAAAAATTAGAGTGTT
CAAAGCAGGCAGATCCAATTTTCTGCCACCGAATACATTAGCATGGGATAATGGAA
TAGGACCCTGTCCTCCTATTTTCAGTTGGTTTTGGCAGCGCGAGGACTAGGGTAATG
ATTAATAGGGATAGTTGGGGGCATTAATATTTAATTGTCAGAGGTGAAATTCTTGGA
TTTATGAAAGATTAACTTCTGCGAAAGCATCTGCCAAGGATGTTTTCATTAATCAAG
AACGAAAGTTAGGGGATCGAAGACGATCAGATACCGTCGTAGTCTTAACCATAAAC
GATGCCGACCAGCGATTAGGAGACGTTGAATACAAAACACCACCATCGGTGCGGTC
GTCCTTGGCGTCTCGGTTTCGGCCGGGGTGCGGGGACGGCTTAGCCCGGTGGCACCG
GTGAATGACTCCCCTAGCAGCTTGTGAGAAATCATAAGTCTTTGGGTTCCGGGGGGA
GTATGGTCGCAAGGCTGAAACTTAAAGGAATTGACG
>V.vermiformis (LSU)
GGTCCGCCCCTTCGGGGAGCGGGTCACTGGCCTCCTATGTTCCTAACGGTCCTCATC
CGCGAGGGTGGGGAATCAACCGCTAGGATCGTTTACTTTGAGGAAATTAGAGTGTTC
AAAGCAGGCGTAACTCGCCTCCGAATACGTTAGCATGGGATAATGGAATACGACTT
CGGTCTTGTTTCGTTGGTTTCGCTTGGCTGAAGTAaTGATTGATAGGGACAGTTGGGG
GCATTAGTATTTAGTTGTCAGAGGTGAAATTCTAGGATTTACTAAAGACTGACCAAT
GCGAAAGCATTTGCCAAGGATGTTTTCATTAATCAAGAACGAAAGTAGGGGGATCG
AAGACGATCAGATACCGTCGTAGTCTCTACCGTAAACTATGCCGACCAGGGATCCG
GAGAGTTTGCATGGATGACTCCCCGGGCACCTTGTGAGAAATCATAAGTGTTTGGGT
TTTGGGGGGAGTATGGTCGCAAGGCTGAAACTTAAAGGAATTGACGGAAGGGCACC
>A.quina (OO)
GTATATTAAAGTTGTTGCAGTTAAAAAGCTCGTAGTTGGATCTAGGGACGCGCATTT
CAAGCGCCCGTGTCGTCGGGTCAAACCGGCGACTGCGTTGGCGTTGCGGGCTCGGTC
CGTCGGTGCCCCACAAAGGGCTATCGGCGTGTCAACCGGCCCGCCCGTCCCCTCCTT
CTGGATTCCCGTTCCTGCTATTGAGTTAGTGGGGACGTCACAGGGGGCCCATCGTCG
TCGTGCAAACGGCGGCGGTGGGTCCCTGGGGCCCAGATCGTTTACCGTGAAAAAAT
TAGAGTGTTCAAAGCAGGCAGATCCAATTTTCTGCCACCGAATACATTAGCATGGGA
TAATGGAATAGGACCCTGTCCTCCTATTTTCAGTTGGTTTTGGCAGCGCGAGGACTA
GGGTAATGATTAATAGGGATAGTTGGGGGCATTAATATTTAATTGTCAGAGGTGAA
ATTCTTGGATTTATGAAAGATTAACTTCTGCGAAAGCATCTGCCAAGGATGTTTTCA
TTAATCAAGAACGAAAGTTAGGGGATCGAAGACGATCAGATACCGTCGTAGTCTTA
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ACCATAAACGATGCCGACCAGCGATTAGGAGACGTTGAATACAAAACACCACCATC
GGCGCGGTCGTCCTTGGCGTCTCTCGGTCCTTCACGGGGCCGGGGCGCGGGGGCGG
CTTAGCCCGGTGGCACCGGTGAATGACTCCCCTAGCAGCTTGTGAGAAATCATAAGT
CTTTGGGTTCCGGGGGGAGTATGGTCGCAAGGCTGAAACTTAAAGGAATTGACGGA
AGGGCACCACCAGGAGTGGAGCCTGCGGCTTAT
>A.polyphaga(Tr)
GTATATTAAAGTTGTTGCAGTTAAAAAGCTCGTAGTTGGATCTAGGGACGCGCATTT
CAAGCGCCCGTGTCGTTGGGTCAAACCAGCGACTGCGTTGGCGTTGCGGGCTCGGTC
CGTCGGTGCCCACAAAGCACTGGCGTGTCAACCGGCCCGCCCGTCCCCTCCTTCTGG
ATTCCCGTTCCTGCTATTGAGTTAGTGGGGACGTCACAGGGAGCTCATCGTCGTCAG
CAATGCCGGCGGTGGGTTCCTGGGGCCCAGATCGTTTACCGTGAAAAAATTAGAGT
GTTCAAAGCAGGCAGATCCAATTTTCTGCCACCGAATACATTAGCATGGGATAATGG
AATAGGACCCTGTCCTCCTATTTTCAGTTGGTTTTGGCAGCGCGAGGACTAGGGTAA
TGATTAATAGGGATAGTTGGGGGCATTAATATTTAATTGTCAGAGGTGAAATTCTTG
GATTTATGAAAGATTAACTTCTGCGAAAGCATCTGCCAAGGATGTTTTCATTAATCA
AGAACGAAAGTTAGGGGATCGAAGACGATCAGATACCGTCGTAGTCTTAACCATAA
ACGATGCCGACCAGCGATTAGGAGACGTTGAATACAAAACACCACCATCGGTGCGG
TCGTCCTTGGCGTCTCGGTTTCGGCCGGGGTGCGGGGACGGCTTAGCCCGGTGGCAC
CGGTGAATGACTCCCCTAGCAGCTTGTGAGAAATCATAAGTCTTTGGGTTCCGGGGG
GAGTATGGTCGCAAGGCTGAAACTTAAAGGAATTGACGGAAGGGCACCACCAGGAG
TGGAGCCTGCGGCTTAATC
>A.castellanii (118)
ATATTAAAGTTGCAGTTAAAAAGCTCGTAGTTGGATCTAGGGACGCGCATTTCAAGC
GCCCGTGTCGTCGGGTCAAACCGGCGACTGCGTTGGCGTTGCGGGCTCGGTCCGTCG
GTGGACCCTCGTGGTCTTAATCGGCGTGTCAACCGGCCCGCCCGTCCCCTCCTTCTG
GATTCCCGTTCCTGCTATTGAGTTAGTGGGGACGTCACAGGGGGCTCATCGTCGTCA
TGCAAATGGCGGCGGTGGGTCCCTGGGGCCCAGATCGTTTACCGTGAAAAAATTAG
AGTGTTCAAAGCAGGCAGATCCAATTTTCTGCCACCGAATACATTAGCATGGGATAA
TGGAATAGGACCCTGTCCTCCTATTTTCAGTTGGTTTTGGCAGCGCGAGGACTAGGG
TAATGATTAATAGGGATAGTTGGGGGCATTAATATTTAATTGTCAGAGGTGAAATTC
TTGGATTTATGAAAGATTAACTTCTGCGAAAGCATCTGCCAAGGATGTTTTCATTAA
TCAAGAACGAAAGTTAGGGGATCGAAGACGATCAGATACCGTCGTAGTCTTAACCA
TAAACGATGCCGACCAGCGATTAGGAGACGTTGAATACAAAACACCACCATCGGCG
CGGTCGTCCTTGGCGTCTGTCCCTTTCAACGGGGGCAGGCGCGAGGGCGGTTTAGCC
CGGTGGCACCGGTGAATGACTCCCCTAGCAGCTTGTGAGAAATCATAAGTCTTTGGG
TTCCGGGGGGAGTATGGTCGCAAGGCTGAAACTTAAAGGAATTGACGGAAGGGCAC
CACCAGGAGTGGA
GCCTGCGGCT
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>A.castellanii (130)
GTATATTAAAGTTGCAGTTAAAAAGCTCGTAGTTGGATCTAGGGACGCGCATTTCAA
GCGCCCGTGTCGTCGGGTCAAACCGGCGACTGCGTTGGCGTTGCGGGCTCGGTCCGT
CGGTGCCCCACAAAGGGCTACTGGCGTGTCAACCGGCCCGCCCGTCCCCTCCTTCTG
GATTCCCGTTCCTGCTATTGAGTTAGTGGGGACGTCACAGGGGGCTCATCGTCGTCG
GGTCAAACCGGCGGCGGTGGGTCCCTGGGGCCCAGATCGTTTACCGTGAAAAAATT
AGAGTGTTCAAAGCAGGCAGATCCAATTTTCTGCCACCGAATACATTAGCATGGGAT
AATGGAATAGGACCCTGTCCTCCTATTTTCAGTTGGTTTTGGCAGCGCGAGGACTAG
GGTAATGATTAATAGGGATAGTTGGGGGCATTAATATTTAATTGTCAGAGGTGAAAT
TCTTGGATTTATGAAAGATTAACTTCTGCGAAAGCATCTGCCAAGGATGTTTTCATT
AATCAAGAACGAAAGTTAGGGGATCGAAGACGATCAGATACCGTCGTAGTCTTAAC
CATAAACGATGCCGACCAGCGATTAGGAGACGTTGAATACAAAACACCACCATCGG
CGCGGTCGTCCTTGGCGTCGGTCCTTCACGGGGCCGGCGCGAGGGCGGCTTAGCCCG
GTGGCACCGGTGAATGACTCCCCTAGCAGCTTGTGAGAAATCATAAGTCTTTGGGTT
CCGGGGGGAGTATGGTCGCAAGGCTGAAACTTAAAGGAATTGACGGAAGGGCACCA
CCAGGAGTG

>V.vermiformis (137)
GTATATTAAAGTTGTTGCAGTTAAAAAGCTCGTAGTTGGATTTCGGAAGGTCTTTAG
TGGTCCGCCCCTTCGGGGAGCGGGTCACTGGCCTCCTATGTTCCTAACGGTCCTCAT
CCGCGAGGGTGGGGAATCAACCGCTAGGATCGTTTACTTTGAGGAAATTAGAGTGTT
CAAAGCAGGCGTAACTCGCCTCCGAATACGTTAGCATGGGATAATGGAATACGACT
TCGGTCTTGTTTCGTTGGTTTCGCTTGGCTGAAGTAATGATTGATAGGGACAGTTGG
GGGCATTAGTATTTAGTTGTCAGAGGTGAAATTCTAGGATTTACTAAAGACTGACCA
ATGCGAAAGCATTTGCCAAGGATGTTTTCATTAATCAAGAACGAAAGTAGGGGGAT
CGAAGACGATCAGATACCGTCGTAGTCTCTACCGTAAACTATGCCGACCAGGGATC
CGGAGAGTTTGCATGGATGACTCCCCGGGCACCTTGTGAGAAATCATAAGTGTTTGG
GTTTTGGGGGGAGTATGGTCGCAAGGCTGAAACTTAAAGGAATTGACGGAAGGGCA
CCACCAGGAGTGGAACCTGCGGCT
>A.rhysodes (230)
TATATTAAAGTTGTTGCAGTTAAAAAGCTCGTAGTTGGATCTAGGGACGCGCATTTC
AAGCGCCCGTGCCATCGGGTCAAACCGGTGGCTGCGTTGGCGTTGCGGGCTCGGTCC
GTCGGTGCCCCACAAAGGGCTATCGGCGTGTCAACCGGCCCGCCCGTCCCCTCCTTC
TGGATTCCCGTTCCTGCTATTGAGTTAGTGGGGACGTCACAGGGGGTCCATCGTCGT
CGGGTCAAACCGCGCGGCGGTGGGTCCCTGGGGCCCAGATCGTTTACCGTGAAAAA
ATTAGAGTGTTCAAAGCAGGCAGATCCAATTTTCTGCCACCGAATACATTAGCATGG
GATAATGGAATAGGACCCTGTCCTCCTATTTTCAGTTGGTTTTGGCAGCGCGAGGAC
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TAGGGTAATGATTAATAGGGATAGTTGGGGGCATTAATATTTAATTGTCAGAGGTGA
AATTCTTGGATTTATGAAAGATTAACTTCTGCGAAAGCATCTGCCAAGGATGTTTTC
ATTAATCAAGAACGAAAGTTAGGGGATCGAAGACGATCAGATACCGTCGTAGTCTT
AACCATAAACGATGCCGACCAGCGATTAGGAGACGTTGAATACAAAACACCACCAT
CGGCGCGGTCGTCCTTGGCGTCGGTCTTTCGGGGCCGGCGCGGGGGCGGTTTAGCCC
GGTGGCACCGGTGAATGACTCCCCTAGCAGCTTGTGAGAAATCATAAGTCTTTGGGT
TCCGGGGGGAGTATGGTCGCAAGGCTGAAACTTAAAGGAATTGACGGAAGGGCACC
ACCAGGAGTGGAGCCTGCGGCTTAT

>A.mauritaniensis (237)
GTTGCAGTTAAAAAGCTCGTAGTTGGATCTAGGGACGCGCATTTCAAGCGCCCGTGT
CGTCGGGTCAAACCGGCGACTGCGTTGGCGTTGCGGGCTCGGTCCGTCGGTGCCCCA
CAAAGGTCTATCGGCGTGTCAACCGGCCCGCCCGTCCCCTCCTTCTGGATTCCCGTT
CCTGCTATTGAGTTAGTGGGGACGTCACAGGGGGTTCATCATCGGCGTTTCAACGCG
TCGGTGGTGGATCTCTGGGGCCCAGATCGTTTACCGTGAAAAAATTAGAGTGTTCAA
AGCAGGCAGATTCAATTTTCTGCCACCGAATACATTAGCATGGGATAATGGAATAG
GACCCTGTCCTCCTATTTTCAGTTGGTTTTGGCAGCGCGAGGACTAGGGTAATGATT
AATAGGGATAGTTGGGGGCATTAATATTTAATTGTCAGAGGTGAAATTCTTGGATTT
ATGAAAGATTAACTTCTGCGAAAGCATCTGCCAAGGATGTTTTCATTAATCAAGAAC
GAAAGTTAGGGGATCGAAGACGATCAGATACCGTCGTAGTCTTAACCATAAACGAT
GCCGACCAGCGATTAGGAGACGTTGAATACAAAACACCACCATCGGCGCGGTCGTC
CTTGGCGCGTTCGTGTTCACGCACGGGCGCGCGAGGGCGGCTTAGCCCGGTGGCAC
CGGTGAATGACTCCCCTAGCAGCTTGTGAGAAATCATAAGTCTTTGGGTTCCGGGGG
GAGTATGGTCGCAAGGCTGAAACTTAAAGGAATTGACGGAAGGGCACCACCAGGAG
TGGAGCCTGCGGCTT
>A.mauritaniensis (418)
GTATATTAAAGTTGTTGCAGTTAAAAAGCTCGTAGTTGGATCTAGGGACGCGCATTT
CAAGCGCCCGTGTCGTCGGGTCAAACCGGCGACTGCGTTGGCGTTGCGGGCTCGGTC
CGTCGGTGCCCCACAAAGGTTATCGGCGTGTCAACCGGCCCGCCCGTCCCCTCCTTC
TGGATTCCCGTTCCTGCTATTGAGTTAGTGGGGACGTCACAGGGGGTTCATCATCGG
CGTTTCGGCGTCGGTGGTGGATCTCTGGGGCCCAGATCGTTTACCGTGAAAAAATTA
GAGTGTTCAAAGCAGGCAGATTCAATTTTCTGCCACCGAATACATTAGCATGGGATA
ATGGAATAGGACCCTGTCCTCCTATTTTCAGTTGGTTTTGGCAGCGCGAGGACTAGG
GTAATGATTAATAGGGATAGTTGGGGGCATTAATATTTAATTGTCAGAGGTGAAATT
CTTGGATTTATGAAAGATTAACTTCTGCGAAAGCATCTGCCAAGGATGTTTTCATTA
ATCAAGAACGAAAGTTAGGGGATCGAAGACGATCAGATACCGTCGTAGTCTTAACC
ATAAACGATGCCGACCAGCGATTAGGAGACGTTGAATACAAAACACCACCATCGGC
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GCGGTCGTCCTTGGCGTGCTTCGTGTTCACGCACGGGGCGCGCGAGGGCGGCTTAGC
CCGGTGGCACCGGTGAATGACTCCCCTAGCAGCTTGTGAGAAATCATAAGTCTTTGG
GTTCCGGGGGGAGTATGGTCGCAAGGCTGAAACTTAAAGGAATTGACGGAAGGGCA
CCACCAGGAGTGGAGCCTGCGGCTTA
>N.americana (CWSH30)
GTATATTAATACTGCTGTAGTTAAAACGCCCGTAGTATACCTAAGAGTGTGCGTGTA
GTAATTAGTTTTGTCAGAGGACGGTCGGCGAGTGTTTATCACACTTGCTTGCTTACTT
TTGGCAAACTTCAGTCGGGCTGGATCTTTGGTCCTCGTCTGACAGTTGCTGCGCGTGT
ACTTGTCCACGGTTCATCCGTGAGGCCCATTTGGGTTGCAACTGTAAATAAATCGTT
GTGCTTAAAGCGGGCTATGATACTCTGCCAGAGCGATTTAGCATGGGACTGCAGAGT
AGCTGTATTTGAGTGAAGGTTGTGCTTCGGTATGACTGGATCTTGGTACAGCGCTTG
TAATGGAGCTCAGGGTGAGGCCCCGGGTACCATGAGGCTAGAGGTGAAATTCTGAG
ACCCTCATGTGACCAACTAAGGCGAAAGCTGTCGTGGGCCACCACAAGCTCGTCTAT
CAGGGACGAAAGTTGGGGGATCGAAGACGATTAGATACCGTCGTAGTCCCAACTAT
AAACGATACCAACCGAGTATTTGGGAAGACACTATCCCAGCGATCTTCTCAGAACTC
AAGGGAAACCTTAAGTCTTTGGGTTCTGGGGGGAGTATAGTCGCAAGACCGAAACT
TAAAGGAATTGACGGAAAGGCACCACCAGGAGTGGAGTCTGCGGCTTAATT
>N.australiensis (LS2)
GTATATTAATACTGCTGTAGTTAAAACGCCCGTAGTATACCTAAGAGTGGGTGTGTA
GCAATTAGTTTTACCAGAGGACGGTTGGCGAGAGTTTATCACTCTTGTTTGCCTACTT
TTGGTAGACTTTAGTCGGGCTGGACCTTTGGTCCTCGTCTGACAGTTGCTACGTGCTT
ACTTACCACGGTTCATCCGTGAGGCCCTTGGCTTGCAACTGTAAATAAATCGTTGTG
CTTAAAGCGGGCTATGATACTCTGCCAGAGCGATTTAGCATGGGACTGCAGAGTAG
CTGTATTTGGATGAAGGTTGTGTTTCGGCATGGCTGGAGTCTGGTACAGCGCTTGTA
ATGGAGCTCAGGGTGAGGCCCCGGGTACCATGAGGCTAGAGGTGAAATTCTGAGAC
CCTCATGTGACCAACTAAGGCGAAAGCTGTCGTGGGCCACCACAAGCTCGTCTATCA
GGGACGAAAGTTGGGGGATCGAAGACGATTAGATACCGTCGTAGTCCCAACTATAA
ACGATACCAACCGAGTATTTGGGAAGACACTATCCCAGCGATCTTCTCAGAACTCAA
GGGAAACCTTAAGTCTTTGGGTTCTGGGGGGAGTATAGTCGCAAGACCGAAACTTA
AAGGAATTGACGGAAAGGCACCACCAGGAGTGGAGTCTGCGGCT
>S.limicina (R3)
ATCCGAGGGTTTCGACCCTCGCGGTTCGCCTCTCCCTTCGTGCGGCGCCGGTCCGCC
CCGAAGGGCGAGCACTGGTCCGCGCGTTCCCTCCTACCGGACGCTCGCTCCTGCTCT
TCGTTGAGTGGGAGTATTCTCCCGAGGGTCGATTCCCCTTCCTTCTTTCCTCGGAAAG
GGGGAAGAAGGGGCGATCGTTCCGTCAAAAGAACCGGCCTTCGGGTCGCTCGGGGT
TTCGACGGGGCCGGAAGGTTTCGACGGGGGGTTTTCTTTCTTTCCGTCGTTTCCTTTT
TCCACCGGTTCCGTTCGGAGCTCCGGTTCGTTTACCTTGAATAAATTAGAGTGTTCAA
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AGCGGGCAAGCACACGCCTAGATACTTTAGCATGGGATAATAGAATAGGACTTGGG
TTCTATTTTCGTTGGTTTCTAGGACCGAAGTAATGATTGATAGGGACGGTCGGGGGC
ATTAGTATTTAATTGTCAGAGGTGAAATTCTCGGATTTAGGAAAGACTGACTTCAGC
GAAAGCATTTGCCAAGGACGTTTTCATTAATCAAGAACGAAAGTTAGGGGATCGAA
GACGATCAGATACCGTCGTAGTCTTAACCATAAACGATGCCGACCAGGGATCGGGA
GACGTTACCTCGATGACTCTCCCGGCACCTTGCGGGAAACCACAAGTCTTTGGGTTC
CGGGGGGAGTA
>N.fultoni (IBH30)
ATATTAATACTGCTGTAGTTAAAACGCCCGTAGTATACCTAAGAGTGGGCATGTAGT
AATTAGTTTTGTCAGAGGATGATTGACGAGAGTTTATCACTCTTGTTCGTCTACCTTT
GATAGACTTTAGTCGGGCTGGATCTTCGGTCCACGTCTGACAGTTGCTGCGTGTTTA
CTTACCACGGTTTATCCGTGAGGCCCTTGGCTTGCAACTGTAAATAAATCGTTGTGCT
TAAAGCGGGCTATGATACTCTGCCAGAGCGATTTAGCATGGGACTGCAGAGTAGCT
GTATTTGAGTGAAGGTTGTATTTCGGTATGACTGGATCTTGGTACAGCGCTTGTAAT
GGAGCTCAGGGTGAGGCCCCGGGTACCATGAGGCTAGAGGTGAAATTCTGAGACCC
TCATGTGACCAACTAAGGCGAAAGCTGTCGTGGGCCACCACAAGCTCGTCTATCAG
GGACGAAAGTTGGGGGATCGAAGACGATTAGATACCGTCGTAGTCCCAACTATAAA
CGATACCAACCGAGTATTTGGGAAGACACTATCCCAGCGATCTTCTCAGAACTCAAG
GGAAACCTTAAGTCTTTGGGTTCTGGGGGGAGTATAGTCGCAAGACCGAAACTAAA
GGAATTGACGGAAAG
>S.limicina (R1)
GAGGTTCGCCTCTCCCTTCGTGCGGCGCCGGTCCGCCCCGAAGGGCGAGCACTGGTC
CGCGCGTTCCCTCCTACCGGACGCTCGCTCCCGCTCTTCGTTGAGCGGGAGTATTCTC
CCGAGGGTCGATTCCCCTTCCCTTTTTTCCTCCTTTTTTTTAAGGGGGGGGGGGAAGA
AGGGGCGATCGTTCCGTCAAAAAGAACCGGTCTTCGGACCGCTCGGGGTTTCGACG
GGGCCGGAAGGTTTTCGACGGGGGTTCTCTCCCGTCGGTTTCCTTTTTCCACCGGTTT
CGTTCGGAGCTCCGGTTCGTTTACCTTGAATAAATTAGAGTGTTCAAAGCGGGCAAG
CACACGCCTAGATACTTTAGCATGGGATAATAGAATAGGACTTGGGTTCTATTTTCG
TTGGTTTCTAGGACCGAAGTAATGATTGATAGGGACGGTCGGGGGCATTAGTATTTA
ATTGTCAGAGGTGAAATTCTCGGATTTAGGAAAGACTGACTTCAGCGAAAGCATTTG
CCAAGGACGTTTTCATTAATCAAGAACGAAAGTTAGGGGATCGAAGACGATCAGAT
ACCGTCGTAGTCTTAACCATAAACGATGCCGACCAGGGATCGGGAGACGTTACCTC
GATGACTCTCCCGGCACCTTGCGGGAAACCACAAGTCTTTGGGTTCCGGGGGGAGTA
TGGTCGC
>A.polyphaga (CP)
ACCGGCGACTGCGTTGGCGTTGCGGGCTCGGTCCGTCGGTGCTCACAAAAGCATCG
GCGTGTCAACCGGCCCGCCCGTCCCCTCCTTCTGGATTCCCGTTCCTGCTATTGAGTT
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AGTGGGGACGTCACAGGGGGCCCATCGTCGTGTCATGCAAATGGCACGGCGGTGAG
TCCCTGGGGCCCAGATCGTTTACCGTGAAAAAATTAGAGTGTTCAAAGCAGGCAGA
TCCAATTTTCTGCCACCGAATACATTAGCATGGGATAATGGAATAGGACCCTGTCCT
CCTATTTTCAGTTGGTTTTGGCAGCGCGAGGACTAGGGTAATGATTAATAGGGATAG
TTGGGGGCATTAATATTTAATTGTCAGAGGTGAAATTCTTGGATTTATGAAAGATTA
ACTTCTGCGAAAGCATCTGCCAAGGATGTTTTCATTAATCAAGAACGAAAGTTAGGG
GATCGAAGACGATCAGATACCGTCGTAGTCTTAACCATAAACGATGCCGACCAGCG
ATTAGGAGACGTTGAATACAAAACACCACCATCGGCGCGGTCGTCCTTGGCGTGTCT
CGGCTTCACGGCCGGGGCGCGCGAGGGCGGTTTAGCCCGGTGGCACCGGTGAATGA
CTCCCCTAGCAGCTTGTGAGAAATCATAAGTCTTT
>A.palestinensis (R5)
TATATTAAAGTTGTTGCAGTTAAAAAGCTCGTAGTTGGATCTAGGGATGCGCATTTA
TTTTATAAGCATTTGTGTCGTTGGGTCAAACTGATGACTGCAAGTGTTGCGGGCTCG
GTCCGTTGGTCATCCCACAAGGGTGATYAGCGTGTTAACCGGCCCGCCCATCCCCTC
CTTCTGGATTCCCGTTCCTGCTATTGAGTTAGTGGGGACGTCACAGGGAGCTTATCA
TCGCCTCACGGCGGTGGTAAGTTTCTGGGGCCCAGATCGTTTACCGTGAAAAAATTA
GAGTGTTCAAAGCAGGCAGATTCAATTTTCTGCCACCGAATACATTAGCATGGGATA
ATGGAATAGGACCCTGTCCTCCTTTTTTCAGTTGGTTAATAACAGAGAGGATCAGGG
TAATGATTAATAGGGATAGTTGGGGGCATTAATATTTAATTGTCAGAGGTGAAATTC
TTGGATTTATGAAAGATTAACTTCTGCGAAAGCATCTGCCAAGGATGTTTTCATTAA
TCAAGAACGAAAGTTAGGGGATCGAAGACGATCAGATACCGTCGTAGTCTTAACCA
TAAACGATGCCGACCAGCGATTAGGAGACGTTGAATACAAAACACCTCTATATATA
ATTCAGTATATGGTCAGCAATGGCTGTGTATTGATTGTATATAGTTTCGGTGAATGA
CTCCCCTAGCAGCTTGTGAGAAATCATAAGTCTTTGGGTTCCGGGGGGAGTATGGTC
GCAAGGCTGAAACTTAAAGGAATTGACGGAAGGGCACCACCAGGAGTGGAGCCTGC
GGCTTA
>A.polyphaga (ATCC 50372)
GTATATTAAAGTTGTTGCAGTTAAAAAGCTCGTAGTTGGATCTAGGGACGCGCATTT
CAAGCGCCCGTGTCGTTGGGTCAAACCAGCGACTGCGTTGGCGTTGCGGGCTCGGTC
CGTCGGTGCCCACAAAGCACTGGCGTGTCAACCGGCCCGCCCGTCCCCTCCTTCTGG
ATTCCCGTTCCTGCTATTGAGTTAGTGGGGACGTCACAGGGAGCTCATCGTCGTCAG
CAATGCCGGCGGTGGGTTCCTGGGGCCCAGATCGTTTACCGTGAAAAAATTAGAGT
GTTCAAAGCAGGCAGATCCAATTTTCTGCCACCGAATACATTAGCATGGGATAATGG
AATAGGACCCTGTCCTCCTATTTTCAGTTGGTTTTGGCAGCGCGAGGACTAGGGTAA
TGATTAATAGGGATAGTTGGGGGCATTAATATTTAATTGTCAGAGGTGAAATTCTTG
GATTTATGAAAGATTAACTTCTGCGAAAGCATCTGCCAAGGATGTTTTCATTAATCA
AGAACGAAAGTTAGGGGATCGAAGACGATCAGATACCGTCGTAGTCTTAACCATAA
ACGATGCCGACCAGCGATTAGGAGACGTTGAATACAAAACACCACCATCGGTGCGG
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TCGTCCTTGGCGTCTCGGTTTCGGCCGGGGTGCGGGGACGGCTTAGCCCGGTGGCAC
CGGTGAATGACTCCCCTAGCAGCTTGTGAGAAATCATAAGTCTTTGGGTTCCGGGGG
GAGTATGGTCGCAAGGCTGAAACTTAAAGGAATTGACGGAAGGGCACCACCAGGAG
TGGAGCCTGCGGCTTAAT
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