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ABSTRACT 
 
 
 

ANALYSIS OF THE ORAL AND FECAL MICROBIOTA OF COMPANION 
ANIMALS USING NEXT-GENERATION SEQUENCING OF THE 16S RRNA 

GENE 
 
 

 
Amy Sturgeon Advisor:   
University of Guelph, 2014 Dr. J Scott Weese 
 
 
 

Mammals live in symbiosis with trillions of microorganisms that reside 

collectively inside and on the outside of a host. Previous assessment of these 

microbiomes has relied heavily on the use of cultivation-dependent methods for 

characterization; however, it is now recognized that the majority of microorganisms 

cannot be identified using these standard methods. This research strives to characterize 

the bacterial microbiota of the oral cavity and gastrointestinal tract of canines, the oral 

cavity of cats, and the gastrointestinal tract of wolves, with the major goals of 

identifying community membership and diversity at each site. Results provide insight 

into bacterial community membership in these environments and support the concept of 

a stable core microbiome in the oral and fecal microbiota of companion animals. 

Significant intra-household similarity was observed in the feline oral microbiota, 

suggesting that environmental factors impact the relative abundance of taxa within the 

oral cavity. Putative zoonotic and periodontal pathogens were also detected in the 

mouths of all dogs. Fecal samples exhibited strong intraspecies specificity, such that the 

fecal microbiota of dogs and wolves was highly distinct, irrespective of the dogs’ diets. 

Raw feeding had no significant impact on the relative abundance of bacteria in feces, 



	  

and bacterial taxa were highly conserved across all dogs. These studies have enhanced 

previous knowledge of the oral and fecal microbiota of these companion animals, and 

have the potential to contribute to the early diagnosis and treatment of diseases in 

companion animals.   
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CHAPTER 1 
 

1. Literature Review 

 Microbiomes 1.1

The human body contains an estimated 1014 cells, of which only 10 % are 

mammalian (Savage, 1977). The remaining 90 % are microbial cells that reside in and 

on the host, and make up the resident microbiota of the body. The ‘microbiome’ of the 

body describes this entire composite of microbes - bacteria, archaea, fungi, and viruses, 

and the entirety of their genetic components (Petrosino et al., 2009; Turnbaugh et al., 

2007). The term ‘metagenome’ is used to describe the total genetic composition of the 

members in a microbiota. For the most part, the relationship between the host and the 

resident microbiota is beneficial, and indeed it is critical for healthy immunological and 

physiological development. Problems arise when there is an imbalance in the 

composition of the normal resident microbiota (dysbiosis), or when these members are 

displaced to abnormal locations, which can predispose sites to disease (Marsh and 

Martin, 2009).  

 

The microbiota of the body differs across anatomical body sites with respect to 

species composition, abundance, richness and diversity; however, research suggests 

that for many sites, a core microbiome is maintained between nearly all healthy 

members of a single species (Turnbaugh et al., 2007). In addition, some sites may 

harbour one of several shared bacterial clusters. For example, the gut of the general 

human population is thought to harbor one of three known clusters (enterotypes), which 
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are identified by varying levels of Bacteroides (enterotype I), Prevotella (enterotype II) 

or Ruminococcus (enterotype III) (Arumugam et al., 2011). Advances in sequencing 

technology, experimental design, and computational abilities are gradually facilitating 

research on the discovery of a core microbiome in human and non-human species 

(Hulcr et al., 2012; Jami and Mizrahi, 2012; Lowe et al., 2012). 

 

 Culture independent studies 1.2

Routine culture-based methods are extremely valuable for: targeting pathogens 

from a clinical sample, testing antimicrobial susceptibility, assessing metabolic 

properties, and studying low-abundance organisms that are often overlooked when 

assessing the broader microbial population (Parahitiyawa et al., 2010; Suchodolski, 

2011). In contrast, culture-based analyses are not practical for characterizing complex 

biological ecosystems, as many microorganisms cannot be cultured under laboratory 

conditions (Greetham et al., 2002), and this can lead to misinterpretations of richness, 

diversity, and relative abundance of species or groups in a sample. This is generally due 

to a lack of required nutrients, toxic substances in the media, interruption of cytokine 

networks, or a dependency on neighbouring bacteria in an environment to produce 

essential substances, which are no longer available following isolation (Wade, 2002). 

Anaerobic bacteria are also prone to damage through oxygen exposure during sample 

collection and processing, which could impede their characterization, and some 

phenotypic and biochemical tests have poor accuracy (Suchodolski, 2011). Conversely, 

some bacteria can grow readily in a sample (e.g. Staphylococcus spp., Escherichia coli) 

and overcrowd neighbouring microbes. Not only does this limit the ability to detect 



	  
3 

other community members, it may also lead to an overestimation of the importance of 

certain taxa. As a result, culture-based studies alone are now considered insufficient for 

characterizing the comprehensive microbial profiles of an environment (Greetham et 

al., 2002; Riggio et al., 2011), and molecular tools are now the standard approach for 

studying complex biological ecosystems (Suchodolski, 2011).   

 

  First-generation sequencing   1.3

Early attempts to sequence DNA were labourious, time-consuming, and ineffective 

at producing reads of appropriate length and accuracy. In 1977, Frederick Sanger and 

his team conceptualized and developed the dideoxychain termination method (Sanger et 

al., 1977), which could produce read lengths of 15-300 bp (Sanger et al., 1977). While 

improvements in electrophoretic equipment now enable this method to produce reads of 

over 750 bp (Liu et al., 2012; Weinstock, 2011), it is still limited by cloning-biases, 

which arise from the fact that DNA must first be cloned into vectors and transformed 

into E. coli in order to be sequenced. This cloning bias is largely dependent on the AT- 

and GC-content of the DNA inserts, which can affect transformation efficiency, and 

accordingly, influence whether inserts are sequenced. In addition, as foreign DNA is 

not always compatible with the replication machinery of E. coli, toxic phenotypes could 

be introduced into the cells and bias the recovery of clones (Weinstock, 2011). 

Furthermore, this method is expensive ($2400 per million bases with Sanger 

sequencing –vs. $0.07-$10 with next-generation sequencing), and has only low-

throughput capabilities (Liu et al., 2012). Nevertheless, the ability to make this method 

highly automated, along with its high efficiency at producing long reads, still makes 
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this technique one of most frequently used technologies for de novo sequence 

determination (Ahmadian et al., 2006). 

 

Today, over 150 eukaryotic genomes, and 3500 bacterial genomes have been fully 

sequenced (Genomes Online Database, 2013). Over one million 16S rRNA gene 

sequences and hundreds of metagenomic databases are now also publically available 

(Lazarevic et al., 2009). While the majority of these sequences were identified by 

Sanger sequencing platforms (now referred to as ‘first-generation’ technology) 

(Petrosino et al., 2009), faster and more cost-effective technologies were also widely 

used. Notably, ‘next-generation’ platforms (e.g. Roche-454 and Illumina) are rapidly 

becoming some of the most popular sequencing platforms for analyzing mixed 

microbial communities.   

 

  Next-generation sequencing: Roche-454 pyrosequencing platform 1.4

The first commercially successful next-generation sequencing platform was the 

Roche 454 sequencer (Liu et al., 2012). This platform uses “sequencing-by-synthesis” 

technology to determine target sequence identity. It requires four enzymes (Klenow 

fragment of DNA polymerase I, ATP sulfurylase, luciferase, and apyrase), two enzyme 

substrates (adenosine phosphosulfate, and D-luciferin), a single-stranded template, and 

four nucleotides (dNTPs)(dATP, dCTP, dGTP, dTTP). One at a time, a solution 

containing one of these four types of dNTPs is flooded into the reaction containing the 

template, enzymes and enzyme substrates. If the supplemented dNTP is incorporated 

into the growing DNA strand by DNA polymerase I, an inorganic pyrophosphate is 
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released, which serves as the substrate for ATP generation by ATP sulfurylase. 

Luciferase then converts this ATP to a bioluminescent signal, which is detected in the 

imaging step using real time monitoring. The computer detects homopolymers in the 

sequence by relating the amplitude of light to the number of nucleotides being 

incorporated. Apyrase is added between each subsequent dNTP addition to remove any 

excess ATP or unincorporated nucleotides. This ensures that the light signal is only 

being produced by the incorporation of the next introduced nucleotide.  

 

Though the Roche-454 platform offers long read lengths (~700 bp) (Liu et al., 

2012; Weinstock, 2011), it still has several limitations, including: its high error rate 

with homopolymers >6 bp; its low throughput; and its high cost relative to other next-

generation platforms ($10/million bp with Roche 454 –vs. $0.07/million bp with 

Illumina) (Liu et al., 2012).   

 

 Next-generation sequencing: Illumina Mi-Seq platform  1.5

In recent years, the Illumina Genome Analyzer and the HiSeq 2000 sequencing 

platforms have become some of the most dominant instruments in the sequencing 

industry (Quail et al., 2012). In 2011, Illumina released the MiSeq sequencing 

instrument, a bench top system that can produce high quality reads in a shorter amount 

of time at the expense of lower-throughput relative to the bigger models (Loman et al., 

2012; Quail et al., 2012). With this technology, the purified DNA library is first 

amplified on a glass flowcell by bridge amplification into clusters of clonal DNA 

fragments (Quail et al., 2012), and then sequenced using Solexa sequencing-by-
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synthesis chemistry (Loman et al., 2012). This sequencing approach requires that four 

fluorescently labeled, reversible terminator nucleotides be added simultaneously onto 

the flowcell containing the amplified library. The presence of a terminator group on 

each nucleotide ensures that no further nucleotides can be incorporated until the 

terminal 3’ block has been removed. Each nucleotide incorporation results in the 

emission of a specific fluorescence, which is detected by the charge-coupled device in 

the sequencing instrument (Liu et al., 2012). The terminator group is then removed to 

enable subsequent nucleotide incorporation. Repeating this cycle can produce up to 2 x 

250 paired end reads, to generate sequences of approximately 500 bp in length (Long et 

al., 2013).  

 

In comparison to other next-generation platforms (454 GS Junior, Ion Torrent 

Personal Genome Machine, and Pacific Biosciences RS) the MiSeq produces the lowest 

error rates (Loman et al., 2012; Quail et al., 2012). These errors generally occur after 

long stretches of homopolymers (>20 bp), or following a G-C rich motif (e.g. 

‘GGCGGG’) (Quail et al., 2012). Other advantages of the MiSeq include requiring 

minimal DNA input (<1 nanogram of DNA) (Quail et al., 2012), being highly 

automated, requiring little hands-on time, being the most cost-effective of any bench-

top system ($750 per run with MiSeq –vs. $1100 per run with 454 GS Junior), and 

having the highest throughput per run of any bench-top system (1.6 gigabases/run with 

MiSeq –vs. 70 megabases/run with 454 GS Junior) (Loman et al., 2012).  
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 Primer selection  1.6

 The 454 GS Junior and the Illumina MiSeq platforms both require DNA to be 

amplified by PCR prior to sequencing DNA amplicons. When selecting broad-range 

PCR primers for sequencing it is desirable to choose a primer that will anneal to a 

target area that is highly conserved between most bacteria, and flanked by 

hypervariable regions that will enable a distinction to be made between taxa. The 16S 

small subunit ribosomal RNA (rRNA) gene is a popular target area as it is universal 

among prokaryotes, it is long enough to enable accurate alignment (approximately 1500 

bp), and it contains nine hypervariable regions that support phylogenetic analysis 

(Figure 1.1) (Kim et al., 2011; Weinstock, 2011). Nevertheless, as only part of the 16S 

rRNA gene is used in sequencing, it is often impossible to assign sequences to 

classifications below the genus level in metagenomic studies (Weinstock, 2011).  

 

 

 

Figure 1.1. 16S rRNA gene (adapted from Brosius et al., 1978; Cai et al., 2003) 

indicating the approximate positioning of conserved and hypervariable regions.  

 

 Bioinformatics 1.7

Sequencing produces an output of crude nucleotide sequences without phylogenetic 

or annotative assignment. Several computational tools are available to facilitate the 
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analysis of lengthy, numerous or highly variable DNA sequences. Mothur, a 

comprehensive bioinformatics software package (Schloss et al., 2009), is a reliable 

program for processing raw sequence data into usable DNA reads. Using this software, 

DNA can be arranged into contigs, trimmed and subsampled to a region of interest, and 

chimeric sequences, gap characters and sequences with ambiguous bases can be 

removed. In addition, sequences can be classified into operational taxonomic units 

(OTUs) based on the relatedness of the sequences. In this way, OTUs are grouped 

based on nucleotide similarities, without biological classification, and are used as a 

means of standardizing taxonomic definitions at a specified cutoff (e.g. 97 % similarity 

of sequences) (Galimberti et al., 2012). If desired, the refined DNA can then be aligned 

to a reference database to assign sequences to phylotypes, and desired statistical indices 

for community- or population-level analysis can then be applied.  

 

 Statistical indices 1.8

There is a wide range of statistical indices available for analyzing diverse ecological 

datasets. Two main groupings for measuring biodiversity are alpha and beta diversity. 

Alpha diversity indices are used to measure diversity, richness, and coverage of a single 

sample, community or locale (Sepkoski Jr, 1988). Popular alpha diversity indices 

include Shannon diversity, Simpson diversity, and Chao1. The Shannon diversity index 

is considered a measure of evenness and of richness, and has the goal of quantifying the 

entropy or the degree of uncertainty in predicting the next individual to be randomly 

sampled (Hill et al., 2003). This index has a maximum value when all OTUs have equal 

abundance (Hill et al., 2003; Lemos et al., 2011). While it is generally useful as a 
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measure of evenness and of richness, it also presents several weaknesses, including 

placing increased emphasis on rare OTUs, and being highly sensitive to incomplete 

coverage (Hill et al., 2003). Conversely, the Simpson diversity index, which calculates 

the probability that two randomly chosen sequences will belong to the same OTU, is 

less sensitive to variability in coverage, and places emphasis on the more dominant 

species in a dataset (Hill et al., 2003). It’s values range from 0 to 1, with 0 representing 

the highest level of diversity, and 1 representing no diversity (Lemos et al., 2011). The 

Chao1 richness estimator uses rare OTUs, principally those represented by one 

(singleton) or two (doubleton) sequences, to calculate species richness (number of 

species present). Results are also strongly correlated with sample size, which presents 

an area of bias to the analysis (Lemos et al., 2011). Indeed, Bent and Forney (2008) 

have suggested that assessment of community richness is inadequate without sufficient 

sample coverage. Normalizing sample sizes has been shown an effective means of 

reducing this bias in all three alpha diversity indices, which is crucial for producing 

accurate statistical data (Bent and Forney, 2008; Lemos et al., 2011). Other indices can 

also be used to assess community richness. Selection of the most suitable model for 

analysis can be facilitated with the CatchAll program, which computes 12 different 

indices and selects the best model for describing community richness (Bunge et al., 

2012).   

 

Beta diversity measures are applied to compare similarities in community structure 

or composition between samples or sites. Dendrograms, used for visualizing beta 

diversity and showing similarities between biological communities, are generated using 
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similarity indices such as the Jaccard index (JClass) or the Yue and Clayton (θYC) 

index, and visualized using computer software programs. JClass is generally described 

as a ratio of the number of shared species to the number of dissimilar species, and thus 

takes into account community membership. The θYC measurement on the other hand 

measures both abundance and community membership and thus provides a different 

perspective of the community being assessed. These similarity indices can also be 

applied to assess community similarity through a variety of other statistical tools. For 

example, they can be applied with Principal Coordinates Analysis (PCoA) and non-

metric multidimensional scaling (NMDS) ordination plots in order to visualize patterns 

or variations in clustering in highly dimensional datasets. These indices can also be 

used with the analysis of molecular variance (AMOVA) statistic to measure variance 

across samples, in order to test the hypothesis that variation within a group or 

population is not significantly different from the variation observed across groups or 

populations (Excoffier et al., 1992).  

 

There are several approaches available for evaluating the efficiency of sampling, 

including the Good’s coverage calculator and rarefaction curves. Good’s coverage 

produces a single value between 1-100%, and is calculated using the number of 

singleton phylotypes and the number of sequences in a sample (Good, 1953). 

Rarefaction curves enable visual comparisons to be made between different 

communities by plotting a curve of the number of OTUs as a function of the number of 

reads. Curves with sufficient sampling generally plateau as fewer additional species are 

collected with the addition of new sequences.  
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 Biases of next-generation sequencing 1.9

 While next-generation sequencing offers many advantages over cultivation and 

first-generation sequencing, there are inherent biases associated with this type of study. 

For example, different DNA extraction methods (e.g. bead beating, lysis buffer) have 

been shown to yield variations in results between studies (Frostegard et al., 1999). 

Research also suggests that primer selection could bias results by under- or over 

representing the presence of certain taxa in a sample. For example, several microbial 

community-profiling studies of the gut have failed to recover bifidobacterial sequences 

using 16S rRNA primers (Greetham et al., 2002; Suau et al., 1999; Suchodolski et al., 

2008; Wilson and Blitchington, 1996), despite culture- (Hartemink and Rombouts, 

1999) and cloning-based (Handl et al., 2011) studies readily identifying this taxon in 

feces. Conversely, Bacillus subtilis is consistently over amplified by PCR  (Polz and 

Cavanaugh, 1998). Polz and Cavanaugh (1998) suspect that this is due to the increased 

binding affinity of the primer to the GC-rich template, which in turn results in more 

hybridized templates that are exponentially amplified at a greater rate than other 

templates. Designing primers that anneal to a region that is relatively unbiased against 

the recovery of most taxa is therefore ideal. The V4 region of the 16S rRNA gene may 

be an ideal region for sequencing as it has been shown to limit the biased recovery of a 

number of different taxa (Bergmann et al., 2011).  

 

 Sequencing often generates many OTUs represented by singletons or 

doubletons. These OTUs are frequently observed following incomplete sample 
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coverage (Hill et al., 2003); however, even studies with high coverage can result in 

OTUs represented by only a few sequences (Zaura et al., 2009). The latter is likely a 

result of sequencing errors that cause identical sequences to be incorrectly clustered 

into new OTUs (Zaura et al., 2009). As a result, some authors suggest that all 

singletons and doubletons should be indiscriminately removed from a dataset (Zaura et 

al., 2009); however, removing singletons and doubletons from the analysis also 

removes several of the rare members of the microbial community, which likely play an 

important role in health and disease. As a result, there is a tradeoff between eliminating 

this bias, and removing the rare members of the microbiota that contribute to diversity 

and richness. The specific objectives of an individual study must be taken into 

consideration when deciding which approach to take towards rare OTUs. 

 

2. Oral microbiota of healthy dogs and cats 

2.1  General overview 

The oral cavity represents one of the richest sites for microbial colonization in the 

body. In humans, the oral cavity supports at least six billion bacterial cells, consisting 

of well over 700 different species (Aas et al., 2005). Deep crypts on the tongue and 

between teeth provide a suitable environment for anoxic growth (Zaura et al., 2009) 

and exposed oral surfaces are ideal for aerobic growth. As a result, the oral cavity 

supports an extremely diverse microbial population, consisting of aerobes as well as 

facultative and obligate anaerobes (Gordon and Gibbons, 1966; Hori et al., 1999). 

These complex multispecies communities play an important protective role in the oral 

cavity through competitive exclusion; however, transmission of these bacteria to sites 
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outside of the oral cavity can lead to a host of pathologic effects. For example, the oral 

microbiome has been implicated in such systemic diseases as cardiovascular disease 

(Vettore, 2004), aspiration pneumonia (Sumi et al., 2003), and low preterm birth weight  

(Buduneli et al., 2005). Furthermore, the normal oral microbiota is easily transferred 

from the mouth to bite wound sites, which accounts for the high incidence of infection 

from bites inflicted by cats (~50 %) and dogs (15-20 %) (Goldstein, 1992).  

 

2.2  Colonization of dental pellicle and plaque 

Teeth have the highest microbial load of any site in the oral cavity due to the dental 

pellicle: a coating of salivary proteins and bacterial byproducts on the teeth, which 

promotes the selective adherence of bacteria to the teeth (Lenander-Lumikari and 

Loimaranta, 2000). The first microorganisms to adhere to the dental pellicle are the 

primary colonizers. These members adhere to the pellicle by specific bacterial and 

salivary protein interactions (Lenander-Lumikari and Loimaranta, 2000), and under 

favourable conditions proliferate into microcolonies. In humans, primary colonizers 

typically include members of streptococci, including Streptococcus mitis, Streptococcus 

sanguinis, and Streptococcus oralis (Nyvad and Kilian, 1987; Theilade et al., 1982). 

Granulicatella spp. are speculated to play a similar role in canines (Elliott et al., 2005), 

however, further characterization is lacking. Subsequent colonization by secondary 

colonizers occurs via co-aggregation with established bacteria, which promotes the 

development of multispecies communities on the teeth (Kolenbrander, 1988). As co-

aggregation continues, a thick layer of mixed microbial cells, host cells and inorganic 

compounds (collectively referred to as dental plaque), accumulates on the surface of the 
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teeth. These biofilms serve an important protective role for bacteria against physical, 

physiological, and chemical stress, and are central to the retention of bacteria in the oral 

cavity (Bowden and Hamilton, 1998). 

 

2.3  Oral disease in cats and dogs  

The oral cavity is the site with the highest prevalence of disease in dogs and cats 

(Kil and Swanson, 2011), with estimates suggesting that approximately 85 % of these 

animals are affected by periodontal disease by the time they reach five years of age 

(Verhaert and Van Wetter, 2004). This disease is a polymicrobial infection that can be 

broadly divided into two stages: gingivitis and periodontitis. Gingivitis is the reversible 

stage of this disease, where the host’s immune response is activated in response to 

plaque and tartar buildup on the teeth. This can lead to swollen and bleeding gums, but 

can be reversed with plaque and tartar removal. Research suggests that gingivitis begins 

at an early age, with one out of two cats having established gingivitis by one year of 

age, and 90 % of cats by four years of age (Verhaert and Van Wetter, 2004). If left 

untreated, this disease can progress to periodontitis: the non-reversible stage of 

periodontal disease, where the host inflammatory response promotes destruction of 

periodontal tissue and bone in response to bacterial plaque. In this stage, periodontal 

pockets form between the teeth and the gum line, and can lead to facial pain, tooth loss 

and other local and distal effects. Studies have suggested that measurable increases in 

specific oral bacteria are associated with the progression towards periodontal disease; 

specifically, low abundance organisms such as Actinomyces viscosus, Porphyromonas 
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gingivalis, Treponema spp. and other anaerobic Gram-negative organisms  

(Hajishengallis et al., 2011; Hennet and Harvey, 1991; Norris and Love, 1999). 

 

2.4 The canine oral microbiota 

Riggio et al. (2011) were the first to sequence the microbiota of canine oral cavity. 

They used molecular cloning-based sequencing of the 16S rRNA gene, and found that 

Pseudomonas, Bergeyella, Virgibacillus and uncultured species were the most 

predominant taxa in periodontally healthy dogs. The periodontal pockets of diseased 

dogs showed a shift towards a predominance of Clostridium, Actinomyces, and 

Capnocytophaga species. Porphyromonas spp. were identified in the gingivitis and 

periodontitis groups, but were absent in all healthy subjects. In contrast, P. gingivicanis 

was the most prevalent taxon in healthy dogs in a subsequent cloning-based sequencing 

study involving a larger cohort of dogs (Dewhirst et al., 2012), which suggest that 

putative periodontal pathogens are harboured in the oral cavity of healthy dogs. That 

study identified 14 bacterial phyla, including: Firmicutes, Proteobacteria, Bacteroidetes 

and Spirochaetes. They also detected 148 genera, with the following predominant 

members: Granulicatella, Peptococcus, Clostridiales spp., Peptostreptococcus, 

Catonella, Brachymonas, Neisseria, Moraxella, and Porphyromonas. The large 

differences between these two studies can likely be attributed to biases associated with 

cloning-based sequencing as well as the low number of animals used. This warrants the 

future characterization of the canine oral microbiota using next generation sequencing 

technologies, which would eliminate many of the biases incurred with cloning-based 

sequencing, and could improve characterization of this complex site.  
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2.5 The feline oral microbiota  

Few studies have characterized the feline oral microbiota using cultivation-based 

studies, and to date, none have directly assessed this site in healthy cats using next-

generation sequencing. Cultivation typically reveals Pasteurella, Actinomyces, 

Bacteroides and Fusobacterium to be the most prevalent genera in the healthy feline 

oral cavity (Dolieslager et al., 2011; Love et al., 1979; Love et al., 1990). Most species 

that are identified in the mouths of cats with oral diseases are also present in the healthy 

feline oral cavity. This supports previous studies, which have shown that a shift in the 

relative abundance of the resident microbiota of an environment (dysbiosis) can 

promote or accompany the onset of disease.  

 

Dolieslager et al. (2011) were the first and only researchers to date to use 

cultivation-independent methodologies to characterize the bacterial microbiota of the 

healthy feline oral cavity. Using cloning-based methods, Capnocytophaga canimorsus 

was identified as the most predominant species at this site. Interestingly, this species 

was not identified in this same study using cultivation-dependent methods, which 

highlights the importance of eliminating culture bias through utilization of cultivation-

independent techniques. Conversely, some species were identified only through 

cultivation, and not by cloning, which is likely due to PCR primer bias. Given the small 

number of healthy animals used in this study (n=3), the low number of recorded 

phylotypes, and the biases incurred through cloning-based methodologies, it is likely 

that the feline oral microbiome has yet to be efficiently characterized. As a result, there 
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remain gaps in the literature about the relative abundance of phyla and genera in the 

oral cavity, the core microbiome shared between cats, and the extent of inter-animal 

variation between cats. This warrants further characterization of the feline oral cavity of 

a larger cohort of animals using next-generation sequencing. 

 

3.  Gastrointestinal microbiota of the dog and wolf  

3.1 Domestication of the dog 

Extensive study of mitochondrial DNA sequences from members of the Canoidea 

subfamily suggests that the domestic dog (Canis familiaris) is a direct descendent of 

the grey wolf (Canis lupus) (Vila et al., 1999). The natural selection theory for 

domestication suggests that dogs evolved from wolves around 15,000 years ago 

through competition at manmade food-dumping sites (Coppinger and Coppinger, 

2001). Recent evidence also suggests that dogs, unlike wolves, have evolved the ability 

to digest starch (Axelsson et al., 2013). This digestive adaptation, along with changes in 

behaviour and physiology, would likely have provided an inheritable selective 

advantage to animals at these sites, and likely promoted the domestication of the dog. 

In addition, the gut microbiota likely played a vital role in these domestication events 

by providing alternative metabolic pathways to digest novel carbohydrates in their new 

diet; however, this role has yet to be explored.  

 

3.2 Raw food diets   

“Biologically appropriate” raw food diets are rapidly gaining in popularity for 

their reported (yet unsubstantiated) health benefits. Commercial raw dog food diets 
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generally contain raw meat (muscle, organs and bone) as their primary ingredient (80 

%), as well as fruits and vegetables (eg. carrots, apples, kale, potatoes)(15 %) and other 

products (eg. honey, oil, vinegar) (5 %) (Pets 4 Life, 2012; Tollden Farms, 2013). 

These foods are generally high in moisture (69-79 %) and crude protein (10-14 %), and 

also contain fat (3-13 %) and fibre (1-6%) in optimal quantities (Pets 4 Life, 2012). 

Proponents of raw food diets claim to see improvements in dental, renal, GI, skin and 

ocular health, as well as improvements to the smell of their pet’s breath (Billinghurst, 

1993; Stogdale and Diehl, 2003). There are also reports of smaller and firmer stools 

with low odour (Billinghurst, 1993), which likely reflects the high digestibility of these 

diets. While there is a lack of peer-reviewed articles to support these claims, it has been 

shown that changes in diet can improve the odour of dog feces (Terada et al., 1992).  

 

Commercial raw food diets claim to eliminate preservatives, colours, fillers and 

binders from their products (Pets 4 Life, 2012; Tollden Farms, 2013), which are 

nutritionally unnecessary for pets. These components are considered by some to be 

inappropriate for dogs, given that they are not foods on which dogs naturally evolved. 

In addition, commercial raw foods eliminate the cooking step, which might otherwise 

reduce or destroy the enzyme and vitamin content of the food. On the other hand, this 

cooking process is also required for denaturing enzymes that decrease shelf life and for 

eliminating potentially harmful microorganisms and toxins from foods (Billinghurst, 

1993). As a result, raw foods typically have a shorter shelf life, could increase the risk 

of foodborne illness in dogs, and could introduce zoonotic risk for humans from direct 

or indirect exposure to pathogens in the raw food or feces.  



	  
19 

 

3.3 Gastrointestinal microbiota and host health   

Bacteria within the gut of healthy dogs are generally in a state of equilibrium or 

eubiosis with the host (Amtsberg et al., 1978), and are essential for the normal 

functioning of the gut, including training the immune system, excluding colonization 

by transient pathogenic organisms (competitive exclusion), and extracting nutrients 

from food and endogenous products (O'Hara and Shanahan, 2006). Bacteria also 

produce short chain fatty acids (SCFAs)(e.g. propionate, acetate and butyrate) 

(Scheppach, 1994) through fermentation of carbohydrates, proteins and amino acids. 

These SCFAs are the preferred energy substrates of colonocytes and also promote 

several morphological and functional benefits in the colon, including anti-diarrheal 

effects by stimulating the absorption of sodium and water, improved motility within the 

ileum, increased differentiation and proliferation of colonocytes (Goodlad et al., 1989) 

and indirect modification of bacterial populations in the colon by decreasing the colonic 

pH (Scheppach, 1994). Germ-free animals fail to experience many of these benefits 

(Goodlad et al., 1989), highlighting the importance of these GI residents in colonic 

health.  

 

3.4 Microbiota of the canine GI tract  

The canine GI tract contains an estimated 1012 to 1014 CFU/g of intestinal 

content, with bacterial counts increasing along the length of the GI tract (Suchodolski, 

2011). The colon harbours the greatest microbial abundance of any GI compartment 
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(109 to 1011 CFU/g) (Suchodolski, 2011) and harbours as much bacterial diversity as all 

three compartments of the small intestine combined (Suchodolski et al., 2005).  

 

Colonic bacterial populations are often assessed through characterization of 

feces (Zhang et al., 2012), but this may be flawed by an inaccurate representation of the 

mucosa-associated microbiota of the colon. Nevertheless, the facility of sample 

collection along with reduced cost makes this an attractive method for community 

analysis. It is now generally accepted that the fecal microbiome of dogs consists mostly 

of Bacteroidetes, Firmicutes, Proteobacteria, Fusobacteria and Actinobacteria; 

however, the relative abundance of each phylum tends to differ by study. Using 

cloning-based methods, Xenoulis et al. (2008) found that Firmicutes predominated the 

feces of healthy dogs (46.4 %), followed by Proteobacteria (26.6 %), Bacteroidetes 

(11.2 %), Spirochaetes (10.3 %), Fusobacteria (3.6 %), and Actinobacteria (1.1 %). 

Firmicutes have also been identified as the most predominant phylum in other studies 

(Garcia‐Mazcorro et al., 2012; Handl et al., 2011; Jia et al., 2010; Suchodolski et al., 

2008), and this phylum often constitutes greater than 75 % of all sequences (Garcia‐

Mazcorro et al., 2012; Handl et al., 2011). On one occasion, Fusobacteria was 

identified as the most predominant phylum (Hand et al., 2013), and in other studies 

Bacteroidetes was the most predominant (Chaban et al., 2012; Swanson et al., 2010). 

These inconsistencies can likely be attributed to differences in extraction and universal 

PCR primers, as some methods could favour the identification of specific taxa. In 

addition, inter-animal variation (Chaban et al., 2012; Suchodolski et al., 2005), diet  

(Chaban et al., 2012; Jia et al., 2010; Swanson et al., 2010), medications (Bell et al., 
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2008), age (Benno et al., 1992; Groenvold et al., 2010), health (Suchodolski et al., 

2012a; Suchodolski et al., 2012b; Xenoulis et al., 2008), size (Simpson et al., 2002), 

genetic relatedness (Hand et al., 2013), and environment (Bell et al., 2008) could also 

promote the differences observed between studies. As a result, there is little consensus 

on the relative abundance of phyla in the GI tract.  

 

3.5 Microbiota of wolf scat   

Few studies have characterized the intestinal microbiota of wolves. Those that have 

characterized the bacterial populations at this site have used deposited feces (scat), 

which likely represent the microbial community from the distal portion of the intestines  

(Zhang et al., 2012). Using cultivation-based methods, wolf scat was shown to contain 

1011 CFU/g of feces, and consist of 22 genera, including Escherichia, Streptococcus, 

Enterobacter, Proteus, Enterococcus, Staphylococcus, Klebsiella, Citrobacter, 

Bacillus, Micrococcus, Corynebacterium, and Agrobacterium (Zhang et al., 2012). A 

molecular cloning-based study of wild wolves (n=3) identified five bacterial phyla in 

wolf scat, including Firmicutes (60 %), Bacteroidetes (16.9 %), Proteobacteria (9.2 %), 

Fusobacteria (9.2 %) and Actinobacteria (4.6 %). In addition to being the most 

abundant phylum, Firmicutes was also the most diverse; Clostridiales represented 53.8 

% of OTUs, and contained predominantly Lachnospiraceae (most abundant family, 18 

OTUs), Ruminococcaceae, Clostridiaceae, Peptococcaceae and Peptostreptococcaceae. 

Discrepancies between these two studies can likely be attributed to differences between 

cultivation- vs. cloning-based methodologies, and inherent limitations in both 

techniques warrants further characterization by next-generation sequencing. 
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Additionally, it is currently unknown how the GI microbiome of wolves compares to 

the GI microbiota of domestic dogs. Given the close evolutionary history between the 

two species, it would be interesting to learn more about the similarities and differences 

between the two microbial populations.  
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THESIS OBJECTIVES 

	  
 

As mentioned in the Literature Review, cultivation-based and first-generation 

sequencing studies are generally limited in scope and/or introduce strong biological 

bias to metagenomic studies. Next-generation sequencing eliminates many of these 

biases, but has yet to be applied to directly assess the oral microbiome of dogs and cats. 

The importance of this is realized when reviewing the prevalence of periodontal disease 

in companion animals, and when considering that the bacteriology of bite wounds 

typically reflects the oral microbiome of the inflicting animal. Characterizing the oral 

microbiota of healthy pets could aid in the prevention and early treatment of oral 

disease, as well as in recognizing potential pathogens in the oral cavity that could be 

associated with zoonotic risk as well as infection of cat and dog bite wounds.  

 

While the GI microbiota of healthy dogs has been assessed previously using 

next-generation sequencing, results are often inconsistent between studies. Reducing 

primer bias and eliminating culture- and cloning-bias could provide a more accurate 

description of the microbial communities within the GI tract of healthy dogs. In 

contrast, the GI microbiota of wolves, the ancestors of domestic dogs, has never been 

assessed using next-generation sequencing. In addition, it has yet to be shown how the 

use of commercial raw dog foods, which is inherently more similar to the diet of 

wolves than conventional dry food diets, could modify the GI microbiota of dogs and 

produce the unsubstantiated benefits of raw feeding. It is therefore unclear as to the 

effects of raw food diets on the GI microbiota, and whether the raw diet will cause a 
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shift in the microbial populations and promote a more favourable bacterial community 

in the gut.   

 

The objectives of this thesis were to:  

1. Characterize the relative abundance, diversity, and richness of bacterial taxa at 

various sites in companion animals using next-generation sequencing. These 

sites include: the oral microbiomes of six dogs and eleven cats; and the fecal 

microbiomes of ten dogs fed conventional dry food diets and five dogs fed 

commercial raw food diets.  

2. Characterize the core microbiome at each site.  

3. Describe the zoonotic implications of bacterial phyla and genera within the oral 

cavity of dogs. 

4. Assess how the fecal microbiota compares across raw- and conventionally-fed 

dogs, and between dogs and wolves.  

 

  



	  
25 

CHAPTER 2 
Phylogenetic analysis of the canine oral microbiome using next-generation 

pyrosequencing of the 16S rRNA gene1 
 
 

Abstract   
 

The goals of this study were to determine the relative abundance of bacterial 

phyla and genera, the bacterial diversity, and the zoonotic implications of bacteria 

within the healthy canine oral cavity using next-generation pyrosequencing of the 16S 

rRNA gene. Composite oral samples were collected from clinically healthy dogs. The 

V3-V5 region of the 16S rRNA gene was amplified by PCR and the resulting amplicon 

library was prepared and sequenced on a Roche 454 GS-Junior sequencing instrument. 

Thirteen bacterial phyla were identified, of which Bacteroidetes predominated (60.2 

%), followed by Proteobacteria (20.8 %), Firmicutes (11.4 %), Fusobacteria (4.7 %), 

and Spirochaetes (1.7 %). The most predominant genera included: Porphyromonas 

(39.2% of sequences), Fusobacterium (4.5 %), Capnocytophaga (3.8 %), Derxia (3.7 

%), Moraxella (3.3 %), and Bergeyella (2.7 %). A core microbiome was observed 

between all dogs, which consisted of 56 OTUs, corresponding to 38 bacterial genera. 

Potentially zoonotic and periodontal bacteria were also detected. Results suggest that 

the canine oral cavity harbours a rich and diverse bacterial community with zoonotic 

and disease potential, and exceeds estimates by previous culture- and cloning-based 

studies. 

 

	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  
1	  Adapted from Sturgeon, A, Stull, JW, Costa, MC, and Weese, JS. Metagenomic 
analysis of the canine oral cavity as revealed by high-throughput pyrosequencing of the 
16S rRNA gene. 2013. Vet Micro. 162.2-4: 891-898. 



	  
26 

Introduction  
 

The canine oral cavity contains a large number of ecological sites, which satisfy the 

growth requirements of a rich and diverse assemblage of microorganisms (Keijser et 

al., 2008; Xie et al., 2010; Zaura et al., 2009). Bacteria represent the largest proportion 

of microbes at this site, and are indispensible in health due to their role in the 

competitive exclusion of transient microorganisms (Marsh, 1994). Nevertheless, many 

normal oral inhabitants are also associated with disorders of various anatomic locations 

including dental, respiratory, and cardiovascular disease (Fowler, 2001; Seymour et al., 

2007). Despite the implication of bacteria in these diseases, the oral microbiota of dogs 

and the sum of its genetic parts (the microbiome) has been inadequately investigated. 

This is due primarily to the disproportionate use of culture-based methods to 

characterize the oral microbiota, which are largely limited in scope. In general, these 

studies tend to overestimate the importance of species that are easily cultured, and 

underestimate the highly prevalent fastidious organisms in a sample (Wade, 2002).  

 

Characterizing the oral microbiota in health is critical in order to understand 

changes that occur within disease, as well as to provide insight into approaches for 

early diagnosis and treatment of oral disease in canines. Additionally, opportunistic 

pathogens that reside in the mouth are potential sources of infections for other species 

(including humans), particularly through bites or other forms of direct contact. While 

the zoonotic potential of these bacteria has been investigated in canines (Elliott et al., 

2005; Ganiere et al., 1993; Hardham et al., 2005; Houf et al., 2008; Wouters et al., 
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2008), limited characterization of the microbiota has likely hindered the detection of 

potentially zoonotic bacteria in the oral cavity.   

 

Culture-independent studies to characterize the canine oral microbiome have been 

performed (Dewhirst et al., 2012; Riggio et al., 2011); however, they have been limited 

by a biologically biased cloning step and evaluation of a relatively small number of 

sequences. To date, high-throughput next generation sequencing has not been applied 

to characterize the microbiota of this environment. These methodologies would 

eliminate the inherent biases of cloning, and enable multiple samples to be analyzed 

simultaneously in a cost-effective manner. It is hypothesized that these methodologies 

would provide an immense amount of information about the canine oral microbiome, 

and improve understanding of this complex site.  

 

The objective of this study was to use high-throughput pyrosequencing of the 

partial 16S rRNA gene to describe the oral microbiome of six healthy dogs, focusing on 

the core microbial profile, diversity, and zoonotic implications.  

 

Materials and Methods  
 
Sample collection  

Oral samples were collected from a convenience sample of six dogs from 

different households. All dogs were clinically normal, fed a commercial diet free from 

raw or unpasteurized meat or milk products and had no history of dental cleaning, 

surgery, general anesthesia, or antimicrobial exposure within the preceding three 
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months. Ethical approval was obtained from the University of Guelph Animal Care 

Committee. 

 

A composite oral sample was collected by brushing the gums, tongue, teeth and 

cheeks with a newly opened toothbrush for 15 sec. Samples were taken at least 1 h after 

eating. Immediately following collection, each toothbrush was dipped into a microfuge 

tube containing 2 mL of sterile TE buffer (10 mM Tris HCl, 1mM EDTA, pH 8.0), and 

shaken vigorously to remove the collected material. The TE buffer containing the 

sampled material was transported at room temperature and processed within 24h. 

 

DNA extraction  

Genomic DNA was extracted from each sample using InstaGene Matrix (Bio-

Rad Laboratories, Hercules, California), with slight modifications to the manufacturer’s 

‘DNA preparation from bacteria’ protocol. Briefly, samples were centrifuged for 1 min 

at 9651 x g using a Minispin Microcentrifuge (Eppendorf, Hamburg, Germany), and 

the supernatant was removed without disturbing the pellet. The pellet was resuspended 

in 200 µL of homogenized InstaGene matrix and incubated for 20 min at 56°C, and 8 

min at 100°C. Samples were vortexed for 10 sec at high speed and centrifuged for 3 

min at 12,000 rpm. The resulting supernatant was transferred to a sterile microfuge tube 

and the DNA was quantified by spectrophotometry (NanoDrop, Thermo Fisher 

Scientific). Samples were stored at −20 °C until further treatment.  

 

PCR amplification of bacterial 16S rRNA gene 
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Amplification of the V3-V5 region of the 16S rRNA gene was performed in a 

50 µL reaction mixture containing 25 µL of Kapa2G Fast HotStart ReadyMix 2X 

(KapaBiosystems), 1 µL of 50 mM MgCl2 (Invitrogen, USA), 1 µL of BSA (2 mg/mL) 

(Bio-Rad), 17 µL of PCR-grade H2O, 2 µL of DNA template, and 2 µL of both the 

forward and the reverse GS Junior titanium fusion primers (1000 pmol/µL). The fusion 

primers consisted of a template specific sequence, and a fixed sequence as 

recommended by the ‘Sequencing Technical Bulletin No. 013-2009’ (454 Life 

Sciences, CT, USA). In the 5' to 3' direction, forward primers contained a Roche A 

sequencing adaptor (CCATCTCATCCCTGCGTGTCTCCGAC), a key sequence 

(TCAG), a 10 bp Multiplex Identifier (MID) sequence, and a template specific 

sequence (CCTACGGGAGGCAGCAG). Reverse primers contained a Roche B 

sequencing adaptor (CCTATCCCCTGTGTGCCTTGGCAGTC), a key sequence 

(TCAG), and a template specific sequence (CCGTCAATTCMTTTRAGT). The PCR 

reactions were run on a Mastercycler pro S thermal cycler (Eppendorf, Hamberg, 

Germany) under the following conditions: initial denaturation at 95 °C for 5 min; 

followed by 25 cycles of denaturation at 95 °C for 30 sec, annealing at 56 °C for 30 

sec, and elongation at 72 °C for 90 sec. Samples were held at 4°C. DNA from S. aureus 

was used as a positive control, and water was used in the place of a DNA template as a 

negative control. Additionally, a freshly opened toothbrush was dipped in sterile TE 

buffer, and run as a control for sample collection under these same conditions.  

 

Library preparation 
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PCR amplicons were evaluated by electrophoresis on a 2 % agarose gel and 

purified using the QIAquick PCR purification kit (Qiagen, Valencia, CA) according to 

manufacturer’s recommendations. The amplicon library was further purified with 

Agencourt AMPure XP beads (Beckman Coulter Inc, Mississauga, ON) and quantified 

by fluorometry using the Quant-iT™ PicoGreen® dsDNA Assay Kit (Invitrogen, 

Burlington, ON) according to the Roche 454 ‘Amplicon Library Preparation Method 

Manual’ of the GS Junior Titanium Series (454 Life Sciences, USA). Pooled amplicons 

were diluted as recommended, and amplified by emulsion PCR on a Mastercycler 5333 

thermocycler (Eppendorf, Hamburg, Germany) according to the Roche 454 ‘em-PCR 

Amplification Method Manual –Lib L’ (454 Life Sciences, USA). Pyrosequencing was 

performed for 200 cycles on a Roche 454 GS-Junior sequencing instrument according 

to the manufacturer’s ‘Rapid Library Preparation Method Manual’ (454 Life Sciences, 

Roche, USA).  All reads were filtered using the standard read rejecting filters of the GS 

Junior sequencer, namely key pass filters, dot and mixed filters, signal intensity filters, 

and primer filters (454 Sequencing System Software Manual, V 2.5.3, 454 Life 

Sciences, CT, USA).   

 

Read trimming and taxonomic assignment  

The sequences generated by pyrosequencing were cleaned using the 

comprehensive bioinformatics software package, mothur (version 1.23.1) (Schloss et 

al., 2009). This software was used to trim barcode and primer sequences, and to remove 

homopolymers greater than 8 bp and sequences shorter than 200 bp, allowing for 1 

mismatch to the barcode and 2 mismatches to the primer. Chimeras were identified 
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with the “chimera.uchime” command, using the most abundant sequences as a 

reference. The refined data were uploaded into MG-RAST  (Meyer et al., 2008) to 

taxonomically assign the individual reads to known DNA sequences and to observe 

inter-animal variation. Phylogenetic profiles were generated using the SILVA Small 

Subunit rRNA Database (SSU), with a maximum e-value of 30, a minimum percent 

identity of 97, and a minimum alignment length of 50. Analysis was restricted to the 

domain Bacteria.   

 

Statistical analysis using mothur 

Sequences were aligned to the SILVA-based bacterial reference alignment 

using the Needleman-Wunsch algorithm in mothur. Reads containing ambiguous bases, 

exclusively gap characters, or with regions strictly outside of the desired region of the 

16S gene were removed, and sequencing noise was reduced from the dataset using the 

“pre.cluster” command. Sequences were assigned to operational taxonomic units 

(OTUs) based on a phylip-formatted lower triangle matrix, using the ‘furthest neighbor 

algorithm’ at 97 % sequence similarity. Sequences from each OTU were taxonomically 

assigned with a bacterial 16S rRNA Silva reference alignment using a naïve Bayesian 

classifier. A consensus threshold of 80 % was applied with a distance of 0.03. To 

acquire the consensus taxonomy of these OTUs, sequences were aligned to a 16S rRNA 

Silva reference alignment.  

 

To normalize the number of sequences in the OTU dataset and to remove 

spurious OTUs, the data was subsampled to the minimum number of sequences in a 
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sample (9325 bp). OTUs were used to calculate community diversity (Shannon and 

Simpson diversity indices), evenness (Shannon equitability index) and richness (Chao1) 

to a cutoff of 0.03. Completeness of sampling effort was evaluated using Good’s 

coverage and rarefaction curves to a cutoff of 0.03 for each sample.   

 

Species-level identifications 

Species-level identifications were sought in order to determine the presence of 

selected zoonotic and periodontal disease-associated bacteria within the samples.   

Following initial identification of selected species in MG-RAST (max. e-value 30, min. 

percent identity 97, min. alignment length 50), the NCBI Basic Local Alignment 

Search Tool (BLAST) was used to confirm the species-level identity using the 

nucleotide collection (nr/nt) database (Altschul et al., 1990). Taxonomy was confirmed 

if the maximum identity of the sequence reported by NCBI BLAST was ≥97 % and 

was the greatest of all listed matches.  

 

Results  
 
Sample population 

The six dogs ranged in age from 1.5-11 years of age (mean 6.1 years), came 

from various housing types (e.g., urban, suburban, rural) and were of various breeds: 

Labrador retriever (n=2); Labrador retriever cross (n=1); Jack Russell terrier (n=1); 

Keeshond cross (n=1); and mixed breed (n=1). A verbal follow-up of oral health was 

performed approximately 1.5 years after sampling for 4 of 6 dogs (Dog 5 was 

euthanized five months after sampling due to concerns unrelated to its oral health, and 
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the owner of Dog 6 could not be reached). None of the four dogs had developed signs 

of dental disease (e.g., reluctance to eat, pain when touching the mouth) or been taken 

to a veterinarian for dental-related concerns. 

 

Analysis of pyrosequencing data  

A total of 301,280 reads were generated by pyrosequencing, of which 125,747 

passed all GS Junior read rejecting filters. Cleaning the samples in mothur decreased 

the dataset to 110,643 reads, with a mean of 18,441 reads per sample (Table 2.1). 

Approximately 2,500 sequences were lost during the removal of gap characters, 

ambiguous bases, and regions strictly outside of the desired region of the 16S rRNA 

gene. After screening, the sequences ranged from 249-307 bp, with a mean of 279 bp 

per sequence. Following subsampling, 9,325 high-quality sequences remained in each 

sample.  

 

OTU-based analysis 

 Assignment of consensus taxonomy (16S rRNA Silva reference) yielded 993 

unique OTUs in the six samples, with a mean (standard deviation, SD) of 226 (59) 

OTUs per sample. Of the total number of OTUs, 624 were singletons or doubletons. All 

OTUs belonged to the domain Bacteria. Thirteen bacterial phyla were represented 

amongst the 993 OTUs, with five phyla having a relative sequence abundance greater 

than 1 %: Bacteroidetes (60.2 %), Proteobacteria (20.8 %), Firmicutes (11.4 %), 

Fusobacteria (4.7 %), and Spirochaetes (1.7 %). Eleven sequences (0.01 %) were 
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considered ‘unclassified’ at this level. The relative distribution of sequences 

representing over 0.5 % of phyla is presented in Figure 2.1. 

 

A total of 232 taxonomic identifications were made. Of these, 22 % could not 

be identified at the genus level and were classified to the next highest taxonomic level. 

Fifteen genera represented more than 75 % of classified sequences, including 

Porphyromonas (39.2 % of sequences), Fusobacterium (4.5 %), Capnocytophaga (3.8 

%), Derxia (3.7 %), Moraxella (3.3 %), Bergeyella (2.7 %), uncultured 

Lachnospiraceae (2.4 %), Enhydrobacter (2.2 %), unclassified Peptostreptococcaceae 

(2.2 %), Xylanibacter (2.1 %), Parabacteroides (2.0%), Tannerella (2.0 %), Neisseria 

(1.8 %), Treponema (1.6 %), and Bacteroides (1.6 %).  

 

The OTUs shared between the six dogs were determined in order to establish 

the core microbiome, common to the six samples. Fifty-six OTUs corresponding to 38 

unique genus-level identifications were present in all samples (Table 2.2). All core 

genus-level identifications were represented by no fewer than 52 sequences per animal.  

 

Statistical analysis  

Rarefaction curves indicated good depth of coverage, with an initial steep 

increase in OTU identifications per read for each sample, and leveling of the curve by 

approximately 6400 reads (Figure 2.2). Coverage, diversity, evenness, and richness of 

the OTUs in each oral sample are presented in Table 2.3. Overall, there was little 

variability between the samples for each index: Good’s coverage (mean, range: 99.1, 
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98.6-99.6); Simpson diversity index (0.08, 0.04-0.2); Shannon diversity index (3.4, 2.8-

3.8); evenness (0.6, 0.5-0.7); and richness (353, 208-527).  

 

Zoonotic pathogens and microflora associated with periodontal disease 

Filtering sequences in MG-RAST produced 16,300 (7,953) taxonomically 

assigned bacterial sequences per dog (Table 2.1). Eight bacterial species known or 

suspected to be zoonotic (Weese and Fulford, 2011) were identified in the oral sample 

from one or more of the dogs (Table 2.4), with at least one zoonotic species identified 

from each dog (range: 1-6). Capnocytophaga canimorsus and C. cynodegmi were most 

frequently identified with respect to both prevalence (5/6, 83 %) and sequence 

abundance (range: 8-1640) within individuals. Streptobacillus moniliformis, the 

causative agent for rat-bite fever, was identified in four (67 %) dogs. 

 

 Periodontal disease-associated organisms (Harvey, 1998; Hennet and Harvey, 

1991) were identified in all sampled dogs. P. gingivalis was identified in five (83 %) 

dogs (sequence abundance 3-7615) while A. viscosus was identified in two (33 %) 

(sequence abundance 6-58). One or more Treponema spp. (including T. denticola and 

T. medium) were identified in five (83 %) of the dogs (abundance by species 12-295). 

 

Discussion  
 

The variable morphologies and dynamic physical properties of the canine oral 

cavity favour the colonization of a large population of microorganisms. Results suggest 

that this population is extremely rich (mean 226 OTUs; Chao1, 353 OTUs), highly 
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diverse (Shannon diversity, 3.4; Simpson diversity, 0.08), and moderately even 

(Shannon Equitability Index, 0.64). Although care must be taken when contrasting 

results across studies, a comparison of these results to a high-throughput 

pyrosequencing study of the 16S rRNA gene of canine feces suggests that both richness 

and diversity is higher in the canine oral cavity than the canine fecal microbiome (39 

OTUs per sample and 1.82 (Shannon diversity), respectively) (Handl et al., 2011). 

Thus, the oral cavity of the dog harbours a complex microbiome, with diversity and 

richness estimates that may exceed that of feces. 

 

The predominant phyla in this study were consistent with one canine study 

(Dewhirst et al., 2012); however, the relative abundance of each phylum was highly 

conflicting. In the current study, Bacteroidetes represented almost two thirds of all 

sequences, but represented only one eighth of all sequences in the aforementioned 

study. Furthermore, Firmicutes was the most abundant phylum in that study, but 

represented only 11.4 % of sequences here. These discrepancies could be due to 

differences between the methodologies and sampling locations of each study, as that 

study used cloning-based sequencing methods and sampled from only the subgingival 

plaque of dogs. In addition, as both studies used dogs of varied breeds and ages, and 

animals were reared under different environmental conditions, true microbial variation 

between dogs cannot be excluded. Nevertheless, results from the current study support 

the major conclusion by Dewhirst et al. (2012) that the microbiota of the canine and 

human oral cavities are highly dissimilar. Indeed, Actinobacteria – typically identified 
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as one of the most predominant members of the human oral cavity (Xie et al., 2010; 

Zaura et al., 2009), represented less than 1 % of all reads in the current study.   

 

Differences in the genus-level distributions between these studies were notable. 

While Porphyromonas, Fusobacterium, Capnocytophaga, and Derxia were the four 

most abundant genera in the present study (>60 % of sequences), they were not 

reported in any healthy dogs in another culture-independent study (Riggio et al., 2011). 

In contrast, Dewhirst et al. (2012) identified three of four of these genera, suggesting 

that sampling from a greater number of animals and increasing coverage could improve 

characterization of this complex site. Furthermore, the high prevalence of 

Porphyromonas in the current study is in contrast to culture-based studies (Bailie et al., 

1978; Ebrahimi et al., 2010; Riggio et al., 2011; Wunder et al., 1976), and suggests that 

fastidious microorganisms such as this (Liljemark and Bloomquist, 1996) are likely 

misrepresented by cultivation-dependent study designs. In contrast, some of the most 

commonly identified genera by cultivation-based studies (eg. Pasteurella, 

Pseudomonas) were largely underrepresented in the current study, which likely reflects 

the tendency for cultivation-based analysis to overestimate the importance of easily 

cultured taxa.  

 

As only part of the 16S rRNA gene is used in sequencing, taxonomic resolution 

is often compromised below the genus level (Weinstock, 2011). The focus of this study 

was therefore higher taxonomic evaluation, yet targeted species-level information was 

collected to describe potential zoonotic and dental pathogens. The use of manual 



	  
38 

assessment of sequences and stringent quality control measures provided good 

confidence in species designations and some interesting results were identified. Not 

surprisingly, one or more zoonotic pathogens were identified in each oral sample. 

Capnocytophaga spp. were most common (5/6, 83 % dogs), and Arcobacter butzleri, 

Bergeyella zoohelcum, Enterococcus gallinarum, Pasteurella multocida, 

Staphylococcus pseudintermedius and Streptobacillus moniliformis were also identified  

(Elliott et al., 2005; Ganiere et al., 1993; Hardham et al., 2005; Houf et al., 2008; 

Wouters et al., 2008). While S. moniliformis (the etiological agent of rat bite fever) has 

been identified previously in the oral cavity of rodents, it was surprising to identify it in 

the canine oral cavity. Nevertheless, this observation is not unprecedented, as this 

species has been identified in 56 % (10/18) of dogs with known rat exposure (Wouters 

et al., 2008). These data suggest that this pathogen may be a common commensal in 

dogs, regardless of exposure to rats. These findings highlight the zoonotic potential of 

the oral microbiota of healthy dogs and the inherent risks with saliva and oral exposure.   

 

Periodontal disease, a polymicrobial inflammatory disease, is one of the most 

commonly reported disorders in canines, and affects up to 80 % of dogs by four years 

of age (Riggio et al., 2011; Stephan et al., 2008). It is associated with painful gingival 

inflammation, loss of supporting tooth structure, and other clinically significant local 

and distal effects (Harvey, 1998). This disease typically develops as a result of changes 

in environmental factors, which promote an imbalance in the natural ecological stability 

of bacteria in the oral cavity (Marsh and Martin, 2009; Xie et al., 2010). In addition, the 

outgrowth of a number of bacterial species has been implicated in the progression of 
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this disease, namely Actinomyces viscosus, P. gingivalis, and Treponema spp. (Harvey, 

1998; Hennet and Harvey, 1991; Yamasaki et al., 2012). The high prevalence of 

Actinomyces, Porphyromonas, and Treponema in clinically normal dogs highlights the 

opportunistic nature of species within these genera and presumably the multifactorial 

nature of the pathogenesis of dental disease. These findings highlight the need for 

further study of the oral niche-specific microbiomes in dogs with and without dental 

disease.  

 

While the core OTUs represented less than 5.6 % (56/993) of the total number 

of OTUs, they accounted for 80.9 % of the total number of sequences. The distribution 

of these sequences within each OTU was largely uneven, with Porphyromonas spp. 

accounting for nearly half of the sequences, and others representing less than 1 % of 

sequences within the core (Table 2). The remaining 19.1 % of sequences from the non-

shared OTUs were highly diverse, many of which could be regarded as potentially 

transient species due to their absence from the core. This core membership is likely a 

result of having similar microenvironments and substrata in the oral cavities of these 

dogs, producing similar salivary proteins and antimicrobial factors, and maintaining a 

similar pH, all of which enhance the growth of some organisms, while inhibiting the 

growth of others. This high percentage of shared sequences in the oral cavity has also 

been reported in humans (Zaura et al., 2009), and suggests that there may be a greater 

degree of interpersonal conformity in the oral cavity than many other sites in the body 

(e.g. gastrointestinal tract and skin (Eckburg et al., 2005; Grice et al., 2008; Handl et 

al., 2011; McKenna et al., 2008)). Future studies could investigate whether this core is 
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disrupted during periodontal disease, and whether manipulation of this core 

microbiome could prevent the onset of disease, restore oral health, or aid in early 

clinical diagnosis of periodontal disease in canines. If successful, these same core 

principles could be applied to the human oral cavity or to older animals, who are 

typically more prone to oral health complications.  

 

A large number of OTUs (993) were identified, yet the majority of these (624, 

63 %) were singletons or doubletons. Some studies remove singletons and doubletons 

from the analysis (Zaura et al., 2009); however, important members of a community are 

occasionally detected at low levels (Hamady and Knight, 2009). As the significance of 

a microbe is not always determined based on its abundance, singletons and doubletons 

were retained in the analysis. Nevertheless, analysis focused on the broader taxonomic 

profiles, and OTUs with low sequence abundance were used mainly for estimates of 

diversity, richness and sampling effort, as well as species description.  

 

 To our knowledge, this is the first study to use high-throughput pyrosequencing 

of the 16S rRNA bacterial gene to characterize the microbiome of the canine oral 

cavity. These methodologies have revealed a significantly higher number of genera 

than previously detected with culture or cloning based methods; moreover, the number 

of genus-level phylotypes identified here (181) is four times greater than the number of 

genera identified in the culture-based study by Elliot et al. (2005), and greater than the 

two former cloning-based studies, which identified 15 genera from three dogs (Riggio 

et al., 2011) and 148 genera from 51 dogs (Dewhirst et al., 2012). This highlights one 
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advantage of using high-throughput pyrosequencing to characterize the oral microbiota. 

Nevertheless, there are limitations with this approach, which could be modified in 

future studies. The relatively small sample size used in this pilot study was selected out 

of convenience in order to evaluate the feasibility, cost and effectiveness of using 

pyrosequencing to study the oral microflora of canines; however, it is possible that low 

sample size could overlook inter-animal variation as well as temporal changes that 

likely occur. While consistent with many other microbiome studies and adequate for 

preliminary information, larger studies are required, particularly studies involving dogs 

of different health statuses. This study also used a composite oral sampling to recover 

bacteria from the mouth. While different sites in the mouth (e.g. cheeks, teeth, tongue 

surface) represent different microbial ecosystems, and are thus expected to maintain 

different microbial profiles, composite data is likely more relevant when considering 

the role of the oral microbiome in extra-oral disease. As such, pooled samples were 

designed to be comprehensive of several sites, and included bacteria from the dental 

plaque and saliva. Nevertheless, interesting distinctions are likely present between 

anatomical sites in the mouth and could be the subject of future research. 
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Table 2.1. 

Total number of sequences generated from the oral cavity of six healthy dogs by 

pyrosequencing followed by data cleaning, subsampling and filtering.  

 

    Mothur   MG-
RAST 

 Total Post-
cleaning1 

Pre-
subsample 

Post-
subsample  Post-

Filtering2 
Dog 1 24,538 22,156 21,833 9,325  18,707 
Dog 2 19,340 16,873 16,424 9,325  13,532 
Dog 3 29,687 26,359 25,902 9,325  27,565 
Dog 4 12,337 11,188 10,753 9,325  7,280 
Dog 5 10,597 9,638 9,325 9,325  8,546 
Dog 6 29,248 24,429 23,893 9,325  22,168 
Mean 20,958 18,441 18,022 9,325  16,300 
Total 125,747 110,643 108,130 55,950  97,798 

 

1 Trimming and chimera removal 
2 e-value of 30, minimum identity of 97 % and a minimum alignment of 50 base pairs 
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Table 2.2.  

Relative distribution of sequences from operational taxonomic units (OTUs) at 97 % 

similarity, generated from sequences shared between the oral cavities of six dogs. 

 

No. OTUs1 Consensus Taxonomy Relative 
% total No. Seqs 

Relative 
% in 
core  

77 (4) Porphyromonas 39.23 42421 47.23 
10 (2) Fusobacterium 4.53 4901 5.24 
12 (2) Capnocytophaga 3.78 4090 4.47 
9 (2) Derxia 3.70 4004 4.55 
15 (1) Moraxella 3.33 3604 4.10 
8 (1) Bergeyella 2.67 2883 3.27 
18 (1) Uncult. Lachnospiraceae 2.40 2590 2.81 
14 (2) Enhydrobacter 2.23 2415 2.73 
19 (4) Unclass. Peptostreptococcaceae 2.20 2379 3.43 
22 (1) Xylanibacter 2.14 2312 2.07 
4 (1) Tannerella 1.96 2117 2.42 
23 (2) Neisseria 1.76 1907 2.06 
30 (3) Treponema 1.64 1777 1.55 
28 (3) Brachymonas 1.59 1716 1.75 
16 (1) Bacteroides 1.59 1723 1.16 
5 (1) Fusibacter 1.49 1614 1.39 
8 (1) Luteimonas 1.05 1135 1.26 
37 (1) Conchiformibius 1.00 1078 0.86 
9 (1) Lampropedia 0.93 1010 1.08 
5 (1) Actinobacillus 0.85 919 1.04 
3 (2) Rhodoferax 0.75 810 0.92 
9 (2) Paludibacter 0.74 801 0.73 
2 (1) Desulfurella 0.73 784 0.89 
11 (1) Uncult. Synergistaceae 0.58 622 0.70 
17(1) Filifactor 0.50 543 0.14 
9 (2) Bulleidia 0.40 432 0.48 
6 (1) Aquincola 0.30 328 0.36 
2 (1) Pasteurella 0.23 253 0.29 
5 (1) Coenonia 0.22 234 0.26 
2 (1) Chryseobacterium 0.16 169 0.19 
16 (1) Actinomyces 0.15 165 0.06 
3 (1) Desulfobulbus 0.13 140 0.14 
5 (1) Natronincola 0.10 110 0.11 
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3 (1) Aquaspirillum 0.08 84 0.09 
2 (1) Granulicatella 0.06 65 0.06 
1 (1) Unclass. Comamonadaceae 0.05 58 0.07 
8 (1) Uncult. Desulfuromonadales 0.05 59 0.03 
11 (1) Unclass. Lachnospiraceae 0.05 52 0.03 

      92304   
 
1 Number of OTUs in total and (in core) 
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Table 2.3. 

Indices for the number of observed OTUs per dog, coverage, diversity, evenness and 

richness in six canine oral samples, identified using massively parallel pyrosequencing.  

 

 No. OTUs Coverage (%)a Simpson Shannon Evenness b Richness c 

Dog 1 189 99.27 0.19 2.82 0.54 288.0 
Dog 2 258 98.98 0.08 3.50 0.63 393.3 
Dog 3 310 98.56 0.07 3.59 0.63 527.3 
Dog 4 183 99.45 0.06 3.35 0.64 224.1 
Dog 5 156 99.58 0.05 3.57 0.71 208.9 
Dog 6 262 98.82 0.04 3.83 0.69 476.1 
Mean 226 99.11 0.08 3.44 0.64 353.0 

 
a
 Good's coverage at a distance of 0.03 

b
 Evenness of each sample based on Shannon Equitability Index  

c Richness of each sample based on the Chao1 index 
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Table 2.4. 

Abundance of sequences identified as zoonotic pathogens from six canine oral samples.   

 

Organism 
Identified (Dog number) 

Abundance 
(Range if more than 

one dog) 
 1 2 3 4 5 6  
Arcobacter butzleri      X 1 
Bergeyella zoohelcum     X  84 
Capnocytophaga canimorsus X X X  X X 450-917 
Capnocytophaga cynodegmi  X X  X X 8-1640 
Enterococcus gallinarum    X  X 2-126 
Pasteurella multocida      X 2 
Staphylococcus pseudintermedius   X    5 
Streptobacillus moniliformis  X X X  X 1-42 
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Figure 2.1.  

Relative distribution of sequences in the OTUs of six dogs. Figure represents phyla that 

correspond to over 0.5 % of sequences from the mean distribution of phyla. 
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Figure 2.2.  

Rarefaction curves of six canine oral samples. Curves were produced at a cutoff of 0.03 

for each sample.  
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CHAPTER 3 
 

Characterization of the oral microbiota of healthy cats using next-generation 
sequencing2 

 

Abstract  
  

The healthy feline oral cavity harbours a rich assemblage of microorganisms, 

which have not been sufficiently characterized using modern sequencing technology. 

The goal of this study was to accurately describe the oral microbiota of eleven healthy 

cats using next-generation sequencing. Sequencing generated a total of 10,177 

operational taxonomic units, representing 274 genera from 18 bacterial phyla. Eight 

bacterial phyla made up 97.6 % of sequences: Proteobacteria (75.2 %), Bacteroidetes 

(9.3 %), Firmicutes (6.7 %), SR1 (2.7 %), Spirochaetes (1.8 %), Fusobacteria (1.3 %), 

and Actinobacteria (0.6 %). The most prevalent genus-level phylotypes were: an 

unclassified Pasteurellaceae (18.7 %), Moraxella (10.9 %), Thermomonas (6.9 %), an 

unclassified Comamonadaceae (5.6 %), Neisseria (4.9 %), an unclassified 

Moraxellaceae (4.4 %), and Pasteurella (4.3 %). Results suggest that the feline oral 

microbiota is largely conserved between cats at the phylum level, and that the 

population is highly diverse, rich and even. A strong core microbiome was evident 

among all cats, yet significant differences in oral bacterial populations were observed 

across cats in each household.  

 
  

	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  
2	  This chapter has been prepared as a manuscript and submitted to The Veterinary 
Journal. Sturgeon, A, Pinder, SL and Weese, JS. Characterization of the oral 
microbiome of healthy cats using next-generation sequencing. 2013. The Veterinary 
Journal 
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Introduction 
 

The oral cavity is home to complex, diverse and abundant microbial 

populations, which play a critical role in health and disease. The microbial populations 

(the microbiota) at this site and their genetic composition (the microbiome) have been 

poorly characterized because of limitations in the methods used to characterize the 

uncultivable and unknown species that are likely present in this environment. Recent 

advances in next generation sequencing and bioinformatics have revolutionized the 

description of polymicrobial environments and characterizing these members is now 

feasible. This technology has been applied to study the human oral microbiome, and 

revealed estimates of diversity to be over an order of magnitude higher than previously 

recorded, and species estimates to be greater than 19,000 phylotypes (Keijser et al., 

2008).  

 

Bacterial oral infections (e.g. periodontal disease) can be an important cause of 

morbidity in cats; however, there has been limited study of the feline oral microbiota. 

This is especially concerning given that periodontal disease is the most prevalent 

disease in cats (Verhaert and Van Wetter, 2004), yet is poorly understood. Another area 

where the feline oral microbiota is of relevance is with bites to animals or humans, as 

the bacteriology of cat bite wounds generally reflects species from the feline oral 

microbiome (Love et al., 1989; Love et al., 1990). Given that cats are implicated in 8 % 

of all yearly reported animal bites in humans (Palacio et al., 2007), with an incidence of 

infection of approximately 50 % (Goldstein, 1992), the influence of the feline oral 

microbiota should not be underestimated. Understanding the role of the oral microbiota 
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in these diseases and infections will depend first upon characterizing the ‘normal’ 

bacterial populations at this site. This improved understanding could provide critical 

insight into the pathophysiology of disease, as well as new approaches to prevent or 

treat oral diseases. 

 

 Current knowledge of the feline oral microbiota has been principally discovered 

through cultivation of samples taken directly from the oral cavity (Dolieslager et al., 

2011; Love et al., 1990; Mallonee et al., 1988) or from cat bite abscesses (Hariharan et 

al., 2011; Love et al., 1989; Love et al., 1979; Norris and Love, 1999; Talan et al., 

1999; Westling et al., 2006). Though the most frequently recovered genera in these 

studies are Bacteroides, Fusobacterium and Pasteurella (Love et al., 1979; Love et al., 

1990), results are likely hindered by the tendency of culture to overestimate the 

importance of species that are easily cultivated, and underestimate the fastidious 

organisms that grow poorly on culture media. To date, there has been only one study 

characterizing the healthy feline oral microbiota using cultivation-independent methods  

(Dolieslager et al., 2011). This study used cloning-based techniques for sequencing the 

16S rRNA gene of bacteria and identified Capnocytophaga canimorsus as the most 

prevalent species in the feline oral cavity, followed by uncultured bacterium, 

Bergeyella spp., and a Xanthomonadaceae bacterium. Many fastidious organisms that 

were identified by cloning failed to be recovered using cultivation techniques in this 

same study. Conversely, some species that were recovered through cultivation were not 

identified through cloning. This suggests that cultivation-, cloning- and/or primer-bias 

might have affected the efficiency of community characterization in this study, and 
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given the small sample size (n=3) and relatively low number of sequences that were 

evaluated, this site remains to be effectively characterized in healthy cats. The objective 

of the current study was to characterize the resident microbial populations of the 

healthy feline oral cavity using next-generation, 16S rRNA gene sequencing.  

 

Materials and methods  
 
Sample collection  

Oral samples were collected from eleven cats living in households in Guelph, 

Ontario, Canada. Samples were collected from two cats in the same household for five 

of the six households. Cats were clinically normal, had been spayed or neutered, were 

fed commercial diets free from raw or unpasteurized meat or milk products, and had no 

history of dental procedures, surgery, general anesthesia, or antimicrobial exposure 

within the preceding 6 months. Ethical approval was obtained from the University of 

Guelph Animal Care Committee (eAUP 1917).  

 

A composite oral sample was collected using sterile cotton-tipped swabs by 

inserting the swab into the mouth and swabbing the gums, teeth and cheeks for 10-15 

sec. Swabs were broken off into sterile 2 mL microfuge tubes and transported at room 

temperature.  

 

DNA extraction  

Genomic DNA was extracted from each sample within 24 h of collection using 

InstaGene Matrix (Bio-Rad Laboratories), with slight modifications to the 
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manufacturer’s ‘DNA preparation from bacteria’ protocol. Briefly, 200µL of 

homogenized InstaGene matrix was added directly to a 2 mL microfuge tube containing 

the cotton swab and the collected material. Samples were vortexed at medium speed for 

30 sec and incubated for 30 min at 56 °C, and 8 min at 100 °C. Excess solution was 

removed from the swabs using QIAshredder spin columns (Qiagen). The resulting 

supernatant was transferred back into the 2 mL microfuge tube, vortexed at high speed 

for 10 sec, and centrifuged for 3 min at 12,000 x g. This supernatant was transferred to 

a sterile microfuge tube and stored at −20 °C until further treatment.  

 

PCR amplification of bacterial 16S rRNA gene 

The V4 region of the 16S rRNA gene was amplified in a two-step PCR reaction 

using forward (S-D-Bact-0564-a-S-15 (5'-AYTGGGYDTAAAGNG-3')) and reverse 

(S-D-Bact-0785-b-A-18 (5'-TACNVGGGTATCTAATCC-3')) 16S primers. These 

primers were designed with overhang adapters 

(TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG forward and 

GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAG reverse) for annealing to 

Illumina primers with 8 bp identifier indices and sequencing adaptors 

(AATGATACGGCGACCACCGAGATCTACAC-index-TCGTCGGCAGCGTC 

forward and CAAGCAGAAGACGGCATACGAGAT-index-GTCTCGTGGGCTCGG 

reverse). The first PCR was performed in a 48 µL reaction mixture containing 25 µL of 

Kapa2G Fast HotStart ReadyMix 2X (KapaBiosystems), 1 µL of 50 mM MgCl2 

(Invitrogen), 1.3 µL of BSA (2 mg/mL) (Bio-Rad), 17.9 µL of PCR-grade H2O, 2 µL of 

DNA template, and 0.4 µL of both the forward and the reverse 16S primers (100 
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pmol/µL). Samples were amplified on a Mastercycler pro S thermal cycler (Eppendorf) 

under the following conditions: initial denaturation at 94 °C for 3 min; followed by 28 

cycles of denaturation at 94 °C for 45 sec, annealing at 50 °C for 1 min, and elongation 

at 72 °C for 1 min 30 sec; and final elongation for 72 °C for 10 min. Samples were held 

at 4 °C. Subsequently, 1 µL of a forward Illumina primer and 1 µL of a reverse Illumina 

primer were added to the PCR products and run under the following conditions: 94 °C 

for 3 min; followed by seven cycles of denaturation at 94 °C for 30 sec, annealing at 60 

°C for 40 sec, and elongation at 72 °C for 1 min; and a final elongation at 72 °C for 5 

min. Genomic DNA from a mixed microbial community was used as a positive control, 

and water was used in the place of a DNA template as a negative control.  

 

Purification and dilution 

 The amplicon library was purified with Agencourt AMPure XP beads 

(Beckman Coulter Inc.) with slight modification to the manufacturer’s protocol. 

Briefly, 72 µL of AMPure beads was added to 20 µL of library and incubated for 10 

min at room temperature. Samples were washed twice with 80 % ethanol, and eluted 

with 20 µL of PCR-grade H2O. Purified samples were quantified by spectrophotometry 

(NanoDrop, Thermo Fisher Scientific), evaluated by electrophoresis on a 1 % agarose 

gel, and diluted to 5 ng/µL.  

 

Sequencing 
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Samples were sequenced at the University of Guelph’s Advanced Analysis 

Centre using an Illumina MiSeq (Illumina RTA v1.17.28; MCS v2.2) using the 2 x 250 

kit.  

 

Read trimming and taxonomic assignment  

Sequences were downloaded from the BaseSpace website and processed using 

the open-source software package, mothur (version 1.32.0) (Schloss et al., 2009). 

Sequences with ambiguous base calls, an inappropriate length (≠240 bp), runs of 

homopolymers of >8 bp, and sequences corresponding to chloroplasts, mitochondria, 

Archaea and Eukaryotes were removed. Chimeras were detected using uchime (Edgar 

et al., 2011) and removed. The remaining sequences were clustered into operational 

taxonomic units (OTUs) at a 3 % dissimilarity level and aligned with the SILVA 16S 

rRNA gene reference database (Quast et al., 2013). The core microbiome, those 

phylotypes shared amongst all sampled individuals, was identified at the genus level.  

 

Alpha and beta diversity  

Subsampling was performed to normalize sequence numbers. OTUs were used 

to calculate community diversity (Shannon and Simpson diversity indices), and 

evenness (Shannon equitability index). An estimate of species richness was also made 

using CatchAll (Bunge et al., 2012) to compute parametric and non-parametric 

estimators of richness and return the best estimate based on goodness-of-fit and 

standard error. Completeness of sampling effort was evaluated using Good’s coverage 

and rarefaction curves.  
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A phylip-formated distance matrix was created to describe the dissimilarity 

amongst the cats using the Yue and Clayton measure of dissimilarity. The distance 

matrix was visualized using a non-metric multidimensional scaling (NMDS) plot. The 

statistical significance of the observed spatial separation was determined using the 

analysis of molecular variance (AMOVA) statistic. A P value of <0.05 was considered 

significant. A dendrogram was also generated using the Jaccard index of dissimilarity 

to compare the cats, and was visualized using Dendroscope (Huson and Scornavacca, 

2012).  

  

Results  
 
Sample population  

Eleven cats were enrolled from six households, with two cats enrolled from 

each of five households. A single sample was collected for each cat. All cats were 

clinically normal, with no clinical signs of periodontitis. Population characteristics of 

these cats are presented in Table 3.1. None of the cats were diagnosed with oral or 

dental disease in the 6-month period following sampling.  

 

Sequencing   

Sequencing generated a total of 2,439,936 reads for all eleven samples, with a 

mean of 221,812 sequences per sample. Removing sequencing errors and undesirable 

sequences using mothur decreased the dataset by approximately 40 %, for a total of 

1,452,240 sequences, and an average of 132,022 sequences per sample (range 81,758-
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202,916, SD 33,201). A subsample of 81,758 reads per sample was used for further 

analysis, as this was the highest number of reads contained within all samples. 

 

OTU-based analysis 

Sequences were clustered into 10,177 OTUs, with each sample containing on 

average 1,202 OTUs (range, 995-1378). Assignment of consensus taxonomy classified 

each OTU as belonging to the domain Bacteria, and to one of 18 different phyla. Seven 

of these phyla had a total relative sequence abundance greater than 0.5 % and together 

they represented 97.6 % of sequences, including: Proteobacteria (75.2 %), 

Bacteroidetes (9.3 %), Firmicutes (6.7 %), SR1 (2.7 %), Spirochaetes (1.8 %), 

Fusobacteria (1.3 %), and Actinobacteria (0.6 %). A further 2.3 % of sequences were 

unclassified at the phylum level. The relative distribution of the sequences in these 

phyla is presented in Figure 3.1.  

 

 A total of 273 genera were identified within all OTUs. A large proportion 

(80/273) of the OTUs could not be classified to the genus level, and were instead 

classified to the next highest taxonomic level. The most prevalent taxa were: an 

unclassified Pasteurellaceae (18.7 %), Moraxella (10.9 %), Thermomonas (6.9 %), an 

unclassified Comamonadaceae (5.6 %), Neisseria (4.9 %), an unclassified 

Moraxellaceae (4.4 %), Pasteurella (4.3 %), an unclassified Clostridiales (4.2 %), an 

unclassified Xanthomonadaceae (3.8 %), and Conchiformibius (3.3 %). While only 0.6 

% (57/10177) of the OTUs were shared between all cats, the shared OTUs represented 
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48.2 % of sequences. Predominant genera and their prevalence in the core microbiota 

are presented in Table 3.2.  

  

Statistical analysis  

All samples had a good depth of coverage as indicated by the Good’s coverage 

estimates (mean, range: 99.1 %, 99.0-99.3 %; Table 3.3) and rarefaction curves (Figure 

3.2). Diversity, coverage, richness and OTU numbers are presented in Table 3.3.  

 

 Data were visualized using a two-dimensional NMDS plot (Figure 3.3). The 

lowest stress value was 0.15 with an r2 value of 0.89. Data visualization suggests that 

cats separated by household, something that was confirmed by AMOVA (P=0.04). 

Intra-household similarity is further demonstrated by visualization of a dendrogram, 

which showed that cat samples from the same household cluster away from different 

households (Figure 3.4).  

 

Discussion 
 

This study has identified unprecedented, but in many ways unsurprising, 

information about the feline oral bacterial microbiota. Cultivation-dependent 

techniques have been widely used to characterize this population; however, limitations 

in these methodologies have largely limited our understanding of this complex site. 

Prior to this research, only one other study had used cultivation-independent methods to 

characterize the microbiota of the feline oral cavity (Dolieslager et al., 2011). They 

used a small number of healthy animals (n=3) and identified only 23 species-level 
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phylotypes between all subjects. The present study utilized cultivation-independent, 

high-throughput sequencing, sampled from a larger number of healthy animals (n=11), 

and recovered 10,177 OTUs, representing 274 genera from 18 bacterial phyla. Thus, 

not only has this sequencing platform provided higher throughput, it has also 

eliminated cultivation- and cloning-bias, which were likely present in previous studies. 

Results also suggest that the feline oral cavity is considerably more diverse (Shannon 

diversity index, mean 3.37 and Simpson diversity index, 0.10), richer (Catchall, 

4311.91), and more even (Shannon equitability index, 0.48) than previously recorded. 

These estimates are comparable to the same indices in the canine oral microbiome  

(Sturgeon et al., 2013), and also appear to follow a similar trend of the oral microbiota 

being as or more diverse than the intestinal microbiota of the same species  (Ritchie et 

al., 2008).  

 

Seven bacterial phyla comprised over 97 % of the dataset. Proteobacteria, 

Bacteroidetes and Firmicutes comprised the majority of OTUs (91.2 %), with a smaller 

number of OTUs (2.3 %) being unclassified at the phylum level. The predominant 

genera in this study differed from those previously recorded (Dolieslager et al., 2011), 

with unidentified Pasteurellaceae (18.7 %), Moraxella (10.9 %), Thermomonas (6.9 %), 

an unclassified Comamonadaceae (5.6 %), Neisseria (4.9 %), an unclassified 

Moraxellaceae (4.4 %), and Pasteurella (4.3 %) dominating the samples. While it was 

anticipated to see Pasteurella in high proportions based on its relative abundance in 

other studies  (Dolieslager et al., 2011; Love et al., 1979; Love et al., 1982), it was 

unexpected to find Thermomonas, a moderately thermophilic taxon (Mergaert et al., 
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2003), in such high proportions across all cats. To our knowledge, this genus has never 

been recovered from the oral cavity of cats, and is typically isolated from hot springs  

(Alves et al., 2003) and other environmental sources (Mergaert et al., 2003). This genus 

was also not recovered from previous next-generation sequencing studies in our 

laboratory, including the canine oral microbiome (Sturgeon et al., 2013) or the pig nasal 

microbiome (unpublished data), suggesting that contamination and methodology did 

not play a role in its identification. Furthermore, its low recovery in cultivation-

dependent studies is likely due to the fastidious nature of this genus, which highlights 

one of the many advantages of cultivation-independent sequencing.  

 

Moraxella (Dolieslager et al., 2011; Hariharan et al., 2011) and Neisseria  

(Hariharan et al., 2011; Samsar et al., 2003) have both been recovered from the healthy 

feline oral cavity, and have also been described as two of the most common aerobic 

genera in humans bitten by cats  (Talan et al., 1999). Interestingly, Dolieslager et al.  

(2011) described Neisseria as the second most predominant genus in their study using 

cultivation-based characterization; however, failed to identify this genus in any cats 

using cloning-based techniques. Capnocytophaga, Pasteurella, Bergeyella, and 

Desulfomicrobium have all been described as the most prevalent genera in the healthy 

feline oral cavity using cloning-based characterization (Dolieslager et al., 2011), and 

were all identified in the core microbiome of the present study; however, their relative 

abundance amongst all taxa was generally low (0.9 %-4.3 %; Table 3.2). These 

discrepancies can likely be attributed to the higher throughput of next-generation 
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sequencing over Sanger sequencing, to the elimination of cloning-bias, or from 

moderate differences incurred through the use of different DNA primers.  

 

Microbial populations reside on virtually all exposed surfaces of the body, and in 

general, are highly variable both within and between animals. Nevertheless, recent 

studies have suggested that a highly conserved cohort of microorganisms is maintained 

in the oral cavity between most healthy members of a single species. In humans, 

intrapersonal and interpersonal variation has been shown to be lower in the oral cavity 

than at any other sampled site on the body (hair, gut, skin, nostril) (Costello et al., 

2009) and in dogs, a large core oral microbiome has also been reported (Sturgeon et al., 

2013). Not surprisingly, a large core microbiome was observed in the present study (37 

taxa, 57 OTUs), with nearly half of all sequences (~47 %) being shared between cats. 

This high percentage of shared OTUs may be a result of the similar microenvironment 

of the oral cavities between cats, which would favour and exclude colonization by 

different microorganisms.  

 

Cats that lived in the same household tended to have oral bacterial populations 

more similar to their housemate than to other cats. This could relate to direct exchange 

of microorganisms through close contact, common source exposures, or the impact of 

similar environment and management (e.g. diet). These areas were not specifically 

addressed but factors such as these that might influence the composition of the oral 

microbiota require further study.  
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Though results of this study have considerably improved understanding of the 

feline oral microbiome, limitations must be considered. Firstly, primer bias is an ever-

present concern with next-generation sequencing, which can result in the under- or 

overrepresentation of certain taxa in a sample. While PCR cycle numbers were kept 

low in order to minimize these concerns, primer bias should not be disregarded and 

could have had an impact on the relative abundance (but not the presence or absence) 

of OTUs. Until further studies are performed with different primer designs, the effect of 

primer bias in this study will remain unclear. Secondly, while the cats in this study 

were clinically healthy, and showed no signs of advanced oral disease, their gingival 

indices were not scored. Nevertheless, cats were considered clinically normal on the 

basis of physical and oral examination, something that is supported by the fact that 

none developed clinical oral or dental disease in the 6-month period after sampling. 

While this population is likely representative of typical house cats, and makes them 

more relevant to the general feline population, future studies could take these indicators 

into consideration when designing the study population.   

 

Conclusion 
 

The feline oral cavity contains a rich and diverse bacterial population that has 

been underestimated by culture- and cloning-based studies. Proteobacteria (unclassified 

Pasteurellaceae, Moraxella, Thermomonas, Neisseria, unclassified Moraxellaceae, 

Pasteurella), Bacteroidetes (Porphyromonas) and Firmicutes (unclassified 

Clostridiales) were the most prevalent taxa. A good understanding of the composition 

of the oral microbiota is needed to design future studies aimed at identifying the role of 
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the microbiota in disease and to understand factors that affect its composition. The 

apparent intra-household similarity of the microbiota is intriguing and suggests that 

there are potentially modifiable factors (e.g. environment, diet) that could impact the 

microbiota, and that co-habitating animals could share risks for diseases ultimately 

associated with the oral microbiota. 
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Table 3.1. Characteristics of enrolled cats  

Sample Household Age 
(years) Sex (M/F) Indoor/Outdoor Diet type 

C1 House 1 4.0 F Both Wet & dry 
C2 House 1 4.0 M Both Wet & dry 
C3 House 2 10.0 M Indoor  Dry 
C4 House 3 11.0 M Indoor Dry 
C5 House 3 5.0 M Indoor Dry 
C6 House 4  10.0 F Indoor Dry 
C7 House 5  7.0 M Indoor Wet & dry 
C8 House 5  17.0 M Indoor Wet & dry 
C9 House 4 10.0 M Indoor Dry 
C10 House 6 3.5 M Indoor Wet & dry 
C11 House 6 2.5 M Indoor Wet & dry 
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Table 3.2.  

Relative distribution of genus-level (97 % similarity) OTU classifications (with phylum 

in superscript) within the oral cavities of eleven healthy cats.  

 
No. OTUsa Consensus taxonomy Relative 

% total 
Relative % 

in core 
418 (3) Unclassified Pasteurellaceaeb 18.7 20.0 
518 (3) Moraxellab 10.9 13.5 
103 (1) Thermomonasb 6.9 7.8 
430 (2) Unclassified Comamonadaceaeb 5.6 6.8 
262 (2) Neisseriab 4.9 6.0 
170 (2) Pasteurellab 4.3 5.7 
680 (4) Unclassified Clostridialesd 4.2 5.5 
325 (1) Unclassified Moraxellaceaeb 4.4 5.3 
427 (2) Unclassified Xanthomonadaceaeb 3.8 4.3 
356 (2) Conchiformibiusb 3.3 3.8 
181 (1) Unclassified Burkholderialesb 2.2 2.4 
171 (2) Uncultured SR1 (genus incertae sedis)e 2.7 2.0 
 641 (3) Unclassified Bacteriaf 2.3 1.8 
245 (2) Treponemag 1.8 1.7 
115 (1) Desulfomicrobiumb 1.2 1.7 
167 (2) unclassified Porphyromonadaceaec 2.0 1.5 
141 (1) Kingellab 1.7 1.4 
234 (1) Porphyromonasc 1.7 1.4 
185 (1) Suttonellab 1.8 1.2 
98 (1) Tannerellac 0.7 1.0 
98 (1) Bergeyellac 0.9 0.9 
1 (1) Variovoraxb 0.8 0.9 

238 (3) Unclassified Firmicutesd 0.6 0.6 
76 (1) Unclassified Peptostreptococcaceaed 0.8 0.6 
40 (1) Unclassified Lactobacillalesd 0.5 0.6 
130 (1) Capnocytophagac 1.1 0.5 
177 (2) Unclassified Lachnospiraceaed 0.5 0.4 
33 (1) Campylobacterb 0.2 0.3 
87 (1) Unclassifed Leptotrichiaceaeh 1.0 0.2 
19 (1) Corynebacteriumi 0.1 0.2 
24 (1) Actinomycesi 0.2 0.1 
29 (1) Unclassified Actinomycetalesi 0.1 0.1 
96 (1) Bacteroidesc 0.5 0.05 
70 (1) Unclassified Clostridiad 0.05 0.05 
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31 (1) Mannheimiab 0.1 0.04 
807 (1) Bibersteiniab 0.5 0.02 
45 (1) Uncultured Verrucomicrobia (5 genus 

incertae sedis)j 
0.01 0.005 

 

a Number of total OTUs and (in core) 
b Proteobacteria  
c Bacteroidetes 
d Firmicutes 
e SR1 
f Unclassified  
g Spirochaetes  
h Fusobacteria  
i Actinobacteria  
j Verrucomicrobia  
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Table 3.3.  

Statistical indices indicating the number of observed operational taxonomic units 

(OTUs), percent coverage, diversity, richness and evenness in the oral cavity of eleven 

healthy cats. 

 
 No. OTUs Coverage 

(%)a 
Simpson Shannon Richnessb Evennessc 

Cat 1 1069 99.21 0.09 3.07 3372.1 0.44 
Cat 2 995 99.25 0.07 3.24 3465.1 0.47 
Cat 3 1234 99.14 0.04 3.88 4048.3 0.55 
Cat 4 1221 99.04 0.08 3.37 4632.7 0.47 
Cat 5 1146 99.06 0.06 3.50 6160.7 0.50 
Cat 6 1275 99.11 0.22 2.89 3690 0.40 
Cat 7 1378 99.05 0.13 3.35 4048.7 0.46 
Cat 8 1304 99.01 0.04 3.94 5294 0.55 
Cat 9 1281 99.06 0.16 3.16 5000.3 0.44 
Cat 10 1186 99.15 0.09 3.29 3580.1 0.46 
Cat 11 1130 99.15 0.07 3.37 4139 0.48 
Mean 1201.7 99.11 0.10 3.37 4311.91 0.48 
 

a Good’s coverage at a distance of 0.03 
b As calculated with Catchall 
c As calculated with the Shannon equitability index 
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Figure 3.1.  

Relative distribution of bacterial phyla within the oral cavity of eleven healthy cats that 

had a relative sequence abundance of greater than 0.5 %.  
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Figure 3.2. 

Rarefaction curves (cutoff 0.03) of the oral microbiota of eleven healthy cats.  
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Figure 3.3.  

Two-dimensional, non-metric multidimensional scaling (NMDS) plot (R-squared, 0.89) 

describing the dissimilarity amongst groups from oral samples taken from eleven 

healthy cats from six different households. Coloured markers are used to differentiate 

samples from different households.   
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Figure 3.4.  

Dendrogram showing the similarity of the feline oral microbiota of eleven healthy cats 

based on Jaccard similarity. Red boxes indicate household groupings. 
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CHAPTER 4 
From wolf to woof: A comparative analysis of the fecal microbiota of dogs fed raw 

and conventional diets against the fecal microbiota of wild wolves 
 
 
 

Abstract 
 

The domestic dog (Canis familiaris) evolved from the grey wolf (Canis lupus) 

approximately 15,000 years ago. This evolutionary relationship has prompted some to 

support the feeding of raw meat-based diets to dogs, which are inherently more similar 

to the diet of wolves than conventional dry food diets. Little is known of how the use of 

commercial raw dog foods could modify the GI microbiota, or how the resident 

microbiota of the GI tract has changed over this period of evolution. The objective of 

this study was to characterize the fecal microbiota of wolves (n=10), of dogs fed 

conventional dry food diets (n=10), and of dogs fed commercial raw diets (n=5) using 

next-generation sequencing of the bacterial 16S rRNA gene. The dominant phyla in 

dogs included Firmicutes (38.3 % of sequences), Verrucomicrobia (26.0 %), and 

Spirochaetes (2.4 %), while the dominant phyla in wolves largely consisted of 

Firmicutes (4/10 wolves, >99.6 % of sequences) or Proteobacteria (6/10, 49.8-75.8 %). 

Results indicate that the wolf fecal microbiota is distinctly different from the fecal 

microbiota of both dog groups, and that the phylogenetic profile of fecal samples is not 

significantly different in dogs fed raw vs. conventional dry diets. 
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Introduction  
 

The domestic dog (Canis familiaris) evolved from the grey wolf (Canis lupus) 

approximately 15,000 years ago (Vila et al., 1999). Events leading to the domestication 

of dogs likely centered on competition for food at man-made dumping sites, with 

individuals that were less timid and friendlier to humans gaining increased access to 

calories and having a better chance of survival. Adaptations in starch digestion and fat 

metabolism may have also contributed to the domestication of dogs, by enabling them 

to thrive on starch-rich diets (Axelsson et al., 2013). Today, estimates suggest that there 

are as many as 5 million dogs living in Canadian households, most of which consume 

dry, extruded dog foods (Reid, 2001). While conventional diets have undergone various 

levels of scrutiny to ensure nutritional adequacy, they are reasonably different from 

diets of their wild ancestors. Rather than a fairly consistent diet of a product that has 

been specifically manufactured, wild wolves consume a diet that is predominantly 

meat-based with seasonal prey-selection. While most pet dogs consume commercial 

dry or canned diets, some are fed raw meat diets, in part because of a perception by 

some that they are more ‘evolutionarily appropriate’. Proponents of these raw diets 

claim to see improvements in oral hygiene, ocular and gastrointestinal health and 

longevity, as well as a reduction in the size and odor of stool, in skin disorders and in 

unpleasant body odours (Billinghurst, 1993; Stogdale and Diehl, 2003); yet these 

reports are unsubstantiated by scientific research, and the mechanisms behind these 

traits have yet to be elucidated. 
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The intestinal microbiota play a critical role in nutrition and health by aiding in 

the development of innate and adaptive immunity, vitamin biosynthesis, preventing 

colonization by microbial pathogens (competitive exclusion), and by producing short 

chain fatty acids, which supply metabolic energy demands in dogs (Rechkemmer et al., 

1988). The bacterial populations that promote these important functions are responsive 

to a number of environmental factors, including diet, which has been shown to alter the 

qualitative and quantitative characteristics of the gut microbiota (Bell et al., 2008; Jia et 

al., 2010; Swanson et al., 2010). Nevertheless, it is unclear as to whether raw food diets 

would significantly alter the microbial populations of the gut, and whether these 

changes would be associated with positive biological effects.  

 

In recent years, culture-independent methodologies, such as cloning-based 

studies, PCR-based gene sequencing and next-generation sequencing have largely 

replaced traditional culture-based methods for detection of microbes in an environment. 

As a result, microorganisms are now more readily studied as a community, rather than 

as single organisms in isolation. This is rapidly enabling a deeper characterization of 

microbial communities, and challenging current viewpoints of what constitutes 

‘normal’ populations in the body of humans and companion animals. This is especially 

of interest for studies on the GI microbiome, as the fastidious growth requirements of a 

large number of species pose a challenge to culture-based analyses (Greetham et al., 

2002).  

 



	  
75 

The canine GI microbiota has been well characterized using next-generation 

sequencing (Garcia‐Mazcorro et al., 2012; Hand et al., 2013; Handl et al., 2011; Handl 

et al., 2013; Suchodolski et al., 2012b), although newer sequencing technology has the 

potential to provide lower error rates and higher throughput relative to earlier 

sequencing technology, which could further our understanding of the gut microbiota. 

Conversely, the intestinal bacterial content of wolves is largely unknown, having only 

been characterized once using molecular-based methods (Zhang and Chen, 2010). As 

such, it is also largely unknown how the microbiota of dogs relates to this close 

relative. Though a previous study has assessed the effects of raw feeding on the 

phylogenetic composition of gut microbiota of dogs (Beloshapka et al., 2013), no direct 

comparisons have been made between the gut microbiota of dogs fed conventional dry 

food and commercial raw food diets. The objective of the study was to characterize and 

compare the fecal microbiota of healthy dogs and wild wolves, and to compare the 

fecal microbiota of pet dogs fed commercial dry vs. raw food diets.  

 

 

Materials and Methods  
 
Sample collection  

Fecal samples were collected from companion dogs fed conventional dry dog 

food diets (DC, n=10), dogs fed commercial raw dog food diets (DR, n=5) and wild 

wolves (French River area, Ontario, Canada) (WW, n=10). All dogs were clinically 

normal patients visiting a veterinary clinic for routine wellness appointments. Dogs of 

any breed or gender were included in this study if they were between the ages of 1-10 

years, had no antimicrobial exposure within the preceding three months, and no 
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diarrhea or vomiting in the preceding month. Fecal samples were freshly collected from 

dogs meeting these criteria. From 2003 to 2006, fresh wolf (Canis lycaon) scat was 

collected from the ground into specimen collection containers. The scat was frozen 

within a week of collection and stored at -20 °C until processed. 

 

DNA extraction  

Genomic DNA was extracted from each sample using the E.Z.N.A stool 

extraction kit (OmegaBiotech) according to the manufacturer’s ‘Pathogen Detection’ 

protocol. Samples were incubated for the optional 5 min at 95 °C for isolation of Gram-

positive DNA and a final elution volume of 100 µL was used to elute the purified 

product. This product was quantified by spectrophotometry (NanoDrop, Thermo Fisher 

Scientific, Canada) and stored at −20 °C until further treatment.  

 

PCR amplification of bacterial 16S rRNA gene 

The V4 region of the 16S rRNA gene was amplified in a 50 µL reaction mixture 

containing: 25 µL of Kapa2G Fast HotStart ReadyMix 2X (KapaBiosystems); 1.3 µL of 

50 mM MgCl2 (Invitrogen, USA); 1.0 µL of BSA (2 mg/mL) (Bio-Rad); 16.7 µL of 

PCR-grade H2O, 2 µL of DNA template, and 2 µL of both the forward and the reverse 

16S primers (100 pmol/µL). Forward (S-D-Bact-0564-a-S-15 (5'-

AYTGGGYDTAAAGNG-3')) and reverse (S-D-Bact-0785-b-A-18 (5'-

TACNVGGGTATCTAATCC-3')) 16S primers were designed with overhang adapters 

(TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG forward and 
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GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAG reverse) for annealing to 

Illumina primers with 8 bp identifier indices and sequencing adaptors 

(AATGATACGGCGACCACCGAGATCTACAC-index-TCGTCGGCAGCGTC 

forward and CAAGCAGAAGACGGCATACGAGAT-index-GTCTCGTGGGCTCGG 

reverse). Samples were amplified on a Mastercycler pro S thermal cycler (Eppendorf, 

Hamberg, Germany) under the following conditions: initial denaturation at 94 °C for 3 

min; followed by 25 cycles of denaturation at 94 °C for 45 sec, annealing at 50°C for 1 

min, and elongation at 72 °C for 90 sec; and final elongation at 72 °C for 10 min. 

Samples were then held at 4 °C. Genomic DNA from a mixed microbial community 

was used as a positive control, and water was used in the place of a DNA template as a 

negative control.  

 

Purification and sequencing 

 The amplicon library was purified with Agencourt AMPure XP beads 

(Beckman Coulter Inc, Mississauga, ON) with slight modification to the manufacturer’s 

protocol. Briefly, 72 µL of AMPure beads were added to 20 µL of library and incubated 

for 10 min at room temperature. Samples were washed twice with 80 % ethanol, and 

eluted with 40 µL of PCR-grade H2O. Purified samples were quantified by 

spectrophotometry (NanoDrop, Thermo Fisher Scientific), evaluated by electrophoresis 

on a 1 % agarose gel, and diluted to 5 ng/µL. Sequencing was completed at the 

University of Guelph’s Advanced Analysis Centre using an Illumina MiSeq (Illumina 

RTA v1.17.28; MCS v2.2) with the 2 x 250 kit with 20 % PhiX. All sequences were 

downloaded from the BaseSpace website (www. https://basespace.illumina.com).  
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Read trimming and taxonomic assignment  

Mothur (version 1.31.2) (Schloss et al., 2009) was used to make contigs, and to 

remove sequencing error (e.g. sequences with ambiguous bases, inappropriate length, 

runs of homopolymers of  >8 bp) and undesirable sequences (eg. chimeras, or DNA 

corresponding to chloroplasts, mitochondria, Archaea and Eukaryotes). Chimeras were 

detected with uchime (Edgar et al., 2011) and removed. The refined sequence 

collection was aligned to the SILVA 16S rRNA gene reference database (Quast et al., 

2013), and clustered into operational taxon units (OTUs) at 3 % dissimilarity.  

 

Alpha and beta diversity 

Subsampling was performed to standardize the number of sequences in each 

group. Community diversity (Shannon and Simpson diversity indices), evenness 

(Shannon equitability index) and richness (CatchAll) (Bunge et al., 2012) were 

calculated for all samples. Groups were compared using Welch’s two sample T-test. 

Completeness of sampling was assessed using Good’s coverage and rarefaction curves.  

 

A dendrogram was created using the Jaccard index of dissimilarity, and 

visualized using Dendroscope (Huson and Scornavacca, 2012). Phylip-formated 

distance matrices were created to describe the dissimilarity amongst samples using the 

Jaccard index of dissimilarity (an indicator of community membership) and the Yue 

and Clayton measure of dissimilarity (an indicator of both community membership and 

abundance). These dissimilarities were visualized using principal coordinate analysis 
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(PCoA), and the statistical significance of any observed spatial separation was assessed 

using the Analysis of Molecular Variance (AMOVA) statistic. A P-value of < 0.05 was 

considered significant.  

 

Results 
 
Study population and samples 

Fecal samples were collected from fifteen companion dogs and ten wild wolves 

(WW). Ten dogs were fed conventional dry diets (DC), and five were fed commercial 

raw diets (DR). Population characteristics of these dogs are presented in Table 4.1. 

 

Sequencing 

Sequencing generated a total of 2,162,299 sequences. Approximately 20 % of 

sequences were removed with mothur while eliminating sequencing error and 

undesirable sequences, leaving a total of 1,716,380 high-quality sequences for further 

analysis. Samples were clustered into 215,699 OTUs, all of which belonged to the 

domain Bacteria. Singletons and doubletons represented 84 % of OTUs. Sequences 

were subsampled to 9,736 reads for comparisons between dogs (DC, DR) and wolves 

(WW), and to 70,293 reads for comparisons between dog groups (DC, DR).  

 

Subsampling at 9,736 reads: Wild wolves and commercially and raw fed dogs 

The mean coverage for all samples was 83.6 % (range: 71.3-99.3 %)(Table 4.2). 

Rarefaction curves became asymptotic for all wolf samples, but continued to rise for all 

dog samples (Figure 4.1). Dog samples were more diverse (mean Shannon diversity 
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index: 7.08 vs. 3.10, P<0.001; Simpson diversity index: 0.009 vs. 0.122, P=0.002), 

more even (mean Shannon evenness: 0.87 vs. 0.54, P<0.001) and had greater observed 

richness (mean 3,544 vs. 347 OTUs, P<0.001) and apparent richness (mean CatchAll: 

11,391 vs. 747 OTUs, P<0.001) compared to the wolf samples (Table 4.2). 

 

A two-dimensional PCoA plot (R-squared, 0.86) (Figure 4.2) and a dendrogram 

(Figure 4.3) based on the Jaccard index of dissimilarity were created in order to 

visualize separation between samples. Data visualization suggested that the wolf fecal 

microbiota was distinctly different from the fecal microbiota of both canine groups, a 

finding that was supported by AMOVA (<0.001). Only one OTU, assigned as 

Streptococcus, was shared between all 25 samples.  

 

Sequences from WW were clustered into an average of 347 OTUs, and were 

assigned to 18 known phyla and 404 genera. The most prevalent phyla in the wolf scat 

were Firmicutes (68.3 % of sequences), Proteobacteria (24.9 %), Actinobacteria (3.6 

%), Deinococcus-Thermus (1.3 %), Verrucomicrobia (0.4 %), and Fusobacteria (0.4 %) 

(Figure 4.4). Unclassified bacteria represented 0.5 % of sequences at the phylum-level. 

The relative abundance of phyla differed greatly across WW samples. Firmicutes was 

the most abundant phylum in 4/10 wolves (96.4-99.7 % of sequences). In all other 

wolves (6/10), Proteobacteria represented the most prevalent phylum (49.8-75.8 %), 

and the relative abundance of Firmicutes was much lower (8.8-21.6 %). The relative 

abundance of genera was also highly variable across WW samples (Table 4.3). 

Brevundimonas was found in all samples and was the most prevalent genus in 4/10 
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animals; however, this genus represented >8 sequences in only 5/10 samples. Other 

abundant genera included Clostridium XI (10/10)(3.0-29.9 %); Clostridium sensu 

stricto (10/10)(0.3-33.5 %); Streptococcus (10/10)(0.02-12.96 %); Enterococcus 

(10/10)(0.01-9.9 %); unclassified Bacillae 2 (9/10)(0.01-56.1 %); and an unclassified 

Bacillales (9/10)(0.02-13.0 %). A small core of 5 OTUs was observed across all 

wolves, including: a Clostridium cluster XI, Clostridium sensu stricto, Streptococcus, 

Pseudomonas and Kurthia (Table 4.4). 

 

Subsampling at 70,293 reads: Commercially and raw fed dogs 

The mean coverage for all canine fecal samples (DC, DR) was 87.0 % (range: 

84.7-92.2 %)(Table 4.2). Data visualization on a two-dimensional PCoA plot using the 

Yue and Clayton measure of dissimilarity (R-squared: 80.0 %) (Figure 4.6) and an 

AMOVA test (P=0.41) did not indicate any differences in population structure based on 

diet. There was also no difference in community membership based on AMOVA 

analysis of the Jaccard index (P=0.11). This was further demonstrated with the use of a 

dendrogram, which showed samples from different groups clustering on the same 

branch, yet distinct from wolves (Figure 4.3). Simpson diversity estimates were not 

significantly different between 70,293 compared to 9,736 reads (P= 0.50); however, 

Shannon diversity (P=0.03) and Shannon evenness (P=0.005) estimates were 

significantly greater at 70,293 reads. 

 

Sequences were clustered into 167,989 OTUs (mean, 13,894 OTUs; range: 

8,475-15,559). Seventeen known phyla were identified across all DC and DR samples. 
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The most prevalent phyla were Firmicutes (38.3 % of sequences), Verrucomicrobia 

(26.0 %), Spirochaetes (2.4 %), Fibrobacteres (2.0 %), Proteobacteria (1.8 %), 

Bacteroidetes (1.3 %), Tenericutes (0.8 %), and Fusobacteria (0.4 %)(Figure 4.4). 

Bacteria that were unclassified at the phylum level represented 26.3 % of sequences. 

Two hundred ninety three different genus-level phylotypes were identified. The most 

prevalent genera included unclassified bacteria (26.4 %), 5 genus incertae sedis (23.5 

%), an unclassified Clostridiales (8.2 %), an unclassified Ruminococcaceae (5.7 %), an 

unclassified Lachnospiraceae (5.2 %), Clostridium XI (3.9 %), an unclassified 

Verrucomicrobia, and Treponema (2.3 %)(Figure 4.5). A total of 826 OTUs were 

shared across all dogs, representing 411,850 sequences from 12 phyla and 82 genera 

(Table 4.4). 

 

Discussion 
 

The link between diet, longevity and health has long been recognized, yet the 

involvement of the gut microbiome in these processes is only just beginning to be 

appreciated. This is largely due to the recent ability of sequencing technologies to 

provide reliable community characterization at high-throughput, with low error rate, 

and in a cost-effective manner. In this study, an average of 13,893 OTUs per dog and 

2,265 OTUs per wolf (97 % similarity) were identified. This is over a 13-fold increase 

in the number of OTUs observed in dog feces using 454-pyrosequencing (Hand et al., 

2013) and over 30 times of that observed across 3 pooled wolf scat samples (65 OTUs) 

(Zhang and Chen, 2010). Greater depth of sampling allows for a better understanding 

of rare components of the microbiota and better estimates of richness (number of 
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species present), as evidenced by the Catchall estimates of richness (76,552 and 18,686 

OTUs for dog and wolf feces, respectively). This is much higher than previous species 

estimates in dogs (Hand et al., 2013), but similar to recent reports in humans (Huse et 

al., 2012). Though care must be taken when interpreting these estimates due to the large 

number of observed singletons and doubletons (84 % of OTUs), the low error rate of 

Illumina sequencing (Loman et al., 2012; Quail et al., 2012), the use of almost 

completely overlapping paired end reads, and the stringent removal of undesirable 

sequences and sequencing error in the post-sequencing processing supports the validity 

of these OTUs as rare members of the microbial community. 

 

Samples were compared at a cutoff of 9,736 reads to determine how the 

microbiota of dogs relates to their close relative, the wolf. Results suggest that the 

intestinal microbiota of dogs and wolves are highly divergent as they did not cluster on 

a PCoA plot, the difference between these microbial populations was statistically 

significant (p<0.001), and there were marked differences in phylogeny, even at a high 

(phylum) taxonomic level. These results support previous studies, which have 

identified strong intraspecies specificity of the gut microbiota (Ley et al., 2008), even 

between evolutionarily related species (Yildirim et al., 2010). In addition, dog samples 

were significantly more diverse, more even and had greater observed and apparent 

richness compared to the wolf samples (Table 4.2). Finding differences between the 

dog and wolf gut microbiome is unsurprising in many ways, especially given recent 

findings that suggest that divergent evolution in genes responsible for digestion may 

have contributed to the domestication of dogs (Axelsson et al., 2013). However, the 
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greater diversity in canine feces was somewhat unexpected given the typically 

invariable diet of individual dogs.   

 

The microbiota of wolf feces was highly variable between samples and quite 

distinct from dog feces. Only 5 OTUs were conserved across all wolf samples, and one 

OTU across all dog and wolf samples. While the main phyla were the same as those 

present in dogs, the relative abundances were highly variable, with some WW samples 

being dominated by Firmicutes (4/10 wolves, >99.6 % of sequences) and others 

Proteobacteria (6/10, 49.8-75.8 %). It is possible that marked variation in the diet of 

wild wolves contributed to the inter-sample differences. That could also have played a 

role in the significant differences in population structure that were identified between 

wolves and dogs (which presumably have more consistent diets) compared to wolves. 

These results cannot indicate whether wolves are inherently more likely to have a more 

variable microbiota (e.g. a genetic basis) or whether that is driven by their diet and 

lifestyle (e.g. an environmental basis), although study of captive wolves fed a 

consistent diet would help answer that question. The only comparable data are from a 

cloning-based sequencing study of the wolf microbiota of 3 healthy captive wolves  

(Zhang and Chen, 2010), which identified Firmicutes (60 %), Bacteroidetes (16.9 %), 

Proteobacteria (9.2 %), Fusobacteria (9.2 %), and Actinobacteria (4.6 %) as the most 

prevalent phyla, which is consistent with some of the wolves in this study, as well as 

dogs.  
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Samples were compared at a cutoff of 70,293 reads for comparisons between 

dogs fed conventional- and raw-food diets. Subsampling at 9,736 and 70,293 reads did 

not produce any significant differences in Simpson diversity estimates between the dog 

samples; however, Shannon diversity and evenness were significantly greater at 70,293 

vs. 9,736 reads. This statistical significance in Shannon diversity and evenness, but not 

in Simpson diversity likely reflects the tendency of the former to place increased 

emphasis on rare OTUs and to be highly sensitive to incomplete coverage (Hill et al., 

2003). As Simpson diversity estimates are less affected by efficiency of coverage, this 

estimate provides confidence in the efficacy of subsampling and also supports the 

validity of comparisons between the dog and wolf fecal samples at the lower cutoff. 

 

Although Firmicutes, Bacteroidetes, Proteobacteria, Fusobacteria and 

Actinobacteria are the most prevalent phyla in studies of canine feces (Hand et al., 

2013; Handl et al., 2011; Handl et al., 2013; Suchodolski et al., 2008; Suchodolski et 

al., 2010) and consistent with those described here, there has been variation in reports 

of dominant phyla, with some reporting differences across dogs as a result of age 

(Groenvold et al., 2010; Simpson et al., 2002), size  (Simpson et al., 2002), disease 

status (Suchodolski et al., 2012a), and genetic relatedness (Hand et al., 2013). In 

general, canine fecal samples do not appear to cluster based on diet (Beloshapka et al., 

2013; Hand et al., 2013; Simpson et al., 2002; Suchodolski et al., 2012a; Swanson et 

al., 2010), which is consistent with these data. In this study, dogs did not cluster by diet 

on a PCoA plot (Figure 4.6) or dendrogram (Figure 4.3). Furthermore, the relative 

abundance of phyla was largely consistent across all dogs, and no broad impact of diet 
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was present. This certainly does not indicate that diet cannot impact the microbiota; 

rather, it indicates that there are no remarkable and consistent differences generated 

from feeding a conventional dry diet compared to raw meat-based diets at the 

population level. While, nutritional differences in diet could have accounted for some 

of the smaller clustering observed between dogs, limited information was available 

about the composition of the conventional dry and raw diets that were fed, and further 

study of the impact of different diets is indicated. 

 

A large number of OTUs were shared between dog samples, which supports the 

concept of a core microbiome in the feces of companion dogs. This core consisted of 

826 OTUs, representing 82 bacterial genera from 12 phyla. These core OTUs 

represented only 0.5 % of OTUs across the dogs (826/167,989), yet accounted for 27.5 

% of sequences. This is consistent with other studies (Garcia‐Mazcorro et al., 2012; 

Hand et al., 2013; Handl et al., 2011) where there are limited numbers of core 

members, but those account for a high percentage of sequences. The presence and 

abundance of these shared taxa, both within the dogs and across the dogs and the 

wolves (e.g. Clostridium XI, Pseudomonas, Streptococcus), likely reflects their 

importance within the gut. The fact that these groups were heterogeneous, with 

different diets and environments, provides further support for the potential importance 

of these species.   

 

Results from this study demonstrate some of the many advantages of using 

modern high-throughput sequencing alongside powerful statistical software; however, 
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limitations must be considered. While the V4 region has been shown to provide 

accurate assessment of community structure and reduced bias associated with the 

recovery of certain taxa (Bergmann et al., 2011; Vilo and Dong, 2012), it is also 

hindered by its limited resolution at the species level (Chakravorty et al., 2007). 

Additionally, the RDP database used for assigning taxonomy can generally only be 

used to classify sequences to the genus level and above. As a result, very little 

information could be extracted about the species-level phylotypes within each sample, 

and whether known pathogens suspected to be associated with raw feeding were 

present in the raw samples. Yet, it is unclear whether species-level identifications 

provide any benefit in microbiota assessment. Another limitation of this study was the 

lack of population characteristics available for the wolves, which prevented 

interpretation of inter-individual differences in genetic or environmental factors (e.g. 

age, diet, gender, relatedness). An alternative approach would have been to sample 

from captive wolves; however, the use of wild wolves is likely more biologically 

relevant to the study of natural microbiomes.  

 

Conclusion 
 

Results indicate that few OTUs are conserved across the fecal microbiota of 

dogs and wolves, and that the fecal microbiota of dogs is more diverse, even and rich 

than that of wolves. This suggests strong intraspecies specificity of the intestinal 

microbiota, perhaps as a result of strong species-specific relationships with the host 

from adaptations to diet or environmental factors. Conversely, dogs shared a large 

proportion of their OTUs and had similar diversity indices. Diet could not account for 



	  
88 

any observed differences across canine fecal samples, which fails to establish any 

causative effect between the gut microbiota and the unsubstantiated benefits of raw 

feeding.   
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Table 4.1. Characteristics of enrolled dogs.   

Sample Group Breed Age 
(years) Gender 

C1 Conventional Bichon Frise 9 F 
C2 Conventional Shih Tzu 1.1 F 
C3 Conventional German Short Haired Pointer 7 F 
C4 Conventional Sheltie 2.6 M 
C5 Conventional Shih Tzu 10 F 
C6 Conventional Doberman 8 F 
C7 Conventional Bichon Frise 10 F 
C8 Conventional Bichon X Poodle 4 F 
C9 Conventional Collie X Labrador retriever 2.8 F 
C10 Conventional Labrador retriever 7 F 
R1 Raw Wheaten Terrier 3 M 
R2 Raw Golden Retriever 8.6 F 
R3 Raw Maltese 9.7 M 
R4 Raw Russian Bolonka 2.5 M 
R5 Raw Labrador retriever 6.5 F 
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Table 4.2.   

Percent coverage, number observed operational taxonomic units (OTUs), diversity, 

richness and evenness estimates in the fecal microbiota of 10 dogs fed conventional dry 

food diets, 5 dogs fed commercial raw food diets, and 10 wild wolves.  

 

Sample Coverage (%)a Observed 
Richness  Diversityb Diversityc Evennessd Expected 

Richnesse 

 
9,736 70,293 9,736 70,293 9,736 70,293 9,736 70,293 9,736 70,293 9,736 70,293 

C1 73.8 87.9 3,578 13,433 0.003 0.003 7.18 7.63 0.88 0.80 32,031 58,613 
C2 83.9 92.2 2,177 8,475 0.106 0.106 4.80 5.09 0.62 0.56 26,268 67,987 
C3 75.1 88.4 3,442 12,919 0.006 0.007 7.00 7.43 0.86 0.79 27,266 79,421 
C4 73.9 86.5 3,584 14,314 0.002 0.002 7.25 7.76 0.89 0.81 26,705 81,712 
C5 73.4 86.1 3,672 14,672 0.002 0.002 7.30 7.80 0.89 0.81 29,048 92,454 
C6 72.0 85.8 3,783 14,842 0.002 0.002 7.33 7.81 0.89 0.81 35,001 73,337 
C7 73.4 86.9 3,576 14,131 0.003 0.003 7.16 7.67 0.87 0.80 28,171 76,098 
C8 72.9 86.3 3,705 14,455 0.002 0.002 7.31 7.77 0.89 0.81 34,349 79,437 
C9 72.1 86.3 3,741 14,503 0.002 0.002 7.26 7.73 0.88 0.81 43,274 86,711 

C10 73.0 85.9 3,663 14,727 0.002 0.002 7.27 7.77 0.89 0.81 10,972 55,851 
R1 71.3 84.7 3,839 15,559 0.002 0.002 7.33 7.83 0.89 0.81 32,839 97,449 
R2 72.0 85.6 3,758 15,022 0.002 0.002 7.33 7.82 0.89 0.81 51,361 83,033 
R3 73.7 86.9 3,600 14,089 0.002 0.002 7.23 7.73 0.88 0.81 28,880 65,180 
R4 74.7 87.5 3,541 13,672 0.002 0.002 7.20 7.68 0.88 0.81 21,882 77,346 
R5 75.1 87.6 3,504 13,579 0.002 0.002 7.22 7.68 0.88 0.81 25,244 73,646 
W1 96.7 

 
529 

 
0.109 

 
3.28` 

 
0.52 

 
2,481 

 W2 98.4 
 

393 
 

0.068 
 

3.84 
 

0.64 
 

520 
 W3 99.3 

 
143 

 
0.219 

 
2.23 

 
0.45 

 
478 

 W4 99.0 
 

208 
 

0.105 
 

2.93 
 

0.55 
 

304 
 W5 99.3 

 
128 

 
0.296 

 
1.96 

 
0.40 

 
3,164 

 W6 96.1 
 

642 
 

0.055 
 

3.83 
 

0.59 
 

653 
 W7 99.0 

 
214 

 
0.071 

 
3.16 

 
0.59 

 
1,146 

 W8 98.5 
 

292 
 

0.115 
 

2.89 
 

0.51 
 

3,125 
 W9 96.2 

 
677 

 
0.033 

 
4.36 

 
0.67 

 
989 

 W10 98.4  242  0.154  2.50  0.45  1,002  
mean all 83.6% 87.0% 2,265 13,893 0.055 0.009 5.486 7.55 0.73 0.79 18,686 76,552 

mean 
dog 74.0% 

 
3,544 

 
0.009 

 
7.08 

 
0.87 

 
30,219 

 mean 
wolf 98.1% 

 
347 

 
0.122 

 
3.10 

 
0.54 

 
1,386 
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a Good’s coverage at a distance of 0.03 
b As calculated with the Simpson diversity index  
c As calculated with the Shannon diversity index 
d As calculated with the equitability index 
e As calculated with CatchAll  
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Table 4.3.  

Relative abundance (%) of the most prevalent bacterial genera (>0.001%) in the feces 

of ten wild wolves (1-10), with the ten most prevalent genera within each wolf marked 

in bold.  

 Wolf  
Taxa 1  2  3  4  5  6 7 8 9 10 
Acidovorax 0.15     0.26  3.08   
Acinetobacter 3.57 0.03   0.01 0.17 4.11 0.08 0.13 0.01 
Aeromicrobium 0.69 4.43   0.01 4.09  0.64 0.89  
Allobaculum  0.02 0.01  3.89 0.01 0.35 0.03  1.03 
Aquamicrobium  13.0 0.01  0.03    3.33 0.01 
Blautia 0.09 0.02   9.54 0.07 0.09 0.06 0.02 3.25 
Brevundimonas 11.1 20.9 0.01  0.03 14.4 0.07 21.1 17.0 0.02 
Clostridium sensu 
stricto 

0.33 0.99 0.57 8.31 16.9 3.50 1.47 8.57 3.17 33.5 

Clostridium XI 4.97 5.39 16.4 25.6 52.4 5.81 6.79 8.03 2.96 29.9 
Collinsella  0.03   0.73  0.17 0.02  0.62 
Deinococcus 6.71     1.36  0.02   
Devosia 0.20 2.59    0.31 0.01 1.42 4.53 0.02 
Dokdonella  0.01    0.01   3.80  
Dorea  0.02   2.86 0.01 0.05 0.01  0.18 
Enterococcus 0.01 0.51 2.94 9.91 0.02 2.21 0.15 0.59 0.01 0.06 
Eubacterium    0.03   0.19 0.01  4.23 
Fusobacterium     1.30  0.16 0.02 0.01 1.55 
Kurthia 0.01 0.01 0.02 0.12 0.01 0.19 13.5 0.02 0.03 0.03 
Lentibacillus   2.70  0.01  0.54    
Marmoricola 0.11 0.05    4.31 0.01 1.54 0.24  
Massilia 14.1    0.01 12.0 0.01 3.56   
Naxibacter 26.9     6.89 0.15 0.25   
Nocardioides 0.56 0.51   0.01 9.59  17.3 0.88  
Ornithinibacillus  0.06 13.0 0.08 0.05  0.02 0.02   
Paenochrobactrum  3.47       0.99  
Paraliobacillus    0.55       
Patulibacter 3.44 1.03    0.17  0.03 1.68  
Peptococcus     0.04  0.24 0.06  3.74 
Peptostreptococcus  0.03   0.39 0.14 0.01   2.26 
Polaromonas 0.96     3.72  0.09 0.07  
Proteus  0.08  0.01   6.24 0.02   
Providencia  0.03 0.04  0.01  7.35    
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Pseudaminobacter  1.10    0.02  0.01 3.91  
Pseudomonas 1.73 0.11 0.06 0.06 0.01 0.61 12.4 1.04 13.1 0.14 
Ralstonia 3.89     0.81  0.05   
Sphingomonas 2.30 1.31    1.56  0.61 0.21  
Sporosarcina 0.34 0.76 1.29 0.28  1.83 3.53 2.06 1.00  
Stenotrophomonas 0.02 0.04   0.03 0.04 1.63 16.8 0.26  
Streptococcus 0.04 0.09 0.03 0.06 5.03 1.30 0.22 0.23 0.02 13.0 
Tissierella   1.08 0.08       
Truepera 0.01 3.37      0.01 4.89  
Unclassified 
Bacillae 2 

0.02 1.54 56.1 41.1 0.16  0.23 0.24 0.94 0.01 

Unclassified 
Bacillales 

0.02 2.06 0.30 8.74 0.03 0.01 2.17 0.06 0.51  

Unclassified 
Bacteria 

1.16 0.15 0.04 0.02 0.06 1.21 0.09 0.20 2.74 0.23 

Unclassified 
Beijerinckiaceae 

0.16 3.01   0.01 0.03 0.03  0.13  

Unclassified 
Clostridiaceae  

0.01 0.36 0.06 0.28 0.38 0.02  0.11 0.04 0.35 

Unclassified 
Clostridiales 

0.54 0.06 0.17  0.12 0.60 0.08 0.05 0.23 1.28 

Unclassified 
Comamonadaceae 

0.56 0.01 0.01  0.01 1.03 0.26 3.24 0.45  

Unclassified 
Lachnospiraceae 

0.31 0.09 0.03 0.03 3.37 0.66 0.26 0.10 0.11 1.41 

Unclassified 
Oxalobacteraceae 

0.63 0.01    8.34 0.02 1.18 0.01  

Unclassified 
Phyllobacteriaceae 

0.05 3.79   0.01 0.23  0.29 1.23  

Unclassified 
Planococcaceae 

0.27 1.18 3.14 0.67 0.01 0.02 6.01 0.22 0.24 0.08 

Uncultured 
Lachnospiraceae  

0.02 0.01   0.81 0.01 0.10 0.01  0.09 

Uncultured 
Planococcaceae  

0.01 0.09   0.02 0.01 7.59 0.37 0.06  

Vagococcus 0.01 3.04 0.14 1.38   2.95 0.03   
Virgibacillus   1.30 1.35       
Wohlfahrtiimonas     0.01  11.5    
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Table 4.4.  

Relative abundance of the 125 most prevalent genus-level classifications (97 % 

sequence similarity), and the core bacterial genera within the fecal microbiota of 10 

dogs fed conventional dry food diets, 5 dogs fed commercial raw food diets, and 10 

wild wolves. 

 
Taxa Relative Abundance (%)  Core (%) 
  Dogs Dry Raw Wolves  Dogs Wolves 
Unclassified bacterium 26.36 25.52 28.35 0.47    
5 genus incertae sedis 23.49 22.56 25.72 0.08    
Unclassified Clostridiales 8.21 7.99 8.72 0.31  17.04  
Unclassified Ruminococcaceae 5.73 5.56 6.14 0.25  12.67  
Unclassified Lachnospiraceae 5.25 5.13 5.52 0.59  10.66  
Clostridium XI 3.86 5.34 0.32 19.17  7.64 37.98 
Unclassified Firmicutes 2.62 2.59 2.69 0.05  4.75  
Treponema 2.35 2.30 2.47 0.03  5.91  
Fibrobacter 1.95 1.89 2.11 0.01  4.98  
Megamonas 1.39 1.97 0.01 0.04    
Unclassified 
Verrucomicrobiaceae 

1.39 1.35 1.46 0.01  3.55  

Unclassified Clostridia 1.33 1.30 1.39 0.03  2.25  
Ruminococcus 1.12 1.07 1.25 0.01  2.84  
Unclassified Proteobacteria 1.04 1.02 1.10 0.15  2.39  
Akkermansia 0.93 0.96 0.85 0.01  2.39  
Clostridium XlVa 0.83 0.78 0.95 0.03  2.02  
Anaeroplasma 0.81 0.79 0.85 0.01  1.98  
Blautia 0.78 0.97 0.33 1.33  0.41  
Unclassified Bacteroidetes 0.72 0.71 0.74 0.01  0.97  
Sporobacter 0.63 0.60 0.69 0.01  1.20  
Saccharofermentans 0.63 0.62 0.64 0.01  1.58  
Unclassified Erysipelotrichaceae 0.57 0.56 0.61 0.01  1.10  
Acidaminococcus 0.55 0.54 0.59   1.42  
Pseudobutyrivibrio 0.45 0.44 0.50 0.00  1.12  
Unclassified Alphaproteobacteria 0.42 0.41 0.44 0.01  1.03  
Lachnospiracea incertae sedis 0.41 0.44 0.35 0.09  0.57  
Roseburia 0.34 0.33 0.37   0.84  
Oscillibacter 0.33 0.31 0.36 0.01  0.65  
Allobaculum 0.32 0.43 0.05 0.51  0.26  
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Fusobacterium 0.31 0.44 0.00 0.35    
Erysipelotrichaceae incertae 
sedis 

0.30 0.34 0.20 0.08  0.49  

Schwartzia 0.28 0.26 0.31   0.71  
Victivallis 0.27 0.27 0.26   0.67  
Unclassified Bacteroidales 0.20 0.20 0.21 0.00  0.31  
Faecalibacterium 0.19 0.22 0.13 0.00  0.22  
Unclassified 
Acidaminococcaceae 

0.17 0.18 0.17 0.00  0.38  

Phascolarctobacterium 0.17 0.16 0.19   0.42  
Unclassified Eubacteriaceae 0.16 0.15 0.19 0.01  0.39  
Unclassified Verrucomicrobia 0.16 0.15 0.17 0.02  0.04  
Clostridium sensu stricto 0.14 0.16 0.09 9.30  0.25 36.51 
Holdemania 0.13 0.13 0.13   0.26  
Unclassified Veillonellaceae 0.12 0.12 0.13 0.00  0.22  
Anaerotruncus 0.11 0.11 0.12   0.25  
Unclassified Sphingobacteriales 0.11 0.10 0.12 0.00  0.16  
Synergistes 0.10 0.10 0.11   0.26  
Clostridium IV 0.09 0.09 0.09   0.08  
Dorea 0.09 0.10 0.05 0.28  0.01  
Catenibacterium 0.08 0.11 0.00     
Unclassified 
Porphyromonadaceae 

0.08 0.08 0.07 0.00  0.14  

Unclassified Clostridiaceae 1 0.07 0.07 0.08 0.20  0.14  
Parasutterella 0.07 0.09 0.01   0.16  
Streptococcus 0.07 0.07 0.07 2.44  0.17 10.56 
Acetivibrio 0.07 0.07 0.07   0.13  
Lactobacillus 0.07 0.07 0.07 0.06  0.16  
Papillibacter 0.07 0.06 0.07   0.14  
TM7 genus incertae sedis 0.06 0.06 0.07 0.06  0.10  
Unclassified Coriobacteriaceae 0.06 0.06 0.06 0.01  0.05  
Unclassified Spirochaetales 0.06 0.05 0.07 0.00    
Unclassified 
Desulfovibrionaceae 

0.05 0.05 0.06 0.00  0.12  

Unclassified Fusobacteriaceae 0.05 0.07 0.00 0.02    
Unclassified Prevotellaceae 0.05 0.05 0.06 0.00  0.06  
Prevotella 0.05 0.05 0.05   0.07  
Centipeda 0.05 0.05 0.05   0.11  
Unclassified Deltaproteobacteria 0.05 0.05 0.04 0.01  0.10  
Mogibacterium 0.04 0.04 0.04   0.09  
Anaerovibrio 0.04 0.04 0.03   0.07  
Collinsella 0.04 0.05 0.01 0.17    
Anaerophaga 0.03 0.03 0.03 0.01  0.08  
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Sutterella 0.03 0.04 0.00     
Persicirhabdus 0.03 0.03 0.03   0.07  
Unclassified 
Peptostreptococcaceae 

0.03 0.04 0.00 0.04    

Sarcina 0.03 0.02 0.04   0.04  
Unclassified Selenomonadales 0.03 0.03 0.02 0.00  0.05  
Anaerovorax 0.03 0.02 0.03   0.05  
Unclassified Sutterellaceae 0.02 0.02 0.03 0.00  0.07  
Peptococcus 0.02 0.03 0.00 0.56    
Bacteroides 0.02 0.03 0.00     
Oribacterium 0.02 0.02 0.03 0.01  0.03  
Unclassified 
Sphingobacteriaceae 

0.02 0.02 0.02 0.01  0.05  

Coprococcus 0.02 0.02 0.02 0.01  0.02  
Flavonifractor 0.02 0.02 0.03   0.04  
Unclassified Burkholderiales 0.02 0.02 0.02 0.02  0.04  
Helicobacter 0.02 0.03 0.00     
Ethanoligenens 0.02 0.02 0.02   0.05  
Bulleidia 0.02 0.02 0.02     
Unclassified Desulfovibrionales 0.02 0.02 0.02 0.00  0.04  
Anaerobiospirillum 0.02 0.02 0.00     
Hydrogenoanaerobacterium 0.02 0.02 0.02     
Unclassified Mollicutes 0.02 0.02 0.02 0.00  0.03  
Anaerostipes 0.02 0.02 0.02     
Clostridium III 0.02 0.02 0.02   0.02  
Selenomonas 0.01 0.02 0.01   0.04  
Unclassified 
Gammaproteobacteria 

0.01 0.02 0.01 0.22    

Pseudoflavonifractor 0.01 0.01 0.01     
Megasphaera 0.01 0.02 0.00     
Butyricicoccus 0.01 0.01 0.01     
Bifidobacterium 0.01 0.02 0.00 0.03    
Vampirovibrio 0.01 0.01 0.01     
Lutispora 0.01 0.01 0.01     
Clostridium XlVb 0.01 0.01 0.01 0.01  0.01  
Paludibacter 0.01 0.01 0.02     
Hespellia 0.01 0.01 0.01   0.03  
Acetitomaculum 0.01 0.01 0.01   0.02  
Unclassified Lactobacillales 0.01 0.01 0.01 0.04  0.02  
Syntrophococcus 0.01 0.01 0.01     
Unclassified 
Syntrophomonadaceae 

0.01 0.01 0.01 0.00  0.02  

Succinivibrio 0.01 0.01 0.00     
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Unclassified Betaproteobacteria 0.01 0.01 0.01 0.01    
Paraprevotella 0.01 0.01 0.01     
Acetanaerobacterium 0.01 0.01 0.01     
Clostridium XVIII 0.01 0.01 0.00     
Unclassified Chloroflexi 0.01 0.01 0.01 0.01  0.02  
Anaerosporobacter 0.01 0.01 0.01     
Pseudomonas 0.01 0.01 0.01 2.19   7.53 
Dialister 0.01 0.01 0.00     
Unclassified Clostridiales 
Incertae Sedis XIII 

0.01 0.01 0.00     

Unclassified Puniceicoccaceae 0.01 0.01 0.01     
Cerasicoccus 0.01 0.00 0.01 0.02    
Sharpea 0.01 0.00 0.01     
Acinetobacter 0.00 0.00 0.01 0.39    
Eubacterium 0.00 0.01 0.00 0.63    
Unclassified Chitinophagaceae 0.00 0.00 0.01 0.01  0.01  
Proteiniclasticum 0.00 0.00 0.01     
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Figure 4.1.  

Rarefaction curves (cutoff 0.03) of the fecal microbiota of ten dogs fed conventional 

dry food diets (C), five dogs fed commercial raw food diets (R), and ten wild wolves 

(W). 
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Figure 4.2.  

Two-dimensional principal coordinate plot based on the Jaccard index of dissimilarity 

(R-squared, 0.86) describing the dissimilarity across the fecal microbiota of companion 

dogs (blue) and wild wolves (red).  
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Figure 4.3.  

Dendrogram based on the Jaccard index of dissimilarity, indicating dissimilarity across 

the fecal microbiota of wild wolves (W) from dogs fed conventional dry food diets (C) 

and commercial raw food diets (R), and similarity across dogs regardless of diet.  

  

W9

W2

W8

W6

W1

W7

W5

W10

W4

W3

R7

R1

C5

C4

C8

C10

R4

C7

C3

C1

R2

C9

R3

C6

C2



	  
102 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

0%
 

10
%

 

20
%

 

30
%

 

40
%

 

50
%

 

60
%

 

70
%

 

80
%

 

90
%

 

10
0%

 

C
1 

C
2 

C
3 

C
4 

C
5 

C
6 

C
7 

C
8 

C
9 

C
10

 R
1 

R
2 

R
3 

R
4 

R
5 

W
1 

W
2 

W
3 

W
4 

W
5 

W
6 

W
7 

W
8 

W
9 

W
10

 

Reads 

Sa
m

pl
e 

C
hl

or
of

le
xi

 

TM
7 

Sy
ne

rg
is

te
te

s 

D
ei

no
co

cc
us

-T
he

rm
us

 

Le
nt

is
ph

ae
ra

e 

Fu
so

ba
ct

er
ia

 

A
ct

in
ob

ac
te

ria
 

Te
ne

ric
ut

es
 

B
ac

te
ro

id
et

es
 

Fi
br

ob
ac

te
re

s 

Sp
iro

ch
ae

te
s 

Pr
ot

eo
ba

ct
er

ia
 

Ve
rr

uc
om

ic
ro

bi
a 

U
nc

la
ss

ifi
ed

 

Fi
rm

ic
ut

es
 



	  
103 

Figure 4.4.  

Relative distribution of dominant bacterial phyla within the feces of ten dogs fed 

conventional dry food diets (C), five dogs fed commercial raw food diets (R), and ten 

wild wolves (W).   
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Figure 4.5.  

Relative distribution of the ten most dominant bacterial genera overall in the feces of 

dogs fed conventional dry food diets (C) and commercial raw food diets (R).  
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Figure 4.6.  

Two-dimensional principal coordinate plot based on the Yue and Clayton measure of 

dissimilarity (R-squared: 80.0 %), describing the dissimilarity across the fecal 

microbiota of companion dogs fed dry conventional diets (purple square) and 

commercial raw diets (green diamond).     
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Summary and Conclusions 
 

Bacteria reside on all exposed surfaces of the body, and play an essential role in 

the normal functioning and health of their host. Selection pressures provided from the 

host, by the resident microbiota, and by other environmental factors (e.g. diet) favour 

the growth of the resident microbial communities present at each site. The 

microorganisms that reside on the body of companion animals have been largely 

assessed using cultivation-dependent methods for characterization; however, many sites 

have yet to be characterized with cultivation-independent, next-generation sequencing. 

These techniques are largely considered to provide accurate characterization of 

microbial communities as they eliminate cultivation- and cloning-bias, and provide 

lower error rates and higher throughput relative to early sequencing technology. These 

techniques have been widely applied to characterize the microbiota across the human 

body, and in doing so have vastly improved estimates of bacterial abundance, richness 

and diversity; however, similar studies are lacking in cats and dogs. Understanding 

which bacterial taxa constitute the “normal” bacterial populations in companion 

animals has the potential to assist in the recognition of dysbiotic populations, may 

provide possible therapeutic targets for disease prevention, and could be useful in the 

rehabilitation of microbial populations following dysbiosis.  

 

The first two studies of this thesis had the goals of determining the bacterial 

diversity and population structure of bacteria within the healthy canine and feline oral 

cavities. Prior to this research, the microbiota at these sites had yet to be characterized 

using next-generation sequencing in either of these animals. Studies that had been 
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performed relied either on cultivation or cloning-based characterization, and those that 

did use cloning involved a small number of subjects or clones. As a result, it was 

hypothesized that knowledge of these sites was limited by low throughput, and also 

hindered by cloning and cultivation-bias. This was concerning, given the high 

prevalence of periodontal disease in companion animals, and the fact that the 

bacteriology of bite wounds typically reflects the oral microbiome of the inflicting 

animal. Results from this thesis suggest that estimates of bacterial diversity and 

richness have been greatly underestimated by culture and cloning, that the oral cavities 

of dogs and cats harbor remarkably rich, complex and diverse microbial populations, 

and that all healthy dogs are potential carriers of putative zoonotic and periodontal 

pathogens. These highlight the need to consider the oral microbial population in studies 

of oral and dental disease, rather than study single organisms in isolation. Results also 

reveal that a large core microbiome is maintained within the oral cavities of healthy 

cats and dogs. Interestingly, this core was maintained across cats from different 

households, despite there being significant inter-household differences in oral microbial 

populations. These conserved members therefore likely reflect important bacterial taxa 

within the mouth and may contribute to the maintenance of a stable microbial 

population across healthy members. Discovery of this large core, and the relative 

abundance of its members, is particularly important as it may provide a foundation for 

diagnosing dysbiotic populations in the oral cavity, and also provide possible targets for 

community restoration following dysbiosis. The intra-household clustering of the oral 

microbiota in cats was also of relevance, indicating that there may be environmental 

impacts on the oral microbiota, something that could be of relevance for disease. While 
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this study provided some new information, it also raised questions that require further 

study. For example, the oral cavity contains many unique ecological niches, which 

support distinctly different microbial populations. As such, there is need to assess the 

microbiota of each site individually in order to fully elucidate the oral microbiota in 

health. As sequencing technologies continue to improve in cost, throughput and 

efficiency, large-scale studies to assess the microbiota at these different sites is readily 

becoming more feasible.  

 

The third study had the goals of assessing how gut bacterial communities 

compare across dogs on commercial dry and raw food diets, and between dogs and 

their closest ancestor, the wolf. Though the gut microbiota of dogs fed raw food diets 

had been previously characterized with next-generation sequencing, there was a limited 

body of knowledge on how the gut microbiota compared across dogs fed conventional 

dry food and commercial raw food diets, and whether raw food diets would alter the 

fecal bacterial populations towards a microbial community that may provide increased 

benefits to animal health. In addition, characterization of the gut microbiota of wolves 

was limited to cultivation-based studies and a cloning-based study involving a small 

number of captive wolves. Results indicate large intra-animal variation in the relative 

abundance and diversity of wolf feces, which perhaps relates to the highly variable diet 

consumed by these wild animals. In contrast, the relative abundance of taxa is largely 

conserved across dogs, and is also highly distinct from wolves. While sample 

characteristics (e.g. age of sample, different transportation temperatures) could possibly 

account for some of these differences, results support previous studies, which have 
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identified strong intraspecies specificity of the gut microbiota. In addition, this 

distinction from wolves is perhaps unsurprising, given that these microbes likely played 

an essential role in the evolution of domestic dogs. While the extent of this involvement 

is unclear, it is likely that they provided alternative metabolic pathways within the gut 

that enabled them to survive on a starch-rich diet. These results therefore provide 

compelling evidence that the gut microbiota co-evolved with dogs during their 

domestication. What is surprising is how little the raw food diets impacted the 

phylogenetic profile of the fecal microbiome of dogs. No discernible differences were 

observed across raw- and conventionally-fed dogs, suggesting that raw feeding does not 

significantly alter the bacterial populations of the gut. Furthermore it suggests that the 

relative abundance of specific taxa is not influenced towards a microbial community 

that could account for the unsubstantiated benefits of raw feeding. Nevertheless, 

functional differences between the two diets cannot be excluded, as the metabolic 

potential of the environment (e.g. production of SCFA and vitamins) could be favoured 

following raw feeding.  

 

These studies collected one sample per animal from a convenience population 

of healthy companion animals, used PCR-based amplification prior to sequencing, and 

utilized partial 16S rRNA gene regions for taxonomic resolution. As a result, these 

studies encountered several limitations, which must be considered. The sample sizes 

used for each study were generally low (<12 members per group) and samples were 

only collected at one time point. As a result, inter- and intra-animal variation could 

have been underestimated. Nevertheless, the relative abundance of phyla at most sites 
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appeared largely conserved across each group, suggesting that inter-animal variation at 

the phylum level is low, and that few temporal phylum-level changes occur at each site 

once the microbiota is established. Though a large genus-level core was maintained 

within sites from each group, it is likely that increased sampling would result in fewer 

shared OTUs across all members. Larger studies are needed to assess whether these 

cores are maintained between larger cohorts of animals. Another limitation of this 

thesis was that all samples were amplified by PCR prior to sequencing, which 

introduces the possibility that primer-bias affected the accuracy of abundance, richness 

and diversity estimates. To reduce the effects of primer-bias, the number of PCR cycles 

was kept low, and specific primers were selected in an attempt to reduce the biased 

recovery of certain taxa. The database used for assigning taxonomy, and the fact that 

only partial 16S gene regions were used also limits characterization of sequences below 

the genus level, and many sequences could only be described to phylum, class, order, or 

family levels. Though species-level analysis is useful for assessments of the zoonotic 

and pathogenic potential of a microbiome, the higher taxonomic data enables the study 

of the broader community, which may be more relevant when considering the 

pathologic changes that occur following dysbiosis of resident microbial populations. 

 

While there is still a lot to be learned about these populations from a functional 

standpoint, these studies have illuminated the relative abundance of different taxa 

across the ‘normal’ oral and gut microbiomes of companion animals. It is clear that the 

relationship between animals and their bacterial communities is interdependent, and 
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furthering our understanding this complex relationship has the potential to facilitate 

diagnosis, prevention and restoration of dysbiotic bacterial communities.  
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Appendices 

Appendix 1  
Supplementary material from Chapter 3   
 
Appendix 1.1. Script used in mothur to analyze the oral microbiota of 10 healthy cats. 
 
Read trimming and taxonomic assignment  

make.contigs(file=stability.files, processors=12) 
 
summary.seqs(fasta=stability.trim.contigs.fasta) 
 
screen.seqs(fasta=stability.trim.contigs.fasta, group=stability.contigs.groups, 
maxambig=0, maxlength=241, minlength=240, processors=12) 
 
summary.seqs(fasta=stability.trim.contigs.good.fasta) 
 
unique.seqs(fasta=stability.trim.contigs.good.fasta) 
 
count.seqs(name=stability.trim.contigs.good.names, 
group=stability.contigs.good.groups) 
 
summary.seqs(count=stability.trim.contigs.good.count_table) 
  
pcr.seqs(fasta=silva.bacteria.fasta, start=11894, end=25319, keepdots=F, 
processors=12) 
 
system(mv silva.bacteria.pcr.fasta silva.v4.fasta) 
 
align.seqs(fasta=stability.trim.contigs.good.unique.fasta, reference=silva.v4.fasta) 
 
summary.seqs(fasta=stability.trim.contigs.good.unique.align, 
count=stability.trim.contigs.good.count_table) 
 
screen.seqs(fasta=stability.trim.contigs.good.unique.align, 
count=stability.trim.contigs.good.count_table, 
summary=stability.trim.contigs.good.unique.summary, start=3082, end=13400, 
maxhomop=8) 
 
summary.seqs(fasta=current, count=current) 
 
filter.seqs(fasta=stability.trim.contigs.good.unique.good.align, vertical=T, trump=.) 
 
unique.seqs(fasta=stability.trim.contigs.good.unique.good.filter.fasta, 
count=stability.trim.contigs.good.good.count_table) 
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pre.cluster(fasta=stability.trim.contigs.good.unique.good.filter.unique.fasta, 
count=stability.trim.contigs.good.unique.good.filter.count_table, diffs=2) 

 
chimera.uchime(fasta=stability.trim.contigs.good.unique.good.filter.unique.precluster.f
asta, count=stability.trim.contigs.good.unique.good.filter.unique.precluster.count_table, 
dereplicate=t, processors=12) 
 
remove.seqs(fasta=stability.trim.contigs.good.unique.good.filter.unique.precluster.fasta
, 
accnos=stability.trim.contigs.good.unique.good.filter.unique.precluster.uchime.accnos) 
 
summary.seqs(fasta=current, count=current) 
 
classify.seqs(fasta=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.
fasta, 
count=stability.trim.contigs.good.unique.good.filter.unique.precluster.uchime.pick.cou
nt_table, reference=trainset9_032012.pds.fasta, taxonomy=trainset9_032012.pds.tax, 
cutoff=60) 
 
remove.lineage(fasta=stability.trim.contigs.good.unique.good.filter.unique.precluster.pi
ck.fasta, 
count=stability.trim.contigs.good.unique.good.filter.unique.precluster.uchime.pick.cou
nt_table, 
taxonomy=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pds.wan
g.taxonomy, taxon=Chloroplast-Mitochondria-unknown-Archaea-Eukaryota) 
 
cluster.split(fasta=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.
pick.fasta, 
count=stability.trim.contigs.good.unique.good.filter.unique.precluster.uchime.pick.pick
.count_table, 
taxonomy=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pds.wan
g.pick.taxonomy, splitmethod=classify, taxlevel=4, cutoff=0.10,  processors=12) 
 
count.groups(count=stability.trim.contigs.good.unique.good.filter.unique.precluster.uch
ime.pick.pick.count_table) 
 
sub.sample(shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick
.pick.an.unique_list.shared, size=81758) 
 
classify.otu(list=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pi
ck.an.unique_list.list, 
count=stability.trim.contigs.good.unique.good.filter.unique.precluster.uchime.pick.pick
.count_table, 
taxonomy=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pds.wan
g.pick.taxonomy, label=0.03, basis=sequence) 
 



	  
126 

  
get.lineage(constaxonomy=stability.trim.contigs.good.unique.good.filter.unique.preclus
ter.pick.pick.an.unique_list.0.03.cons.taxonomy, 
list=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pick.an.unique
_list.list, 
taxon=Bacteria;unclassified;unclassified;unclassified;unclassified;unclassified;, 
label=0.03) 
 
list.seqs(list=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pick.a
n.unique_list.0.03.pick.list)          
 
 
get.seqs(accnos=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pi
ck.an.unique_list.0.03.pick.accnos, 
fasta=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pick.fasta, 
count=stability.trim.contigs.good.unique.good.filter.unique.precluster.uchime.pick.pick
.count_table) 
 
 
Alpha Diversity  

 
rarefaction.single(shared=stability.trim.contigs.good.unique.good.filter.unique.preclust
er.pick.pick.an.unique_list.0.03.subsample.shared, freq=1000, processors=4) 
 
summary.single(calc=nseqs-coverage-sobs-simpson-shannon-chao-shannoneven, 
shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pick.an.uni
que_list.0.03.subsample.shared) 
 
catchall(shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pic
k.an.unique_list.0.03.subsample.shared) 
 
 
Beta Diversity  
 
get.sharedseqs(shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.p
ick.pick.an.unique_list.0.03.subsample.shared) 
 
tree.shared(calc=thetayc-jclass) 
 
dist.shared(shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.
pick.an.unique_list.0.03.subsample.shared, calc=thetayc-jclass) 
 
nmds(phylip=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pick.
an.unique_list.0.03.subsample.thetayc.0.03.lt.dist) 
 
amova(phylip=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pick
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.an.unique_list.0.03.subsample.thetayc.0.03.lt.dist, design=cat_household.design) 
 

 
Appendix 2  
Supplementary material from Chapter 4 
 
Appendix 2.1. Script used in mothur to analyze the fecal microbiota of 5 raw fed dogs, 
10 conventionally fed dogs, and 10 wild wolves.  

 
Read trimming and taxonomic assignment  

make.contigs(file=stability.files, processors=12) 
 
summary.seqs(fasta=stability.trim.contigs.fasta) 
 
screen.seqs(fasta=stability.trim.contigs.fasta, group=stability.contigs.groups, 
maxambig=0, maxlength=244, minlength=237, processors=12) 
 
summary.seqs(fasta=stability.trim.contigs.good.fasta) 
 
unique.seqs(fasta=stability.trim.contigs.good.fasta) 
 
count.seqs(name=stability.trim.contigs.good.names, 
group=stability.contigs.good.groups) 
 
summary.seqs(count=stability.trim.contigs.good.count_table) 
 
pcr.seqs(fasta=silva.bacteria.fasta, start=11894, end=25319, keepdots=F, 
processors=12) 
 
system(mv silva.bacteria.pcr.fasta silva.v4.fasta) 
 
align.seqs(fasta=stability.trim.contigs.good.unique.fasta, reference=silva.v4.fasta) 
 
summary.seqs(fasta=stability.trim.contigs.good.unique.align, 
count=stability.trim.contigs.good.count_table) 
 
screen.seqs(fasta=stability.trim.contigs.good.unique.align, 
count=stability.trim.contigs.good.count_table, 
summary=stability.trim.contigs.good.unique.summary, start=3082, end=13400, 
maxhomop=8) 
 
summary.seqs(fasta=current, count=current) 
 
filter.seqs(fasta=stability.trim.contigs.good.unique.good.align, vertical=T, trump=.) 
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unique.seqs(fasta=stability.trim.contigs.good.unique.good.filter.fasta, 
count=stability.trim.contigs.good.good.count_table) 

 
pre.cluster(fasta=stability.trim.contigs.good.unique.good.filter.unique.fasta, 
count=stability.trim.contigs.good.unique.good.filter.count_table, diffs=2) 

 
chimera.uchime(fasta=stability.trim.contigs.good.unique.good.filter.unique.precluster.f
asta, count=stability.trim.contigs.good.unique.good.filter.unique.precluster.count_table, 
dereplicate=t, processors=12) 
 
remove.seqs(fasta=stability.trim.contigs.good.unique.good.filter.unique.precluster.fasta
, 
accnos=stability.trim.contigs.good.unique.good.filter.unique.precluster.uchime.accnos) 
 
summary.seqs(fasta=current, count=current) 
 
classify.seqs(fasta=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.
fasta, 
count=stability.trim.contigs.good.unique.good.filter.unique.precluster.uchime.pick.cou
nt_table, reference=trainset9_032012.pds.fasta, taxonomy=trainset9_032012.pds.tax, 
cutoff=60) 
 
remove.lineage(fasta=stability.trim.contigs.good.unique.good.filter.unique.precluster.pi
ck.fasta, 
count=stability.trim.contigs.good.unique.good.filter.unique.precluster.uchime.pick.cou
nt_table, 
taxonomy=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pds.wan
g.taxonomy, taxon=Chloroplast-Mitochondria-unknown-Archaea-Eukaryota) 
 
count.groups(count=stability.trim.contigs.good.unique.good.filter.unique.precluster.uch
ime.pick.pick.count_table) 
 
cluster.split(fasta=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.
pick.fasta, 
count=stability.trim.contigs.good.unique.good.filter.unique.precluster.uchime.pick.pick
.count_table, 
taxonomy=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pds.wan
g.pick.taxonomy, splitmethod=classify, taxlevel=6, cutoff=0.08,  processors=12) 

 
make.shared(list=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.p
ick.an.unique_list.list, 
count=stability.trim.contigs.good.unique.good.filter.unique.precluster.uchime.pick.pick
.count_table, label=0.03) 
 
classify.otu(list=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pi
ck.an.unique_list.list, 
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count=stability.trim.contigs.good.unique.good.filter.unique.precluster.uchime.pick.pick
.count_table, 
taxonomy=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pds.wan
g.pick.taxonomy, label=0.03, basis=sequence) 
 
count.groups(count=stability.trim.contigs.good.unique.good.filter.unique.precluster.uch
ime.pick.pick.count_table) 
 
 
Subsample 9736 (DC, DR, WW):  
 
sub.sample(shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick
.pick.an.unique_list.shared, size=9736) 
 
Alpha Diversity  
 
rarefaction.single(shared=stability.trim.contigs.good.unique.good.filter.unique.preclust
er.pick.pick.an.unique_list.0.03.subsample.shared, processors=4) 
 
summary.single(calc=nseqs-coverage-sobs-simpson-shannon-chao-shannoneven, 
shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pick.an.uni
que_list.0.03.subsample.shared) 
 
catchall(shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pic
k.an.unique_list.0.03.subsample.shared) 
 
Beta diversity 
 
get.sharedseqs(shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.p
ick.pick.an.unique_list.0.03.subsample.shared) 
 
get.sharedseqs(shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.p
ick.pick.an.unique_list.0.03.subsample.shared, sharedgroups=W1-W10-W2-W3-W4-
W5-W6-W7-W8-W9) 
 
dist.shared(shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.
pick.an.unique_list.0.03.subsample.shared, calc=thetayc-jclass) 
 
pcoa(phylip=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pick.a
n.unique_list.0.03.subsample.jclass.0.03.lt.dist) 
 
amova(phylip=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pick
.an.unique_list.0.03.subsample.thetayc.0.03.lt.dist, design=dogwolf.design) 
 
 
Subsample 70,293 (DC, DR): 
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sub.sample(shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick
.pick.an.unique_list.shared, size=70293) 
 
Alpha Diversity  
 
rarefaction.single(shared=stability.trim.contigs.good.unique.good.filter.unique.preclust
er.pick.pick.an.unique_list.0.03.subsample.shared, freq=1000, processors=4) 
 
summary.single(calc=nseqs-coverage-sobs-simpson-shannon-chao-shannoneven, 
shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pick.an.uni
que_list.0.03.subsample.shared) 
 
catchall(shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pic
k.an.unique_list.0.03.subsample.shared) 
 
Beta Diversity  
 
indicator(shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pi
ck.an.unique_list.0.03.subsample.shared, design=DogComRaw.design) 
 
get.sharedseqs(shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.p
ick.pick.an.unique_list.0.03.subsample.shared, sharedgroups=C1-C10-C2-C3-C4-C5-
C6-C7-C8-C9) 
 
get.sharedseqs(shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.p
ick.pick.an.unique_list.0.03.subsample.shared, sharedgroups=R1-R2-R3-R4-R7) 
 
tree.shared(calc=thetayc-jclass) 
 
dist.shared(shared=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.
pick.an.unique_list.0.03.subsample.shared, calc=thetayc-jclass) 
  
pcoa(phylip=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pick.a
n.unique_list.0.03.subsample.thetayc.0.03.lt.dist) 
 
amova(phylip=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pick
.an.unique_list.0.03.subsample.thetayc.0.03.lt.dist, design=DogComRaw.design) 
 
amova(phylip=stability.trim.contigs.good.unique.good.filter.unique.precluster.pick.pick
.an.unique_list.0.03.subsample.jclass.0.03.lt.dist, design=DogComRaw.design) 

 


