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A significant focus of nucleic acids research is on the reactivity of electrophilic species
with DNA to form addition products (adducts). Phenols are known to be able to form adducts at
the C8 site of deoxyguanosine (dG). This dissertation studies the oxygen (O)-linked class of
phenolic dG adducts for their hydrolytic stability as well as their structural impact on the DNA
duplex. To determine the effect of C8 O-linked phenolic dG adducts on glycosidic bond stability
spectrophotometric determination of hydrolysis kinetics was performed. The kinetics establish
the adducts to be less stable than native dG in acid, but surprisingly stable under physiological
conditions. Then to assess the modified duplex structure, a C8 O-linked phenolic dG adduct was
incorporated into a DNA duplex. Thermal melting analysis establish the adduct as having a
destabilizing effect on the regularly paired duplex and the conformational analysis suggests the
phenolic lesion to be weakly mutagenic.
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Chapter 1.
Introduction
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1.1 Background Information
1.1.1 DNA
Deoxyribonucleic acid (DNA) is an integral biopolymer existing in every life form on the
planet. The importance of this unique macromolecule is rooted in the arrangement of the
monomeric units, the nucleobases, which when taken together hold the blueprint for life.
Sequences within the expanses of DNA that code for the production of specific proteins are
called genes; the expression of these genes, as directed by our DNA is what makes us unique.
Undoubtedly, the importance of this complex structure is apparent as its conservation from
generation to generation is what has allowed the existence of life on this planet for billions of
years.

Genes are formed entirely by the arrangement of 4 different nucleotides. The
corresponding nucleosides are: 2'-deoxyadenosine (dA, 1) and 2'-deoxyguanosine (dG, 2)
constituting the purine class, while 2'-deoxythymidine (dT, 3) and 2'-deoxycytidine (dC, 4)
constitute the pyrimidine class.

In order to hold the bases together in a functional polymeric unit there exists a 2’deoxyribose sugar as well as a phosphate group which form the sugar-phosphate backbone of
DNA.1 The three units are arranged as such to form a DNA strand, however the well known
double-helix is not formed until the strand of DNA is brought into contact with its anti-parallel,
complementary strand. Hydrogen bonding interactions between complementary bases on the
2

interior of the helix, as well as polar interactions on the exterior of the helix is what gives DNA its
famous double helical structure as first discovered by Watson and Crick through the
crystallographic expertise of Franklin.2

Figure 1-1. Depiction of the hydrogen bonding interactions between complementary strands of
DNA. H-bonds form between A-T (2 H-bonds), and C-G (3 H-bonds).
The DNA helix is known to form variants and substructures,3 some serve a biological
purpose induced by cellular conditions4 or by interaction with proteins in highly specific
processes.5,6 Other less desirable perturbations can occur through the reaction of DNA with
toxins which can lead to mutation and carcinogenesis.
1.1.2 DNA Mutation

Most often, when DNA damage occurs a cellular response is induced which signals for
the repair of the damaged base, or segment of bases. Left unrepaired, the damaged DNA can
lead to a change in the nucleotide sequence which is then propagated upon DNA replication; it
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is this propagation of the altered sequence which is known as a mutation.7 The types of
mutations which occur within DNA are many, some of which are described here. Basesubstitution mutations involve the switching of a nucleotide for an incorrect nucleotide. There
are two types of base-substitution mutations; the first involves the switching of the family of
nucleotide (purine↔pyrimidine) which is called a transversion. The second involves the
switching of two nucleotides within the same family (C↔T or G↔A), this is called a transition.
There also exists base insertion and base deletion mutations. Intuitively, a base insertion results
in the addition of one or more nucleotides to the DNA strand, while a deletion results in the loss
of one or more nucleotides from the DNA strand. Insertions and deletion can both lead to
frameshift mutations. Frameshift mutations result when the number of nucleotides to be
transcribed are not divisible by three. The reading frame during translation is in triplicate,
therefore changing the number of nucleotides can result in a shift of the reading frame which
results in miscoded proteins.8 Mutations can occur in a spontaneous manner, however
mutations are often a result of damaged DNA. The most common type of DNA damage is
oxidative in nature.
1.1.3 Oxidative DNA Damage
DNA damage has been of interest since the early 1980s as it was realized that modifications
created within DNA could cause illness, disease, and even death.9 The modes and sources of
DNA damage are many. The majority of DNA damage is caused by reactive oxygen species
(ROS) which typically arise from cellular processes within our own bodies. Metabolic processes
such as mitochondrial electron transport, or the action of phagocytes and peroxisomes can
result in the formation of ROS such as superoxide (O2•-), hydroxyl radical (•OH) and hydrogen
peroxide (H2O2).10 Each or these have been shown to react with DNA in an oxidative fashion;
oxidative damage of this type has been implicated in aging,11 mutation,12 and carcinogenesis.13
The susceptibility of DNA to oxidative modification is due to the electron rich nature of the DNA
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bases.14 Shown in Table 1-1 are the oxidation potentials of the DNA nucleosides. Note, the
purine class possess lower oxidation potentials, of which dG possesses the lowest potential.
Table 1-1. Oxidation potentials of the DNA bases vs. the normal hydrogen electrode (N.H.E.) in
aqueous solution at physiological pH. Obtained from reference [14].
DNA Base

Oxidation Potential
(V vs. N.H.E.)
1.42
1.29
1.7
1.6

Adenosine
Guanosine
Thymidine
Cytosine

For this reason, dG is often the target of oxidative DNA damage. The most common
oxidation product which occurs within DNA is 8-oxo-2'-deoxyguanosine (8-oxo-dG, 5) which
results from the reaction of hydroxyl radical with the guanine base.15

Damaged DNA then becomes more susceptible to further oxidative processes following the
formation of 8-oxo-dG. This is because the oxidation potential of 8-oxo-dG is even lower than
dG, at 0.6 V.16 This renders regions of DNA that are high in G content as “hot spots” for
oxidative damage.9
1.1.4 Covalent Modification of dG
Oxidative reactions with DNA can occur through the action of ROS which create
oxidative stress, or they can manifest themselves through the formation of covalent bonds to the
DNA bases forming addition-products (adducts). The majority of covalent bond formation with
the DNA bases is done through the action of electrophiles; once again due to the bases’
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electron-rich character. As you would expect from the oxidation potentials, the most often
targeted DNA base is dG. Adduct formation to dG has been studied in depth and preferential
sites of bond formation for various electrophiles have been established.17 Displayed in Figure
1-2 are the sites prone to reactivity with elctrophiles on guanine. One such electrophile is the
well-known carcinogen aflatoxin B1 (AFB1); a dose of less than 1 ppm can cause lung, kidney
and colon tumors in rats. Upon bioactivation, it is known to make a covalent bond with the N7
nitrogen of dG.18 While other electrophilic toxins such as quinones (including p- and obenzoquinone) are known to make covalent bonds with the N1 and N2 nitrogens.19

Figure 1-2. Preferential sites of reactivity with 2’-deoxyguanosine by various electrophiles.
Research in the Manderville laboratory has focused on modifications which occur at the
C8 site,17,20 and the properties of such modified nucleosides.21,22 The C8 site is prone to attack by
radical species.23 Covalent bond formation through the radical intermediates is known to occur
for aromatic and heterocyclic amines, nitroaromatics, polyaromatic hydrocarbons (PAH), as well
as phenols.17
1.1.5 Phenols
Phenol (6) and phenolic derivatives are an ubiquitous class of compounds which are
produced within our bodies and found in the environment. Phenols produced endogenously
include tyrosine amino acid residues (8); which often play crucial structural and catalytic roles in
enzymatic active sites,24 as well as the tocopherol class of phenols which include the well
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known antioxidant Vitamin E (7).25 Phenols are also produced by a number of plant species;
tetrachlorophenol and trichlorophenol (TCP, 9) are produced by the hypholoma class of
basidiomycetes,26 while the phenolic toxin ochratoxin A (OTA, 10) is produced by Aspergillus
and Penicillium fungi.17 Phenols are also produced through man-made processes such as the
production of oil, the operation of coal-fire plants, the use of pesticides, as well as the
production of chemicals (including alkylphenols, cresols, xylenols and phenolic resins).27

Phenol was one of the first compounds listed on the Environmental Protection Agency’s
(EPA) list of priority pollutants. A number of chlorinated phenols including 2,4-dichlorophenol,
2,4,6-trichlorophenol and pentachlorophenol (PCP, 11) have since been added. Chlorinated
phenols are the largest group of phenolic compounds present in the environment, many of
which result from the use of pesticides and herbicides. The most common class of diaryl-ether
pesticides - nitrophen and dichlorodiphenyl, result in the formation of 2,4-dichlorophenol upon
degradation. In addition, PCP has been used as a fungicide and in pressure treated wood.27
The toxicity of phenolic compounds is thought to be a result of their pro-oxidant activity
contributing to the production of ROS creating oxidative stress, as well as their direct reactivity
with the bases to form DNA adducts. Phenols are activated towards these processes by first
undergoing a one electron oxidation to form a phenoxyl radical through the action of enzymes
7

with peroxidase activity.

28,29

Generation of ROS occurs mainly through redox cycling which

involves the reduction of the phenoxyl radical by glutathione or other reductants accompanied
by the concomitant activation of oxygen to superoxide (O2•-) as depicted in Scheme 1-1.30 The
occurrence of such redox cycling has been used as rationale for the high incidence of cancer in
peroxidase rich tissues.31

Scheme 1-1
Following the production of phenoxyl radical, formation of a covalent bond with DNA may
also occur; this is recognized as a common property of potent carcinogens. Work carried out in
the Manderville laboratory on phenolic toxins has led to the isolation of both carbon-linked and
oxygen-linked phenolic DNA adducts.20,32 A carbon-bonded phenolic adduct was confirmed to
form when dG was treated with OTA under oxidizing conditions (12).33 Whereas exposure of
PCP to the same oxidizing conditions afforded an oxygen-bonded phenolic adduct (13).20 The
fact that both of these adducts were formed at the C8 position of dG lent credence to phenoxyl
radical mediated bond formation, as the C8 position is known to be reactive towards radical
species.34 This work established evidence for the ambident reactivity of phenolic radicals toward
DNA. It is interesting to note that when PCP and OTA were exposed to the same oxidizing
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conditions in the presence of dA, dT, or dC no adduct formation was observed. This can be
rationalized by the electrophilic nature of chlorophenoxy radicals. Scheme 1-2 shows the one
electron oxidation of phenol as well the possible regiochemistry of bond formation at the C8 site
of dG.

Scheme 1-2
Scheme 1-2 has formed the basis of research in the Manderville group. Through the
synthesis of the ortho and para C-linked phenolic adducts was discovered novel photophysical
properties of C8-aryl-dG adducts, and also their decreased hydrolytic stability as compared to
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dG. To this point the synthesis and characterization of phenolic O-linked dG adducts had not
been accomplished.
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Chapter 2.
Synthesis and Hydrolytic Stability of Phenolic
O-Linked Adducts
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2.0.1 Purpose of Study
Research in the Manderville laboratory in 2003 established the ambident (C vs. O)
reactivity of phenols through treatment of phenols with peroxidises in the presence of dG.20,33
Since that discovery, C-linked phenolic dG adducts have been synthesized in multigram
quantities. Characterization of the C-linked aryl adducts showed them to be acid labile and to
possess surprisingly increased fluorescent properties with respect to dG.35,36 Attempts to
synthesize the phenolic O-linked dG adducts was met with minimal success. In 2011 however,
Sturla published a synthetic methodology for the O-linked phenolic dG adducts.37 Therein it was
purposed that the O-linked adducts were acid labile, much like the C-linked adducts. It is the
purpose of this project to establish the acid catalyzed hydrolytic stability of the phenolic O-linked
adducts. Six O-linked adducts were received for this purpose from the Sturla Laboratory, while
four more were synthesized with an improved synthetic methodology. The family of O-linked
adducts 13-22 is given below.
It is known that C8-modified nucleotides have the ability to produce abasic sites,38,39
which are both toxic and mutagenic.40,41 The acid catalyzed hydrolytic stability of the O-linked
adducts 13-22 is established herein to provide insight as to whether abasic site formation
caused by phenolic O-linked adducts contributes to phenolic toxicity.
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2.1 Introduction
2.1.1 Depurination
The natural DNA bases possess very long half-lives for their hydrolysis under
physiological conditions (pH 7.4, 37 °C); for the purines, t1/2 = 730 years and for the pyrimidines,
t1/2 = 14,700 years.42 This is what is to be expected from the biopolymer which is charged with
conserving our genetic information, however abasic site formation is greatly accelerated by acid,
heat, or by the action of enzymes.43

Scheme 2-1
Depurination, as depicted in Scheme 2-1 is a result of the breakage of the C1—N9
(glycosidic) bond. Upon bond breakage, the transient oxocarbenium ion is formed which then
rapidly hydrolyzes to a diastereometric mixture of 2’-deoxy-α-D-ribose and 2’-deoxy-β-Dribose.43 Apurinic sites are both toxic and mutagenic despite the efforts of base excisions repair
(BER) enzymes that are constantly filling abasic sites.44 In fact, abasic site toxicity is partially
owned to the error prone DNA repair mechanism which handles them and often results in G →
T transversions.45 Furthermore, abasic sites encountered during DNA replication have been
shown to lead to +1 or -1 frameshift mutations.40 Persistent abasic sites also have an overall
destabilizing effect on the DNA strand and can undergo spontaneous strand cleavage through
β-elimination; this process has a half-life of ~ 200 hours in pH 7.4 at 37 °C.42
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The mechanism of toxicity and mutagenicity of many N7 alkylating agents as well as
toxins which target C8 have been rationalized by the production of abasic sites. Treatment of
DNA with the known carcinogen benzo(a)pyrene (BP) in aqueous media containing horse radish
peroxidase (HRP)/HOOH yielded BP-dG adducts from the enzymatic digest, but also in the
supernatant, which is indicative of deglycosylation.39 Similarly, calf thymus DNA treated with
arylhydrazines yielded C8-aryl-purine adducts, which ultimately led to the finding of a high
degree of depurinated DNA.46 The highly toxic Aflatoxin B1 (AFB1) is known to alkylate N7;
E.Coli cells treated with AFB1 for 60 mins at 37 °C resulted in 81% cell death, with the
remaining cells containing high degrees of G → T transversions – an indicator of depurination.38
2.1.2 Acidic Hydrolysis
The N7 nitrogen is the most electron dense atom on deoxyguanosine,47 which is why it is
often targeted by electrophiles. Bond formation at this site places a formal positive charge on
the nitrogen. The formation of this positive charge is well known to greatly accelerate the rate of
glycosidic bond cleavage resulting in depurination.48,49 Hydrolysis of dG under acidic conditions
is pseudo first order, and occurs through a two-step process as depicted in Scheme 2-2.48-52
Depurination from single and double stranded DNA from acidic to physiologically relevant pH is
thought to occur through this mechanism.53,54

Scheme 2-2
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Step 1 is a preequilibrium which involves the protonation at N7 (pKa = 2.34 for [N7HdG]+)55 denoted Ka1. Step 2 is then the unimolecular rate limiting SN1-type dissociation of the
base from the sugar moiety, denoted k1. Under very acidic conditions a second protonation can
occur at the N3 position to produce a dicationic species. This protonation possess a pKa2 ≈ -2.556
and is also followed by the cleavage of the glycosidic bond, denoted k2, in the same fashion as
the monocationic species.48 Substitution at the C8 position is known to have little effect on the
pKa2 of dG.52 Equation [1] provides the rate equation for hydrolysis.
[1]

[2]

The “SN1-type” dissociation reaction has been formally classified as a DN*AN mechanism.
In this variant of an SN1, DN represents the dissociation of the base from the ribose, while AN
represents the addition of a nucleophile, in this case water. The “*” represents the formation of
the short-lived oxocarbenium ion intermediate.57

Figure 2-1. Proposed transition state for the DN*AN mechanism of deglycosylation of 2’deoxyguanosine.
Work done by Zoltewicz on the mechanism of acidic hydrolysis of purines rendered a
linear dependence of the reaction rate on pH. In addition, deuterium ion effects helped
establish that the mechanism of deglycosylation was under specific acid catalysis.48 Therefore
proton transfer does not occur in the rate determining step and the rate is dependent on only the
pH of the solution, and not the strength of the acid.58 The activation parameters which have
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been elucidated for these hydrolyses also support this, as ΔS‡ is positive meaning the transition
state is moving to a less ordered state, which can be interpreted as the stretching of the
glycosidic bond which ultimately leads to glycosidic bond dissociation.48,50,56
Overall, acidic conditions enhance the favourability of depurination as the heterolytic
breakage of the glycosidic bond allows for the neutralization of the charge at N7. Another
charged species is created – the oxocarbenium ion as shown in Scheme 2-1, however it is
short lived (10-12 to 10-11 s)52 and readily neutralised by reaction with water. The half-life for
hydrolysis of dG is accelerated from 730 years at pH 7.4, 37 °C to 17.7 minutes at pH 1, 37
°C.48 This is because at pH 1, the equilibrium Ka1 is heavily weighted to the protonated species
and the presence of the positive charge on the base makes for a better leaving group than the
neutral base.35
2.1.3 Transition State Theory
As briefly mentioned, the derivation of kinetic parameters gave additional mechanistic
insight. One way to derive thermodynamic parameters is through the employment of Transition
State Theory (TST). TST was developed by Eyring in 193559 with significant contributions made
by collaborators and other researchers.60 TST is still widely accepted as a useful tool for
interpreting reaction rates.61 Mechanistic insight is attained through studying the rate of a given
reaction at a range of temperatures and applying the Eyring equation [3] to determine the
thermodynamic parameters ΔH‡ and ΔS‡.

[3]

In equation [3], k is the observed rate of reaction, kB is Boltzmann’s constant (1.381 x1023

J•K-1), h is Planck’s constant (6.626 x10-34 J•s), T is temperature in K, ΔH‡ is the enthalpy of

activation (KJ•mol-1), R is the universal gas constant (8.3144 J•mol-1•K-1), and ΔS‡ is the entropy
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of activation (J•mol-1•K-1). Following determination of ΔH‡ and ΔS‡ the Gibbs free energy of
activation can also be determined through the relationship, [4].
[4]
From the parameters obtained, a window into the reaction mechanism is achieved.
Elucidation of the activation parameters for the deglycosylation reaction discussed in Section
2.1.2 has been accomplished in the literature. Hevesi determined activation parameters for both
the 2’-oxy and 2’-deoxy purine bases under acidic conditions.48 It was found that for dG; ΔH‡
=22.5 kcal•mol-1, ΔS‡=+4.3 eu and ΔG‡=21.25 kcal•mol-1. This was interpreted as supporting
the proposed (and now universally accepted) A-1 mechanism for the acidic hydrolysis of purine
nucleosides. The main inference made from the activation parameters was that the small
positive ΔS‡ insinuated the stretching of the glycosidic bond leading to its cleavage, as shown in
Figure 2-1. Similar conclusions were made in Garrett’s study of the acidic hydrolysis of modified
adenosine nucleosides.50
2.1.4 Hydrolysis of C8 Modified Nucleosides
Modification of dG at the C8 site is also known to affect hydrolytic stability. It has been
well established that electron withdrawing groups at the C8 position increase the rate of
hydrolysis. The presence of a nitro group at C8 (23) resulted in a half-life for the hydrolysis from
duplex DNA of t1/2 = 1 hr under physiological conditions.62 Similarly, Lhomme and coworkers
studied the effect of substitution at C8 with a number of sulfurous compounds; a strong
correlation between the magnitude of the electron withdrawing nature of the adducted moiety
and the rate of hydrolysis was characterized and presented through a Hammett analysis. The
largest increase in rate was found for 24, possessing the SO2CH3 substituent, which rendered a
rate 2.9x104-fold faster than native dG.63 Conversely, the addition of electron donating groups to
the C8 position has shown to decrease the rate of glycosidic bond hydrolysis in purines. Garrett
studied the effects of various substituted adenosine residues on the rates of hydrolysis including
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8-OCH3-dA, 25, which showed a 4-fold decrease in hydrolysis rate under acidic conditions.50
Additionally, relief of steric bulk has also been implicated in the increase in the rate of hydrolysis
of C8 modified purine bases.52

Figure 2-2. Modified purine nucleosides as well as their relative reactivities towards hydrolysis
as compared to the unmodified base from which they are derived. The arrows depict the
direction electronic character of the base is being shifted.
Studies performed by K. Rankin (nee Schlitt) established the hydrolytic stability of a
class of C8-aryl adducts including the ortho and para C-linked phenol adducts, in 0.1 M HCl at
37 °C.36 The modified bases studied therein hydrolyzed 5- to 45-fold faster than dG. Adducts
with electron withdrawing substituents were the most labile while adducts possessing electron
donating substituents were the most stable.
2.1.5 Substituent effects
A general background of substituent effects is provided here in order to aid in the
understanding of the impact of covalent addition to the DNA base on the rate of hydrolysis. The
effect of substituents on rates of reaction and chemical equilibria is well reported in
literature.64,65 In 1937 Hammett designed the relationship [5] to relate the electronic character of
substituents to rates of reaction.65 In order to do this, he chose a model system as a reference
point. This system was the aqueous dissociation of benzoic acid, shown in Scheme 2-3.

[5]
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Scheme 2-3
Within the relationship [5], ‘K’ is the equilibrium constant of a substituted benzoic acid,
‘Ko’ is the equilibrium constant for unsubstituted benzoic acid, ‘ρ’ is the Hammett reaction
constant and ‘σ’ is the Hammett substituent constant. The Hammett reaction constant (ρ) is a
measure of how sensitive the reaction is to substituent effects, while the Hammett substituent
constant (σ) is a measure of the unique electronic affect a certain substituent exerts. The
equilibrium shown in Scheme 2-3 was selected to be the model system as substitution at the
meta and para positions on the aromatic ring were shown to have a predictable, reproducible
effect on the equilibrium. In order to quantify the electronic effect that a particular substituent
had, the model equilibrium was set to possess a ρ = 1.0. This way, any change in equilibrium
constant of substituted benzoic acids relative to unsubstituted benzoic acid was attributed to the
change in the substituent rendering a numerical value ‘σ’ for the substituent responsible. By
studying the ionization of various meta and para substituted benzoic acids, using ρ = 1.0,
Hammett was able to derive σ values for many substituents. A positive σ value indicates an
electron withdrawing substituent, while a negative σ value indicates an electron donating
substituent.
When applying the values derived by Hammett to reactivities of a class of compounds, a
plot of Log(K/Ko) vs. σ is made for the substituents studied rendering a linear plot if the system
studied is viable. The slope of the resulting line is the Hammett reaction constant, ρ. Therefore,
if a system possesses a ρ > 1 it means for that reaction, substituents have a greater affect on
the rate than they have on the ionization of benzoic acids, similarly ρ < 1 means that
substituents have a smaller affect on the rate than they have on the ionization of benzoic acids.
The sign of ρ also gives important mechanistic data. A positive ρ value means that the
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reaction/equilibrium is going from a less to more electronically dense state. Whereas a negative
ρ means that the reaction/equilibrium is going from a more to less electronically dense state.
This is intuitive when considering the model system initially used by Hammett in Scheme 2-3,
negative σ values (electron donating) result in a reduction in the ionization of benzoic acid
(Log(K/Ko)) while positive σ values (electron withdrawing) result in the increase of the ionization
of benzoic acid.
Hammett analysis was employed by Rankin when establishing the hydrolytic stability of
a class of C8-aryl-dG adducts.35 This work rendered a ρ = 0.5431 at 0.1M HCl, 37 °C, which
indicated that the reaction was less susceptible to substituent effects than the model system
used by Hammett. Furthermore, this indicated that the rate determining step involved the
transition to a more electronically dense transition state as compared to the intact base. This
mechanistic information is supportive of the DN*AN mechanism, consistent with the breakage of
the glycosidic bond as being rate limiting.
2.1.6 Synthesis of O-linked Phenolic Adducts
Syntheses in the Manderville laboratory have widely employed the use of the palladium
catalyzed Suzuki-Miyaura cross coupling reaction, as it provides a simple, clean method to
obtain C8-aryl-dG adducts.66 However, this method cannot be employed for the synthesis of
oxygen-bonded adducts. Past synthetic efforts in the Manderville lab have failed to produce the
oxygen-bound adducts. Methods attempted by La included the use of a nucleophilic aromatic
substitution reaction (SNAr), as well as the microwave assisted, and transition metal catalyzed
Ullmann-type ether syntheses shown in Scheme 2-4. These reactions were attempted both on
the deprotected 8-Br-dG as well as O5, O3, and N2 protected 8-Br-dG analogues. 67
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Scheme 2-4
The task of synthesizing O-linked adducts was not accomplished using this
methodology. However in 2011, Sturla published the synthesis of the O-linked adducts through
use of an O3, O5 and O6 protected 8-Br-dG analogue undergoing an SNAr displacement
reaction. Toluene, dimethoxyethane (DME) and xylenes were used as solvents, and reactions
were performed both in the air and under inert atmosphere, Pd catalysts were used for some,
and temperatures of 85, 110, or 135 °C were used. Optimum conditions were established in
xylenes at 135 °C with no catalyst present, as shown in Scheme 2-5.37
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Scheme 2-5
Yields for the step shown in Scheme 2-5, were moderate to good (65 - 85%) depending
on the substituted phenol employed. The overall synthesis (including protection and
deprotection) was done through a six step linear synthesis with the final reaction being the
removal of the benzyl protection group through reductive techniques. This final step was
obtained in yields of 0 - 64% with most phenols studied yielding ~25%.37
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2.2 Results and Discussion
2.2.1 Synthesis of O-linked Phenolic Adducts
As mentioned in Section 2.1.6 of the introduction, the synthesis of the O-linked phenolic
adducts was accomplished by the Sturla group in 2011.37 The synthetic strategy included three
steps to generate a fully protected 8-Br-dG analogue, including a silylation at O3 and O5 and a
benzylation at the O6 through a Mitsunobu reaction. Following this preparation, an SNAr reaction
was performed under optimized conditions (xylenes, 135 °C) to provide the desired O-linked
phenolic adduct. Deprotection of both the silyl groups and the benzyl group followed and
needed to be performed separately using TBAF then reducing conditions. This totalled 6 steps,
and is shown for the synthesis of Ph-O-dG (14) in Scheme 2-6.
This synthesis proved successful, and ultimately little would be changed from the
synthetic protocol used. Note that the yield for the first three protection steps were not reported,
however are known to be high yielding from the literature source cited.68 The deficiency in the
synthesis provided in Scheme 2-6 is the low yielding deprotection steps (average yield : 37%).
To avoid the low-yielding removal of the benzyl group at O6, the oxygen was protected with
trimethylsilylethanol (TMSEtOH) which is also removed by TBAF. This reduced the length of the
synthesis by one step, affording the synthetic scheme shown in Scheme 2-7.
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Scheme 2-6
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Scheme 2-7
Yields shown in Scheme 2-7 were obtained for the synthesis of 14. For the family of
adducts studied 13, 15, 18 - 21 were received from the Sturla group. Adducts 14, 16, 17, and 22
were synthesized using the synthetic route shown in Scheme 2-7.
2.2.2 The Mitsunobu protection of O6
Since Its discovery in 196769 the Mitsunobu reaction has been a critical reaction in many
fields of organic chemistry. This is due to its scope and specificity as well as the mild conditions
that it employs. The Mitsunobu provides an efficient way to convert an alcohol into an ester,
ether, halide or an amine with inversion of the stereochemistry. This range of possibilities is
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achieved through a complex mechanism, and is driven by the conversion of high energy
reagents into stable, low energy products.58 This reaction has been applied to nucleic acid
chemistry as a means to protect the O6 oxygen of dG.70,71 Referring to the literature, past use of
the Mitsunobu reaction to protect O6 has been achieved in good yields. The p-nitrophenyl ethyl
protecting group was successfully added in 75% yield,72 and the benzyl protection was
successfully obtained in 78% yield.68 The initial report using the TMSEtOH protecting group was
done so by Luedtke et. al in 2009, who reported a yield of 50% in generating 30.73 The reaction
conditions are shown in Scheme 2-8.

Scheme 2-8
Initial efforts in the Manderville laboratory were carried in THF with little success,
therefore 1,4-dioxane was utilized and rigorously dried by refluxing over Na(s) for three days.
This led to the first successful synthesis of 30 in the Manderville labortory, albeit in lower than
reported yields.73 The reaction was then optimized by using a large excess of Mitsunobu
reagent in dioxane. Results for this step of the synthesis are reported in Table 2-1.
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Table 2-1. Summary of conditions attempted, as well as yields for the Mitsunobu protection of
O6 by TMSEtOH to generate 30.
Eq. (DIAD, PPh3,
TMSEtOH)
1.5
3.0
1.5
1.5
5.0

Solvent

Yield (%)

THF
THF
dioxane
dioxane
dioxane

0
0
28
47(a)
64

a) modified stepwise synthetic procedure

2.2.3 Other Synthetic Improvements
Other improvements to the overall synthesis came mainly in the reduction of rigorous
purification procedures. Nucleosides possess notoriously poor solubility, thus column
chromatography is made difficult. The literature procedure for the synthesis of 29 called for a
basic work up followed by column chromatography in 10 : 1 DCM/MeOH. 73 Initial purifications
were performed in this manner, with yields between 60 - 75%. However it was found that
compound 29 recrystallizes in acetone. Subsequent columnless purifications rendered yields of
75 - 85% in high purity.
Another instance of improving the ease of purification occurred following the SNAr
reaction, whereby it was found to be difficult to separate compound 30 from 31 on a column.
This was also the case for syntheses of other phenolic adducts when fully silylated. Separation
of compounds Ph-O-dG (14) and 8-Br-dG (28) was found to be much easier. Therefore
following the SNAr reaction, there was added a basic wash to remove excess phenol, followed
by concentration and resuspension in THF with the addition of TBAF to commence deprotection
without the need for purification between steps.
As mentioned, four of the ten adducts studied were synthesized, whereas six were
received from collaborators. A comparison of the overall yields obtained using the different
protection of the O6 is provided in Table 2-2. The overall yield for the adducts received were
established using literature yields68 for steps 1-3 of the synthesis in Scheme 2-6.
28

Table 2-2: Overall Yields for compounds synthesized and received from collaborators.
Adduct
Ph-O-dG (14)
Ph-O-dG (14)
2Cl-Ph-O-dG (16)
DCP-O-dG (17)
4F-Ph-O-dG (22)
PCP-O-dG (13)
4Cl-Ph-O-dG (15)
TCP-O-dG (18)
4Me-Ph-O-dG (19)
4MeO-Ph-O-dG (20)
2Me-Ph-O-dG (21)

Synthetic
Scheme
2-6
2-7
2-7
2-7
2-7
2-6
2-6
2-6
2-6
2-6
2-6

Overall Yield
(%)
20.7
24.8
27.4
34.4
32.3
10.6
12
15.1
26.4
29.8
32.9

The table indicates there is not a large difference in overall yields obtained, however the
synthetic scheme presented herein does afford slightly higher yields. The only adduct which
was synthesized independently by both methods was Ph-O-dG, which was obtained in
comparable yields. Overall there is not a large enough platform for comparison to draw accurate
conclusions on the better synthetic route, although the modified synthesis does possess one
less step.
2.2.4 Spectral Properties of Adducts Studied
UV-visible absorbance spectroscopy has the ability to provide structural and electronic
information about the molecule under study.74 Past efforts involving the study of C8-Aryl-dG
adducts has rendered surprising spectral (absorbent and fluorescent) behaviour, which initiated
new projects for probe design using C8 modified nucleosides.21,36 As initially studied by
Woodward, the effect of extended conjugation on the spectral properties of compounds is
substantial.75 However the class of adducts studied herein lack the extended conjugation of the
C-linked phenolic adducts and thus were found to possess less distinct photophysical
properties. Figure 2-3 shows three representative absorbance spectra for the O-linked class
studied.
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Figure 2-3. Absorbance spectra of a) Ph-O-dG (14), b) 4MeO-Ph-O-dG (20) and c) PCP-O-dG
(13) in pH 7, 0.05 M MOPS buffer, 0.31 M NaCl.
The wavelength of maximum absorbance of adducts 13 - 22 was between 248-252 nm,
each possessing a red-shifted ‘shoulder’ between 268 - 275 nm. None of the adducts studied
displayed notable fluorescent properties. Native dG also possesses a λmax= 250 nm,76 which
shows the participation of the adducted moiety in the absorbance maxima as being minimal. As
stated, this project was not expected to unveil novel photophysical properties, but rather to
determine the hydrolytic stability of the O-linked family of adducts. The critical factor then
became whether the absorbance spectra of the deglycosylated modified bases could be
distinguished from the intact nucleosides. This was important as the method for establishing
rates of hydrolysis was previously done so using spectrophotometric techniques.35 In order to
determine whether there existed a characteristic change in spectrum upon deglycosylation, the
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deglycosylated analogue of Ph-O-dG was synthesized, Ph-O-G (32). The resulting spectra are
shown in Figure 2-4.

Scheme 2-9
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Figure 2-4. Absorbance spectrum of 14 in pH 7, 0.05 M MOPS buffer, 0.31 M NaCl (solid line);
32 in pH 7, 0.05 M MOPS buffer, 0.31 M NaCl (dashed line) and 32 in pH 1, 0.2 M KCl/HCl
(dotted line).
Compounds 32 and 14 were found to have very distinct absorbance maxima, which was
encouraging for the use of the spectrophotometric method to determine the rates of hydrolysis
for these adducts. Nucleoside 14 possessed a λmax= 250 nm at pH 7, whereas the nucleobase
32 possessed two absorbance maxima at pH 7, λmax= 245, 283 nm; while in pH 1, 32 possessed
a single absorbance maximum at λmax= 273 nm.
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2.2.5 Rates of Hydrolysis in Acid
The spectral shift in absorbance between the intact nucleoside (λmax ≈ 250 nm) and the
degylcosylated nucleobase (λmax ≈ 270 nm) allowed for the determination of the rate of
hydrolysis by the spectrophotometric method as described in Section 2.3.4. First order rate
constants kobs, were determined for adducts 13 - 22 by monitoring the appearance of the λmax of
the deglycosylated base over time. This was done in pH 1 buffer (0.2 M KCl/HCl) to provide
sufficiently acidic conditions while controlling the salinity of solution.
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Figure 2-5. Absorbance overlay of Ph-O-dG (14) in pH 1 (0.2 M KCl/HCl), waiting ~30 s
between scans. λmax ≈ 250 nm is decreasing with each consecutive scan, while λmax ≈ 270 nm is
increasing with each consecutive scan.
The spectral changes observed in Figure 2-5 for Ph-O-dG can be attributed to each
species in solution over the course of the hydrolysis. Over time, there is a decrease in the
intensity of absorbance of the blue-shifted band (λmax ≈ 250 nm) which is the absorbance
maximum of the intact nucleoside. The absorbance of the red-shifted band (λmax ≈ 270 nm )
increases over time and corresponds to the absorbance maxima of the deglycosylated base.
There is also a reduction in the shoulder at λ ≈ 300 nm as the deglycosylated species grows in
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intensity. The formation of distinct isosbestic points indicates a direct transition from one species
to another, as depicted in Scheme 2-10.

λmax= 273 nm
λmax= 250 nm
Scheme 2-10
As mentioned, the first order rate constants, kobs, were determined by monitoring the
wavelength of the deglycosylated species over time. This afforded a plot of absorbance vs. time

Absorbance at 273nm
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as displayed in Figure 2-6.
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Figure 2-6. Plot of absorbance at 273 nm (λmax of 32) over time, upon addition of 14 to a cuvette
containing pH 1 buffer (0.2 M KCl/HCl) at 37 °C
In order to confirm undisputedly that the spectral change observed was due to the
conversion of 14 to 32, reverse phase high performance liquid chromatography (HPLC) analysis
was used. This was accomplished by analyzing: a) a standard solution of 14, b) a standard
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solution of 32, as well as two samples which were run after c) 5 minutes and d) 10 minutes of
exposure to acidic conditions. Chromatograms are displayed in Figure 2-7.
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Figure 2-7. Reverse phase HPLC chromatograms resulting from a) 14 in purified water, (5%
DMSO) b) 32 in purified water (5% DMSO), c) 14 in 0.1 M HCl for 5 minutes, d) 14 in 0.1 M HCl
for 10 minutes.
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The first order rate constants were determined for the remaining adducts, 13, 15 - 22 in
the same manner. These are summarized, along with half-lives and relative reactivity to native
dG in Table 2-3.
Table 2-3. First order rate constants kobs, as well as half-lives, t1/2, for adducts 13 - 22 in pH 1
(0.2 M KCl/HCl) at 37 °C.
Adduct

kobs (min-1) , t1/2 (min)

kobs /kobs(dG)

PCP-O-dG (13)
Ph-O-dG (14)
4Cl-Ph-O-dG (15)
2Cl-Ph-O-dG (16)
DCP-O-dG (17)
TCP-O-dG (18)
4Me-Ph-O-dG (19)
4MeO-Ph-O-dG (20)
2Me-Ph-O-dG (21)
4F-Ph-O-dG (22)
Native dG (2)

0.145±0.004, 4.77
1.11±0.04, 0.63
0.81±0.05, 0.85
0.871±0.008, 0.80
0.51±0.02, 1.36
0.260±0.008, 2.66
1.178±0.003, 0.59
1.152±0.0006, 0.60
1.08±0.03, 0.64
0.871±0.007, 0.80
0.0391*,17.7

3.7
28
21
22
13
6.7
30
29
27
22
1

*obtained from reference [48]

Considering Table 2-3, all adducts studied hydrolyzed faster than dG in 0.1 M HCl at
37 °C. This was expected as C8 adducts have been shown to reduce the hydrolytic stability of
purine bases.35,52 This effect has been found to increase further upon the addition of electron
withdrawing substituents to the C8 site.62,63 However, the data presented does not match this
trend.
Using Ph-O-dG (14) as the reference point; electron deficient versus electron rich
phenolic adducts can then be assessed by considering the substituents on the phenyl ring. This
means that 4Me-Ph-O-dG (19), 4MeO-Ph-O-dG (20) and 2Me-Ph-O-dG (21) are considered
electron rich adducts relative to Ph-O-dG, while 4Cl-Ph-O-dG (15), 2Cl-Ph-O-dG (16), DCP-dG
(17), TCP-dG (18), PCP-dG (13), and 4F-Ph-O-dG (22) are considered electron deficient
adducts with respect to Ph-O-dG. Given the known effect of electronic character on the acid
lability of C8-modified bases, the electron rich adducts were expected to hydrolyze slower than
Ph-O-dG, while the electron deficient adducts were expected to hydrolyze faster than Ph-O-dG.
35

The result however, was that the electron rich phenolic adducts showed little deviation from the
rate of Ph-O-dG itself, 4Me-Ph-O-dG and 4MeO-Ph-O-dG hydrolyzed slightly faster, while 2MePh-O-dG hydrolyzed slightly slower. The electron deficient phenols showed a much more
pronounced effect. For ease of comparison Table 2-4 gives the half-lives for the electron
deficient phenols alone.
Table 2-4. Half-lives for electron deficient phenolic O-linked dG adducts in pH 1 0.2 M HCl/KCl
at 37 °C.
Adduct
Ph-O-dG (14)
4F-Ph-O-dG (22)
4Cl-Ph-O-dG (15)
2Cl-Ph-O-dG (16)
DCP-O-dG (17)
TCP-O-dG (18)
PCP-O-dG (13)

Half-life (min)
0.63
0.80
0.85
0.80
1.36
2.66
4.77

The electron deficient phenolic O-linked adducts displayed a retarding effect on the rate
of hydrolysis in pH 1. The addition of one chlorine atom to the phenyl moiety increased the halflife by ~30%; upon increased chlorination the half-lives continued to increase, and peaked with
PCP-O-dG which possessed a half-life almost 8-fold longer than Ph-O-dG. Of the adducted
phenolic moieties, PCP is the most electron withdrawing. As a means of comparison, using the
ability to stabilize the phenoxide anion as a measure of electron deficiency; the pKa of
pentachlorophenol is 4.74,77 trichlorophenol is 5.99,78 4-chlorophenol is 9.37,78 and phenol itself
is 10.58 Therefore the correlation between electron deficient C8-dG adducts and the rate of
hydrolysis as established by Lhomme63 and Schlitt35 was not the trend seen for the O-linked
class of adducts.
2.2.6 Hammett Analysis
Logically, the correlation between electronic character of modified nucleosides and the
rate of reaction called for the use of a Hammett plot in an effort to understand the unexpected
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results obtained. Figure 2-8 shows a Hammett correlation obtained for the electron deficient
class of phenols, including ortho substituted phenolic adducts. σ values were obtained from
reference [64] with σp values utilized for ortho substituents.
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Figure 2-8. Hammett plot for electron deficient phenolic adducts 13, 15 - 18, 22. Rates used
were obtained in pH 1 0.2 M KCl/HCl at 37 °C
While the Hammett relationship has widely excluded the use of ortho substituents, ortho
substituted phenols were included in this particular analysis. Commonly, direct application of the
Hammett equation to ortho substituted benzene derivatives is unsuccessful due to steric
interference by the ortho substituent. However, studies by Charton on the acidic dissociation of
3-(2-substitued)phenyl propanoic acids, came to the conclusion that sufficient distance between
the reacting site and the ortho-substituted phenyl ring can yield good correlations employing the
traditional Hammett equation, using σp values for ortho substituents.79 Besides the supporting
literature presented, the experimental results including ortho substituents yielded a good
correlation of R2 = 0.951, prompting their inclusion.
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The use of the Hammett plot gives mechanistic insight into the hydrolysis reaction
studied, as well as useful comparison to Hammett plots obtained for other C8 modified purines
under acidic conditions. The negative reaction constant, ρ, obtained from Figure 2-8 insinuates
the reaction rate is determined by the step which includes a buildup of positive charge. This
points to the preequilibrium (Step 1) in the mechanism of deglycosylation, presented in Section
2.1.2, Scheme 2-2. Putting it simply, the inclusion of electron withdrawing groups slowed the
overall reaction rate, therefore the ability to stabilize the positive charge at N7 must have been
the determining factor in the retardation of the rate at pH 1. As a means of comparison, results
obtained by Rankin for the hydrolysis of the C-linked adducts under Hammett analysis at pH 1
afforded a positive ρ value of comparable magnitude.35 Thus, electron withdrawing groups
accelerated the rate, therefore stabilization of increasing electron density in the dissociation step
was found to be rate limiting through Hammett analysis. However, at pH > pKa1 Rankin
witnessed similar reactivity to that of the O-linked phenolic adducts,35 affording a negative slope
under Hammett analysis. This is understandable as protonation of N7 must occur in order to
proceed to the heterolytic cleavage of the glycosidic bond. This phenomenon is revisited with
more detail in Section 2.2.11 following the results of the pKa determination.
2.2.7 pKa Determination of Adducts
Given the surprising retardation of the acid catalyzed hydrolysis of the C8 O-linked
phenolic-dG adducts upon addition of electron withdrawing substituents to the phenyl ring; it
was desirable to determine the pKa1 of the adducts studied. As stated, N7 is the most basic atom
on dG, and is the initial site of protonation under acidic conditions.42 Elucidation of pKa1 values
for C8 modified nucleosides has been accomplished in literature,50,52 and within the Manderville
laboratory.35 Depending on the type of modification at C8, the basicity of the N7 nitrogen is
changed. Figure 2-9 provides pKa1 values obtained from the literature of C8 modified nucleoside
adducts in order to provide familiarity with N7 basicity.
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Figure 2-9. N7 basicisities reported as pKa1 values for 8-(biphenylamino)-2’-dG (33), 8-(4cyanophenyl)-2’-dG (34), and native dG (2). (a) obtained from reference [52] (b) obtained from
reference [35] (c) obtained from reference [55].

Determination of pKa1 values for the N-linked class of C8 modified nucleosides by Novak
yielded values between 3.5 and 4.7 for the conjugate acids.52 Studies performed by Rankin
yielded pKa1 values for the conjugate acids of the C-linked adducts between 2.00 and 2.57.35
Finally the conjugate acid of native dG is known to possess a pKa1 = 2.34.55 We attempted to
determine the pKa1 values for the conjugate acids of the O-linked adducts 13 - 18 in the same
manner as both Novak and Schlitt; through the use of the spectrophotometric technique, as
described in Section 2.3.5. Spectrophotometric determination of the pKa1 of Ph-O-dG (14) was
successful, albeit with a fair amount of error. Figure 2-10 shows the absorbance reading at 273
nm in a range of pH values, which results in the curve responsible for rendering the pKa1 value.
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Figure 2-10. Plot of absorbance at 273 nm in solutions of ranging pH for the spectrophotometric
determination of the pKa1 value for Ph-O-dG. Solutions of pH 0.6 - 2.0 were made of 0.2 M
HCl/KCl, pH 3 - 5 were 0.05 M citrate, 0.31 M NaCl all at 298 K.

The pKa1 of Ph-O-dG was difficult to determine with certainty as it was found to be quite
low, possessing a pKa1 = 1.1 ± 0.2. Buffers lower than pH ≈ 1 are difficult to prepare with
accuracy. Also, upon protonation nucleosides undergo deglycosylation, the initial absorbance is
recorded to minimalize the increase of absorbance from progressing deglycosylation. moving to
extremely low pH values leads to greater variation in the initial absorbance as deglycosylation is
greatly accelerated, this inconsistency can be seen on Figure 2-10 in the absorbance readings
below pH = 1. Determination of the pKa1 for the chlorinated adducts could not be accomplished
for this reason, as the pKa1 values were found to be < 1.1.
The pKa1 value obtained was much lower than expected for Ph-O-dG. Compared to the
N-linked adducts studied by Novak which possessed elevated pKa1 values between 3.5 and 4.7;
the reverse effect was seen on the N7 basicity for the O-linked adduct Ph-O-dG. Due to this
substantial drop in N7 pKa, as well as the inability to determine the the pKa1 of the chlorinated
phenolic adducts, a simplistic, analogous system was used in order to confirm the effect of the
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phenolic moiety (chlorinated and unsubstitued) on the pKa of a ring nitrogen alpha to the ether
linkage. The simplistic system used was that of 2-substitued pyridines, which provided a biaryl
ether three atoms separated from a sp2 hybridized ring nitrogen.

Figure 2-11. Structural comparison of Ph-O-dG (14) and Ph-O-pyr (35)

2.2.8 Synthesis and pKa Determination of 2-phenoxypyridines
Three 2-phenoxypyridine derivatives were synthesized. Synthesis of Ph-O-pyr (35), 4ClPh-O-pyr (36) and DCP-O-pyr (37) was successfully accomplished employing the use of the
microwave assisted Ullmann ether synthesis as reported in literature,80 depicted in Scheme 211.

Scheme 2-11
These compounds not only provided an adequate analogy for the electronic effects felt
at the N7 position of the O-linked phenolic adducts, but also pyridine possesses a known pKa of
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5.25.81 This allowed room for a reduction in the measurable pKa upon phenoxyl addition. The
distinct shift between protonated and unprotonated 2-phenoxypyridines as well as the stable
nature of the pyridinium cation allowed for accurate determination of their pKa values. The
spectral shift witnessed between protonated and deprotonated Ph-O-pyr is shown in Figure 212.
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Figure 2-12. UV-visible absorbance spectrum of Ph-O-pyr in pH 1,1.5 (0.2 M KCl/HCl), 2, 2.5, 3
and 4 (0.05 M Citrate, 0.31 M NaCl)
The pKa values for compounds 35 - 37 were determined using the same method as for
Ph-O-dG, outlined in Section 2.3.6. Figure 2-13 shows the change in the absorbance value
over a range of pH values for each pyridyl derivative.
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Figure 2-13. Plot of normalized absorbance at 280 nm (Ph-O-pyr and 4Cl-Ph-O-pyr), 275 nm
(DCP-O-pyr) in solutions of ranging pH for the determination of their respective pKa values.
Solutions of pH 0.6 - 2.0 were made of 0.2 M HCl/KCl, pH 3 - 4 were 0.05 M citrate, 0.31 M
NaCl.

Table 2-5. pKa values obtained by the spectrophotometric method for compounds 35 - 37, as
well as literature pKa values for similar pyridine derivatives.
Compound
Pyridine
Ph-O-pyr (35)
4Cl-Ph-O-pyr (36)
DCP-pyr (37)
2MeO-pyr
2Cl-pyr

pKa
5.25(a)
2.24 + 0.05
2.05 + 0.07
1.50 + 0.06
3.28(b)
0.49(a)

obtained from a) [81], b) [83]

The impact of the phenoxy substituent at the 2-position of pyridine on the basicity of the
ring nitrogen was found to be substantial. Upon addition of a phenoxy substituent to the 2position the pKa of the pyridinium ion dropped from 5.25 to 2.24. The addition of one chlorine
substituent to the para position of the phenoxy ring dropped the pKa to 2.05. Addition of a
second chlorine substituent to the ortho position of the phenoxy ring dropped the pKa further to
1.50. These values are given in Table 2-5 along with three entries from literature for
comparison.
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These values demonstrate the severity of the electron withdrawing character of the
phenoxy substituent in the given system, as well as the increase in withdrawing character
provided by the addition of chlorine substituents to the phenoxy ring system. The addition of
chlorine atoms lowering the pKa relative to the unsubstituted phenol is understandable, however
the initial drop of 3.01 pKa units is difficult to justify. When considering a sp3 hybridized oxygen
substituent, the immediate thought is that it is electron donating, as it has the ability to donate
electrons into the ring system through resonance. However for these types of substituents there
also exists a substantial inductive component, as oxygen is strongly electronegative and
possesses the ability to withdraw electron density through bonds. It has long been understood
that the overall electronic displacement of molecules by substituents is due to a combination of
these two types of polarization.82
A lengthy review by Hansch, Leo, and Taft compile the experimentally derived values
for inductive and resonance effects for over 500 substituents.64 Amongst the values presented
are the values for the phenoxy substituent. The phenoxy substituent is said to possess an
inductive effect of σI = 0.37 and a resonance effect of σR= -0.40. Recall, these are arbitrary
values; positive values indicate electron withdrawing character and negative values indicate
electron donating character (H has an overall substituent constant σ =0.0). Therefore it is clear
that for the given molecules Ph-O-dG and Ph-O-pyr, the inductive effect must be dominating in
order to draw such electron density, effectively reducing the basicity of the adjacent ring
nitrogen. The same predominance of the inductive effect is evident for 2-methoxypyridine which
possesses a pKa of 3.28,83 which is 1.97 pKa units lower than pyridine despite having substituent
constants of σI = 0.29, σR= -0.56. Finally, the vulnerability of the sp2 ring nitrogen to inductive
effects of electronegative atoms at the 2-position is exemplified with the drastic reduction in the
pKa of the pyridyl nitrogen in 2-chloropyridine, which possesses a pKa of 0.49 (Cl, σI = 0.42, σR=
-0.19). These values are given in Table 2-5. The predominance of the inductive effect of the C8
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substituent on the rate of purine hydrolysis was also noted in the Hammett correlation presented
by Lhomme, which employed the use of σm substituent constants to provide the best fit to the
rates of hydrolysis of C8-modified dA adducts.63 Meta substituent constants (σm) are composed
solely of an inductive component.
As mentioned, the addition of chlorine atoms to the phenoxy moiety further reduced the
pKa of the 2-substituted pyridines. With each addition of a chlorine atom to the phenyl ring, the
ring system becomes more electron deficient. This void of electron density amplifies the
inductive withdrawing effects of the bridging oxygen. In addition, one can imagine that the
propensity of the bridging oxygen to donate its lone pair of electrons into ring A vs. ring B will
increasingly favour ring B as the electropositive character grows upon increasing chlorination
(Scheme 2-12). The net result is even less electron density on the adjacent ring nitrogen,
further decreasing the pyridinium pKa from 2.24 (Ph-O-pyr) to 2.05 (4Cl-Ph-O-pyr) and further to
1.50 (DCP-O-pyr). The data presented provides good evidence that the pKa1 values for the
conjugate acids of the electron deficient phenolic adducts are <1.1, and that the pKa1 values
decrease with each added chlorine atom on the adducted phenolic moiety.

δ+

Scheme 2-12
2.2.10 Temperature Studies – Elucidation of Activation Parameters
Although the mechanism for the acidic hydrolysis of purine nucleosides (modified or
otherwise) is well established, the O-linked class showed unexpected reactivity specifically with
the electron deficient adducts. In order to confirm the mechanism was unchanged, TST was
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employed to determine the activation parameters: ΔH‡, ΔS‡, and ΔG‡ as a means of comparison
to work already established in the analyses of this reaction mechanism.48-50,57
Elucidation of the activation parameters involved the measurement of the rate of
hydrolysis over a range of temperatures, followed by the construction of an Erying plot and
finally the application of the Eyring equation to the equation of the obtained line; this has been
outlined in Section 2.3.8. Table 2-6 shows the temperature dependent rates for adducts 13 - 22.
Table 2-6: Temperature dependence of the rate constants, kobs, in pH 1 0.2 M KCl/HCl for
adducts 13 - 22.
Adduct
PCP-dG (13)
Ph-O-dG (14)
4Cl-Ph-O-dG (15)
2Cl-Ph-O-dG (16)
DCP-dG (17)
TCP-dG (18)
4Me-Ph-O-dG (19)
4MeO-Ph-O-dG (20)
4F-Ph-O-dG (22)

25
0.033
0.288
0.235
0.220
0.1404
0.075
0.304
0.318
0.236

kobs (min-1) at Temperature (oC) in pH 1
37
45
55
0.145
0.355
1.00
1.11
2.5
6.7
0.81
1.95
5.6
0.871
1.9
5.44
0.51
1.19
3.2
0.260
0.68
1.76
1.178
2.62
7.0
1.152
2.83
7.4
0.939
2.1
5.87

65
2.8
17
14.5
13.3
8.1
4.5
18.0
18.5
14.4

Obtained rates were assembled into an Eyring plot for each adduct, four of which are
shown in Figure 2-14. Plots for each adduct gave excellent correlations, all of which possessed
R2 > 0.999.
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Figure 2-14. Eyring plot obtained for adducts Ph-O-dG, DCP-O-dG, TCP-O-dG, PCP-O-dG.
lnkobs/T was plotted against 1/T in pH 1 0.2 M HCl/KCl. Temperatures of 298, 310, 318, 328,
348 K were used.
Table 2-7. Activation parameters ΔH‡, ΔS‡, and ΔG‡ obtained from Eyring plots for each
respective adduct. Values were obtained in pH 1, 0.2 M KCl/HCl, at temperatures of 298, 310,
318, 328, 348 K. Note: ΔG‡ value given is at 298 K.
Adduct

ΔH‡ (kcal•mol-1)

ΔS‡ (cal•mol-1K-1)

PCP-dG (13)
Ph-O-dG (14)
4Cl-Ph-O-dG (15)
2Cl-Ph-O-dG (16)
DCP-dG (17)
TCP-dG (18)
4Me-Ph-O-dG (19)
4MeO-Ph-O-dG (20)
4F-Ph-O-dG (22)

21.6 ± 0.3
19.8 ± 0.5
20.1 ± 0.3
20.0 ± 0.1
19.7 ± 0.1
20.0 ± 0.1
19.7 ± 0.3
19.8 ± 0.1
20.0 ± 0.2

7.1 ± 1
5.5 ± 2
6.1 ± 0.8
5.5 ± 0.6
3.7 ± 0.2
3.5 ± 0.2
5.4 ± 0.7
5.6 ± 0.3
5.7 ± 0.4

ΔG‡
(kcal•mol-1)
19.5
18.2
18.3
18.3
18.6
19.0
18.1
18.1
18.3

It is difficult to interpret results of this type explicitly, however trends can be interpreted
and comparisons can be made to the literature. First, the ΔG‡ values are all lower than that for
native dG (ΔG‡ = 21.25 kcal•mol-1)48 under similar conditions, which is understandable
considering even the most stable O-linked adduct PCP-O-dG hydrolyzed 3.7 times faster than
dG, indicating a lower activation barrier. Also, the trend in the activation barrier is as expected
for these adducts given the rate data; upon chlorination, the Gibbs free energy of activation
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increased, meaning the reaction was less favoured under the experimental conditions.
Unsubstituted Ph-O-dG possessed a ΔG‡ = 18.2 kcal•mol-1, there existed a very small increase
in the activation barrier upon the addition of one chlorine substituent, however DCP-O-dG
possessed a ΔG‡ = 18.6 kcal•mol-1, TCP-O-dG ΔG‡ = 19.0 kcal•mol-1, and the barrier was the
largest with PCP-O-dG, which possessed a ΔG‡ = 19.5 kcal•mol-1. It is also worth noting that the
electron donating methyl and methoxy groups very slightly reduced the barrier by 0.1 kcal•mol-1.
The enthalpy of activation shows a similar trend, which is less pronounced with a few
exceptions. Finally, the ΔS‡ values do not show any particular trend, however they are all small
positive values, which is consistent with the unimolecular A-1 mechanism. These results are
consistent with the studies by Hevesi48 and Garrett50 on the hydrolysis of purine nucleosides
and the magnitudes are comparable.
2.2.11 Theoretical k1 Values
Recall Scheme 2-2 which displayed the general reaction of acid catalyzed
deglycosylation for purines. It was desirable to determine the rate constant for bond cleavage, k1
as this is known to be the rate determining step for this mechanism. Equation [2] is the
simplified expression for kobs at pH values in which only the monocationic species is
considered.48 The monoprotonated is only considered in this scenario due to the low pKa1
values the adducts were shown to possess, also the substituent at C8 is known to have little
effect on the pKa2 of dG which is -2.5.52,56 This is the scenario which describes the rate
expression at pH 1 for this class of adducts. Equation [2] can then be rearranged and simplified
to solve for the k1 value as shown in equation [6].35
[2]

[6]

Ka1 is determined directly from the pKa1 of the adducts studied. Ka1 values then allow for
the k1 values to be determined. Since the only pKa1 value that was determined was for Ph-O-dG,
the others were estimated using ΔpKa values provided by the 2-phenoxypyridines studied.
48

Using 35 - 37, estimated pKa1 values for 4Cl-Ph-O-dG, DCP-O-dG were obtained through the
equation pKa1 = 1.1 + ΔpKa and are given in Table 2-8 along with Ka1, and k1 values.
Table 2-8. pKa and ΔpKa values for substituted pyridines (35 - 37), as well as pKa1, Ka1, and k1
values for adduct 14, 15, and 17.
Compound
Ph-O-pyr (35)
4Cl-Ph-O-pyr (36)
DCP-O-pyr (37)

pKa
2.24
2.06
1.51

ΔpKa
0.0
-0.18
-0.73

Adduct
Ph-O-dG (14)
4Cl-Ph-O-dG (15)
DCP-O-dG (17)

pKa1
1.1
0.92*
0.37*

Ka1
0.079
0.12*
0.43*

k1 (min-1)
0.87
0.97*
2.2*

*values obtained using ΔpKa values of corresponding pyridyl derivatives, pKa1 = 1.1 + ΔpKa

The estimated pKa1 values obtained for 4Cl-Ph-O-dG and DCP-O-dG showed a
significant reduction in basicity as compared to Ph-O-dG which was expected. The estimated
pKa1 (4Cl-Ph-O-dG) = 0.92, and the estimated pKa1 (DCP-O-pyr) = 0.37. From the estimated
pKa1, Ka1 was determined which allowed for determination of the k1 values for the rate of
glycosidic bond cleavage, given in Table 2-8. Contrary to kobs, where adducts 4Cl-Ph-O-dG and
DCP-O-dG hydrolyzed slower than Ph-O-dG (Table 2-4), k1 showed an increase in the rate
going from Ph-O-dG (0.87 min-1) to 4Cl-Ph-O-dG (0.97 min-1) to DCP-O-dG (2.2 min-1). This is
expected for the rate of bond cleavage upon the addition of electron withdrawing groups to the
base.49 This was the trend seen by Laayoun,63 Garrett,50 and Schlitt,35 under acidic conditions.
Therefore it would be expected that subjection of this class of adducts to sufficiently acidic
conditions so as to eliminate the hindering effect of the preequilibrium would result in the most
electron deficient modified base hydrolyzing the fastest, and the most electron rich modified
base hydrolyzing the slowest.
2.2.12 pH Rate Profiles
As an effort to gain possible insight into hydrolysis rates at lower pH values and at
physiological pH, a pH rate profile was constructed for Ph-O-dG (14) and DCP-O-dG (17).
Limitations for the construction of pH rate profiles included accurate rate determinations at
extremely low pH values as well as solubility issues. Accurate solution preparation below pH 1
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was unreliable. In addition, adducts possessing two or more chlorine atoms precipitated out of
solution at pH > 2, inhibiting kinetic analysis spectrophotometrically. The use of cosolvents such
as ACN, slowed the rate far too much to allow for practical determinations of pH > 2 for
chlorinated adducts. The pH rate plots obtained for Ph-O-dG and DCP-O-dG were done so by
attaining rates at pH 1, 1.5, 2, 2.5 and pH 0.8, 1, 1.5, 2 respectively as outlined in section 2.3.7,
given in Figure 2-15.

1
Ph-O-dG (14)

0.5

Log kobs

DCP-O-dG (17)
0
0

0.5

1

1.5

2

2.5

3

-0.5
R² = 0.9817
-1
-1.5
-2

R² = 0.9913

pH

Figure 3. pH rate profile for adducts Ph-O-dG and DCP-O-dG obtained in pH 0.8, 1, 1.5, 2 (0.2
M KCl/HCl) and 2.5 (0.05 M Citrate, 0.31 M NaCl) at 55 °C
As expected the rates for DCP-O-dG are slower than Ph-O-dG. Straight lines were
obtained for each with good correlations. This is typical of pH rate profiles for the hydrolysis of
purine nucleosides.35,48,49,84 This means that purine hydrolysis has a continuous first order
dependence on H+ activity, confirming the specific acid catalyzed mechanism. This has been
shown to hold true in regions of pH > pKa1 , pH = pKa1, and pH < pKa1.49 The fact that this is true
in regions of extreme acidity where the diprotonated species is also made, has been interpreted
to mean that k1/Ka1 ≈ k2/Ka2.84 This continuous first order dependence on pH allowed for the
reasonable extrapolation of the pH rate profile to gain insight into hydrolysis at higher and lower
acidities. Figure 2-16 shows a plot of the extrapolated profiles for Ph-O-dG and DCP-O-dG.
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Figure 2-16. Extrapolated pH rate profiles for the hydrolysis of adducts Ph-O-dG and DCP-OdG in pH 0.8, 1, 1.5, 2 (0.2 M KCl/HCl) and 2.5 (0.05 M Citrate, 0.31 M NaCl) at 55 °C.
The extrapolated plot in Figure 2-16 gives important data about the hydrolytic stability of
the O-linked adducts as discussed thus far in this dissertation. The anticipated predominance of
the increased rate of bond cleavage (k1) at sufficiently low acidity (as discussed in Section
2.2.11) was observed. The pH - rate plots of DCP-O-dG and Ph-O-dG intersect at pH = -0.82. It
is observed that DCP-O-dG hydrolyzes faster than Ph-O-dG at pH < -0.82 or ~ 6.5 M HCl. This
confirmed that the rate of hydrolysis for nucleosides possessing electron withdrawing groups
would increase upon bypass of the elevated Ka1 values. The second important observation from
this plot is that the first order rate constant observed at pH 7 is approximately 6 x 10 -9 min-1 and
3 x 10-10 min-1 for Ph-O-dG and DCP-O-dG respectively at 55 °C. For comparison, the hydrolysis
of purine nucleosides from duplex DNA at 37 °C is 3 x 10-11 s-1. The slow rate of hydrolysis at
pH 7 with elevated temperature, as well as the fact that acidic hydrolysis of purines within the
DNA duplex is slower than for the free nucleosides42 indicates that the acid catalyzed
dupurination of the O-linked adducts is likely not implicated in the mechanism of phenolic
toxicity.
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2.3 Conclusions
A procedure involving the use of a fully protected 8-Br-dG nucleoside in a SNAr
displacement reaction was used to synthesize a family of O-linked dG adducts derived from
phenolic toxins. This procedure was designed by the Sturla laboratory and was modified to
reduce the number of synthetic steps which resulted in a slight increase in overall adduct yield.
The class of adducts 13 - 22 were found to possess little photophysical deviation from dG with
respect to absorbance maxima, as well as slight deviation within the class itself. However the
photophysical properties of the deglycosylated base were found to be sufficiently unique from
the intact nucleoside to determine rates of hydrolysis spectrophotometrically. Confirmation of
the spectral changes observed was accomplished by synthesizing a standard deglyco
nucleobase (32), and analyzing the hydrolysis by HPLC.
First order rate constants, kobs, were determined for all of the adducts 13 - 22 under
acidic conditions. Overall, the adducts were found to hydrolyze ~4 - 30 times faster than native
dG under similar conditions. Surprisingly however, within the class of adducts studied,
increased electron withdrawing character of the adducted moiety caused a decrease in the rate
of acidic hydrolysis. This is atypical for the known reaction mechanism involving rate-limiting
cleavage of the glycosidic bond, shown in Scheme 2-2. This trend was visualized by the
creation of a Hammett plot, which indicated the protonation step as hindering the rate.
The N7 pKa (pKa1) values were determined for adduct Ph-O-dG (14), and attempted to be
determined for the electron deficient adducts 13, 15 - 18. Ph-O-dG was determined to have a
pKa1 value of 1.1; attempts at determining the pKa1 values of the chlorinated adducts were
unsuccessful. In order to gauge the effect of chlorination of the phenolic ring moiety on the
basicity of the N7 nitrogen, a simplistic, analogous model was used. This simplistic model was 2phenoxypyridine and its chlorinated derivatives.
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The 2-phenoxypyridines (35 - 37) were synthesized using the microwave assisted
Ullmann ether synthesis. Their respective pKa values were elucidated using the same methods
as for the nucleoside adduct Ph-O-dG. The effect of the phenoxy substituent on the pKa of the
pyridyl nitrogen was significant, reducing the pKa from 5.25 to 2.24 for a ΔpKa = -3.01. Following
each chlorine atom addition to the phenoxy ring system the pKa of the ring nitrogen was found
to drop further. This confirmed suspicions of further reduction in pKa from 1.1 (Ph-O-dG) for the
chlorinated adducts (13, 15 - 18) and rationalized the hindrance of the overall rate by the
equilibrium Ka1. This type of rate reduction was initially observed by Zoltewicz in the study of 7methyl-2’-deoxyguanosine, where he attributed in the increase in hydrolysis rate to its large
basicity advantage over dG.49
The Ka1 and k1 values were calculated for Ph-O-dG (14), while Ka1 and k1 values were
estimated for 4Cl-Ph-O-dG (15), and DCP-O-dG (17) using ΔpKa values. The result was that
decreased electronic character of the modified base resulted in accelerated bond cleavage.
Therefore the glycosidic bond hydrolyzed the fastest for DCP-O-dG, followed by 4Cl-Ph-O-dG,
and finally Ph-O-dG. Note this is the opposite trend of kobs. pH rate profiles for Ph-O-dG and
DCP-O-dG were constructed. These lent insight into the rates of hydrolysis in extremely acidic
conditions, as well as in pH 7 through extrapolation of the pH rate profiles. The net result of the
extrapolation was the finding that DCP-O-dG hydrolyzes faster than Ph-O-dG at pH values <0.82. This confirms the trend found for the estimated k1 values. Also, perhaps more relevant
was the estimated rate of hydrolysis at pH 7 at 55 °C, which rendered rates as slow as native
dG within the DNA duplex at 37 °C. Therefore, it can be said with certainty that the hydrolytic
stability of the O-linked adducts is far too great to attribute toxicity of phenols to the production
of abasic sites through the acid catalyzed mechanism at physiological pH. In support of this
statement is the fact that PCP, the most toxic (LD50 = 3.85 mg/kg in rats) and most implicated in
carcinogenesis27 of the phenols studied, was found to be the most stable. This same conclusion
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was reached by Rankin of the Manderville group in her analysis of the phenolic C-linked
adducts.35 Rankin offered an alternative mechanism to account for the depurination in light of
the stability of the C-linked adducts at physiological pH. This was a radical mechanism in which
directly following radical addition of the phenoxy moiety, there are two competing pathways.
Path A involves the homolytic cleavage of the glycosidic bond following adduction, resulting in
the depurinated base. Path B involves H-atom abstraction by molecular oxygen to form the
stable base, this mechanism is given in Scheme 2-13.

Scheme 2-13
The mechanism shown is applicable for the C-linked adducts, as C8-aryl-dG adducts
have been proven to depurinate within the duplex. No such studies have been performed on Olinked adducts. Depurination was expected to be a possible reason for toxicity, and may still
contribute via the mechanism in Scheme 2-13; however the toxicity of these compounds may
also be caused due to their persistence and subsequent structural perturbation of the duplex.
For this reason, it became desirable to incorporate an O-linked adduct into a DNA oligomer to
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study the effect on the stability and conformation of the duplex. This work is outlined in Chapter
3 of this dissertation.
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2.4 Materials and Methods
2.4.1 General Methods and Instrumentation

Unless otherwise noted all commercial compounds were used as received. DMF was
obtained from an LC Technology SP-105 solvent purification system without further purification.
Anhydrous 1,4-dioxane was obtained from Sigma and subsequently shaken over CaCl2, stored
over night, then distilled from Na(s) when needed. Xylenes was obtained from Fisher, shaken
over CaCl2, stored over, and then distilled from CaH2 when needed. Pyridine was distilled from,
and

stored

over

CaH2.

2’-Deoxyguanosine

was

purchased

from

ChemGenes.

N-

bromosuccinimide and phenol were purchased from Fisher. TBSCl, 2-chlorophenol, 2,4dichlorophenol, 4-fluorophenol and TBAF trihydrate were purchased from Sigma-Aldrich. DIAD,
PPh3 and N,N-dimethylacetamide dimethylacetal were purchased from Alfa Aesar. Isobutyric
anhydride was purchased from Aldrich. Moisture sensitive reactions were performed using
base-bathed, oven dried (140 oC), glassware and syringe needles under argon atmosphere.
Compounds were dried in the oven, as well as concentrated from THF for moisture sensitive
reactions. Chromatography was performed on virgin silica obtained from Silicycle (230-400
mesh). Analytical Thin layer chromatography was performed on glass-backed extra hard layer
plates (60, F-254 indicator) also obtained from Silicycle. Compounds were visualized by UV light
(λ = 254 nm). NMR spectra were recorded on either a Bruker Avance-300 DPX spectrometer
(1H, 300 MHz,

13

C, 75.5 MHz) a Bruker Avance-400 DPX spectrometer (1H, 400 MHz,

MHz) or a Bruker Avance-600 DPX spectrometer (1H, 600 MHz,
CDCl3. Peaks were reported in the δ (ppm) scale. All

13

C 100

13

C, 151 MHz) in d6-DMSO or

13

C NMR spectra were acquired using the

JMOD pulse sequence whereby carbon signals are separated based on their multiplicity.
Resulting spectra possessed C, CH2 signals pointing up, while CH, CH3 signals pointing down.
Water used for buffers and spectroscopic solutions was obtained from a MilliQ filtration system
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at a resistivity of 18.2MΩ. All UV-vis stock solutions were made to 4 mM in reagent grade
DMSO obtained from Fisher. UV-vis spectra, as well as kinetic determinations were achieved on
a Cary 300-Bio UV-Visible spectrophotometer equipped with a Peltier block-heating unit and
automated temperature controller. Standard 10 mm light path quartz glass cells from Hellma
GmbH&Co were used. A Denver Instrument UB-10 pH meter was used for buffer calibration.
Calibration of the pH meter was carried out using buffers purchased from Fisher at pH 2.00,
4.00 and 7.00. HPLC analysis was performed on an Agilent 1200 series purification system
equipped with a 1200 series diode array and multiple wavelength detector. The column used for
HPLC analysis of nucleosides was an Alltech Alltima HP C18 5μ. Microwave reactions were
performed on a CEM Discover microwave reactor. High resolution mass spectrometry was
conducted at the McMaster Regional Centre for Mass Spectrometry. Low resolution mass
spectrometric analysis was obtained at the University of Guelph on a Bruker AmaZon SL
spectrometer equipped with an ion trap. Compounds 13, 15, 18 - 21 were obtained from our
collaborators at the ETH Zürich of the Sturla laboratory.
2.4.2 UV-visible Absorbance Measurements of Adducts

For photophysical analysis, stock solutions of each adduct were made to 4 mM in
DMSO. Samples for analysis then consisted of 1980 μL of 0.05 M MOPS buffer containing 0.31
M NaCl at pH 7, and 20 μL of DMSO stock solution. This rendered final nucleoside
concentrations of 40 μM.
2.4.3 UV-visible Absorbance Measurements of 2-phenoxypyridines

For photophysical analysis, stock solutions of each pyridine analogue were made to 4
mM in DMSO. Samples for analysis then consisted of 1990 μL of 0.05 M MOPS buffer
containing 0.31 M NaCl at pH 7, and 10 μL of DMSO stock solution. For a final concentration of
20 μM.
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2.4.4 Kinetic Measurements

Hydrolysis of adducts 13 - 22 was determined using UV-visible absorbance
spectroscopy by monitoring the formation of the deglycosylated base at its absorbance
maximum over time. The wavelength maximum to be monitored was determined by the addition
of 20 μL of DMSO stock solution containing the desired adduct to a cuvette containing 1980 μL
0.1 M HCl at room temperature, an immediate scan was then taken followed by sequential
scans waiting a certain amount of time between scans. The time between scans varied
depending on the stability of the particular adduct being determined. The scans were then
overlayed (producing a plot as seen in Figure 2-5) to determine the wavelength of maximum
change. Rate measurements for each adduct were carried out in parallel triplicates using the
multi-cell changer. For all determinations data points were recorded every 0.1 s until a plateau
in the kinetic plot (Figure 2-6) was reached. The first order rate constants were then calculated
by the Cary Kinetics program.
2.4.5 pKa Determination of Ph-O-dG
The N7 pKa1 value for compound 14 was obtained using the same spectrophotometric
method as previously outlined in literature.52 Solutions were prepared using 20 μL of the adduct
stock solution in DMSO and 1980 μL of buffer. Solutions at pH (0.8, 1.0, 1.2, 1.4, 1.6, 1.8) were
prepared using 0.2 M KCl in 18.2 MΩ water and acidified to the correct pH with 1M HCl.
Solutions of pH (2, 3, 4, 5) were made using 0.05 M citric acid, 0.31 M NaCl in 18.2 MΩ water
using either 1 M HCl or 1 M NaOH to adjust to the correct pH. Absorbance measurements were
obtained at these pH values at 298 K; the initial absorbance reading upon addition of the adduct
to the cuvette was taken at 273 nm. The pKa value was then calculated using the relationship
[7]; where A represents the initial absorbance at 273 nm, AM represents the absorbance of the
neutral species (pH 5) and Ai represents the absorbance of the protonated species (pH 0.8). pKa
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values were then calculated at pH 1.0 - 1.6 and the average was taken. Error was calculated
using standard deviation.

[7]
2.4.6 pKa Determination of 2-phenoxypyridines

The pKa values for the pyridyl nitrogen was calculated in the same manner as described
above. Changes included 1990 μL of buffered solution and 10 μL of stock pyridyl DMSO
solution.
2.4.7 pH Rate Profiles

Hydrolysis of adducts was observed using spectrophotometric methods as outlined in
Section 2.3.4. Solutions were prepared using 20 μL of the adduct stock solution in DMSO and
1980 μL of 0.2 M KCl/HCl in purified water (pH 0.75, 1, 1.5) or 0.05 M citric acid, 0.31 M NaCl
in purified water (pH 2, 2.5), making a final adduct concentration of 40 μM. All kinetic
determinations were performed at 55 °C, a minimum of three times. pH-rate profiles were then
plotted of log k (min-1) versus pH to allow for extrapolation to both pH 7 and into the negative pH
range.
2.4.8 Eyring Plots

Hydrolysis of adducts was determined by UV-Vis spectroscopy as outlined in section
2.3.4. Solutions were prepared using 1980 μL of pH 1, 0.2 M HCl/KCl in purified water and 20
μL of DMSO adduct stock solution for a final adduct concentration of 40 μM. Rate
determinations were then carried out at 25 °C, 37 °C, 45 °C, 55 °C and 65 °C. Eyring plots of
lnkobs/T versus 1/T were constructed for each individual adduct. This allowed for the
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determination of the activation parameters, through the use of the linear form of the Eyring
equation [6].

[8]
Where k is the observed rate of reaction, kB is Boltzmann’s constant (1.381 x 10-23 J•K-1), h is
Planck’s constant (6.626 x 10-34 J•s), T is temperature in K, ΔH‡ is the enthalpy of activation
(KJ•mol-1), R is the universal gas constant (8.3144 J•mol-1•K-1), and ΔS‡ is the entropy of
activation (J•mol-1•K-1).
Application of equation [8] to the equation of the line (in the form of y=mx+b) derived
from the Eyring plot rendered:

This allowed for the calculation of ΔH‡ and ΔS‡. Once those values were determined ΔG‡ could
be solved for using equation [9]. Values solved for ΔG‡ were done for 298 K.
[9]

2.4.9 HPLC Confirmation of Deglycosylation

Confirmation of the deglycosylation of 14 was accomplished using reverse phase HPLC
analysis. Samples of the standards 14 and 36 were prepared using 1 μL of the DMSO adduct
stock solution and 99 μL of 18.2 MΩ purified water for a final adduct concentration of 40 μM.
Samples of 14 that were subjected to acid before injection were prepared using 20 μL of the
DMSO adduct stock and 1980 μL of 0.1 M HCl for a final adduct concentration of 40 μM. The
acidic solution containing 14 was then submitted to 40 °C and allowed to react for 5 and 10
minutes, 100 μL was taken out at the desired time of analysis and directly injected into the
HPLC. The compounds were separated on a C18 column using a mobile phase of 95%
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triethylamine acetate (TEAA): 5% acetonitrile (ACN), with an increasing gradient of 30%
triethylamine acetate: 70% acetonitrile for elution. Detection was accomplished by monitoring
the UV absorbance at 258 nm.
2.4.10 Synthesis

8-Bromo-2ʹ-deoxyguanosine (28)
In a round bottom flask 7.0 g (24.5 mmol, 1 eq.) of deoxyguanosine monohydrate was
dissolved in 500 mL of 4:1 MeCN:H2O and 6.55 g (36.8 mmol, 1.5 eq.) NBS was added in three
equal portions. The suspension was stirred for 1 hour at room temperature and then filtered.
The resulting solid was then resuspended in 300 mL of acetone and stirred for 2 hours at room
temperature. The mixture was then stored at 4 ºC for 24 h and filtered. The solid was washed
with cold acetone and dried to yield 7.1 g (84%) as a pink solid. 1H NMR (300 MHz, DMSO-d6):
δ = 10.75 (s, 1H), 6.46 (s, 2H), 6.14 (dd, 3J =6.9 Hz, 3J = 7.7 Hz, 1H), 5.22 (d, 3J = 4.3 Hz, 1H),
4.83 (t, 3J = 5.6 Hz, 1H), 4.37 (m, 1H), 3.77 (m, 1H), 3.61 (m, 1H), 3.48 (m, 1H), 3.12 (m, 1H),
2.10 (m, 1H).
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C NMR (151 MHz, DMSO-d6) δ = 155.3, 153.2, 151.9, 120.4, 117.3, 87.8, 84.5,

70.9, 61.9, 36.3
8-Bromo-3ʹ,5ʹ-bis(tert-butyldimethylsilyl)-2ʹdeoxyguanosine (29)
In a round bottomed flask 4.0 g (11.5 mmol, 1 eq.) of 8-bromo-2’-deoxyguanosine, 6.9 g
(46.0 mmol, 4 eq.) of TBS-Cl and 3.9 g (57.5 mmol, 5 eq.) were dissolved in 50 mL of dry DMF.
The reaction mixture was stirred at room temperature for 17 h under inert argon atmosphere.
The reaction was stopped by the addition of 100 mL of saturated sodium bicarbonate, forming a
precipitate which was then extracted and taken into solution by washing with 200 mL EtOAc.
Subsequently the organic layer was washed with 2 × 200 mL H2O, dried over MgSO4 and the
solvent was then removed in vacuo. The crude product was then recrystallized from acetone to
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yield 5.38 g (80%) of pure compound as a white solid. 1H NMR (300 MHz, CDCl3): δ = 11.80 (s,
1H), 6.38(s, 2H), 6.17(t, J3 = 6.8 Hz, 1H), 4.68(m, 1H), 3.88-3.77 (m, 2H), 3.67 (dd, 3J = 4.7, 3J=
10.6 Hz, 1H), 3.48-3.39(m, 1H) 2.17-2.08 (m, 1H) 0.89 (s, 9H), 0.83 (s, 9H), 0.10 (s, 6H), 0.01(s, 3H), -0.03(s, 3H).

13

C NMR (151 MHz, CDCl3): δ = 157.9, 153.1, 152.6, 122.5, 118.0,

87.6, 85.8, 72.4, 62.7, 36.6, 25.9, 25.8, 18.4, 18.0, 0.98, -4.63, -4.68, -5.37, -5.41. MS [M+H]+ =
575.2
8-Bromo-6-trimethylsilylethoxy-3ʹ,5ʹ-bis(tert-butyldimethylsilyl)-2ʹdeoxyguanosine (30)
In a round bottomed flask, 2.00 g (3.48 mmol, 1 eq.) of 29, 4.55 g (17.4 mmol, 5eq.) of
PPh3 and 2.50 mL (17.4 mmol, 5 eq.) of TMSEtOH was dissolved in 40 mL of dry dioxane under
inert atmosphere. The solution was then cooled in an ice water bath and 3.43 mL (17.4 mmol, 5
eq.) of DIAD was added dropwise. The reaction was then allowed to warm to room temperature
and was stirred for 20 h. After completion, 100 mL of EtOAc was added to the reaction vessel.
This was followed by a wash with 100 mL of brine, then 2 x 100 mL water. The organic layer
was then dried with NaSO4 and concentrated in vacuo. The yellow oil was then dissolved in
hexanes and then resulting precipitate was filtered. After concentrating the filtrate in vacuo the
crude oil was purified using column chromatography (Hex:EtOAc 20:1, 10:1) to yield 1.5g (64%)
of a colourless oil. 1H NMR (300 MHz, CDCl3) δ = 6.24 (t, 3J= 6.9 Hz, 1H), 4.77 – 4.74(m, 1H),
4.70 (s, 2H), 4.52 – 4.47(m, 2H), 3.98 – 3.87(m, 1H), 3.82 (d 3J= 6.6 Hz, 1H), 3.67 (dd, 3J =
4.3Hz, 2J = 10.2 Hz, 1H), 3.57 – 3.48 (m, 1H), 2.17 – 2.11 (m, 1H) 1.21 – 1.15 (m, 2H), 0.91 (s,
9H), 0.83 (s, 9H), 0.12 (s, 6H), 0.06 (s, 9H), 0.01 (s, 3H), -0.03 (s, 3H) .

13

C NMR (151 MHz,

CDCl3) δ = 160.2, 158.5, 154.1, 125.6, 116.5, 87.3, 85.6, 72.3, 65.0, 62.7, 36.3, 25.8, 18.3,
18.0, 17.5, -1.5, -4.6, - 4.7, -5.43, -5.5. MS [M+H]+ = 675.2
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General Method for O-linked Adduct Synthesis
To a round bottomed flask, 1.00 g (1.48 mmol) of 30, 4 eq. (5.92 mmol) of the desired
phenol and 2 eq. (2.96 mmol) of finely-ground K3PO4 was added. The reaction vessel was then
sealed and purged with argon, prior to adding 8 mL of distilled xylenes. The reaction was then
carried out with stirring heating a high boiling silicon oil bath at 130 °C for 17 hr. After
completion, 25 mL of EtOAc was added, then the dark brown mixture was washed with
saturated HCO3- , 2 x 50 mL followed by 50 mL of water. The organic layer was then dried over
Na2SO4 and concentrated in vacuo to yield a brown oil. To this crude adduct was added 3 eq.
(4.44 mmol) TBAF•3H2O and 5 mL of reagent grade THF. After completion the THF was
removed in vacuo, and the crude product was separated using silica gel chromatography (10%
methanol in methylene chloride) to yield the deprotected nucleoside.
8-Phenoxy-2ʹ-deoxyguanosine (14)
Adduct 14 was synthesized from 1.00 g (1.48 mmol) of 30, 0.56 g (5.92 mmol) of phenol,
0.63 g (2.96 mmol) of K3PO4, and 1.40 g(4.44 mmol) TBAF•3H2O as outlined in the general
procedure to yield 0.382 g (73% over two steps); mp 148°C decomp.1H NMR (600 MHz, d6DMSO): δ = 10.68 (bs, 1H), 7.44 (t, 3J = 8.5Hz, 2H), 7.31 (d, 3J = 7.8Hz, 2H), 7.25(t, 3J = 7.4 Hz,
1H), 6.45, (s, 2H), 6.21 (t, 3J = 7.3 Hz, 1H), 5.27 (d, 3J = 4.0 Hz, 1H), 4.85(t, 3J = 5.9 Hz, 1H),
4.34 (m, 1H), 3.77(m, 1H), 3.50 (m, 1H), 3.44 (m, 1H), 2.91 (m, 1H), 2.15 (m, 1H).

13

C NMR

(151 MHz, d6-DMSO): δ = 155.8, 153.5, 153.3, 149.8, 149.0, 129.7, 125.2, 119.8, 110.7, 87.4,
81.8, 70.9, 62.0, 36.6. HRMS Calculated for C16H18N5O5 [M+H]+ = 360.1302, Found: [M+H]+ =
360.1304
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8-(2-Chlorophenoxy)-2ʹ-deoxyguanosine (16)
Adduct 16 was synthesized from 0.200 g (0.30 mmol) of 30, 0.15 g (1.18 mmol) of 2chlorophenol, 0.13 g (0.59 mmol) of K3PO4 and 0.28 g (0.88 mmol) TBAF•3H2O as outlined in
the general procedure to yield 0.077 g of a white solid (68% over two steps); mp 135 °C
decomp. 1H NMR (300MHz, d6-DMSO): δ 10.62 (bs, 1H), 7.62(d, 3J = 6.6 Hz, 1H), 7.46 – 7.42
(m, 2H), 7.33 (app. t, 3J = 8.0 Hz, 1H) 6.42, (bs, 2H), 6.22 (t, J = 7.1 Hz, 1H), 5.25 (d, 3J = 4.1
Hz, 1H), 4.79 (t, 3J = 5.9 Hz, 1H), 4.32 (m, 1H), 3.77 (m, 1H), 3.46 (m, 2H), 2.94 (m, 1H), 2.17
(m, 1H).

13

C NMR (151 MHz, d6-DMSO): δ 155.7, 153.4, 150.0, 148.8, 148.7, 130.4, 128.6,

127.3, 125.0, 123.2, 110.6, 87.5, 81.9, 70.9, 62.0, 36.6. HRMS Calculated for C16H17ClN5O5
[M+H]+ = 394.0912, Found: [M+H]+ = 394.0913
8-(2,4-Dichlorophenoxy)-2ʹ-deoxyguanosine (17)
Adduct 17 was synthesized from 0.22 g (0.388 mmol) of 30, 0.22 g (1.34 mmol) of 2,4dichlorophenol, 0.14 g (0.66 mmol) of K3PO4 and 0.42 g (1.3 mmol) TBAF•3H2O as outlined in
the general procedure to yield 0.133 g (80% over two steps) ; mp 155°C decomp. 1H NMR (300
MHz, d6-DMSO): δ = 10.64(s, 1H), 7.81(s 1H), 7.54 – 7.52, (m, 2H), 6.44, (bs, 2H), 6.21 (t, 3J =
7.3 Hz, 1H), 5.25 (d, 3J = 4.1 Hz, 1H), 4.79 (t, 3J = 5.9 Hz, 1H), 4.32 (m, 1H), 3.76 (m, 1H), 3.47
(m, 1H), 3.43 (m, 1H), 2.92 (m, 1H), 2.15 (m, 1H).

13

C NMR (151MHz, d6-DMSO): δ = 155.7,

153.5, 150.1, 148.5, 147.8, 130.6, 129.9, 128.7, 126.2, 124.5, 110.6, 87.5, 81.9, 70.9, 62.0,
36.6. HRMS Calculated for C16H16Cl2N5O5 [M+H]+ = 428.0523, Found: [M+H]+ = 428.0522
8-(4-Fluorophenoxy)-2ʹ-deoxyguanosine (22)
Adduct 22 was synthesized from 1.00 g (1.48 mmol) of 30, 0.66 g (5.92 mmol) of 4fluorophenol, 0.63 g (2.96 mmol) of K3PO4 and 1.40 g (4.44 mmol) TBAF•3H2O as outlined in
the general procedure to yield 0.45 g (81% over two steps). 1H NMR (400 MHz, d6-DMSO): δ =
10.42(bs, 1H), 7.39 – 7.35 (m, 2H), 7.28, (td, 3J = 8.5 Hz,5J = 2.5 Hz, 2H), 6.41, (bs, 2H), 6.19 (t,
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3

J = 7.3 Hz, 1H), 5.24 (d, 3J = 4.2 Hz, 1H), 4.81 (t, 3J = 5.9 Hz, 1H), 4.32 (m, 1H), 3.75 (m, 1H),

3.48 (m, 1H), 3.43 (m, 1H), 2.90 (m, 1H), 2.14 (m, 1H).

13

C NMR(151 MHz, d6-DMSO): δ =

155.7, 153.5, 149.9, 149.4, 149.3, 122.0, 121.9, 116.3, 116.2, 110.58, 87.4, 81.9, 70.8, 62.0,
36.6. HRMS Calculated for C16H17FN5O5 [M+H]+ = 378.1208, Found: [M+H]+ = 378.1213
8-Phenoxy-guanine (32)
Adduct 14 (0.02 g, 0.05 mmol) was added to a round bottom flask along with 5 mL of
10% formic acid. The reaction was then stirred and heated to 75 °C for 1 hr. After cooling 10 mL
of water was added and the pH was adjusted to pH 6 using 1 M NaOH. A precipitate formed,
the solution was then allowed to sit in the fridge overnight. The resulting precipitate was in small
quantity and fine in nature, so as opposed to filtration a vacuum centrifuge was used to remove
the aqueous media. This yielded 14 mg of 36 (100%). 1H NMR (300 MHz, d6-DMSO): δ = 11.00
(bs, 1H), 8.45 (s, 1H), 7.40 – 7.37 (m, 2H), 7.26 – 7.20 (m, 3H), 6.41 (s, 1H).

13

C NMR(151

MHz, d6-DMSO): δ 165.8, 154.1, 153.1, 129.5, 124.4, 119.2. HRMS Calculated for C11H10N5O2
[M+H]+ = 244.0829, Found: [M+H]+ = 244.0835
General Method for Synthesis of 2-phenoxypyridines
2-Bromopyridine (1 eq.) and the desired phenol (1.5 eq.) were suspended in dry DMF
(~4 mL) in a microwave vial. Copper powder (10%) , and Cs2CO3 (3 eq.) were added and the
system was covered with a septum and purged with argon. After sufficient purging the septum
was removed and the microwave vial cap was snapped on, shaken for 10 s then put in the
microwave reactor. The reaction was run by ramping up the temperature setting to 100 °C over
2 minutes then maintaining this temperature for 10 minutes, the power setting was held at 60 W.
The reaction was then cooled to room temperature and diluted with CH2Cl2 (25 mL). The
organic phase was then washed with 1 M NaOH (60 mL) and then 100 mL water, dried over
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Na2SO4, decanted and concentrated in vacuo. The crude product was then separated via silica
gel chromatography using (10:2 Hex:EtOAc) to yield the desired 2-phenoxypyridine.
2-Phenoxypyridine (35)
Compound 35 was synthesized using 155 μL (1.6 mmol) of 2-bromopyridine, 0.23 g (2.4
mmol) of phenol, 1.5 g (4.6 mmol) of Cs2CO3 and 10mg of Cu(s) powder in 4 mL of dry DMF.
The general procedure outlined above was followed yielding 0.273 g (100%). 1H NMR (300
MHz, CDCl3): δ = 8.11 (d, 3J= 5.0 Hz, 1H), 7.57 (td, 3J = 7.2 Hz, 5J = 2.0 Hz, 1H), 7.31 (app. t, 3J
= 6.2 Hz, 2H), 7.28 – 7.03 (m, 3H), 6.88 (t, 3J = 5.9 Hz, 1H), 6.79 (d, 3J = 8.3 Hz, 1H).

13

C

NMR(151 MHz, d6-CDCl3): δ =163.7, 154.11, 147.75, 139.37, 129.7, 124.6, 121.1, 118.4, 111.5
2-(4-Chlorophenoxy)pyridine (36)
Compound 36 was synthesized using 155 μL (1.6 mmol) of 2-bromopyridine, 0.31 g (2.4
mmol) of 4-chlorophenol, 1.5 g (4.6 mmol) of Cs2CO3 and 10mg of Cu(s) powder in 4 mL of dry
DMF. The general procedure outlined above was followed yielding 0.204 g (62%). 1H NMR (300
MHz, CDCl3): δ = 8.07 (d, 3J = 4.4 Hz, 1H), 7.56 (td, 3J = 7.2 Hz, 5J = 2.0 Hz, 1H), 7.23 (d, 3J =
6.7 Hz, 2H), 6.98 (d, 3J = 5.9 Hz, 2H), 6.86 (t, 3J = 7.2 Hz, 1H), 6.79 (d, 3J= 8.3 Hz, 1H).

13

C

NMR (151 MHz, CDCl3): δ = 163.3, 152.6, 147.6, 129.9, 129.8, 122.6, 118.7, 111.6.
2-(2,4-Dichlorophenoxy)pyridine (37)
Compound 37 was synthesized using 155 μL (1.6 mmol) of 2-bromopyridine, 0.39 g (2.4
mmol) of 2,4-dichlorophenol, 1.5 g (4.6 mmol) of Cs2CO3 and 10 mg of Cu(s) powder in 4 mL of
dry DMF. The general procedure outlined above was followed yielding 0.157 g (41%). 1H NMR
(300MHz, CDCl3): δ =8.15 (d, 3J= 4.9 Hz, 1H), 7.74 (td, 3J = 7.2 Hz, 5J = 2.0 Hz, 1H), 7.49 (d, 5J
= 2.5 Hz, 1H), 7.30 (dd, 3J = 8.6 Hz, 5J = 2.5 Hz 1H), 7.17 (d, 3J = 8.7 Hz, 1H), 7.05 – 7.00 (m,
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2H).

13

C NMR (151 MHz, CDCl3): δ = 162.6, 148.5, 147.4, 139.6, 130.7, 130.3, 128.2, 128.0,

124.7, 118.8, 111.1.
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Chapter 3.
Inclusion of an O-Linked Phenolic Adduct Within
Duplex DNA
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3.0.1 Purpose of Study

Studying the properties of DNA nucleoside adducts is important to uncover possible
utility towards the design of novel materials or functional DNA strands. Furthermore, study on
the nucleoside level can provide insight into the mechanism of toxicity for adduct forming toxins
as discussed earlier in Chapter 2. Therein the hydrolytic stability of phenolic O-linked adducts
was established. Study of the corresponding nucleoside adducts within the duplex environment
could allow for a greater understanding of the toxicological impact of phenols. It is known that
C8-adduct induced toxicity can also arise due to perturbation of the helix by persistent lesions.
For this reason it was highly desirable to include a O-linked phenolic C8-dG adduct into a DNA
strand in order to understand how detrimental it is to the duplex structure. In order to accomplish
this, phosphoramidite synthesis was employed which allowed the inclusion of the desired
modified base into duplex DNA through the employment of solid phase DNA synthesis. The
base chosen to be incorporated into DNA was the 4-fluorophenol adduct. Selection of this
adduct was made because it is the smallest and simplest of the phenolic series, with the
exception of the fluorine atom which was added for conformational diagnosis. Following the
synthesis of the desired strands the impact on the DNA duplex was assessed by circular
dichroism (CD), thermal melting analysis (Tm) and 19F NMR.
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3.1 Introduction
3.1.1 DNA Structure

A basic outline of DNA structure is provided in the general introduction in Section 1.1.1.
For the purpose of this chapter, greater coverage of DNA structure is required. As discussed,
DNA consists of a sugar-phosphate backbone on which the 4 nucleobases are stacked (A, T, C,
G). Hydrogen bonding interactions hold the two complementary strands of DNA together, these
being G•C and A•T. The G•C base pair consists of three hydrogen bonds and possesses a
binding enthalpy of 21 kcal/mol, while the A•T base pair makes two hydrogen bonding
interactions which possesses a binding enthalpy of 14 kcal/mol, this disparity in binding enthalpy
makes G•C rich duplexes significantly more stable than A•T rich duplexes. 1 In addition to base
pairing, the aromatic nature of the DNA bases allows for π stacking between adjacent bases,
this makes the interior of the helix hydrophobic while the exterior is hydrophilic. The hydrophilic
nature of the exterior of the helix is due to the solvent exposed phosphate groups within the
backbone which carry a negative charge a physiological pH.2
Despite the classical perception of DNA as a highly ordered double helix, the DNA
template possesses a significant degree of flexibility.2 Due to their sp2 hybridization, the DNA
bases are inherently planar, however the base pairs are relatively flexible. A number of
rotational and translational parameters have be devised to describe the dynamic behaviour of
the base pairs. These include: propeller twist, buckle, inclination, x & y displacements, helical
twist, roll, and slide.3 These conventions will not be explained in detail in this dissertation, but
were included to provide perspective on the flexible nature of the base pairs. In addition,
depending on the sequence of nucleic acids, the DNA backbone also possesses considerable
flexibility whereby furanose puckering conformations allow the DNA to form the lowest energy
helix (often C2'-endo or C3'-endo). Changes to the backbone by the puckering of the sugar in
conjunction with other factors such as helix hydration and nucleotide sequence can result in
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global conformational changes which give rise to the major isoforms of DNA: B-DNA and ADNA, depicted in Figure 3-1.

Figure 3-1. Structure of a typical B-form helix (left) 5'd(CGCAAAAAAGCG)3' + complementary;4
an A-form helix (right) 5'd(CATGGGCCCATG)3' + complementary.5

B-DNA is the most prevalent of the isoforms.6 It is right-handed, formed in high humidity
(>92%), possesses anti glycosidic bond angles and C2'-endo furanose puckers. A-DNA is the
constituent isoform of RNA,7 it is also right-handed, formed in lower humidity (65% - 75%),
possesses anti glycosidic bond angles and C3'-endo furanose puckers.2 Altering the humidity
can interconvert these two isoforms.8 Given the scope of this project it is also important to note
that B-DNA is the most flexible of the common DNA structures.9 Flexibility within the duplex
structure can occur at a number of sites; defined sites of rotation for a nucleotide within the
duplex are given in Figure 3-2.
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Figure 3-2. Torsional angles for a nucleotide within the DNA duplex. Reproduced from [2].

It is evident from Figure 3-2 that the majority of torsional flexibility within the duplex
occurs within the backbone. The depicted sites are not freely rotatable however, each backbone
angle is restricted to a discrete range of rotation.9 The largest degree of rotational freedom is
commonly found for the δ and χ torsional angles.10 The δ angle determines the conformation of
the furanose (C2'-endo vs. C3'-endo), and is highly dependent on the glycosidic angle, χ.2,9,10
The glycosidic angle χ, is defined in terms of the four atoms, O4'-C1'-N9-C4 for purines. The
glycosidic angle possesses two low-energy domains: syn (0 < χ < 90°) and anti (180 < χ <
240°).2 The energy barrier for interconversion between the two lowest energy conformations is
different for each DNA base, guanine possesses the lowest energy barrier between the
favoured anti conformation and the syn conformation, this is due to secondary interactions with
the O5' as well as the 5' phosphate.
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Figure 3-3. Conformational equilibrium between anti C3'-endo, and syn C2'-endo for 2'deoxyguanosine. Depicted also are the Watson-Crick and Hoogsteen H-bonding faces.

The favourability of the syn conformation amongst guanine rich DNA strands is prevalent
in alternative structures such as Z-DNA11 and G-quadruplexes.12 Z-DNA is a left-handed variant
of DNA which forms in sequences of repeating units of purine•pyrimidine bases, typically G•C.
In this isoform, the purine bases are in a syn conformation while the pyrimidines remain anti; all
hydrogen bonding interactions remain in the standard Watson-Crick fashion despite the
conformational variability.11 Guanine quadruplexes also possess syn glycosidic angles. Gquadruplexes are four-stranded helical motifs composed entirely of guanine bases coordinated
around a metal cation, typically K+, but sometimes Na+. Each step is composed of four dG
residues, two of which are in the anti conformation while the remaining two are in the syn
conformation. There are eight hydrogen bonds on each step existing between the Hoogsteen
face of one dG residue to the Watson-Crick face of the adjacent dG residue.13 Hoogsteen
hydrogen bonding interactions of this type have been observed in G•G mismatched duplexes as
well, where one of the mismatched bases is in the anti conformation and the opposing guanine
in the syn conformation.14 Figure 3-4 depicts a Hoogsteen base-pairing interaction between two
guanine residues.
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Figure 3-4. Hoogsteen hydrogen bonding interaction between a G•G mismatch

3.1.3 Tools for Studying DNA Structure

When duplex DNA is heated to high temperatures, the two complementary strands
unwind or denature. Upon cooling, the two strands will "match up" with their complementary
sequences and subsequently rewind, or renature to form the double helix. The higher the
temperature of renaturation/denaturation, the more stable the DNA duplex is. Thermal melting
(Tm) analysis gives a quantification of the stability of the helix by exploitation of this property. Tm
values are determined by slowly heating the duplex in solution while monitoring the UV
absorbance at 260 nm. Upon the separation (melting) of the two DNA strands, the absorbance
at 260 nm increases, this is known as the hyperchromic effect.15 This results in a sigmoidal
curve, with the point of inflection corresponding to the Tm value. This method of characterization
is necessary for all modified duplexes as a means of comparison to their unmodified
counterparts, resulting in the quantification of the duplex stability, this is quoted as a ΔTm.
Enhanced helix stability or decreased helix stability can result depending on the nature of the
modification.16,17
Another method integral to the characterization of a DNA duplex is circular dichroism
(CD). CD involves the irradiation of a chiral macromolecule (for all purposes in this dissertation,
DNA) with circularly polarized light. The differential absorbance between left and right circularly
polarized light is called CD and results in positive and negative absorbance bands in the CD
spectrum typically between 190 - 300 nm.7 CD analysis of DNA provides a reliable
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determination of the global conformation of DNA when compared to reference samples. The
detail of a CD analysis is not at the level of 1H NMR structural analysis or X-ray crystallography,
however CD holds distinct advantages over these techniques. These being: the ease of CD
measurements, the nondestructive nature of analysis, the requirement of relatively small
amounts material (25 μg), and the ability to study long expanses of DNA. 7,18 CD measurements
have been used to characterized many of the possible DNA substructures and motifs, these
include: G-quadruplexes,19 triplexes,20 hairpins,21 as well as the more common A-, B-, and Zform isoforms of DNA.18 These structures have all been shown to induce characteristic CD
absorbance patterns. Figure 3-5 shows cartoon depictions of typical A-, and B-form CD spectra.
A-form possesses a dominant positive CD band at 260 nm, but also a smaller negative CD band
at 210 nm. B-form DNA possesses a broad positive band typically from 260 - 280 nm as well as
a negative band at 245 nm. Whereas Z-form DNA (not depicted in Figure 3-5) which was
discovered through CD analysis typically possesses a negative band around 290 nm, a positive
band around 260 - 280 nm, and another deep negative band at ~205 nm.7,22

Figure 3-5. Characteristic CD specta for Bhttp://homepage.univie.ac.at/johannes.winkler/cd.html.
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As mentioned, 1H NMR provides a large amount of structural detail for DNA duplexes,
modified and unmodified.23,24 However the use of 1H NMR is not within the scope of this project.
The study of modified nucleoside conformations within the DNA structure have also been
probed employing

19

F NMR following the inclusion of a fluorine atom onto the modified base to

be studied.25-27 This method provides a window into the local DNA structure of the modified base
by analysis of the chemical shift of the lone fluorine atom within the helix. Proton decoupled

19

F

NMR renders single resonances for each conformation present in solution depending on the
local environment around the fluorine nucleus (whether it is on the interior of the helix or the
exterior of the helix). The conformational heterogeneity of the local duplex environment for the
given fluorinated base can then be probed by comparing peak areas.28 This method of
conformational analysis has been employed to determine the conformational heterogeneity of
many arylamine DNA adducts. It was found to render agreeable data with previous 1H NMR
structural studies performed on the same lesions.24,27
3.1.4 C8 Modified Guanine Conformations

Modification of dG at the C8 position is known to affect the barrier between the syn and
anti conformation for the free nucleoside and within the DNA duplex.29,30 Often, the modification
at the C8 site of 2'-deoxyguanosine results in the favourability of the syn conformation.31,32
Computational analyses for a class of C8-aryl-dG adducts performed by Wetmore showed at
minimum a ~25 KJ/mol preference for the syn conformer for all nucleoside adducts studied.33
This preference was rationalized due to the steric bulk of the adducted moiety as well as and
intermolecular hydrogen bond between 5'O--H--N3, depicted in Figure 3-6.34,35
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Figure 3-6. Conformational preference of 8-phenyl-2'-deoxyguanosine (Ph-dG)

Within the duplex, the syn/anti equilibrium becomes more complicated and results in
three major conformations which exist in equilibrium,29,36,37 which are a product of the complexity
of the duplex environment. Factors affecting conformations include: the stability of the WatsonCrick H-bonding interaction vs. possible Hoogsteen H-bonding,34 as well as the π stacking
ability of the adducted moiety,27 which is a factor of its size and planarity.36
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There has been a great deal of research into conformational heterogeneity for the Nlinked class of C8-dG adducts, specifically for the carcinogens 2-(acetylamino)fluorene (AAF-dG,
38), 2-aminofluorene (AF-dG, 39), and 1-aminopyrene (AP-dG, 40) which result in formation of
the adducts shown above.38 Three main conformations were found to arise for C8-arylamine dG
adducts within the duplex. These have been characterized by fluorescence,39 1H NMR,38
crystallographic analysis,40

19

F NMR,27 as well as circular dichroism.37 The first, and least

perturbing conformation is the "B-type" (B) in which the modified guanine residue retains its anti
conformation as well as its Watson-Crick hydrogen bonding interaction with the opposing
strand; the adducted moiety is projected into the major groove and exposed to the aqueous
environment. The second has been termed a base displaced "stacked" (S) conformer, in this
the conformation modified guanine residue is in the syn orientation, the Watson-Crick hydrogen
bonding interaction is ruptured with the Watson-Crick face of the guanine residing in the major
groove. The adducted moiety is flipped into the interior of the helix in guanine's place, the
opposing base is flipped out of the helix, and the modification stacks with neighbouring bases.
The third conformation is the "wedge" (W) and typically arises when the modified guanine is
mispaired opposite another purine base.41 The modified base adopts a syn conformation
however the guanine portion remains stacked within the helix and the adducted moiety flips into
the minor groove. Studies on a variety of lesions have shown that adducts are capable of
forming more than one conformer, as conversion between conformations while within the duplex
can occur. The three conformers are depicted in Figure 3-7 for ease of understanding.
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Figure 3-7. Depictions of the three major conformers of N-linked arylamine deoxyguanosine
adducts as interpreted from MD simulations from [38]. Shown adduct is AF-dG.

The factors affecting the ratio between each conformer are many. Shapiro et al. studied
the effects of ring size on the conformational equilibrium for N-linked aromatic adducts; to
accomplish this, C8 modifications employing N-linked aniline (AN-dG), aminofluorene (AF-dG,
39) and aminopyrene (AP-dG, 40) were used and inserted into a variety of sequences and
studied by

1

H NMR supplemented with computational analyses.36 This resulted in a B

conformation taken up by the AN-dG modified duplex, while the AP-dG showed almost
exclusively the S conformer, with small amounts of W. However the AF-dG modified duplex,
showed all three conformations; B,W, and S, with the majority (70%) existing as the S
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conformer. Larger, increasingly planar ring systems showed a preference for the stacked,
intercalated conformation. A simplified conformational analysis using

19

F NMR with fluorinated

substrates was first used by Zhou and coworkers.27 Therein he studied the conformational
heterogeneity of

C8 fluoroaminophenyl modified dG (FAF-dG) and C8 fluoroaminobiphenyl

modified dG (FABP-dG); which is essentially FAF without the methylene linker to hold the
phenyl rings planar relative to one another. The result showed the exclusive formation of the B
conformer for the freely rotatable FABP-dG, while the FAF-dG showed a 55:45, S:B ratio. This
was found to agree well with previous 1H NMR structural studies for the specified sequence,
validating the

19

F NMR method of conformational analysis.24 Cho et al. published an in depth

analysis of the conformers of FAAF-dG based on 19F NMR resonances within a dodecamer and
uncovered a conformational preference of 5:65:30 (B:S:W) with two cytosines flanking the
modified base, and 5:30:65 with a thymine and adenosine flanking the lesion.28 This analysis
showed that base sequence also impacts the conformational preferences for this class of
adducts.
While there has been a large focus on the conformations of N-linked adducts, C-linked
adducts have also been studied and predicted to form the same structures as those mentioned
above.29,31,42,43 Molecular dynamics simulations carried out by the Wetmore laboratory
concluded that syn and anti structures of both ortho and para C-linked phenolic adducts were
similar in energy, thus more than one conformation within the DNA strand was expected. 29 In
addition, circular dichroism data from C8-aryl adducts studied showed regular B-form DNA for
ortho and para phenol adducts, however the 8-benzothiophenyl-dG adduct produced an
induced CD band which was interpreted as the syn, S structure.44 Further investigation into
oligonucleotide conformations of phenolic-, furanyl-, and benzothiophenyl-dG modified duplexes
rendered conformation dependence on the opposing base. C8-aryl adducts incorporated
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opposite the correctly paired C were found to prefer anti B-type structures, while base pairing to
a mismatched G rendered primarily W structures.17,43
3.1.5 Toxicological Relevance of C8 Adducts

The sensitivity of the conformation of C8 adducts to adduct structure, flanking
sequences, and opposing bases demonstrates the accommodative flexibility of DNA as well as
the unpredictable impact of toxins on the local DNA structure. Exemplifying this is the wide
range of toxicity that structurally similar aromatic amines possess. 45 The reason for this range in
toxicity has been rationalized by the uptake of promutagenic vs. nonmutagenic conformers by
the resulting DNA adducts. The promutagenic conformations of C8 aryl-amine adducts are
believed to be the syn conformations (S, W) as it has been observed that relative mutagenicity
parallels the conformational preference for these structures.38 Specifically, this is supported
when comparing AAF modified duplexes (exclusively syn) which form frameshift mutations, to
AF modified duplexes (heterogeneous, syn/anti) which generally do not, and rather result in G
→ T transversions.40 Base substitutions of this type often result upon stabilization of a G•A
mismatch; AF is known to stabilize this through the exclusive uptake of the W conformer which
arises when it is mispaired with A.46 AF-dG has also been hypothesized to produce G→C
transversions through the stabilization of the G•G mismatch in the same manner.38 Alternatively,
frameshift mutations can result because of the bulge stabilization by base displaced S
structures.
Polymerase studies have rendered sequences which are more susceptible to producing
frameshift mutations.47 The hexanucleotide 5'-G1G2CG3CC-3' which forms the recognition
sequence of the NarI type II restriction endonuclease is one such location. This sequence is
called the "NarI" recognition sequence which is derived from the name of the bacteria which
carries this gene, Nocardia aregentinesis.48 NarI contains a GC repeat that is prone to
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spontaneous and induced frameshift mutations. Mutations of this type may be important
contributors to human cancers. Modification at the C8 position of the G3 guanine by bulky
arylamines is known to induce -2 frameshift mutations.49,50 This phenomenon has been
explained using the slippage model first developed by Streisinger.51

Scheme 3-1
Scheme 3-1 presents the findings of Rizzo when the NarI sequence modified at G3 by
the bulky arylamine IQ was subjected to polymerase extenstion studies by the prokaryotic
polymerase, pol II-. Replication was found to proceed normally until the modified base was
encountered; a normally paired base was then incorporated opposite, however because this
base could then normally base-pair with the adjacent G two bases removed from the lesion in
the 5' direction, a slippage occured. This misalignment of base pairing can happen in regions of
base repeats and is stabilized by the bulky adduct IQ, thus making it favourable. IQ forms an S
conformation which allows for stabilization of the bulged out sequence upon slippage.48 This
results in a net loss of two base pairs from the replicated strand producing a -2 frameshift. The
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propensity of N-linked arylamine adducts to form -2 frameshift mutations has been shown to
correlate with their conformational preference for the S conformation.16,40,49,50,52 In order to test
the ability of an adduct to form frameshift mutations, hybridization to the resulting slipped
sequence has been used in order to determine whether a particular adduct can stabilize bulge
formation.16
3.1.6 Solid Phase DNA Synthesis

The advent of solid phase oligonucleotide synthesis had a major impact in the field of
nucleic acid chemistry and molecular biology, providing the tools necessary to create custom
strands of DNA. Originally, Merrifield devised the method of sequential coupling of peptides
anchored to a solid support;53 Merrifield would eventually win the Nobel Prize for Chemistry in
1984 for this development. This technique was thereafter adapted to oligonucleotides.54 This
opened the door for the production of fully customizable sequences of DNA containing modified
bases or modified backbones. The majority of oligonucleotides are now synthesized in this
manner; using the phosphoramidite technique. The phosphoramidite technique employs the
differential protection of the 5'OH and 3'OH group on each individual base so as to allow their
selective deprotection and directed reactivity to the desired terminus of the growing
oligonucleotide strand. The 5'OH is protected by 4,4-dimethoxytriityl (DMT), the exocyclic amine
(N2) is protected by dimethylformamide, and the 3'OH is protected by β-cyanoethyl
phosphoramidite. Below is a fully protected deoxyguanosine phosphoramidite (41).
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The solid support which the strand is anchored to throughout the synthetic cycle is
typically composed of borosilicate glass and is purchased with the desired starting nucleotide
attached through a succinyl linker to the 3'O group, with the 5'O protected with the
dimethoxytrityl (DMT) group. The first reaction in the cycle is the deprotection of the DMT group
by treatment with dichloroacetic acid (DCA) to afford the free 5'OH. Next, the phosphoramidite
of the desired nucleotide is added, and subsequently treated with tetrazole to catalyze the
condensation between the 3'-β-cyanoethylphosphoramidite of the incoming nucleoside with the
free 5'OH of the nucleoside anchored to the solid support. Following this is a capping step to
deactivate any unreacted 5'OH, this is accomplished by treatment with acetic anhydride
resulting in 5'OAc protection of any unreacted strands. In order to afford the desired phosphate
linkage, the phosphite ester must then be oxidized, which is accomplished with treatment by a
mixture of iodine, water and pyridine. The cycle is then continued by deprotecting the second
base at the 5'O by treatment with DCA followed by the addition of the next desired base. This
cycle is repeated the desired number of times with typical yields of 95-99% for each subsequent
coupling; sequences in excess of 100 bases can be prepared. Following the synthesis of the
strand, the bead is treated with concentrated aqueous ammonium hydroxide to hydrolyze the
linker, remove the amine protecting groups, and remove the β-cyanoethyl group from the
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phosphate to yield the desired strand.55 Scheme 3-2 depicts the cycle for the assembly of
oligonucleotides via solid phase synthesis.

Scheme 3-2
Using this method of solid phase synthesis, a C8 modified O-linked phenolic
deoxyguanosine adduct was incorporated into the NarI recognition sequence in order to study
the effect on duplex stability and conformation. Discerning the properties of the phenolic lesion
within the DNA duplex could give insights into potential roots of phenolic toxicity.
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3.2 Results and Discussion
3.2.1 Synthesis

To study the impact of a C8 O-linked phenolic adduct on duplex stability and nucleotide
conformation, the adduct 4F-Ph-O-dG (22) was incorporated into the NarI recognition sequence
using solid phase oligonucleotide synthesis. To do this, the fully protected phosphoramidite was
synthesized. Synthetic steps to afford 4F-Ph-O-dG are given in Section 2.2.1. Subsequently,
three reactions depicted in Scheme 3-3 provided the phosphoramidite (44).

Scheme 3-3
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The DMF protection of the N2 exocyclic amine and the DMT protection of the O5 hydroxyl
group were achieved using published procedures.56 Protection of the O3 hydroxyl group with the
β-cyanoethylphosphoramidite was achieved using an adapted method of purification. Past
practice after the reaction was completed involved the reduction of the solvent in vacuo with
subsequent column chromatography. Results were mixed, the main difficulty being the
acquisition of a pure

31

P NMR spectrum as oxidation from phosphite to phosphate occurs upon

exposure to air. This is characterized by a peak ~14 ppm for the oxidized phosphate, while the
desired reactive phosphite provides peaks at ~147 and 148 for the diastereometric mixture. In
an attempt to try to increase the ease of purification, a procedure adapted from the literature
was employed.57 As opposed to purifying the amidite using column chromatography, following
the reaction the organic layer was washed with 5% HCO3-(aq), dried over Na2SO4 then
recrystallized by the slow addition of the amidite in CH2Cl2 to hexanes at -78 °C with vigorous
stirring. The solid amidite was then isolated by filtration. This procedure was found to yield the
amidite 44 in good yield without the use of column chromatography.
3.2.2 Oligonucleotide Synthesis and Purification

Recall, the twelve base sequence (12mer) containing the NarI recognition sequence
modified at the G3 position was the target oligonucleotide; denoted NarI(F), and depicted in
Figure 3-7. The synthesis of which was carried out as described in Section 3.1.6 using the
phosphoramidite method which is described in Section 3.4.8. The DNA synthesizer was
operated and optimized by Michael Sproviero of the Manderville laboratory at the University of
Guelph.
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Figure 3-8. 12mer containing the NarI recognition sequence modified by an O-linked 4-fluorophenoxy group at the C8 carbon of the G3 guanine.
In order to obtain the full length 12mer, the desired DNA strand was submitted to 11
coupling steps. Although each coupling was carried out in high yield (95-99%), there exists
truncated sequences at each step. In order to purify the desired full-length 12mer from the
synthesized mixture, reversed phase HPLC was used as described in Section 3.4.4. The crude
HPLC trace of the synthesized NarI(F) is given in Figure 3-8.
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Figure 3-9. Reverse phase HPLC trace of the reaction mixture following solid phase synthesis
of the NarI(F) 12mer. Mobile phase composition: 95% TEAA: 5% ACN, with an increasing
gradient of 30% TEAA: 70% ACN for elution.
Following HPLC purification, the collected peak was then lyophilized to dryness and
analyzed by electrospray ionization mass spectrometry (ESI-MS) as described in Section 3.4.6.
The resulting mass spectrum yielded the typical cluster of multiply charged peaks for the DNA
strand. Figure 3-10 shows the mass spectrum, the results of which are given in Table 3-1.
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Figure 3-10. Mass spectrum of NarI(F) obtained by ESI MS operated in the negative mode.

Table 3-1. Calculated yield and ESI-MS Analysis of NarI(F)
DNA Strand
NarI(F)

product formula
C120H150N42O72P11F

yield
(%)
31

clusters, m/z (ESI−)

calcd
mass(a)
3691.6

(a) Monoisotopic mass of most abundant isotopologue; assumes one

[M - 5H]5- = 737.1
[M - 6H]6- = 614.1
[M - 7H]7- = 526.3
[M - 8H]8- = 460.5
13

mass
found(b)
3690.5
3690.6
3691.1
3692.0

C isotope. (b) Measure from mass spectrum.

Following characterization, the purified DNA strand was quantified as outlined in Section
3.4.5. Employment of Beer's law calculated 0.31 μmol of NarI(F), from a 1 μmol scale coupling
sequence affording a 31% yield of the modified oligonucleotide.
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3.2.3 Thermal Melting Analysis of Modified Duplexes

Intuitively, in order to study duplex structure and stability the synthesized modified strand
must be annealed to a complementary DNA strand. Selection of the complementary strands
was done in order to gain the most information on a toxicological and conformational level. The
four strands chosen to be incorporated complementary to NarI(F) were the natural complement
strand with C opposite the modified base, NarI'(C); the complementary strand with G opposite
the modified base, NarI'(G); the complementary strand with an abasic site opposite the modified
base, NarI'(THF); and the complementary 10 base sequence, NarI'(10mer).

Figure 3-11. Sequences selected for duplex formation. NarI unmodified and NarI(F) were
hybridized to each complementary strand to form 8 different helicies.

Selection of NarI'(G) was done to probe the ability of the adduct to stabilize a
mismatched pair. Recall, mismatch stabilization can lead to base transversions for the N-linked
class of adducts.46 Selection of NarI'(10mer) was to simulate the formation of the slippage
product which results from a -2 frameshift mutation for N-linked arylamine adducts. Stabilization
of the bulge resulting from the slipped base pairing would indicate the ability of the adduct to
induce a frameshift mutation. Selection of NarI'(THF) was to probe the ability of the modification
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to uptake a base displaced S structure. With the lack of a Watson - Crick base pair, any
stabilization of the abasic site duplex relative to the unmodified duplex would be attributed to
favourable stacking of the adducted moiety within the DNA helix. The Tm values were obtained
at a concentration of 6 μM by heating a 1:1 mixture of both complementary strands to 90 °C,
followed by slow cooling to 10 °C while monitoring absorbance at 260 nm. This is outlined in
detail in Section 3.4.3. Figure 3-12 shows the thermal melting curve of the unmodified
NarI:NarI'(C) overlaid with the modified NarI(F):NarI'(C). Presented in Table 3-2 are the Tm

Normalized Absorbance (A.U)

values obtained for all eight duplexes studied.

1.8
1.75
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Figure 3-12. Thermal melting spectra of NarI:NarI'(C) (solid line) and NarI(F):NarI'(C) (dashed
line). Spectra were recorded in 50 mM Na2HPO4, pH 7, with 100 mM NaCl using a 1:1
equivalency of each strand at 6 μM. Absorbance was monitored at 260 nm with a heating /
cooling rate of 1 °C/min.
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Table 3-2. Tm data for the 4F-Ph-O-dG modified duplexes as well as their unmodified
counterparts.
Duplex
NarI : NarI'(C)
NarI : NarI'(G)
NarI : NarI'(10mer)
NarI : NarI'(THF)
NarI(F) : NarI'(C)
NarI(F) : NarI'(G)
NarI(F) : NarI'(10mer)
NarI(F) : NarI'(THF)

Tm (oC)
63.6 ± 1.0
54.0 ± 1.9
39.4 ± 1.1
45.7 ± 1.2
53.8 ± 1.7
52.7 ± 1.5
38.5 ± 1.8
44.9 ± 1.2

ΔTm
−
−
−
−
−9.8
−1.2
−0.9
−0.8

Analysis of the Tm data given in Table 3-2 shows a universal destabilization (ΔTm = -0.8
to -9.8 °C) of all modified duplexes as compared to the unmodified counterparts. NarI(F)
hybridized with the complementary strand containing the normally base-paired C opposite
(NarI'(C)) showed the only significant destabilization possessing a ΔTm = -9.8 °C from the
unmodified strand. NarI(F) hybridized to the complement strand containing a G opposite
(NarI'(G)) showed a small destabilization, ΔTm = -1.2 °C, however this was within the error range
of the Tm (± 1.5 °C). NarI(F) hybridized to the complement strand containing the ten base bulge
producing sequence also showed very little destabilization, ΔTm = -0.9 °C, which was also within
the error range of the Tm (± 1.8 °C). Finally, NarI(F) hybridized to the complement strand
containing an abasic site opposite showed the smallest destabilization ΔTm = -0.8 °C, which was
once again within the error range of the Tm value (± 1.2 °C). Due to the destabilization of the
three abnormally paired strands falling within the experimental errors determined, these strands
cannot be considered unstable relative to their unmodified counterparts. Therefore the adduct
does not play a significant role in the stability of duplexes hybridized with complement G, 10mer,
or THF. The only destabilization which occurred was in the normally paired duplex, complement
C (NarI(F):NarI'(C)).
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Thermal melting values of the structurally similar C8-aniline-dG (AN-dG) adduct regularly
base paired with C rendered a ΔTm = -5.3 °C as compared to the unmodified strand. Relative to
the Tm of the unmodified duplex, this was a destabilization of 10%.58 Incorporation of the same
AN-dG adduct into a different duplex sequence also maintaining a regular base-pairing C
opposite rendered a ΔTm = -7.0 °C, which was a destabiliation of 16% when compared to the
unmodified strand.59 Structurally similar C-linked adducts C8-furyl-dG and C8-phenyl-dG
incorporated into duplexes containing normally base paired C opposite afforded ΔTm values of 9.1 °C17 and -13 °C44 respectively. Relative to the unmodified counterparts these adducts
exhibited destabilizations of 30% for phenyl-dG and 16% for furyl-dG. The 4-F-Ph-O-dG adduct
presented herein possessed a ΔTm = -9.8°C which equates to a relative destabilization of 15%,
which is comparable with the structurally similar carbon and nitrogen linked adducts presented.
3.2.4 Circular Dichroism Analysis

Circular dichorism spectra of NarI(F) hybridized with each of the four complementary
strands are shown in Figure 3-13. The CD spectra of the unmodified NarI hybridized with each
of the complementary strands excluding NarI'(THF) were also obtained and are shown in the
appendix Figure A-2. CD spectra were acquired in 50 mM Na2HPO4, 100 mM NaCl, pH 7, at a
concentration of 6 μM at 10 °C. The CD spectra were taken following the thermal melting
analysis of each hybrid, in order to confirm duplex formation prior to taking measurements.

97

3

a)

2
1
0
-1

200

225

250

275

300

-2
-3

Molar ellipticity (ϴ)

Molar ellipticity (ϴ)

3

c)

1
0
200

225

250

275

300

Molar ellipticity (ϴ)

Molar ellipticity (ϴ)

1
0
-1

200

225

250

275

300

-2
Wavelength (nm)

3

2

d)

2
1
0

-1

200

225

250

275

300

-2

-2
-3

2

-3

Wavelength (nm)

3

-1

b)

Wavelength (nm)

-3

Wavelength (nm)

Figure 3-13. CD spectra of the 4-fluorophenoxy-G modified oligonucleotide NarI(F) hybridized
to the complementary strand a) NarI'(C), b) NarI'(G), c) NarI'(10mer) or d) NarI'(THF). Spectra
were recorded at 10 °C in 50 mM Na2HPO4, 100 mM NaCl, pH 7, at a concentration of 6 μM
with 1 eq. of each strand.

In all cases the global DNA structure is that of a B-form helix. This is characterized by
the roughly equal positive and negative CD bands at ~275 nm and ~240 nm respectively with a
crossover at ~260 nm.7 The lack of an induced circular dichroism band (ICD) rendered the CD
spectra very similar. However, upon comparison to the unmodified strands it was clear that the
4F-Ph-O-dG lesion within NarI(F):NarI'(C) and NarI(F):NarI'(G) exhibited distinctly different
effects on the duplex structure. Figure 3-14 shows an overlay of NarI(F):NarI'(C) and
NarI(F):NarI'(G) with their unmodified counterparts.
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Figure 3-14. CD spectra of the unmodified oligonucleotide NarI (solid line) overlaid with the CD
spectra of the 4-fluorophenoxy-G modified oligonucleotide NarI(F) (dashed line) hybridized to
the complementary strands a) NarI'(C), b) NarI'(G). Spectra were recorded at 10 °C in 50 mM
Na2HPO4, 100 mM NaCl, pH 7, at a concentration of 6 μM with 1 eq. of each strand.

Comparing the CD spectra for NarI(F)/NarI hybridized to NarI'(C) a significant decrease
in the positive CD band at 275 nm is observed for the modified duplex. Globally, this type of
spectral change has been observed during the denaturation of DNA,18 but also in conditions
which induce an increase in the winding angle of the DNA resulting in a more coiled helix, with
slightly less base pairs per turn and retention of the global structure and backbone
conformation.60,61 Conversely, the CD spectra with NarI(F)/NarI hybridized to NarI'(G) showed
no distinct change between the modified and unmodified duplexes. This type of CD behaviour
can be interpreted as the retention of the global and local DNA structure at the site of the lesion
between modified and unmodified helicies.
3.2.5 19F NMR

In order to gain insight into the conformation of the 4F-Ph-O-dG adduct at the G3 position
of the NarI recognition sequence, 19F NMR studies were performed on both NarI(F):NarI'(C) and
NarI(F):NarI'(G). Samples for NMR study were made in a D2O shigemi tube as concentrated as
possible given the amount of NarI(F) synthesized. Samples were made in a 1:1 ratio of
NarI(F):NarI'(C/G) to a concentration of ~500 μM in 50 mM Na2HPO4, 100 mM NaCl, pH 7 in
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100% D2O. The solutions were then heated and allowed to slowly cool to allow for annealing of
the two strands, followed by data acquisition. The NMR experiments were carried out as
outlined in Section 3.4.7 at temperatures of 25, 35, 45, 55, and 60 °C with proton decoupling to
characterize the duplex to single strand transition as previously implemented by Cho for Nlinked arylamine adducts.27,28,37 Figure 3-15 provides the resulting

19

F NMR resonances

obtained for the duplex structures.

a)

b)

SS, 25 °C
60 °C
55 °C
45 °C
35 °C
25 °C

ppm

Figure 3-15. Temperature dependent 19F NMR resonances for the 4F-Ph-O-dG modified
oligonucleotide NarI(F) hybridized to its complementary strand a) NarI'(G) or b) NarI'(C). 19F
spectra were obtained with proton decoupling in 50 mM Na2HPO4, 100 mM NaCl, pH 7 in D2O
at a concentration of ~500 μM with 1 eq. of each strand. SS = single strand.

The

19

F NMR spectra obtained for NarI(F):NarI'(C) and NarI(F):NarI'(G) rendered

19

F

resonances in the range typical for C8 modified DNA. Each showed a single resonance at 25 °C
which is indicative of the uptake of a single conformation of the modified base within the duplex
environment. Interestingly, the

19

F resonances for NarI(F):NarI'(C) and NarI(F):NarI'(G) are at

-117.5 and -116.3 ppm respectively, which is indicative of different electronic environments
around the fluorine atom in each duplex. This means the adduct exists in different discrete
conformations when hybridized to the complementary strand with C or G opposite the
100

modification. This is supported by the temperature dependent migration of the
shift. Upon thermal denaturation of NarI(F):NarI'(C), the

19

F chemical

19

F chemical shift migrates downfield

from -117.5 ppm to -117.2 ppm (19F resonance of the single strand). While the mismatched
duplex, NarI(F):NarI'(G) shows a migration upfield from -116.3 ppm to -117.2 ppm under the
same conditions. The uptake of different conformations by the modified base upon hybridization
to mismatched and matched bases is not at all uncommon for C8 adducts as discussed for the
N-linked37,38 and C-linked17,62 adducts. However given the data obtained, in order to classify
each conformation, the

19

F NMR, Tm, and CD data must be considered together and compared

to previously studied models.
3.2.6 Conformation of NarI(F):NarI'(C)

Considering the data presented from thermal stability, CD spectra,

19

F NMR studies as

well as previously studied analogous systems, the conformation of the adduct 4F-Ph-O-dG
within the duplex hybridized to the complementary strand containing a normally base-pairing C
opposite (NarI(F):NarI'(C)) was a B-type conformation. Recall, in the B conformation the adduct
exists in an anti glycosidic orientation, allowing for a regular base-pairing geometry with the
cytosine residue opposite, while the adducted phenolic moiety exists in the major groove
exposed to the aqueous environment. It is known that upon hybridization to the normally pairing
C, C8-dG adducts typically will either exist in the B form or the S form, or a combination of both
in fast exchange.27,41 Furthermore, adducts which prefer an S conformation under these
conditions have been shown to stabilize the bulge produced by hybridization to the
complementary 10mer sequence. For the N-linked adducts IQ, AF, and AAF a stabilization of
the bulge of ΔTm = +6 to +15 °C was observed; where the adducts with the greater proportion of
S form conformation were found to induce greater stabilization of the bulge.50 For the modified
duplex studied, NarI(F):NarI'(10mer) there was no stabilization of the bulge (ΔTm = -0.9 °C)
which indicates that it is not energetically favourable for the adducted phenolic moiety to flip into
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a base displaced stacked S conformation. Further supporting this argument is the lack of
stabilization

of

the

duplex

containing

an

abasic

site

opposite

the

modification

(NarI(F):NarI'(THF)). The disfavouring of the S conformation is typical of adducts containing
small ring systems,36 or ring systems with considerable flexibility.27 Conformational studies on
the structurally similar aniline adduct (AN-dG) determined an exclusive uptake of the B
conformer in both sequences studied opposite C.36 Tm studies on AN-dG modified duplexes with
a normally base-pairing complement rendered destabilizations of 10%58 and 16%.59 In
comparison, the 4F-Ph-O-dG adduct induced a destabilization of 15% in the sequence studied.
This similar impact on the duplex stability can be ascribed to the uptake of the same
conformation, the B form. The reduction in duplex stability in such cases has be rationalized as
the solvation energy required for the lipophylic aromatic ring in the aqueous environment of the
major groove,62 as well as steric interactions with the DNA backbone.63 Finally,

19

F NMR

evidence suggested one single conformation as rationalized by the single peak obtained at
-117.5 ppm. In comparison, B-type conformers within the duplex as characterized by Cho and
coworkers have rendered shifts in the range of -115.5 to -117.5 ppm and were dependent on
adduct structure and flanking sequence.27,28,42,64 Although this is a substantial range, the B
conformer chemical shift is consistently slightly upfield as compared to the single strand. The
19

F NMR resonance for NarI(F):NarI'(C) was within the range for B conformers for N-linked aryl

amine adducts, and was 0.3 ppm upfield to the single strand, NarI(F). This evidence suggest a
B type conformation of the 4F-Ph-O-dG modified base when incorporated at the G3 site of the
NarI restriction sequence annealed to the complementary strand.

102

Figure 3-16. Depiction of the conformation of the 4F-Ph-O-dG at the G3 site of the NarI 12mer
sequence (NarI(F)) hybridized to the complementary strand (NarI'(C)).

3.2.7 Conformation of NarI(F):NarI'(G)

Considering the data presented from thermal stability, CD spectra,

19

F NMR studies as

well as previously studied analogous systems, the conformation of the adduct 4F-Ph-O-dG
when hybridized to its complementary strand containing a mismatched G opposite
(NarI(F):NarI'(G)) was a minor groove binding W conformation. Recall, in the W conformation
the adduct possesses a syn glycosidic orientation, which exposes the Hoogsteen face to the
opposing G while the adducted moiety is located within the minor groove. The CD data obtained
is in strong support of this structure. The CD spectra of the unmodified duplex overlaid with the
modified duplex containing a G•G mismatch showed no structural difference between them as
indicated by the identical CD spectra shown in Figure 3-13. This meant the modification did not
alter duplex structure. Supporting the lack of structural change are the Tm values, which showed
a very slight destabilization (ΔTm = -1.2 °C) which was within the error range for the Tm. This is
significant as the structure of the G•G mismatch within the duplex is known to contain one G in
an anti conformation with the opposing G in a syn conformation.14 The retention of this
conformation as characterized by CD and Tm studies, is strongly supportive of a W conformation
of 4F-Ph-O-dG within NarI(F):NarI'(G). Furthermore, the W conformation is known to be
favoured for C8 adducts upon mismatched pairing within the duplex.37,41 However, considering
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the

19

F resonance obtained, an atypical shift downfield was obtained for the W conformation.

Work carried out by Cho and coworkers consistently reported the W conformation as being the
most upfield, typically at ~118 ppm, approximately 1 to 1.5 ppm upfield from the single strand
resonance.37,42 Although this seems unsupportive of the W conformation, all fluorinated adducts
studied by Cho differed structurally from the adduct studied herein by both the linking atom (Olinked vs. N-linked) and size (monocyclic vs. polycyclic). Therefore in this case, uptake of the W
conformer may locate the fluorine atom in a different region of the minor groove which could
possess a different electronic environment. This is possible as the DNA base stack is aromatic
in nature; therefore the ring current produced by the interior of the helix results in regions of
partial positive charge (deshielding) and regions of partial negative charge (shielding).65 This
phenomenon has been observed for the minor groove binding antibiotics netropsin66 and
bleomycin67 where select protons within the binding motifs shift upfield while others shift
downfield upon binding. In addition, the larger shift from the single strand resonance (+0.9 ppm
for NarI(F):NarI'(G) vs. -0.3 ppm NarI(F):NarI'(C)) is indicative of a greater change in the
electronic environment, and is on the scale typical of W conformations, albeit downfield. The
evidence presented suggests a minor groove binding W type conformation of the 4F-PH-O-dG
modified base within the NarI(F):NarI'(G) duplex.

Figure 3-17. Depiction of the conformation of the 4F-Ph-O-dG at the G3 site of the NarI 12mer
sequence (NarI(F)) hybridized to the mismatched complementary strand (NarI'(G)).
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3.3 Conclusions
It was the intention of the incorporation of 4FPh-O-dG at the G3 to serve as a
conformational probe to study phenolic toxicity as induced by O-linked adducts. Selection of this
probe was done as it is the simplest example of an O-linked phenolic adduct within the duplex
as it bears no substituents other than the fluorine atom which was added for conformational
diagnosis. The adduct was successfully incorporated into the oligonucleotide using solid phase
DNA synthesis following the synthesis of the required phosphoramidite. Phosphoramidite
synthesis was carried out following literature protocols.56,57 The resulting oligonucleotide was
purified by HPLC and characterized by ESI-MS in the negative mode.
The modified DNA strand was hybridized to four selected complementary strands in
order to gain conformational information based on duplex stability. The selected strands were all
complementary in nature but differed at the site opposing the modified base. The complements
contained a regular base-pairing C opposite, NarI'(C); a mismatched G opposite, NarI'(G); an
abasic site opposite, NarI'(THF); and a complementary 10 base sequence to simulate the bulge
which is produced during frameshift generation, NarI'(10mer). Tm values were also established
for the unmodified counterparts as a means of comparison. The Tm data showed a large
destabilization of the duplex NarI(F):NarI'(C) of -9.8 °C, however the other modified duplexes
showed no change in the overall stability. CD analysis of the hybridized duplexes showed a
universal uptake of a B-form helix characterized by the negative CD band at ~245 nm and the
positive CD band at 260 - 280 nm each of equal intensity. Comparison of the modified CD
spectra of NarI(F):NarI'(C) to its unmodified counterpart, NarI:NarI'(C) displayed a decrease in
the amplitude of both CD bands, characteristic of reduced base stacking which may have been
caused by backbone distortion in an attempt to accommodate the phenolic moiety in the major
groove. Whereas the CD spectra of the modified duplex NarI(F):NarI'(G) compared to its
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unmodified counterpart NarI:NarI'(G) yielded the identical CD absorbance pattern which was
indicative of the retention of conformation upon inclusion of the phenolic adduct.
Lastly,

19

F NMR studies were used in order to give diagnostic conformational evidence

of the phenolic adduct within the duplex. The single strand NarI(F), as well as the two duplexes
NarI(F):NarI'(C) and NarI(F):NarI'(G) were analyzed by

19

F NMR techniques. Each duplex was

found to give a single resonance indicating the uptake of one major conformer in each case.
The chemical shifts were not the same, indicating the existence of different electronic
environments around the fluorine in each duplex. The

19

F chemical shifts were -117.2 ppm for

the single strand, -117.5 ppm for the NarI(F):NarI'(C) duplex, and -116.3 ppm for the
NarI(F):NarI'(G) duplex. Based on these results, as well as comparison to work by Cho and
coworkers on the N-linked arylamine-dG adducts,27,37,42 the 4F-Ph-O-dG adduct was determined
to be in a B conformation when normally base paired to C, within the duplex NarI(F):NarI'(C).
Data obtained from Tm, CD, and 19F NMR rationalized with support from the migration of groovebinding 1H NMR chemical shifts of antibiotics66,67 allowed for the determination of a W
conformation in the mismatched duplex, NarI(F):NarI'(G) despite the atypical downfield chemical
shift in the 19F spectrum.
The toxicological relevance of these conformations in the context of conformation
induced toxicity render the unsubstituted O-linked phenolic adduct as a suspected weak
mutagen. The lack of stabilization of the bulge resulting in no uptake of the promutagenic S
conformation makes the phenolic adduct as an unlikely candidate to cause frameshift mutations.
The uptake of the W conformation within the G•G mismatched duplex gives some evidence that
G→C transversions could occur, although they would likely occur in low frequency as the
stability of this modified duplex was not greater than the unmodified sequence, but rather equal
to it. Overall, this is the first report of a C8 O-linked dG adduct incorporated into DNA. In order
to expand on this study, inclusion of the increasingly toxic chlorophenols is highly desirable.
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However, this study provides a conformational analysis of the most simplistic O-linked adduct
which can serve as comparison for additional O-linked adducts incorporated in the future. In
addition, structural studies employed provide the framework for studying DNA conformations via
the 19F method within the Manderville laboratory.
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3.4 Materials and Methods
3.4.1 General Methods and Instrumentation

Unless otherwise noted, all compounds were used as received. N,N-Dimethylformamide
diethyl acetal and 4,4-dimethoxytriphenylmethyl chloride (DMT-Cl) were purchased from SigmaAldrich;

2-Cyanoethyl-N,N-diisopropyl-chloro-phosphoramidite

was

purchased

from

ChemGenes. DMF was obtained from the LC Technology SP-105 solvent purification system at
the University of Guelph without further purification. Pyridine was purchased from SigmaAldrich, distilled from and stored over CaH2. Methylene chloride was purchased from Fisher
Scientific and distilled from CaH2. Triethylamine (Et3N) was purchased from Alfa Aesar and
distilled from KOH. All unmodified oligonucleotides were purchased from Sigma-Aldrich,
uncluding NarI, 5'-CTCGGCGCCATC-3', NarI'(C), 5'-GATGGCGCCGAG-3', NarI'(G), 5'GATGGGGCCGAG-3', NarI'(10mer), 5'-GATGGCCGAG-3' and NarI'(THF), 5'-GATGG-THFGCCGAG-3'. Triethylammonium acetate (TEAA) buffer was prepared from glacial acetic acid
and triethylamine. Water used for buffers and spectroscopic solutions was obtained from a MilliQ filtration system at 18.2 MΩ.
Moisture sensitive reactions were performed using oven dried (120 °C), glassware and
needles under argon atmosphere. Compounds were dried in the oven, as well as coevaporated
from THF for moisture sensitive reactions. Chromatography was performed on virgin silica
obtained from Silicycle (230 - 400 mesh). Analytical Thin layer chromatography was performed
on glass-backed extra hard layer plates (60, F-254 indicator) also obtained from Silicycle.
Compounds were visualized by UV light (λ = 254 nm). NMR spectra were recorded on either a
Bruker Avance-300 DPX spectrometer (1H, 300 MHz,

13

C, 75.5 MHz), a Bruker Avance-400

DPX spectrometer (1H, 400 MHz, 13C, 100 MHz) or a Bruker Avance-600 DPX spectrometer (1H,
600 MHz,

13

C, 151MHz) in d6-DMSO or CDCl3.

19

F NMR spectra were recorded on a Bruker

Avance-600 DPX spectrometer (19F, 564 MHz) equipped with Bruker 5 mm TXO solution probe.
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Peaks were reported in the δ (ppm) scale. All

13

C NMR spectra were acquired using the JMOD

pulse sequence whereby carbon signals are separated based on their multiplicity.
UV-vis spectra for quantification and characterization of oligonucleotides, as well as
thermal melting curves were acquired on a Cary 300-Bio UV-Visible spectrophotometer
equipped with a Peltier block-heating unit and automated temperature controller. Standard 10
mm light path quartz glass cells from Hellma GmbH&Co were used for quantification, while
Hellma 114-QS 10 mm light path cells were used for thermal melting experiments. CD spectra
were obtained on a Jasco J-815 CD Spectrophotometer, equipped with a 1 6 Multicell Block
Peltier, thermal controller and Julabo AWC 100 water circulator unit. CD spectra were recorded
using 110-QS cells with a light path of 1 mm. A Denver Instrument UB-10 pH meter was used
for buffer calibration. Calibration of the pH meter was carried out using buffers purchased from
Fisher at pH 2.00, 4.00 and 7.00. HPLC purification was performed on an Agilent 1200 series
purification system equipped with a 1200 series diode array and multiple wavelength detector.
The column used for HPLC purification of oligonucleotides was a Phenomenex clarity 5 μm
oligo-RP semi-preparative column. High resolution Mass spectrometry was conducted at the
McMaster Regional Centre for Mass Spectrometry. Low resolution Mass Spectrometric analysis
of the oligonucleotide strand NarI(F) was obtained on a Bruker AmaZon SL spectrometer
equipped with an ion trap.
3.4.2 Circular Dichroism

Circular

dichroism

measurements

were

performed

on

a

Jasco

J-815

CD

Spectrophotometer. Samples of duplex DNA were prepared in 50 mM Na2HPO4 buffer, 100 mM
NaCl, at pH 7, to a concentration of 6 μM. Duplexes were prepared in a 1:1 fashion of NarI
modified or unmodified : complementary strand, and annealed by heating to 90 °C and slow
cooling to 10 °C. Spectra were collected at 10 °C from 320 - 190 nm, with a bandwidth of 1nm
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and a scanning speed of 50 nm/min. Each oligonucleotide was scanned three times and blank
corrected.
3.4.3 Thermal Melting

Thermal melting of oligonucleotides was measured using UV-Vis spectroscopy. Samples
were prepared in 50 mM Na2HPO4 buffer, 100 mM NaCl, at pH 7, to a concentration of 6 μM
using 1 eq. of complementary strand. The UV absorption at 260 nm was monitored as a function
of temperature. The temperature was raised to 90 °C held for 5 minutes then decreased to 10
°C, increased to 90 °C, then decreased to 10 °C at a rate of 1 °C/min, to provide three
acquisitions. The point of inflection, corresponding to the thermal melting temperature was
calculated by using hyperchromicity (Vant Hoff) calculations.
3.4.4 Purification of Oligonucleotides

Following cleavage of the synthesized modified strand from the solid support the solution
containing the impure oligonucleotide was filtered using Mandel syringe filters (PVDF 0.20 μm).
This solution (~2 mL) was then divided into 200 μL fractions in order to separate by HPLC.
Oligonucleotide purification was carried out on an Agilent 1200 series HPLC equipped with an
autosampler, diode array detector (monitored at λabs = 258 nm), fluorescence detector, and an
autocollector. Separation was carried out at 50 °C using a Phenomenex clarity 5 μm oligo-RP
semi-preparative column at a flow rate of 3.5 mL/min. The mobile phase consisted of 95:5
aqueous 50 mM TEAA/ACN, pH 7.2, with an increasing gradient of 30:70 aqueous 50 mM
TEAA/ACN, pH 7.2. Following collection of the peak corresponding to the full length
oligonucleotide NarI(F), a Labconco FreeZone 4.5 lyophilizer was used to remove the water and
buffer, yielding the DNA strand as a white foam. The DNA was then dissolved in 500 μL of
purified H2O for quantification by UV-Vis absorption.
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3.4.5 DNA Quantification

Quantification of synthesized or commercially purchased DNA strands was done through
the use of UV-Vis spectroscopy. Stock solutions of DNA were made to a known volume (0.500
mL or 1.000 mL). Consecutive additions of 5 μL of DNA stock to 1985 μL of purified water
followed by an absorption scan was performed three times in order to determine concentration
of the stock using Beer's law. Molar absorptivities (ε) of the unmodified NarI were used for the
modified NarI strand and were calculated online using Integrated DNA Technologies (IDT)
OligoAnalyzer 3.1at http://www.idtdna.com/analyzer/applications/oligoanalyzer.
3.4.6 Mass Spectrometry

Mass Spectroscopy experiments for DNA Identification were conducted on a Bruker
AmaZon SL spectrometer equipped with an ion trap by Aaron Witham of the Manderville
Laboratory at the University of Guelph. Masses were studied in the negative ionization mode
with an electrospray ionization source (Bruker Daltronics, Milton, Canada). The DNA samples
were dissolved in milliQ filtered water and injected directly into the electrospray source.
Ionization was carried out using the following settings on the ESI source: nebulizer gas flow 40
psi, dry gas 10 L/min, dry temperature 200 °C, spray voltage was 4000 V. Mass range was 702000 m/z and scan speed was 8100 m/z/s. Samples were introduced to the ESI source at a flow
rate of 40 µl/s.
3.4.7 19F NMR Studies

Samples for

19

F NMR analysis were prepared to a concentration of 500 μM with 1 eq. of

each strand in 100% D2O containing 50 mM Na2HPO4, 100 mM NaCl, pH 7, prepared to a total
volume of 200 μL for use in a shigemi tube.

19

F NMR spectra were referenced externally to
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CFCl3 in CDCl3. Spectra were obtained by collecting 1000 scans with a recycle delay of 1.5 s
between acquisitions, and processed with a line broadening of 10 Hz.
3.4.8 Synthesis

Oligonucleotide Synthesis
Oligonucleotide synthesis for the C8-heteroaryl-G modified NarI oligonucleotide (5'CTCGGCXCCATC) with X =

2Fur

G was carried out on a 1 μmol scale on a BioAutomation

Corporation MerMade 12 automatic synthesizer using standard β-cyanoethylphosphoramidite
chemistry according to published protocols.56,57 Following synthesis, oligonucleotides were
cleaved from the solid support, deprotected using 2 mL of 30% ammonium hydroxide solution at
55 °C for 12 h and purified by HPLC.

N2-Dimethylformamide-8-(4-fluorophenoxy)-2'-deoxyguanosine (42)
8-(4-fluorophenoxy)-2'-deoxyguanosine (0.60 g, 1.6 mmol) was placed in 10 mL dry
DMF under an argon atmosphere. N,N-Dimethylformamide diethyl acetal (1.1 mL, 6.4mmol)
was added and the mixture was allowed to stir for 5 h. The reaction mixture was then
evaporated to dryness and washed with MeOH to give 0.64 g (quantitative) of 42 as a brown
solid. 1H NMR (300 MHz, DMSO-d6): δ 11.34 (s, 1H) 8.53 (s, 1H), 7.42 - 7.38 (m, 2H), 7.29 (td,
3

J = 8.5 Hz,5J = 2.5 Hz, 2H), 6.30 (t, 3J = 7.3 Hz, 1H), 5.29 (d, 3J = 4.2 Hz, 1H), 4.81 (t, 3J = 5.9

Hz, 1H), 4.38 (m, 1H), 3.78 (m, 1H), 3.55 - 3.46 (m, 2H), 3.15 (s, 3H), 3.02 (s, 3H), 2.20 (m, 1H).
13

C NMR (151 MHz, DMSO-d6): δ 157.9, 156.8, 156.7, 153.4, 149.8, 148.4, 129.7, 125.3, 119.9,

114.1, 87.4, 81.9, 70.8, 62.0, 40.7, 37.0, 34.6. HRMS calcd for C19H22FN6O5 [M+H+] 433.1630,
found 433.1636
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5'-O-(4,4ʹ-Dimethoxytrityl)-N2-dimethylformamide-8-(4-fluorophenoxy)-2'-deoxyguanosine
(43)
4,4′-Dimethoxytrityl chloride (DMT-Cl, 0.60 g, 1.8 mmol) was dissolved in 3 mL dry
pyridine.

N2-dimethylformamide-8-(4-fluorophenoxy)-2'-deoxyguanosine, 42 (585 mg, 1.4

mmol) was co-evaporated from dry pyridine (3 × 5 mL) in a separate flask and reverse filled with
argon. To this flask was added 5 mL of dry pyridine, followed by dropwise addition of 3 mL
DMT-Cl/pyridine solution.

The reaction was allowed to stir at room temperature for 3 h under

argon and was monitored by TLC. Upon completion, the reaction mixture was diluted with ethyl
acetate (10 mL) and washed with water (2 × 10 mL). The mixture was then evaporated to
dryness, with the resulting solid dissolved in CH2Cl2 (3 mL). Hexanes (10 mL) were added and
the reaction mixture was stirred overnight. The resulting suspension was filtered, and purified
on silica gel and eluted with MeOH:CH2Cl2:TEA (5:90:5) to afford 43 as a white solid (0.76 g,
77.0% yield). 1H NMR (300 MHz, CDCl3): δ 8.73 (bs, 1H), 8.50 (s, 1H), 7.33 (d, 3J = 8.3 Hz, 2H),
7.22 - 7.16 (m, 7H), 7.03, (m, 2H), 6.93 (t, 3J = 8.1 Hz, 2H), 6.70 (d, 3J = 8.3 Hz, 4H), 6.44 (t, 3J
= 8.1 Hz, 1H), 4.63 (m, 1H), 4.01 (m, 1H), 3.73 (s, 6H), 3.39 (m, 1H), 3.20 (t, 3J = 7.2 Hz, 1H),
3.07 (s, 3H), 3.03 (s, 3H), 2.98 (m, 1H).

13

C NMR (151 MHz, CDCl3): δ 160.6, 159.0, 158.5,

157.8, 156.9, 156.0, 150.8, 149.1, 148.7, 144.5, 135.6, 135.5, 129.9, 129.1, 128.0, 127.8, 126.9,
121.7, 116.2, 116.0, 114.5, 113.1, 86.4, 85.0, 81.5, 73.3, 64.3, 41.5, 37.3, 35.1. HRMS calcd for
C40H40FN6O7 [M+H+] 735.2937, found 725.2943

3'-O-[(2-Cyanoethyl)(diisopropylamino)phosphino]-5'-O-[(4,4ʹ-dimethoxytrityl)-N2dimethylformamide-8-(4-fluorophenoxy)-2'-deoxyguanosine (44)
5′-DMT-N2-Dimethylformamide-8-(4-fluorophenoxy)-2'-deoxyguanosine, 7 (0.20 g, 0.27
mmol) was co-evaporated from dry toluene (3 × 6 mL) followed by dry THF (3 × 6 mL). Dry
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CH2Cl2 (10 mL) was then added to a reaction flask and backfilled with argon. 2-CyanoethylN,N-diisopropyl-chloro-phosphoramidite (0.12 mL, 0.54 mmol) was added to the flask along with
0.3 mL of dry TEA. The reaction was allowed to proceed to completion as monitored by TLC
(90:5:5 CH2Cl2:MeOH:TEA). To the reaction mixture was added 25 mL of dry CH2Cl2 followed
by a wash with 5% NaHCO3(aq) (2 × 50 mL). The organic was then dried over Na2SO4 and the
solvent was removed in vacuo. The resulting solid was then recrystallized from hexanes at 78 °C. The precipitate was filtered yielding 0.16 g of 44 as a white solid (63%). 1H NMR (300
MHz, CDCl3): δ 8.52 (bs, 1H), 8.46 (s, 1H), 7.29 (m, 2H), 7.18 - 7.02 (m, 9H), 6.67 - 6.61 (m,
4H), 6.40 (m, 1H), 4.78 - 4.62 (m, 1H), 4.16 - 4.12 (m, 2H), 3.69 (s, 6H), 3.58 - 3.40 (m, 4H),
3.25 - 3.22 (m, 2H), 3.02 (s, 3H), 3.00 (s, 3H), 2.68 (t, J3 = 7.3 Hz, 1H), 2.52 (t, J3 = 6.2 Hz, 1H),
1.27 - 1.19 (m, 10H), 1.10 (q, J3 = 7.3 Hz, 9H), 0.99 (d, J3 = 6.8 Hz, 4H), 0.83 - 0.76 (m, 4H)

13

C

NMR (151 MHz, CDCl3): 159.0, 158.98, 158.41, 158.37, 157.81, 157.77, 156.9, 156.0, 150.84,
150.82, 149.1, 149.0, 148.8, 144.6, 135.73, 135.72, 129.10, 126.7, 117.7, 117.5, 114.73,
114.71, 113.1, 86.2, 86.1, 85.0, 84.99, 84.94, 84.90, 74.3, 74.2, 73.5, 73.4, 64.0, 63.6, 58.6,
58.5, 58.4, 58.2, 58.1, 46.6, 36.9, 36.8, 31.6, 24.6, 22.6, 20.4, 20.2, 20.17, 14.1.

31

P NMR

(121.4 MHz, CDCl3) δ 148.90, 148.56. HRMS calcd for C46H51FN7O7P [M+H+] 935.4015, found
935.4021
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Figure A-1: Thermal melting spectra of a) NarI:NarI'(G) (solid line) and NarI(F):NarI'(G) (dashed
line), b) NarI:NarI'(10mer) (solid line) and NarI(F):NarI'(10mer) (dashed line), c)
NarI(F):NarI'(THF) (solid line). Spectra were recorded in 50 mM Na2HPO4, pH 7, with 100 mM
NaCl using a 1:1 equivalency of each strand at 6 μM. Absorbance was monitored at 260 nm
with a heating / cooling rate of 1 °C/min.
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Figure A-2: CD spectra of the unmodified oligonucleotide NarI hybridized to the complementary
strand a) NarI'(C), b) NarI'(G), c) NarI'(10mer). Spectra were recorded at 10 °C in 50 mM
Na2HPO4, 100 mM NaCl, pH 7, at a concentration of 6 μM with 1 eq. of each strand.
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Figure A-3. 1H NMR spectrum of 8-Bromo-3ʹ,5ʹ-bisTBS-2ʹdeoxyguanosine (29)
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Figure A-4. 13C NMR spectrum of 8-Bromo-3ʹ,5ʹ-bisTBS-2ʹdeoxyguanosine (29)
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Figure A-5. 1H NMR spectrum of 8-Bromo-6-trimethylsilylethoxy-3ʹ,5ʹ-bisTBS-2ʹdeoxyguanosine (30)
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Figure A-6. 13C NMR spectrum of 8-Bromo-6-trimethylsilylethoxy-3ʹ,5ʹ-bisTBS-2ʹdeoxyguanosine (30)
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Figure A-7. 1H NMR spectrum of 8-phenoxy-2ʹ-deoxyguanosine (14)
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Figure A-8. 13C NMR spectrum of 8-phenoxy-2ʹ-deoxyguanosine (14)
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Figure A-9. 1H NMR spectrum of 8-(2-chlorophenoxy)-2ʹ-deoxyguanosine (16)
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Figure A-10. 13C NMR spectrum of 8-(2-chlorophenoxy)-2ʹ-deoxyguanosine (16)
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Figure A-11. 1H NMR spectrum of 8-(2,4-dichlorophenoxy)-2ʹ-deoxyguanosine (17)
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Figure A-12. 13C NMR spectrum of 8-(2,4-dichlorophenoxy)-2ʹ-deoxyguanosine (17)
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Figure A-13. 1H NMR spectrum of 8-(4-fluorophenoxy)-2ʹ-deoxyguanosine (22)
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Figure A-14. 13C NMR spectrum of 8-(4-fluorophenoxy)-2ʹ-deoxyguanosine (22)
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Figure A-15. 1H NMR spectrum of 2-phenoxypyridine (35)
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Figure A-16. 13C NMR spectrum of 2-phenoxypyridine (35)
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Figure A-17. 1H NMR spectrum of 2-(4'-chlorophenoxy)pyridine (36)
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Figure A-18. 13C NMR spectrum of 2-(4'-chlorophenoxy)pyridine (36)
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Figure A-19. 1H NMR spectrum of 2-(2',4'-dichlorophenoxy)pyridine (37)
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Figure A-20. 13C NMR spectrum of 2-(2',4'-dichlorophenoxy)pyridine (37)
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Figure A-21. 1H NMR spectrum of 8-phenoxyguanine (32)
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Figure A-22. 13C NMR spectrum of 8-phenoxyguanine (32)
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Figure A-23. 1H NMR spectrum of N2-dimethylformamide-8-(4-fluorophenoxy)-2'-deoxyguanosine (42)
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Figure A-24. 13C NMR spectrum of N2-dimethylformamide-8-(4-fluorophenoxy)-2'-deoxyguanosine (42)
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Figure A-25. 1H NMR spectrum of 5'-O-(4,4ʹ-dimethoxytrityl)-N2-dimethylformamide-8-(4-fluorophenoxy)-2'-deoxyguanosine (43)
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Figure A-26. 13C NMR spectrum of 5'-O-(4,4ʹ-dimethoxytrityl)-N2-dimethylformamide-8-(4-fluorophenoxy)-2'-deoxyguanosine (43)
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Figure A-27. 1H NMR spectrum of 3'-O-[(2-cyanoethyl)(diisopropylamino)phosphino]-5'-O-[(4,4ʹ-dimethoxytrityl)-N2dimethylformamide-8-(4-fluorophenoxy)-2'-deoxyguanosine (44)
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Figure A-28. 13C NMR spectrum of 3'-O-[(2-cyanoethyl)(diisopropylamino)phosphino]-5'-O-[(4,4ʹ-dimethoxytrityl)-N2dimethylformamide-8-(4-fluorophenoxy)-2'-deoxyguanosine (44)
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Figure A-29. 31P NMR spectrum of 3'-O-[(2-cyanoethyl)(diisopropylamino)phosphino]-5'-O-[(4,4ʹ-dimethoxytrityl)-N2dimethylformamide-8-(4-fluorophenoxy)-2'-deoxyguanosine (44)
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