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 Atomic force microscopy was used to image the action of cellulolytic enzymes in 

situ on never-dried native cellulose films.  Cellomonas fimi, CenA was used as a model 

enzyme for proof of concept experiments and for the identification of different enzyme 

action on different cellulose structures. Inactive and active Trichoderma reesei enzymes 

EGI and CBHI were studied to disentangle the action of the cellulose binding domain 

from the catalytic domain.  

 A novel procedure, volume analysis, was developed to quantify changes in 

cellulose fibers as a result of this action. Volume analysis was used to compare fibers in 

different experiments (with different structural features and enzymes) regardless of where 

the change in the fiber occurred. The site-specific nature of cellulose-enzyme interactions 

is accessible using this analysis technique. Additionally, the reported volume change 

reflects a change in mass that is of interest for industrial purposes.  

 From inactive CBHI action there was no distinguishable change between enzyme 

action on defect or crystalline regions of the cellulose fiber. From the active enzyme 

results a quantifiable degradation event was measured. Digestion was initially quick then 

after one hour the volume plateaued. The crystalline cellulose region plateaued at -20 ± 

1% and the defect region at -31 ± 2%.  

  The inactive EGI enzyme was found to have significant non-hydrolytic action on 

insoluble cellulose fibers. There was more significant swelling effect on the defect than 

the crystalline regions of the cellulose fiber.  From the active EGI results a quantifiable 

degradation event was measured followed by swelling events. Degradation was initially 

quick with the total mass loss occurring within the first hour of the experiment. The 

volume then increased as the enzyme induced swelling of the fiber structure. The extent 

of degradation and swelling is structure limited with more disordered regions showing 

larger decreases in volume and predominantly crystalline regions showing mainly 

swelling events. 
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Chapter 1 Introduction 

1.1 Preamble 
Cellulose is the most abundant biopolymer on earth. The complete hydrolysis of 

cellulose leads to glucose, an easily fermentable sugar. When glucose is biologically 

converted into ethanol it can provide environmental and economic benefits on a large 

scale. With the current depletion of fossil fuels, the hydrolysis of cellulose is becoming 

increasingly more important to biotechnology. Improvement in the rate of enzymatic 

hydrolysis is considered essential for decreasing the cost of the conversion of cellulose to 

ethanol. Fundamental understanding of the mechanism and function of cellulolytic 

enzymes is important for the eventual improvement in this key step. 

Determining the productive sites for enzyme action in the highly heterogeneous 

cellulose structure is of the utmost importance to the biofuel industry. Cellulose surfaces 

contain many non-productive or inaccessible sites that prevent efficient enzymatic 

degradation. It is also likely that different cellulolytic enzymes will have different 

favourable productive sites and the action at these sites will vary. With the identification 

of productive cellulose sites, pretreatment protocols can be developed to increase the 

number of these favourable sites. 

 The non-hydrolytic breakdown of the crystalline structure on the surface region of 

cellulose has been speculated to be the rate-determining step for the enzymatic hydrolysis 

of crystalline cellulose1,2. Most of the cellulose architecture is highly ordered, tightly 

packed microfibrils. Three possible mechanisms for accessing this architecture are:  

1) Sequential shaving of the cellulose fibrils from the outside of the fiber to expose 

the inside of the fiber  

2) Disruption or loosening of the inaccessible regions by non-hydrolytic proteins3 or  

3) A combination of these two mechanisms in different enzyme families that 

synergistically accomplish the total degradation. 

 It has been suggested2 that before enzymatic hydrolysis the proteins adsorb on the 

surface of the inaccessible substrate and loosen the crystalline cellulose superstructure. In 
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this mechanism more cellulose chains are exposed while remaining molecularly 

unchanged. This process is termed amporphogenesis2,4 and includes the processes of 

dispersion, swelling or delamination of cellulosic substrate. Once the cellulose network is 

accessible to the cellulolytic enzyme the degradation can proceed.  

  The enzymatic degradation of cellulose is generally described as a heterogeneous 

process of cellulases hydrolyzing insoluble, highly structured cellulose. The hierarchy of 

cellulose superstructure is macroscopic and contains both well-ordered and less ordered 

regions. Little attention to the existence and influence of fiber architecture on enzyme 

reactivity has been explored in the literature3. The ability of cellulases to access cellulose 

chains within the fibril structure is significantly limited. Identifying different groups of 

cellulose structures and how each is targeted by the enzyme systems is an important step 

in determining the mechanism of enzymatic degradation of cellulose. Atomic force 

microscopy (AFM) provides the unique ability to monitor the enzymatic action on 

specific cellulose structures over a relatively long period of time.   

 In this work, catalytically inactive enzymes were employed to investigate the 

action of the cellulose binding module compared to the whole enzyme. The inactive 

enzymes were altered using site-directed mutagenesis to change the active residues5. The 

rest of the enzyme is intact and folded identically to the wild-type protein. Some binding 

interactions with the cellulose still occur even though the inactive enzymes have no 

catalytic action6. Comparing the action of the inactive enzyme to the active enzyme on 

different cellulose structures can provide valuable insights into the degradation 

mechanism and contribute to separating the binding kinetics from the hydrolysis kinetics.  

 Significant changes in the morphology of the cellulose fibers as a result of 

inactive enzyme action are not expected. Two tools were used to measure the extent of 

the enzyme interaction with the fiber structure. Swelling analyses was performed on 

regions of interest on a target fiber to determine if the inactive enzyme is able to loosen 

the fiber structure in preparation for hydrolysis activity. When possible, predominantly 

crystalline regions were compared to defect regions. Directed cross-sectional analysis 

was also performed at specific sites, including crystalline, defects, kinks, and twists. 

Direct analysis allows the enzyme action at the different cellulose structures to be 

separated from bulk fiber properties.  
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1.2 Objective of Thesis 

Methodology of a never-dried native cellulose film for use with atomic force 

microscopy (AFM) imaging was developed and published “Direct Visualization of the 

Enzymatic Digestion of a Single Fiber of Native Cellulose in an Aqueous Environment by 

Atomic Force Microscopy” in Langmuir 20107. This thesis uses the films as the substrate 

to study different enzymes and enzyme interactions with cellulose fibers. The objectives 

of the thesis are 1) to determine the differences in cellulolytic action at different cellulose 

sites and 2) to disentangle enzyme binding from hydrolytic action by comparing inactive 

and active enzyme variants.   

This project was done in collaboration with Iogen Corporation in Ottawa. Iogen 

supplied the active and inactive variants of the Trichoderma reesei enzymes for the AFM 

experiments. There are currently ongoing discussions with Iogen to improve the current 

enzyme systems with the end goal being the cost effective production of cellulosic 

ethanol. 

Due to the time intensive nature of the in situ AFM experiments, some of the data 

acquisition was a collaborative effort between myself and postdoctoral fellow Dr. 

Jingpeng Wang. Dr. Wang started on the project after the development of the cellulose 

films and the in situ AFM technique7. I trained him in film preparation and in using MAC 

mode AFM. In this work I use the images Dr. Wang obtained using active endoglucanase 

I (EGI) and active cellobiohydrolase I (CBHI), however I performed all the image 

processing and data analysis presented in this thesis. Specifically, I developed the tip 

deconvolution technique and the volume analysis technique that was used for the data 

analysis. 

1.3 Scope of Thesis 

This thesis is divided into 9 chapters. Chapter 1 is an introduction to the project 

and includes the goals of the work. Chapter 2 provides a detailed description of atomic 

force microscopy and includes the known properties of cellulose and cellulolytic 

enzymes. Chapter 3 is a detailed literature review of native cellulose films and the 

physical analytical techniques used to characterize both the properties of cellulose and the 
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interactions of enzyme-cellulose systems. Chapter 4 summarizes the experimental 

methodologies in this work including cellulose film preparation, enzyme preparation and 

basic AFM setup. 

 Chapter 5 provides detailed information of MAC mode AFM imaging, image 

processing and image analysis. Also included in this chapter are the development of the 

volume analysis technique and the proof of concept experiments that verify its use. The 

experimental results are presented in Chapters 6, 7 and 8. Chapter 6 focuses on the action 

of cellobiohydrolase, CBHI, on cellulose fibers. In this chapter both the inactive and 

wild-type protein are used for in situ AFM experiments. Chapter 7 explores the action of 

endoglucanases on cellulose fibers. The inactive and wild-type variants of EGI are 

studied and compared to the action of CenA. Chapter 8 examines the combination of 

cellobiohydrolases and endoglucanases both of the active and inactive type. Chapter 9 

summarizes the most significant results obtained in this work and outlines future 

directions for the project. 
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Chapter 2 Theory and Experimental Techniques 

2.1 Atomic Force Microscopy 

 The atomic force microscope (AFM) was invented in 1986 by Binning et al.1 and 

has since played an important role in physics, biology and engineering. The principle of 

operation is based on the detection of van der Waals forces between a tip and sample 

using a pliable cantilever. The AFM can be used on many different types of materials, 

both insulating and conducting and in a variety of different modes including contact, non-

contact, and intermittent contact. Since the early 1990’s the development of AFM 

instrumentation for use on biological systems has been significant. Such systems include 

DNA, proteins, model membranes, bacteria and viruses2,3,4. 

The basic elements of the AFM setup include a cantilever with a sharp tip, a 

sample holder, an xyz-scanner, a laser, a photodetector, and feedback control (Figure 

2.1).  These elements are found in AFM instruments that use contact mode with 

additional elements needed for modes, such as non-contact and intermittent contact 

modes, as discussed in Section 2.1.2.  

2.1.1 Instrumentation 

The essential part of the AFM is the tip at the end of a flexible cantilever. The tip 

must have a small radius of curvature in order to resolve small features on the sample 

surface. The tip is brought close to the sample surface and the tip-sample interaction 

produces a deformation in the cantilever that is measured by a change in deflection of the 

laser reflected off the backside of the cantilever.   

As the tip is rastered in the x-y plane the photodetector voltage signal is used to 

produce a topographical image of the surface. The position of the AFM tip is controlled 

using a tube piezo-scanner. A piezoelectric material generates a voltage as a response to 

an applied mechanical stress. In AFM the transverse piezoelectric effect is employed. By 

applying a voltage to a bar of piezoelectric material the length of the material changes by 

a small amount.  
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Figure 2.1: AFM schematic for operation in contact mode. 

The z-position is controlled using a feedback loop. In the basic contact mode the 

parameter used to control the feedback is the deflection signal. An appropriate deflection 

is chosen to stop the tip at the sample surface (setpoint value, -1.0 V for biological 

samples) and the tip is approached to the sample until this deflection value is obtained 

and the feedback loop is enabled. During the scanning process the surface topography 

induces a change in deflection of the cantilever that the photodetector translates into a 

voltage. The feedback loop adjusts the z-position to maintain the setpoint voltage and the 

response of the feedback loop is controlled using proportional (P) and integral (I) gains7. 

The gains are related by the equation: 

!" ! = P∙! ! + I ∙ ! ! !"   Equation 2.1 

The value e(t) is the error signal and is defined as the difference between the 

actual tip deflection or amplitude and the setpoint7. Thus, it is very important to choose 

not only an appropriate force setpoint but also a suitable proportional and integral gain 

for successful measurements. 
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Other variables used in the feedback loop include height, force, and amplitude (in 

the case of amplitude modulated modes of AFM), with the possibility of many additional 

inputs on instruments with properly equipped sensor controls. 

The change in laser position is detected by a four-quadrant photodiode as seen in 

Figure 2.1. The vertical motion is determined by Z = (A+B) - (C+D) and the lateral 

motion is determined by X = (A+C) – (B+D). The signal from Z determines the 

topography image and the signal from X can be used to measure local friction on the 

surface as a result of the torsion and twisting of the cantilever caused by of differences in 

composition on sample surface. 

2.1.2 Imaging Modes 

Beyond the basic operating mode, contact mode, there have been many 

modifications which make it possible to control other variables. There are over 20 

different AFM modes5 with varying degrees of modification from the original design. 

Some examples include amplitude modulated (AM-AFM), frequency modulated (FM-

AFM), non-contact mode (NC-AFM), lateral force (LF-AFM), chemical force 

microscopy (CFM), and force spectroscopy5.  

Dynamic AFM modes (AM-AFM, FM-AFM and NC-AFM) are modes in which 

the cantilever is oscillated. There are many advantages to using an oscillating mode 

including improved signal-to-noise5,6 and small probe-sample forces7. It is interesting to 

note that even in the original Binnig et al.1 paper the potential benefits of oscillating the 

cantilever were described.  

The cantilever can be oscillated acoustically or magnetically. The probe is 

oscillated near its resonance frequency and approached to the sample surface. When the 

distance is sufficiently small, the oscillation changes due to the interaction between the 

probe and the force field from the sample. The effect is a damping of the cantilever 

oscillation leading to a reduction in its frequency and amplitude. The change in the 

oscillation is monitored and is used as the input for the feedback loop. The various 

dynamic modes vary in the magnitude of amplitude, the oscillation frequency, and the 

method used to detect the changes in oscillation.  

Three modes are discussed below in more detail. Frequency modulated AFM 

(Section 2.1.3) and chemical force microscopy (Section 2.1.4) will be briefly described, 
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as they are both of interest for future directions for the project. Amplitude modulated 

AFM will be discussed in detail in Section 2.1.5 as it is the primary technique used in this 

work. 

2.1.3 Frequency Modulation AFM 

In frequency modulated AFM (FM-AFM) a cantilever with a sharp tip, an 

eigenfrequency f0, and spring constant k is excited at its resonance by positive feedback 

such that it oscillates with a constant amplitude8. For a free cantilever the eigenfrequency 

is given by: 

!! =
1
2!

!
!∗ 

where k is the spring constant and m* is effective mass. When the tip interacts with the 

sample the spring constant is equal to the effective spring constant k* and is equal to k + 

kts. The value kts is the tip-sample force gradient. When kts is small compared to k and 

essential constant during the tip movement to and from the sample the frequency change8 

is equal to: 

Δ! =   
!!!!"
2!  

In the case of FM-AFM, tip-sample forces cause a frequency shift and the feedback 

circuit adjusts to the sample height such that Δf remains constant. FM-AFM was 

developed in an effort to achieve increased sensitivity through higher quality factor, Q 

without any restrictions on bandwidth. The quality factor describes the shape of the 

cantilever oscillation20. High values of Q can be achieved using stiff cantilevers, high 

resonance frequencies, and large amplitudes.    

2.1.4 Chemical Force Microscopy 

Chemical force microscopy (CFM) is operated primarily in contact mode and uses 

a modified probe to determine specific interactions between two molecules9 ,10. A 

significant advantage of CFM is that it can provide information about the chemical nature 

of the sample being studied. By modifying the tip of the probe with a molecule that 

terminates in a well-defined functional group, it is possible to directly probe molecular 

interactions while imaging with chemical sensitivity9. The molecular interactions that are 



 10 

measured include adhesive and frictional forces and depend on the strength of the 

interaction. Some of the advantages of using a chemically functionalized tip include the 

ability to 1) probe forces between different molecular groups, 2) measure surface 

energetics on a nanometer scale, 3) determine pKa values of the surface acid and base 

groups locally, 4) map the spatial distribution of specific functional groups, and 5) unfold 

proteins and determine protein domains11,12. 

The use of CFM in measuring intermolecular interactions has found application in 

numerous biochemical systems 13 . These include receptor/ligand interactions 14 , 

protein/protein interactions15 and interactions between complementary strands of DNA16. 

Chemical force microscopy has also been used to investigate viscoelastic properties and 

interactions between cells. It is also possible to probe the intramolecular structural 

transitions in polysaccharides, DNA, and multi-domain proteins. 

In CFM, topography is acquired by monitoring differences in the top and bottom 

halves of the photodetector. The signal received by the left and right halves is sensitive to 

a twisting or torsion of the cantilever as a result of sample adhesion or surface 

composition. A common modification of CFM is to use a cantilever with a gold-coated 

tip and modifying it with short COOH-terminated thiols17. Beake et al.17 used this 

modified probe to imaged mixed layer of CH3 and COOH. The cantilever twists in 

response to friction forces yielding the lateral deflection signal as a result of the 

interactions. Friction forces in ethanol vary with COOH-COOH greater than COOH-CH3. 

Domains with heterogeneous composition can be identified by different local friction and 

adhesion forces, which can be measured by performing force spectroscopy experiments.  

CFM experiments provide an excellent tool for cellulose characterization and 

cellulose enzyme systems. Cellulose has an amphiphilic surface arising from the 

conformation of –OH and -CH in the cellulose chains. With a sharp modified probe it 

would be possible to map the changes in surface adhesion and identify possible binding 

sites. Additionally, modifying the probe with an isolate binding domain would provide 

specific information about the interaction of enzyme binding with the cellulose surface. 

2.1.5 Amplitude Modulated Atomic Force Microscopy (AM-AFM) 

AM-AFM was used extensively in this project. Often referred to as tapping mode 

or intermittent contact mode, AM-AFM was developed for imaging and characterizing 
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DNA, proteins, and polymers in air and liquid2,3. In tapping mode AFM (TM-AFM) the 

cantilever is oscillated at or near its resonance frequency. The tip is brought close to the 

surface so it just taps the sample with a typical frequency of 25 kHz for water or 75 kHz 

for air. The oscillation amplitude is used in the feedback loop to maintain the z-position 

and produce the topography of the sample surface18,6. An advantage of TM-AFM is that it 

minimizes the lateral forces that can cause sample distortion and lower the resolution. 

The technique generally causes less damage to tip and/or sample and results in higher 

resolution images than in contact mode.  

It is possible to acquire additional information using TM-AFM as a result of the 

dynamic nature of the mode. Three channels are simultaneously recorded: topography, 

amplitude and phase. Topography is the true three-dimensional morphology of the 

sample surface obtained using oscillating amplitude as the input in the feedback loop. 

The amplitude image is the difference between the setpoint amplitude and the actual 

amplitude. It is essentially an error signal that emphasizes features that result from 

feedback lag where the system has not yet compensated for changes in sample height. For 

example, the edges of a feature are often more prominent in the amplitude image making 

it useful for image interpretation. The phase image is the difference between the phase of 

the driving oscillation signal and the response of the cantilever. It is very sensitive to 

material differences in a sample and can show details not readily seen in a topography 

image. 

There are two common excitation modes for inducing the oscillation in TM-AFM: 

acoustic and magnetic18,19. For both methods the resonance frequency is obtained by 

oscillating the cantilever over a range of frequencies. At the resonance frequency there is 

a substantial amplification of signal. In acoustic excitation (AAC) a piezoelectric actuator 

is used to create a vibration that oscillates the cantilever holder, that in turn oscillates the 

cantilever and the tip. For magnetic excitation (MAC), an oscillating magnetic field is 

applied by a solenoid located either above the cantilever or below the sample and is used 

to the drive only the magnetically coated cantilever. Both modes are widely used in both 

air and liquids. In liquid, MAC mode has a clear advantage over AAC mode by 

oscillating only the cantilever. This significantly reduces additional oscillations induced 
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in the fluid and simplifies resonance peak selection. A disadvantage of MAC mode is the 

electronic circuit limits the range of frequencies that can be used to excite the cantilever.  

Once the resonance frequency is determined the oscillating cantilever is 

approached to the sample surface. When the cantilever contacts the sample the amplitude 

of oscillation is reduced. An amplitude setpoint is chosen by the user to signal the 

approach to stop. Similarly to contact mode using the deflection signal, tapping mode 

uses the amplitude signal in the feedback loop. Seen in Figure 2.2, there are a few more 

instrumental elements than in the basic AFM setup. The oscillation of the cantilever is 

detected with the photodetecter and that signal is separated into amplitude and phase 

information using a lock-in amplifier20. Here, the amplitude is compared to the setpoint 

and the feedback is initiated. The difference between the actual amplitude and the 

setpoint is the error signal and is the input for the proportional-integral gain controller as 

described previously in Section 2.1.1.  

 
Figure 2.2: Set up of atomic force microscope operated in tapping mode. Oscillation is 
driven in MAC mode (adapted from ref [20] to Agilent 5500 instrument setup). 
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2.1.6 Interaction forces between tip and sample 

There are many forces that contribute to the tip-sample interaction in dynamic 

mode AFM imaging. These include long-range interactions, contact and short-range 

interactions, adhesion forces, capillary forces and electrostatic forces18,21. 

 
Figure 2.3: A) Simplified model showing the oscillating amplitude in tapping mode AFM 
at various tip-sample distances (Adapted from [22]); B) Force distance curve for TM-
AFM (Adapted from [20]). 

When the cantilever is slowly approached to the surface, the force between the tip 

and the sample will always be counteracted by the restoring force of the cantilever20. 

Figure 2.3B shows a force distance curve of typical tip-sample interactions. In contact 

mode the approach to the surface is first influenced by attractive forces, van der Waals or 

chemical interaction forces, which increase until a maximum is reached. At point D the 

forces reverse with the onset of repulsive forces caused by Pauli repulsion forces. When 

using soft cantilevers (necessary for biological imaging) the realistic force interaction is 

the cantilever follows an attractive force as it is approached to the surface until reaching 

point B. If the slope of the force curve is larger than the spring constant of the cantilever 

then the tip will suddenly jump to contact20 at position C. Upon retraction, the tip will 

follow the path until point D. At this point the tip will jump to point A as the restoring 

force exceeds the adhesion. The jump-to-contact can be eliminated by using a stiff 

cantilever or by oscillating the cantilever at a large amplitude (greater than 1 nm). By 
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oscillating the cantilever, it will become virtually stiffer at the point of strong force 

interaction (D)20.  

Figure 2.3A is a plot of amplitude versus z-positions illustrating the qualitative 

behavior for an oscillating cantilever as it approaches the surface. At large distances the 

cantilever oscillates with its free oscillation amplitude and the forces between the tip and 

sample are negligible (Figure 2.3A). As the probe approaches the surface the interaction 

forces cause the amplitude to decrease20. The tip is prevented from indenting further into 

the sample as it reaches the repulsive part of the force-distance curve (Figure 2.3B). The 

tip will experience maximum attractive force at point D of Figure 2.3B. At position 1 and 

6 the cantilever oscillates freely and at position 3 and 4 the amplitude is reduced to a 

small constant value when the cantilever is close enough to the surface and starts to bend 

statically. In between, at positions 2 and 5, the amplitude decays between the free 

oscillation and static bending and has to be linear close to the set point to make 

topography contrast possible22. 

The z-position of the cantilever is not equivalent to the real tip-sample distance at 

equilibrium position, since the cantilever will bend due to interaction forces. The actual 

interaction of the cantilever with the sample depends on the frequency of the cantilever. 

There are three different frequency conditions: excitation frequency below the resonance 

frequency, at the resonance frequency and above the resonance frequency.  

In the first case, excitation frequency is lower than the free resonant frequency, as 

the cantilever approaches the sample the attractive forces will lower the effective 

resonant frequency of the cantilever. The excitation frequency is now closer to the 

resonance frequency causing the amplitude of oscillation to increase. This increase 

reduces the tip sample distance and the tip experiences a stronger attractive force. The 

system becomes unstable until repulsive forces stop the self-enhancing instability and the 

original excitation frequency is reached22. By choosing a frequency lower than the 

resonance frequency of the cantilever, the frequency shift is accounted for and the 

instabilities are minimized in large amplitude operation. This is the standard operation 

condition for intermittent contact mode.  

When the excitation frequency equals the free resonance frequency, initially the 

frequency shifts toward smaller values, induced by the attractive forces, reducing the 
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amplitude. The distance between the tip and sample is also reduced as long as repulsive 

forces are not encountered. At closer tip-sample distances, repulsive forces cause the 

resonant frequency to shift to higher values, thereby increasing the amplitude with 

decreasing tip-sample distance. Instability occurs at the cross over from attractive forces 

to repulsive forces. Imaging at the resonance frequency makes switching between the 

attractive and repulsive regime likely and will result in significant image artefacts. 

At excitation frequencies higher than the free resonance frequency the amplitude 

reduction due to the resonant frequency shift is even larger. There is no instability in the 

amplitude in the attractive force regime. However, instability occurs in the repulsive 

force regime due to the induced positive frequency shift. By choosing small oscillation 

amplitudes and operating at a frequency higher than the resonance frequency it is 

possible to maintain the cantilever in the attractive regime only5. This technique is known 

as non-contact AFM. 

The choice of oscillation amplitude has a pronounced affect on the stability of 

amplitude modulation AFM techniques. The tip motion in AM-AFM is approximately 

described by the second order differential equation: 

! !!!

!!!
=   −!!! −

!!!
!

!"
!"
+ !!" + !!!"#$%  Equation 2.2 

where F0 is the amplitude, ω is the angular frequency of the driving force, Q is the quality 

factor, ω0 is the angular resonance frequency, kc is the spring constant of the free 

cantilever and Fts is the tip-sample interaction. A free amplitude less than 10 nm results in 

imaging interactions in purely the attractive regime and gives rise to non-contact AFM 

imaging. The numerical solution for Equation 2.2 shows that for the range for free 

amplitudes typically used in AM-AFM (10 - 60 nm) the oscillation has two difference 

solutions, a low and a high amplitude solution20.  Both solutions provide a value of 

amplitude that matches the feedback amplitude setpoint. Which amplitude state is 

reached depends on the initial amplitude, excitation frequency and drive frequency.  

The deterministic character of the equation implies that once a stable state is 

reached, the tip should oscillate indefinitely at that amplitude. However, system 

perturbations can disturb the tip motion and change the operating conditions. 

Perturbations to consider include thermal noise, mechanical noise, and system 

electronics. The AFM system is constructed in such a way to minimize thermal and 
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mechanical noise. Damping mechanisms are used to reduce the mechanical noise to a 

negligible level. Allowing the system to reach thermal equilibrium before measurements 

are performed also eliminates the contribution of thermal noise. There is also an intrinsic 

perturbation due to the finite time response of the feedback electronics23. On a relatively 

homogeneous surface the contributions from a properly set feedback loop are small. A 

sudden change in topography can lead to a sudden switch between the two imaging 

regimes.  

In this work, experiments were performed in intermittent contact mode with free 

amplitudes of approximately 15 - 20 nm. The excitation frequency was carefully chosen 

lower than the resonant frequency. Experimental details for imaging measurements are 

discussed thoroughly in Chapter 5. 

2.1.7 Imaging artefacts 

 In AFM imaging, like all measurements, there is the possibility of artefacts. 

Artefacts are structural features introduced to the image as a result of data acquisition or 

processing errors. The most common source of image artefacts arises from the probe used 

to image the sample. All AFM images are a convolution of the topography of the sample 

with the shape of the tip of the probe. For this reason, tip deconvolution procedures are 

essential when investigating surface features that are on the same order of magnitude or 

smaller than the tip. A detailed discussion of blind reconstruction and tip deconvolution is 

in Section 2.1.8.   

Common tip-sample convolutions are illustrated in Figure 2.4. The most common 

tip artefact results from a blunt tip. In Figure 2.4A the image path of the protrusion is 

shown for a sharp and a dull tip. The dull tip significantly broadens the dimensions of the 

protrusion. It is important to use a tip with a higher aspect ratio than the features on the 

sample surface. This convolution can be removed using tip deconvolution (in Section 

2.1.8). 
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Figure 2.4: Common imaging artefacts. A) Tip broadening effects; B) double tip; C) 
contaminated tip.  

Figure 2.4B,C illustrate the common phenomena of double tip and contaminated tip. In 

the case of double tip, the cantilever tip is broken and the feature on the sample surface is 

imaged twice, once with each tip. A double tip is easy to spot, as the image will have 

repeating patterns and multiple copies of the actual surface feature. A contaminated tip 

presents with similar symptoms as a double tip but is often more difficult to spot as the 

new geometry of the tip is non-uniform, resulting in interesting shaped surface features. 

If the tip is not broken, but simply contaminated, it is sometimes possible to remove the 

debris by withdrawing the tip and oscillating the cantilever through a large range of 

frequencies to essentially shake the contaminations off. It is important to know what you 

are imaging to prevent misinterpretation of an image. For example, when imaging a 

protein it is important to know if it is globular or elongated. If a globular protein is 

imaged as elongated then most likely there is tip contamination and the experiment 

should be repeated. 

 Other artefacts arise from the nature of the scanning mechanism. Tube piezo 

scanners are fixed at one end, which causes the probe to take a curved trajectory. This 

results in an image with a background that has a slight curve to it. This type of artefact 

can easily be remedied using curve-flattening algorithms designed to remove the scanners 
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inherent design flaw. The flattening procedure is accomplished by fitting with a first or 

second order polynomial. This leveling procedure is applied to almost all images and is 

often the only data processing required. 

 Another easily remedied artefact is scanner creep. This results when an 

instantaneous voltage is applied to the piezoelectric tube scanner and maintained. The 

material does not respond immediately and continues to move in the same initial 

direction. This type of artefact appears as a smearing at the beginning of the scan. It is 

observed when zooming in or changing scan location and can easily be avoided by 

waiting until the piezo position is stable, usually less than one minute.  

2.1.8 Tip deconvolution 

 As a result of the AFM tip not being perfectly sharp, the AFM image produced is 

subject to tip-induced distortions that can be minimized using blind estimation of tip 

shape24 and tip deconvolution procedures. Tip-induced artefacts are significant whenever 

the sample contains features with aspect ratios comparable to the tip24. There are four 

main algorithmic processes used in tip deconvolution including24: (1) calculating an 

image of sample and a tip; (2) reconstructing the sample surface given its image and the 

tip; (3) reconstructing the tip shape from the image of a known “tip characterizer” and (4) 

estimating the tip shape from an image of an unknown tip characterizer.  

 The two most important factors influencing the resolution of a sample are the 

apex and aspect ratio the cantilever tip. Commercial manufacturers of AFM cantilevers 

strive to produce tips with an apex radius of curvature of approximately 5 - 10 nm. 

Measurements of tips using SEM demonstrate this number is usually closer to 15 - 20 nm 

for new tips and 25 nm or higher for blunt, damaged, or contaminated probes. Probes 

with large apex radii produce image features appearing larger than expected and having a 

flattened shape. Over the course of an experiment the shape of a tip may change. Wearing 

of the tip causes the apex radius to increase.  The tip can become contaminated with 

loosely bound sample fragments, but can also be decontaminated as a result of 

interactions with the surface. As a result, it is very difficult to precisely know the shape of 

the tip over the course of an experiment and for this reason blind tip reconstruction24 is 

often utilized to determine the geometry of the tip.  
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Figure 2.5: SEM image of Type II mac mode cantilever. 

 Blind tip reconstruction is based on the assumption that a protrusion in an AFM 

image represents the self-image of the AFM tip and that sharp features on the sample 

surface act as a probe to image the tip. This methodology is useful when an existing 

image with features sharper than the tip is used. Once the geometry of the tip is known 

the tip effect may be subtracted from the original image through the mathematical 

operation of deconvolution or erosion. The inverse operation of erosion is dilation, where 

the tip effect is added to an existing AFM image by mathematically scanning the tip 

shape across the three dimensional image surface. This transformation is useful in 

simulating tip effects as dilation occurs in all tip-sample scanning. The practical steps to 

apply the tip deconvolution procedure will be discussed in Chapter 5. 



 20 

2.2 Cellulose 

 
Figure 2.6: Cellulose structures. A) Cellulose chain consists of β - (1,4) glycosidic bonds 
linking D-glucose sugars, B) Hydrogen bonding patterns, C) Chain orientation of 
cellulose  (parallel) and cellulose II (anti-parallel), D) cellulose unit cells triclinic and 
monoclinic, and E) cellulose fiber contains crystalline and amorphous domains. 

2.2.1 Cellulose Structure 

 Cellulose is the most abundant biopolymer on earth and is the primary structural 

material in plants. It has been widely studied due to its industrial importance in paper, 

textiles, plastics, food additives, propellants,25 and recently as an alternate fuel source. 

Cellulose is a linear homopolymer consisting of β - (1,4) glycosidic bonds linking D-

glucose sugars to form a structure with the base unit cellobiose shown in Figure 2.6. 

There is a 180° rotation of each unit resulting in an axial twist along the length of the 

polymer. The chains of native cellulose stack parallel to form a complex system of inter- 
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and intra- molecular hydrogen bonds resulting in microfibrils. Each chain has a reducing 

end with a free hemiacetal (or aldehyde) on the C-1 and a non-reducing end with a free 

hydroxyl at the C-4. The degree of polymerization, crystallinity, and available surface 

area depend on the source of the cellulose and each are important factors in determining 

the susceptibility to enzymatic degradation.  

 The number of residues in a cellulose chain varies depending on the source. The 

length of the chains typically range from 300 – 1700 residues for wood, 800 – 10 000 for 

cotton, and 16 000 – 20 000 for bacterial sources29. Purified or regenerated sources are 

much shorter ranging from 250 – 500 units in length. The length also depends on the 

location in the organism. In plants, the length of the cellulose in the primary cell wall is 

in the range of 2000 – 6000 units, whereas in the secondary wall the length can be as high 

as 14 000 units. A microfibril of cellulose that is 14 000 units will be approximately 7 µm 

in length. Valonia, a genus of green algae, has microfibrils of extremely high crystallinity 

1200 – 1400 unit in length26. 

 In native cellulose, cellulose I, the chains stack in a parallel orientation to form 

microfibrils. The strongest intramolecular hydrogen bonds occur in this orientation and 

the low intermolecular attractive forces result in a fiber with strength and flexibility. 

Within native crystalline cellulose there are two distinct allomorphs28: triclinic Iα and 

monoclinic Iβ (Figure 2.6). Cellulose produced by bacteria and algae is predominantly in 

Iα while cellulose of higher plants consists mainly of Iβ28.  

 Cellulose II is the thermodynamically stable form of cellulose that results from 

cellulose being dissolved and precipitated or mercerized (treated with concentrated 

alkaline swelling agent and washed). In the transformation, the chain stacks go from 

parallel to anti-parallel and the process is irreversible.  

 The supramolecular structure of cellulose is responsible for its characteristic 

properties including hydrophilicity, chirality, degradability, strength and flexibility. All 

of these properties stem largely from the extensive hydrogen bond network of inter- and 

intra-molecular bonds. As seen in Figure 2.6 the dominant intra-chain H-bond is 

O3−H…O5 giving cellulose chains rigid, linear shape27. The dominant inter-chain 

bonding is from O6−H…O3 and a second from O2−H…O6. In cellulose II, the dominant 
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intra-chain H-bond is also O3−H…O5, however, the intra-chain bonds are from 

O6−H…O2 and O2−H…O628. 

 The supramolecular structure of cellulose is characterized by crystallite dimension 

(Section 2.2.2), degree of crystallinity (Section 2.2.3), number and type of defects, 

structural indices of amorphous domains, dimensions of fibrillar formation and 

potentially other factors28.  

2.2.2 Cellulose microfibrils  

 Whereas the molecular level structure of cellulose is relatively simple, the 

macromolecular structure of cellulose is very complex. In general, cellulose microfibrils 

organize into fibril bundles and then the bundles into fiber ribbons29. The size of the 

cellulose microfibrils and ribbons can be strongly influenced by the initial cellulose 

source and post-synthesis by preparation methods such as drying. 

 The arrangement of the smallest cellulose crystals in microfibrils is still a topic of 

much debate30,31. Many different models have been developed based on observations 

from different sample preparations and experimental methodologies. There are an 

abundance of different terms used to describe the same structural properties of a fiber. 

The term cellulose microfibril will be used extensively throughout this work to describe 

the basic component of native cellulose. Other closely related terms include ‘elementary 

fibril,’ ‘protofibril,’ or ‘nanofiber.’ Cellulose crystallite is a term encountered when 

describing the smallest purely crystalline structure observed in a given fiber or 

microfibril. 

Source Size (nm) Analysis Technique Ref. 

wood 2.5 x 2.5 Small angle x-ray scattering Jakob et al. 199432 

cotton 4.9 x 6.6 X-ray diffraction Müller et al. 200034 

baterial 5.3 x 6.5 TEM, x-ray diffraction Iguchi et al. 200038  

Valonia 20 x 20 High resolution electron microscopy Sugiyama 198533 

Table 2.1: Cellulose microfibril cross-section size. 

 Some examples of microfibril cross-section size are included in Table 2.1. From 

these it is possible to describe a microfibril as a single thin long crystalline entity with 

highly anisotropic physical properties30. Based on the dimensions, microfibrils are 



 23 

composed of approximately 30 – 40 glucan chains aggregated laterally by hydrogen 

bonding and van der Waals forces resulting in the crystalline structure. The length of the 

microfibrils is on the order of several hundred nm34. 

 
Figure 2.7: Cellulose structure: A) Fringed fibrillar model and B) microfibril model. 

 Studies in the 1940s found that microfibrils consisted of two distinct regions: 1) 

the crystalline region of highly ordered cellulose molecules and 2) the less ordered region 

called amorphous or paracrystalline. In addition, in the crystalline regions there are 

irregularities that manifest as distorted surfaces, twists and strained kinked regions along 

the microfibril25. The fringed fibrillar model34 includes crystalline regions of varying 

dimensions and noncrystalline or paracrystalline regions interspersed to describe the 

structure of microfibrils. The combination of crystalline microfibrils with less ordered 

and defect-rich regions contribute to a cellulose fiber structure with varying reactivity 

along the polymer.  

2.2.3 Cellulose Crystallinity 

 Crystallinity in cellulose fibers and microfibrils is one of the most influential 

properties in determining susceptibility of the fiber to enzymatic degradation. While 

much work has been done to precisely determine the crystalline make up of cellulose, it is 

still not well understood35. For many sources of cellulose, the packing of cellulose chains 

(Iα and Iβ), hydrogen bonding, and crystallography of isolated cellulose fragments have 

been determined. How these structural elements fit together to form a fibril with large 
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regions of high crystallinity and interspersed regions of lower crystallinity, all contribute 

to the determining the make up cellulose fibers.  

 A cellulose microfibril is approximately 5 nm in width, which means an X-ray 

diffraction pattern cannot resolve the structure. The smallest cellulose crystals are 

imperfect and as a result fibril regions are described as amorphous28. Kinks, twists, and 

defects affect the crystallinity of a cellulose fibril25. 

 The crystallinity index (CI) has been widely used to determine the crystallinity of 

several cellulose sources but has been found to vary significantly depending on the 

measurement method and sample preparation. The cellulose of highest crystallinity is 

from algal sources and can be greater than 80%. Bacterial cellulose has been found to be 

65 - 79% crystalline and cotton 56 - 65%36. These differences in crystallinity determine 

the amount of substrate available for enzymatic degradation. 

It is difficult to characterize the less crystalline regions in cellulose fibers because 

they have approximately the same electron density as the crystalline regions and resulting 

in low contrast between the two in scattering experiments. The extent and location of 

amorphous cellulose in the fiber structure is an area of much interest. It is possible for 

water or other small molecules to penetrate the paracrystalline regions causing swelling. 

This swelling can be used as a tool for determining the less ordered component of 

cellulose and as a measure of accessible substrate for enzyme degradation. Penetration of 

water into the crystal lattice is much more difficult as it need time to open and widen the 

lattice of the cellulosic structure36.  

2.2.4 Acetobacter xylinum 

 Acetobacter xylinum is the source of cellulose used in this study. It is a gram-

negative bacterium that produces exceptionally pure cellulose with a crystalline unit 

structure and average microfibril width comparable to many plant and algae sources. A 

single cell of A. xylinum bacterium can polymerize up to 200 000 glucose molecules per 

second. The cellulose is extruded into the surrounding medium as a single, twisted, 

ribbon-like bundle of microfibrils37. A thick extracellular mat called a pellicle composed 

almost entirely of cellulose characterizes a static culture of A. xylinum. 

 There are a range of reported dimensions of fibers and microfibrils produced by 

A. xylinum measured by transmission electron microscopy (TEM) and X-ray 
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scattering38,39. Iguchi et al.38 reported a ribbon cross-section of 80 × 4 nm2 and a 

microfibril cross-section of 2 − 4 nm. In contrast, Tokoh et al.39 estimated that the 

ribbons are 30 − 50 nm wide and 6 − 10 nm thick. AFM studies have reported40 fibers 

ranging from 98 − 140 nm wide with an average thickness of 4 nm39. The AFM data were 

not corrected for tip broadening and the examples were all reported for dried fibers. 

While dried fibers are experimentally expedient, they are not representative of native 

cellulose during enzyme degradation.  

 There are few examples in literature of wet fiber dimension analysis. Astley et 

al.41 used environmental scanning electron microscopy to estimate the width of the fiber 

to be 50 nm and using small angle x-ray scattering the microfibril cross-section was 

reported equal to 1 x 16 nm2. The model data are a poor fit with the experimental data 

and they are therefore unreliable. In earlier work on this research we reported a cross-

section of the microfibril with wet sample preparation as 5 ± 1 × 5 ± 1 nm.42  
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2.3 Enzymes 

 Enzymes that are produced by bacteria, fungi, plants, and insects that hydrolyze 

cellulose are generally referred to as cellulases. Most cellulases have a multimodular 

organization of different functional domains including catalytic modules and cellulose 

binding modules. In addition to cellulases, expansins have been discovered in plants and 

appear to disrupt the interactions between cellulose chains without exhibiting hydrolytic 

activity43. 

 
Figure 2.8: Stylized models of cellulolytic enzyme structure. A) Cellulase and B) 
Cellulosome. 

There are two ways that cellulolytic bacteria and fungi degrade cellulose: 

anaerobically and aerobically. A number of anaerobic microorganisms produce a 

multienzyme complex called a cellulosome while most aerobic microorganisms produce 

a set of individual cellulases. In both cases, the enzymes work synergistically to degrade 

the crystalline cellulose. With complete digestion the end products are cellobiose, 

glucose, and some larger oligosaccharides.  
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2.3.1 Structure of Cellulases and Cellulosomes 

 Cellulosomes are a large complex of enzymes secreted directly from the 

organism. The original discovery of the cellulosome was in 1983 by Bayer and 

colleagues 44  in the bacterium Clostridium thermocellum. It was found as a large 

multicomponent, extracellular complex having major cellulolytic activity45. Cellulosomes 

have multiple catalytic domains (CD) performing different actions in the degradation of 

cellulose. Cellulose binding modules (CBM) assist in binding the enzyme complex to the 

cellulose substrate. Cellulosomes frequently have many CBMs. Other domains that 

contribute to the complex architecture are called dockerins and scaffoldin which act as a 

structural backbone for the cellulosome.  

	  
Figure 2.9: Function and attack of cellulase enzymes on cellulose substrate. 

 Noncellulosomal enzymes are called generically cellulases and are secreted in 

their isolated form from bacterial and fungi. In cellulases, the CBM is commonly 

connected to the catalytic domain through a short linker peptide (Figure 2.8). A number 

of cellulases also contain fibronectin-like domains, but the function of these domains is 

not understood. Cellulases can be divided into three major categories: endoglucanases, 

cellobiohydrases and β-glucosidases. Each have a specific function in the synergistic 

digestion of cellulose and all act to hydrolyze the β−1,4 bond (Figure 2.9).  
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The organization of the polysaccharide enzymes were originally grouped into 

categories based on a given substrate interaction. The two main actions of attack for 

cellulose enzymes are ‘endo’-acting and ‘exo’-acting. Endo enzymes cleave the 

polysaccharide substrate in the middle of the chain and often result in large 

oligosaccharide products. Exo-acting enzymes act on chain ends, cleaving smaller 

subunits. Endoglucanases were included in the endo group and exoglucanases, including 

cellobiohydrolases, into the exo group46. This classification system has since undergone 

significant changes as a result of glycosyl hydrolases substrates and bond cleavages all 

being quite similar. The current method of classification (CAZy, Carbohydrate Active 

enZymes) is based on conserved amino acid sequences and secondary structures and 

results in enzymes with similar three-dimensional features being grouped together47. The 

endo and exo distinction is still helpful for understanding the general action of 

cellulolytic enzymes on cellulose.   

 
Figure 2.10: Enzyme structure: A) endoglucanase with active-site cleft and B) 
cellobiohydrolase with active site tunnel.  

 Endo-acting enzymes like endoglucanse are often characterized by a deep cleft 

(Figure 2.10A) that allows for binding to any position along the cellulose chain46. 

Endoglucanases randomly attack and hydrolyze the β - 1,4 bond to produce cell-

oligosaccharides (cellulose chains varying in length from six or more units). As an 

endoglucanase hydrolyzes cellulose there is a rapid decrease in the viscosity of the 

cellulose solution. This change in viscosity can be used as a measure of the extent of 
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degradation in a relatively specific activity assay54. These enzymes act preferentially on 

longer cellulose chains, slowly increasing the number of reducing end groups. The action 

is not entirely random, as the end linkages are less affected than the internal linkages. The 

rate of hydrolysis increases with the degree of polymerization48. The enzyme activity is in 

general initiated on the amorphous regions of the cellulose, before attacking the 

crystalline regions of cellulose.  

 Exo-acting enzymes have an active site that forms a tunnel (Figure 2.10B) 

through which the termini of a cellulose chain can be threaded. Cellobiohydrolases 

(CBH) are in this category as they act on the end of a cellulose chain to release cellobiose 

units. These enzymes can act on the reducing or non-reducing ends of cellulose 

depending on their classification. CBHs act on both crystalline and amorphous cellulose. 

 β-Glucosidase hydrolyzes cellobiose into two units of glucose. While β-

glucosidase is important for the fermentation of cellulose into ethanol, it does not act on 

the supramolecular structure of cellulose and therefore will not be discussed further. 

Enzymatic performance is affected by pH and temperature. The optimal pH 

conditions are dictated by the enzyme’s isoelectric point (pI), the pH at which the protein 

carries no net charge. The majority of fungal endoglucanases have pI values from 2.9 to 

neutral. Bacterial endoglucanases are also predominantly acidic in nature with common 

pI values from 3.1 to 6.1. Both fungal and bacterial enzymes have some exceptions with 

optimal conditions in the basic regime from 7 to 954. Cellobiohydrolases follow a similar 

trend with optimum pH values in the acidic range with pI values from 3.6 to 6.354. The 

optimal temperatures vary from 30 to 75°C. The majority of enzyme systems are most 

active at 50°C. These conditions are impractical for the laboratory setting and much 

lower temperatures of 20 - 25 °C were used. 

 There are a number of specific enzymes of interest used in this study, including 

the endoglucanase CenA from the bacterium Cellulomonas fimi, endogluanase EG1 

(Cel7B) from the aerobic fungus Trichoderma reesei, and cellobiohydrolases CBH1 and 

CBH2 also from T. reesei. C. fimi produces at least six β-1,4-glucanases, four 

endoglucanases (CenA, CenB, CenC, and CenD) and two cellobiohydrolases (CbhA and 

CbhB). CbhA and CbhB are functional equivalents of CBHI and CBHII produced by T. 

reesei49.  
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CenA is a non-cellulosomal family 6 endoglucanase with a molar mass of 

approximately 47 kDa49. CenA has one cellulose binding module and is believed to attack 

susceptible linkages in a relatively random manner49. The ability of CenA to hydrolyze 

the β-1,4 bond depends on the cellulose source. For cotton, CenA decreases the degree of 

polymerization progressively and leaves one low molar mass product50. On the more 

crystalline bacterial cellulose, CenA has a similar action, but releases two different mean 

molar mass products (bidisperse). On bacterial microcrystalline, cellulose CenA is 

significantly less active but also produces bidisperse products. CenA is less effective on 

substrates with higher crystallinity. This suggests that CenA preferentially attacks 

amorphous regions in the cellulose microfibrils as illustrated in Figure 2.11 (adapted 

from50). The amorphous regions are completely digested into fragments with a low 

degree of polymerization while the longer crystalline fragments are left behind resulting 

in bidisperse products. CenA can only slowly attack the crystalline areas of the cellulose 

fiber50.  

 
Figure 2.11: Mode of hydrolysis of cellulose by endoglucanase CenA from C. fimi. 

 

 The structural characteristics of CenA reflect its domain architecture. Small-angle 

X-ray scattering (SAXS) analysis shows that CenA is ’tadpole-shaped’ having an 

elliptical head containing the catalytic domain (CD) and a tail-like extended cellulose 
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binding module (CBM), shown in Figure 2.12. The result is a protein with a quaternary 

structure approximately 10 nm in length51. Studies show three tryptophan residues are 

aligned and exposed on one face of the CBM and are involved in binding to cellulose50. 

  

Figure 2.12: Tadpole shape determined from SAXS for CenA. 

 The enzymes of T. reesei are perhaps the best understood plant cell wall 

hydrolyzing system52 . T. reesei produces enzymes in seven families of glycoside 

hydrolases including endoglucanase EGI and cellobiohydrolase CBHI from family 7 and 

cellobiohydrolase CBHII from family 6. Each of the three enzymes of interest have a 

family I cellulose binding domains. The cellobiohydrolases complement each other as the 

CBHI degrades cellulose molecules from the non-reducing ends and CBHII degrades 

them from the reducing ends52.  

2.3.2 Cellulose Binding Modules 

 Cellulose binding modules (CBM) play a key role in the degradation of cellulose. 

CBMs can be grouped into three distinct categories. Type A interact with crystalline 

polysaccharides, primarily cellulose, Type B bind to internal regions of single glycan 

chains, and Type C recognize small saccharides within complex polysaccharides or the 

termini of the polymers53.  

 The ability of an enzyme to degrade insoluble cellulose is strongly correlated to 

its availability or possession of a CBM54. The primary function of the type A CBM is to 

bind the cellulose enzyme or enzyme complex to the cellulose substrate and facilitate the 

interaction of the catalytic site with the cellulose. Understanding CBM is an important 

part of understanding cellulose degradation. It is known that the rate-determining step 

occurs during cellulose binding, but exactly how it happens is still poorly understood55.  
 There is a strong correlation between the capacity of cellulolytic enzymes to 

degrade crystalline cellulose and their affinity for the cellulose substrate. All known 

endoglucanases have a cellulose binding module56, suggesting the presence of the binding 
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domains enhances the activity of the enzyme towards the cellulose substrate. The 

cellulose binding module is attached to the catalytic domain by a flexible linker. The 

flexible linker allows for enzymatic attack on several sites on the cellulose fiber. It is 

unknown extent to which CBM binding is reversible and if it can move along the 

substrate56. Some sources have also reported that the CBM may disrupt the substrate to 

increase access for the catalytic domains57. The specific action of cellulose binding 

modules is a main focus of cellulolytic research58. 

The binding domain of CBHI (Cel7A) is 36 residues in length with overall 

dimensions59 of 3 x 1 x 1.8 nm3. In 1989, P.J. Kraulis et al.60 solved the NMR structure 

for the CBM of T. reesei CBHI. Since then, many experimental and computational 

studies have provided insight into the binding nature of the CBM, however there are still 

many open questions remaining regarding the interactions of the domain with cellulose. 

The thermodynamic nature of Cel7A CBM binding is unknown61. 

The residues responsible for the interaction of the binding domain with the crystal 

face of cellulose have been determined. The CBMCBHI
 structure consists of a wedge-

shape with an irregular antiparallel triple-strand β-sheet62. The structure of the wedge has 

two distinct faces: a flat face and a rough face. On the flat face there is a planar 

arrangement of amino acid residues involving one glutamine, one asparagine and three 

tyrosine residues (positions 5, 31, 32). The aromatic residues and their precise spatial 

arrangement are essential for strong interactions with crystalline cellulose62. In CBMCBH1 

there are four cysteine residues that form two disulfide bridges in the core of the domain. 

These residues are strictly conserved in all the T. reesei CBMs and stabilize the backbone 

structure.  

Linder et al.59 determined binding for six synthetic analogues, five of the flat face 

and one from the rough face. Of the tyrosine residues, two showed significant decrease in 

affinity (Y31A, Y32A) when replaced with to alanine residues, while one (Y5A) affected 

the overall structural compactness59 of the binding domain. The two polar residues were 

replaced with alanine and only the glutamine residue was found to be essential for tight 

binding59. The mutation on the rough face of the binding domain had only a small effect 

on the binding of the CBM to the cellulose surface and the authors suggest it is unlikely 

this face interacts with cellulose59. 
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Precise spatial arrangement of aromatic residues is essential for the binding to 

crystalline cellulose. The crystal structure of the CBMCBHI shows alignment of the active 

residues to be almost precisely that of the cellobiose unit. This spacing suggests the 

enzyme readily binding to the corresponding crystal face of celluloses. The spacing of the 

residues is not perfect allowing the protein to bind reversible. 

The binding domain of EG1 (Cel7B) is 38 amino acids in length. The domain has 

the same structural characteristics as CBMCBH1, it is wedge-like with a flat face and a 

rough face. On the flat face there is a tryptophan residue, two tyrosine residues, an 

asparagine and a glutamine residue. Only the tryptophan (position 7) is different that the 

residues on the flat face of CBMCBH1. On the rough face of the binding domain all four 

resides differ from CBMCBH1. The residues include one of each lysine, threonine, tyrosine 

and aspartic acid.  The binding domain has an additional disulfide bridge in addition to 

the two conserved in the family. It is near the N-terminus of the structure and does not 

alter the backbone confirmation, which is nearly identical to that of the CBMCBH1.  

Comparing the sequences of CBMEG1 and CBMCBH1, only 9 amino acids are 

different. Comparing the overall structures of CBMEG1 and CBMCBH1 reveals that the 

rough face of CBMEG1 is somewhat flatter than that of CBMCBH1
62. The implications of 

this difference in binding events are not well described, however the affinity for EG1 to 

cellulose is higher than CBH1, so it is likely the structural difference has some 

significance. In binding studies with CBMEG1 with long soluble sugars (cellopentaose and 

cellohexaose) the results were similar to those of CBMCBH1 described above. 

Additionally, no binding to short oligomers was observed, confirming the interaction 

between the binding domain and cello-oligosaccharides is specific. In both the cases of 

CBMCBH1 and CBMEG1 the aromatic residues in the flat face are proposed to interact with 

the flat face of insoluble crystalline cellulose. 

An interesting study by Srisodsuk et al.63 investigated the effects of replacing the 

binding domain of CBH1 with that of EG1 on the action of the enzyme on bacterial 

cellulose. CBH1 and EG1 have significantly different modes of action and the possibility 

of the CBM contributing to the mode of action is still an unanswered question. In the 

hybrid enzyme study, no significant increase in activity between the wild-type CBH1 and 

the CBMEG1 fusion was measured on soluble substrates63. On bacterial crystalline 
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cellulose substrates, marginally higher activity measured in the case of the fusion protein 

for long hydrolysis experiments. Overall, there was no significant influence on the 

function of the CBH1. The authors speculate that increased affinity of the CBM to the 

cellulose substrate alone is not enough to increase hydrolysis significantly63, but that the 

answer lies in the balance of inter-domain and inter-protein synergy.  

The movement of EGI is not known. The CBMEGI sequence compared to 

CBMCBHI sequence is very similar. The primary difference is a tryptophan residue instead 

of a tyrosine residue on the flat side of the wedge.  It is the flat side of type 2 CBMs that 

has been found to be responsible for key binding interactions. The rough side of the 

CBMEGI wedge  is considerable less rough than CBMCBHI. The function of the rough side 

of the wedge has not been explored and may account for EGI’s ability to bind differently 

to cellulose structures compared to CBHI and possible account for its non-hydrolytic 

action.  

 

2.3.3 Basic mechanism and function 

 Much is known about the hydrolysis of the glycosidic bonds in cellulose 

degradation including the three dimensional structures, catalytically important residues, 

mechanisms of the hydrolysis, specificities, and relative efficiency52. Access to substrates 

limits the catalytic efficiency of cellulose enzymes. Most cellulases degrade the easily 

accessible amorphous, less-crystalline regions first and then degrade crystalline cellulose 

at a much slower rate52. This is a result of the hydrogen bonding networks in the cellulose 

making much of the substrate inaccessible for the processive enzymes.  

The catalytic mechanism of the hydrolysis of cellulose by cellulolytic enzymes 

has been studied in great detail and is well understood46,54,64. The molecular catalysis 

involves two amino acids of the enzyme that perform one or two nucleophilic 

substitutions at the anomeric center. There are two possible mechanisms: retaining 

(Figure 2.13A) and inverting (Figure 2.13B). The names refer to whether the hydrolysis 

leads to a retention or inversion of the anomeric configuration. In both mechanisms, the 

cleavage is catalyzed primarily by two active-site carboxyl groups. One acts as a proton 

donor and the other as a base or a nucleophile. 
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Figure 2.13: Mechanism of glycosidic bond hydrolysis A) Retaining mechanism and B) 
Inverting mechanism 

   

 The retaining mechanism is a multistep process involving the formation of a 

glycosyl-enzyme complex. The glycosidic oxygen of the substrate is initially protonated 

via the acid/base catalyst forming the intermediate. An attacking water molecule 

accomplishes hydrolysis of the intermediate and the resulting product has the same 

stereochemistry as the starting substrate. The inverting mechanism involves a single step 

protonation of the glycosidic oxygen by way of the acid/base catalyst and at the same 

time attack by a water molecule activated by the nucleophile. The resulting substrate 

stereochemistry is the inverse of the initial substrate.  

Within a family of enzymes the type of mechanism is conserved46. The primary 

factor determining inverting or retaining mechanism is the distance between the active 

sites. The inverting mechanism has a distance of separation of approximately 10 Å, 

which is significantly larger than the distance between the catalytic residues involved in 

the retaining mechanism, 5.5 Å. In the inverting mechanism the additional space is 

required for the water molecule that is involved directly in the hydrolysis46. Examples of 

the acid/base and nucleophile residues are aspartic and glutamic acids54. 
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Chapter 3 Literature Review 

3.1 Cellulose Degradation  

The structure of cellulose and the mechanism of cellulose biodegradation have 

been the focus of much research for the past fifty years. The structure of cellulose was 

elucidated1,2 in the 1800s, but it was not until the 1950s that Reese and coworkers3 first 

demonstrated the existence of cellulolytic enzymes. Since then, analytical methods have 

improved and extensive research has been done in this area. In terms of bioconversion of 

cellulose to glucose it is known that the process requires the synergistic action of at least 

three major enzymatic components consisting of endoglucanases, cellobiohydrolases and 

β-glucosidases. The function of each has been described, however, the mechanistic 

details of their binding and hydrolytic action are still poorly understood. Endoglucanases 

and cellobiohydrolases are of great interest as their action is on insoluble cellulose 

substrates and is extremely complex. The synergism between endoglucanases and 

cellobiohydrolases is widely studied with the action on crystalline cellulose4. The mode 

of synergism has yet to be determined as many factor contribute including synergism 

between the two enzymes, but also between the two domains of each enzyme. Answers to 

these fundamental questions are essential to the development of cost effective enzyme 

systems for the conversion of biomass into cellulosic ethanol. 

Many three-dimensional structures of whole enzymes and their catalytic and 

binding domains have been determined. There have been many different types of 

cellulose films developed for studying the enzyme systems and numerous analytical 

techniques employed to investigate their properties. Significant research has also been 

done on the degradation of cellulose fibers and enzymatic binding studies. 

While a lot is known about cellulose-enzyme reactions, there are still a number of 

steps in the process that are not fully understood. One of the main limitations in cellulose 

depolymerization by cellulolytic enzymes is the accessibility of β - 1,4 glycosidic 

linkage. A number of elements contribute to this limitation including accessibility of the 

crystalline substrate, possible binding of enzymes irreversibly to the substrate, enzyme 
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inactivation and changes in cellulose microstructure during digestion. All these 

possibilities limit the enzyme’s access to the active sites on the cellulose, but the exact 

contribution of each is unknown. Another void in understanding is the mechanisms of 

processivity for enzymes with respect to the cellulose. Finally, specifics of enzyme 

synergy still need to be explained.  

Atomic force microscopy (AFM) is increasingly being used to characterize 

biological samples because of several advantages. Measurements can be made under 

most in vivo physiological conditions, both in air and in fluid, essentially eliminating 

structural modifications generated during sample preparation of transmission electron 

microscopy (TEM). Images acquired are high-resolution (in some cases atomic 

resolution), and comparable to the resolution of more traditional TEM studies. It is also 

possible to obtain sample topography and elasticity information simultaneously. These 

advantages make AFM an ideal technique for in situ measurements of enzymatic events 

at a molecular level of cellulose-enzyme systems. By monitoring changes in the cellulose 

structure it is possible to gain information about enzyme action not available through any 

other analytical or biochemical technique. 

The focus of this literature review will be recent work on cellulose-enzyme 

systems and the progress in addressing the above questions using physical techniques, 

focusing on AFM studies. Since the limitations of enzymatic hydrolysis are both 

substrate and enzyme related, each will be considered. Specific emphasis on the 

preparation of native cellulose films and the recent studies of cellulose microfibril 

structure will be discussed. Efforts to determine the function of the cellulose binding 

module will be discussed with respect to reversible versus irreversible binding and the 

structural features of the domain and its relation to function. In addition, cellulose-

enzyme reactions rate changing over the course of the reaction will be reviewed.  

 

3.2 Cellulose 

3.2.1 Cellulose Fiber Structure 

Cellulose consists entirely of β - 1,4-linked glucose sugars and is the main 

structural material in plants and many forms of algae. It is also secreted in a very pure 
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form by some species of bacteria and the hierarchy of bacterial cellulose structure is 

shown in Figure 3.1. The biophysical properties of cellulose are based on how the glucan 

chains are packed5. The most common polymorphs (different crystalline packings and 

hydrogen bond structures) of cellulose are cellulose Iα, Iβ, II, III, and IV. The literature 

consists of many examples of highly modified or regenerated cellulose films. As a result 

the native structure of plant cell wall cellulose remains unknown5. Development of 

biophysical tools to study in situ cellulose microfibrils is the key to elucidating the 

complex structure.  

High-resolution techniques such as Raman spectroscopy, x-ray diffraction, 

electron microscopy and AFM have been used to study cellulose architecture, chemical 

composition and to elucidate the crystal structure and organization of cellulose 

microfibrils. Crystallites from cellulose sources including wood pulp, bacterial and algae 

have been measured with 13C NMR6,7, X-ray diffraction, small angle neutron scattering8, 

TEM9 and Fourier transform infrared spectroscopy (FTIR)10,11.   

Traditional measurement techniques including scanning electron microscopy 

(SEM) and TEM require extensive sample preparation that can damage or change the 

native cellulose structure. The ability to investigate the materials with essentially no 

sample preparation at the nanoscale is imperative. Cellulose and its associated enzymes 

are on the scale of 5 - 100 nm5,12. An early study by Kirby et al.13 used AFM to probe the 

molecular architecture of hydrate plant cell walls before and after freeze-thaw sample 

preparation techniques. The moist samples were imaged in air at ambient conditions 

(temperature and humidity) and layered fibrous structures were observed. Changing the 

conditions (ex situ) resulted in slight variations in structure including increased 

fractionation and irregular thinning of fibrils13. This work stresses the importance of 

sample preparation when intending to study native cellulose structures. In this review, 

experimental details of cellulose sample preparation will provide emphasis on varying 

measurement conditions. 

Hirai et al.14, used AFM to estimate the dimensions of cellulose macrofibrils from 

Acetobacter xylinum samples varying the cultivation conditions14 from 4 ˚C to 28 ˚C. The 

cellulose assemblies grown at 28 ˚C are described as dense and band-like, measured 20 - 

30 nm in height. This is significantly larger than the 6 - 8 nm value seen from assemblies 



 43 

grown at 4 ˚C and is attributed to different cultivation conditions. This work further 

supports the importance of using the same conditions when comparing experiments. 

Hornification is the technical term used to describe changes in cellulose fiber 

structure as a result of drying or water removal15. During drying, the chains of cellulose 

pack tighter together upon water removal. When rehydrated, the irreversibly hornified 

fiber is less flexible and swollen then before drying. The process leads to a reduction in 

available surface area15. 

 
Figure 3.1: Hierarchy of bacterial cellulose structure. Polymer of 1,4-b-glucose chains 
stack to form microfibrils that stack into ribbons and finally cellulose fibers. 

Cellulose microfibril size range from 2 to 10 nm in diameter6,16,17. Size variation 

arises from diversity of plant species and cell types. There are also differences that arise 

from technique artefacts and variations in cellulose preparation methods. In the literature, 

cellulose that has been treated (alkaline or acidic swelling for example) is often reported 

as equivalent to a native cellulose fibril. This leads to the erroneous nature of much of the 

reported data. Another source of disagreement is the level of resolution used in the 

measurement. A TEM measurement of a cellulose microfibril was found to be 

rectangular with a 2 x 3 nm2 cross-section17. Using high resolution TEM the same type of 

cellulose appeared to have a hexagonal cross-section18. It is also possible that the 

different dimensions arise from different exposed crystal faces or from poorly defined 
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terminology. In the literature the term elementary fibrils refers to the original strand 

synthesized by the plant cellulose synthase complex. The microfibril is the microscopic 

feature which contains one elementary fiber and possibly associated non-cellulosic 

polymers. For the current research, bacterial cellulose was exclusively used and contains 

only cellulosic polymers and therefore the term microfibril is used to describe the 

smallest bundles of cellulose chains. The macrofibril is a bundle of microfibrils19 held 

together by hydrogen bonds and in the case of A. xylinum cellulose form then ribbons20.  

High resolution AFM was used to determine the crystal structure of native 

cellulose I microfibrils from the algae Valonia ventricosa in propanol and water21. The 

cellulose was prepared as cellulose nanocrystals (hydrolyzed in strong acid to remove 

amorphous cellulose) to contain only the crystalline region of native cellulose. The 

structure of the crystallites is known from electron diffraction experiments to be unaltered 

by the treatment22. A small drop of the crystallites suspended in water was dried at 

ambient conditions on mica or for liquid experiments, 3-aminopropyltri-ethoxysilane 

(APTES) modified mica.  

 
Figure 3.2: AFM deflection images of Valonia cellulose crystals. Insets show FFT of 
image data with letters C, G, and M marking the regions of spectral intensity due to 
cellobiose, glucose and intermolecular spacing, respectively. Adapted from [21]. 

In the AFM images21, the crystal (molecular) axis can be seen and 2D fast Fourier 

transforms (FFT) were performed on the images to determine crystalline properties. 

Spectral intensity due to the cellobiose (1.04 nm), glucose (0.52 nm), and intermolecular 

(0.60 nm) spacing are seen in Figure 3.2. The intermolecular spacing found had 

variations, attributed to scanning and orientation effects at the edge of the cellulose 

crystals. To eliminate potential artefacts, the cellulose surface was imaged in both 
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propanol and water and the scan direction was changed to avoid the typical scanning 

directional artefact. These high-resolution images in solution demonstrate the power of 

AFM to get high-resolution images of in situ biological phenomenon. The resolutions are 

specifically relevant to cellulose-enzyme interactions and the reported literature 

emphasizes the importance of using artefact-identifying procedures to verify and 

strengthen AFM data.  

Ding and et al.19 determined the fibril structure of cellulose by AFM imaging the 

maize cell wall. The native cellulose substrate was prepared from single cells of maize 

corn stover collected and suspended in water. The wetted small pieces of cell wall were 

applied to a glass cover slide, the extra water was removed using a piece of filter paper 

and the sample was air-dried. Inner surfaces from different cells and different faces of the 

same cell were compared to map the native primary cell wall ultrastructures.  

Using tapping mode AFM, Ding et al.19 found larger macrofibrils were only on 

the uppermost layer of the native primary cell wall and that they appeared to be 

composed of bundles of elementary fibrils. The minimum size of the microfibril 

determined from AFM was 5 x 10 nm2. This is similar to cellulose microfibrils from cell 

wall of an onion prepared in similar way23. In the maize there is a diversity of fibrillar 

structures imaged on the native primary cell walls. Images of macrofibrils show fibril 

splitting or fraying at the opposite end from which the fibril initiates, suggesting it is a 

bundle of newly synthesized elementary fibrils and not a result of cell wall drying 

process19. The novel proposal for the sequential fiber synthesis in this work is from 

elementary fibrils to macrofibrils to microfibrils. The elementary fibrils are reported to 

have high-energy surfaces and are coalesced into a macrofiber. The macrofibril then 

disperses at the distal end to form parallel-arranged microfibrils19.  

Ding et al.19 paid significant attention to eliminating AFM tip artefacts. The 

procedures include calibration of each AFM tip with reference gold particle sample, 

interchanging of tips, and a consistent scan-size strategy to ensure reproducibility5. 

However, tip deconvolution was not performed. Harris and Davis23 studied tip-

broadening effects during AFM imaging of cellulose and suggested reporting only height 

measurements to avoid the potential tip-broadening effects13.   
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Chemical force microscopy was used by Bastidas et al. to study adhesion forces 

on model cellulose surfaces in aqueous media24. The AFM tips were modified with –

COOH, -CH3 or –OH terminated thiols. Using modified tips for imaging of cellulose 

surfaces (chemical force microscopy) constructed the chemical characterization map of 

cellulose at a nano-level. The proof of concept of AFM imaging of cellulose in aqueous 

buffer conditions is extreme valuable even though the cellulose sample used was 

regenerated (cellulose II) and therefore does not have relevance to a native system. Also, 

the work shows force mapping the native structure of fibers using a similar methodology 

may be possible. 

The properties of cellulose fibrils have been examined using AFM force 

spectroscopy. The AFM tip can be used to perform microindentation experiment on a soft 

material with an indentation force (order of nanoNewtons) resulting in a deformation in 

the nanometer range25. The force applied by the AFM tip depends on cantilever 

deflection and cantilever spring constant. Measuring the deflection of an AFM cantilever 

is used to acquire force-distance curves of pulp fibers in water25,26 as the tip approaches 

and contacts.  The measurements have found that water-swollen beaten pulps are more 

readily compressed than unbeaten fibers26. Additional literature reports methodology to 

accurately measure the elastic modulus of nanofibers using AFM27,28. 

 
Figure 3.3: Cellulose fiber with large crystalline domains and interspersed regions of less 
ordered amorphous and metacrystalline domains. 

The most inaccessible part of the cellulose superstructure to enzymatic digestion 

is the large crystalline domains (Figure 3.3). It is also the more difficult part of the 

structure for cellulolytic enzymes to digest29. Thus, isolating the crystalline domains from 

the cellulose superstructure can serve as a way to study the individual components of a 

complex system. Acid hydrolyzing the amorphous segments of the fibril structure leaves 

behind the acid resistant crystalline fragments isolating the cellulose nanocrystals30. Early 

work shows transmission electron microscopy (TEM) images of dried suspensions 
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revealed the presence of aggregates of needle-shaped particles31. Further analyses of 

these rods (after acid treatment) with electron diffraction demonstrated that they had the 

same crystalline structure as the original fibers32,33. 

In plant cellulose fiber defects and dislocations are widely reported34,35,36 and have 

recently been under a thorough investigation by L.G. Thygesen et al. using polarized 

light microscopy (PLM). Traditionally it has been assumed that the cellulose in defect 

regions is amorphous37 however by imaging cellulose samples using PLM it was found 

that the dislocations are birefringent38 indicating crystalline organization. The same group 

also used fluorescent labeled endoglucanase with confocal fluorescence microscopy to 

determining the enzyme selectively binds to the dislocation during the early stages of 

hydrolysis38. The measurements are on the order of hundreds of micrometers and are 

performed on intact fibers. This study provides an excellent starting place for high 

resolution studies using AFM and pure cellulose substrates. 

The morphological characteristics of cellulose nanocrystals have been studied by 

TEM, AFM39, SEM40, small angle neutron scattering (SANS)41 and polarized and 

depolarized dynamic light scattering (DLS, DDLS) 42. Although AFM is widely used, 

topography images often show rounded cross-sectional profiles in cases where other 

shapes are expected. Exact length and widths of cellulose nanocrystals depend on the 

source of the cellulose. Bacterial cellulose crystals are reported to have a length of 100 − 

1000 nm and a width of 10 − 50 nm43 and cotton a length of 150 − 210 nm and width 5 − 

11 nm40. A complete review of crystallite sizes from various cellulose sources and 

obtained using different techniques was published by Postek et al.30 In this study bacterial 

cellulose is used in the native cellulose samples, however cellulose from cotton is used to 

make cellulose nanocrystals. The variation in source of cellulose accounts for many of 

the contradicting reports in literature. 

3.3 Cellulose and Enzymes  

The hydrolysis of insoluble, solid cellulose is a heterogeneous reaction (existing 

in solid and liquid phases), which does not match the assumptions of kinetic models 

based on Michaelis–Menten kinetics44. The enzyme initially adsorbs to the substrate and 

the hydrolysis proceeds until an unknown event occurs that dramatically reduces the rate 

of reaction. The mechanisms that lead to the decrease in reaction rate are not fully 
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understood. Some proposals include changes in the microstructure of cellulose during 

hydrolysis impacting enzyme accessibility45 and enzyme inactivation or inhibition46. 

Enzymatic hydrolysis of cellulose is limited by both substrate and enzyme related issues.   

 
Figure 3.4: A) Typical enzyme reaction that obeys Michaelis-Menten kinetics, B) double 
reciprocal plot used to determine reaction terms. Where Vi is initial reaction rate, Km is 
the Michaelis constant, Vmax

 is the maximum rate, and [S] is substrate concentration. 

The initial crystallinity of cellulose plays a major role in determining the rate of 

hydrolysis as an amorphous sample is hydrolyzed much faster than a crystalline sample. 

This leads to hypotheses that amorphous domains in a larger cellulose superstructure are 

degraded first leaving behind crystalline domains with an increased crystallinity index 

and are possibly responsible for the drop in the hydrolysis rate. A wide range experiments 

using different cellulose substrates with enzymes from different organisms with varying 

preparations have tried to prove this theory. The different types of cellulose substrate as 

well as the analytical methods employed, contributed to the absence of a clear 

understanding of the mechanistic action of cellulase on partially crystalline cellulose. In 

situ measurements of cellulose structure under aqueous conditions are difficult to perform 

because most analytical methods require the prior isolation of cellulose and sample 

drying47.  

Moran-Mirabal et al.48 demonstrate that both cellulose and Thermobifida fusca 

cellulases Cel5A, Cel6B, and Cel9A can be fluorescently tagged and that the labeling 

does not inhibit the capability of cellulases to depolymerize cellulose. With the 

fluorescent labels it was possible to show the kinetics of binding through fluorescence 

imaging and use the intensity of the images to construct a binding curve for the 
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cellulases. Complexity of cellulose structure was found to impact the binding curve. 

Samples of individual fibers followed saturation binding models and samples of particle 

and mat cellulose did not.  

In their study48, the cellulose sample was prepared from bacterial microcrystalline 

cellulose and fluorescently labeled in a process that modifies the cellulose structure from 

cellulose I to cellulose III. The major structural change from cellulose I to III is the 

interruption of the tight crystalline packing and a change in the sheet to sheet hydrogen 

bonding. The patterned cellulose surfaces were prepared from a poly lift-off technique. A 

glass substrate was coated with a thin polymer and then a photoresist layer. Light 

exposure develops the photoresist pattern and the exposed polymer is ion etched to the 

glass. The photoresist layer is removed and the cellulose solution is dried (at 70 ˚C for 

one hour) onto the patterned surface. Finally, the polymer is lifted off and cellulose fibrils 

are left in the desired pattern. The fibrils were rehydrated with water overnight at 4 ˚C. 

Controlling the pattern allows for cellulose of different sizes to be isolated including 

particles, mats or individual fibers48. 

In the same study48, fluorescently labeled cellulose was studied with T. fusca 

cellulases Cel5A, Cel6B, and Cel9A labeled with amine-reactive Alexa Fluor 6471 

(AF647) succinimidyl ester. It is assumed that if the distance between fluorophores does 

not allow quenching, the concentration of bound enzyme is proportional to the 

fluorescence. Since only a fraction of the enzymes are labeled, it was assumed that the 

fluorescence intensity is directly proportional to the local enzyme concentration. The 

images were analyzed using intensity algorithms48.  

Moran-Mirabal and et al.48 found all three cellulases studied showed similar 

binding with no significant difference in distribution across the cellulose morphologies. 

However, it was discovered that smaller fibril detail could be observed through the red 

cellulase channel as compared to the green cellulose channel. Time resolved binding 

showed that larger cellulose particles and mats at much longer times saturated compared 

to the smaller fibrils or fibril bundles. The images reveal that cellulase binds to the most 

accessible cellulose first and diffuses to the finer structures and interior second. In this 

study, the cellulose III used has a structure (primarily H-bonding) that results in more 
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accessible active sites for the cellulase to attack, but overall it shares many similar 

structural details with cellulose I and is a good substrate for mechanistic studies.  

In work by Lee et al. 49  the action of an exoglucanase, CBH I and an 

endoglucanase, EG II from T. reesei on cotton cellulose substrates were studied 

individually and in combination. The effects of the cellulases on the surfaces of the 

cotton fibers were examined by AFM. The sample surface was prepared with cotton 

fibers 99.7% Iα cellulose and purified Celluclast enzymes. The fibers were incubated 

with the enzymes before they were centrifuged and vacuum dried onto the substrate for 

imaging. Images were obtained using tapping mode and silicon cantilevers in an 

atmosphere of ultrapure nitrogen gas with a relative humidity of less than 5%.  

CBHI resulted in the appearance of distinct pathways (or tracks) along the length 

of the macrofibril49.  In contrast, treatment with EG II appeared to cause peeling and 

smoothing of the fiber surface. Combining the enzymes resulted in enhanced effects. 

When EG II was subsequently treated with CBH I the smoothed surface showed 

increased pathway formations and a greater number of pathways than with CBH I 

treatment alone.  The study also demonstrated that a cellulase that lacked a cellulose 

binding module had no effect on the cotton surface fibers49.   

AFM images of cellulose on chemically modified gold surface with the addition 

of chloropalldate-inactivated CBH I were collected in the same study49. The AFM images 

have features that are elongated corresponding to the CBH I molecules tail region and 

others that are more spherical corresponding to the head region of the CBH I. In the case 

of the spherical molecules the CBM is interpreted as being inserted into the cellulose49. 

The resolution achieved in this study49 was too low to make significant progress 

in the determination of the enzyme mechanism. However, it did show the power of AFM 

as a tool to resolve such features. A draw back of performing such experiments in air is 

that it is impossible to tell if the enzymes are in their active state in the moment of 

capture or are deactivated and simply fouling the surface of the fiber. These questions 

will have to be answered using in situ imaging studies.  

Lui and et al.50 imaged cellulose from bleached Kraft pulp with tapping mode 

AFM in air and focusing on the phase image. The cellulose substrate was prepared from a 

drop of pulp suspension vacuum dried onto mica from 24 hours. Three enzymes studies 
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were performed: a multicomponent enzyme system with an EG, CBH and BG, a 

monocomponent EG with a binding domain and an EG without a binding domain. The 

experiments were performed at room temperature and images acquired in low humidity 

air. Cellulose samples were incubated with the enzymes for various time periods and then 

imaged.  

The images were analyzed by comparing changes in the phase contrast (described 

in Chapter 2). The images were interpreted as stiffer for the higher phase values. A shift 

in the phase peak to a higher value after 6 hours of incubation with enzyme was 

interpreted as stiffer due to an increased crystallinity in the remaining fibril surface. It is 

difficult to perform data interpretation, since before and after enzyme images of the same 

spot on a sample are unavailable. However, this study is a good example of how the 

phase image contribution provides additional information beyond the physical 

dimensions of the fibers.  

Santa-Maria et al.51 use simultaneous confocal and AFM to directly observe 

changes in cellulose microstructure during enzymatic hydrolysis. They observed that 

untwisting of cellulose microfibrils occurred early in the reaction when the conditions 

favoured at high hydrolysis rates and high quantities of bound cellulase. As the 

hydrolysis reaction neared completion, the microfibrils thinned extensively and channels 

along the lengths of the microfibrils were observed. The study used minimally processed 

never-dried cellulose films from Gluconacetobacter xylinum. The cellulose sample was 

labeled with DTAF and electrostatically attached to APTES-modified glass surface.  

In the study51, the microfibrils were dispersed using sonication. Longer sonication 

times resulted in shorter microfibril lengths, varying from 7 - 25 µm at 10 minutes to 2 - 

6 µm at 45 minutes. The diameters of the microfibrils ranged from 5 to 25 nm with an 

average of 12 nm and some elementary fibrils were found with diameters of 3 - 7 nm. 

Changes in the cellulose microstructure were seen during enzyme hydrolysis by 

cellobiohydrolase Cel7A.  Four major changes51 are: 1) untwisting of the microfibril, 2) 

thinning of microfibrils, 3) the appearance of tracks along the microfibril, and 4) 

appearance of spherical limiting cellulose particles. The untwisting of the fibrils occurred 

in early stages of the degradation and the thinning and tracks in the microfibrils only after 

long hydrolysis times. While the thinning of microfibrils was previously reported in the 
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literature52, the untwisting of the fibrils seen in the early stage reaction is a novel 

phenomenon51.  

This work51 supports the idea that Cel7A and other CBHs operate with a 

processive nature with the tracks from the digestion being the more organized crystalline 

microfibrils remaining after the less ordered cellulose is digested. These results provide 

an excellent starting point for real-time observations of the CBH Cel7A action on 

cellulose. 

J.M. Lee et al.53 studied the morphological changes of enzyme-degraded cellulose 

materials as a function of relative humidity using AFM. The control for the experiment 

was cellulose fibers not exposed to enzymatic degradation. The cellulose substrate was 

prepared from softwood pulp, removing the primary cell wall and obtaining a fraction of 

the cellulose (called cellulose aggregates fibrils) with dimensions of 100 000 x 3 000 x 

300 nm. For AFM substrates a drop of dilute suspension was dried under ambient 

conditions onto a glass slide.  

It was consistently observed that the length of the cellulose fibrils changes by 

simply exposing them to different relative humidity values53. The change in morphology 

was monitored by AFM over many hours with in situ changes in relative humidity. On 

enzyme treated fibers, the structural changes in the imaged cellulose as a function of 

humidity were more significant than untreated fibers. The authors suggest the enzyme 

treatments lead to more open arrangements in the outer layer of the cellulose surface. The 

changes in relative humidity may be related to the arrangement of cellulose chains, but 

the underlying mechanism is still unclear. 

A study by Igarashi et al.54 pushes the limits of conventional AFM and uses high-

speed AFM. While AFM has the ability to produce high-resolution images of 

biomacromolecules55, when studying enzymatic processes the events often occur much 

faster than the scanning of the AFM tip. High speed AFM is capable of recording an 

image in 1 - 4 seconds compared to conventional AFM that takes approximately 4 

minutes to record an image. In the presented, study a cellobiohydrolase from T. reesei, 

Cel7A, was imaged on cellulose substrates prepared from green algae. The highly 

crystalline cellulose sample was immobilized hydrophobically on a graphite grid from a 2 

µL drop of the suspension, allowed to adhere to the surface for five minutes and then 
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rinsed three times with 18 µL of sodium acetate buffer. For initial imaging conditions 

(before enzyme was added), the sample was covered with 70 µL of buffer. AFM images 

were acquired at 1 to 4 images per second with small cantilevers. Enzyme additions were 

5 µL of 20 µM solution.  

The high-speed AFM images obtained with the addition of Cel7A show small 

particles sliding on the surface of the cellulose in a single direction without becoming 

detached from the surface. The cellobiohydrolase, Cel7A, from T. reesei is known to 

hydrolyze cellulose from the reducing end and the processive motion has been previously 

seen in TEM studies56,57. In the AFM study, images recorded show cellulose narrows 

from the reducing end when treated with the enzyme. It was also noted that the only 

hydrolysis product was cellobiose. Both these results suggest reducing end to non-

reducing end motion. 

The group did not observed particles without the addition enzyme. In addition, 

enzymes imaged on the graphite substrate did not slide, only vibrated in place. This 

observation is significant because the cellulose binding module of Cel7A interacts with 

crystalline cellulose through hydrophobic interactions of three aromatic amino acids. The 

sliding movement suggests a more complex mechanism of binding rather than simple 

hydrophobic interactions.  

The motion of an isolated catalytic domain moving at a comparable velocity as 

the intact enzyme54 was observed in the same study. Two additional mutants enzymes 

were used under similar conditions. One mutant enzyme had almost no catalytic activity 

(point mutation of residue E212 to a Q) and when imaged on the cellulose is seen to bind 

to the cellulose surface with no sliding motion. A second mutant enzyme (point mutation 

of W40 to A) had a similar activity on amorphous substrate but very little activity on 

crystalline substrates. This mutant enzyme was also imaged having no sliding motion on 

the cellulose surface, however, when imaged at a faster scan rate the molecules were seen 

attaching and detaching from the surface, but not sliding.  

These experiments contribute considerably to the understanding of the CBHI 

mechanism. The results suggest that both the hydrolysis of the glycosidic bond and the 

loading of the enzyme on the substrate are essential for the sliding motion. Igarashi et 

al.54 suggest that contrary to previous reports58,59, the CBM is not needed to penetrate the 
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cellulose and loosened ends, but instead increases the surface concentration of enzyme on 

the cellulose.  

 The work by Igarashi et al.54 demonstrates the possibilities of AFM imaging of 

biomacromolecules. The high-speed apparatus allows for real-time observation of 

enzymatic events. The cellulose was not overly pretreated or dried under vacuum before 

used in experiments. The authors compared amorphous and crystalline substrates proving 

excellent control for the action of the enzyme.  

These studies show how a concerted effort must be made to further the 

understanding of the cellulose molecular mechanisms at the fundamental scale of 

cellulose fibrils in order to engineer more effective enzymes and enzyme cocktails and to 

understand the microscale heterogeneous kinetics. The majority of experiments eliciting 

such information, such as cellulose alignment in the active site, structural features of the 

enzyme, such as cleft or tunnel, and the amino acids responsible for the catalytic action 

have all been performed using soluble cellulose substrates and bulk measurements. The 

behavior of cellulolytic enzymes on the superstructure of cellulose have shown to be 

complex. Techniques are currently being developed that allow for high spatial and 

temporal resolution of cellulases interacting with fibril and other cellulose structures. 

Here, the fundamental scientific challenges associated with the enzymatic 

hydrolysis of cellulose have been outlined. Many AFM studies have laid the groundwork 

for our current study including the use of phase imaging, mutant enzymes and various 

enzyme cocktails. There are some discrepancies in the literature as a result of neglecting 

the importance of sample preparation. The majority of the mechanistic results in the 

literature focus on the action of the T. reesei CBHI (Cel7A) enzyme. No studies have 

demonstrated mechanistic details for T. reesei EGI (Cel7B) or other endoglucanases. The 

goal of this study was to add to the understanding of the mechanism of cellulose 

degradation using the AFM technique. By looking at CBHI enzyme we can verify our 

method and then apply it to the novel experiments using endoglucanase enzymes. 

Answering questions pertaining to the nature of cellulase binding, including identifying 

preferential binding sites, the synergy between the catalytic and binding domains, and 

movement of endoglucanase on the surface of crystalline cellulose are essential for the 

complete understanding and improvement of the cellulose-enzyme system. 
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Chapter 4: Methodology 
 

All the aqueous solutions were prepared with Milli-Q (Millipore) water with a resistivity 

of 18.2 MΩ cm. All water used for rinsing or washing glassware was also Milli-Q water.  

 

4.1  Glassware and Reagents 

 All glassware was washed in a hot mixture of sulfuric and nitric acids (3:1) for ~1 

hour and rinsed with water. When necessary, the glassware was dried overnight in an 

oven at ~40 °C.  

4.1.1  Phosphate Buffer 

 For CenA and inactive EGI and CBHI enzyme experiments a 50 mM potassium 

phosphate buffer was prepared using 0.17 g monobasic, anhydrous KH2PO4 (99.99%, 

Sigma-Aldrich) and 0.51 g dibasic anhydrous K2 HPO4 (99.99%, Sigma) in 100 mL of 

Milli-Q water. The desired pH was 7.4 and was confirmed using a pH meter. The buffer 

was filtered using 0.1 µm filters (Whatman) to remove any large contaminants 

immediately before using it in any experiments. 

4.1.2  Citrate buffer 

For active EGI and CBHI experiments a 50 mM citrate buffer was prepared from sodium 

citrate (99.9%, Alfa Aesar) and citric acid anhydrous (99.5%, Fluka) in 100 mL of Milli-

Q water. The desired pH was 5.0 to maintain the enzymes at an active state.  

4.2  Substrate preparation 

4.2.1  Gold slides 

 For AFM studies, the gold substrate was a vapour-deposited gold film.  At the 

beginning of this research, these substrates were supplied by the Fritz Haber Institute of 

the Max Planck Society in Berlin, Germany. The slides consisted of a clean glass 

microscope slide with a 2 nm thick layer of chromium (for good adhesion of the gold) 

and an approximately 500 nm thick film of gold sputtered on top. The quality of these 
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slides declined with the final two batches having thicknesses of ~70 nm of gold. This 

amount of gold was insufficient to produce the desired substrate morphology and an in 

house procedure was developed. 

 The in-house procedure aimed to replicate the initial quality of the German slides 

and used a 2 - 3 nm titanium adhesive layer and a ~200 nm thick gold film evaporated on 

top. To prepare the glass for the deposition it was first cut using the water saw to the 

desired size of ~1 x 4 cm. Then glass was cleaned in a boiling chloroform/methanol 

mixture with sonication for 15 minutes. The slides were washed with copious amounts of 

water and then sonicated in a dilute Hellmanex (Hellma) solution. Following another 

thorough washing the slides were sonicated in water, washed with water and stored in 

methanol. Immediately before transfer into the deposition chamber the slides were dried 

with argon gas.  

 The titanium (Kurt J Lesker, 99.995%) and gold (collected from small pieces and 

cleaned for 0.5 hours in piranha solution, rinsed with water and dried in the oven) were 

used to prepare the slides. The slides were assembled in the sample holder and the metals 

placed in the evaporating boats. The deposition procedure was supervised by Dr. Janet 

Baron. It consisted of assembling the slide holder in a vacuum chamber and evacuating 

the chamber until a sufficient vacuum was created. Then a thin layer of titanium (2 - 3 

nm) was deposited followed by a thick layer of gold (100 - 200 nm). The deposition of 

the metal layers was controlled by varying the deposition time and voltage. Details of the 

deposition can be found in Dr. Janet Baron’s Thesis1.  

 After the deposition was complete, the samples were stored in a clean glass 

container and used as needed. The larger samples were cut into ~1 x 1 cm2 samples using 

a diamond tipped cutter. The desired substrate for AFM should be atomically flat. The 

gold slide was annealed in a muffle furnace at 675 °C for 60 - 70 seconds.  The details of 

the annealing procedure can be found in a previous study2. The quality of the annealing 

procedure was checked by AFM. Figure 4.1 shows an AFM image of a gold slide A) 

before annealing and B) after annealing with large flat Au(111) terraces. 
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Figure 4.1: AFM image of a gold slide A) before annealing and B) after annealing with 
large flat Au(111) terraces 

 

4.2.2  Self-Assembled Monolayers 

 To attach cellulose samples to gold films 1-thio-D-glucose was used as an adhesive 

layer (Figure 4.2). The self-assembly of 1-thio-D-glucose has been previously described 

and characterized by Revell3. An approximately 2 mmol L−1 solution was prepared using 

1-thio-D-glucose (Sigma) and spectroscopic grade methanol (99.96%, Fisher Scientific). 

The 1-thio-D-glucose solution was prepared fresh for every experiment and used 

immediately 

 A freshly annealed gold slide was allowed to cool for at least fifteen minutes and 

then placed in a 10 - 50 mL beaker of thiol solution. The beaker was covered with 

parafilm to prevent evaporation and contamination. The slide was immersed in the 

beaker overnight under ambient conditions. The thiols were self-assembled for at least 20 

hours to insure monolayer completion. After the self-assembly time was complete, the 

slides were rinsed first with methanol and then with water and dried in a stream of argon 

gas before being used in the Langmuir-Blodgett experiments.  
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Figure 4.2: Thiol used for self-assembled monolayers: A) thio-d-glucose. 

 

4.3  Cellulose preparation 

4.3.1  Native cellulose 

 The preparation of cellulose from Acetobacter xylinum is reported in numerous 

sources4,5 and will only be briefly described here. The cellulose samples were prepared by 

Chris Vandenende in Prof. Anthony Clarke’s lab in the Department of Molecular and 

Cellular Biology at the University of Guelph. The cellulose was grown from the 

bacterium A. xylinum for approximately one month in a quiescent solution.  

 The pellicle was cut into small (~1 cm × 1 cm) pieces and washed with deionized 

water three times, centrifuging at 5000 RPM after each wash. The sample was then re-

suspended in 1% NaOH and divided into 50 mL conical tubes. The samples were 

homogenized by sonication using a microtip for two minute run time, with 10 second 

pulses and 10 second wait time. After homogenization, the samples were incubated at 70 

– 80 °C in a water bath for 2 hours. Finally, the samples were centrifuged at 15 000 RPM, 

washed, re-suspended, and centrifuged again before being lyophilized. 

 The samples were received in 50 mL centrifuge tubes and were stored in the freezer 

until prior to use. The cellulose sample was a ball-like form that needed to be 

homogenized for making model films. The sample was homogenized using the well-

documented technique6, ball milling (bead beating).  A BeadBeater by Biospec Products 

Inc. was used with a small capacity chamber (50 mL). The chamber was made from 

polycarbonate and polypropylene plastic and was fitted with a Teflon rotor. The small 
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chamber fits inside a larger container and was cooled with ice water. 

 The bead beater was cleaned extensively to avoid any contamination to the 

cellulose that would interfere with subsequent measurements. The chamber was soaked in 

a concentrated solution of sodium bicarbonate overnight (as recommend by the 

manufacturer). The chamber was then rinsed extensively with Milli-Q water followed by 

a final rinse with methanol. The chamber was filled with methanol and a test bead beating 

was performed without cellulose. An aliquot of the methanol and possible contaminants 

from the bead beater were mixed with chloroform and a Langmuir-Blodgett isotherm 

experiment was performed with the sample. This cleaning process was repeated until 

there was no appreciable pressure increase during the compression isotherm and therefore 

no remaining surface-active contaminants.  

 Glass beads, 2.5 mm in diameter, were used in the ball milling. Prior to use and 

after each experiment, the beads were acid washed (3:1 H2SO4 : HNO3 ) overnight and 

rinsed thoroughly with Milli-Q water, soaked overnight in water and finally rinsed two or 

three more times. The beads were dried in the oven overnight and allowed to cool. The 

same beads could be used for three to five experiments before replacement. Overused 

beads have small pieces missing (visible under a light microscope) and are prone to 

generating glass dust. 

 Approximately 100 - 200 mg of cellulose was used for each preparation, its weight 

recorded using an analytical balance prior to beating. The small chamber was filled to 2/3 

capacity with glass beads and methanol was added to fill the chamber with as few air 

bubbles as possible. The BeadBeater was run for 2 minutes and then allowed to cool for 

10 minutes. This procedure was repeated approximately 5 times until an even slurry was 

obtained. In later experiments, extra bead beating was used to induce more defects to the 

cellulose sample. Beating times did not exceed 20 minutes total. After beating, the beads 

and cellulose were emptied from the chamber into a small crystallizing dish and the 

chamber was washed three times with methanol. The cellulose formed a suspension in the 

methanol and could be easily separated from the beads (which sank to the bottom of the 

dish) using a Pasteur pipette. The beads were washed five more times with 10 - 20 mL 

aliquots of methanol and all the remaining cellulose was collected. Three 1.5 mL samples 

of the cellulose dispersions were dried in glass weighing boats. The concentration of the 
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methanol dispersion was determined to be 15 ± 5 mg mL−1.  

 For use in the Langmuir-Blodgett experiments, the cellulose slurry in 1.5 mL 

aliquots was centrifuged to remove any glass dust left from the bead beating. Then 

cellulose dispersions were prepared with the centrifuged aliquots and diluted with 

chloroform to a concentration of approximately 2 mg mL−1. Both the stock solution in 

methanol and the samples in methanol/chloroform were sealed with Teflon tape and 

stored at 4 °C.  

4.3.2  Nanocrystalline cellulose 

Cellulose nanocrystals were prepared using 65% sulphuric acid and a commercial 

cellulose sample, Sigmacel (Sigma-Aldrich, cotton linters). In the literature, temperatures 

for hydrolysis vary7 from room temperature, 22 °C, to 70 °C and reaction lengths from 20 

minutes to days. Two procedures were used and gave similar results. The first method 

used room temperature for 4 days and the second method used 65 °C for 2 hours. In both 

cases the reaction was quenched with 500 mL of water. The nanocrystals settled and the 

suspended crystals removed. The crystals were washed and centrifuged until neutralized. 

Centrifuging was also used to fraction the crystals into different sizes using different 

rotation speeds. The top fraction of crystals was found to be the most uniform and was 

collected for experiments. The sample was sonicated for at least one hour to dislodge 

aggregates of crystals. 

To prepare samples for AFM, a drop of the suspension was placed on a thiolated 

gold slide. The suspension was allowed to soak on the slide for 10 - 30 minutes and then 

gently washed with water. The sample was dried with Argon and then used in AFM 

experiments. 

4.4  Enzymes 

 Both endo- and exo- acting enzymes were used in the AFM studies. The 

endoglucanases CenA and EG1 were from Cellulomonas fimi and Trichoderma reesei, 

respectively. The reducing end acting cellulobiohydrolase, CBH I, from T. reesei was 

studied. 
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4.4.1  From Cellulomonas fimi 

 CenA was used as a model enzyme from the anaerobic bacterium Cellulomonas 

fimi. It was prepared by Jody McLachlan and Darrell Cockburn in Prof. Anthony Clarke’s 

lab in the Department of Molecular and Cellular Biology at the University of Guelph. 

The enzymes were received in large and small centrifuge vials depending on the batch. 

With the large vials, a ~1 mg sample was prepared in a potassium phosphate buffer (pH 

7.4). With the smaller vials, the whole sample was used and prepared directly in the vial. 

The concentration of protein solutions was approximately 0.1 mg mL−1, but was either 

increased or decreased depending on the specific experiment. The enzyme samples were 

prepared fresh for each experiment. After being prepared in the buffer, the enzymatic 

activity decreased in five to seven days. 

 

4.4.2  From Trichoderma reesei 

 The EGI and CBHI samples were received from Iogen in small centrifuge tubes. 

The samples preparation was completed at Iogen Corporation and is briefly outlined here. 

The enzymes are purified from Iogen’s commercial product comprising the enzyme 

secretome of T. reesei. The CBH and EG are separated from the crude filtrate by anion 

exchange chromatography using DEAE-Sepharose column as Bhikhabhai et al.8 CBHI is 

further purified by p-aminophenyl-1-thio-β-D-cellobioside affinity chromatography as 

reported by Piyachomkwan et al.9,10 Purified cellulase components were concentrated and 

buffer exchanged into 50 mM sodium citrate, pH 5.0, using a stirred ultrafiltration cell 

(Amicon) and a 10 kDa NMWL polyethersulfone membrane. 

Protein concentrations were determined chemically using the method of Bradford 

et al.11 Samples of each purified protein were separated by SDS-PAGE and visualized 

post-electrophoretically by Commassie Blue staining (not shown). For each purified 

component, the staining intensity of each band was quantified by scanning densitometry 

using a Chemigenius2 (Syngene) imaging system.  Relative purity was calculated by 

dividing the band intensity for each component by the total staining intensity measured 

for all bands in the same lane on the gel. The relative purity of CBHI was >95% while 

that for EGI was >90%. 
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 To demonstrate that each component preparation was devoid of contaminating 

primary cellulases, purified CBHI and EGI were analyzed by Western blotting using 

component-specific polyclonal antisera from rabbit (not shown).  Proteins were separated 

by 10% SDS-PAGE and transferred to a polyvinylidene fluoride (PVDF) membrane at 

100 V for 1 h using a Mini Trans-Blot® Cell from BioRad.  Western blotting was 

performed using the method of Birkett et al. 12 The component-specific polyclonal 

antisera were generated using synthetic peptides, the sequences of which were based on 

the primary amino acid sequence of CBHI or EGI from T. reesei. 

The samples were stored at –20 ˚C. If the sample received was in 15 mL of 

solution, it was divided into 1 mL aliquots and refrozen. Smaller 1.5 mL solutions could 

be used as is. In some cases, the concentration of the enzyme solution was too high for 

AFM experiments and the sample was further diluted. Specific concentrations for each 

experiment are stated within the results and discussion.  

For inactive enzyme experiments the concentrations of EGI-in and CBHI-in were 

approximately 0.1 mg/mL. For active enzyme experiment the concentration of EGI and 

CBHI were 4 - 7 µg/mL and 23 µg/mL respectively.  

4.5  Langmuir-Blodgett Films 

 Two Langmuir-Blodgett (LB) instruments were used depending on system 

availability. The first, a large trough, the KSV LB5000, had dimensions of 150.0 mm x 

470 mm resulting in an area of 70500 mm2 and a volume of approximately 1.5 L. The 

second, a small trough, the KSV LB Minitrough trough, had dimensions of 36.5 x 7.5 cm 

or 273 cm2. The main difference between the small and large trough, besides size, was 

the small trough was equipped with two moveable hydrophilic barriers and the large 

trough with one moveable and one fixed. Both used a Wilhelmy balance with filter paper 

(width = 10 mm) as the plate (KSV Ltd., Finland). KSV LB software was used to control 

all aspects of operating the troughs, including film transfers. All measurements were 

carried out at room temperature 20 ± 2 °C.  

 Prior to Langmuir-Blodgett experiments, the trough was thoroughly cleaned. The 

trough was filled with water three times then dried, rinsed with methanol and dried. This 

was repeated a second time before a final rinse with water. The same procedure was 

repeated on the Teflon barrier. The trough was filled with water to create a meniscus of 1 
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– 2 mm above the edge of the trough. A Wilhelmy plate was cut from filter paper 

(Whatman) and attached to the pressure sensor. The plate was lowered into the water so 

one third was below the meniscus level. To completely saturate the Wilhelmy plate with 

water, it was soaked in the trough for approximately 5 minutes before any measurements 

were preformed. 

 The surface was cleaned of any impurities before experiments were performed by 

compressing the barrier to a small surface area and the removing any surface impurities 

using a vacuum aspirator. If the surface pressure changed by ~0.3 mN m−1 after the first 

compression the trough was emptied and rewashed. The surface aspirating was repeated 

until no change in surface pressure resulted from the compression.  

 The Langmuir-Blodgett trough was used for both isotherm experiments and to 

transfer cellulose onto solid supports. The conditions for film transfer on the large trough 

were determined previously13,14 to be ~1 mL of cellulose dispersion deposited at the air-

water interface using a 1 mL glass syringe with a 5 mL disposable tip (for its larger bore 

size). After the dispersion was spread at the air/water interface, the solvent was allowed 

to evaporate for at least 25 minutes. When the chloroform had fully evaporated, the 

barrier was compressed at a constant speed of 10 mm min−1 and the resulting increase in 

surface pressure was recorded. The isotherms were used as a tool to determine the 

pressure most suitable for film transfer. For the small trough, ~0.5 mL of cellulose 

dispersion was added and the same procedure followed as above.   

 For the film transfer, the trough was prepared in the same way. The gold slide was 

attached to the dipping apparatus and a calibration procedure was carried out to 

determine the dipping height. The substrate was initially immersed in the subphase, the 

film deposited, and again the solvent allowed to evaporate. A target transfer pressure was 

set in the operating software and the barrier compressed the film until the prescribed 

pressure was attained. With both the small and large troughs, the optimal pressure for 

film transfer was ~5 mN m-1. Once the pressure was reached, the film was allowed to 

stabilize for 10-20 minutes before the substrate was raised through the film at a preset 

speed to complete the transfer. After the transfer was complete, the film was allowed to 

dry for approximately 10 minutes and then the sample was transferred to a container with 

water-saturated atmosphere until used for AFM experiments.  
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4.6  AFM experiments 

 Atomic force microscopy (AFM) experiments were performed using the Agilent 

5500 instrument (Agilent N9621-13601 MAC III Mode controller) with the 11 µm 

scanner and the current version of the PicoView software or the Molecular Imaging 

PicoSPM Microscope with AFM S182 scanner and Picoscan 5.2 software system. Both 

instruments were equipped with MAC mode capabilities. On the Agilent instrument, the 

MAC mode is nose driven and on the MI instrument the MAC mode is sample plate 

driven. All imaging was carried out at room temperature, 20 ± 2 °C, using MAC mode 

Type II (Agilent) or Type I (Agilent) cantilevers with a magnetic coating that enables 

very precise oscillations of the tip. Type II cantilevers were used for the CenA and 

inactive enzyme experiments and Type I cantilevers for the active enzyme experiments.  

 A schematic of the AFM liquid cell has been previously described14. The cell was 

cleaned in fresh piranha solution (7:3; H2SO4: 30% H2O2) for 20 – 25 minutes prior to 

experiments and rinsed thoroughly with water, stored in a beaker of water and dried in a 

stream of argon gas just before setting up the cell. Both cells have similar set up with a 

base Teflon pad, a large O-ring to make the seal and the Kel-F cell. The cell for the 

Agilent instrument requires a larger opening to accommodate the scanner and uses a 

smaller Teflon square under the sample to raise the sample to make a tight seal to the 

Kel-F cell. In the MI system a small white Teflon O-ring is placed in the groove on the 

back of the Kel-F cell to form the seal on the sample.  

 The sample mounts for the cantilevers were also cleaned. The mount for the MI 

system is glass and contains no electronics. It was cleaned by immersing in methanol and 

sonicating for 15 minutes and then rinsing with copious amounts of water. The Agilent 

cantilever mount is more complicated as it contains the MAC mode electronics. The nose 

was placed downward, as it is when assembled, in a small Teflon tube so the active area 

is in contact with methanol. It was soaked for 5 - 10 minutes and then the methanol 

replaced. This procedure was repeated 5 times with methanol and 10 times with water.   

 In setting up the AFM system, it was important to turn on the electronics and to 

mount the cantilever at least 0.5 hours before starting the experiment. On the MI system 

the cantilever chip was placed on the cantilever mount (a clean glass rod) and attached to 

the scanner. On the Agilent system, the nose was attached to the scanner and then the 
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cantilever is mounted. From this point on, the procedure was the same for both systems. 

The scanners were mounted into the support system and secured in place. The laser was 

aligned to its maximum intensity and the spot was at the end of the cantilever. The 

photodetector was adjusted so that the laser position is at (0,0) ± 0.1V.  

 The cell was filled with solution (0.6 – 1 mL) and magnetically clipped into place 

on the AFM instrument. The sample was allowed to reach an equilibrated state by letting 

it stand for approximately one to three hours before measurements were made. The 

system was determined stable when the laser drift was negligible. This reduces thermal 

noise and instrument drift resulting in a higher signal to noise ratio.  

  
Figure 4.3: Typical frequency versus amplitude curve of a type II MAClever in air driven 
with MAC mode. 

 To tune the cantilever, the drive and gain were set to low values (10% and x1 gain 

in air and x4 gain in solution) and the frequency was scanned from 10 kHz to 150 kHz in 

air. The resonance frequency was approximately 75 kHz in air and was reduced to 

approximately 25 kHz in solution. The frequency scan, Figure 4.3, shows a sharp peak at 

the resonance frequency. The value was fine tuned by scanning a smaller range of 

frequencies and then the drive value was set slightly lower than the resonance frequency. 

The drive and the gain setting were adjusted to increase the amplitude of the cantilever. 

The ideal amplitude in air is 3 – 5 V and 2 – 4 V in water. 

 Before approaching the sample to the tip, the amplitude “stop at” percentage was 

set to 75 - 90% depending on desired tapping force.  The image collected is 512 x 512 
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pixels with a scan speed from 1 - 3 Hz. Upon reaching the “stop at” amplitude the set-

point is adjusted to improve image quality. During the experiment, enzyme solution was 

added with a syringe and the tip was not withdrawn from the sample. This setup enabled 

in situ experiments to be recorded with the introduction of enzymes while maintaining 

the same position on a cellulose fiber. More details for AFM imaging and data treatment 

are included in Chapter 5.  

  



 71 

 

References: 
 

1. J. Baron PhD. Thesis, University of Guelph, 2010. 
2. M. Li PhD. Thesis, University of Guelph, 2005. 

3. D.J. Revell, J.R. Knight, D.J. Blyth, A.H. Haines and D.A. Russell, Langmuir, 1998, 
14, 4517-4524. 

4. D.P. Delmer, Annual Review of Plant Physiology and Plant Molecular Biology, 1999, 
50, 245-276. 

5. Y.K. Yang, S.H. Park, J.W. Hwang, Y.R. Pyun and Y.S. Kim, Journal of Fermentation 
and Bioengineering, 1998, 85, 312-317. 

6. M. Ago, T. Endo and T. Hirotsu, Cellulose, 2004, 11, 163–167. 
7. M. Hall, P. Bansal, J.H. Lee, M.J. Realff and A.S. Bommarius, FEBS Journal, 2010, 
277, 1571–1582. 
8. R. Bhikhabhai, G. Johansson, G. Pettersson, Journal of Applied Biochemistry, 1984, 6, 
336-45. 
9. K. Piyachomkwana, K.P. Gableb, M.H. Penner, Carbohydrate Research, 1997, 303, 
255-259. 
10. K Piyachomkwan, M.H. Penner, Analytical Biochemistry, 1998, 255, 223-235. 

11. M.M. Bradford, Analytical Biochemistry, 1976, 72, 248-254. 
12. C.R. Birkett, K.E. Foster, L. Johnson, K. Gull, FEBS Letters, 1985, 187, 211-8. 

13. A. Quirk, J. Lipkowski, C. Vandenende, D. Cockburn, A.J. Clarke, J.R. Dutcher, and 
S.G. Roscoe, Langmuir, 2010, 26(7), 5007–5013. 

14. A. Quirk MSc. Thesis University of Guelph, 2007. 



 72 

Chapter 5: AFM Characterization of Cellulose Films 
 The procedures described here were developed for the publication of the paper 

“Direct Visualization of the Enzymatic Digestion of a Single Fiber of Native Cellulose in 

an Aqueous Environment by Atomic Force Microscopy” in Langmuir 20101. I wrote the 

first draft of this paper and it was later corrected by my supervisor. Section 5.1 discusses 

the practical information required for successful MAC mode AFM imaging including the 

operation parameters that were experimentally determined. Section 5.2 provides a 

detailed discussion of cantilever calibration. Section 5.3 focuses on the deconvolution 

process developed for the above paper and since have been widely applied to all data 

analysis procedures.  

 Section 5.4 and 5.5 examine image processing and analysis, respectively.  There 

are currently no standards for processing AFM images for publication. It is widely 

believed that it is better to do little image processing. Data treatment in AFM imaging can 

frequently change the meaning of the image or induce artefacts. Even the simplest 

flattening routines are frequently performed incorrectly resulting in images with artefacts. 

These sections provide guidelines for AFM image processing and provide specific 

examples of image analysis of cellulose fibers.  Finally Sections 5.6 and 5.7 discuss 

volume analysis calculations (including the proof of concept experiment) and control 

experiments.  

 

Practical Guide to AFM MAC mode imaging 5.1 

5.1.1 Frequency, Amplitude and Phase 

 The procedure for tuning the cantilever in MAC mode AFM was reviewed in 

Chapter 4. The frequency chosen to drive the cantilever has a significant impact on the 

quality of images obtained. One of the major advantages of using MAC mode to drive the 

cantilever in solution is one dominant resonant frequency peak. In acoustically driven 

tapping modes (in solution) there are often a series of peaks that are not the resonance of 

the cantilever but influence the resulting excitation peak. In MAC mode a solenoid 
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applies an oscillating magnetic field exciting only the magnetically coated cantilever 

resulting in a single resonance peak.  

 
Figure 5.1: Typical amplitude versus frequency and phase versus frequency curve 
(adapted from ref 2). 

 Figure 5.1 shows typical amplitude versus frequency and phase versus frequency 

curves2. The frequency sweep curve (amplitude versus frequency) has a maximum 

amplitude at the resonance frequency of the cantilever.  In air there should only be one 

strong peak. Multiple or misshapen peaks are the first indication that something is wrong 

with the system setup.  This can result from a damaged or slightly detached probe or a 

cantilever chip that is not properly secured.  

 The phase versus frequency curve shows a phase change of 180°, from -90° to 

+90°, with the amplitude maximum at 0°. The greatest slope in the phase curve coincides 

with the maximum (the resonance frequency) in the amplitude curve. When a measured 

oscillation equals the applied oscillation the phase, θ, is 0°. Any change in the sample 

surface such as stiffness or adhesiveness can result in a change in the phase within ± 90°. 

The phase image provides important secondary information about the system and is 

sometimes difficult to interpret3. To obtain information comparable between experiments 

it is important to correctly adjust the phase. A phase correction must be applied if θ = 0° 

on the original sweep does not correspond to the maximum amplitude.  

 Performing a sweep of frequencies determines the resonance of the cantilever and 

maximum free amplitude. The free amplitude is the amplitude of the cantilever without 

any obstructions (disengaged from the sample surface). Initially choosing this exact 

frequency to drive the oscillation during imaging is not optimal because as the cantilever 
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approaches the sample surface the resonance frequency changes due to tip sample 

interactions4. This modifies the oscillation amplitude. The observed oscillation amplitude 

is determined from the combination of tip-sample interactions and the shift in the 

cantilever resonance frequency (described in Chapter 2). If the excitation frequency is 

chosen slightly lower than the resonance frequency then when the tip approaches the 

surface the oscillation amplitude increases compared to the free amplitude.  

 Poor image quality and image artefacts will often result if the resonance or higher 

frequency is selected. By choosing an initial drive frequency lower than the resonance 

frequency it guarantees the probe is kept in the repulsive regime. Operating at small 

amplitudes and at the resonance frequency may cause the probe to jump into the 

attractive regime erratically and will produce significant image artefacts5. This type of 

artefact presents as alternating horizontal sections in the image with very different 

contrasts.  

5.1.2  Amplitude  

The amplitude in MAC mode AFM is the input variable for the feedback loop, 

comparable to deflection in contact mode AFM. The photodetector output gives the 

amplitude in volts with operating conditions of 1 to 4 V. This corresponds to amplitudes 

of 1 to 100 nm. The conversion from volts to nm uses a system-specific calibration 

equation. For the Agilent 5500 AFM using the MAC mode III control box the equation is 

as follows: 

Amplitude nm =Monitor voltage (V)
8 × Input Gain

×Sensitivity nm
V

   Equation 5.1 

Monitor voltage is the amplitude (volts) displayed on the instrument and stored in the 

meta data of the file; “8” is the system specific effective gain of the MAC controller 

based on the amplifier design in the circuitry; Input Gain is a setting specific to the 

experimental conditions and is applied to the AC mode, usually x2 or x4; and sensitivity 

(nm/V) is the inverse slope of the deflection voltage obtained from a force versus 

distance plot for the specific cantilever. Calculating the amplitude in nm allows operating 

conditions to be compared between experiments and to the literature. It is necessary to 

know the range of voltages that correspond to the desired amplitude. The optimum 

amplitude conditions were found to be 12 - 20 nm, which corresponds to a monitor 
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voltage of 1.2 – 2.1 V in solution. Larger amplitudes may be used on more robust 

systems or to improve phase contrast. However, sample deterioration may be caused from 

using large amplitudes. 

The interaction of the tip with the sample results in a change of oscillation 

amplitude. The amplitude change is detected and used as the input value for the feedback 

mechanism. The value is known as the setpoint and kept at a constant as the feedback 

mechanism continuously adjusts the distance between the cantilever and the sample 

surface. In tapping mode (TM)-AFM, a lower setpoint corresponds greater tip-sample 

interactions. The oscillation amplitude of MAC mode cantilevers is very stable, making it 

less prone to false-engage than contact mode. False-engage occurs when the deflection 

(contact mode) or amplitude (tapping mode) shows the setpoint voltage without actually 

engaging the tip. It is usually the result of long-range interaction forces and occurs 

predominantly when operating in ‘soft’ conditions. In AM-AFM, using a high percentage 

setpoint is the condition when a false-engage is most likely to occur. Often a conservative 

setpoint of approximately 75% is chosen for the initial approach. After a successful 

approach the sample is withdrawn 40 µm and a higher setpoint (80 - 90%) chosen.  At 

this time it is crucial to optimize the amplitude and frequency parameters. 

Operating conditions for all MAC mode experiments in this thesis have been 

determined experimentally. Studies of soft polymers have successfully used similar 

imaging conditions 6 , 7  as this system, however most TM-AFM experiments 8  are 

performed using large spring constants (k = 40 N/m) and correspondingly high resonance 

frequencies (300 kHz). For our experiments much softer cantilevers were used (k = 2.8 

N/m) and a resonance frequency of 75 kHz (in air) which are recommended for soft 

samples in liquid environments. Although TM-AFM is gentler on the sample surface than 

contact mode it is still possible to indent the tip into the sample if the oscillation 

amplitude is large and the cantilever stiff. Using a cantilever with a low spring constant 

limits the force exerted on the surface.  

In TM-AFM, the setpoint value is the amplitude of the oscillation and a higher 

setpoint value means less damping by the sample and hence lower imaging forces. 

Tapping mode can be operated with either ‘hard’ or ‘soft’ tapping.  Hard tapping uses 

large amplitudes and low setpoint percentages, whereas soft tapping uses small 
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amplitudes and large setpoint percentages. Soft tapping conditions were used to image 

the cellulose-enzyme system. Hard tapping mode can lead to improved contrast in the 

phase image, however, the attachment of the cellulose to the sample surface was not 

strong enough to endure hard tapping conditions.  

 In both contact mode and tapping mode, the tracking of the probe on the surface is 

controlled using proportional (P) and integral (I) gains, or a proportional–integral–

derivative controller (PID controller). The z-position is controlled by a closed-loop 

feedback system: the distance between actual amplitude and a preset amplitude setpoint is 

used to correct the tip-sample distance. As explained in Chapter 2.1.1, the gains are 

related to the z-position of the scanner (Vz) by: 

Vz t =   P ∙ ! ! + I ∙ ! ! !"   Equation 5.2  

 The choice of suitable proportional and integral gain values are important for 

successful measurements. The values chosen also determine which of the topography or 

amplitude image is the most clear. Theoretically, with perfect (high) gain settings (and 

perfect electronics in the feedback loop) the amplitude image would be flat. With low 

gain settings the tip does not respond fast enough to sample features and very sharp edges 

are seen in the amplitude image. In these conditions, it is possible for the tip to be 

damaged as it hits the side of a sample feature. Generally, the maximum possible gain is 

used at a value that does not introduce periodic noise into the images. If the maximum 

gain is low it results in the amplitude image having a clearer result than the topography 

image. The topography image is always used for quantitative data analysis, however if 

the features are clearer in the amplitude image then it is used in image presentation. 

The advantage of using AFM to study the enzymatic interactions on cellulose is 

the ability to obtain three-dimensional information (topography) as well as two additional 

channels of information. In addition to the topography image, amplitude and phase 

information were collected simultaneously for all AFM experiments. The amplitude 

images provide information about the fine structure of the cellulose fibers and are used as 

a qualitative tool. The phase image contains information about the relative stiffness of the 

substrate and is a complementary tool for determining small structural changes.  
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Figure 5.2: AFM images collected simultaneously. A) Topography, B) amplitude, and C) 
phase images. Images obtained in buffer at room temperature. 

 Examples of typical topography images of cellulose fibers in solution obtained 

using MAC mode AFM are shown in Figure 5.3. Sequential zooming in on a fiber leads 

to high-resolution images of microfibril structure. In Figure 5.3A the long ribbon 

structure of the cellulose fiber can be seen. In Figure 5.3B more detailed structure is 

visible including a fibril twist. In Figure 5.3C the cellulose fiber is seen as a bundle of 

fibrils with microfibril details visible within each fibril.  

 
Figure 5.3: Typical MAC mode topography images of a bundle of cellulose fibrils. A) 
Cellulose fiber, B) twisted cellulose ribbon, and C) fibril structure of cellulose.  
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Cantilever Calibration  5.2 

 Type II MAC mode cantilevers received from the supplier have the nominal 

values as listed in Table 2. 

Force Constant (N/m) 2.8 

Resonant Frequency Air (kHz) 75 

Resonant Frequency Water (kHz) 30 

Tip Radius (nm) < 10 

Table 2: Nominal values for type II MAClevers. 

 The values listed in Table 2 are the expected average values. The actual resonant 

frequency of the cantilever is easily obtained using tuning described in Chapter 4. The 

true values of force constant and tip radius are more challenging to determine. The force 

constant value can be found using a thermal tuning procedure described in Section 5.2.1 

The tip radius can be approximated using scanning electron microscopy and its effect on 

the image can be removed using tip deconvolution procedures described in Section 5.3 . 

5.2.1 Determining Force Constant 

 There are different ways to determine the force constant of a cantilever. The 

simplest method uses the material properties, geometry and dimensions of the cantilever. 

This method works well with rectangular shaped cantilevers, but is limited by the ability 

to measure the thickness of the cantilever accurately9. Other methods calculate the spring 

constant by adding mass to the cantilever10 or pressing the cantilever against a very stiff 

surface and subsequently against a reference spring of known compliance11. These 

methods are challenging and time consuming to implement.  A third method, used in this 

work, is a thermal method that treats the cantilever as a simple harmonic oscillator12,13.  

 The thermal method (thermal K, Agilent software package) quickly and easily 

allows for the calculation of the spring constant by describing the motion of the cantilever 

as a harmonic oscillator through the use of the equipartition. The theory states that the 

kinetic energy stored in a system at a momentum coordinate (the deflection of a 

cantilever from its equilibrium position) is equal to one half the thermal energy of the 

system14. The momentum coordinate is the deflection of a cantilever from its equilibrium 

position. This deflection value is small for AFM probes and can be assumed to be linearly 
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related to the force required to deflect the cantilever according to Hooke’s Law, F = kx, 

where k is the spring constant of an ideal spring and x is its position. The thermal noise 

according to the position of the cantilever allows the spring constant to be determined.   

 For an ideal Hookean spring with a spring constant k, the thermal noise plotted 

with respect to its position is used to determine the spring constant. However, an AFM 

cantilever is not an ideal Hookean spring and its potential energy cannot be described as 

such. As a result, the area of the resonant peak in the Power Density Spectrum (PSD) 

spectra of the vibrational noise is measured and provides a more accurate determination 

of k13,14,15. 

 To calibrate a cantilever using the thermal method, a force-distance curve using 

the cantilever must be obtained. It is best to use a rigid substrate such as freshly cleaved 

mica. The deflection sensitivity (in nm/V) of the cantilever is obtained from the slope of 

this line. The temperature of the system and the deflection sensitivity are used in the 

analysis. A PSD plot is obtained to determine the resonant frequency of the cantilever. It 

is important that the cantilever be at least 200 µm from the sample when the PSD is 

obtained to ensure the cantilever is beyond the range of surface forces. The frequency 

spectrum of the time-domain data is computed and fit automatically. The resonance 

frequency is extracted from the fit. The spring constant of the cantilever can be calculated 

when temperature, resonance frequency and deflection sensitivity are known. 

 Using the thermal K method for calibrating the cantilever spring constant is a 

quick and accurate method the causes minimal damage to the probe tip. Table 2 shows 

three different example cantilevers. 

 Tip 1 Tip 2 Tip 3 

Deflection Sensitivity (nm/V) 92.1 97.5 100.6 

Force Constant (N/m) 2.68 1.13 0.862 

Resonant Frequency Air (kHz) 70.2 70.3 62.2 

Table 3: Values of deflection sensitivity, force constant and resonant frequency for three 
typical cantilevers. 

5.2.2 Measurement of tip shape and dimensions 

The measured radius of an AFM tip varies for each cantilever and can be 

determined using scanning electron microscopy (SEM) measurements or scanning 
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calibration samples.  Measuring the radius with SEM is quick and simple. The type II 

MAClever tips have a conical shape with a measured radius of curvature of 15 nm 

(Figure 5.4). This differs from the 10 nm value reported by the supplier. This value is 

important because it is used as an input for tip deconvolution (Section 5.3).   

 
Figure 5.4: SEM image of MAC mode type II cantilever tip. 

 SEM measurements were also performed on cantilevers soaked in enzyme solution 

for 20 hours. It was found that there was no appreciable difference in the radius even 

when a thin coat of gold was used to hold the enzymes in place. After prolonged imaging 

of the cellulose substrate it is possible to collect cellulose fragments with the tip. These 

fragments are weakly attached and can be dislodged with additional scans.  

Deconvolution procedure 5.3 

 All AFM images in this work have been deconvoluted to account for tip effects 

before additional image analysis. Convolution of the tip shape with sample features arises 

from three-dimensional structures with aspect ratios similar to the probe tip. The vertical 

resolution in AFM is always excellent, but the lateral resolution may be misshapen on 

steeply sloped samples16. Ideally, a single atom on the tip is responsible for probing the 

sample; in reality the tip radius is much larger. The finite size of the tip is not a problem 

when imaging a sample with high periodicity or close packing, when measuring step 

height, and when samples of adsorbed species form a homogeneous film. These types of 

surfaces are not affected by the non-ideal interactions between tip and sample16. Surface 

features that are susceptible to convolution include deep crevices or steep protrusions. 
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The tip is either unable to penetrate a hole completely due to its large radius or as it is 

scanned over a high aspect ratio feature the feature is imaged as artificially wide.  

 
Figure 5.5: AFM imaging tip convolution of a sphere with a parabolic tip (adapted from 
ref 16). A) Imaging sample (white circle) with tip, B) deconvolution of tip shape from 
sample, C) imaged sample geometry used to determine tip shape.  

 Figure 5.5 shows a parabolic tip imaging a sphere (marked white in Figure 5.5A) 

on a flat surface. In Figure 5.5A, the tip apex moves across the sample resulting in a 

profile that is a combination of the two geometries (tip and sample). In AFM imaging it is 

assumed that the tip apex is the only contact point with the sample. This is true when the 

tip moves along a flat substrate, but as soon as a surface feature is encountered the point 

of contact is no longer the apex of the tip16. The instrument interprets this contact as a 

change in the surface feature and produces an image corresponding to the grey area in 

Figure 5.5A.  As the tip scans the top of the sphere the true feature is again recorded. The 

distortion is again apparent upon descending down from the feature. The feature imaged 

will have an accurate height but an over estimated sample width.  Deconvolution of the 

image data must be made if the width or volume of the feature is to be considered. 

 To separate the tip deconvolution from the sample, the data obtained was etched 

away from the feature by placing a facsimile of the tip at each of the original data points 

Figure 5.5B. If the tip geometry is not known, the sample geometry can be used to 

determine an image of the tip as in Figure 5.5C. The process requires knowing the actual 

geometry of the probe tip or using blind estimation to determine the tip shape (Section 

5.3.1). With a known tip shape an uncertainty map of the image is created (Section 5.3.2) 

and finally the surface is reconstructed (Section 5.3.3). 
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5.3.1 Blind estimation 

 For this work the commercial software Scanning Probe Image Processor (SPIP™, 

ImageMetrology Ltd., Denmark) was initially used for tip deconvolution, but the bulk of 

the data were analyzed using Gwyddion Open Source software (http://gwyddion.net/). 

With both programs the shape of the tip is determined using the blind estimation method. 

Both programs use the descriptions and algorithms published by J.S. Villarrubia17,18 and 

P.M. Williams19. Both programs resulted in the same deconvolution of the data.  

 
Figure 5.6: Image deconvolution. A) Sample image B) 2D tip, C) 3D tip, D) uncertainty 
map, and E) deconvoluted image. 

 Blind estimation uses the simple explanation that image protrusions are broadened 

replicas of the tip. Conventionally, these protrusions are described as surface features 

when, in reality, they are inverted replicas of the tip. Different from other approaches, 

blind estimation uses a reference surface with an unknown geometry. The tip shape is 

computed from morphological constraints inherent to the imaging process18. To best 



 83 

determine the tip shape an image is chosen (for the blind estimation procedure) that is 

relatively flat with at least one protruding feature.  

 For the blind reconstruction an estimate of the tip size, in pixels, is required. The 

size of the scan and the number of pixels in the image both influence the tip size, thus the 

calibration image must be similar to the image that will be deconvoluted. To find the size 

of the tip (in pixels), a ratio of image pixel to scan size was multiplied by tip size (in nm) 

determined by SEM. The number of pixels in the image is set to 512 x 512. The tip radius 

of 15 nm, an average of 5 tips determined by SEM imaging, was used in all 

deconvolution procedures. The scan size is on the range from 200 - 500 nm. The number 

of pixels in the tip is always chosen as an odd number so the tip apex will be centered.   

 Initially, a small number (1 or 2) of iterations are performed to obtain an estimate 

of tip shape. The first iteration evaluates only the true maxima. These maxima are the 

points on the image that were scanned only by the apex and can therefore be trusted17,19. 

The second iteration includes all local maximums in the trusted area.  The estimated tip 

shape is used to determine if the image used for deconvolution is appropriate. After an 

appropriate partial estimation is found, the full estimation is performed. The full tip 

estimation uses the full image and enough iterations to achieve convergence. Each 

subsequent iteration produces a result smaller than or equal to the preceding one and the 

result is the best estimation of the tip shape17. After estimating the tip, the data file is 

saved and can be used to deconvoluted subsequent images. 

5.3.2 Uncertainty maps 

Figure 5.6 shows a sample image used for deconvolution (Figure 5.6A), the 2D 

height image of the tip shape from the top (Figure 5.6B), the 3D image of the tip shape 

(Figure 5.6C) and the uncertainty map of the deconvolution (Figure 5.6D). The 2D and 

3D images show the tip shape and from them it can be confirmed that the tip shape is 

similar to that expected from a typical SEM image. When an AFM image is formed, the 

tip is always in contact with one or more points on the sample surface. During the 

iterations of the blind estimation algorithm these contact points are reflected, as some 

results are equal to the sample surface and some are greater. An uncertainty map marks 

the points on the surface where the tip was most likely touching more than a single point. 
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The uncertainty map shows areas that should be avoided during data analysis. The 

uncertainty marks the areas that will be altered the most during erosion (Figure 5.3E). 

5.3.3 Reconstruction 

 Using a previously determined tip shape, any image can be deconvoluted and 

reconstructed (Figure 5.6E). Image sampling errors might occur if the tip shape and 

reconstruction are determined with different size images. The deconvolution calculates a 

new image based on the main image and the tip shape. This process is known as 

erosion17,19 and removes areas on the surface that were in contact with the probe but not 

with the apex. By following this deconvolution procedure the results closest to the actual 

sample morphology are reported. 

Image Processing 5.4 

 When performing any analysis of an AFM image it is important to use caution to 

not alter the information in the image. Only a few basic operations are routinely 

performed on the images including leveling, flattening, and in rare cases noise removal.  

 

 
Figure 5.7: Plane leveling, A) raw data, B) level data. 

5.4.1 Leveling 

 Background leveling is essential for all AFM images. The data obtained from 

AFM microscopes is often not level as a result of the piezoscanner motion and the angle 
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of the mounted sample. The first operation performed is a plane level. This corrects for 

the slightly tilted mounted sample.  This type of error is more prominent at large scan 

sizes. The plane is computed from all the image points and is subtracted from the data. 

Figure 5.7 shows example data before and after plane leveling. 

5.4.2 Flattening 

 The piezoscanner is attached at one end and freely moves the tip on the other end 

(Figure 5.8A), as a result the free end does not move on a level plane. This type of error 

is called bow. It increases with increasing scan size and can be modeled reproducibly 

with polynomials. When an image is acquired using a tube scanner a first, second or third 

order polynomial leveling can be used depending on scan size. On large scan sizes, 

depending on the mechanical properties of the piezo and the kinematics of motion, a 

second or third order background correction is appropriate. Second order is used when 

the image has an ‘arch’ shape and third order has a characteristic ‘S-shape’. Figure 5.8B 

is an example of an arch shape bow resulting from scanning motion. It is possible to 

apply higher than third order flattening, but often this results in trying to fit actual 

features on the sample rather than just the background.  

 
Figure 5.8: AFM piezo scanner. A) Fixed at one end and B) resulting background bow. 
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 A common way to remove the polynomial background is by fitting each line of 

the image to a polynomial equation. The polynomial shape is subtracted from the scan 

line resulting in the line being flattened and also shifted to center on zero height5. The 

simplest is zero order, which sets the height offset of each scan line to the same value.  

Higher order flattening all also includes the zero order flattening to adjust the offset. Line 

by line flattening is best used on relatively flat surfaces with homogeneous surface 

features. When the sample has larger, heterogeneous surface features it is advantageous 

to remove the polynomial background from the whole surface, rather than line by line. 

Flattening in this way reduces the artefacts introduced into the image and allows for 

profiles in every direction to be analyzed. 

 
Figure 5.9: AFM image flattened using a polynomial A) first order, B) second order, C) 
third order. A’, B’, and C’ are the corresponding background shapes. 

5.4.3 Feature exclusion 

In the previous sections leveling and flattening are discussed with examples of 

very flat featureless surfaces. Often AFM images show isolated features on a flat surface, 

such as cellulose fibers on a flat gold terrace or silicon substrate. When leveling and 

flattening procedures are performed, the presence of raised features it will cause leveling 
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artefacts. The artefact is identified as a shadow on one or both sides in the line flattening 

direction. To prevent the artefact, the features should be excluded from the image and the 

leveling procedure preformed to the surrounding data. To exclude the feature from the 

background the feature is marked with a box or alternatively threshold detection methods 

can be used. 

 
Figure 5.10: Feature exclusion using A) particle threshold, B) pore threshold methods and 
C) masked feature.  

The threshold method uses height, slope or curvature algorithms to mark particles 

located on a flat surface. The user defines the threshold level and any signal above that 

level is considered particles on the surface (Figure 5.10A). Correspondingly, if pores are 

being analyzed the threshold method can be used to mark anything below a threshold 

level (Figure 5.10B). Figure 5.10C is an example of a masked cellulose fiber using a 32% 

height threshold. After the surface features are marked, flattening and leveling routines 

are performed. The data under the masked region are excluded and only the background 

data are used to flatten the surface. Well-leveled images are always worth the timely 

process of masking surface features both for their accurate analysis and presentation 

quality. 

5.4.4 Filtering 

 In some AFM images there is visible high or low frequency noise. It is possible to 

minimize the noise using filtering. A common procedure for removing the noise uses fast 

Fourier transform (FFT) filtering. The process transforms the image into Fourier space 

showing features in terms of frequency. It is possible to identify the frequency of 

repeating patterns in the image such as periodic noise. It is easy to eliminate or suppress 

the noise from the image by excluding the problematic frequency. When the image is 



 88 

transformed back to the spatial domain using an inverse Fourier transform the specific 

frequency noise is removed. It is important to only use this type of filtering in specific 

cases of repetitive noise. It is possible to generate almost any pattern in an image using 

the FFT technique and thus inducing more artefacts into the image.  

Image analysis 5.5 

 Examples from this section are from Quirk et al.7 and are specific to the cellulose 

thin films. The following methods were used to determine the sizes of cellulose fibers 

and microfibrils (Section 5.5.1), quantitatively determined the difference between dried 

and never dried cellulose films (Section 5.5.2) and local swelling and digestion events 

(Section 5.5.3).   

5.5.1 Cross-sections analysis  

 The width and height of cellulose fibers are good indicators of change in 

morphology. The width and height change over the length of the fiber especially at the 

ends of the fiber compared to the middle. Also, with upon enzyme treatment the 

dimensions change significantly. Line profiling or cross-section analysis extract profiles 

from surface features and allow the distance between points to be measured.  The height 

of a feature is reliably extracted using the cross sectional analysis. However, the width of 

the feature is subject to convolution with the tip shape as described earlier. Cross-

sectional analysis for feature widths must only be performed on deconvoluted images.  

 When taking the cross-sections of fibers, it is important to place the line profile 

orthogonal to the fiber. Using the open source software Gwyddion (gwyddion.net) 

multiple profiles can be extracted at one time. The profiles can be analyzed to determine 

height and width or to measure the distance between features. To copy a line profile from 

one image to another and maintain the orientation the selection manager tool is used. This 

tool allows for specific objects (lines, points, masks, etc.) to be selected and copied to 

each image. Since a fiber in a series of images does not change orientation the copied line 

profile can be used in each of the series of images. In the case where the image has not 

been previously corrected for piezo drift the line profile can be moved to a different 

coordinate without changing its orientation. Features on the sample surface are used to 

orient the line profile in the same place on each image. 
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Figure 5.11: Cross-sectional analysis. A) Image with line profile, B) line profile and 
example data extracted. 

 To obtain the width of the fiber the perpendicular distance between the lowest 

points on either side of the fiber was used. The height was determined between the 

highest point on the top of the fiber and an average line through the baseline as indicated 

in Figure 5.11. By using the highest point the measurement was least like to be affected 

by tip convolution. Cross-sectional profiles were averaged over 10 – 20 nm 

(approximately 10 – 20 scan lines depending on image resolution) unless otherwise 

stated. 

 For the characterization of cellulose fibers and microfibrils the heights and widths 

were recorded for numerous fibers on a minimum four different samples. Figure 5.11B is 

an example cross-section with data extracted. The same type of procedure is used on the 

periodic structure of the microfibrils. The high-resolution MAC-mode AFM images in 

Figure 5.12 reveal the fine structure of the cellulose fibers that consist of parallel stacks 

of microfibrils.  
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Figure 5.12: High resolution MAC mode topography (A,C) and amplitude (B,D) images 
of cellulose fibers and microfibrils. Inset in C is a line profile of the microfibril widths.  

 

5.5.2 Histograms 

 Cellulose fibers and microfibrils come in many different heights and widths. For 

statistically relevant results it was important to make many measurements on many 

different fibers. In each case, at least 100 measurements were made on different samples, 

fibers, and locations on the fiber (ends, middle, etc.).  

 All the histograms were made in Origin (OriginLab, v7). The data were input and 

sorted in ascending order. The standard deviation (σ), error in y (yEr±), and interquartile 

range (IQR) were obtained. Using these values it was possible to calculate the bin widths 

using the equations20,21:  

w = 3.49!N!!!      and      w = 2 IQR N!
!
!  

where σ is standard deviation and N is number of data points. These two equations for 

bin width frequently give different results, however, only one result will match up with 

an optimal bin number (NB) calculated from: 

NB = 1+ 3.3.2  log  (N)      and        NB = (2N)!
!
!  
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The correct histogram is determined from the NB and w equations. The resulting plotted 

histogram can be fit with a Gaussian curve if appropriate.  

 Histograms of the height and width of individual cellulose fibers quantitatively 

describe the nature of the fibers. Figure 5.13 shows the fibers are 87 ± 37 nm wide and 

the average height is 15 ± 5 nm. The height is significantly smaller than the width, 

indicating that the fibers are ribbon-shaped. 

 
Figure 5.13: Wet cellulose fiber dimensions. A) Width and B) height. 

  Histograms are an excellent way to quantitatively compare the size distributions 

of cellulose films. The widths of the previously dried films and never dried films were 

plotted. The dried films were placed in a vacuum desiccator for 24 hours prior to imaging 

in solution. This step increased the stability of the cellulose film 22 , but induced 

irreversible changes to the cellulose structure.  

 The average widths and standard deviations were 77 ± 35 nm (Figure 5.14) for the 

dried films and 87 ± 37 nm for the never dried films. The complete data contained about 

85 fibers in never-dried films and about 80 fibers in dried films, after the tip 

deconvolution procedure.  
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Figure 5.14: Histogram of fiber widths of A) dried films and B) never-dried films. 

5.5.3 Multiple cross-section averaging 

 Multiple cross-section averaging is a similar to the histogram process described 

above, but instead of using individual size measurements it averages a number of line 

profiles together and then the width and height measurements are extracted. This type of 

processing was performed on the SPIP software using the average profiling toolbox or 

with the Gwyddion software using the extra options in extract profile module. The line 

profile is drawn (described in Section 5.5.1 and the number of lines to include in the 

average is selected. To change the average to a nanometer measurement one multiplies 

the number of lines used in the average by the size of the image in nanometers and 

divides by the number of lines in the image (512). For example, a 20 line average on a 

750 nm scan size will equal 20 x 750/512 = 30 nm average. This type of measurement is 

ideal for looking at the changes in a localized area of a fiber or for obtaining a reliable 

measurement on a noisy image.  

 The multiple cross-section averaging was used on a cellulose-CenA experiment 

where there appeared to be different action on different parts of the fiber. In Figure 5.15 

the center of the fiber has a visible defect (orange arrow). After the addition of the 

enzyme CenA, significant degradation and thinning of the fiber at the defect was 

observed. At the lower end of the fiber (green arrow) the opposite action was seen with 

significant swelling after the addition of the enzyme. 

 Using the averaging technique on the images seen in Figure 5.15 the width and 

thickness of the bottom section of the long fiber increase from 72 to 100 nm and from 12 

to 26 nm, respectively, indicating that the fiber swells as a function of enzyme action. In 
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contrast, the width and thickness of the top segment that undergoes defibrillation 

decreases from 78 to 72 nm and from 20 to 17 nm, respectively.  

 
Figure 5.15: AFM topography images of CenA action of bacterial cellulose fiber. A) 
Cellulose fiber before addition of CenA, B) 6 minutes after addition of enzyme, C) 45 
minutes, and D) 49 minutes. 

The results obtained from the CenA trial lead to two important findings. First, that 

using AFM imaging experiments enzyme action can be separated into action of 

crystalline cellulose regions and action of defect regions and the two regions can have 

drastically different behaviors. Second, that the action can be quantified using cross 

sectional analysis.  These two findings lead to the identifying of different cellulose 

structures in single fiber images (Section 5.6) and to the development of a new analysis 

technique for determining quantifiable change in the cellulose structure (Section 5.7). 

Cellulose Structures 5.6 

 A more detailed description of the cellulose molecular structure can be found in 

Chapters 2.2 and the physical techniques used to determine its morphology in Chapter 
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3.2. The main points are repeated here, but the focus of this section is on the 

identification and visualization of fiber defects. The cellulose structure is initially simple, 

consisting of β - (1-4) - linked glucose sugars with a high degree of polymerization (in 

most cases higher than 2000 residues). The cellulose chains interact through hydrogen 

bonding and van der Waals forces to form a complex molecular architecture highly 

dependent on the cellulose source. The main structural features include cellulose 

microfibrils with large crystalline domains interspersed with para-crystalline domains 

organizing into large fibers.  

 The chains of cellulose are packed so tightly that even water molecules cannot 

penetrate the highly ordered regions23. However, there are defects in the crystalline 

structure that are less ordered, often identified as amorphous, where enzymatic 

accessibility can vary from the bulk cellulose properties. The less ordered regions in the 

cellulose structure are not limited to strictly amorphous regions, but can also manifest as 

twist, tilts or kinks in the cellulose structure24.  During an enzyme reaction, it is possible 

to target these different structures and regions using AFM.  

 Initially identified in 1972 by Rowlands and Roberts25, the microstructure of 

cellulose was described as having three distinct regions. The first is highly ordered 

crystalline regions characterized by strong hydrogen-bonding25 and not readily accessible 

to cellulolytic enzymes. The second region is similar to the first with slight disorder in the 

form of disruptions25 of the highly ordered type 1 surfaces. The second type of cellulose 

regions is more readily accessible to enzyme action. It is proposed that the third region is 

distinctly different from the first two types as it is distorted by internal strain25. This 

region is characterized by tilts or twists in the fiber and microfibril structure25. The defect 

regions have weaker hydrogen bonding and are more accessible to enzymatic 

degradation. Similar defects have been found using electron microscopy techniques and 

are described as dislocations26 or kinks27. 

 The model of cellulose microfibril hierarchy has been described in many different 

ways28 to include crystalline domains, amorphous domains, less ordered regions and 

defects. The primary difference in the models is in the description of the amorphous and 

less ordered regions24. It is presently accepted that these regions are distributed as chain 
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dislocations on fibril segments along the length of microfibril as a result of internal 

strain24,25. 

 Using AFM five different regions of cellulose superstructures have been 

visualized and are shown in  Figure 5.16. The crystalline region of bacterial cellulose in  

Figure 5.16A,D is a representative structure that is prominent in all AFM images. The 

region is characterized by straight fibril structure with visibly ordered microfibrils7. The 

regions selected as crystalline are not 100% crystalline as there are likely undetectable 

defects within the crystal structure. Since AFM does not give crystallographic 

information the domains selected are actually crystalline-like regions. For simplicity, the 

crystalline-like regions are referred as crystalline, since this is their dominant feature. 

 A second frequent region is the presence of tilts and kinks along a cellulose fiber 

or bundle of fibrils ( Figure 5.16B,E). This type of feature joins the crystalline regions 

and characterized by a change in fiber direction. The tilt or kink can be subtle, changing 

the fiber direction by only a few degrees or more distinct changing the direction by tens 

of degrees. Regions before and after the defect have crystalline characteristics.  

 
Figure 5.16: Schematic and representative AFM images of cellulose structures. A) and D) 
crystalline cellulose; B) and E) kinked cellulose; C) and F) twisted cellulose, G) cellulose 
fiber end. 

Another cellulose structure is the twist. In this region a cellulose fibril is actually twisted 

over itself. Although this type of feature was infrequently imaged in this study, it has 
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been reported in the literature29,30. Bacterial cellulose has a structure that is ribbon-like, 

with wide (~80 nm) lateral dimension and a height of only a few nanometers (~15 nm). 

Fibril stacking and fibril twists results in a fiber height that is significantly larger (~25-30 

nm) and is reflected in the spread of heights reported in Chapter 5. 

 Cellulose fiber ends are another structural region visualized in AFM studies. The 

cellulose fibers from bacterial cellulose are very long, much longer than the scan range of 

the AFM. The action at fiber ends provide valuable information into how enzymes act at 

the end of the polymer chains compared to the bulk polymer length. The resolution of 

AFM is insufficient to routinely image the terminal cellobiose unit of a cellulose polymer 

chain (described in Chapter 3, Figure 3.1). However, imaging at the fiber end increases 

the chance of imaging cellulose polymer chain ends.  

 The final cellulose structural region observed is the miscellaneous defect. These 

include any features that disrupt the perfect crystalline structure, but do not strictly fit 

into the first two types of defect regions. These defects often present as dents along the 

length of the fiber that are not inline with crystal face or as small lines on the surface of 

the crystal orthogonal to the length of the fiber. The origin of the defect is either a result 

of a perturbation during fiber growth31 or induced by the mechanical bead beating in 

pretreatment of the bacterial cellulose. These miscellaneous defects are likely a 

combination of the two processes and are representative of defects induced by any type of 

pretreatment before enzymatic processes. 

 The chemical structure of bacterial cellulose is identical to plant cellulose30, 

however it exhibits a higher degree of crystallinity and purity (containing no 

hemicellulose or lignin). These features make it the perfect model of native cellulose 

source for identifying how cellulolytic enzyme interact with cellulose superstructures. 

The same types of fibril regions can be identified in plant cellulose as well as additional 

features that are a result of weathering of the plant. In the plants, cellulose defects have 

been described as dislocations or local misalignments of cellulose microfibrils32 and 

depending on the severity of such deformations have also been termed nodes, kinks, kink 

bands, slip planes, misaligned zones or microcompressions32.  

 The nature of cellulose deformations is highly variable and dependent on the 

source of the cellulose26. The deformations have been reported to propagate across the 



 97 

entire superstructure of cellulose. Small deformations are seen as a change in glucose 

residue direction and in the microfibril structure of cellulose. Larger defects are reported 

in the fibril structure with the arrangement of microfibrils and in intact wood fibers.  

 Defects provide an opportunity for better accessibility of the cellulose to 

enzymatic treatment26 regardless of the size of the deformation. The change in direction 

of the microfibril structure leads to weakening in the hydrogen bonding network33 and in 

wood fibers chemical hydrolysis has been observed at the kinks or dislocations26. 

Thygesen et al. used polarized light microscopy (PLM) to study the supermolecular 

structures of plant cell wall cellulose at low resolution as a function of enzyme action34. 

The results indicate the dislocations play an important role in the enzymatic hydrolysis of 

plant cellulose. The advantage of using AFM to study the enzymatic interactions on 

cellulose is the ability to identify fine structural details as well as the ability to obtain 

three-dimensional information 

 A more detailed description of enzyme action can be achieved by examining 

different cellulose structures and the effect of different enzymes on each. With the 

multitudes of inconsistent data in the literature, a detailed study of cellulolytic action on 

controlled structural sites is very important. Comparing active and inactive enzymes of 

the same type is an excellent way to analyze the specific actions of the enzyme. This 

comparison is used to disentangle the differences between structural changes as a result 

of hydrolytic and non-hydrolytic events. Chapters 6, 7 and 8 present results and 

discussions of CBHI and EGI action on crystalline and different defect cellulose sites. 

 

Volume analysis 5.7 

A novel procedure was developed to quantify changes in cellulose fibers as a 

result of enzyme action. Many different interactions between enzyme and cellulose occur 

that can have competing results. The cellulose fibers can undergo degradation, swelling 

or a competition between the two processes as presented in Chapter 6, 7 and 8. 

Traditional AFM analysis techniques rely on line profiles (dimensional analysis), 

roughness calculations, and Fourier filtering to extract quantitative data from the images. 

These procedures are insufficient for the AFM images of cellulose-enzyme interactions. 
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These techniques were developed for highly ordered homogeneous systems not a 

heterogeneous system like the cellulose fibers presented here. 

A procedure to calculate the percent volume change was developed to identify the 

dominating enzymatic event. In many cases, the cellulosic enzymes work slowly and do 

not cause visible topography changes to the cellulose surface.   

In order to obtain meaningful quantitative results from AFM data one needs to 

have statistically relevant analysis. When measuring the change in cellulose structure due 

to enzymatic activity the quantity of interest is the total loss or gain in cellulose volume. 

The loss corresponds to a degradation event and the gain to a swelling event. These 

values can be obtained through line profiles and cross-sectional analysis. To be 

statistically significant, at least 100 sectional analyses should be performed on each fiber 

to confirm the enzymatic effect. An alternative method used in this work is a volume 

analysis. The fiber volume is calculated over a much larger sample area than a single 

cross section. In addition to the statistics required to confirm the cross-sectional results, 

the process becomes essentially a summation of rectangles compared to the volume 

analysis, which is an actual integration of the change. 

 Volume analysis was performed on cellulose fibers treated with different enzymes 

to determine the extent of cellulose-enzyme interactions. The method was initially 

developed for systems when no apparent morphology changes, however the analysis was 

beneficial for analyzing systems with significant change as well. The volume analysis 

process of AFM image is described below including a proof of concept experiment using 

CenA where both swelling and degradation events show quantifiable volume changes. 

 The process is performed on images that have been deconvoluted, leveled and 

flattened. The target images were cropped to precisely the same size and location on the 

sample. This process uses reference points on the gold substrate as markers (circled in 

orange) for the fiber location and crop points as seen in Figure 5.17. Then, using the 

Gwyddion program, thresholding by height (Section 5.4.3) was used to mark the 

cellulose fiber of interest or more generally, the region of interest (ROI). Since the AFM 

data are already a 3D image, it is possible to extract the volume of the feature under the 

mask.  
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Figure 5.17: Example cropping for volume analysis. 

 The analysis extracts three different volume-related properties35: 1) Zero basis, 

the volume between grain surface and the plane z = 0. Values below zero form negative 

volumes. The zero level must be set to a reasonable value; 2) Grain minimum basis, the 

volume between grain surface and the plane z = zmin, where zmin is the minimum value 

(height) occurring in the grain. This method accounts for grain surrounding but it 

typically underestimates the volume, especially for small grains; and 3) Laplacian 

background basis, the volume between grain surface and the basis surface formed by 

Laplacian interpolation of surrounding values35.  

All the properties were investigated, but grain minimum basis was chosen for 

further volume comparisons for a number of reasons. First, the zero basis measurement 

relies on the plane surface being equal to zero surrounding the entire region of interest. 

Due to the terrace nature of the gold and the size of the fiber it is possible for the fiber to 

cross a terrace and therefore not have the same zero level at each point it touches the 

surface. The volume resulting from this calculation varied widely for different values of 

plane z=0 chosen. The grain minimum basis measurement is independent of the value of 

the plane and instead uses the minimum value of the grain. The grain minimum basis 

measurement was the most robust of the measurement, consistently giving similar 

volume results, when different leveling and flattening routines were performed on the 

images. The origin of the Laplacian background basis was poorly described in the user 

documentation, but in initial investigations consistently gave results similar to the 
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minimum grain basis. As a result of all these factors, the minimum grain basis was 

chosen for the volume analysis. The percent volume change was calculated using volume 

calculated before and after the addition of enzyme.  

Number of grains 53 

Total projected area (abs.) 17.6 μm2 

Total projected area (rel.) 70.28% 

Mean grain area 0.332 μm2 

Mean grain size 345 nm 

Total grain volume (zero) 0.60 μm3 

Total grain volume (minimum) 0.51 μm3 

Total grain volume (laplacian) 0.31 μm3 

Figure 5.18: Example statistics for fiber volume analysis. 

 In this calculation it is of the upmost importance to insure that artificial results are 

not generated. The calculations are performed on fibers with flat edges. Fibers with less 

well-defined edges are more difficult to use in the volume routine. It is advantageous to 

have each image in the set of images open on the desktop at the same time. In this way an 

operation is performed on one image and then on the next image and a direct visual 

comparison can be made. Leveling must be performed accurately and identically for each 

of the images in a set of images being calculated. Using the threshold method often 

selects grains not part of the fiber of interest. These grains were removed using the mask 

editor tool. The reported statistics (Figure 5.18) for an image are given as an average of 

the total number of grains. Since the region of interested is just one grain (a single fiber) 

the ‘Number of grains’ reported must be equal to one. Additional grains may be as small 

as one pixel and occur in regions of noise or additional fibers on the surface. 

 For an internal control of the volume measurement, the ‘Mean grain size’ was 

used to identify if similar mask areas were being used. Especially in the case of inactive 

and non-hydrolytic enzymes the 2D area of the fiber on the surface does not change 

appreciably. Using this value one can see immediately if a similar ROI has been selected 

compared to the other images in the set. 

 The ‘total grain volume (minimum)’ is recorded for each image. Then all the 

masks and the cropping are removed from the image and the process is repeated two 
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more times. The average of the three trials is reported with the standard deviation.  Fibers 

with poorly defined edges, often as a result of enzyme action, are the most challenging to 

analyze and extra care must be used in these regions. The results from volume analysis 

are reported as percent change (of the original volume). The original fiber volume is set 

to zero and swelling events are plotted as a positive change while degradation events as a 

negative change. 

5.7.1 Proof of Concept: Active CenA 

 In situ AFM imaging and data analysis was performed on the typical bacterial 

cellulose films with the addition of active endoglucanase CenA from C. fimi to provide a 

proof of concept that cellulose swelling as a function of enzyme action is a measurable 

quantity. CenA was chosen as a model enzyme because it has hydrolytic action on both 

crystalline and amorphous cellulose regions. All the AFM experiments with CenA were 

acquired at room temperature, in phosphate buffer, pH 7.4, and at concentration 

approximately 10 µg/mL in the AFM cell. 

In the experiment a fiber was found and imaged for 30 minutes to determine 

system stability. Then, without withdrawing the AFM tip, CenA enzyme was added to the 

liquid cell. After a few moments the imaging was continued. This procedure was used for 

all in situ enzyme experiments with cellulose fibers and enzyme described in this work as 

described in Sections 4.6 and 5.1. 

 The target fiber has two large crystalline regions connected by a small kink or tilt 

in the fiber, shown in Figure 5.19. This defect is visible as thin line in the center of the 

fiber spanning the width of the cellulose fiber.  The two crystalline regions appear to be 

uniform with the top region showing more complex arrangement of fibrils at the edge of 

the image frame. In the lower crystalline region there is a slight twisting of the fibril 

structure in the lower corner of the frame. The corresponding phase data show a distinct 

colour contrast between the defect and the length of the fiber. 
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Figure 5.19: AFM images of CenA action on a cellulose fiber. Topography images of A) 
target fiber, B) 6 minutes after the addition of enzyme, C) 45 minutes, and D) 47 minutes. 
Figure 5.19A′ - D′ are phase images acquired at the same time as the corresponding 
topography images. 

 With the addition of enzyme, there is an immediate perturbation of the cellulose 

surface at the defect location corresponding to enzyme action. After 45 minutes of 

enzyme treatment the region close to the defect appears to be significantly thinned. In 

addition to this observation, the lower crystalline region of the fiber visually appears to 

have undergone a swelling event. The upper crystalline region appears to be unchanged. 

The colour contrast in the phase data shows the defect is more significant after 45 

minutes than before enzyme treatment. This indicates that the area has undergone a 

change in local stiffness. This change is likely a result of enzyme action occurring at the 

defect and resulting in structure weakening at the defect and in the immediate 

surrounding crystalline region. It should be emphasized that the changes observed in 

Figure 5.19 are caused by the enzyme and are not AFM tip-related effects.  
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Figure 5.20: Widths and heights from cross sectional analysis. A) Across defect region 
(green), B) across crystalline region (orange). Insets: AFM image with corresponding 
cross-section locations. 

 The local enzyme action can be quantified by performing direct cross-section 

analysis on the defect and lower crystalline region. In Figure 5.20A the orange line 

crosses the fiber in the crystalline region (average of 30 nm) and in Figure 5.20B the 

green line crosses at the kink defect (average of 20 nm). The action of CenA decreases 

both the width of the defect region and the height on the target fiber. The significant 

change in the fiber dimension happens in the first 45 minutes with a stabilization period 

in the following hour. The width of the fiber shows a slight swelling after the initial 
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decrease. In contrast, the cross-section of the lower crystalline region shows an increase 

in width and height. A large increase is seen in the first 45 minutes with small 

fluctuations in the final hour. In both width and height the swelling of the fiber is more 

significant than the degradation at the defect.  

By performing a volume analysis it is possible to determine if these local changes 

are reflected as a net change in volume over a large fiber region (the fiber regions that 

overlap from one image to the next and are designated in the region of interest). The 

volume is calculated for the fiber before the addition of enzyme and is used as the initial 

volume. All volumes were compared to the initial volume and reported as a percent 

change. An increase in volume corresponds to a swelling effect and a decrease in volume 

to a degradation effect. The volume was calculated three times for each point and the 

error reported is the standard deviation. Fluctuation in the image or poor image quality 

results in larger error bars. For example, in Figure 5.21B the point at 40 minutes has large 

error bars that correspond to the image in Figure 5.19C. In this image there are blurred 

edges in the region of interest and visual instabilities in the system as a result of enzyme 

action. The fluctuation does not impact the reporting of volume change trends. 

The action of CenA was examined at three regions of interest. In the crystalline 

region (red marked region in Figure 5.21) there is a significant volume change of more 

than 100%. There is volume fluctuation suggesting competition between swelling and 

degradation, but in this region the swelling of the fiber dominates. The defect region in 

the center of the fiber shows predominantly a decrease in fiber volume to -10%, with 

small swelling fluctuations over the time of the experiment. The blue area highlights a 

cellulose region with many defect regions and crystalline regions. The initial decrease in 

volume indicates degradation events dominate on short time scales (less than 60 

minutes). After 2 hours swelling effect dominates with an increase in the fiber volume.  
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Figure 5.21: Volume changes as a result of CenA action. A) Regions of interest for 
volume calculation corresponding to B) Red is defect, blue is crystalline and yellow is a 
zoom on the kink defect. 

 The swelling result over a large fiber area compared to a small fiber area both 

showing a decreasing trend is significant. Based on this trend, the structure of the fiber 

can be identified as predominantly crystalline. Although there are local decreases in size 

due to hydrolysis events at weak points in the structure, the bulk nature of the fiber 

controls the swelling or digestion behaviour over long time periods. Cellulose crystalline 

structures are difficult to completely degrade and impossible by the action of a single 

enzyme. 

 In both the cross-sectional analysis and the volume analysis the same trends exist. 

Swelling predominates in the crystalline regions and degradation at the defect sites. In the 

cross-sectional analysis there is a plateau at long time scales for both the crystalline and 

defect lines. This indicates at those particular location swelling and degradation are 

maximized. Analyzing larger fiber regions using volume analysis shows similar trends. It 

also allows for a structurally unknown region (top right fragment Figure 5.21) to be 

assigned as a defect region because its swelling patterns are dominated by degradation at 

short time scales. The blue region also shows that after the degradation events at the less 

ordered regions the enzyme action is dominated by swelling. Using the information 

obtained from the cross-sectional and volume analysis provides a clear picture of the 
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competing swelling and degradation action of CenA. This proof of concept experiment 

demonstrates that enzyme action can be quantified as a change of fiber volume. 

5.7.2 Volume analysis versus cross sectional analysis 

To verify the validity of the volume analysis method, volume change values were 

compared to cross-section values. Figure 5.22A shows an example of width and height 

data obtained from an AFM image cross-sectional analysis on a crystalline cellulose fiber 

during incubation with CenA and Figure 5.22B is the volume change of the same fiber in 

the same location. 

  
Figure 5.22: Comparison of data obtained from A) cross-sectional analysis and B) 
Volume analysis from CenA experiment on crystalline cellulose. 

Both plots show the same trend with steep slopes at short incubation times and a 

leveling off after longer incubation times. In this case the fiber changes in a homogenous 

way and the cross section is a reasonable approximation of the changes in the cellulose 

structure.  

The trends in Figure 5.22 show that the two measurements result in comparable 

changes. The benefit of calculating the change in volume is the value can easily be 

compared to volume changes on different fibers and in different experiments. The 

cellulose fibers are wide spread in dimension as a result of their fibril architecture. Figure 

A B 
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5.23 shows a comparison of cross-sectional analysis and volume analysis by plotting both 

as percent change.  

 
Figure 5.23: Comparison of percent change from cross sectional measurements of A) 
crystalline region, B) defect region and C) volume measurement. Data from CenA 
experiment. 

 

This example shows that both the height and width show the same trend for each 

region and there is good agreement with the volume data. When width and height of the 

fiber change in a comparable way plotting cross sectional analysis as a percent change is 

an effective way to compare different fibers in different enzyme trials. However, in some 

cases the width and the height may not change in the same way. It is possible for an 

enzyme only to attack accessible chain ends on the surface of a fiber, changing the fiber 

height, but not width. In different defect regions the exposed chain ends will effect 

changes in the width or the height. In cases where height and width do not change in the 



 108 

same way comparing results across trials would be very difficult from only the 

dimensional analysis.  

Volume analysis has the advantage of being able to compare fibers in different 

experiments with different enzyme actions regardless of where the change in fiber is 

occurring. Another advantage of the analysis is it gives a good average over a specific 

fiber structure. Additionally, change in volume reflects a change in mass which is of 

direct interest for practical applications. 

In the following chapters different experimental trials, enzymes and cellulose 

fiber structures are compared. The fiber volume change will be used to discuss these 

results. The volume changes allow for their comparison and give information about 

structural changes in the cellulose fiber as a result of enzyme action as a percent change. 

To the author’s knowledge, this is the first time volume calculations have been used on 

heterogeneous systems. 

 When looking at a single cellulose fiber the crystalline regions are numerous and 

the defect regions are small and vary widely in structure. The crystalline regions can be 

used as an internal standard to compare different experimental trials. The structure of the 

crystalline parts of cellulose fibers is uniform and the enzyme action on these regions 

should be identical between fibers. Small fluctuations in the crystalline regions are seen 

from trial to trial and result from small imperfects in the crystal structure. Comparing the 

volume changes is an excellent way to study the trends in cellulose-enzyme interactions 

at a nanoscale. 

Control experiments 5.8 

5.8.1 Imaging  

 Control experiments were performed throughout the work of this study to ensure 

that changes seen were a result of enzymatic action and not a result of tip-sample 

interactions. Control experiments were simple, scanning the same fiber for 2-3 hours as a 

usual experiment except without the addition of enzyme. The fibers were first examined 

qualitatively and no significant morphological change was observed.  
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Figure 5.24: MAC mode AFM topography image of never-dried cellulose fibers imaged 
repetitively in the same spot for 1.5 hours in the absence of the enzyme. Experiment 1: A) 
Initial fiber scan; B) fiber after continuous scanning 3.5 hours later. Experiment 2: C) 
Initial fiber scan; D) fiber after continuous scanning 1.75 hours later. 

 Volume changes were performed on a control experiment without enzyme to 

determine the error of the analysis. A single fiber was imaged over 2 hours and volume 

calculations were performed on the fiber at different time intervals. By calculating the 

percent volume change over the time of the experiment it was found that a 5% error 

resulted from small changes in the fiber surface as a result of scanning. In this report any 

swelling changes found to be 5% or less were deemed on the order of the error or null 

results. Additionally, all samples were soaked for at least 2.5 hours before imaging to rule 

out swelling as a result of contact with the buffer. Samples were stored in a humid 

environment and never dried.  

5.8.2 Data Analysis 

In the volume analysis procedure the fiber volume for each selected image was 

calculated three times. The fiber region was masked using threshold selection and the 

statistics performed. The procedure is repeated to determine the spread of volume values 

as a result of different masking techniques. This spread is reported as a standard 

deviation.  
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An AFM control experiment was performed without enzyme to determine the 

change in fiber volume as a result of tip-sample interactions. Figure 5.25 shows the 

results from this control experiment. The volume changes by approximately ±2% over 3 

hours of scanning. The standard deviation on the measurement is also 2 - 3%. In the 

reported results any volume change less than 5% is considered to be a null swelling 

result. 

 
Figure 5.25. Control experiment to determine normal volume fluctuation as a result of 
tip-sample interactions. Horizontal lines are guides for the eye. Corresponding to Figure 
5.25 (▲) Experiment 1 and (▼) Experiment 2.  

The longer experiments are performed in AFM, the more tip-convoluting factors 

arise. The control experiment showed this result quantitatively, after 3.5 hours of 

scanning the standard deviation is 3% compared to 2% for all the previous points. Long 

time-scale experiments are prone to drift even when imaging simple systems.  In the case 

of enzyme experiments there is the possibility that enzymes to attach to the tip of the 

cantilever and influence results. When using active enzymes, cellulosic material is 

loosened from the surface and floats around the cell, also influencing results. When using 



 111 

inactive enzymes, long time-scale experiments were performed without significant loss of 

image quality. This indicated that enzyme attachment to the cantilever tip was not a 

significant problem.    

In inactive enzyme experiments only after 9 - 12 hours of experiment there is a 

loss in resolution as a result of enzyme interactions. When active enzymes were used the 

experimental time frame was reduced. For this reason, comparisons of results are 

reported up to 200 minutes. This length of experiment is achieved regularly and provides 

reliable results. The synergistic experiments are the exception to this time scale and were 

run for approximately 6 hours. Few synergistic experiments are presented, as this length 

of system stability is very difficult to achieve. 

Error Analysis 5.9 

Crystalline and defect regions were chosen from visual inspection of the AFM 

images. The topography and amplitude images were used to identify regions with long-

range morphological order and regions with imperfections in the fibril structure. Atomic 

force microscopy does not provide specific crystallographic information, but the ordered 

microfibril regions are an excellent indication of local highly crystalline regions. The 

defect regions selected for the volume analysis contained both cellulose defects and 

cellulose crystalline regions. Choosing 100% defect regions was not possible and it is 

likely that if these regions could be selected the changes observed would be even more 

prominent.  

 Single fiber studies are the focus of the structural studies in this work to determine 

site specific action of cellulases on cellulose fibers. However, in some experimental trials 

two fibers side by side were used as the target region when it was impossible to find an 

isolated fiber with the necessary characteristics. All cellulose fibers are prepared in the 

same conditions from growth to bead beating to Langmuir-Blodgett film preparation. 

Throughout the study different fibers are compared by similar morphological structure as 

described in Section 5.6. 

Cross sectional analysis was performed on the target defect and crystalline 

regions. Each profile was measured three times at each location and the width and height 

determined for each. The error reported is the standard deviation of the three 

measurements. The largest contributing error is the irregular nature of the fibers edges 
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and the differences in possible choice of both width and height values. A more irregular 

fiber has a larger reported variation in both measurements.   

To estimate the error of the volume analyses, a maximum and minimum height 

threshold was utilized when marking the region of interest to over- and under- estimated 

the volume contributed by the fiber. The fiber volume for each region of interest was 

calculated a minimum of three times and the standard deviation reported as the error. 

With prolonged enzyme incubation, the digestion of the fiber contributes to a decrease in 

edge contrast. This results in a larger over and under estimation range to account for the 

volume change. The points with large error correspond to images where considerable 

enzyme action is visible.  

 

Summary 5.10 

Presented in this chapter is practical information for obtaining AFM images of 

cellulose fibers in solution and the data analysis procedures for analyzing the images. 

Care must be taken both during image collection and the data analysis. During image 

collection proper imaging settings must be used to ensure the cantilever tip contacts the 

cellulose fiber with only the minimum interaction. With large interaction forces it is very 

easy to remove a cellulose fiber from the sample surface.  

During AFM analysis procedures care must be used to ensure that artefacts are 

not introduced into the image. The same flattening procedure must be used on all the 

images in a data set. Cross-sectional analysis and volume calculations must be performed 

multiple times to insure statistical relevance. The techniques presented in this chapter 

were used to obtain and analyze the data presented in chapters 6, 7, and 8.   
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Chapter 6 Enzymatic action of Cellobiohydrolases 
The Trichoderma reesei is the most studied cellulolytic enzyme system. The 

major components of T. reesei cellulolytic machinery are exoglucanases Cel7A and 

Cel6A, accounting for almost 80% of the total cellulolytic protein produced by the 

fungus. T. reesei Cel7A is formerly known as CBHI. This text will use the CBHI name in 

the discussion for simplicity. The mechanism of CBHI is the best understood of all the 

cellulose degrading enzymes.  

 CBHI is an exo-cellulase that hydrolyzes cellulose through a retaining catalytic 

mechanism 1 . It acts on a cellulose chain from the reducing end and liberates 

predominantly β-cellobiose as the product. Divne et al. determined the crystal structure 

CBHI2 in the early 1990s. The protein has a large catalytic domain and a small cellulose-

binding domain connected by a highly glycosylated linker. The catalytic domain has a 50 

Å tunnel running along its length that can hold 7 glucose units in addition to two glucose 

units in the product-binding site3.  

The results for the catalytically inactive variant and the wild-type protein are 

presented Sections 6.1.1 and 6.1.2 respectively. Both the inactive and active enzymes 

were studied on large crystalline domains and different defect sites.  

6.1 Results 

6.1.1 Inactive Cel7A (E212Q) 

The E212Q mutations occur with site-directed mutagenesis where each 

carboxylate residue was replaced by its isosteric amide4. In this enzyme the glutamic 

acid, E212, is replaced with glutamine. The mutation makes the residues less 

nucleophilic4. The point mutations significantly impair the catalytic activity of the 

enzyme proceeding at a rate ~1/2000 of that of the wild-type enzyme4. The CBHI mutant 

had no significant activity on insoluble crystalline cellulose with only trace amounts of 

sugar being released after five days of incubation4. The crystal structure the wild-type2 

protein was compared to E212Q4 mutant. The structure of the active site remains 

unchanged upon introduction of the mutation. This eliminates the possibility that gross 
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structural changes in the active site account for the loss in activity. Thus, the mutant is an 

ideal protein to compare the non-hydrolytic properties of CBHI to the active properties.  

 
Figure 6.1: AFM images of inactive CBHI action on a cellulose fiber. A) Target fiber, B) 
5 minutes after enzyme addition, C) 30 minutes and D) 1 hour. Amplitude images are 
shown from A′ to D′ and phase images from A′′ to D′′. 

 The target fiber in Figure 6.1 has a large crystalline domain separated by a fibril 

kink. The fiber has distinct microfibril details along the length of the fiber both before 

and after the kink. The kink is apparent in the microfibril structures at the same location. 

The amplitude and phase images (A’-D’ and A’’-D’’) emphasize the details seen in the 

topography image, revealing overlapping microfibrils at the fiber kink.  

Cross-sectional and swelling analyses were performed on the fiber at time zero, 

before enzyme was added, and 5 minutes, 30 minutes, 1 hour and 12 hours after inactive 

CBHI was added. Due to the stability in the system and lack of morphological changes, 

no images were collected between 1 and 12 hours. The cross-sectional analysis was 

performed at the kink and across the lower crystalline region. In both cases the cross-

sections were averaged over 20 line profiles corresponding to a 15 nm segment on the 

fiber.  The changes in width and height are plotted in Figure 6.2 for the crystalline 
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(orange) and kinked (green) region. Across the crystalline region there is no change 

within the error in the first 60 minutes. After one hour there is an increase in width and a 

decrease in height. These dimensions are then maintained for the rest of the experiment. 

The total change in width in is 2% for the crystalline region and 4% for the kinked 

region.  

 
Figure 6.2: Height and width change determined from cross sections at A) crystalline 
region and B) defect region as a result of incubation with inactive CBHI. 

 Over the duration of the experiment there were no significant changes in fiber 

morphology. At the long incubation time of 12 hours there is loss in structural detail. The 

kink is still visible in the center of the frame, but the large microfibril is significantly less 

prominent. At long incubation times, proteins in the system will cause fouling of the 
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AFM tip, the gold substrate5 and/or the fiber. This fouling presents challenges for 

separating enzyme action from protein adsorption. However, the stability over the long 

incubation time shows the distinct lack of action of the inactive CBHI on the fiber 

structure and dimensional changes are less than 5%.  

 A second example of a crystalline fiber section is presented in Figure 6.3. In this 

case there is a small decrease in width and height over the first hour with a plateau at long 

time scales. The overall decrease in width is by 5 nm and height by 2 nm. Both these 

examples of crystalline regions show small changes. The width change is less than 4% in 

both examples and the height change is less than 15%. 

 
Figure 6.3: Example two of width and height changes in crystalline region of cellulose 
fiber as a result of CBHI incubation. 
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Figure 6.4: Volume change in cellulose fiber from incubation with inactive CBHI. A) 
crystalline and kinked region, B) crystalline region. 

The volume change for both examples are shown in Figure 6.4A and B. In Figure 

6.4A both crystalline (red) and kinked (blue) regions were analyzed and the volume 

changes are small, within plus or minus 5% of the initial volume. A large crystalline 

region was analyzed (Figure 6.4B) and fluctuating volume values close to the initial 

volume were observed. In both examples the volume changes as a result of inactive 

CBHI action are considered negligible compared to the control experiment (Chapter 5.8).  

6.1.2 Active CBHI 

The target cellulose fiber in Figure 6.5 shows two fibers side by side. Each has 

large crystalline domains and numerous overlapping ribbon ends. The analysis is shown 

for 10 minutes, 30 minutes, 55 minutes, 118 minutes and 180 minutes of active CBHI 

incubation. In images Figure 6.5E and F there is significant deterioration of image quality 

as a result of enzyme action. These images are representative of the quality of image 

during the imaging period. Active enzymes have a significant effect on the morphology 

of the cellulose fiber; at long time scales the cellulose fibers are visibly thinner. Figure 

6.5B shows the location of cross-sectional analysis and Figure 6.5C the location for 

volume analysis. In both analyses, the error bars are large at times with large enzyme 

disturbances. 

The cross sectional analysis in Figure 6.6 shows the change in width for the 

crystalline and fiber end regions. The crystalline region (squares) shows a small 

fluctuation in width, but the width changes are within the error. At the fiber end 
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(diamonds) there is a decrease in fiber width followed by an increase at long time 

periods. 

 
Figure 6.5: Topography AFM images of active cel7A action on cellulose fiber. A) Target 
fiber before enzyme treatment, B) location of cross sectional analysis, C) location of 
volume analysis, D) fiber after 10 minutes of enzyme incubation, E) 30 minutes, F) 55 
minutes, G) 180 minutes. 

Volume analysis, shown in Figure 6.7, was performed on a larger crystalline 

region (red) and the region surrounding the cellulose ribbon end (blue). The ribbon end 

has a higher number of cellulose chain ends than other areas in a cellulose fiber, but does 

not have as many chain ends as the end of a fiber. In the crystalline region there is little 

change in the initial 15 minutes and then a steady decrease to approximately 20% of the 

initial volume. The volume plateaus at this value with no further degradation or swelling 

observed. The crystalline end shows a similar overall trend: within the first 15 minutes 

there is a small decrease in volume followed by an increase. After 55 minutes the volume 

decreases to 25% of the initial volume and plateaus at 30%.  
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Figure 6.6: Changes in width measured at two different locations on cellulose fiber 
during active CBHI incubation. Inset is topography AFM image with cross section 
location 

 
Figure 6.7: Volume change as a result of active CBHI action. Inset is topography AFM 
image with volume analysis location. 
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 The results from a second trial with active CBHI are shown in Figure 6.8 and 

Figure 6.9. In the AFM images only small morphological changes are observed in the 

large fiber and more significant changes in the small fiber. The cross-sectional analysis in 

Figure 6.8 is a mixed region of cellulose (purple line) containing some small defects. The 

width shows a small increase in the first 60 minutes with a decrease at longer time scales. 

The height shows a steady decreasing trend over the duration on the experiment.  

 
Figure 6.8: Example 2 of action of CBHI active on cellulose fiber characterized by height 
and width. Inset is amplitude AFM image with cross section location. 

In the volume analysis in Figure 6.9 a similar trend is observed compared to the 

first example. In the crystalline region there is a steady decrease in volume and a plateau 

at -20%. The defect region also shows a decrease in volume and plateaus at a lower 

volume, 35% of the original. Throughout the experiment the upper fiber has more visible 

fluctuations as a result of enzyme action, which contribute to the large error bars. 
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 There is excellent correlation in trends between the two trials using active CBHI. 

In the cross-sectional analysis the width exhibit small changes tending towards smaller 

values at long times and similarly the height shows a steady decrease. The volume 

change in both experiments decreases to a plateau with the regions with more defects 

showing a greater decrease in volume compared to the crystalline region. 

 
Figure 6.9: Volume change as a result of active CBHI action. Inset of amplitude AFM 
image with volume locations. 

 

6.2 Discussion 

T. reesei Cellobiohydrolase I (Cel7A, CBHI) is the best characterized cellulolytic 

enzyme. The enzyme was studied as part of this experimental system to provide a 

measure of the validity for results and analysis using the volume change technique. 

Known results for CBHI and the findings presented in Chapter 6 are compared in this 

section.  

The CBHI-cellulose interaction is well understood and a detailed description of 

CBHI action has been proposed6. Figure 6.10 illustrates the proposed mechanism. The 

probable steps involved in the CBHI action include initial binding of the enzyme to the 
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cellulose fiber followed by recognition of a free cellulose chain end. The chain end is 

thread into the active site tunnel, decrystallized from the substrate, and results in the 

formation of a catalytically active complex. The enzyme then undergoes a hydrolysis 

reaction with the fibril, expels the product (cellobiose) and the catalytically active 

complex reforms by threading another cellobiose unit into the active site. 

 
Figure 6.10: Proposed mechanism of CBHI action on crystalline cellulose. A) enzyme 
bind, B) substrate recognition by catalytic domain, C) cellulose chain thread into active 
site and active complex formation, E) hydrolysis and expulsion. (Diagram adapted from 
Ref [6])  

The multimodular structure of CBHI is very important for the digestion of 

crystalline cellulose. The isolated catalytic domain (CD) has been studied on crystalline, 

amorphous and soluble cellulose substrates. Compared to the wild-type enzyme, the 

isolated CD has the same degree of hydrolysis on amorphous and soluble substrates, but a 

significantly decreased rate on crystalline cellulose6. The loss of the binding module is 

responsible for the decrease in hydrolysis. In this study, the catalytically inactive enzyme 

was compared to active enzyme to provide insight into the role the binding module plays 

in the decrystallization of cellulose and whether it can impact the cellulose structure non-

hydrolytically.  

To verify the non-hydrolytic action of CBHI the inactive variant E212Q was 

employed. To access volume change due to enzyme action, both crystalline and defect 

regions of the cellulose fiber were analyzed. Shown in Figure 6.11, the inactive CBHI 
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enzyme did not cause any swelling in the cellulose fiber regardless of its structure. Both 

the crystalline and defect regions fluctuate within a 5% change in volume.  No structural 

changes are visualized the AFM images of the fibers and the volume analysis confirms 

there are no bulk changes in the cellulose fiber structure.  

 
Figure 6.11: Action of inactive CBHI on (red) crystalline cellulose and (blue) cellulose 
defects. Different symbols note different experimental trials. 

The lack of volume change relates well to what is reported in literature. Recently, 

the same inactive variant (E212Q) was studied in a high-speed AFM study on cellulose 

from green alga7. The study showed the movement of the active enzyme sliding along the 

fiber. The inactive enzyme did not show sliding motion, but instead remained bound to 

cellulose surface for many frames (10 seconds). The authors7 concluded that the sliding 

motion only accompanies hydrolysis events and the binding domain primarily keeps the 

enzyme in close proximity to the substrate but does not have a more active role in 

cellulose hydrolysis7. Figure 6.12 shows the mechanistic differences between the wild-
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type enzyme and the inactive variant proposed by K. Igarashi et al. 7 The results 

presented here support this conclusion. Since only the catalytic residues were mutated in 

the inactive variant, it was expected that if any non-hydrolytic events occur they would 

still occur in the inactive mutant. 

 
Figure 6.12: Proposed motion of wild-type (WT) and mutant (E212Q) enzymes. 
(Adapted from [7]) 

 Based on the reported data that no structural changes were visualized and no 

volume changes were calculated using inactive CBHI, it is concluded that there is no 

non-hydrolytic activity for CBHI. Also, without non-hydrolytic action we are unable to 

determine if the enzyme has a binding specificity for crystalline or defect regions. To 

determine CBHI response to the heterogeneity in cellulose the active results were 

compared. 

 The results from the active CBHI experiments are presented in Figure 6.13. The 

data are separated into CBHI action on crystalline cellulose (closed squares and circles) 

and CBHI action on defect regions of cellulose (open triangles). The different plotted 

shapes represent different experimental trials. The same trend arises for both the 

crystalline and defect data. In both cases there is a steady decrease in volume for the first 

hour following the addition of enzyme. After the first hour the relative volume change 

plateaus and remains constant for the remaining three hours of experiment. There is good 

agreement between the crystalline data and the defect data from different experimental 

trials. 
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Figure 6.13: Action of active CBHI on (open) cellulose defects and (closed) crystalline 
cellulose regions. Different symbols note different experimental trials. 

There is a difference between total volume change in the crystalline and defect 

cellulose regions. The crystalline region plateaus at approximately -20% relative volume 

change and the defect region approximately -30% relative volume change. In both cases, 

the plateau occurs at approximately one hour. To the author’s knowledge, this is the first 

example of enzyme action visualization and quantification on individual fibers. The 

results show the enzymatic degradation is not limited by the enzyme, but by the 

availability of the cellulose fiber. In both the crystalline and defect cellulose regions after 

one hour of enzyme incubation the accessible cellulose has been digested and after this 

time an unknown phenomenon prevents further digestion. In the case of the defect 

regions, there are more easily accessible cellulose chain ends. A more complete digestion 

is possible and is reflected in the larger volume change. The cellulose in close vicinity to 

the defect is also accessible, contributing to the total volume change. There was no build 
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up of enzyme on the cellulose surface at long timescales indicating the enzyme remained 

active and the progress rate is slower. There is not a significant loss of cellulose mass due 

decrystallizing cellulose chain by chain. This process is slow and after the initial burst of 

activity the complete conversion requires high enzyme loading and long reaction times8,9. 

In a review by Zhang et al. the slow down in action at long reaction times and the 

variable activity values reported by different authors is due at least in part to cellulose 

heterogeneity9. The results of this thesis are the first study to the authors’ knowledge to 

report specific differences in CBHI action at different cellulose structure sites. 

 

6.3 Summary 

Inactive and active T. reesei cellobiohydrolase I (Cel7A) were studied on bacterial 

cellulose fibers using in situ AFM measurements. Figure 6.14 and Figure 6.15 summarize 

the results of CBHI action on crystalline and defect regions of cellulose, respectively. 

There was no distinguishable change between enzyme action on defect or crystalline 

regions of the cellulose fiber. 

From the active enzyme results a quantifiable degradation event was measured. 

Degradation was initially quick with the total loss of mass occurring within the first hour 

of the experiment. After one hour the volume level plateaued at a specific value, which 

differed for defect and crystalline regions of cellulose. The crystalline cellulose region 

plateaued at -20 ± 3% and the defect region at -31 ± 2%. Regardless of the type of defect 

the fiber volume plateaued at the same value. The error for the plateau regions is the 

standard deviation of the data points contributing to the plateau. 
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Figure 6.14: Volume change of crystalline regions of cellulose as a result of action of A) 
inactive CBHI and B) active CBHI. Different symbols note different experimental trials.  

 
Figure 6.15: Volume change of defect cellulose as a result of A) inactive CBHI and B) 
active CBHI. Different symbols note different experimental trials. 
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No significant swelling events were measured as a result of active CBHI action in 

the volume change experiments. There is small increase in volume within the first 5 or 10 

minutes of the experiment reported for at least one of each trial. In both cases the increase 

is approximately 5% and at the detection limit of the volume calculation. The reliability 

in which an initial swelling occurs requires more trials on both crystalline and defect 

regions of cellulose. No swelling events are reflected in the calculations for the remainder 

of the experiment in either the crystalline or defect regions. These results suggest the 

CBHI strictly proceeds in the processive motion and does not undergo a significant non-

hydrolytic action.  

One of the major hurdles to overcome in order to improve the efficiency of the 

system is the loss of activity after the early stages of digestion10,11. The specific 

timeframe of the decrease in activity and the level of converted cellulose depend on both 

the enzyme or enzyme combination used and the cellulose source10. This work is the first 

example of different cellulose regions in a single fiber separated into different reactivity 

regimes. Using AFM as a tool to probe specific regions of the cellulose surface is a 

distinct advantage over bulk experimental techniques.  
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Chapter 7 Enzymatic action of Endoglucanases  
Trichoderma reesei produces at least four endoglucanases including Cel7B (EGI), 

Cel5A (EGII), Cel12A (EGIII) and Cel45A (EGV)1. The major endoglucanase excreted 

is EGI, comprising 6 - 10% of the natural enzyme cocktail. The catalytic domain of EGI 

is 45% homologous to the CBHI domain, but it lacks 4 surface loops that enclose the 

active site tunnel2. The result is an active site cleft. The cleft allows the protein flexibility 

to hydrolyze at a variety of cellulose sites both close to the chain ends and in the middle 

of a cellulose chain3. The enzyme is reported to produce free chain ends for the CBH 

enzymes to act on with its endo-action. EGI produces large cello-oligosaccharides, 

glucose and cellobiose. The mechanism of action for EGI is less understood than that of 

CBHI.  

The results reported in Chapter 6 for T. reesei cellobiohydrolase 1 (Cel7A) show 

differences in inactive and active enzyme action can be determined from AFM imaging 

and volume analysis. The results also show good correlation with what has been 

previously reported in literature. For EGI, significantly less information about its action is 

known, but with the success of the CBHI and CenA experiments, results obtained from 

these experiments will provide insight into the action of EGI on cellulose fibers.  

The results for the catalytically inactive variant and the wild-type protein are 

presented Sections 7.1.1 and 7.1.2 respectively. Both the inactive and active enzymes 

were studied on large crystalline domains and different defect sites.  

 

7.1 Results 

7.1.1 Inactive EGI 

The inactive variant of EGI is E196Q. It has the same type of amino acid 

replacement as the CBHI variant. Site-directive mutagenesis was used to replace glutamic 

acid, E196, with glutamine. The mutant enzyme is less nucleophilic and only the active 

site is changed.  

  The first inactive EGI experiment is presented in Figure 7.1. The fiber 

morphology shows few changes even after 9 hours of incubation. The target fiber is 
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predominantly crystalline and the fiber end is visible. There are also defects along the 

length of the fiber indicated with arrows in Figure 7.1A. Three cross-sectional analyses 

were performed at the crystalline region (orange, middle), the fiber end (green, bottom 

left) and the edge defect (purple, top right). Volume analysis was calculated for a large 

crystalline region (red) and close to the fiber end (blue, bottom left). 

 
Figure 7.1: Amplitude AFM images of inactive EGI action on a cellulose fiber. A) Target 
fiber, B) location for swelling analysis, C) location for cross sectional analysis, D) fiber 
before enzyme action, E) 5 minutes of EGI inactive incubation, F) 30 minutes, G) 90 
minutes, H) 3 hours, I) 9 hours. 
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Figure 7.2: Inactive EGI action on the fiber. Changes in width and height as a function of 
enzyme incubation time measured from cross sectional analysis. A) Mixed defect and 
crystalline region, B) crystalline region, and C) fiber end region. Insets are amplitude 
AFM images with cross-section location. 

 The width and height changes at the three cellulose regions are shown in Figure 

7.2. The fiber appears predominantly crystalline with a few defects. The crystalline 

region (Figure 7.2B) chosen for cross-sectional analysis represents the area with no 

visible defects. The width and height show similar trends of increasing over the 9-hour 

experiment. The width increases by 12% and the height by 11%.  

A large defect in the side of crystalline fiber is shown in Figure 7.2A. The change 

in the width and height both follow the same trend, initially increasing in the first 45 

minutes followed by a small decrease and finally an even larger increase at long time 

lengths. The total width increases by 16% and height increases 14%. The height at the 

defect region is smaller than the average height of the fiber. 

 The fiber end region contains cellulose chain ends and potentially behaves 

differently than the bulk fiber. The cross-sectional analysis shows the fiber width 

increases quickly in the first 30 minutes and then more gradually in the next three hours. 
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After 9 hours the width had increased by 17%. The height shows only small fluctuations 

with a maximum change of 15%.  

 
Figure 7.3: Width and height change from inactive EGI action across mixed crystalline 
and defect region of cellulose. Inset is amplitude AFM image with cross section location. 

 In a second trial with inactive EGI the target fiber has a mix of crystalline regions 

and defect regions without large isolated domains. Figure 7.3 shows the trends for change 

in width and height are the same as the previous experiment. The width undergoes small 

fluctuations in the first 20 minutes and then gradually increases with a final change of 

20%. The height shows small fluctuations with a maximum change of 5%.  

 The volume change for both experiments is shown in Figure 7.4. The volume is 

calculated for the crystalline (red) and end (blue) regions of the fiber in the first 

experiment, Figure 7.4A. The crystalline region shows an increase in volume of ~10% 

after 45 minutes. The volume remains the same until the 3-hour measurement. At long 

time scales (9 hours) the volume increases to ~25%. However, the increase at long 

experiment times may be the result of increased enzyme in the system interfering with 

tip-sample interactions. 



 136 

   

   
Figure 7.4: Volume change as the result of inactive EGI action. A) Target fiber with 
crystalline (red) and end (blue) areas selected and B) target fiber with mixed crystallinity 
characteristics. Insets are amplitude AFM images with volume analysis locations. 

The fiber end region shows the same trend as the crystalline region, however the initial 

increase is to ~25%. Again the volume remains then same for the 3-hour analysis. After 9 



 137 

hours the volume is significantly increased to 65%. This large increase, much larger than 

seen in the crystalline region is likely a convolution of both a real increase in volume and 

tip-sample interactions. 

 Figure 7.4B shows the same trend as the first example. There is an initial increase 

of volume to ~20%. The volume does not increase again for the next 3-hours of the 

experiment. The increase in volume increases similarly to the crystalline region in Figure 

7.4A.  

 The results obtained for the inactive EGI experiments show significant non-

hydrolytic action. Upon enzyme incubation there is an increase in fiber volume in all the 

trials presented. The extent of swelling is dependent on fiber structure with defect regions 

showing a larger increase in total volume than crystalline regions. The significance of this 

result is discussed in Section 7.2. 

 

7.1.2 Active EGI 

 In contrast with the inactive endoglucanase I (EGI), its active counterpart causes 

significant structural changes to the cellulose structure. Active T. reesei endoglucanase I, 

Cel7B, was studied on a number of cellulose features including large crystalline regions, 

microfibrils, slight fibril kink, large fibril kink, and fibril end. The enzyme has significant 

action on the fibrils causing topographical changes over the duration of incubation.  
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Figure 7.5: Topography AFM images of active EGI action on cellulose fiber. A) Target 
fiber before enzyme treatment, B) location of cross sectional analysis, C) location for 
volume analysis, D) after 5 minutes of enzyme incubation, E) 30 minutes, F) 60 minutes, 
G) 183 minutes 

 

 Figure 7.5A shows the target fiber with a large ordered crystalline domain and 

detailed microfibril structure. The large fiber defect is indicated in Figure 7.5B by the 

green cross-sectional line. The defect is present in both the large fibril and the 

surrounding microfibrils. While the defect is not amorphous4 it does have a different 

super structure than the surround fibril, resulting in a prime location for different enzyme 

behavior.  

 There are significant morphology changes in the fiber structure as a result of 

active EGI action. The analysis was performed at 5 minutes, 30 minutes, 1 hour, and 3 

hours. Five minutes after the addition of the EG1 enzyme slight changes in the 

morphology of the fibril are visible. The striations of the microfibrils are more visible 

both along the length of the crystalline segment and close to the fiber defect. After 30 
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minutes, the trend continues to show considerable swelling of the microfibrils and after 

one hour many swollen microfibrils and microfibril ends are visible. After 60 minutes 

there is structural deterioration around the defect and the microfibrils are significantly 

more swollen. The swelling microfibril trend continues for the duration of the 

experiment.  

 
 Figure 7.6: Active EGI width and height change from cross sectional analysis. A) 
Crystalline region, and B) defect region. 

 Cross-sectional analyses were performed across a crystalline region and at the 

defect region of the fiber and are shown in Figure 7.6. Across the crystalline region both 

the width and the height decrease and then increase. The height shows a steady decrease 

to 55% of the original height in the first 60 minutes before the swelling effect dominates 
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and the height increase. There is a slight decrease of fiber width in the first 10 minutes 

but the swelling trend exceeds the degradation trend.  

Across the defect there are differences in the change in height and width. Again 

the height shows a small decrease at short times followed by an increase due to swelling. 

However, at long time scales degradation of the fiber exceeds the swelling of the fiber 

and the total width is decreased from 475 nm to 400 nm or 18% decrease. The change in 

the height has a similar trend to the crystalline region. There is an initial decrease for the 

first hour of the experiment to 22% of the original width, but after three hours the 

swelling effect dominates. At the defect region the original height is recovered after 3 

hours. The original height is not recovered across the crystalline region. 

  
Figure 7.7: Active EGI action change width and height of cellulose fiber A) crystalline 
region, B) fiber end region.  
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 A second example using EG1 is shown in Figure 7.7. The target fiber has a large 

crystalline domain and there is a fiber end overlaid on the lower fiber. The fiber 

morphology changes over time are very similar to example 1. There is a swelling increase 

in the microfibril detail of the fiber in both the crystalline region and the fiber end region.  

Cross sectional-analysis was performed across the crystalline domain and the fiber end 

region. 

 The crystalline region shows an identical trend to that described in the first 

example using active EGI. There is a steady decrease in the fiber height for the first hour 

of the experiment and swelling dominates after two hours of enzyme incubation. The 

fiber width fluctuates decreasing initially, but finally increasing at long time scales. 

Across the fiber end the width shows the same trend as the crystalline region. The height 

is initially dominated by swelling events followed by degradation events. The height of 

the overlying fiber is 3 nm making it a single bacterial cellulose ribbon.   

 Change in volume was calculated for the crystalline (red) region in both examples 

and at the defect (blue) and fiber end regions, shown respectively in Figure 7.8 and 

Figure 7.9. In Figure 7.8 both the crystalline region and the defect region follow the same 

trend. Degradation events dominate a short time lengths leading to a decrease in fiber 

volume by 40%. After 3 hours of experiment the swelling of the fiber dominates and the 

fiber is returned to its original volume. In the images it is seen that the swelling of the 

microfibrils is responsible for a significant amount of the swelling phenomenon. 

 In the second example, the end region follows the same trend as in the previous 

example. A large decrease in volume to -40% is followed by an increase in volume 

recovering the initial volume. The crystalline region shows a different trend: In this 

region there is an initial swelling followed by degradation results leading to a decrease in 

volume. At long time scales the final volume is similar to the starting volume.  

 Both the cross-sectional analysis and the volume calculations show the same 

trends in both active EGI examples. There is a competition between the degradation and 

swelling events visible in the images and quantifiable in both the cross-sectional and 

volume analysis. The extent of degradation and swelling depends on the cellulose fiber 

structure.  
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Figure 7.8: Volume change from active EGI action on crystalline (red) and defect region 
(blue). 

 

 
Figure 7.9: Volume change from action of active EGI on crystalline (red) and fiber end 
(blue) regions. 

A third volume change analysis as a result of EGI active action in shown in 

Figure 7.10. This result confirms the digestion followed by swelling in the defect regions. 
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It also shows the competition of swelling and digestion in the crystalline regions as more 

accessible material becomes available. 

 
Figure 7.10: Volume change from action of active EGI on crystalline (red) and fiber kink 
(blue) regions. 

 

7.2 Discussion 

Less is known about EGI compared to CBHI although it is structurally similar to 

CBHI. Endoglucanase activity is most often measured based on the rate of change of the 

viscosity of a soluble cellulose derivative such as carboxymethylcellulose (CMC)5. The 

correlation between enzyme action on soluble and insoluble cellulose substrates is poor.  

Enzyme activity is often measured as the rate of generation of soluble reducing sugars. 

Relative to CBHI, EGI releases more reducing sugars on amorphous cellulose and less on 

bacterial microcrystalline cellulose. However, this low rate of reducing sugar release on 

crystalline cellulose is consistent with most of the reducing ends generated by EGI 

remaining in the solid cellulose phase5. The literature does not contain any publications 

on true mechanistic action for EGI on crystalline cellulose. One of the main goals of this 

work is to contribute to the understanding of EGI on insoluble cellulose with special 

consideration to its binding action. 
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In Chapter 5 different cellulose morphologies were introduced, including 

crystalline regions, kinks, twists, fiber ends and miscellaneous defects. In an AFM 

experiment a single target fiber will not have all of these regions. The fibers all have 

large crystalline regions and usually one or two types of defects. The structural features 

were selected for analysis and their volume change calculated.  

 
Figure 7.11: Volume change at cellulose structures from active EGI. A) (■) kink and (☐) 
crystalline and B) (●) fiber end and (▲) miscellaneous defect. (Lines present as guides to 
the eye) 

Figure 7.11 presents volume changes as a result of active EGI action on different 

cellulose structures. In this plot the three types of defect regions follow a similar trend, 

dominated by degradation events in the first hour of incubation followed by swelling 

events for the remaining duration of the experiment. The kink shows the smallest change 

of all the defect types. The crystalline region has a swelling event first followed by 

degradation events and finishing at long time lengths with swelling events. This result 

shows degradation is more pronounced on the defects than the crystalline regions of 

cellulose. However, only small differences between different types of defect regions are 

recorded. 
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The extent of enzyme action at a defect region depends specifically on the 

structure of that defect. In all cases the defects are more susceptible to EGI action than 

the crystalline regions. The variations in final volume changes are due to structural 

differences and total available cellulose chains for enzyme action. For the remainder of 

the discussion, all cellulose features that are not predominantly crystalline will be 

referred to as “defects”. Crystalline and defect cellulose regions are directly compared for 

difference analysis. 

 Figure 7.12 presents a plot of the active EGI action separated into experiments on 

crystalline (closed symbols) cellulose and on defect (open symbols) regions of cellulose. 

The image results for the active EGI experiments presented in Section 7.1.2 visualize 

examples of swelling microfibrils and degradation events competing on the same reaction 

scale. The volume analysis in Figure 7.12 shows the same result. The relative volume 

changes show competition of digestion and swelling events. The extent of degradation 

depends on the cellulose structure. The defect regions all follow a similar trend: A steep 

degradation on short time periods followed by a slow down in digestion after 

approximately 0.5 hours. After one hour of enzyme incubation swelling events dominate. 

The swelling continues for the duration of the experiment without further degradation 

events. The final fiber volume change depends closely on the cellulose fiber structure and 

the extent of degradation and swelling.  
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Figure 7.12: Action of active EGI on A) defects (open) and B) crystalline (closed) 
cellulose regions. Dashed lines are to help guide the eye only. Different symbols note 
different experimental trials. 

The crystalline cellulose results show a different trend. Two of the trials show 

small or no degradation event in the first 10 minutes, having swelling events greater than 

degradation events. After the initial swelling events there is a period of cellulose 

degradation but the extent of the degradation is less than what was seen for the defect 

cellulose regions. One of the crystalline cellulose trials shows behavior more closely 

related to the defect trials. The specific region of cellulose may have some microdefects 

that were not imaged.  

There is a lack of a distinguishing line between crystalline and defect cellulose 

changes as a result of the EGI action. The differences seen as a result of EGI action exist 

as a spectrum. This indicates that the EGI is highly susceptible to cellulose 

microstructures. It is unclear studying active EGI alone whether the susceptibility is a 

result of the catalytic domain or the binding domain or a combination. To study the 

impact of the binding domain on cellulose site selectivity the inactive variant was 

employed. 
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The inactive EGI volume change results are shown in Figure 7.13 and are 

separated into results on defect regions (open) and crystalline regions (closed). Unlike 

inactive CBHI, inactive EGI exhibits non-hydrolytic action on cellulose fibers. On both 

crystalline and defect regions of cellulose there is an increase in fiber volume. In both 

cases the volume increases quickly within the first 30 minutes and then plateaus for the 

duration of the experiment. The crystalline region of the cellulose fiber swells to a 

volume 10-15% greater than the starting fiber volume. The defect cellulose region 

swelling is even more significant, to 25-30% the starting fiber volume. This result is very 

significant.  

 
Figure 7.13: Action of inactive EGI on defect (open) and crystalline (closed) cellulose 
regions. Dashed lines only to guide the eye. Different symbols note different 
experimental trials. 

Many studies have proposed non-hydrolytic action from cellulase enzymes, but 

no studies have conclusively shown that there is a swelling effect. Using the inactive 

variant of the well-studied endoglucanase allows hydrolytic events to be separated from 

non-hydrolytic events. The inactive protein should interact with the substrate in an 



 148 

identical manner as the active variant, except the catalytically active complex is not 

formed. The results presented in Figure 7.13 show the role of the binding domain is more 

significant than simply maintaining proximity of the enzyme to the cellulose substrate. 

The phenomenon of defibrillation or dispersion of cellulose was initially 

described in the sixties and seventies as the initial steps of hydrolytic action of cellulase 

enzymes6. The opinions about the class of enzyme that are responsible for the action were 

divided, endoglucanase or cellobiohydrolase. At that time purification techniques of 

enzymes were not as good as they are now and we now know that both classes of enzyme 

can have varying degrees of action of cellulose substrates. In the late eighties and early 

nineties a series of papers were published7 describing how both endoglucanases and 

cellobiohdrolases can result in the dispersion of cellulose and that the dispersion is a 

result of both hydrolytic and mechanical action7. A.A. Klyosov7 proposed that the 

mechanical dispersion is induced by the adsorption of cellulolytic enzymes to cellulose 

defects followed by enzyme penetration into cellulose defects (“defined as disturbances 

of the crystalline structure of cellulose”7). Klyosov stated that this process concentrated 

the enzymes in the defects thereby resulting in an increased mechanical pressure on the 

walls of pores, cavities and microcracks of cellulose7. Water penetration into the defect 

can then penetrate further and contribute to breaking hydrogen bonds making more sites 

available for hydrolytic action7. The proposed mechanism above was based on collection 

of spectrophotometric data for enzymes coagulating with sonicated cellulose substrates. 

The results show differences in apparently tightly adsorbed cellulase, weakly adsorbed 

cellulases and non-specific non-cellulolytic proteins7. This work was recently cited by 

Arantes and Saddler8 in 2010 as a possible mechanism for CBM action and is one of the 

only works to discuss cellulose defects as possible starting points for cellulolytic 

hydrolysis.  

In the past, researchers did not have the benefit of atomic force microscopy 

technology to verify the proposed mechanism. Since the 1990s there have been research 

studies that show cellulases, and CBHI, adsorb reversibly to cellulose substrates9. It is 

unlikely that with deep penetration into cellulose cracks that the adsorption could be 

reversible. Our measurements of cellulosic enzymes on different types of cellulose defect 

sites are the perfect way to verify Klyosov’s hypotheses. 
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There are two distinct cases that have to be considered when evaluating the action 

of the binding domains of cellulolytic enzymes. Simply, the two cases are one with a 

large binding domain and one with a small binding domain. In these two cases the 

binding module occupies significantly different space on the surface of cellulose and its 

ability to interact with different features should be effected by its size. In this study we 

have looked at enzymes that fit these two cases. First, the T. reesei enzymes fall under the 

small CBM category, having family 1 binding domains. The C. fimi enzyme CenA has a 

significantly larger family 2 binding domain.  Comparing results of the action of these 

two enzymes on similar cellulose surfaces gives us an idea about how the size of the 

binding domain effects the interaction with the cellulose surface.  

 
Figure 7.14: Artistic rendition of amorphogenesis mediated by the cellulose binding 
module. A) Adsorption of enzyme to defects, B) penetration of CBM into cellulose 
defect, C) penetration of water molecules into space created by CBM. (Adapted from 
[8]). 

In the artistic description of the mechanism presented by Arantes8 (Figure 7.14) the 

focus is on the binding domain and it is represented as large compared to the catalytic 
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domain for emphasis. A CBM larger than the CD is not found for any of the most studied 

T. reesei enzymes for which the experiments to derive the model were performed. 

However, our results suggest the above model does have some validity, at least in the 

case of endoglucanase. By comparing the results of EGI and CenA we can elucidate 

some more information about the effect of size and structure of a binding domain on 

cellulose structures. 

The known structure of EGI has many structural differences compared to CenA. 

CenA (endo-β-1,4-glucanase A, Cel6A) is a typical member of Family 2 (formally family 

II cellulose-binding domain) carbohydrate-binding modules10 (see http://cazy.org). The 

domains in this family are all approximately 100 residues in length (CenA has 105 

residues) are found in bacterial enzymes and are stabilized by a disulfide bond between 

cysteine residues near each end of the domain11. The binding domain is located at the N-

terminal of the protein, joined to the catalytic domain through a 20 amino acid linker12. 

Small angle X-ray studies show that the CBM adopts an extended, tail-like conformation 

approximately 10 nm in length12.  Unfortunately, the three-dimensional crystal structure 

of CenA has not been determined. 

The CBM from CenA has been reported to have the capability to disrupt cellulose 

structure. The CBM is reported to mediate non-hydrolytic disruption of crystalline 

cellulose enhancing the degradation capacity of the catalytic module13. Early studies 

show CenA has a high affinity for bacterial microcrystalline cellulose from Acetobacter 

xylinum14. Mechanistic details of the adsorption of the CBM to cellulose are limited. 

There are four tryptophan residues conserved across many of the members of family 2 

and thus are thought to contribute to the binding capabilities. When the tryptophan 

residues were individually mutated to alanine residues (W14A and W68A) there was 30 

to 50 fold decrease in the affinity for crystalline cellulose12. Adsorption to cellulose has 

been modeled as the interaction of a CBM (large ligand) with the repeating cellobiose 

residues on the substrate surface (a lattice of overlapping potential binding sites). It has 

been estimated that CBMcenA covers approximately 39 cellobiose residues14. Din et al. 12 

proposed a mechanism in which W14 and W68 exposed on the CBD surface interact 

simultaneously with exposed cellobiose residues on the substrate. It was also suggested 

that the other two tryptophan residues may contribute to the binding12. In a recent study 
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to produce the isolated CenA binding domain for AFM studies, the tertiary structure was 

predicted involving residues Ala32 to Thr147 using Phyre Server 0.115 

By comparing CenA and EGI (active) it is seen that the action on defect regions 

of cellulose is similar (Figure 7.15). Both show a competition between swelling and 

digestion. In all the trials digestion events occur first. The timing of a swelling event 

depends in on the specific structural feature. Once CenA or EGI begin the swelling 

events, not more digestion events are measured. In the case of CenA, at short times there 

is a fluctuation of digestion and swelling events before the swelling events dominate a 

long time lengths. From the presented studies it appears the competition between 

swelling and digestion is a phenomenon seen only in endoglucanase.  

 
Figure 7.15: Volume change of cellulose fiber at defect regions as a result of CenA 
(open) and active EGI (closed). Different closed symbols show different EG1 active 
trials. Dashed lines only to guide the eye. Different symbols note different experimental 
trials. 

The similarities in the binding domain structures should result in similar action on 

similar cellulose surfaces. Figure 7.16 shows the volume change of crystalline cellulose 
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region as a result of CenA, EGI and inactive EGI action. The CenA action on crystalline 

cellulose overwhelms the swelling action of EGI active and inactive. The swelling of 

cellulose as a result of CenA action reaches 200% the initial volume after 2 hours.  

Around one hour there is a degradation event but the enzyme action is dominated by 

swelling. Active EGI on the other hand predominantly shows digestive action at short 

time periods and does not cause swelling in the substrate until the accessible substrate has 

been exhausted. Inactive EGI results in the constant swelling of the cellulose fiber after 

15 minutes of enzyme incubation.  

 
Figure 7.16: Volume change of crystalline cellulose as an effect of A) Inactive EGI, and 
B) CenA (open) and EGI (closed). Different symbols note different experimental trials. 

The substantial increase in swelling action is likely due to the binding domain of 

CenA. The structure of the CBMCenA compared to the CBMEGI results in the ability to 

bind to many more surface cellobiose units in the cellulose structure. The crystalline 

substrate is less accessible for digestion than defects in the cellulose substrate. As a result 

the non-hydrolytic action dominates over the hydrolytic action. To confirm the CenA 

action experiments with a catalytically inactive variant would be essential.  
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In the mechanism suggested in Figure 7.14 the binding domains appear to get 

stuck in the microcrack after the amorphogenous action. If this were actually the case we 

would see enzymes on the surface and cracks of cellulose after long experiments. This is 

not the case. Two scenarios could cause this results: First, the AFM tip could be pushing 

enzymes away from the surface so a bound enzyme or an enzyme stuck in a crack is 

never imaged or second, the enzymes are not getting stuck in the cracks, but perform 

binding events on a similar time scale as catalytic events (100/second) and are simply 

moving too fast to be imaged in our experimental setup. 

To test if the first scenario occurs, an experiment with the same set up as the 

previous enzyme experiments was performed using bovine serum albumin (BSA). BSA is 

known to bind non-specifically to cellulose and does not perform catalytic events.  Figure 

7.17 shows AFM images of BSA adsorbing to cellulose in situ. The protein is not 

stationary on the fiber but also it is not completely dislodged from the fiber as a result of 

tip action. 

 
Figure 7.17: AFM topography images of BSA on cellulose fibers in solution. 

 From the above result it is likely the enzyme is continuously moving on the fiber 

surface and is not bound, even in the defects, for long periods of time. The AFM images 

take approximately 4 minutes to acquire. It is possible that at long time experiments 

inactive enzymes the binding time is longer (compared to active enzymes), but it does not 

exceed 4 minutes. Figure 7.18 shows a cartoon for a suggested mechanism in which the 

endoglucanase preferentially attacks defect site on the cellulose fiber. The binding 

domain of the enzyme loosens the cellulose structure at the defect site resulting in 

swelling events (Figure 7.18B). The enzyme is reversible bound to the cellulose fiber and 

moves on the surface of the cellulose to a different location. The movement is likely 
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random with the enzyme moving to either a different defect site or to a crystalline 

cellulose region. 

 
Figure 7.18: Suggested mechanism for endoglucanase action of insoluble cellulose. A) 
Endoglucanase preferentially attacks defects in cellulose structure, B) endoglucanase 
causes swelling at defect site, and C) endoglucanase moves to different defect and repeats 
the swelling (shown from the top view of a cellulose fiber). 

7.3 Summary 

Inactive and active T. reesei EGI (Cel7B) were studied on bacterial cellulose 

fibers using in situ AFM measurements. Figure 7.19 and Figure 7.20 summarize the 

results of EGI action on crystalline and defect regions of cellulose, respectively. The 

inactive enzyme was found to have significant non-hydrolytic action on insoluble 

cellulose fibers. There was more significant swelling effect on the defect than the 

crystalline regions of the cellulose fiber. This is the first reported example of EGI non-

hydrolytic action at different cellulose structures. 
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Figure 7.19: Volume change of crystalline cellulose due to the action of A) inactive EGI 
and B) active EGI. Different symbols note different experimental trials. 

 

 
Figure 7.20: Volume change on cellulose with defects due to the action of A) inactive 
EGI and B) Active EGI. Different symbols note different experimental trials. 
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From the active EGI results a quantifiable degradation event was measured 

followed by swelling events. Degradation was initially quick with the total lost of mass 

occurring within the first hour of the experiment. The volume then increased as the 

enzyme induced swelling of the fiber structure. The extent of degradation and swelling is 

structure limited with more disordered regions showing larger decreases in volume and 

predominantly crystalline regions showing mainly swelling events. 

 Swelling events were recorded in both inactive and active enzyme experiments. 

Degradation events were only found with the active enzyme. The result points to the 

binding domain of endoglucanase I being responsible for the swelling of the cellulose 

structure. Significant swelling events were also measured when using the endoglucanase 

CenA. Swelling appears to the primary function of endoglucanases to make more 

accessible cellulose for the total synergistic digestions. 
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Chapter 8 Enzymatic action of mixtures of enzymes  
No single enzyme is capable of completely degrading crystalline cellulose. This 

can only be achieved by the action of two or more enzymes. Endo-exo synergy is the 

most frequently study synergy in cellulose-enzyme systems. This type synergy occurs 

with the combination of endoglucanases and cellobiohydrolases. In the original 

explanation of the synergy, it was suggested that endoglucanases attack only amorphous 

domains in cellulose and in this way generate new chain ends1. Cellobiohydrolases were 

found to release cellobiose and acted on the new chain ends produced by the 

endoglucanases. The structural and ultrastructural features of cellulose1 and the ratio of 

enzymes involved also significantly affect the synergy of cellulases. The role of 

ultrastructure in cellulase synergy is explored in this Chapter.  

A second type of synergy exists between the domains of the cellulase enzyme. 

The enzymes used in this work all have a common structure of a binding domain linked 

to a catalytic domain. Catalytic domains alone have been shown to be insufficient to 

degrade crystalline cellulose. There are reported examples of binding domains causing 

non-hydrolytic disturbances in crystalline cellulose2,3. The exact role of binding domains 

and their mechanism with respect to the catalytic domain is still poorly understood. 

In Section 8.1.1 the inactive variants of EGI and CBHI are studied concurrently on the 

same fiber location. In Section 8.1.2 the wild-type enzyme combination is shown. For 

both the active and inactive enzymes experiments cross-sectional and volume change 

analyses are performed.  

 

8.1 Results  

8.1.1 Inactive Enzyme Combinations 

The target fiber for the multiple enzyme experiment had a mixed morphology. In 

Figure 8.1A three different structural features are visible. The blue arrow points to a 

predominantly crystalline portion of the target fiber. This region has the characteristic 

long straight domains with visible microfibril structures. The orange arrow points to a 

disordered region in the fiber. To determine stability, the region was imaged for over an 
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hour before the addition of enzyme. There are small fluctuations along the edge of the 

fiber indicating a less structured cellulose region, but the total changes were small and the 

fiber image is stable. In the center of the large fiber there is a region that appears to be a 

mix of crystalline and defect regions. The green arrow points to a twist in the fiber 

structure. There is also a large defect in the middle of the fiber. 

 
Figure 8.1: Amplitude AFM images of EGI inactive for 2.5 hours followed by CBHI 
inactive. A) Target fiber with marked features of interest, B) location for cross-sectional 
analysis, C) location for volume analysis, D) 10 minutes, E) 30 minutes, F) 60 minutes, 
and G) 2.5 hours after the addition of inactive EGI. Inactive CBHI is added and H) 10 
minutes, I) 30 minutes, J) 60 minutes, and K) 2 hours after the addition of inactive CBHI. 

 The locations used for volume and cross-sectional analyses are indicated in Figure 

8.1B and C. The different structural zones were isolated for volume analysis and a single 

large cross-section was taken across the total fiber. Figure 8.1D - G corresponds to 

inactive EGI incubation and Figure 8.1H - K to the addition of inactive CBHI. Over the 

duration of the experiment few structural changes were seen. The crystalline cellulose 

region remained unchanged. The disordered cellulose region shows small fluctuations, 

but remained stable. 
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 Different regions of the cellulose fiber were not separated for cross-sectional 

analysis. Figure 8.2 shows the changes in height and width across the large fiber. With 

the addition of inactive EGI similar trends to the previous studies were observed. The 

change in height shows small fluctuations in the first 45 minutes of incubation and an 

increase after 1 hour. The height of the fiber increases by approximately 10%. The width 

also showed the same trend, remaining almost unchanged at short time lengths and 

showing an increase of 5% after 2 or more hours.  

In Figure 8.2 the dashed line indicates the addition of in active CBHI. The height 

of the fiber increased steadily after the addition of CBHI to 20% greater volume than the 

original fiber. The width also had an increasing trend, but the overall change was small 

increasing to 6% of the initial fiber volume.  

 
Figure 8.2: Width and height changes of cellulose fiber from inactive EGI incubation. 
Inactive CBHI added at dashed line, time equal to 150 minutes. 

 The volume change was calculated for the two different regions in the mixed 

cellulose fiber.  With the addition of the inactive EGI a similar trend was seen as the 

previous two examples. There was a steady increase of volume. The crystalline region 
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displayed fluctuation in volume at short times reaching a maximum volume of 10%. The 

disordered region showed a steady increase in volume to a maximum of 30% of the 

original volume. This was consistent with the disordered regions in the previous 

examples.  

 
Figure 8.3: Fiber volume change as a result of inactive EGI action on cellulose fiber with 
addition (dashed line) of inactive CBHI at 150 minutes. 

The dashed line in Figure 8.3 indicates the addition of inactive CBHI. Upon this 

addition both of the regions experience a decreased in volume. The initial decrease in 

volume was small for the crystalline (closed) region and almost identical to the volume 

measured before any enzyme treatment. The disordered (open) fiber region experienced a 

more significant decrease in volume. The decrease was ~20% compared to the fiber 

treated with inactive EGI. The volume of the disordered region was comparable to the 

original volume as the EGI alone had caused significant swelling. In both regions after 

the initial decreases, there is an increase in swelling after 30 minutes of inactive CBHI 
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treatment. After 2.5 hours of inactive CBHI incubation, all three regions exhibited similar 

relative volume changes of ~15% increase compared to the original volume. 

 The results obtained showed significant non-hydrolytic action for the inactive EGI 

experiment with a change in volume induced by the addition of inactive CBHI. The 

extent of swelling was dependent on fiber structure with defect regions showing a larger 

increase in total volume than crystalline regions. The decrease in volume with the 

addition of inactive CBHI was more significant for the defect region of cellulose. The 

significance of this result is discussed in Section 8.2. 

8.1.2 Active Enzyme Combinations 

The target fiber for the active enzyme synergy experiment is previously described 

in Chapter 7.1.2 for EGI experiments. The fiber is predominantly crystalline and the 

visible overlapping fiber end was visibly digested after the EGI treatment. The locations 

of cross-sectional analysis for EGI experiment are shown in Figure 8.4A. The same 

location could not be used after the addition of CBHI due to image drift. The locations 

chosen for analysis remained undigested for majority of the imaging period and are 

shown in in Figure 8.4B,C. 



 163 

 
Figure 8.4: AFM images of inactive CBHI action on EGI treated cellulose fibers. A) 
Location of cross sections from EGI analysis, B) location of cross section for inactive 
CBHI analysis, C) location for volume analysis, D) image immediately before addition of 
inactive CBHI enzyme, E) 4 minutes after addition of enzyme, F) 12 minutes, G) 30 
minutes, H) 37 minutes, I) 43 minutes, J) 50 minutes and K) 60 minutes. 

 The target fiber underwent significant morphological changes as a result of the 

addition of active CBHI. Small changes occurred within the first 15 minutes and are 

visible as fiber distortions in the top part of the frame. The top fiber appeared to be 

completely digested. At the 30-minute image the microfibril striations are very distinct 

and more pronounced than before the addition of CBHI. After 37 minutes, the fiber in the 

upper right peels away. In Figure 8.4I the target fiber become visually thinned. The fiber 

is almost completely digested after 50 minutes and after 60 minutes only block limiting 

cellulose remain.  

 The volume change was measured at approximately the same location for the EGI 

incubation and the EGI+CBHI incubation. The location was a large crystalline domain 

with visible microfibril structure. Figure 8.5 shows a plot of volume changes as a result 
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of EGI action and at the dashed line with the addition of CBHI. In contrast with the 

competition of swelling and degradation reported for EGI alone, the combination of the 

two enzyme results in exclusively degradation events. In the first 30 minutes after the 

addition of CBHI there was a steady decrease in fiber volume. There was also a decrease 

in the rate of digestion from 30 to 50 minutes. The final digestion occurred quickly and 

only a small volume of block cellulose remained. 

 
Figure 8.5: Volume change from active EGI and CBHI action. Dashed line indicates the 
addition of CBHI. 

 

8.2 Discussion 

CBHI is well understood and thought to be the major contributor of the T. reesei 

enzyme system. It is widely accepted that active CBHI enzyme proceeds by a processive 

mechanism cleaving cellobiose units from the reducing end of cellulose chains. The 

crystal structure of the CBHI active site tunnel has been resolved to show the enzyme is 

capable of binding up to 10 glucose units at one time4. EGI is less well understood, but is 
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thought to create chain ends for CBHI to act on. Together the enzymes have shown to 

have a synergistic effect on the degradation of insoluble cellulose. In this work the 

combination of inactive enzymes and the combination of active enzymes have been 

studied. In both cases there is an effect on the cellulose fiber. By using the inactive 

variants the contribution of the binding domain can be isolated from the catalytic domain. 

The binding domains of CBHI and EGI are very similar with some structural differences. 

We have compared the results of the active proteins to see where enzyme action is 

focused. We also compared the inactive proteins to the active proteins to determine if 

non-hydrolytic binding action disrupts the cellulose surface. Figure 8.6 and Figure 8.7 

show the results of active and inactive EGI and CBHI on defect and crystalline cellulose 

regions, respectively. On the defect regions plot there is a greater spread of data points, 

ranging from ± 40% of the original volume highlighting more swelling from the inactive 

EGI and greater digestion from the active EGI and CBHI. 

 
Figure 8.6: Results from experiments on defect cellulose regions. A) Inactive enzymes, 
and B) active enzymes. Lines included as guides for the eye. 
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Figure 8.7: Results from experiments on crystalline cellulose regions. A) Inactive 
enzymes, and B) active enzymes. Lines included as guides for the eye. 

From the crystalline cellulose plot it is seen that the point are predominantly 

grouped between ± 20% of the original volume. These two figures show that overall both 

enzymes have greater action of defect regions of cellulose than crystalline cellulose.  

Despite their structural similarities, EGI and CBHI have very different action on 

cellulose. The largest contribution comes from the binding domain of EGI. Its action is 

poorly understood and the structure of the flat face and the rough face of the binding 

wedge require further investigation. However, it is for the first time shown in this work 

that EGI exhibits non-hydrolytic action on cellulose fibers and the action is on both 

crystalline and less ordered, defect cellulose regions. 

8.2.1 Endo-Exo Synergy. 

Synergy occurs when the activity exhibited by a mixture of components is greater 

than the sum of the activity of the components separately5. In the cellulose enzyme 

system there are numerous proposed types of synergy. A few examples include: 1) 

endoglucanase and exoglucanase; 2) exoglucanase and exoglucanase6; 3) endoglucanase 
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and endoglucanase7; and 4) intramolecular synergy between catalytic domain and CBM8. 

The most widely studied type of synergy is between endoglucanase and exoglucanase and 

is quantitatively important for hydrolysis of crystalline cellulose5. The highest reported 

synergy values are for bacterial cellulose and the lowest are for amorphous acid-swollen 

cellulose. Endo-exo synergy is shown in Figure 8.8 between active EGI and CBHI. In 

Figure 8.9 inactive EGI and inactive CBHI were combined to elucidate information about 

synergy between the binding domains of the two enzymes. 

The results from the active enzyme experiments show excellent synergy results. 

In previously described studies, neither EGI nor CBHI alone contributed to a decrease of 

fiber volume larger than 35%. The combination of the two enzymes shows a strikingly 

different result. After the addition of CBHI one to the cellulose pretreated EGI there is an 

immediate decrease in volume. The CBHI digests the cellulose fiber to its pre-swollen 

volume. The digestion continues, slows down at approximately 40 minutes, but continues 

to almost completion after 60 minutes.  

Analyzing the extent of fiber digestion using volume change calculations shows 

an excellent overview of the digestion visualized in the AFM images. The volume of 

fiber remaining on the substrate is accounted for even at high digestion percentages. This 

result of EGI and CBHI on bacterial cellulose is predicted for endo-exo synergy9. 
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Figure 8.8: Volume change of cellulose fiber as a result of EGI (closed) and EGI plus 
CBHI (open) action. Dashed line indicates addition of CBHI. 

 The combination of two inactive enzymes has not been studied before. The 

volume change for the inactive enzyme combination of EGI and CBHI is shown in Figure 

8.9. The inactive EGI is able to have non-hydrolytic action on the cellulose surface. The 

extent to which this action causes fiber swelling depends on the structure of the cellulose 

substrate. The defect regions of the cellulose swell more than the crystalline regions. 

With the addition of inactive CBHI the volume of the cellulose fiber shows different 

behaviours in the different regimes. In the crystalline region the volume gradually 

increases after the addition inactive CBHI. In the defect regions (labeled amorphous and 

mixed) a decrease in volume is initially observed followed by an increase in the volume. 

The decrease in volume is difficult to explain.  

The interaction of the cellulose-binding domain with the cellulose surface is 

poorly understood for both EGI and CBHI. Protein-carbohydrate interactions are either 
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driven by enthalpy or entropy. Entropic events are driven by surface dehydration 

(hydrophobic effect) and enthalpy events by changes in hydrogen bonding61. It is 

unknown whether enzyme-cellulose binding is driven by entropy or enthalpy or if 

different binding domains have different substrate interactions.  

With the decrease in fiber volume it is possible that an entropic event is occurring. 

Upon interacting with the surface of the cellulose fiber, CBHI could release ordered 

water from the cellulose surface. This would explain the sudden decrease in volume in 

the blue curve where the fiber volume becomes close to the initial fiber volume.  The 

crystalline region of cellulose has been less affected by the inactive EGI action so the 

addition of inactive CBHI has a less profound effect. This explanation is speculative and 

further experiments must be performed to confirm the result. 

 
Figure 8.9: Volume change as a result of inactive EGI and inactive EGI+CBHI action on 
crystalline (closed) and defect (open) regions. Dashed line indicates the addition of 
CBHI. 
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8.3 Summary  

The combination of T. reesei enzymes EGI and CBH were studied in combination 

on bacterial cellulose fibers using in situ AFM measurements. The inactive variants were 

combined sequentially and the wild-type were combined sequentially. In both cases 

volume changes were measured when CBHI was added to a system previously treated 

with EGI.  

The degree of synergism can be calculated using the following equation: 

                                   !"##  !"##  (!"!!!"#$)
!"##  !"##   !"# !!"##  !"##  (!"#$)

     Equation 8.1 

It has recently been shown using polarized light microscopy that fiber defects are 

not amorphous in nature and have a crystalline organization. The density of the 

crystalline regions and the defect region will have a density that only differs by a few 

percent and thus the volume can be used in Equation 8.1 instead of mass loss. 

Using the equation with volume it is possible to determine a degree of synergy for 

our system. The volume loss of EGI is from the first part of the experiment when the 

fiber was undergoes digestion to 39% less than the original volume. The  volume loss of 

CBHI is calculated by averaging the results from previous experiments when the 

cellulose fiber was incubated with only CBHI. The average of the CBHI results was 24%. 

The total volume loss with the combination of EGI and CBHI was 79%. Using these 

values the degree of synergy was calculated to be 1.25. Interestingly, this is in good 

correlation with the value is reported in by M. Srisodsuk 10  et al., 1.27, for the 

combination of the same enzyme on bacterial cellulose.  

The results from the interaction of the inactive variants are more difficult to 

interpret. With further experiments the results will contribute to the understanding of the 

driving force of CBM binding to insoluble cellulose fibers. 

This work is the first example of studying synergy on different cellulose regions 

on individual fibers. Using AFM as a tool to probe specific regions of the cellulose 

surface is a distinct advantage over bulk experimental techniques.  
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Chapter 9 Conclusions and Future Directions 

9.1 Conclusions 
A novel protocol was developed for the preparation of native cellulose films and 

their use in high-resolution AFM imaging experiments of real time cellulose-enzyme 

interactions1. Imaging conditions were experimentally determined and have been used to 

obtain high-resolution images of cellulose fibers and the real time action of selected 

enzymes. Additionally, image processing and deconvolution protocols were developed to 

provide a standard procedure for AFM image analysis in our research group.  

The images obtained indicate cellulose fibers undergo degradation, swelling and 

competition between the two processes as a result of enzyme action. A novel procedure, 

volume analysis, was developed to quantify changes in cellulose fibers as a result of this 

action. Volume analysis was used to compare fibers in different experiments (with 

different structural features and enzymes) regardless of where the change in the fiber 

occurred. The site-specific nature of cellulose-enzyme interactions is accessible using this 

analysis technique. Additionally, the reported volume change reflects a change in mass 

that is of interest for industrial purposes. A summary of the results and conclusions are 

presented in the following sections. 

9.1.1 Cellulose structures 

The primary advantage of using atomic force microscopy to study cellulose-

enzyme systems is its ability to access site-specific information. Cellulose has a 

heterogeneous superstructure of varying order. The bacterial source of cellulose studied 

in this work is largely crystalline and AFM imaging has shown that the fiber exhibit 

numerous structural features. The crystalline regions are dominated by highly ordered, 

linear structures with visual microfibril characteristics. However, within these large 

domains there are many defect regions. The defects determined in this work include point 

defects along the edge of the fiber, fibril twists, fibril and fiber ends, and kinks in a fiber 

structure. The exact origin of the defects is unknown, but is likely a combination of 

growth conditions and pretreatment procedures. The bacterial fibers provide an excellent 

substrate for studying enzyme interactions with pure cellulose due to its homogeneous 

nature, high crystallinity and ability to be prepared without drying. 
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In these studies, it has been determined that enzymes behave differently on 

crystalline cellulose than at cellulose defects. Depending on the enzyme employed, these 

differences can be quite significant. Below are the specific conclusions for 

cellobiohydrolases, endoglucanases and a combination of the two.  

9.1.2 Cellobiohydrolase  

In this work, T. reesei cellobiohydrolase I (CBHI) was used to verify the action of 

enzymes as monitored with AFM and volume change experiments. The protein is well 

studied and there is mechanistic information available in the literature. Using the active 

enzyme, degradation was observed in the image and quantified using volume analysis. A 

significant difference was calculated between the enzyme action of crystalline cellulose 

and the action on cellulose defects. On crystalline cellulose, the hydrolysis proceeded 

quickly and plateaued at -18 ± 1% of the original fiber volume.  The defect region 

exhibited the same trend in degradation, but plateaued at -32 ± 2% of the original fiber 

volume. The loss of activity after early stages of digestion is a widely reported 

phenomenon2,3 and is an area in which AFM work can be extremely advantageous in 

determining the limiting factors. 

The inactive variant of CBHI was employed which had an inactive catalytic 

domain, but an intact binding domain. The inactive enzyme was found to have no action 

on cellulose. Volume change of the cellulose regions of interest fluctuated by 5%, which 

is on the order of error of the experiment. All the results obtained using CBHI had 

excellent agreement with literature results.  

9.1.3 Endoglucanases 

The inactive and wild-type variants of T. reesei endoglucanase I (EGI) were 

studied to disentangle the actions of the carbohydrate binding module (CBM) and the 

catalytic domain. The inactive enzyme was found to induce swelling of the insoluble 

cellulose fibers. There was more significant swelling effect on the defect regions than the 

crystalline regions of the cellulose fiber. This is the first reported example of EGI non-

hydrolytic having quantifiably different action on different cellulose structures. 

 The wild-type EGI exhibited the competition of swelling events and degradation 

events on cellulose fibers. Initially, in the first hour of experiments, there were 
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degradation events and afterwards there was significant fiber swelling. The extent of the 

degradation and swelling was site dependent with more disordered regions of cellulose 

showing larger decreases in volume. Regions that were predominantly crystalline showed 

largely swelling events. 

 The swelling action was also observed from the endoglucanase CenA. From these 

results, fiber swelling appears to be the primary function of endoglucanases resulting in 

more accessible cellulose for the total synergistic digestions. The binding domain of the 

enzyme is responsible for loosening the cellulose structure at the defect site, which results 

in swelling events. The enzyme reversibly binds to the cellulose fiber as no enzymes 

were imaged adsorbed on the cellulose surface. The enzyme moves randomly on the 

cellulose surface and results in swelling action on both crystalline and defect regions. 

 The novelty of the AFM and the volume analysis technique allow for the 

quantification of fiber swelling. Swelling is difficult to measure with other physical or 

biochemical techniques.  

9.1.4 Enzyme Mixtures 

Mixtures of both the inactive T. reesei enzyme and the active T. reesei were 

examined on crystalline and defect regions of cellulose. The combination of the active 

enzymes demonstrated for the first time synergistic degradation on a nanoscale. The total 

digestion imaged the defect regions as the site of initial digestion followed by the 

crystalline region. The volume change calculated from the degradation resulted in a 

degree of synergy of 1.25, which is comparable to literature at 1.274.  

 The results from the interaction of the inactive variants are more difficult to 

interpret. With the addition of CBHI to a fiber treated with EGI, there was a larger 

change in volume on the defect region than the crystalline region. With further 

experiments the results will contribute to the understanding of the driving force of CBM 

binding to insoluble cellulose fibers.  

This work is the first example of studying synergy on different cellulose regions 

in a single fiber. Using AFM as a tool to probe specific regions of the cellulose surface is 

a distinct advantage over bulk experimental techniques. 
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9.2 Future Directions 
Excellent procedures for preparation of native cellulose thin films, AFM studies 

with enzymes, and quantitative data treatment methodologies have been developed. With 

these fundamental protocols in place, future directions for the project are plentiful. 

Immediate future directions should include use of different cellulose substrates, different 

experimental conditions and different enzyme combinations. 

Bacterial cellulose is an ideal substrate for studying the interactions of enzymes 

with pure cellulose. It has the complex macrostructure present in all cellulose sources 

without additional polymers (lignin, hemicellulose, etc.) found in plant sources of 

cellulose. However, it would also be advantageous to study other isolate plant material 

such as lignin or to study a complete plant fiber.  

Nanocrystalline cellulose (NCC) is an ideal additional substrate for studying 

cellulose-enzyme interactions. To prepare, acid treatment of native cellulose is used to 

degrade the less ordered regions of the cellulose structure leaving behind crystallites of 

cellulose (NCC). Cellulase enzyme interaction with crystalline cellulose is thought to be 

a limiting factor in the degradation of cellulose. In this thesis we have shown that CenA, 

EGI and CBHI preferentially attack defect regions of cellulose. By employing NCC the 

interactions of enzymes on pure crystalline cellulose can be study to improve the action 

of enzymes on crystalline cellulose.  

Preliminary studies of CenA on NCC cellulose show only small morphological 

changes in the cellulose substrate. Imaging the nanocrystals for prolonged periods of time 

is a challenge as the adhesion of the crystals to gold electrodes using thio-D-glucose is 

weak. Once sample preparation techniques are improved, protocol for data collection and 

data analysis can be performed as described in this thesis. The information obtained for 

pure crystalline substrates will be very complimentary to the data obtained with native 

fibers that have a mixture of crystallinity. 

In the AFM experiments presented in this thesis, the enzymes are moving too fast 

to be actually visualized. Enzyme reactions have an optimal rate at a specific pH and 

temperature.  While changing the pH changes the interaction of the enzyme with the 

cellulose substrate, changing the temperature only changes the time required for the 

enzyme hydrolysis reaction. For cellulolytic enzymes the optimal temperature is 
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approximately 50 ˚C. Temperatures much higher than this cause denaturation of the 

protein, but temperatures lower slow down the enzyme reaction. If the temperature is 

lowered to approximately 4 ˚C it should be possible to slow down the enzyme motion 

enough to visualize the active enzymes. 

Visualizing the enzyme on the cellulose fiber would allow for determination of 

the specific binding sites of the enzymes. Results from this thesis show that enzyme 

prefer defect sites in cellulose fibers. Visualizing enzymes in these sites would verify this 

result. Additionally, mixtures of enzymes could be imaged in cold conditions and 

enzyme-enzyme interactions could be visualized. This measurement would be especially 

useful when imaging inactive enzymes.  

In this work the well-characterized T. reesei enzymes were employed. Inactive 

and active variants of both CBHI and EGI were studied individually and in combination. 

An interesting further direction is to study the combination of inactive and active 

enzymes, specifically, inactive EGI and active CBHI. From these results it could be 

determined the effect of the non-hydrolytic EGI action on the total degradation from 

CBHI activity. The EGI non-hydrolytic action is quite significant and should result in 

improved CBHI action.  

Additionally, CenA in combination with CBHI should be studied. Specifically, 

CenA exhibited extensive swelling behaviour on crystalline cellulose. CBHI had less 

significant action on crystalline cellulose than the defect cellulose. The pretreatment of 

cellulose fibers with CenA should provide additional sites for CBHI action and improved 

degradation results. 

 The results from this project have established an excellent foundation for the 

preparation of thin cellulose films that can be studied with cellulolytic enzymes. The 

analysis techniques developed can quantify fiber changes as a result of degradation and 

swelling events. Due to the success of this project experiments with any cellulolytic 

enzymes are possible.  
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