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ABSTRACT 
 

FECAL MICROBIOTA OF HEALTHY HORSES AND HORSES WITH DIARRHEA AND 
ITS ASSOCIATION WITH LAMINITIS AND SURVIVAL 

 
Cosette Ayoub       Advisor:  

University of Guelph, 2022     Dr. Diego Gomez 
 

The taxa associated with health and gastrointestinal diseases in horses are not fully 

understood. The first study reported here investigated the fecal microbiota of healthy horses 

housed in different environments under distinctive management practices. The bacterial 

communities of horses from the same geographic area but kept under different management 

practices differed significantly suggesting a strong effect of environmental condition and 

management practices on the gastrointestinal microbiota development in horses. 

The second study investigated the fecal microbiota of horses with colitis and its 

association with laminitis, and survival. The diversity and structure of the microbiota of colitis 

horses differed significantly compared to healthy horses. However, only minor, but specific 

changes in taxa, were identified in horses that developed laminitis or succumbed to colitis. This 

study demonstrated that dysbiosis occurs in equine colitis and that changes in microbiota can be 

associated with laminitis or severity of diseases in horses with colitis. 
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1 Chapter 1: Literature Review  
 
1.1 Importance of the gastrointestinal microbiota  
 

The equine intestinal tract is comprised of a diverse group of independent microbial 

environments with unique characteristics including pH levels, temperature, oxygen tension and 

enzymatic digestion. These factors facilitate the succession of specific bacteria in each 

environment with determined metabolic functions that affect the homeostasis of the intestinal tract 

and the body [1], [2]. The gut microbiota plays a specific role on the structure and function of the 

GIT and changes in the luminal and mucosal microbial composition is associated with 

gastrointestinal diseases [3]. In newborns, the GIT is immature in its structure and function, and 

bacterial colonization, along with other factors, facilitates the development of the enteric system 

[4]. Germ-free mice have a reduced GIT surface, the differentiation of the brush border is poor, 

and the villus thickness is smaller than that of conventional animals, suggesting that bacteria and 

their by-products play an important role on the development of the GIT [5]. After birth, the 

intercellular permeability of the GIT of foals is increased allowing absorption of nutrients, 

antimicrobial peptides, immunoglobulins, and maternal immune cells [6]. However, this increased 

absorptive capacity decreases significantly within the 24 hours after birth and continues 

diminishing during the first weeks of life. The mechanisms involved in the development of the 

mucosal barrier in foals have not been thoroughly investigated, but in calves the reduction in 

absorption of macromolecules overlap with an increase expression of genes encoding tight 

junction proteins (TJP) [7]. In vivo and in vitro studies demonstrated that the interaction between 

mucosal surface and microbiota (e.g., Lactobacillus and Bifidobacterium) stimulates the 

development of TJP [8]–[10]. Lactobacillus is a taxon identified in high abundance in the 

gastrointestinal tract of foals during the first 24 h after birth. Currently, the relationship between 
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Lactobacillus and the development of TJP in foals is unknown and studies are required to identify 

which bacterial groups are responsible for the development of the mucosal barrier integrity in foals. 

Nonetheless, together these findings demonstrated the important role of the microbiota in the 

development of the GIT structure in newborns.  

 

The microbiota of the GIT also contributes to the regulation of the enteric nervous system 

function through mechanisms which are currently unknown. Depletion of the GIT microbiota 

results in a reduced excitability of GIT neurons and therefore decreased peristalsis [11]. Alteration 

in intestinal motility is related to the development of colic in horses [12]. An association between 

an alteration in the bacterial richness (number of taxa present) and diversity (number and evenness 

of taxa present) and enrichment of specific taxa have been reported in horses with colic [13], [14]. 

Reduction in Lachnospiraceae and Ruminococcaceae and an increase of Proteobacteria, is 

associated with episodes of colic in post-partum mares [15]. However, it is unknown whether an 

association between alterations in those taxa and changes in motility lead to colic. In addition, the 

interpretation of results of the aforementioned study are limited by the small number of mares that 

developed colic (n = 5). Nonetheless, more studies are required to determine the role of the 

microbiota in the motility of the GIT and predisposition to colic.  

 

The host-microbiota interaction occurs principally at mucosal surfaces, which creates an 

ecological niche facilitating bacterial colonization and establishment, while developing 

mechanisms to recognize and respond to pathogenic microorganisms [16], [17].  The gut 

microbiota is thought to be one of the first lines of protection against incoming pathogens, hosting 

an arsenal of defense mechanisms to counter potential pathogenic invasions [16], [17]. GIT 
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microbiota is also an important regulator of the innate immune system. For instance, the presence 

of commensal and pathogenic bacteria stimulates the production and release of broad-spectrum 

antimicrobial peptides (AMP) by the enterocytes [18], [19]. Microbial signaling through the 

mucosal immune system is also required for maintenance of intestinal epithelial homeostasis and 

repair following intestinal injury, such as colonic inflammation leading to diarrhea [20]. 

   

The equine hind gut is an anaerobic chamber containing fibrolytic bacteria which undergo 

the fermentation of carbohydrates [21]. This process yields short chain fatty acids (SCFA), which 

meet most of the horse’s energy demands [21]. The SCFA are important metabolites participating 

in the regulation of the immune response, protection against pathogens, nutrition of the enterocyte, 

and supply of energy for the host [22].  

 

1.2 Development of the gut microbiota in horses  

The GIT microbiota of newborn foals is different to that of adult horses, demonstrating 

that a horse’s bacterial communities change as they age [23], [24]. The colonization of the GIT 

starts immediately after foaling where, during birth, the foal is exposed to the vaginal and fecal 

bacterial communities of the dam. Rectal swab samples from foals taken 20 minutes after foaling 

are similar to that of dam’s feces and vagina [24], however the insufficient resolution provided 

by 16S gene sequencing limit conclusions regarding the direct microbial transfer from dam to 

foal. The fecal microbiota of foals immediately after foaling consisted of Proteobacteria, 

Firmicutes, Actinobacteria and Bacteroidetes [24]. The bacterial diversity determined using the 

Shannon diversity index directly after foaling is higher than samples taken 24 h after birth [24]. 

Husso et al. (2020) reported that the fecal microbiota of foals at 24 h is highly abundant in 
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Escherichia/Shigella and Bacteroides [24], while Costa et al. (2012) reported a high abundance 

of Rumminococcaceae, Lachnospiraceae and Lactobacillus and low abundance of Escherichia. 

De La Torre et. al. (2019), however, reported a high abundance of Acinetobacter and Moraxella 

[25]. Differences between studies are not clear but they can be related to the interindividual 

variability of the microbiota of the dams and the environmental conditions the foal were kept in 

during the first 24 h. Differences in the experimental design including the timing of sampling or 

the methodology used for characterization of the microbial communities can also explain the 

dissimilarities in the results among the three studies. During the first week of the foal’s life, the 

fecal microbiota continues changing. At day 7, the fecal microbiota is different to that observed 

at 24 h and it is highly abundant on Bacteroides. However, by 28 days, the fecal microbiota 

resembles that of adult horses [25].  

 

The microbiota populations of the cecum and large colon in the equine gastrointestinal 

tract is an important consideration for understanding how microbiota alteration is related to 

disease. The main phyla populating the equine distal gastrointestinal tract are Firmicutes, 

Bacteroidetes, Vericomicrobia, Spirochaetes and Fribrobacters  [1], [3], [26]–[28]. While the 

presence of these phyla has been established, their abundances can vary significantly in different 

groups of horses [29]. Most literature has found Firmicutes to be more abundant than 

Bacteroidetes, however the differences may be due to a variety of management practices, 

environmental influences, and experimental design [26], [29], [30]. Horses are hind gut 

fermenters, thus an abundance of cellulolytic bacteria to break down fiber is expected [29], with 

a high abundance of Fibrobacter and Treponema (cellulolytic bacteria) in feces of healthy horses 

being frequently reported. Alteration in the relative abundance of Fibrobacter has been 
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associated with gastrointestinal and metabolic diseases [31]. The fibrolytic phylum Fibrobacteres 

appears to be an important taxon in the equine microbiota that deserves more attention in future 

studies. 

 

1.3 Factors affecting the equine gastrointestinal microbiota 
 

Demographic features (i.e., age, breed) [32], environmental conditions [33], and 

management practices [27], [34], especially diet, play an essential role in the development and 

establishment of the gastrointestinal microbiota of horses [27], [29], [35]. Studies have also 

found significant differences in the microbiota of horses that were managed identically at their 

current farm [36] highlighting the role of interindividual variability of the fecal microbiota [27], 

[37], [38]. In addition, seasonal variation of the fecal microbiota was reported in a group of 

horses kept in pasture for 12 months with minimal changes in the management [27]. In the same 

study, environmental conditions, such as temperature and rainfall, also influenced the 

gastrointestinal microbiota.  

 

Differences in both the amount and type of nutrients a horse receives can influence their 

microbial diversity [28], [29]. Multiple studies have analyzed the differences in forage-based and 

concentrate-based diets. A forage-based diet, consisting of grass and/or hay, has been shown to 

decrease microbial diversity [29]. Horses receiving a hay-only diet have been shown to have an 

increased abundance of Lachnospiraceae, which plays a role in the maintenance of a healthy 

gastrointestinal system in horses [39], cattle [40] and humans [28].  
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Feeding of concentrates such as grain to supplement a forage diet is a common practice in 

horses. This type of diet seems to cause a decrease in the fibrolytic bacteria Ruminococcaceae 

and Fibrobacter [29]. Many studies have also found that a diet high in starch can cause a 

decrease in microbial diversity of Ruminococcaceae, which has negative implications on health, 

as lower amounts of this family are associated with diseases such as colitis and colic [15], [41], 

[42]. Additionally, starch can cause an increase in the abundance of Lactobacillus and 

Streptococcus [29], [43], [44]. Excessive amounts of starch is associated with an increase of 

lactic acid producing bacteria (LAB) in the cecum and colon and the onset of laminitis 

[45]. These results demonstrate the importance of diet in maintaining the gastrointestinal 

microbiota and how alteration in diet can result in changes in the microbial communities that in 

some cases, can lead to local (e.g., intestinal inflammation) or systemic (e.g., laminitis) diseases. 

 

Supplements, such as prebiotics and probiotics, are often added to a horse’s diet, for a 

variety of reasons including prevention of gastrointestinal disease, such as gastric ulcer and hind 

gut ulceration. It is unclear if there is a true benefit with the use of pre- or probiotics as research 

in horses have shown a limited effect of these products on the overall health and modulation of 

gastrointestinal microbiota [46]. Administration of probiotics to horses with gastrointestinal 

disease have showed equivocal results with only one study showed that supplementation of 

Saccharomyces boulardi to diarrheic horses reduced the time of diarrhea [47]; however a second 

study [48] failed to identify any positive effect of this probiotic on the health of diarrheic horses.  

Probiotics have also been used to modify the microbial population in feces of horses [49], [50]. 

Studies investigated the effect of probiotics on Salmonella shedding have failed to demonstrate a 



 

 
 

7 

reduction in shedding [49], [50]. Similar to probiotics, equivocal results regarding the efficacy of 

prebiotics for prevention of gastrointestinal diseases have been reported [29].  

 

Exercise affects the digestibility and motility of horses [51], however, the relationship 

between hindgut microbiota and exercise has not been widely studied. A single study 

demonstrated that an intense training program for 42 days results in changes in the relative 

abundance of some taxa, but it does not influence alpha- or beta-diversity indices [52]. 

Medications such as antimicrobials [1], [17], [34], [53], [54], anti-inflammatory drugs [55], 

anthelmintics [56], [57], anesthetics [58] and gastroprotectants [59], [60] have been documented 

to modify the gastrointestinal microbiota (reviewed in 29).  

 

One of the main limitations of the microbiota studies is the inclusion of an appropriate 

control group when comparing healthy horses and horses with a disease under investigation. As 

mentioned before, environmental conditions, individual features and management practices can 

alter the gastrointestinal microbiota of horses. Thus, the gastrointestinal microbiota is not similar 

in all healthy horses and therefore selection of a control group can be challenging. The majority 

of microbiota studies in horses have used teaching animals from a closed university herd or 

horses from the same geographic location as a control healthy group and compared their 

gastrointestinal microbial communities with those from the disease group [3], [14], [26], [42], 

[61]–[64]. Although differences in the fecal microbiota of horses from the same farm with 

similar management practices have been reported [36], horses cohabitating and housed in the 

same environment had more similar bacterial microbiota compared to those horses from multiple 

farms with different management practices [33], [65]. However, investigations comparing the 
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fecal microbiota of healthy horses from teaching herds managed with identical practices and 

housed in the same environment, with that of client-owned horses housed in different facilities 

with dissimilar management practices are not available.  

 

1.4 Colitis and the gastrointestinal microbiota 

The disruptions of the healthy microbiota populations, otherwise known as “dysbiosis” is 

associated with disease [29]. Dysbiosis is associated with disorders such as colic [14], colitis, 

laminitis [44], foal diarrhea [46], equine grass sickness [29] and equine metabolic syndrome 

[29]. Acute colitis is defined as an acute inflammatory process of the cecum and colon, resulting 

in the passage of diarrhea [66], [67]. Colitis is a common life-threatening condition in horses 

characterized by inflammation of the gastrointestinal tract that affects the mucosal barrier, 

motility, and absorption of fluids [67]. Clinical signs of horses with acute diarrhea 

include inappetence, neutropenia, fever, increased thickness of the colon wall and increased fluid 

losses through diarrhea [66]. Colitis can be associated with both infectious and non-

infectious causes. The common infectious agents include Salmonella spp, Clostridioides difficile, 

Clostridium perfringens, equine coronavirus, cyathostominosis and Neorickstsia risticcii (the 

agent causative of Potomac horse fever). The non-infectious causes comprise an overload of 

carbohydrates, sand enteropathy, toxins (e.g., cantharidin), and drugs (e.g., antimicrobials and 

anti-inflammatory drugs) [67]. Common treatments for acute diarrhea include fluid therapy, 

systemic anti-inflammatory drugs, nutritional support, and digital cryotherapy for the prevention 

of laminitis. Additional therapies are comprised of antimicrobial drugs, colloids for oncotic 

support, anti-endotoxin drugs, and hyperimmune plasma. The reported mortality rate of diarrheic 

horses ranges from 10 to 83% and vary with causative agent and geographic area [68]–[71]. 
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However, horses with diarrhea caused from Clostridioides difficile tend to have higher mortality 

rates than horses that tested positive for other etiologic agents [69]. 

 

1.5 Microbiota of horses with diarrhea  

The gut microbiota of healthy horses has been investigated in depth, however, microbial 

changes in diarrheic horses have only been evaluated in three studies that included 6 to 10 horses 

with diarrhea [1], [42], [72]. A lower bacterial diversity of the gut microbiota is identified in 

diarrheic adults and young horses in terms of species richness and population evenness [39], 

[42], [46], [72]. The gastrointestinal microbiota of healthy horses comprises a high abundance of 

bacteria from the phyla Firmicutes and Bacteriodetes followed by low abundance of 

Proteobacteria, Verrucomicrobia, Fibrobacteres, Actinobacteria and Spirochaetes [39]. In one 

study, the relative abundance of Firmicutes substantially declined in cases of colitis, while 

Bacteriodetes increased [39]. Under the phylum Firmicutes, the Clostridia class declines as well 

as the families Ruminococcaceae and Lachospiraceae [39], [42]. Interestingly, a higher 

abundance of Actinobacteria and Spirochaetes were reported in healthy horses, while the 

genus Fusobacterium was more abundant in horses with diarrhea, and was not found in the feces 

of healthy horses [39]. An increase of Fusobacteria is found in the cecum, colon, [3] and feces of 

horses with diarrhea [16], [42]. Currently, there is no evidence that Fusobacterium is involved in 

the pathogenesis of equine diarrhea, however, these results suggest an important role of this 

bacterium in the development or exacerbation of gastrointestinal inflammation in horses. Future 

experimental and observational studies in horses with diarrhea could aid in identifying the role of 

Fusobacterium in the physiopathology of equine diarrhea.   
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Enrichment of Escherichia (Proteobacteria phylum), Lactobacillus, and Streptococcus 

have also been reported in horses with diarrhea [39]. Currently, it is unknown if the increase in 

Proteobacteria taxa is the cause or consequence of gastrointestinal inflammation. However, 

increased abundance of Proteobacteria is frequently related to gastrointestinal dysbiosis and 

intestinal inflammation in different species [40], [73]–[75]. In addition, it has been found to 

promote an inflammatory response in the gastrointestinal tract and facilitate pathogen 

colonization [73], [76]. In diarrheic horses, an increase in the relative abundance of Lactobacillus 

and Streptococcus has been documented [3]. However, microbiota studies in horses with diarrhea 

are mostly descriptive and therefore it could be difficult to determine the causative role of 

Lactobacillus and Streptococcus on equine colitis. Conversely, horses administered high doses of 

starch had an increase count of Lactobacillus and Streptococcus in the lumen of the cecum which 

is related to changes in luminal pH, intestinal inflammation and absorption of toxins and 

bacterial by-products [77]. This suggests that rather than causative agents of acute diarrhea in 

horses, proliferation of Lactobacillus and Streptococcus likely results from favorable conditions 

in the lumen of the gastrointestinal tract including depletion of other commensal microbes, 

acidification of the lumen of the cecum and colon, and intestinal inflammation.   

 

In summary, current evidence suggests that the decrease of species richness and diversity, 

in addition to enrichment of certain taxa, is associated with acute diarrhea in horses. However, it 

is still unknown whether those changes are responsible for or the consequence of the colonic 

inflammation that occur during diarrhea. Most of these studies on the association of 

gastrointestinal microbiota and diarrhea in horses have been limited by low sample size (i.e., 6 to 

10 horses) and therefore the impact on clinical outcomes (i.e., survival and development of 
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laminitis) and the key bacterial groups associated with health and disease remains generally 

unknown.  

 

1.6 Equine laminitis  

Laminitis is a musculoskeletal disease where the laminal tissue of the hoof is disrupted, 

leading to significant changes in the structure of the hoof and necrosis of the surrounding tissue 

[45]. This often results in rotation and ventral displacement of the third phalanx and 

consequently the horse develops severe lameness that rarely responds to analgesia [78]. 

Laminitis is not a fatal disorder, but the associated pain and debility usually leads to the decision 

of euthanasia soon after the disease develops [79]. Laminitis negatively impacts the equine 

industry as demonstrated by a recent study finding that 33% of all cases were humanely 

euthanize within 12 months of diagnosis [80]. There are many different causes of laminitis 

although the exact pathogenesis of this disease is still being investigated. Laminitis has been 

associated with systemic inflammation, colitis, pneumonia, metritis, endotoxemia and grain 

overload [81]. However, endocrinopathic laminitis associated with hyperinsulinemia and support 

limb (contralateral limb) laminitis have been documented [82].  

 

Laminitis is a common sequela of horses with colitis with a reported prevalence ranging 

from 2 to 36% [71], [83]–[85]. In addition, horses suffering from colitis due to N. risticii 

infection are more likely to develop laminitis compared with horses that are positive for 

Salmonella spp., Coronavirus or those suffering from diarrhea of unknown etiology [83], [84]. 

Laminitis in diarrheic horses is associated with an increased risk of non-survival to hospital 

discharge compared to horses without laminitis [84].  
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Laminitis has been experimentally induced through an overload of carbohydrates [43], 

[45]. The increase in hind gut fermentation due to excess of carbohydrates presented in the 

cecum and colon leads to a proliferation of LAB [77], [86]–[88]. As their name implies, these 

bacteria produce lactic acid as a product of fermentation, which affects the pH, causing an 

acidotic environment [77], [86], [87]. Changes in the luminal pH of the GIT can damage the 

mucosal integrity and increase translocation of toxins, bacteria, and bacterial by-products into the 

bloodstream through the permeable inflamed intestinal mucosa [43], [86], [89]. These result in 

signs of systemic inflammatory response including fever, tachycardia, tachypnea, diarrhea, colic, 

and dehydration [86]  and the developing signs of laminitis.  

 

1.7 Laminitis and microbiota  

After administration of a large amount of carbohydrates (e.g., starch or oligofructose) 

several microbial changes occur that lead to local and systemic inflammatory processes, leading 

to the development of laminitis in horses [1], [45]. Eight hours after administration of 

carbohydrates, Lactobacillus counts increase significantly while Streptococcus numbers slightly 

decreases. The increase in Lactobacillus coincides with a significant reduction in cecal fluid pH 

and an increase in luminal lactate concentrations [77], [86]. The counts of Clostridium spp 

and Bacillus spp also varied, but these changes were not statistically significant [86]. During the 

development of laminitis, Enterobacteriaceae populations decrease significantly. The decrease 

in Enterobacteriaceae is attributed to the reduction in cecal fluid pH, leading to the lysis of 

Enterobacteriaceae and consequent endotoxin release into the cecum [45], [86]. This, along with 

an acidic colonic environment, causes mucosal damage and facilitates the translocation of 
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bacteria, endotoxins and bacterial by-products (e.g. tryptamine, phenylethylamine and 5-

hydroxytryptamine) [43], [45], [89]. These alterations were hypothesised to induce lamellar 

separation and thereafter laminitis. Next generation sequencing analysis has also been used to 

identify bacterial changes in the gastrointestinal tract of horses with carbohydrate- and 

oligofructose-induced laminitis. Similar to the culture-based and molecular targeted methods, 

Lactobacillus spp. and Streptococcus spp. increased significantly following oligofructose and 

carbohydrate infusion [44], [88]. 

 

In conclusion, several experimental studies have established a correlation between certain 

groups of bacteria (i.e., Lactobacillus and Streptococcus) and the development of laminitis 

induced by administration of high levels of dietary carbohydrates (i.e., starch or oligofructose). 

However, studies investigating whether similar microbial changes occur in horses with colitis 

that develop laminitis are lacking. 

 

1.8 Microbiota and Survival of Critically Ill Humans  

Several clinical studies in human medicine have demonstrated changes in the gut 

microbiota of critically ill patients (i.e. following trauma, burn, or spinal cord injury) and their 

association with systemic complications (e.g., bacteremia) and mortality [90]–[96]. Humans with 

severe systemic inflammatory response syndrome (SIRS) had fewer total obligate anaerobes and 

fewer beneficial bacteria, such as Bifidobacterium spp. and Lactobacillus spp., than healthy 

volunteers [90], [97]. Similar results were documented in patients with bacteremia [97]–[99]. 

The number of total facultative anaerobes is a dominant variable for bacteremia. In these 

patients, gram-negative facultative anaerobes are commonly detected in mesenteric lymph nodes 
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and serosal scrapings at laparotomy, and obligate anaerobes are infrequently cultured from those 

samples [97], [99]. These findings indicate that the equilibrium between obligate anaerobes and 

facultative anaerobes plays a critical role in causing systemic complications in critically ill 

patients and that alteration of the gut microbiota is a potential prognostic factor in critically ill 

patients.  

The fecal microbiota of surviving compared to non-surviving critically ill humans had a 

lower relative abundance of the phylum Firmicutes, while non-survivors had a higher relative 

abundance of Proteobacteria [97], [99]. The difference in Firmicutes was attributed to an increase 

in members of the order Clostridiales and the family Ruminococcaceae [98]. Increase in the genus 

Prevotella and Corynebacterium was identified in survivors compared to non-survivors. 

Eubacterium, Ruminococcus, Akkermansia, and Oxalobacter were all increased in the admission 

fecal samples of non-surviving critically ill human [98]. Overall, in humans with SIRS, the number 

of obligate anaerobes is a predictive factor for mortality [97]–[99]. These findings suggest that 

some bacterial taxa can predict the outcome of hospitalized critically ill humans. Studies 

investigating the predictive value of the gastrointestinal microbiota in critically horses are lacking. 

Determining the predictive value of the gut microbiota in the outcome (e.g., survival) of horses 

with diarrhea can lead to the development of a rapid diagnostic test (PCR assays) that clinicians 

could use, in combination with other clinicopathological findings, to provide a more accurate 

prognosis for hospitalized critically ill diarrheic horses.   

 

In conclusion, colitis is a major cause of morbidity and mortality in horses worldwide. 

Several etiologic agents have been associated with acute diarrhea in horses, however the final 

etiological diagnosis is commonly not identified. The microbiota of horses has a significant role 
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in the pathogenesis of gastrointestinal diseases and in maintaining health. Colitis can lead to a 

compromised intestinal epithelial barrier, decreased gut perfusion, and inflammation. While 

studies indicate that the fecal microbiome is altered in horses with diarrhea, the impact of gut 

microbiota changes on clinical outcomes and the key bacterial group associated with health and 

disease remains generally unknown. Using the microbiota as a predictive marker of disease 

development may be possible with future research.  
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1.9 Objectives and Hypothesis 
 
1.9.1 Objectives   
 

1. To explore the fecal microbiota of healthy horses from similar and different 

management practices and geographical locations. 

2. To describe and analyze the bacterial differences in the fecal microbiota of horses that 

developed colitis. 

3. To investigate the fecal microbiota of horses that naturally developed laminitis, after 

the onset of colitis. 

4. To compare surviving and non-surviving horses with colitis to determine differences 

in the fecal microbiota.  

1.9.2 Hypothesis  
 

1. Healthy horses from different management and environmental practices will have 

dissimilar bacterial communities. 

2. The hospital admission fecal microbiota of horses with colitis is less diverse than 

healthy horses and differs significantly in community membership and structure.   

3. The admission fecal microbiota of horses that developed laminitis following colitis is 

less diverse than those without laminitis, with specific taxa being associated with the 

development of laminitis. 

4. The admission fecal microbiota of horses that survived colitis is significantly different 

than that of horses that did not survive, with specific taxa being enriched in non-surviving 

horses. 
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2.1 Abstract 
 

The objective of this study was to compare the fecal microbiota of 2 healthy teaching 

horse herds with that of client-owned horses from the same geographic areas. The fecal 

microbiota of client-owned horses from Ontario Canada (n = 15) and Florida, USA (n = 11) was 

compared with that teaching horses from the University of Guelph, Ontario, Canada (n = 10) and 

the University of Florida, Florida, USA (n = 15). The fecal microbiota was characterized by 

sequencing of bacterial DNA using the V4 hypervariable region of the 16S rRNA gene. The 

diversity (inverse Simpson index) of the fecal microbiota was significantly higher in teaching 

than client owned horses from the same geographical area (P < 0.05). The community 

membership (Jaccard Index) and structure (Yue and Clayton index) of teaching horses was also 

significantly different from that of client owned horses from the same geographical area 

(AMOVA P < 0.001). The bacterial membership and structure of the fecal microbiota of Ontario 

and Florida teaching horses were significantly different, while the bacterial membership, but not 

the structure of Ontario and Florida client owned horses was significantly different (AMOVA P 

< 0.001). In all 4 groups of healthy horses, Lachnospiraceae, Ruminococcaceae, Bacteroidales, 

Clostridiales, and Treponema were detected in high relative abundance. The fecal microbiota of 

healthy horses from teaching herds kept in the same environment with identical management 

practices differs significantly from that of horses housed in different facilities with dissimilar 

management practices. Our results suggest an effect of the environment and management 

practices on the gastrointestinal microbiota.  Researchers should attempt to include healthy 

horses from the same farm with similar management as control groups when comparing with 

diseased horses.  
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2.2 Introduction  
 

In the last decade, multiple small-scale studies have investigated the microbiota of the 

different body niches of horses including the respiratory system [1–4], gastrointestinal tract [5–

16], reproductive tract [17], skin [18,19], and ocular mucosa [20]. A limitation of these 

microbiota studies is that environmental conditions, individual features (e.g., age, breed) and 

management practices, especially diet, play an essential role in the development and 

establishment of the gastrointestinal microbiota of horses [6,18,21–24]. Therefore, the 

gastrointestinal microbiota is not homogeneous in all healthy horses [21,25]. This limitation of 

gastrointestinal microbiota studies is of special importance when investigating whether alteration 

of the gastrointestinal microbiota from “normal” (also known as dysbiosis), is associated with 

certain diseases. The majority of those studies have used teaching horses from a closed 

university herd or horses from the same geographic location as a healthy control group and 

compared their gastrointestinal microbial communities with those from the diseased group 

[11,14,15,26–30]. Although, differences in the fecal microbiota of horses from the same farm 

with similar management practices have been reported [12], horses cohabitating and housed in 

the same environment had more similar bacterial microbiota compared to those horses from 

multiple farms with different management practices [10,18]. This could potentially impact the 

analysis of alpha- and beta-diversity comparison because the variability of samples from within 

groups would be smaller for teaching horses and the variability between group samples would be 

greater compared to that of horses from multiple farms. Therefore, the objective of this study 

was to compare the fecal microbiota of 2 healthy teaching horse herds that had identical 

management practices within groups, with that of client-owned horses from the same geographic 

areas as the teaching herds but were housed in different facilities with dissimilar management 
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practices. We hypothesize that the diversity of the fecal microbiota of healthy horses will be 

different to that of teaching horses and the community membership (Jaccard index) and structure 

(Yue and Clayton index) will differ between healthy teaching horses and healthy horses housed 

in different facilities but in the same geographic location.     

 

2.3 Materials and Methods 
 

This study used fecal samples obtained for previously published studies [31,32] which 

were performed in accordance with the guidelines of the Institutional Animal Care and Use 

Committee of the University of Florida (IACUC Studies #201810412 and #201910672) and the 

animal care committee of the University of Guelph (AUP #4540). 

 

2.3.1 Horses  
 
2.3.1.1 Inclusion criteria and fecal sample collection  
 

Fecal samples from healthy teaching horses of the University of Guelph, Guelph, 

Ontario, Canada and the University of Florida, Gainesville, Florida, USA were included in this 

study. Two additional groups of client-owned horses kept in facilities near each of the 

universities were included for comparison. Horses were included if they were older than 1 year 

of age, did not receive antimicrobial drugs in the 6 months before sample collection and were 

considered to be healthy based on the owner’s assessment of the horse and lack of treatment for 

any diseases within the six months before sampling. Horses were excluded if they had clinical 

signs of gastrointestinal disease during the 3 months prior to sample collection. Fecal samples 

from teaching horses were collected by the authors via rectal palpation, while samples from 

client owned were collected immediately after a bowel movement occurred. From client owned 
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horses, 3 to 5 g of feces were collected from the middle of the fecal pile. Immediately after 

collection, samples from teaching horses were labeled, and stored at -80 Celsius until processing. 

Once samples from client owned horses were collected, they were labelled, packaged on ice, and 

transported to the University of Florida and University of Guelph within 2 h after collection. At 

each university samples were storage at -80 Celsius until processing. 

 
2.3.1.2 University of Guelph teaching horses 
 

Ten healthy horses from the teaching herd at the University of Guelph were enrolled. All 

horses were Standardbred mares between the ages of 10 and 17 years old (median 14 years). 

Horses were housed in a free-range stable (paddock with free access to covered indoor area) and 

fed round bales of Timothy hay only, grain was not supplemented. Mineral salt blocks were 

available in the paddocks. 

 

2.3.1.3 University of Florida teaching horses 
 

Eleven healthy horses from the teaching herd of the UF College of Veterinary Medicine 

Equine Research Program Shared Herd were included. The study population involved 6 

Thoroughbred mares and 5 Thoroughbred geldings between the ages of 4 and 12 years old 

(median 6.5 years). Diet consisted of pasture, supplemented with coastal Bermuda hay and 500 g 

of grain per day. All horses were kept in paddocks at the same facility divided into small groups 

of 2 to 4 horses with free access to a covered indoor area.  

 

2.3.1.4 Client-owned horses from Ontario, Canada   
 

Fifteen healthy client-owned horses from Ontario’s facilities within 120 km radius of the 

University of Guelph were used in this study. There were 9 geldings and 6 mares between the 
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ages of 2 and 27 (median 10 years). The breeds of these horses included: Quarter Horse (n = 2), 

Standardbred (n = 2), Thoroughbred (n = 5), Warmblood (n = 2), Paint (n = 1), Oldenburg (n = 

1), Arabian (n = 1), Holsteiner x Thoroughbred (n = 1). Housing varied from horses being kept 

on pasture for 24 hours to horses kept in pasture during the day and indoor housing at night. Diet 

also varied between horses with some horses being fed grass in the pasture or pasture 

supplemented with hay, and 14 of the 15 horses received supplementation of grain. The level of 

exercise was not recorded.    

 

 

2.3.1.5 Client-owned horses Florida, USA   
 

Fifteen client-owned horses from Florida’s facilities within a radius of 250 km of the 

University of Florida were collected during the summer of 2019. The Florida client owned 

horses comprised of 6 mares and 9 geldings with ages ranging between 4 and 23 years (median 

14 years). The following breeds were represented: Appaloosa (n = 3), American Paint Horse (n = 

2), Warmblood (n = 2), Arabian (n = 1), Quarter Horse (n = 1), Thoroughbred (n = 1), 

Connemara Pony (n = 1), and mixed breeds (n = 4). All horses were kept at different farms, on a 

pasture supplemented with hay (coastal Bermuda), but grain supplementation was only provided 

to 6 of the 15 horses. The level of exercise was not recorded.    

 

2.3.2 Sample collection and processing  
 

Fecal samples were collected in the summer of 2019. The fecal samples from teaching 

horses were collected from the rectum or from a pile immediately after defecation. The fecal 

samples from client-owned horses were collected from a pile immediately after defecation. 
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Within 1 hour of collection, samples were aliquoted in multiple tubes, and were stored at -20°C. 

Once all samples for this study were thawed, a total of 200 mg of feces were used for bacterial 

DNA extraction with E.Z.N.A Stool DNA Kit (Omega Bio-TEK, GA, USA) as per 

manufacturer’s instructions. PCR targeting the V4 region of the 16S rRNA gene with primers 

515-F and 806-R was performed. The first PCR reaction mixture included 12.5 µl of Kapa ready 

mix (KapaBiosystems, MilliporeSigma, ON, Ca), 0.5 µl of 515 + Illumina F Adapter (10pM/µl), 

0.5 µl of 806 + Illumina R Adapter (10pM/µl) 9.50.5 µl of H20, 23 µl of Master mix to each tube 

and 2µl of DNA template (5ng/µl) to each tube [33,34]. The thermo-cycler conditions were as 

follows: 3 minutes at 94°C, 45 seconds at 94°C, 60 seconds at 52°C, 60 seconds at 72°C, repeat 

steps 2-4 about 25-30 times, and 10 minutes at 72°C. Purification of PCR product was carried 

out with Mag Bind RXNPure Plus Beads (Omega Bio-TEK, GA, USA) [34]. The second PCR 

reaction mixture included 25 µl of Kapa ready mix, 4.0 µl primer 1 (2.5 pM/µl) (N716-N729), 12 

µl of H20, 41.0 µl of Master mix to each tube, 5.0µl of purified PCR product to each tube, and 

4.0 µl Illumina primer 2 (S513-S522) (2.5 pM/µl) to each tube. The thermo-cycler conditions 

were as follows: 3 minutes at 94°C, 30 seconds at 94°C, 30 seconds at 55°C, 30 seconds at 72°C, 

repeat step 2 about 7 times, and 10 minutes at 72°C. Illumina MiSeq (Illumina RTA v1.17.28; 

MCS v2.2) was performed for 250 cycles to analyze sequences at Guelph’s Agriculture and Food 

Laboratory.  

 

2.3.3 Bioinformatic and statistical analysis  
 

The bioinformatic analysis was completed using the Mothur software (1.44.3) [35,36]. 

Initially, removal of sequences inconsistent with the target amplicon length (250 bp), having 

ambiguous base calls, or runs of homopolymers greater than 8 bp were performed. The 
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sequences were screened and aligned to the 16s rRNA SILVA database with the Ribosomal 

Database Project classifier and sequences misaligned with the V4 region were removed. 

Removal of chimeras and sequences belonging to nonbacterial domains was also complete. 

Then, sequences were assigned to operational taxonomic units (OTUs) using an open OTU-

picking approach, with a 97% of similarity. Random subsampling was completed to normalize 

the sequence count and sample coverage was assessed using the Good’s coverage index. 

 

Alpha diversity (diversity within the samples) was assessed with Chao-1 (richness), 

Shannon evenness (evenness), and inverse Simpson (diversity) indices, and compared between 

groups using the non-parametric Steel-Dwass test for multiple comparisons using JMP software 

(JMP 14.2.0). Beta-diversity (diversity between the samples) was assessed using the Jaccard 

index [37] (community membership) and the Yue & Clayton index [38] (community structure). 

The differences between the 4 groups of horses were assessed using an analysis of molecular 

variance (AMOVA) and visualized using a principal coordinate analysis plot (PCoA) (JMP 

16.2.0). The phyla, classes, orders, families, and genera of each sample were determined, and 

their relative abundances calculated and compared between groups using the nonparametric 

Wilcoxon test. P values were adjusted for multiple comparisons with the Benjamini and 

Hochberg’s false discovery rate analysis [39] (R! Core Team, 2013). The linear discriminant 

effect size (LefSe) analysis was completed using the Galaxy framework 

(http://huttenhower.sph.harvard.edu/galaxy/) to determine differentially abundant taxa between 

the different groups (pairwise comparison)  using a P < 0.05 and an LDA score > 2.  
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2.4 Results 
 
2.4.1 Sequence assessment  
 

A total of 7,110,796 sequences were available for analysis after filtering and cleaning 

procedures were completed with a mean of 139,427 ± 25,065 (median of 140,550; range: 71,230 

– 211,517) sequences per sample. Subsampling was performed at 71,000 sequences. The average 

Good’s coverage value for all samples was > 99.99% [40]. The total taxa obtained from all 

samples included 33 phyla, 78 classes, 156 orders, 313 families, and 801 genera.  

 

2.4.2 Ontario Teaching Herd and Client Owned Horses 
 
 The richness of the fecal microbiota between Ontario teaching and Ontario client owned 

horses were not significantly different (P = 0.70); however, the evenness and diversity indices 

were significantly different (P = 0.02 and P = 0.01, respectively) with the evenness and diversity 

of Ontario teaching horses being greater than that of Ontario client owned horses (Table 1). 

Significant differences in community membership (AMOVA P < 0.001) and structure (AMOVA 

P < 0.001) were identified between the groups. Clustering of samples belonging to the two 

different groups were visualized in the PCoA plot constructed from Jaccard and Yue and Clayton 

indices (Figure 1).  

Overall, Ontario teaching horses had similar patterns in the relative abundance of the 

main phyla and genera (Figures 2 and 3). The median Firmicutes to Bacteroidetes ratio was 

similar between Ontario teaching (median: 1.5; range: 1.25 to 2.17) and client owned horses 

(1.79; 0.48 to 7.36). Compared to client owned, Ontario teaching horses had a greater relative 

abundance of Bacteroidetes (P = 0.013) (Figures 2 and 3). The most abundant genera detected in 
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both groups are depicted in Figures 2 and 3. LEfSe analysis showed 18 genera enriched in the 

Ontario teaching and 9 in Ontario client horses (Figure 4). The genera with the largest LDA 

score in Ontario teaching horses included an unclassified genus from the phylum Bacateroidetes, 

one unclassified genus from the family Lachnospiraceae, Phascolarctobacterium and 

Fibrobacter and Treponema. In Ontario client owned horses, the taxa with the largest LDA score 

family Planococcaceae (Figure 4). 

 

2.4.3 Florida Teaching and Client Owned Horses 
 
 Alpha diversity analysis showed that the richness of Florida teaching and Florida client 

owned horses was significantly different with Florida teaching horses having a greater richness 

(P = 0.0001) (Table 1). The evenness of the fecal microbiota of Florida teaching and client 

owned horses was similar (P = 0.20) but the diversity was higher but not statistically different in 

Florida teaching than Florida client owned horses (P = 0.09) (Table 1). The community 

membership of Florida teaching and client owned was significantly different (AMOVA P < 

0.001). Significant differences in the community structure between both groups were also 

identified (AMOVA P < 0.001). The PCoA plot of the community membership and structure 

shows clustering differences (Figure 1).  

In general, Florida teaching and client owned horses had similar pattern in the relative 

abundance of the main phyla (Figures 2 and 3). The median Firmicutes to Bacteroidetes were 

Acitenobacter, Akkermancia and an unclassified genus belonging to the ratio was significantly 

different between Florida teaching (median: 0.48; range: 0.39 to 0.71) and Florida client owned 

(1.35; 0.6 to 2.4) horses (P < 0.001). In the Florida teaching and Florida client owned horses, 
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genera from the taxa Bacteroidetes, Lachnospiraceae, and Ruminococcaceae were the most 

abundant (Figures 2 and 3).  

The fecal microbiota of Florida teaching compared to client owned horses had a greater 

relative abundance in the phylum Bacteroidetes (P < 0.0001) whereas Florida client owned 

horses in comparison, had a greater relative abundance in the phylum Firmicutes (P < 0.05) 

(Figures 2 and 3). The genera with higher relative abundances in Florida teaching and Florida 

client owned horses is depicted in Figures 2 and 3. Enriched genera in the Florida teaching 

horses totalled 8 and Florida teaching horses had an enrichment of 22 genera (Figure 5). The 

genera with the largest LDA score in Florida teaching horses included an unclassified genus 

from the phylum Bacateroidetes, an unclassified genus belonging to the order Bacteroidales, and 

Treponema, while Florida client owned horses had one unclassified genus from the family 

Lachnospiraceae and one from the family Ruminococcaceae, and Carnobacterium (Figure 5). 

 

2.4.4 Ontario and Florida Teaching Horses 
 
 The richness (Chao-1), evenness (Shannon evenness), and diversity (Inverse Simpson) 

indices of the fecal microbiota between Ontario and Florida teaching horses were significantly 

different (P = 0.0007, P = 0.003 and P = 0.01, respectively) (Table 1). The richness was 

considerably greater in Florida teaching compared to Ontario teaching horses, while the evenness 

of Ontario teaching horses was greater than Florida teaching horses. (Table 1). These groups 

were significantly different for the community membership (AMOVA P < 0.001) and structure 

(AMOVA P < 0.001). The PCoA plots showed evident clustering of samples by groups (Figure 

1).  
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In Florida teaching horses there was a significantly greater abundance of the phylum 

Bacteroidetes (P < 0.05) than in Ontario teaching horses, while a significantly greater abundance 

of Firmicutes was present in the Ontario teaching horses (P < 0.05) (Figures 2 and 3). The 

relative abundance of the most abundant genera identified in both groups are displayed in the 

Figures 2 and 3. The median Firmicutes to Bacteroidetes ratio was significantly different 

between Ontario (median: 1.5; range: 1.25 to 2.17) and Florida (0.48; 0.39 to 0.71) teaching 

horses (P = 0.001). The LefSe analysis demonstrated that in the Ontario teaching horses there 

were 24 enriched genera and in the Florida teaching group 16 (Figure 6). The genera with the 

largest LDA score in Ontario teaching horses included unclassified genera from the families 

Lachnospiraceae and Rumminococcaea, while in Florida teaching horses, an unclassified genus 

from the phylum Bacteroidetes, and an unclassified genus of the order Bacteroidales were 

enriched (Figure 6). 

 

2.4.5 Ontario and Florida Client Owned Horses 
 
 Comparison between Ontario and Florida client owned horses revealed that the richness, 

evenness, and diversity were similar between the two groups (P = 0.80, P = 0.99, and P = 0.98, 

respectively) (Table 1). The community membership was significantly different (P < 0.001) 

between the client owned horses from Ontario and Florida; however, the community structure 

was not statistically different (P = 0.07). The differences in community membership are observed 

by clustering of samples in the PCoA plot (Figure 1).  

The Ontario client owned horses had a higher relative abundance of the phylum 

Firmicutes, whereas the Florida client owned horses had a greater abundance of Bacteroidetes, 

but these differences were not statistically significant (P = 0.6 and P = 0.2, respectively) (Figures 
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2 and 3). Figures 2 and 3 shows the most abundant genera present in fecal samples of both 

groups of horses. The median Firmicutes to Bacteroidetes ratio was similar between Ontario 

(median: 1.79; range: 0.48 to 7.36) and Florida client owned (1.35; 0.6 to 2.4) horses (P = 0.63). 

The LEfSe analysis revealed that Ontario and Florida had an enrichment in 6 genera each (Figure 

7). The genera with the largest LDA score in Ontario client owned horses included the genera 

Treponema, Fibrobacter, Succinivibrio, and Ruminococcus, while in Florida client owned 

horses, Akkermansia, Saccharofermentans, Planctomycetacia and Psychrobacter were enriched 

(Figure 7). 
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2.5 Discussion 
 

The fecal microbiota of two teaching horse herds had a greater diversity (Inverse 

Simpson’s index) than client owned horses within the same geographic area but residing in 

different facilities. Similarly, the results of this study agreed with our hypothesis that the 

community membership and structure differed significantly between horses from a teaching herd 

and client owned horses from a similar geographic area. The differences in bacterial composition 

and in alpha- and beta-diversity indices can be explained, at least in part, due to the difference in 

housing and diet. Diet is a major factor shaping the gastrointestinal microbiota of horses with 

differences in alpha- and beta-diversity resulting from feeding hay, silage, or grass [8,41,42] or 

between horses fed different types of hay [43,44]. Different to Ontario teaching horses, grain 

supplementation was a common practice in the Ontario client-owned horses. In contrary, all 

Florida teaching horses were supplemented with grain while grain was not consistently 

supplemented to Florida client owned horses. Grain consumption reduces the diversity of the 

fecal microbiota [41,44–48]. This could explain the differences in diversity (Inverse Simpson 

index) between teaching and client-owned horses from Ontario and Florida. The reasons for the 

greater richness in Florida teaching horses compared to the other groups are unclear. Several 

dietary factors including the source and amount of dietary protein, fat and carbohydrates 

markedly affect the gastrointestinal microbiota and their functional potential in different species 

[49,50]. The nutritional components of the grain supplemented to Florida teaching horses can 

explain, at least in part, the greater bacterial richness observed in this group of horses. The 

differences in the gastrointestinal microbiota and therefore in alpha- and beta-diversity in 

different healthy groups needs to be considered when comparing healthy horses with horses 

suspected of suffering a disease associated with gastrointestinal dysbiosis. Researchers should 



 

 
 

39 

attempt, whenever possible, to include healthy horses from the same farm, managed similarly, 

and receiving the same diet as the control group to compare with disease horses.  

 

Differences in housing, environment, and management practices (e.g., exercise) can also 

explain the variance of the microbiota profiles between groups. A farm effect on gastrointestinal 

and skin microbiota has been reported [8]. The beta-diversity of the fecal microbiota of 

Warmblood horses of the same age housed in two different farms was reported to be dissimilar 

[10], as well as the skin microbiota of horses from different stables [18]. Exercise training 

programs alter the structure of the gastrointestinal microbiota without affecting the alpha-

diversity [51]. This data suggests that both management practices and environmental exposures 

to bacteria play a key role in shaping the microbiota of the different body systems of horses. 

These findings highlight the importance of selecting an adequate control group for comparison of 

healthy and diseased horses as the alpha and beta-diversity analysis can be impacted depending 

on the degree of relatedness of the studied horses.  

 

In agreement with previous studies, Firmicutes and Bacteroides were the most abundant 

phyla followed by Verrucomicrobia, Proteobacteria, Spirochaetes and Fibrobacteres, with some 

differences between groups [6,8–10,43,52,53]. The Firmicutes:Bacteroidetes ratio varied 

between groups of healthy horses from 0.48 to 1.79.  This ratio has been previously suggested as 

a mark of dysbiosis in horses and has been reported to be increased in horses with 

gastrointestinal diseases [28]. However, this ratio should be interpreted with caution when being 

used to determine associations between gastrointestinal microbiota and disease horses because 
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the wide range of values identified in healthy horses can lead to inaccurate interpretation 

depending on the control group used in each study.   

 

Consistently in all 4 groups of healthy horses, Lachnospiraceae, Ruminococcaceae, 

Bacteroidales, Clostridiales, and Treponema were highly abundant. Our results are similar to 

those reported previously in healthy horses from different geographic areas, kept with different 

management practices and diets [9,25,54,55]. These findings suggest that these taxa are 

particularly important in maintaining gastrointestinal tract health in horses and likely are a major 

component of the healthy core microbiota. Lachnospiraceae and Ruminococcaceae produce short 

chain fatty acids (SCFAs), especially butyrate via hydrolyzation of starch and other 

carbohydrates [56–58] while Treponema is a degrader of complex polysaccharides presented to 

the gastrointestinal tract [59]. Butyrate and other SCFAs are a major nutritional source for 

enterocytes and appears to play an important role in the modulation of transepithelial fluid 

transportation, reduction of mucosal inflammation, enhancement of enteric oxidative status, and 

the regulation of intestinal motility [60]. The role of Lachnospiraceae and Ruminococcaceae in 

health and disease has been highlighted by studies comparing horses with gastrointestinal or 

metabolic alterations with healthy horses. Lachnospiraceae has also being reported to be 

increased in horses that are overweight and at risk for metabolic diseases, likely due to its ability 

to degrade polysaccharides and produce SCFAs [61]. In horses with diarrhea, a reduction in the 

relative abundance of Lachnospiraceae, Ruminococcaceae and Treponema has been consistently 

reported [11,29,45,62]. Currently, it is unknown whether the reduction in Lachnospiraceae and 

Ruminococcaceae is a predisposition to disease, or if it occurs as a consequence of the 
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gastrointestinal disease because the studies comparing the fecal microbiota of healthy and 

diarrheic horses are limited to sampling at a single time point [11,29,45,62].  

  

Limitations of this study include the lack of management practice information and 

environmental condition for all group of horses, especially client-owned horses, which prevented 

us from investigating the qualitative and quantitative effects of each factor on the gastrointestinal 

microbiota of healthy horses. Another limitation was the use of only 1 teaching herd from the 2 

geographical areas. Comparison between multiple similar herds in one area could have removed 

environmental influences and given more insight to the microbial variations with identical 

environment and management practices. Additionally, each teaching horse group was 

Standardbreds and Thoroughbreds, respectively, and different breeds of horses were included in 

the client owned groups. Therefore, whether the differences in breed rather than environment and 

management practices played a role in the findings of our study remains unanswered.   

 

 In conclusion, environmental conditions and management practices could influence the 

gastrointestinal microbiota of adult horses. Therefore, differences are expected between horses 

from different geographic areas or environmental conditions with diet likely being the main 

driver of the identified differences. Thus, microbiota studies’ outcomes could be largely affected 

by the living conditions of the control group chosen for comparison. 
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Figure 1: Principal Coordinate Analysis (PCoA) of the Jaccard (left panel) and Yue and Clayton (right panel) 
indices of the fecal microbiota of healthy horses. 

Teaching herd of Florida (FT client owned (HFCO, blue, n = 15), Ontario client owned (HOCO, purple, n 
=15), Florida teaching horse (HFTH, orange, n = 11), and Ontario teaching horses (HOTH, red, n = 10). 
Significant differences in community membership (AMOVA P < 0.001) and structure (AMOVA P < 0.001) 
were identified between OT and OCO, FT and FCO, OT and FT. The bacterial membership (AMOVA P < 
0.001) but not the structure (AMOVA P < 0.073) were significantly different between FCO and OCO. 
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Figure 2: Bar graph demonstrating the median relative abundance of the main phyla (left) and genera (right) 
identified in fecal samples. 

Client owned horses from Florida (FCO, n = 15), horses from a teaching herd from Florida (FT, n = 11), 
client owned horses from Ontario (OCO, n =15) and a teaching horse herd from Ontario (OTH, n = 10). 
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Figure 3: Bar graph demonstrating the relative abundance of the main phyla (A) and genera (B) identified in 
individual fecal samples. 

Client owned from Florida (FCO, n = 15) and Ontario (OCO, n =15) and horses from a teaching herd from 
Florida (FT, n = 11), and Ontario (OTH, n = 10). 
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Figure 4: Plot from linear discriminant analysis effect size (LEfSe) indicating enriched bacterial genera in 
fecal samples of healthy Ontario client owned (OCO, red, n = 15) and teaching horses (OT green, n = 10). 
[Cut-off of the linear discriminant analysis (LDA) > 2]. 
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Figure 5: Plot from linear discriminant analysis effect size (LEfSe) indicating enriched bacterial genera in 
fecal samples of healthy Florida client owned (FCO, red, n = 15) and teaching horses (FT green, n = 11). 

[Cut-off of the linear discriminant analysis (LDA) > 2].  
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Figure 6: Plot from linear discriminant analysis effect size (LEfSe) indicating enriched bacterial genera in 
fecal samples of healthy Florida (FT, red, n = 11) and Ontario (OT green, n = 10) teaching horses. 

[Cut-off of the linear discriminant analysis (LDA) > 2]. 



 

 
 

53 

 
Figure 7: Plot from linear discriminant analysis effect size (LEfSe) indicating enriched bacterial genera in 
fecal samples of healthy Florida (FCO, red, n = 15) and Ontario client owned (OCO green, n = 15). 

[Cut-off of the linear discriminant analysis (LDA) > 2]. 
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Abbreviations:   

AMOVA Analysis of molecular variance  

LDA  Linear Discriminatory Analysis  

LEfSe  Linear discriminant analysis Effect Size  

NNET  Neural Networks Analysis  

PCoA  Principal Coordinates Analysis 

RF  Random Forrest  

ROC  Receiver Operator Curve 

SIRS  Systemic inflammatory response syndrome 

SVM  Support Vector Machine Classifier 
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3.1 Abstract 

Background: The association of microbiota with clinical outcomes and the taxa associated with 

colitis in horses remains unknown.  

Objectives: Describe the fecal microbiota of horses with colitis and investigate the association 

of the fecal microbiota with the development of laminitis and survival.   

Animals: 36 healthy and 55 colitis horses subdivided into laminitis (n=15) and non-laminitis 

(n=39, 1 horse with chronic laminitis was removed from this comparison) and survivors (n=27) 

and non-survivors (n=28). 

Methods: Unmatched Case-Control Study. The Illumina MiSeq platform targeting the V4 region 

of the 16S ribosomal RNA gene was used to assess the microbiota.  

Results: The community membership (Jaccard index) and structure (Yue and Clayton index) 

were different (AMOVA P < .001) between healthy and colitis horses. The LEfSe (LDA >3; P < 

.05) and random forest analyses found Enterobacteriaceae, Lactobacillus, Streptococcus, and 

Enterococcus enriched in colitis, while Treponema, Faecalibacterium, Ruminococcaceae and 

Lachnospiraceae were enriched in healthy horses. The community membership and structure of 

colitis horses with or without laminitis was similar (AMOVA P > .05). Enterobacteriaceae, 

Streptococcus and Lactobacillus were enriched in horses with laminitis (LDA >3; P < .05). The 

community membership (AMOVA P = .008) of surviving and non-surviving horses was 

different. Non-surviving horses had an enrichment of Enterobacteriaceae, Pseudomonas, 

Streptococcus and Enterococcus (LDA >3; P < .05).  

Conclusion and clinical importance: Differences in the microbiota of horses with colitis that 

survive or don't survive are minor and similarly, the microbiota differences in horses with colitis 

that do or don't develop laminitis are minor.   
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3.2 Introduction  

Colitis is a major cause of morbidity and mortality in horses worldwide. Colitis is the 

inflammation of a horse’s colon and cecum resulting in watery diarrhea[1]. Clinical pathological 

abnormalities can include tachycardia, fever, abnormal colour of the mucus membranes, 

leukopenia, hypoproteinemia, and electrolyte abnormalities [2], [3]. Known infectious agents in 

adult horses causative of colitis include Salmonella spp, Clostridioides difficile, Clostridium 

perfringens, Neorickettsia risticii, equine coronavirus and small strongyles [2]. Non-infectious 

causes comprise of antimicrobial drugs associated diarrhea, sand impaction, dietary imbalances, 

neoplasia, and toxicities (e.g., non-steroidal anti-inflammatory drugs)[1]. Regardless of the cause 

of diarrhea, an alteration of the gastrointestinal microbiota (also known as dysbiosis) has been 

reported in horses [4]–[6]. In healthy horses, the gastrointestinal microbiota comprises a high 

abundance of bacteria from the phylum Firmicutes and Bacteriodetes, with minor abundance of 

Fibrobacter and Proteobacteria [4]. During diarrhea, the abundance of Firmicutes, Clostridia, 

Ruminococcaceae and Lachnospiraceae decreases, while Enterobacteriaceae, Lactobacillus and 

Fusobacteria increases [4]–[6]. The three studies reporting the changes in the microbiota of 

diarrheic horses included a small sample size (6 to 10 horses with diarrhea) [4]–[6] and therefore 

the impact on clinical outcomes (i.e., survival and development of laminitis) and the key 

bacterial groups associated with health and disease remains generally unknown.  

The proportion of horses surviving colitis varies depending on the causative agent, geographic 

location, and the development of complications such as endotoxemia, sepsis or laminitis [7]–

[13]. Horses with colitis that develop laminitis have an increased risk of mortality compared to 

those without laminitis [14]. Laminitis has been associated with alteration of the gastrointestinal 

microbiota, and absorption of microbial byproducts through permeable inflamed intestinal 



 

 
 

58 

mucosa[15], [16]. Several experimental studies have established a correlation between certain 

groups of bacteria (i.e., Lactobacillus and Streptococcus) and the development of laminitis 

induced by administration of high levels of dietary carbohydrates (starch or oligofructose) [17]–

[20]. However, studies investigating whether similar microbial changes occur in horses with 

colitis that develop laminitis are lacking.  

 

In critically ill human patients following trauma, an association between burn or spinal 

cord injury and gastrointestinal microbiota, bacteremia and mortality has been demonstrated 

[21]–[27]. Humans with severe systemic inflammatory response syndrome (SIRS) or bacteremia 

have fewer total obligate anaerobes, Bifidobacterium and Lactobacillus, which are a predictive 

factor of mortality [21], [28]–[30]. A lower fecal relative abundance of Firmicutes is reported in 

surviving critically ill humans, while in non-survivors, a higher fecal relative abundance of 

Proteobacteria occurs [29], [30]. These findings indicate that the alteration of the gastrointestinal 

microbiota could be a potential prognostic factor in critically ill humans and animals. The main 

objective of this study was to describe the fecal microbiota of a large cohort of horses with 

colitis, and more specifically, evaluate the changes in bacterial communities of horses with 

colitis that develop laminitis. The second objective of this study was to investigate the fecal 

microbiota of surviving and non-surviving horses with colitis.  

 

3.3 Materials and Methods 
 
3.3.1 Ethic statement  

This study was approved by the University of Guelph Animal Care Committee (AUP#4540). 
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3.3.2 Horses with Colitis 

Fecal samples from horses > 1 year of age diagnosed with colitis at the Ontario Veterinary 

College Health Sciences Centre (OVC-HSC) admitted between January 2014 and December 

2019 were collected on admission and immediately stored at -80° Celsius until processing. All 

fecal samples were collected via transrectal palpation using lubrication and disposable rectal 

sleeves or immediately after defecation during the initial physical examination and prior to any 

treatment administration. The type of housing, diets, travel history and treatment with 

gastroprotectants before admission were not consistently recorded for this group of horses.  

Colitis was defined as a horse with acute onset diarrhea (< 24 hours before admission) and fever 

or leukopenia, or both. Horses were excluded if they were under one year of age, received 

antimicrobial drugs in the month prior to admission, received any oral medication or product 

(e.g., di-tri-octahedral smectite, fecal transplantation, probiotics) for treatment of the current 

episode of acute diarrhea. Horses that received non-steroidal anti-inflammatory therapy before 

admission for the current episode of colitis were included in the study.  

Horses with colitis (n = 55) were further divided into the following groups: non-survivors (n = 

28/55; 51%) and survivors (n = 27/55; 49%) to hospital discharge and between horses that 

developed laminitis (C-L, n = 15/54; 28%) during hospitalization and those that did not (C-NL, n 

= 39/54; 72%). Surviving horses were defined as horses that were discharge from the hospital.  

One horse with chronic laminitis before admission was removed from the laminitis analysis. 

Laminitis was defined as lameness, increased digital pulses, positive response to hoof testers and 

radiographic evidence of rotation or distal displacement of the third phalanx. 
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3.3.3 Healthy horses  

 Three groups of healthy horses were included in the control group (n = 36). Healthy 

horses were >1 year of age and considered healthy based on physical examination. Horses were 

excluded if they had a gastrointestinal disease within 3 months before sample collection or if 

they were administered antimicrobial drugs or gastroprotectants in the last 6 months. Fifteen 

client-owned horses from the state of Florida, USA, (H-l), 11 healthy horses belonging to the 

teaching herd of the University of Florida’s College of Veterinary Medicine Equine Research 

Program Shared Herd (TH-l), 10 healthy horses of the Ontario Veterinary College teaching herd 

(TH-II) were used as healthy controls. The H-l horses were fed hay (coastal Bermuda) and 

various types and amounts of grain, TH-l horses were kept on pasture supplemented with coastal 

Bermuda hay and grain (one pound per day), whereas TH-II horses were kept in a free-range 

stable and fed Timothy hay diet with no grain supplementation. The diet of all three groups of 

healthy horses was consistent during the 3 months before sampling. All fecal samples were 

collected from the rectum using lubrication and disposable rectal sleeves or from a fecal pile 

immediately after defecation. Samples were refrigerated and stored at -80° Celsius within 1 hour 

after collection until processing. All samples from healthy horses were collected during the 

summer of 2019. 

 

3.3.4 Sample size calculation  

 The sample size was calculated using a Dirichlet-multinomial model (DMM) with an expected 

number of 20,000 sequence reads (per animal) available for comparison, an alpha and power of 

5% and 80%, respectively. The calculation provided a minimum of 15 horses per group (e.g., 

healthy horses and horses with colitis) [31]. 
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3.3.5  Sample Processing  

Once thawed, the bacterial DNA was extracted from 200mg fecal samples using the 

E.Z.N.A Stool DNA Kit (Omega Bio-TEK, GA, USA, Catalogue # 101319-056) and performed 

according to the manufacturer’s protocol. Then, the V4 region of the 16s rRNA gene, was 

amplified using the modified primers 515-F and 806-R [32] as previously described [33]. The 

PCR products were purified with Mag Bind RXNPure Plus Beads (Omega Bio-TEK, GA, USA) 

as per manufacturer instructions. Sequence analysis was performed with Illumina MiSeq 

(Illumina RTA v1.17.28; MCS v2.2) for 250 cycles from each end at Guelph’s Agriculture and 

Food Laboratory. 

 

3.3.6 Bioinformatic and statistical analysis 

The software Mothur (1.45.2) was used to complete the bioinformatic analysis following 

the Standard Operating Procedure [34], [35]. Sequences that passed quality control were 

identified using Ribosomal Database Project classifier, clustered at the genus level (97% 

similarity), and binned into phylotypes. Sub-sampling was performed based on the sample with 

the minimum number of reads. Good's coverage for each sample were evaluated to ensure sub-

sampling representation [36]. The Chao-1 (richness), inverse Simpson’s (diversity) and 

Shannon’s evenness (evenness) indices were used to assess the alpha diversity of the fecal 

microbiota. Comparison between healthy and colitis groups were performed using the Wilcoxon 

test and the healthy, laminitis, non-laminitis, and healthy, survival and non-survival comparisons 

were performed with the non-parametric Steel Dwass test for multiple comparisons (JMP 16, 
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SAS Institute). Beta diversity was assessed using the Jaccard (community membership) and Yue 

and Clayton (community structure) indices [37], [38]. Analysis of molecular variance (AMOVA) 

was used to investigate differences between groups. Clustering between groups was represented 

using principal coordinates analysis (PCoA) on Jaccard and Yue and Clayton indices. 

Assessment of the number of different meta-communities into which the data could be clustered 

was completed using the Dirichlet multinomial mixtures (DMM) method [39]. Relative 

abundances of the main phyla, classes, orders, families, and genera were calculated and 

compared between groups using the Wilcoxon test or the non-parametric Steel Dwass test for 

multiple comparisons. The Benjamini and Hochberg’s false discovery rate analysis [40] was 

used to adjust P values for multiple comparisons (R! Core Team, 2013). Linear discriminant 

analysis Effect Size (LefSe) analysis was completed to determine the taxa enriched in the 

different groups based on a P < .05 and LDA score > 3.5 [41]. Machine learning algorithms (i.e., 

random forests (RF), neural networks (NNET), linear discriminant analysis (LDA) and support 

vector machine classifier (SVMC)) were used to determine the ability of the fecal microbiota to 

differentiate groups (e.g., healthy vs colitis) and predict outcomes (i.e., laminitis and survival), 

and to identify microbial taxa associated with each outcome [42].  Initially, all sequences were 

grouped at genus level and zero and near-zero variance predictors were removed from 

downstream analysis. Each machine learning algorithm was trained for each outcome. Classifiers 

were built using 100 repeats of 10-fold cross-validation. Random forests were built with 1001 

trees, and all other model variables were optimized for area under the curve with the ‘caret’ R 

package v. 6.0.86. Model performance was assessed and compared using the area under the 

Receiver Operator Characteristics (ROC) curves [42]. Variable importance was calculated for the 
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top performing model to identify taxa associated with disease status. Analysis for the machine 

learning was completed using R v. 3.5.3. 

 

3.4 Results 
 
3.4.1 Horses with colitis 

Horses with colitis were between 1 and 26 years of age (median: 8 years) with 28 (51%) 

being mares, 26 (47%) geldings, and 1 (2%) a stallion. The breeds of horses were as follows: 

Thoroughbred (n = 12), Warmblood (n = 10), Quarter Horse (n = 6) Standardbred (n = 6), Pony 

(n = 5), Mixed Breed (n = 2), Canadian Sport Horse (n = 2), Arabian (n = 2), Appaloosa (n = 2), 

Holsteiner (n = 1), Morgan (n = 1), Belgian (n = 1), Miniature Horse (n = 1), Paint (n = 1), 

Zangersheide (n = 1), Hanoverian (n = 1) and Friesian (n = 1). Data regarding admission 

physical examination, complete blood cell count, serum biochemical profile and venous blood 

gas analysis of horses with colitis are presented in Table 1. Thirty-nine of 55 (71%) horses with 

colitis were tested for Salmonella spp. using 1 fecal culture, 22 with 2 cultures, 9 with three 

cultures, 4 with 1 culture, and 5 with 1 culture. Fifteen (27%) horses with colitis were tested for 

Neorickettsia risticii using a PCR test performed in blood or feces or both. Eleven (7%) colitis 

horses were tested for Clostridioides difficile toxins A and/B via ELISA assay and 5 (9%) horses 

were tested for equine coronavirus by PCR test of feces. Four horses tested positive for 

Neorickettsia risticii, 4 for Clostridioides difficile toxins A and/B, 3 for Salmonella spp. on a 

culture of intestinal contents and 1 for equine coronavirus. All 3 horses positive for Salmonella 

spp., 3/4 for N. risticci and 3/4 for C. difficile died or were euthanized during hospitalization. 

Two of 3 horses diagnosed with Salmonella spp. and 2/4 horses positive for N. risticci developed 

laminitis. Out of the 55 horses, 15 developed laminitis 39 did not, and 1 horse was removed from 
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the analysis because had chronic laminitis. Twenty-seven horses survived to hospitalization and 

28 did not survive. Of the 28 non-survivors, 9 (32%) horses had laminitis related to colitis, while 

6 (22%) of 27 survivors had laminitis (P = .457).  

 

3.4.2 Healthy Horses 

Healthy horses comprised of 22 mares and 14 geldings, and the range of age was 4 to 23 

years old. The following breeds were represented: Arabian (n = 1), Connemara Pony (n = 1), 

Quarter Horse (n = 1), American Paint Horse (n = 2), Warmblood (n = 2), Appaloosa (n = 3), 

mixed breed (n = 4), Thoroughbred (n = 12), and Standardbred (n = 10). 

 

3.4.3 Sequence analysis  

Overall, 20,504,022 raw sequences were obtained, after filtering and cleaning 12,896,405 

were available for analysis (mean: 141,718 ± 27518; median: 139,464 and range: 71,138 to 

222,987). Subsampling was performed at 70,000 sequences per sample. Subsampling was 

considered adequate based on a good coverage index value of 99.9%. In total, 28 phyla, 55 

classes, 96 orders, 215 families and 554 genera, respectively, were identified.  

 

3.4.4 Fecal microbiota of healthy horses and horses with colitis  

All three alpha-diversity indices were similar between healthy horses and those with 

colitis (Supplementary Table 1). Figure 1A depicts the relative abundance for the most abundant 

taxa identified in feces of healthy horses and horses with colitis. Significant differences in the 

community membership (Jaccard Index) (AMOVA P < .001), and structure (Yue and Clayton 
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Index) (AMOVA P < .001) were detected between the healthy horses and horses with colitis. 

These differences were evident by the clustering of samples in the PCoA plots (Figures 1B and 

1D). Lefse analysis revealed that samples from the healthy group were enriched with genera 

from the phyla Bacteroidetes, Firmicutes, Verrucomicrobia, Spirochaetes, and Fibrobacteres, 

while genera from the phyla Firmicutes, Proteobacteria, Actinobacteria, and Verrucomicrobia 

were enriched in horses with colitis (Figure 1C). In healthy horses, Treponema, Ruminococcus, 

Prevotella (P < .001), and an unclassified genus from the order Bacteroidales (P < .001), and 

families Lachnospiraceae (P = .03), Ruminococcaceae (P < .001), and Prevotellacease (P = 

0.005) were enriched. The genera Streptococcus (P < .001), Enterococcus (P < .001), 

Lactobacillus (P = .003), and Enterobacteriaceae family (P < .001) were enriched in horses with 

colitis (Figure 1C). Using DMM, samples from healthy horses and horses with colitis were 

classified in 2 different metacommunities. Specifically, 88% (35/40) of samples in community 1 

were from healthy horses and 12% (5/40) of samples were from horses with colitis, while 98% 

(50/51) of samples in community 2 were from horses with colitis and 2% (1/51) of samples were 

from healthy horses. The results of the RF analysis showed that the genera Treponema, 

Fibrobacter and an unclassified genus of the class Alphaproteobacteria and order Bacterioidales 

were more abundant in healthy horses than horses with colitis. In horses with colitis, 

Enterococcus, Methylobacterium, and an unclassified genus from the class Betaproteobacteria 

were highly prevalent (Figure 1F). The RF analysis showed the highest predictive value (AUC 

ROC = .98). The machine learning models SVM and NNET also showed an excellent ability to 

differentiate between healthy horses and those with colitis based on the microbiota profile (AUC 

ROC > .90) (Figure 1F). The LDA analysis showed an acceptable predictive value to 

differentiate healthy from colitis horses (AUC ROC = .78).  
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3.4.5 Laminitic versus non-laminitic horses with colitis 

The alpha-diversity indices were similar between laminitic and non-laminitic horses 

(Supplementary Table 2). The relative abundances of the most abundant taxa identified in feces 

of laminitic and non-laminitic horses are presented in Figure 2A and Supplementary Table 3. 

The community membership (Jaccard index) (AMOVA P = .46) and structure (Yue and Clayton 

index) (AMOVA P = .16) was not significantly different (Figure 2 C and D). Lefse analysis (P < 

.05 and LDA > 3) of laminitis subgroups and healthy horses revealed that in laminitic horses, the 

genera Streptococcus and Lactobacillus, from phylum Firmicutes, and an unclassified genus of 

the family Enterobacteriaceae were enriched, whereas in the non-laminitic group, Enterococcus, 

Sharpea and Clostridium sensu stricto were enriched (Figure 2E and 2B). Using DMM, samples 

from laminitic and non-laminitic horses with colitis were classified into one metacommunity. 

The RF, SVM, LDA and NNET analysis showed no discriminatory ability of the models to 

predict laminitis in horses with colitis based on microbiota profile (AUC ROC < .70) (Figure 

2F). 

 

3.4.6 Surviving versus non-surviving horses with colitis  

 No significant differences were identified in alpha diversity measurements between 

surviving and non-surviving horses with colitis (Supplementary Table 2). The relative abundance 

of the most abundant taxa identified in feces of survivors and non-survivors is presented in 

Figure 3A and Supplementary Table 4. Community membership (Jaccard index) (AMOVA P = 

.65), and structure (Yue and Clayton index), (AMOVA P = .36) were not significantly different 
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between survivors and non-survivors (Figure 3C and 3D). Lefse analysis (P < .05 and LDA > 3) 

revealed that the fecal microbiota of surviving horses was enriched with Enterococcus, 

Mogibacterium, Sharpea, Pseudomonas, Enterobacteriaceae and an unclassified genus of the 

class Betaproteobacteria, while non-surviving horses with colitis had an enrichment of 

Streptococcus, Clostridium sensu stricto, Lactobacillus, Actinomycetales and Carnobacterium 

(Figure 3E and 3B). Using DMM, samples from surviving and non-surviving horses with colitis 

were classified into only 1 metacommunity. The RF, SVM, LDA and NNET analysis showed no 

discriminatory capability of the models to predict survival of horses with colitis based on the 

admission fecal microbiota profile (AUC ROC < .70) (Figure 3F).  

 

 A survival analysis was performed after removing horses that developed laminitis (n= 15) 

from the surviving (n = 6) and non-surviving groups (n = 9). One surviving horse that had 

chronic laminitis at admission was also removed from this analysis. Statistical differences in the 

alpha-diversity (richness, evenness and diversity) (P > .05, for all comparisons and beta-diversity 

(Jaccard and Yue & Clayton indices) were not identified (AMOVA > .05 for both comparison). 

The LefSe analysis showed that Lactobacillus was no longer enriched in either group 

(Supplementary Figure 2).  

 

3.5 Discussion  

 In our study the differences in community membership and structure indicated that 

dysbiosis of the gastrointestinal tract was present in horses with colitis. This dysbiosis was 

associated with an enrichment in facultative anaerobes (i.e., Streptococcus, Lactobacillus, 

Enterococcus and Enterobacteriaceae) in diarrheic horses, while feces of healthy horses were 
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enriched with obligate anaerobes such as Treponema, Ruminococcaceae, and Lachnospiraceae 

families. Alteration of the gastrointestinal microbiota has been reported in horses with diarrhea  

[4]–[6] characterized by a reduction in the relative abundance of Firmicutes, Clostridia, 

Ruminococcaceae and Lachnospiraceae. These results may suggest that a shift from obligate to 

facultative anaerobic bacteria, which is regarded as a marker of dysbiosis of the gastrointestinal 

tract in humans, calves and horses [43]–[45] could occur in horses with colitis. Reasons for this 

shift are not completely understood, but it has during colitis the intestinal contents are usually 

watery and in some cases hemorrhagic with marked hyperemia, ulceration, and hemorrhage of 

the intestinal mucosa.[2] It has been proposed that an inflammatory process of the 

gastrointestinal tract could result in the release of hemoglobin carrying oxygen in the lumen of 

the colon resulting in increased oxygen levels. An increase in oxygen levels in the mucosa and 

lumen of the intestine would benefit the proliferation of facultative anaerobes and the reduction 

of oxygen-sensitive obligate anaerobes (i.e., Ruminococcaceae and Lachnospiraceae) (“oxygen 

hypothesis”) [43], [44]. Although this hypothesis is still under investigation, an increase in 

oxygen levels in the mucosa and lumen of the intestine could explain, at least in part, our 

findings. The production of short chain fatty acids (especially butyrate) by bacterial communities 

of the gastrointestinal tract maintains low oxygen and nitrate levels in the lumen of the 

gastrointestinal tract [46]. Therefore, reduction of butyrate-producing bacteria (e.g., 

Lachnospiraceae, Ruminococcus, and Faecalibacterium) could have contributed and facilitated 

the proliferation of facultative anaerobes in horses with colitis. Luminal pH and nutrient 

availability (e.g., simple sugars) also plays an important role in bacterial growth and metabolism 

[47], [48]. Fecal pH and metabolite contents were not determined in our study; however, it is 

likely that alteration in luminal pH and nutrient limitation during colonic inflammation 



 

 
 

69 

contributed to the changes in bacterial communities during colitis. Alterations in gastrointestinal 

microbiota especially the increased abundance of Lactobacillus, Enterococcus and 

Enterobacteriaceae in horses with colitis is of interest because proliferation of these taxa can 

enhance and perpetuate the intestinal inflammation, mucosal damage, and facilitate translocation 

of bacteria and their by-products [43], [44]. This translocation of bacteria and their by-products 

could explain some of the clinicopathological changes displayed by the horses with colitis (e.g., 

tachycardia, fever, and leucopenia).  

 

Laminitis has been associated with an alteration of the gastrointestinal microbiota and 

absorption of microbial byproducts through permeable inflamed intestinal mucosa[15] but this 

association has only been established in experimental studies. Our study showed that the feces of 

horses with colitis that develop laminitis had an enrichment in Lactobacillus, Streptococcus and 

Enterobacteriaceae. Laminitis induced by exposure to high levels of dietary carbohydrates 

(starch or oligofructose) also results in an increase count of Lactobacillus and Streptococcus 

[17]–[20]. These changes correlated significantly with a decrease in cecal fluid pH and an 

increase in luminal lactate concentrations[17]–[20]. During the development of laminitis, 

Enterobacteriaceae populations initially increase but then decrease significantly[15]. The decline 

in Enterobacteriaceae counts is attributed to the reduction in cecal fluid pH, causing lysis of 

Enterobacteriaceae and consequent endotoxin release into the cecum. This, along with an acidic 

colonic environment, causes mucosal damage and facilitates the translocation of bacteria, 

endotoxin, and bacterial by-products (e.g., histamine, tryptamine, phenylethylamine and 5-

hydroxytryptamine) [49], [50]. These alterations are hypothesized to induce lamellar separation 

and thereafter laminitis.[15], [50] Our study was limited because fecal and blood metabolomic 
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analyses were not available to determine correlation between bacteria and by-products associated 

with the development of laminitis. This data could have helped to confirm whether vasoactive 

amines and other bacterial by-products produced in the lumen of the colon and absorbed into 

systemic circulation are related to the development of laminitis in horses with colitis. The 

increase relative abundance of Lactobacillus in horses with colitis that develop laminitis raise the 

question whether administering probiotics containing lactic acid producing bacteria could be 

harmful for horses with acute diarrhea.  

 

 Analysis of the fecal microbiota of surviving and non-surviving horses with colitis 

including horses that developed laminitis revealed an enrichment of Streptococcus and 

Lactobacillus from the phylum Firmicutes. Critically ill humans with SIRS have a higher total 

facultative anaerobe count and lower total anaerobic bacterial count compared with healthy 

counterparts [51]. The reasons for the association between changes in the gastrointestinal 

microbiota and mortality in the horses included in this study is unknown, but it could be related 

to the effect of the microbiota on the immune response[52]. It is also possible that an enrichment 

of facultative anaerobes (e.g., Lactobacillus and Streptococcus) in non-surviving horses indeed 

indicates a more severe inflammatory process within the gastrointestinal tract. These in turn can 

result in more critical damage of the intestinal mucosa, decreased colonization resistance, 

subsequent absorption of bacteria, toxins, and vasoactive amines [30], [49]–[51], [53] leading to 

an increased risk of mortality[8], [12]. Removal of laminitis horses from the survival analysis 

confirmed that enrichment of Streptococcus was associated with the non-survival of horses with 

colitis suggesting a potential role of this bacterium in the severity of the intestinal inflammation 

and the subsequent development of systemic clinical signs[15], [16], [18], [19], [54].     
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The main limitation of this study was that the healthy group did not match the 

environmental and management practices of horses with colitis. Studies have shown factors such 

as stress, diet, exercise, drugs, and disease could influence the gastrointestinal microbiota [55]. 

However, the PCoA plots showed a differential clustering between healthy and colitis horses 

indicating that despite the differences in environment and management practices, healthy horses 

shared certain taxa that differentiated them from horses with colitis. Future studies including 

farm control horses are warranted to validate our results. Another limitation of this study was 

selection of a group of critically ill horses with colitis for the fecal microbiota analysis. The 

results could be biased toward horses with critical disease since severely affected horses are 

more likely to be referred to a tertiary hospital. Therefore, careful extrapolation of our results to a 

different population are needed. However, the cases admitted to our hospital are likely similar to 

those admitted to any tertiary hospital. The approach used to define laminitis in the horses 

included in the study is a limitation. A horse with prodromic signs of laminitis or with laminitis 

but whose radiographs were normal or not performed would have been missed. The inclusion 

criteria aimed to eliminate any subjectivity regarding the diagnosis of laminitis. An additional 

limitation of the study is that the changes in housing or diet, history of traveling before 

admission of horses with colitis were not consistently recorded. Changes in diet can alter the 

fecal microbiota profile of healthy horses and could have impacted the results of this study [55]. 

Finally, most horses included in this study were not tested for all the etiologic agents known to 

cause acute diarrhea in horses. This lack of testing prevented us to determine association 

between specific pathogens and outcomes (i.e., laminitis and survival) and the changes in the 

gastrointestinal microbiota.  
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In summary, our study showed that dysbiosis occur in horses with colitis with an 

enrichment of facultative anaerobes and a reduction in some obligate anaerobic bacteria. 

Although we did not detect differences in the community structure between lamintic and non-

laminitic horses or surviving and non-surviving horses with colitis, specific taxa was enriched in 

horses with colitis that develop laminitis or die. These findings could suggest that gastrointestinal 

microbiota could play an important role in the development of laminitis and severity of disease 

of horses with colitis.  
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Table 1: Selected physical examination findings, complete blood cell count, serum biochemical profile and venous 
blood gas analysis of 55 diarrheic horses admitted to a tertiary teaching hospital. 

Variable Laminitis 
n = 15  

Non-Laminitis 
n = 39  

Survival 
n= 27  

Non-Survival 
n = 28  

Reference 
Ranges [101] 

Attitude       

   Bright 5 (30%) 12 (30%) 9 (33%) 8 (29%) N/A 

   Obtunded 10 (70%) 28 (70%) 18 (67%) 20 (71%) N/A 

Colic  5 (36%) 13 (33%) 6 (22%) 12 (43%) N/A 

Laminitis 15 (100%) 0 (0%)  6/27 (22%)  7/28 (25%) N/A 

Temperature (Celsius) 38 [37- 39] 38 [36 - 40] 38 [36 - 40] 38 [36 - 40] 37.2 - 38.3 

Heart rate (bpm) 58 [36 - 88] 48 [36 - 100] 44 [36 - 78] 60 [40 - 100] 28 - 44 

Resp. rate (rpm) 24 [12 - 60] 24 [12 - 60] 20 [12 - 60] 24 [12 - 60] 10 - 24 

PCV (%) 46 [33 - 70] 45 [25 - 73] 38 [25 - 66] 51 [5 - 73] 36 - 44 

WBC (x10
9

/L) 4 [1 - 13] 5 [2 - 14] 6 [2 - 14] 4 [1 - 14] 5.1 - 11.0 

Neutrophils (x10
9

/L) 1 [0.2 - 12] 2 [0.05 - 11] 3 [0.5 - 12] 1 [0.05 - 10] 2.8 - 7.7 

Bands (x10
9

/L) 0.2 [0.03 - 0.8] 0.2 [0.02 - 2] 0.2 [0.04 - 10] 0.3 [0.02 - 2] < 0.2 

pH 7.4 [7.3 – 7.4] 7.4 [7.0 – 7.5] 7.4 [7.2 – 7.5] 7.4 [7.0 – 7.5] 7.32 - 7.44 

HCO3
- (mmol/L) 25 [18 - 29] 26 [15 - 38] 27 [20 - 31] 24 [15 - 38] 24 - 28 

PvCO2 (mmHg) 40 [32 - 60] 43 [30 - 59] 45 [30 - 59] 40 [32 - 60] 38 - 49 

Na+ (mmol/L) 131[119 - 141] 132 [118 - 141] 133 [120 -141] 129 [118 - 139] 136 - 144 

K+ (mmol/L) 3 [2 - 5] 3 [1.3 - 5] 3 [2 - 4] 3 [1.3 - 5] 3.1 - 4.3 

Cl- (mmol/L) 98 [82 - 112] 98 [78 - 107] 100 [81 - 112] 96 [78 - 107] 95 - 104 

L-Lactate (mmol/L) 3 [0.7 - 7] 2 [0.4 - 14] 2 [0.4 - 10] 3 [1 - 14] 0 - 2 

Creatinine (μmol/L) 131 [60 - 378] 127 [71 - 445] 120 [60 - 349] 153 [108 - 445] 80 - 130 

Total Protein (g/L) 58 [38 - 66] 56 [40 - 92] 60 [42 - 78] 52 [38 - 92] 58 - 75 

bpm, beats per minute; rpm, respiration per minute; PCV, packet cell volume; WBC: white blood cells, 
PvCO2: partial pressure of carbon dioxide. One horse had chronic laminitis before admission was removed 
from the laminitis analysis.  
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Figure 8: Comparison between healthy horses and horses with colitis. 

A. Relative abundance (median) of the more abundant genera identified in healthy horses (n = 36) and horses with 
colitis (n = 55). B. Principal coordinate analysis (PCoA) based on Jaccard index analysis of the bacterial 16S rRNA 
gene sequence data fecal samples collected from healthy horses (n= 36) and horses with colitis (n = 55). C. Principal 
coordinates analysis (PCoA) based on Yue and Clayton index analysis of the bacterial 16S rRNA gene sequence 
data for fecal samples collected from healthy horses (n = 36) and horses with colitis (n = 55). D. Plot from LEfSe 
analysis indicating enriched taxa in fecal samples of healthy horses (n = 36) and horses with colitis (n = 55). Linear 
discriminant analysis (LDA) cut off > 3.5 and P < .05. E. Plot from random forest analysis showing the relative 
importance, abundance and prevalence of taxa differentiating the fecal microbiota of healthy horses and horses with 
colitis. F. Area under the Receiving Operator Curves of the random forest (RF), neural network (NNET), support 
vector machine (SVM), and linear discriminate analysis (LDA) for prediction of diseases state (healthy versus 
colitis) based on the fecal microbiota profile.  
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Figure 9: Comparison between horses with and without laminitis. 

A. Relative abundance (median) of the more abundant genera identified in horses with colitis with (n = 15) and 
without laminitis (n = 39) after removing one horse with chronic laminitis. B. Principal coordinates analysis (PCoA) 
based on Jaccard index analysis of the bacterial 16S rRNA gene sequence data for fecal samples collected from 
horses with colitis with (n = 15) and without laminitis (n = 39). C. Principal coordinates analysis (PCoA) based on 
Yue and Clayton index analysis of the bacterial 16S rRNA gene sequence data for fecal samples collected from 
horses with colitis with (n =15) and without laminitis (n = 39). D. Relative abundance analysis of the genera 
identified in the LEfSe analysis to be enriched in horses with colitis with (left, n = 15) and without (right, n = 39) 
laminitis. E. Plot from LEfSe analysis indicating enriched taxa in fecal samples from horses with colitis with (n =15) 
and without laminitis (n = 39). Linear discriminant analysis (LDA) cut off > 3.5 and P < .05. F. Area under the 
Receiving Operator Curves of the random forest (RF), neural network (NNET), support vector machine (SVM), and 
linear discriminate analysis (LDA) for prediction of diseases state (laminitis versus non-laminitis) based on the fecal 
microbiota profile.  
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Figure 10: Comparison between surviving and non-surviving horses. 

A. Relative abundance (median) of the more abundant genera identified in surviving (n = 27) and non-surviving (n = 
28) horses with colitis. B. Principal coordinates analysis (PCoA) based on Jaccard index analysis of the bacterial 
16S rRNA gene sequence data for fecal samples collected from surviving (n = 27) and non-surviving (n = 28) horses 
with colitis. C. Principal coordinates analysis (PCoA) based on Yue and Clayton index analysis of the bacterial 16S 
rRNA gene sequence data for fecal samples collected from surviving (n = 27) and non-surviving (n = 28) horses 
with colitis. D. Relative abundance analysis of the genera identified in the LEfSe analysis to be enriched in 
surviving (n = 27) and non-surviving (n = 28) horses with colitis. E. Plot from LEfSe analysis indicating enriched 
taxa in fecal samples from surviving (n = 27) and non-surviving (n = 28) horses with colitis. Linear discriminant 
analysis (LDA) cut off > 3.5 and P < .05. F. Area under the Receiving Operator Curves of the random forest (RF), 
neural network (NNET), support vector machine (SVM), and linear discriminate analysis (LDA) for prediction of 
outcome (surviving versus non-surviving) based on the fecal microbiota profile.  
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Figure 11: Supplementary comparison between surviving and non-surviving horses. 

A. Relative abundance (median) of the more abundant genera identified in surviving (n = 20) and non-surviving (n = 
19) horses with colitis after removing horses that developed laminitis associated with colitis (n = 15) and one horse 
with chronic laminitis. B. Plot from LEfSe analysis indicating enriched taxa in fecal samples from surviving (n = 27) 
and non-surviving (n = 28) horses with colitis after removing horses with laminitis. Linear discriminant analysis 
(LDA) cut off > 3.5 and P < .05. C. Principal coordinates analysis (PCoA) based on Jaccard index analysis of the 
bacterial 16S rRNA gene sequence data for fecal samples collected from surviving (n = 20) and non-surviving (n = 
19) horses with colitis after removing horses with laminitis. D. Principal coordinates analysis (PCoA) based on Yue 
and Clayton index analysis of the bacterial 16S rRNA gene sequence data for fecal samples collected from surviving 
(n = 20) and non-surviving (n = 19) horses with colitis after removing horses with laminitis.  
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Table 2 Supplementary: Alpha diversity comparisons of the Chao, Shannon Evenness, and Inverse Simpson’s 
indices of healthy horses and horses with colitis. 

 

Index Healthy 
N = 36 

Colitis 
N = 55 

P- values 

Chao-1 
(richness) 
 

167 
[129 – 241] 

180 
[108 – 344] 

0.1105 

Shannon Evenness 
(evenness) 
 

0.6 
[0.5 – 0.6] 

0.6 
[0.07 – 0.6] 

0.8697 

Inverse Simpson 
(diversity) 
 

9 
[6 – 17] 

9 
[1 – 16] 

0.7248 

P-values were obtained with the Wilcoxon test. Median and range were included for each group. 
 
  



 

 
 

83 

Table 3 Supplementary: Alpha diversity comparisons of the chao, shannon evenness, and inverse simpson’s 
indices of laminitis and non-laminitis horses and surviving and non-surviving horses. 

 

 
Index 

 
Laminitis 

N = 15 

 
Non- laminitis 

N = 39 

 
Survivors  

N = 27 

 
Non-survivors 

N = 28 
Chao-1 

(richness) 

180 
[125-344] 

175  
[108-319] 

187 

[108-319] 
 

172 

[111-344] 

Shannon Evenness 

(evenness) 

0.5 
[0.4-0.6] 

0.6 
[0.07-0.6] 

0.6 
[0.07-0.6] 

0.5 
[0.3-0.6] 

Inverse Simpson 

(diversity) 

8 
[3-13] 

10 
[1-16] 

10 
[1-16] 

8 
[2-16] 

 
P-values were obtained with the Wilcoxon test. * Represents statistical difference between groups (p = 
.049*). Median and range were included for each group. One horse with chronic laminitis was removed 
from the laminitis analysis.  
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Table 4 Supplementary: Relative abundance (median and range) of the most abundant taxa identified in 
healthy horses and diarrheic horses with or without laminitis 

 
Phylum Family Genus Healthy 

N = 36 
Laminitis  
N = 15 

Non-Laminitis 
N =39 

Bacteroidetes Unclass. Unclass. 20.5a [12.8 – 35.5] 0.68b [0.025 – 9.0] 1.2b [0.011 – 15.9] 

Firmicutes Lachnospiraceae  Unclass. 8.7a [1.5 – 20.8] 2.7a [0.19 – 18.5] 7.1a [0.023 – 32.2] 

Firmicutes Ruminococcaceae Unclass. 6.8a [1.4 – 12.5] 1.6b [0.21 – 13.7] 3.6ab [0.021 – 22.8] 

Firmicutes Clostridiales Unclass. Unclass. 5.4a [0.75 – 8.4] 4.3a [0.90 – 21.2] 5.1a [0.014 – 14.0] 

Verrucomocrobia 5_family_incertae_sedis 5_genus_incertae_sedis 6.7a [1.7 – 16.5] 0.012b [0.0051 – 5.9] 0.46b [0.0041 – 9.5] 

Firmicutes Streptococcaceae Streptococcus 0.026a [0 – 7.5] 2.4b [0.011 – 54.1] 1.0b [0.0059 – 52.6] 

Firmicutes Clostridiaceae_1 Clostridium_sensu_stricto 0.058a [0.00090 – 1.6] 0.18ab [0.021 – 38.1] 1.0b [0.00080 – 66.4] 

FIrmicutes Enterococcaceae Enterococcus 0.0014a [0 – 0.026] 0.4b [0.0066 – 7.6] 0.061b [0.0017 – 94.5] 

Firmicutes  Unclass. Unclass. 2.8a [0.43 – 5.8] 1.7a [0.095 – 7.8] 1.9a [0.012 – 8.4] 

Bacteroidetes Bacteroidales Unclass. Unclass. 4.7a [0.49 – 6.9] 0.11b [0.0043 – 0.87] 0.19b [0.0023 – 14.0] 

Verrucomicrobia Verrucomicrobiaceae Akkermansia 0.061a [0.0026 – 1.8] 0.34ab [0.0085 – 31.8] 0.76b [0.00070 – 46.3] 

Spirochaetes Spirochaetaceae Treponema 3.4a [1.1 – 7.9] 0.024b [0.0064 – 1.1] 0.091b [0.00070 – 2.9] 

Firmicutes Lactobacillaceae Lactobacillus 0.069 a [0.0034 – 1.1] 0.60a [0.0068 – 33.2] 0.21a [0.0051 – 33.3] 

Proteobacteria Moraxellaceae Acinetobacter 0.016a [0.0006 – 8.8] 0.0071a [0 – 27.9] 0.020a [0 – 40.3] 

Actinobacteria Coriobacteriaceae Unclass. 0.45a [0.040 – 4.2] 1.1a [0.025 – 9.5] 1.4a[0.0014 – 17.4] 

Verrucomicrobia Verrucomicrobiaceae Unclass. 0.17a [0.0079 – 3.0] 0.028a [0.0011 – 18.4] 0.22a [0.0011 – 23.6] 

Proteobacteria Enterobacteriaceae Unclass. 0.0051a [0 – 0.14] 0.17b [0.0082 – 18.8] 0.091b [0 – 38.7] 

Firmciutes Eubacteriaceae Mogibacterium 0.21a [0.020 – 2.0] 0.58ab [0.0085 – 12.0] 1.5b [0.0022 – 14.6] 

Firmicutes Lachnospiraceae Blautia 0.16a [0.013 – 2.2] 0.72a [0.014 – 46.0] 0.50a [0.0028 – 5.4] 

Unclass, Unclassified taxonomy from the from the earlier identified taxonomic group. P-values obtained using Steel Dwass test for multiple 
comparisons and corrected with Benjamini and Hochberg’s false discovery rate analysis (FDR). P-values with a FDR adjustment of < 0.05 were 
considered significant. Superscript letters indicate withing row comparisons that are significantly different.  
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Table 5 Supplementary: Relative abundance (median (%) and range) of the most abundant taxa identified in 
healthy horses and survival and non-surviving diarrheic horses. 

 
Phylum Family Genus Healthy 

n = 36 

Survivors 

n = 27 

Non-Survivors 

n = 28 

Bacteroidetes Unclass. Unclass. 20.5a [12.8 – 35.5] 1.4b [0.014 – 15.9] 0.94b [0.011 – 14.0] 

Firmicutes Lachnospiraceae Unclass. 8.7a [1.5 – 20.8] 5.2a [0.43 – 18.5] 4.9a [0.023 – 32.2] 

Firmicutes Ruminococcaceae Unclass. 6.8a [1.4 – 12.5] 3.6a [0.22 – 20.5] 1.6a [0.021 – 22.8] 

Firmicutes Clostridiales Unclass. Unclass. 5.4a [0.75 – 8.4] 5.3a [0.023 – 21.2] 4.9a [0.014 – 14.0] 

Verrucomicrobia 5_family_incertae_sedis 5_genus_incertae_sedis 6.7a [1.7 – 16.5] 1.0b [0.0041 – 9.5] 0.15b [0.0051 – 4.2] 

Firmicutes Streptococcaceae Streptococcus 0.026a [0 – 7.5] 0.64b [0.01 – 34.7] 1.9b [0.0059 – 54.1] 

Firmicutes Clostridiaceae_1 Clostridium_sensu_stricto 0.058a [0.00090 – 1.6] 1.8b [0.0008 – 66.4] 0.37b [0.0032 – 43.5] 

Firmciutes Enterococcaceae Enterococcus 0.0014a [0 – 0.026] 0.18b [0.0017 – 17.4] 0.30b [0.0048 – 94.5] 

Firmicutes  Unclass. Unclass. 2.8a [0.43 – 5.8] 2.0a [0.015 – 7.8] 1.5a [0.012 – 8.4] 

Bacteroidetes Bacteroidales Unclass Unclass. 4.7a [0.49 – 6.9] 0.20b [0.0077 – 14.0] 0.18b [0.0023 – 1.9] 

Verrucomicrobia Verrucomicrobiaceae Akkermansia 0.061a [0.0026 – 1.8] 0.65ab [0.0085 – 26.5] 0.65b [0.0007 – 46.2] 

Spirochaetes Spirochaetaceae Treponema 3.4a [1.1 – 7.9] 0.12b [0.0008 – 2.9] 0.055 b [0.0007 – 2] 

Firmicutes Lactobacillaceae Lactobacillus 0.069 a [0.0034 – 1.1] 0.15b [0.0063 – 33.3] 0.50ab [0.0051 – 9.4] 

Proteobacteria Moraxellaceae Acinetobacter 0.016a [0.0006 – 8.8] 0.025a [0.0007 – 40.3] 0.011a [0 – 27.8] 

Actinobacteria Coriobacteriaceae  Unclass. 0.45a [0.040 – 4.2] 1.7ab [0.0048 – 9.5] 1.2b [0.0014 – 17.4] 

Verrucomicrobia Unclass. Unclass. 0.14a [0.013 – 0.37] 0.0039a [0 – 0.27] 0.0006a [0 – 0.12] 

Proteobacteria Enterobacteriaceae  Unclass. 0.0051a [0 – 0.14] 0.085b [0 – 38.7] 0.17b [0.0046 – 18.8] 

Firmicutes Eubacteriaceae Mogibacterium 0.21a [0.020 – 2.0] 1.8ab [0.0033 – 12.0] 0.68b [0.0022 – 14.6] 

Firmicutes Lachnospiraceae Blautia 0.16a [0.013 – 2.2] 1.0a [0.0071 – 46.0] 0.23a [0.0028 – 4.7] 

Unclass, Unclassified taxonomy from the from the earlier identified taxonomic group. P-values obtained using Steel Dwass test for multiple 
comparisons and corrected with Benjamini and Hochberg’s false discovery rate analysis (FDR). P-values with a FDR adjustment of < 0.05 were 
considered significant. Superscript letters indicate withing row comparisons that are significantly different. 
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4 Chapter 4: Thesis Conclusions 
 

Alteration of the healthy balance of the microbial communities in the gastrointestinal 

tract is associated with the development of local and systemic disease. The current literature 

suggests that dysbiosis of the hind gut microbiota have a large effect on horse health. 

Understanding the changes in both the overall and specific bacteria can aid in the development of 

targeted diagnostic tools and treatment approaches for gastrointestinal and systemic diseases. 

The research in this thesis focuses on the equine gastrointestinal microbiota in healthy horses and 

horses with colitis. Chapter 2 demonstrates that the bacterial microbiota of healthy horses differs 

depending on the environmental condition and management practices that they are maintained in. 

Chapter 3 of this thesis further highlights the changes in gastrointestinal microbiota in horses 

with colitis and emphasizes the importance of specific bacterial communities on the 

pathophysiology of laminitis. 

 

The use of adequate control groups in microbiota studies are essential for identifying true 

differences to diseased animals. Most of the equine microbiota studies that investigate 

differences between healthy and sick animals use teaching horses from a closed university herd 

or horses from the same geographic location as a control group. This is likely because of the 

convenience of the sampling process. However, several studies have shown that management 

practices and environmental factors that horses are subjected to appear to play a large role in the 

microbiota populations in their gastrointestinal tract. Therefore, using horses from the same farm 

that are managed similarly to diseased horses may be more appropriate as a control group. The 

study reported in chapter 2 of this thesis aimed to describe and compare the fecal microbiota of 

healthy teaching horse herds managed similarly and housed in the same environment with that of 
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client-owned horses from the same geographic areas but housed in different farms with 

dissimilar management practices. The results of this study showed the alpha (diversity within the 

samples), and beta (diversity between the samples) diversity of the fecal microbiota are 

significantly different between the client owned and teaching horses residing in the same 

geographic area. In addition, the microbial diversity in feces collected from teaching horses was 

higher than client owned horses. Similarly, the relative abundance of the different taxa was 

different between both groups of healthy horses. The results indicate the fecal microbiota from 

horses living in the same geographic area is different and it is associated with the management 

practices and environmental conditions horses are exposed to. The study was limited in only 

having 1 teaching group and 1 client owned group for each location. Multiple herds of horses 

from similar geographical locations should be compared for management effects and microbial 

similarities. These horses should then be similarly contrasted with several groups of horses from 

other locations. Nevertheless, this research demonstrates that selecting a group of horses for use 

as controls requires further consideration on the location and management practices of the 

diseased horses. Future studies evaluating the impact of specific location and management 

practices, in relation to the microbial communities of diseased horses are warranted. 

 

Chapter 3 in this thesis described the fecal microbiota of horses with colitis and 

investigated the association of the fecal microbiota with the development of laminitis and 

survival, with a larger group than current colitis literature. The results of this study revealed that 

the fecal microbiota of healthy and diarrheic horses differs significantly. Although the reason for 

these changes is unclear, our results were consistent with studies in other species indicating that 

gastrointestinal inflammation is associated with a shift from obligate anaerobes to facultative 
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anaerobes. Reasons for this shift are not completely understood, but an increase in oxygen levels 

in the mucosa and lumen of the intestine could benefit the proliferation of facultative anaerobes 

and the reduction of oxygen-sensitive obligate anaerobes. However, this hypothesis is still under 

investigation. Decreased production of short chain fatty acids (especially butyrate) by bacterial 

communities of the gastrointestinal tract could have contributed and facilitated the proliferation 

of facultative anaerobes in horses with colitis. Changes in luminal pH and nutrient availability 

(e.g., simple sugars) also plays an important role in bacterial growth and metabolism and may be 

associated with the changes in bacterial communities during colitis. Future studies should focus 

on determining the reasons for the bacterial changes in horses with colitis and assess whether 

these changes are the cause or consequence of the inflammatory process of the gastrointestinal 

tract of horses. Future studies should investigate treatments aiming to manipulate the microbial 

communities of diarrheic horses to recover the normal gastrointestinal homeostasis. This would 

ultimately promote the recovery of a healthy balance and ameliorate the clinical signs of colitis 

in horses, to accelerate their recovery.       

 

Analysis of the fecal microbiota of surviving and non-surviving horses with colitis 

revealed an enrichment of facultative anaerobes in non-surviving horses. These findings were 

similar to those reported in some critically ill humans. The reasons for the association between 

changes in the gastrointestinal microbiota and mortality of the horses included in this study is 

unknown. It is also possible that an enrichment of facultative anaerobes (e.g., Streptococcus) in 

non-surviving horses indeed indicates a severe inflammatory process within the gastrointestinal 

tract. These in turn can result in more critical damage of the intestinal mucosa, decreased 

colonization resistance, subsequent absorption of bacteria, toxins, and vasoactive amines leading 
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to an increased risk of mortality. However, this is speculative, and our results require further 

exploration in a longitudinal study involving a larger population of horses from different 

geographic areas and different levels of diseases severity. This will allow us to determine the 

changes overtime of horses that survived to the disease and the alteration in gastrointestinal 

microbiota of horses that succumb to colitis. 

 

Horses with colitis that developed laminitis had a significant enrichment in genera 

Streptococcus and Lactobacillus. Laminitis has been experimentally reproduced by 

administration of high doses of carbohydrates. The proposed mechanism of laminitis involves an 

increase in lactic acid producing bacteria (LAB) such as Streptococci and Lactobacilli, leading to 

a decrease in colonic and cecal pH with subsequent damage of the mucosa and absorption of 

bacterial toxins and by-products, such as vasoactive amines, and endotoxins into the horse’s 

circulation. Our results further suggest an association between an increase in Streptococcus and 

Lactobacillus in horses that develop laminitis. Future studies should combine the assessment of 

the microbial communities and the fecal and blood metabolomic analyses to confirm whether 

vasoactive amines and other bacterial by-products produced in the lumen of the colon and 

absorbed into systemic circulation are related to the development of laminitis in horses with 

colitis. More information from horses with naturally occurring laminitis would be helpful to 

determine specific time points of the disease development and ultimately lead to targeted 

treatments or preventative measures. Research into the changes of bacterial communities during 

the onset and recovery of colitis deserves further investigation to improve the clinical 

management of horses with colitis. 

 


