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Bones are a complex tissue capable of adapting to changes in muscle usage through specialized 

cells which respond to muscle strain. The way in which birds utilize their wings directly impacts 

strain production of the flight muscles and the keel bone to which the muscles anchor. Therefore, 

this thesis aimed to identify scenarios in which laying hens may decrease wing use (Chapter 2) 

and assess the effects wing disuse may have on flight muscle thickness and keel bone fracture 

prevalence (Chapters 3, 4). Indeed, flight feather loss resulted in a decrease in elevated resource 

use, and feather damage and wing immobilization produced pectoralis thickness decreases, but no 

changes to keel bone fracture prevalence. Altogether, results of this thesis demonstrate that flight 

feathers are important for elevated resource access, flight muscles of laying hens adapt to disuse, 

and that more research is needed to understanded the etiology of keel bone damage. 
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Chapter 1: General Introduction 

1.1 The keel bone damage problem  

Keel bone damage (KBD) in commercial laying hens is one of the greatest welfare challenges 

facing the egg production industry (Harlander-Matauschek et al., 2015). The prevalence of KBD 

varies but exists in all housing types and affects approximately 80% of adult laying hens (Wilkins 

et al., 2011). The problem has become timely as KBD has increased in prevalence with the 

transition to furnished and non-cage housing systems (Riber et al., 2018). In particular, Wilkins et 

al. (2011) posit that the more intricate and complex the internal structures of a housing system 

become, the greater the prevalence and severity of KBD. Complex housing systems, such as 

aviaries, were designed to allow laying hens the freedom to perform natural behaviours such as 

perching, foraging, and dust-bathing (Duncan, 2001). However, while attempting to create a 

welfare-positive housing system, we may have unintentionally exacerbated a previously less 

prevalent injury (Sandilands et al., 2009).  

With the promise to eradicate conventional cages in favour of non-cage systems in Canada by 

2036 (National Farm Animal Care Council, 2017), a solution to this problem is essential yet still 

absent. Over the last 10 years there has been an abundance of research to identify the role of 

housing structures, calcium-phosphorous homeostasis, and strain differences on the prevalence of 

KBD. Despite the overwhelming amount of research, there is still no viable solution to this 

problem. Interestingly, research has mainly focused on the development of KBD within complex 

housing systems. Yet, Petrik et al. (2015) demonstrated that 40% of laying-hens housed in 

conventional cages had KBD by the end of lay. This suggests that the etiology of KBD likely has 

more to do with a hen’s physiology than previously thought (Thøfner et al., 2020). A major gap in 

the literature is the role of musculo-skeletal health on KBD development. This review will begin 

by showcasing the reasons that KBD is a welfare problem, and then move on to identifying the 

knowledge gaps in the literature regarding the role that muscle use/disuse may have on KBD. 

Lastly, this review will discuss the potential of feather loss as an unexpected key player in the 

development of KBD. 
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1.2 Welfare implications of keel bone damage  

Assessing pain in animals can be challenging as they are unable to verbally convey what they are 

experiencing. Therefore, research aimed at determining the presence of nociceptors (pain and 

damage detecting sensory receptors) and behavioural changes are used to gauge the presence of 

pain in animals (Gentle, 2011). Sneddon et al. (2014) posit that the experience of pain requires the 

presence of nociceptors, as well as connections between nociceptors and the brain. Nociceptors 

are the most abundant sensory receptors in animals (Douglas et al., 2018) and are present in the 

periosteum (outer membrane of bone) of laying hens (FAWC, 2010). Thus, it is certain that laying 

hens have the physical structures (nociceptors + brain) needed to feel physiological pain.  

A series of studies by Nasr and colleagues on the behaviour of laying hens indicates that KBD is 

painful. Nasr et al. (2012a) showed that laying hens with keel fractures opted to sleep on the ground 

over elevated perches more than hens without keel fractures. This suggests that the presence of 

keel fractures was painful and discouraged hens from utilizing elevated perches: the preferred 

sleeping space (Olsson and Keeling, 2002). In addition to this, Nasr et al. (2012a) tested the latency 

of hens to fly from elevated perches to retrieve a food reward that was placed on the ground. 

Results of this study showed that laying hens with keel fractures took four times longer to fly to 

the food reward than birds without fractures. A follow up study investigated the effect that 

butorphanol (opioid) administration would have on the hens’ latency to fly. Administration of 

butorphanol significantly decreased the latency to fly from elevated perches in hens with keel 

fractures (Nasr et al., 2012b). Further investigation showed that of the groups of hens trained to 

receive butorphanol at a particular place (conditioned place preference), hens with fractured keels 

exhibited a strong preference for the drug-associated place; this preference was not observed by 

non-fractured hens (Nasr et al., 2013). However, butorphanol is an opioid analgesic, which besides 

analgesic effects, has sedative effects (Mans, 2015). This needs to be considered when 

interpretating the results. Rentsch et al. (2019) used a non-steroidal anti-inflammatory drug, 

paracetamol (acetaminophen), and found no conclusive effects.  

These studies demonstrate that KBD is likely painful for laying hens, and that the presence of a 

fracture itself is a welfare concern. The described studies demonstrate that the pain associated with 
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KBD occurs due to pressure and strain being placed onto damaged keels by attached flight muscles, 

decreasing motivation to move. These findings highlight how important the flight muscles are in 

relation to the health status of the keel bone. In the following sections the relationship between 

keel bone and muscle health will be investigated. 

1.3 The relationship between osteoporosis and keel bone damage 

Selective breeding for early sexual maturity and increased egg production has been ongoing since 

the 1960s (Stratmann et al., 2016). A consequence of this selection is extreme skeletal fragility 

(osteoporosis) and hypocalcemia prevalent in laying hens (Sandilands et al., 2009). Osteoporosis 

results from the depletion of structural bone over the course of the laying period in laying hens 

(Whitehead and Fleming, 2000). An egg requires a substantial amount of Ca2+ (~2 g per egg) for 

shell formation (Kebreab et al., 2009). High turnover rates of plasma Ca2+ during eggshell 

formation stimulate the release of parathyroid hormone from the thyroid gland (Pelicia et al., 

2009). Parathyroid hormone signaling promotes the activity of osteoclasts (bone-digesting cells), 

which releases the required Ca2+ into the blood (Pelicia et al., 2009). Since this process of bone 

remodeling occurs over the lifespan of a hen, the loss of bone density (osteopenia) and prevalence 

of KBD increases as hens age (Riber et al., 2018).  

Alongside bone remodeling considerations are issues regarding development and maintenance of 

the different bone types that constitute the skeleton of laying hens. These types include: cortical 

(structural), trabecular (supporting), and medullary (calcium reservoir) bone (Kim et al., 2012). As 

a pullet (young laying hen) develops, osteoblasts (bone-forming cells) mainly work to build 

cortical and trabecular bone, providing the skeleton with stability and strength (Kim et al., 2012). 

At the onset of sexual maturity, the production of estrogen transitions osteoblasts to begin, and 

continue, forming medullary bone (Kim et al., 2012). Over time, continuous osteoclast activity 

and lack of trabecular and cortical bone formation disrupt bone integrity and strength, resulting in 

osteoporosis (Fleming et al., 1998). Additionally, immobility has been shown to accelerate the loss 

of structural bone, and exercise can act to improve bone structure (Whitehead and Fleming, 2000). 

Load-bearing exercise in childhood is hypothesized to act as a preventative measure against the 

development of osteoporosis in adult humans (Burrows, 2007). This idea has transcended into 
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pullet rearing where researchers seek to understand how exercise prior to sexual maturity impacts 

bone density. A study by Regmi et al. (2015) demonstrated that the bone density of the tibia and 

humerus of laying hens reared in aviaries was significantly higher than hens reared in conventional 

cages. Despite these findings, hens housed in aviaries are at a greater risk of developing KBD than 

hens housed in conventional cages (Petrik et al., 2015). Thus, an increase in bone density may not 

provide a sufficient solution on its own. Additionally, it is puzzling that osteoporosis affects the 

entire skeleton of hens, yet the leg and wing bones are at a lower risk of fracture (Clark et al., 

2008). A major gap in the literature has been the impact that the large flight muscles directly 

attached to the keel bone (structural bone) may have on the development of KBD. It seems 

probable that an interaction between osteoporosis and mechanical load/strain placed onto the keel 

exists, which will be reviewed in the next section. 

1.4 Skeletal mechanobiology 

The two hallmarks of mammalian bone include (1) bone modeling in which bone material is able 

to respond and adapt to mechanical loads, and (2) remodeling in which bone material can self-

renew and repair (Frost, 1987). The occurrence of either bone modeling or remodeling in response 

to mechanical strain depends upon a physiological strain range (Foutz et al., 1997). Frost (1987) 

posits that there exists a minimal effective strain (MES), which is similar across all species of 

animals. Bone tissue will respond to strains above this MES through modeling (increase in bone 

density) or respond to strains below this MES through remodeling (decrease in bone density) 

(Frost, 1987). The cells driving this process include the osteoclasts, osteoblasts, and osteocytes. 

Osteocytes exist deep within mature bone matrix and connect with one another through a network 

of long processes (Lanyon, 1993). It is believed that osteocytes are responsible for detecting 

mechanical strain and regulating the processes of bone (re)modeling and calcium homeostasis 

(Lanyon, 1993).  

Our current understanding of bone adaptations to mechanical load/strain has been based primarily 

on mammalian studies, with little information regarding avian species. Therefore, it is unclear how 

the (commonly osteoporotic) bones of laying hens respond and adapt to mechanical load/strain. 

The types of mechanical strains and loads experienced by laying hens would likely be related to 
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different housing systems. Most research investigating bone physiology in laying hens has focused 

on birds housed in conventional cages (Whitehead, 2004), with few studies exploring birds in 

alternative housing systems.  

The genetic line and age of mammals may impact how bone models and remodels to mechanical 

strain/load. Research on mice has demonstrated that when mechanical strain is 2-3 times greater 

than strain produced from normal walking, bone formation is stimulated (Willie et al., 2013; Yang 

et al., 2014). This coincides with Frost’s (1987) theory in which strain above the MES results in 

bone modeling (increased bone density). Main et al. (2014) found that the C57B1/6J strain of mice 

responded to lower levels of microstrain (1200 µε) with bone formation (mechanoresponse), in 

comparison to the BALB/c strain (2400 µε). It is unknown what caused these strain-dependent 

differences. Alongside differences between genetic lines, it has also been shown that 

mechanoresponsiveness in mice is age-dependent. Willie et al. (2013) found that 

mechanoresponsiveness decreased as mice aged. This coincides with results from Main et al. 

(2014), who found a decrease in cortical bone formation in response to loading in growing mice. 

Studies of humans also demonstrate that older individuals are less responsive to bone formation-

enhancing exercises then are young people (Heinonen et al., 1996). It is therefore possible that 

mechanoresponsiveness may also be genetic and age-dependent in laying hens. Gaining an 

understanding of these mechanisms in laying hens could be of great importance as the use of 

mechanical stimuli during pullet rearing could provide a non-pharmacological approach to 

minimizing instances of KBD. 

1.5 Exercise during pullet rearing increases keel strength 

As demonstrated above, mechanoresponsiveness is highest during development in both mice and 

humans. If this was true of pullets, the opportunity for increasing bone density would exist at its 

greatest capacity prior to sexual maturity. Recent studies on the effects of exercise during pullet 

rearing show promising results. Casey-Trott et al. (2017c) sought to investigate how providing 

opportunities for exercise during pullet rearing (beginning at day 1) would impact keel bone 

properties. They demonstrated that pullets reared in aviaries with opportunities to run, fly, and 

perform wing-assisted incline running had increased keel bone properties at 16 weeks of age: 
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increases in the length of the metasternum, keel area, and keel bone density that were all 

significantly greater than pullets reared in conventional cages. In a follow-up study, Casey-Trott 

et al. (2017a) investigated the long-term effects of this early-life exercise. Pullets from the previous 

study were all moved to enriched cages, and bone properties were evaluated at 73 weeks of age. 

Hens that had been reared in aviary systems were found to have significantly fewer keel fractures 

compared to hens reared in conventional cages (Casey-Trott et al., 2017a). 

These studies provide evidence that exercise during pullet rearing has lasting effects on bone 

density in the adult hen. However, commercial rearing environments are extremely diverse and 

many of them utilize an enclosed tier system for the first weeks of life. Finding a way to implement 

exercise as early as possible seems like a potential preventative strategy to minimize KBD in the 

adult laying hen. Furthermore, gaining an understanding about the role of exercise in the adult 

laying hen is important, which will be further evaluated in the following section. 

1.6 Muscle activity as a predictor of microdamage and bone health in humans 

When high magnitude strain or repetitive small load-bearing activities are applied to mammalian 

bone, it results in the formation of bone microdamage (Seref-Ferlengez et al., 2015). In humans 

this microdamage commonly occurs as a result of walking or running which are repetitive small 

load-bearing activities (Seref-Ferlengez et al., 2015). Over time, an accumulation of microdamage 

that exceeds the body’s bone remodeling ability can result in bone fractures (Frost, 1997). 

Research also demonstrates that the accumulation of microdamage increases with age in humans 

and rats (Waldorff et al., 2010). It is thought that loss of muscle due to aging (sarcopenia) is a 

contributing factor to the accumulation of microdamage (Schaffler et al., 1995). 

Human trials demonstrate that fracture risk increases when changes in physical activity occur 

(duration, intensity, and frequency) in conjunction with a lack of rest periods (Boden and Matava, 

2016). Interestingly, in birds kept for egg laying, keel fractures have been shown to increase in 

frequency and severity towards the end of lay (Petrik et al., 2015). It is currently unknown if 

microdamage exists within the keel bone as a result of flight muscle activity, and if so, whether 

the age-related accumulation of microdamage occurs in laying hens. Through personal observation 

of laying hens in aviaries, it is evident that many hens remain continuously active by walking and 
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navigating between tiers of different heights, and frequently performing vigorous flapping 

behaviours when slipping from perches. Since the keel bone is subject to force by the flight 

muscles, it is possible that the amplitude of forces placed onto the keel impacts incidences of KBD. 

The importance of muscle force on the keel of laying hens will be discussed in the following 

section. 

1.7 Flight muscles as a primary source of force on the keel bone 

Originating from the keel bone are the large pectoralis and supracoracoideus flight muscles 

(Baumel, 1993). These muscles are essential as they are needed to generate the motion and force 

required for wing-flapping and flight behaviours in birds (Tobalske et al., 2003a). Additionally, 

these muscles play a central role in keeping the body centered and balanced, which helps mitigate 

slips and falls (Evangelista et al., 2014). Through these actions, flight muscles are placing great 

amounts of force onto the keel bone. Vigorous wing-flapping behaviours have been shown to 

substantially increase the force placed onto the keel bone (Tobalske et al., 2003a). Vigorous wing 

flapping behaviours and abrupt forces placed on the keel may result in the formation of KBD. 

Vigorous wing flapping is commonly observed when hens panic and attempt to escape fearful 

stimuli (Mills and Faure, 1990) and can be seen in all housing systems. Even in the absence of an 

obvious threat, it is common to observe flocks perform nervous-like behaviours including 

flight/escape running, or intense wing flapping (Mills and Faure, 1990). Hens may encounter many 

potential obstacles within housing systems during attempts to flee from threats, including 

enrichment equipment and cage-mates (especially in high stocking densities and/or low light 

intensities). Over time, it is likely that abrupt and unequal forces placed onto the keel bone during 

fleeing-maneuvers exceeds the keel’s morphological capacities (Harlander-Matauschek et al., 

2015) and can result in keel bone deviations (abnormally shaped keel) (Casey-Trott et al., 2015). 

Gebhardt-Henrich and Frohlich (2015) found that hens were more likely to develop keel deviations 

early in the egg production cycle, and that those hens were more likely to have keel fractures by 

the end of lay. It is unclear if deviations are a precursor to fractures, and if abrupt muscle force 

placed onto the keel due to panic-reactions leads to deviation formation. Additionally, it is 

unknown how much muscle force the keel bone is capable of withstanding before fractures occur. 
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In general, there is little known about the role of muscle activity on the health status of the keel 

bone. In the next section, the role of muscle activity on the size of the flight muscles will be 

investigated.  

1.8 Feather loss affects muscle use/disuse 

Every species of bird must undergo the fundamental process of moulting, by which old and 

damaged feathers are shed to allow for the growth of newer and healthier ones (Howell, 1999). 

Moult ensures that a bird is equipped for flight (for carinate birds), while also providing a 

protective layer of insulation when faced with cold temperatures (Howell, 1999). In the wild, many 

species of birds undergo annual moulting periods (Gaunt et al., 1990). Species of waterfowl are of 

great interest as they simultaneously lose all their wing feathers during specific migratory phases 

and breeding periods (Iverson and Esler, 2007). When the simultaneous loss of the flight feathers 

of the wings occurs, birds become flightless and depend on their legs to locomote on land and 

swim through water (Gaunt et al., 1990).  Studies of Eared Grebes (Podiceps nigricollis) 

demonstrate that inactivity of the wing muscles following a whole-body moult resulted in the rapid 

atrophy of the pectoralis muscles (Gaunt et al., 1990; Canope et al., 1997). Subsequently, the 

increase in walking and swimming activities resulted in the hypertrophy of the leg muscles (Gaunt 

et al., 1990). When food supplies began to fail near the beginning of December, researchers 

observed that the birds began to perform pre-migratory vigorous flapping exercises, resulting in 

the hypertrophy of the flight muscles (Gaunt et al., 1990). This example is of particular interest as 

it demonstrates that wild birds lose their ability to fly during moulting periods and that wing 

inactivity results in flight muscle atrophy.  

Exercise targeted towards increasing muscle size and strength (weight-lifting) and coordination 

and balance have been shown to increase bone density (Frost, 1997) and reduce fractures in 

humans (Russo, 2009). When laying hens were trained to utilize incline ramps on a weekly basis 

from 1-36 weeks of age; Leblanc et al. (2017) found that none of the hens developed KBD. This 

training may have facilitated the hypertrophy of both the flight and leg muscles through wing-

assisted upwards running, resulting in an increase in bone strength that may have protected the 

hens from KBD. The relationship between the hypertrophy of the flight muscles through exercise 
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and the intensity of exercise required to prevent KBD, is unknown and presents an important and 

promising research avenue. Furthermore, laying hens are often missing a large portion of their 

feathers due to high rates of feather-pecking amongst flocks (Huber-Eicher and Sebö, 2001). The 

potential relationship between feather-loss and wing muscle use will be further discussed in the 

following section.   

1.9 Feather pecking as a source of wing feather loss 

Feather-pecking (FP) is a common problem found amongst commercial egg-laying hens, with 

prevalence documented as high as 77% in 14-week old industry flocks (Huber-Eicher and Sebö, 

2001). FP behaviour is characterized by the action of a hen pecking at, pulling out, and commonly 

ingesting the feathers of conspecifics (Rodenburg et al., 2013). The transition to non-cage housing 

systems has exacerbated FP prevalence as it is difficult to identify feather peckers within flocks, 

in conjunction with FP hens having access to all their cage mates (potential victims) (Rodenburg 

et al., 2013). Furthermore, FP is a learned social behaviour that is easily transmitted amongst hens 

within non-cage systems (Zeltner et al., 2000). Research by Huber-Eicher and Sebö (2001) found 

that the frequency and severity of FP also increased as hens age.  

In knowing that flight feather loss in waterfowl coincides with the disuse and atrophy of the 

pectoralis muscle (Gaunt et al., 1990), it is of great interest to know if this is true of egg-laying 

hens. KBD and feather pecking have both been shown to increase in frequency and severity due 

to age and housing system. It would be beneficial to determine if a relationship between the factors 

exists. It is currently unknown how the common loss of wing feathers in laying hens coincides 

with changes in pectoralis muscle use, and if muscle use changes relate to susceptibility to KBD. 

If feather loss plays a larger role than previously known in KBD development, strategies focused 

on preventing the onset of feather-pecking behaviour in flocks could serve as a potential solution 

to minimizing KBD.  

Alongside issues of wing feather loss and muscle use are behavioural differences observed 

between strains of hens selected for FP. In 1997, Kjaer and Sorensen produced a line of high FP 

and low FP White Leghorn laying hens. A later study using these two lines found that high FP 

hens demonstrated stronger stress behaviours (increased vocalizations and wing flapping) when 
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being handled in comparison to low FP hens (Kjaer and Guémené, 2009). Furthermore, hens from 

this high FP line were shown to have increased autonomic nervous system activity in response to 

being restrained (Kjaer and Jørgensen, 2011). It is currently unknown how the increase in stress 

responses may result in abrupt and unequal forces placed onto the keel bone through vigorous 

wing flapping (as discussed in section 1.8). Since feather pecking behaviour is a heritable trait 

(Kjaer and Sørensen, 1997), it could be beneficial to determine if high and low FP lines differ in 

rates of KBD. If differences were to exist, then selection for low FP hens could act to reduce KBD 

prevalence.  

1.10  Conclusions 

Altogether, this introduction (chapter 1) lays down the ideas in which this thesis is built upon. In 

brief, KBD is a highly prevalent condition in laying hens. Laying hens have the physical structures 

necessary to feel pain, and studies suggest that pain is associated with keel bone fractures, 

highlighting that the presence of KBD is a welfare issue in need of a solution. The skeleton of 

laying hens is fragile, yet it is the keel bone which is the most heavily fractured and deformed. A 

unique characteristic of the keel bone is that it is the anchor to which the large and powerful flight 

muscles attach. Theoretically, the action of these muscles will have a profound effect on the 

structural integrity of the keel bone. For instance, the osteocytes embedded within the matrix of 

the keel bone should adapt to mechanical strain placed onto it through bone modeling (bone 

building activity of osteoblasts) and bone remodeling (bone digesting activity of osteoclasts). It is 

well documented in mammals that the level of strain placed onto bone determines which response 

will occur. Typically, repetitive low load-bearing activity results in bone remodeling, and high 

load-bearing activity results in modeling. Altogether, the ways in which laying hens use their 

wings on a daily basis will determine the amount and level of strain the keel bone is subjected to, 

and ultimately increase or decrease bone fragility. In particular, a decrease in wing usage could 

theoretically lead to atrophy of the flight muscles, decreased mechanical loading on the keel bone, 

increased osteoclastic activity, and a weaker keel bone susceptible to fracture.  

Therefore, the goals of this thesis were: (a) to investigate scenarios in which laying hens may 

decrease the usage of their wings i.e., damage and loss to flight feathers (chapter 2); (b) to 
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determine if the flight and leg muscles of laying hens will adapt to flight feather damage, and if 

flight feather damage increases keel bone fracture prevalence (chapter 3); and (c) to determine if 

the flight and leg muscles will adapt to wing immobilization, and if wing immobilization increases 

the prevalence of keel bone deviations and fractures (chapter 4). 
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Chapter 2: Effects of clipping of flight feathers on resource use in Gallus 

gallus domesticus 

Manuscript submitted to RSOS submissions #: 211561 

2.1 ABSTRACT 

Ground dwelling species of birds, such as domestic chickens (Gallus gallus domesticus), 

experience difficulties sustaining flight due to high wing-loading. This limited flight ability may 

be exacerbated by loss of flight feathers that is prevalent among egg-laying chickens. Despite this, 

chickens housed in aviary style systems need to use flight to access essential resources stacked in 

vertical tiers. To understand the impact of flight feather loss on chickens’ ability to access elevated 

resources, we clipped primary and secondary flight feathers for two hen strains (brown-feathered 

and white-feathered, n=120), and recorded the time hens spent at elevated resources (feeders, nest 

boxes). Results showed that flight feather clipping significantly reduced the percentage of time 

that hens spent at elevated resources compared to ground resources. When clipping both primary 

and secondary flight feathers, all hens exhibited ≥38% reduction in time spent at elevated 

resources. When clipping only primary flight feathers, brown-feathered hens saw a >50% 

reduction in time spent at elevated nest boxes. Additionally, brown-feathered hens scarcely used 

the elevated feeder regardless of treatment. Clipping of flight feathers altered the amount of time 

hens spent at elevated resources, highlighting that distribution and accessibility of resources is an 

important consideration in commercial housing. 

2.2 KEYWORDS: 

Feather loss, Flapping flight, Locomotion, Wing damage, Wing wear, Resource usage 

2.3 INTRODUCTION 

Flight feathers make up the majority of the area of bird wings and are key to generating lift for 

weight support and thrust during flight (Chen et al., 2013). This key role in flight makes the 

maintenance of well-shaped and intact flight feathers an integral component of flight performance 

and survivability in wild birds (Lierz and Fischer, 2011).  However, the flight feathers of wild 

birds are often damaged or removed due to predator attacks, disease (e.g., parasites), poor weather, 

nutritional challenges, and collisions and abrasions from the environment (Rubinstein and 
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Lightfoot, 2014). As feathers are dead structures and cannot repair themselves, birds will replace 

worn and missing feathers through an energetically demanding and lengthy (4-28 weeks) moulting 

process (Jenni and Winkler, 1996; Newton, 2009; Howell et al., 2010; Achache et al., 2018). 

The loss or damage of flight feathers reduces wing area, changes the wing’s size and shape, impairs 

wing integrity, and increases wing loading (Beaufrère, 2009). Such significant changes to this 

important appendage can compromise a bird's flight pattern and trajectory, in addition to increasing 

the energetic cost to support body weight during flight (Williams and Swaddle, 2003). Following 

wing damage or loss, birds may increase flapping frequency and wing beat amplitude to 

accommodate missing wing feathers (Lindström et al., 1993; Williams and Swaddle, 2003). For 

birds of prey, the loss of only one feather is enough to substantially reduce flight performance and 

hunting ability (Lierz and Fischer, 2011). Birds that are forcibly grounded in such a manner are 

more vulnerable to predation and are less successful in finding food (Lind et al., 2010).  

In contrast with many flying species of birds, ground dwelling species, such as chickens, will only 

fly infrequently, mainly to avoid predation and locate safe sleeping or roosting spaces (Drovetski, 

1996; Tobalske and Dial, 2000; Dial, 2003). Domestic birds kept for egg-laying (Gallus gallus 

domesticus) navigate their living space by walking, running, climbing, wing-assisted running, and 

short-burst flapping flight (Kozak et al., 2016; LeBlanc et al., 2017; Pufall et al., 2021). Despite 

being ground birds, laying hens are highly motivated to roost using an elevated perch (Weeks and 

Nicol, 2006). As roosting in elevated spaces is a behavioural priority, perches of varying heights 

are commonplace in coops for backyard chickens or single-tier systems for commercial hens. In 

contrast, feed and nest boxes are typically placed low to the ground. In multi-tier systems, the 

upper tiers contain essential resources, such as feeders, drinkers, and nest boxes (Aerni et al., 

2005). This environment requires hens to access elevated spaces to feed, drink, perch, and lay 

eggs.  Laying hens must, therefore, be able to perform flapping flight to move up and down. A 

recent study by Léon et al. (2021) shows that laying hens use the maximum amount of power 

possible during flapping-flight trajectories. Consequently, this increases the risk of losing control 

and incurring injuries when descending from higher elevations.  
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Bird-to-bird pecking causes feather damage and loss. The prevalence of pecking behaviour has 

been reported at rates of 15-95% among laying hen flocks (Van Staaveren and Harlander, 2020). 

Furthermore, abrasions or collisions within a housing environment may also lead to poor feather 

cover (McAdie and Keeling, 2000; Tactacan et al., 2009; Guinebretière et al., 2013; Iqbal et al., 

2020). Direct consequences of wing feather damage in laying hens includes the loss of 

aerodynamic surface, a decreased ability to stabilize on perches, and impaired balance (Leblanc et 

al., 2016). Given that laying hens are ground-dwelling birds that already operate their wings at the 

maximal power output, feather damage may cause them to preferentially spend time closer to the 

ground and avoid elevated spaces. In turn, this would suggest that individuals suffering from 

feather cover loss may be less inclined to seek out the resources they need. This may be especially 

true as chickens age, and continuous feather pecking can lead to fully denuded hens with no 

feathers.  

The present study investigates experimental wing feather clipping on feeder and nest box choices 

of laying hens. We provided ground-level and elevated feeders and nest boxes to laying hens (two 

strains) either with clipped or unclipped flight feathers. We monitored individual birds’ use of 

these locations using a radio-frequency identification (RFID) system. We hypothesized that flight 

feather clipping would reduce the use of elevated resources. We anticipated this effect to be 

accentuated in heavier, brown-feathered birds when compared to their white-feathered 

counterparts. The data from this study will inform appropriate and safe spatial distribution of 

resources in coops for backyard chickens and commercial farms where feather loss and damage 

are prevalent, especially among white- and brown-feathered birds whose differing morphologies 

may require alternate resource placement, ultimately improving the health and welfare of chickens.  

2.4 MATERIALS AND METHODS 

2.4.1 Ethical statement 

This study was approved by the University of Guelph Animal Care Committee (Animal Utilization 

Protocol Number 3908) prior to the start of data collection.  
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2.4.2 Animals and housing 

One hundred and twenty female domestic chickens (Gallus gallus domestica) composed of two 

strains aged 39 weeks (brown-feathered) and 34 weeks (white-feathered) were housed in 12 

identical floor pens (183 L x 244 W x 290 H cm) with ten birds of one strain per pen. Brown-

feathered hens had an average body weight of 2090 ± 26 g and white-feathered hens 1765 ± 26 g. 

Prior to this experiment, birds were reared under commercial management conditions in enriched 

aviary housing until 23 weeks of age (brown-feathered) and enriched colony housing until 18 

weeks of age (white-feathered).  

Hens were on a 14:10 light:dark cycle in a ventilated, windowless room at the Research Station of 

the University of Guelph. Pens (Figure 2.7.1) were littered with wood shavings and fixed with two 

elevated, slatted platforms (122 L x 31 W at 70 H cm, to mimic aviary height) symmetrically fixed 

to opposite pen walls. There was one low wood perch attached to the long side of platform 1 (122 

L at 70 H cm) in addition to a high wood perch spanning the width of the pen (244 L at 150 H cm). 

Opaque boards were placed along adjoining pen walls to prevent social learning and physical 

contact between neighbouring hens/pens. Hens had ad libitum access to 10 nipple drinkers, two 

feeders, and two nest boxes (see “Behavioural activity measurements” for more information on 

the feeders/nest boxes). Hens were identified with numbered (1 – 120) “backpacks” made of soft 

silicone rectangles (14.5 x 6 x 0.2 cm) and two elastic straps attached with eyelets (Harlander 

Matauschek et al., 2010). 

2.4.3 Treatments applied to flight feathers 

Hens were selected at random per pen to receive one of three treatments (Figure 2.7.2) to both 

wings: flight feathers kept intact (Control, four hens/pen), primary flight feathers clipped, resulting 

in a 32.5% wing area loss (Half clip, three hens/pen); or primary and secondary flight feathers 

clipped, resulting in a 55.4% wing area loss (Full clip, three hens/pen). One person securely held 

the bird while a second person spread the wing feathers and clipped them using sterile scissors 

adapted from Harrison and Flinchum (2006). The coverts were used as a cutting guideline, and 

special attention was given to avoid newly forming blood feathers (Startup, 1967). All birds were 

returned to their pens following treatment. 
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2.4.4 Behavioural activity measurements 

Radio-frequency identification (RFID) technology (Biomark®, Boise, Idaho, USA) was used to 

determine the amount of time that individual hens spent at elevated resources. RFID recordings 

took place bi-weekly, over eight weeks, for 48-hour intervals beginning with week 0 (baseline 

measurement before treatment application) for a total of four measurements per hen (week 0, 2, 4, 

6; Figure 2.7.3). Plastic leg bands (20 mm) fixed with individual passive integrated transponder 

(PIT) tags (Biomark® HPT 12 PIT tag, 12.5 mm, 134.2 kHz) were assigned to each hen (Appendix 

G). Antennas (30 x 10 x 2 cm) (Biomark®, Boise, Idaho, USA) generating a radio frequency field 

were fixed to feeders and placed within nest boxes. PIT tags were activated by the radio frequency 

field of individual antennas as hens accessed feeders and nest boxes.  

Hens had access to two 5-kg hanging feeders (Frandsen Corporation, North Branch, Minnesota, 

USA): one located on the ground and the other located at an elevated position at the front-end of 

platform 1 (Figure 2.7.1). Similarly, each pen contained two individual nest boxes, one elevated 

at the front-end of platform 2 and the second on the ground (Figure 2.7.1). To prevent interference 

with RFID recordings, it was imperative that only one hen could access each feeder and nest box 

at a time. Feeders were adapted to ensure individual access. Duct-tape (Gorilla Tape; The Gorilla 

Glue Company, Ohio, USA) wrapped cardboard rings were placed inside all feeders to alter the 

feed flow to one spot. Two wooden boards were placed on either side of this so that only one hen 

could step onto the antenna and access the feeder at one time (Figure 2.7.1).  

This resulted in recording a timestamp (HH:MM:SS:MS) for every millisecond a PIT tag was in 

the range of the antenna’s field. Recordings were stored on a microchip and later transferred onto 

a computer. Raw files obtained from the RFID unit were run through a custom script (Perl Version 

5.28.0) that output the total duration (milliseconds) spent at each feeder and nest box for each hen. 

The Perl script used a threshold of 60000ms (1 minute) to differentiate between two separate visits 

to the resource by the same hen. The script generated tabular data that included information on the 

individual hen ID, pen, date, and total duration of the visits to the resource associated with the 

specific antenna. 
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2.4.5 Statistical analysis 

The total duration spent at each resource was calculated by summing the amount of time spent at 

the ground and elevated resource. We calculated the percentage of time that a laying hen spent at 

the elevated resource out of the total time spent at the respective resource (i.e., percentage of time 

at elevated feeder and percentage of time spent at the elevated nest box).  

Data analysis was conducted using SAS Version 9.4 (SAS Institute Inc., Cary, NC, USA, 2012) 

using a generalized linear mixed model procedure (PROC GLIMMIX). The assumptions of 

normally distributed residuals and homogeneity of variance were assessed using studentized 

residual plots and the Shapiro-Wilk statistic to determine the statistical distribution that best fits 

the data.  

Response variables used were (1) percentage of total time spent at the elevated feeder, and (2) 

percentage of total time spent at the elevated nest box. The model included flight feather clipping 

status (control, half clip, full clip), strain (white-feathered, brown-feathered), week (baseline, week 

2, 4, 6 after experimentally induced wing-feather damage), and their interactions as fixed effects. 

The hen within each pen was considered as the experimental subject, and the model was adjusted 

for bi-weekly repeated measures. Degrees of freedom were calculated using a Kenward-Roger 

approximation. A Tukey-Kramer adjustment was used to account for multiple comparisons. A P-

value of < 0.05 was considered statistically significant for all presented results. Herein we report 

means + SD. 

2.5 RESULTS 

2.5.1 Use of elevated resources before flight feather clipping in white- and brown-

feathered hens 

Before treatments were applied (baseline), white-feathered hens spent significantly more (F1, 

10.04 = 7.35, p = 0.0218) time feeding at the elevated feeder than brown-feathered hens (53.4 ± 

6.51% vs. 24.0 ± 6.51%). In contrast, both white-feathered hens (72.14 ± 7.68%) and brown-

feathered hens (68.00 ± 8.26%) spent an equal amount of time at the elevated nest box before their 

flight feathers were clipped. 
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2.5.2 Use of elevated resources after flight feather clipping in white- and brown-feathered 

hens 

Clipping status affected elevated feeder use in white-feathered hens (Table 2.7-1; Appendix A). 

We detected a 41.8% decline in elevated feeder use two weeks after flight feathers were fully 

clipped (t169.9=5.97, p < 0.001), however, no such decline was observed in brown-feathered hens.  

The patterns seen on week 2 for the percentage of the time spent at the elevated feeder for both 

strains can also be seen four and six weeks after treatments were applied. Full clip white-feathered 

hens spent approx. 25% of their time feeding at the elevated feeder on week 4 (-42.1% from week 

0, t169.9=6.01, p<.0001) and week 6 (-39.2% from week 0, t169.9=5.60, p<.0001). For the remaining 

white-feathered hens, the control group (40-55%) and the half clip group (40-50%) did not change 

the percentage of time spent at the elevated feeder compared to baseline (all P > 0.05). Similarly, 

the brown-feathered hens did not differ in the percentage of time spent at the elevated feeder from 

baseline regardless of treatment (Appendix C). However, it is interesting to note that the half clip 

and full clip groups showed numerical decreases, while birds in the control group showed 

numerical increases over the weeks spent at the elevated feeder compared to week 0.  

The percentage of time spent at the elevated nest box differed depending on the strain and clipping 

status two weeks after treatments were applied (Appendix B; Appendix D). For white-feathered 

hens, the control and half clip group did not differ in the percentage of time spent at the elevated 

nest box. However, the full clip group spent 37% less time at the elevated nest box compared to 

week 0 (t170.2=4.12, p=0.0029). Both clipping treatments resulted in a reduction of time hens spent 

at the elevated nest box in brown-feathered hens two weeks after treatments were applied. Both 

clipping treatments reduced the time at the elevated nest box by more than 50%, with a stronger 

decrease in the full clip group (t124.1=5.96, p<.0001) than the half clip group (t121.5=5.48, p <.0001). 

The control group spent the same amount of time at the elevated nest box as before treatments 

were applied at week 0. 

The patterns of elevated nest box usage that emerged as a result of treatment application on week 

0 remained consistent four and six weeks after treatment application. For the white-feathered hens, 

the control group and half clip group did not differ from week 0 in the amount of time spent at the 
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elevated nest box (all P > 0.05). However, the full clip group spent less time at the elevated nest 

box on week 4 (-50.6% from week 0, t170.2=5.60, p <.0001) and week 6 (-60.7% from week 0, 

t170.2=6.72, p<.0001). For the brown-feathered hens, the control group spent the same amount of 

time at the elevated nest box over all weeks (all P > 0.05). However, both clipping treatment groups 

showed a major decrease in the amount of time spent at the elevated nest box, with the half clip 

group nearly halving the amount of time on week 4 (-45.8% from week 0, t126.3=3.60, p=0.0195) 

and more than halving the amount of time on week 6 (-60.0% from week 0, t122.9=5.78, p<.0001). 

Finally, the full clip group spent between 10-15% of their time at the elevated nest box on week 4 

(-61.7% from week 0, t126.9=4.60, p = 0004) and week 6 (-55.9% from week 0, t123.1=5.39, 

p<.0001). 

2.6 DISCUSSION 

When all flight feathers were clipped, the results showed that laying hens spent significantly less 

time accessing elevated resources (Table 2.7-1). Additionally, brown-feathered laying hens were 

the most affected, showing a decline in elevated resource use when both primary and secondary 

flight feathers were clipped (full clip) and when only primary flight feathers were clipped (half 

clip). In contrast, white-feathered hens were only affected by the full clip treatment. Lastly, both 

strains showed a higher usage of the elevated nest box from the start, which was reduced 

significantly after hens had their flight feathers clipped.  

All hens who received the full clip treatment had a noticeable decline in time spent accessing 

elevated resources. Provine et al. (1984) showed that as a species, domestic chickens possess wings 

that are not large enough to support their body weight, resulting in high wing loading and poor 

flight ability. When hens had fully clipped flight feathers, wing area was reduced by ~55% per 

wing. It is likely that by further reducing wing area, laying hens were not able to accommodate an 

increase in wing loading and were physically restricted in their ability to move upwards. 

Alternatively, a reduction in wing area would require an increase in flight muscle power for a bird 

to support its body weight (Norberg, 2006). It is possible that an increase in power output would 

result in rapid fatigue of the flight muscles, and hens may opt to utilize ground resources to avoid 

associated energetic costs. In addition to an increase in wing loading, lost and damaged flight 
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feathers are known to result in stability challenges (Leblanc et al., 2016), reduced aerodynamic 

efficiency (Beaufrère, 2009), and poor maneuverability (León et al., 2021). All these factors may 

cause a reduction in elevated resource access. While these consequences would make flying 

upwards to access resources difficult, they may also result in challenges in descending safely from 

platforms. Even when fully feathered, it has been shown that laying hens descend at a velocity of 

~3.94 meters/second (León et al., 2021). This means that laying hens move downwards at a fast 

rate, which can result in injuries or pain upon impact with the ground. This may be further 

exacerbated if laying hens feed on the elevated feeder and subsequently carry additional weight 

within their crop, increasing their mass and possibly increasing their descent velocity. Thus, hens 

may have decreased the amount of time spent at elevated resources to avoid discomfort associated 

with platform descent. 

The increased use of ground resources suggests that laying hens cannot make adjustments to 

accommodate lost wing area. This differs from some species of flying birds that will 

physiologically or mechanically adjust to maintain flight capabilities when wing area is lost. For 

example, the ruby-throated hummingbird has been shown to reduce body weight by up to 25% to 

compensate for increased wing loading during flight feather moult (Chai, 1997). And starlings 

with experimentally removed flight feathers will shift from an elliptical to a figure-eight wingtip 

trajectory to accommodate for lost wing areas (Swaddle et al., 1999). Many species of flying 

insects are subject to loss of wing area through collisions (Higginson and Gilbert, 2004; Foster and 

Cartar, 2011) and predatory attacks (Shapiro, 1974). While this may result in decreased 

manoeuverability, insects are able to adjust flapping kinematics such as flapping frequency 

(Hargrove, 1975; Jantzen and Eisner, 2008; Muijres et al., 2017), flapping amplitude (Jantzen and 

Eisner, 2008; Muijres et al., 2017), and stroke plane angle (Kassner et al., 2016) to maintain flight 

ability. As the cuticle of insect wings appears to lack healing ability (Newman, 1982), it seems 

reasonable that evolutionary adaptations to accommodate wing area reduction during flight are 

under strong selection. This would not be important for the survival and fitness of commercial 

laying hens and highlights a possible reason for hens being poor flyers. 

Ground-level feeders were used over elevated feeders in brown-feathered birds regardless of 

clipping treatment. This result expands on the general results of other studies where brown-
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feathered birds are less aerial than white-feathered birds (Ali et al., 2016; Kozak et al., 2016; Pufall 

et al., 2021). Unexpectedly, there was no difference in half-clipped and fully-clipped brown-

feathered birds in their usage of the ground feeder. We expected that the increase in flight feather 

clipping (from 33% to 55%) would increase ground-level feeder use; however, it might be that a 

more than 20% wing area loss was not linearly proportional to the reduction in elevated feeder 

usage. On the other hand, the clipping treatment applied in the present experiment may not have 

been sufficient to change behaviour. Furthermore, there might be a general effect of wing-surface 

area in brown-feathered birds and their ground-level foraging preference rather than the amount 

of flight feathers clipped/removed. Additionally, it is possible that brown-feathered hens who 

received a clipping treatment may have had a strong ground-level feeder preference prior to the 

clipping treatment. White-feathered fully clipped hens were the only group to spend significantly 

less time at the elevated feeder and nest box after treatments were applied. The half clipped and 

control white-feathered hens maintained the same pattern of use before and after treatment 

application. Previous studies suggest that white-feathered laying hens are already at a flight deficit 

due to high wing loading relative to bodyweight with intact flight feathers (León et al., 2021). Due 

to this, heavier strains of laying hens, such as the brown-feathered hens used in this study, may be 

the most impacted by minimal losses to flight feathers. Brown-feathered hens were significantly 

heavier than the white-feathered hens in this study. We thus interpret that the ~33% reduction to 

wing area (half clip) had a greater effect on the brown-feathered hens. This is likely due to their 

heavier mass (with implications for wing loading) and greater energetic costs associated with flight 

compared to white-feathered hens. Alternatively, the white-and brown-feathered hens used in this 

trial came from different rearing environments that may have affected baseline preferences for 

ground-level and elevated resources.  

The full clip (white- and brown-feathered hens) and half clip (brown-feathered hens) treatments 

significantly reduced the amount of time that laying hens spent at the elevated nest box. Hens are 

highly motivated to lay an egg within a secluded nest box (Kruschwitz et al., 2008). In multi-tiered 

housing systems, nest boxes are typically seen on the upper tiers. Our results indicate that when 

hens were missing flight feathers, they transitioned to primarily using nest boxes on the ground. 

This suggests that hens with clipped flight feathers had a reduction in flapping flight performance. 
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Given that hens must carry around the weight of their egg (50-60g) prior to laying, they may be 

unable to accomplish flight with this additional mass when wing area is reduced. While the 

locomotion of laying hens pre- and post-laying is currently unknown, the additional mass of an 

egg could lead to unsuccessful attempts at reaching the elevated nest box site. Not only may this 

result in more eggs laid on the ground, an undesirable outcome for farmers, but this may also be a 

source of frustration for laying hens.  Additionally, in the case that many hens within a flock have 

missing or damaged flight feathers, it may be that a larger proportion of hens will remain on the 

ground. This could result in overcrowding and the inability of hens to make use of the full three-

dimensional space in the rearing system. 

In using RFID technology, we were able to record the amount of time that a hen spent within the 

range of specific antennas placed at specific locations, as well as the total number of visits to these 

locations. This technology is, however, not without limitations as it does not allow us to know how 

much time birds spent on platforms and perches away from antenna sites, which behaviours were 

performed at antenna sites, or how birds locomoted to different areas (jumping, flapping, etc.). For 

these same reasons, the data acquired for the number of visits to each antenna location was not 

utilized as we could not differentiate a hen who ascended to a platform one time and made multiple 

visits to an elevated resource from a hen who ascended multiple times to access a resource the 

same amount of times. Additionally, as there were no other behavioural measurements, we cannot 

completely rule out that when clipped birds spent more time at the ground resources, it resulted in 

an increase in competition for these resources, forcing non-clipped birds to move up to utilize 

elevated resources. However, our data suggests that this is not the case as non-clipped birds showed 

the same pattern of feeder usage throughout the trial. We utilized symmetric flight feather clipping 

to simulate wing feather loss/damage. However, not all feather loss is equal, and we assume 

symmetric damage is less likely to occur naturally. To improve understanding of the effects of 

asymmetrical feather loss and loss of wing area due to wear, it would be useful for future research 

to investigate the effects of natural (i.e., unmanipulated) feather damage on resource use of hens 

who have incurred wing feather loss and damage within their housing environment. 

In addition to flight feathers, a heavily targeted area of feather pecking behaviour that may 

significantly affect upwards mobility are the tail feathers of laying hens. The tail feathers play a 
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role in stability, balance, and braking during landing (Thomas, 1997). During takeoff, birds will 

generate force by flaring and depressing their tails in synchrony with their first wingbeat (Thomas, 

1997). Multiple studies have shown that the tail is one of the most targeted areas of feather pecking 

and may be fully denuded by the end of the lay period (Bright et al., 2006; Hartcher et al., 2015; 

Giersberg et al., 2017). This presents an interesting research avenue to investigate how tail feather 

clipping may impact flight kinematics and resource usage of laying hens. 
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2.7 TABLES AND FIGURES 

Table 2.7-1 Percentage of time that white- and brown-feathered hens (n=120) spent at the elevated 

feeder and elevated nest box (calculated from the total number of minutes at the ground + elevated 

feeder, or nest box) on week 0 (baseline week before treatments were applied), and 2, 4, and 6 

weeks after treatment application. Within each treatment group, identical letters (a or b) represent 

least squared means that are statistically similar to one another. 

Elevated feeder 

Strain   White-feathered  Brown-feathered 

  Control  Half clip  Full clip  Control  Half clip  Full clip 

Weeks  (%)  (%)  (%)  (%)  (%)  (%) 

0 
 

46.39 ± 

7.98a  

48.60 ± 

8.80a  

65.31 ± 

8.70a  

21.38 ± 

7.76a  

29.04 ± 

8.35a  

21.48 ± 

8.20a 

2 
 

48.84 ± 

7.98a  

51.17 ± 

8.70a  

23.56 ± 

8.70b  

28.44 ± 

7.82a  

10.04 ± 

8.48a  

10.51 ± 

8.42a 

4 
 

42.38 ± 

7.98a  

46.41 ± 

8.70a  

23.25 ± 

8.70b  

24.06 ± 

9.32a  

13.06 ± 

10.10a  

9.37 ± 

10.49a 

6   
54.96 ± 

7.98a 
 38.62 ± 

8.70a 
 26.15 ± 

8.70b 
 37.21 ± 

7.90a 
 15.17 ± 

8.61a 
 18.35 ± 

8.55a 

Elevated nest box 

Strain   White-feathered  Brown-feathered 

  Control  Half clip  Full clip  Control  Half clip  Full clip 

Weeks  (%)  (%)  (%)  (%)  (%)  (%) 

0 
 

63.50 ± 

9.30a  

75.98 ± 

10.25a  

76.95 ± 

10.10a  

55.13 ± 

10.58a  

77.46 ± 

11.54a  

71.40 ± 

11.48a 

2 
 

63.89 ± 

9.30a  

78.38 ± 

10.10a  

39.70 ± 

10.10b  

48.45 ± 

10.58a  

23.19 ± 

11.73b  

12.89 ± 

11.48b 

4 
 

62.96 ± 

9.30a  

66.92 ± 

10.10a  

26.33 ± 

10.10b  

45.05 ± 

12.60a  

31.71 ± 

14.21b  

9.67 ± 

14.78b 

6   
65.24 ± 

9.30a  

62.01 ± 

10.10a  

16.24 ± 

10.10b  

40.16 ± 

10.68a  

17.51 ± 

12.13b  

15.53 ± 

12.06b 
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Figure 2.7.1 Diagram of experimental pen setup including two views: frontal and bird’s eye view. 

Each hen was housed in a floor pen (183L x 244W x 290 H) furnished with two elevated platforms 

(122L x 31 W x 70 H), a high perch (244 L at 150 H cm), a low perch (122 L at 70 H cm), two 5-

kg hanging feeders fixed with two wooden boards and an RFID antenna, and two individual nest 

boxes each containing an RFID antenna. 
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Figure 2.7.2 Diagram of treatments applied to flight feathers of laying hens (n=120) at the end of 

week 0, following baseline measurement acquisition. Treatment groups included the control group 

in which all flight feathers were left intact (4 hens/pen); the half clip group in which the primary 

flight feathers were trimmed (3 hens/pen); and the full clip group in which all of the primary and 

secondary flight feathers were trimmed (3 hens/pen). 

 

Figure 2.7.3 Experimental timeline. The experiment took place over the course of 8 weeks. RFID 

equipment was rotated amongst 12 pens that were grouped into one of four groups (3 pens per 

group). Two groups were recorded each week, resulting in an alternating recording schedule. On 

week 0, a baseline RFID recording was taken, followed by the application of treatments 

(represented as scissors in the diagram). Recordings were then taken every two weeks post-

treatment application for 6 weeks. 
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Chapter 3: Wing-feather loss in white-feathered laying hens leads to 

pectoralis muscle thickness decrease but does not increase keel bone fracture 

risk 

3.1 ABSTRACT 

Feather loss in domestic chickens (Gallus gallus domesticus) can occur due to normal wear-and-

tear, disease, or bird-to-bird pecking. Loss or damage to flight feathers, in particular, may decrease 

wing use, potentially cause pectoral muscle (pectoralis + supracoracoideus) loss, and adversely 

impact the keel bone to which the pectoral muscles are anchored. Notably, feather loss and 

accompanying muscle weakness are hypothesized to be risk factors for keel bone fractures that are 

reported in up to 98% of chickens kept in backyards or on farms. To assess the impact of feather 

loss in laying hens, we used ultrasound to measure changes in pectoral muscle thickness and X-

rays to assess keel bone fracture prevalence following the symmetric clipping of primary and 

secondary feathers in white- and brown-feathered birds. Four and six weeks after wing feather 

loss, pectoralis muscle thickness decreased by ~5%, while lower leg muscle thickness increased 

by ~5% in white-feathered birds only. The loss in pectoralis muscle thickness may reflect wing 

disuse followed by muscle atrophy.  In contrast, the increase in leg muscle thickness may reflect 

increased bipedal locomotion. Interestingly, muscle thickness in brown-feathered hens was 

unaffected by wing feather loss. Finally, pectoralis muscle thickness was not associated with keel 

bone fractures in either white- or brown-feathered birds. Overall, our data shows that white-

feathered birds are more sensitive to feather loss, exhibiting loss of pectoralis muscle thickness 

following wing clipping. Given that feather loss can occur in up to 95% of birds, future prevention 

strategies should focus on birds that are more susceptible to muscle loss associated with wing 

feather damage. 

3.2 KEYWORDS 

Feather loss, Wing use, Muscle adaptations, Keel bone fracture, Laying hens 

3.3 INTRODUCTION 

Flying birds need relatively large wing muscles. To physically accommodate these muscles, birds 

have a protrusion of the sternum called the keel bone. Originating from this bone is the pectoralis, 
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a muscle that inserts onto the humerus and pulls the wing down during a downstroke. The 

antagonist, the supracoracoideus, attaches to the keel and lifts the wing by its tendon, creating a 

pulley over the coracoid to connect with the humerus and generate an upstroke (Edwards, 1886). 

Together, these muscles produce the forces necessary for flight. These energy-consuming flight 

muscles are capable of rapid physiomorphic changes in size and composition in response to 

environmental cues, such as feed intake and temperature, or during ageing, moulting, or migratory 

events (Landys-Ciannelli et al., 2003; Oudman et al., 2016; Piersma et al., 2021). To illustrate, 

sequential ultrasound measurements of the pectoral muscles showed that changes to muscle 

thickness could occur rapidly, parallel with body mass decrease, and even within a 10-hour 

endurance flight in migratory birds (Lindström et al., 2000).  

Phasianidae, including domestic chickens kept for egg-laying, are heavy birds with strong leg 

muscles (Coles, 2009). These birds are found predominantly on the ground walking, running, 

jumping and scratching. They have limited flight capabilities due to naturally high wing loading 

(Tobalske and Dial, 2000). Léon et al. (2021) showed that laying hens descend at a velocity of 

nearly 4 m/s, two to three times greater than adept fliers (Green and Cheng, 1998; Berg and 

Biewener, 2010; Provini et al., 2014), meaning they have poor flight control. However, birds' flight 

control capabilities may be further challenged by reducing wing area through natural feather moult, 

feather loss, and damage due to bird-to-bird pecking. Indeed, bird-to-bird pecking occurs in 15-

95% of backyard chickens and birds kept on farms and can result in featherless hens over time 

(Elkhoraibi et al., 2014; Van Staaveren and Harlander, 2020). This reduction to wing area leads to 

even more increased wing-loading and could reduce flight capabilities further, possibly resulting 

in fractures of the protruded keel.  

Despite keel bone fractures being detected in up to 97% of birds of different strains kept for egg-

laying, the causes for keel bone fractures are still unknown (Harlander-Matauschek et al., 2015; 

Rufener and Makagon, 2020). Many studies investigating the origins of keel bone fractures have 

assumed collisions as a probable source of fracture. However, it has been shown that a majority of 

fractures likely originate from within the bird, potentially from egg laying or due to forces from 

the flight muscles (Thøfner et al., 2020). A currently unexplored area of research that may explain 

the origins of keel fracture is the activity of the flight muscles (pectoralis and supracoracoideus). 



 

 

29 

 

Hens housed in cages have limited space to move and exercise their flight muscles, which has been 

shown to contribute to low leg and wing bone density (Fleming et al., 1994; Whitehead and 

Fleming, 2000) and reduced weight of the flight muscles (Casey-Trott et al., 2017c). On the 

contrary, it has been shown that laying hens given the opportunity to exercise have greater bone 

density of their keel, tibiae, humeri, and radii (Leyendecker et al., 2005; Silversides et al., 2012; 

Regmi, 2015; Regmi et al., 2016). As the flight muscles are large and place tremendous amounts 

of force onto the keel bone (Tobalske et al., 2003b), it seems likely that inactive hens would have 

a weaker keel bone. The weaker keel bone can then be subject to fracture during bouts of vigorous 

wing flapping, a common occurrence during fear/panic responses (Tobalske and Dial, 2000) or 

slips from perches (Leblanc et al., 2016) and platforms.  

Investigations into the muscle and bone development in relation to keel bone fractures have been 

limited due to the need to sacrifice birds to conduct measurements. With recent advances in 

technology, there are now less invasive ways to objectively measure keel bone fractures through 

radiography (Clark et al., 2008; Richards et al., 2011; Širovnik and Toscano, 2017) and muscle 

thickness using ultrasonography (Farhat and Chavez, 2001; Oviedo-Rondón et al., 2007) over 

time. Muscle thickness is shown to decrease or increase in humans undergoing periods of muscle 

disuse or training (de Boer et al., 2008; Simão et al., 2010), respectively. In chickens, muscle 

thickness is correlated with breast muscle weight and size (Kleczek et al., 2009). To the best of the 

authors' knowledge, no one has investigated the relationship between flight restriction and flight 

muscle use/thickness in relation to keel bone fractures in chickens. 

Therefore, in the present study, we used a symmetric reduction in wing area to mimic damaged 

wing feathers as a tool to restrict flight in chickens. We evaluated adaptive changes in flight muscle 

(M. pectoralis and supracoracoideus) and lower leg muscle (M. gastrocnemius pars medialis, M. 

fibularis lateralis, and M. tibialis cranialis caput tibiale and femorale) thickness, as well as keel 

bone fracture presence over a 6-week period. We used adult brown- and white-feathered hens with 

three levels of feather clipping: unclipped, half-clipped (only primary feathers clipped), and full-

clipped (both primary and secondary feathers clipped). We predicted that progressive increases in 

wing loading due to feather clipping would cause an incremental adaptive reduction in thickness 

of the pectoralis and supracoracoideus, as increased wing loading/flight feather clipping reduces 
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the use of aerial resources, and thus the use of wings in laying hens (Garant et al., in submission; 

Chapter 2). Due to the "power-training" of increased ground locomotion, the opposite was 

expected in the lower leg muscles. Finally, we assumed birds with greater wing loading were more 

likely to show keel fractures due to forces on the keel from a higher wing flapping frequency, a 

behavioural mechanism to compensate for wing area loss, and the resultant internal strain would 

produce fractures of the keel. 

3.4 MATERIALS AND METHODS 

3.4.1 Ethical statement 

This study was approved by the University of Guelph Animal Care Committee (Animal Utilization 

Protocol Number 3908) prior to the start of data collection. 

3.4.2 Animals and housing 

A total of 120 female domestic chickens of two strains (white-feathered aged 34 weeks; brown-

feathered aged 39 weeks) were divided into 12 identical floor pens (183 L x 244 W x 290 H cm); 

Figure 2.7.1 (Chapter 2). Each pen housed 10 hens (one strain per pen) and each hen was fit with 

an individually numbered  identification "backpack" made with two elastic straps attached via 

eyelets to a soft silicone rectangle (14.5 x 6 x 0.2 cm) (Harlander Matauschek et al., 2010). Pens 

were bedded with wood shavings and located in a ventilated, windowless room (14:10 L:D cycle) 

at the Research Station of the University of Guelph (Guelph, ON). Each pen was fixed with two 

identical slatted platforms (122 L x 31 W x 70 H cm) and a perch attached to the long side of one 

platform (122 L at 70 H cm). A second perch was the highest point in the pen and spanned the 

width of the pen (244 L at 150 H cm). Hens had access to feed in two 5-kg hanging feeders 

(Frandsen Corporation, North Branch, Minnesota, USA) and two nest boxes: one on the ground 

and the second atop a platform (Figure 2.7.1), and water from 12 nipple drinkers. White opaque 

boards were placed along adjoining pen walls to prevent contact and social learning from hens of 

neighbouring pens. Hens were maintained on a commercial management plan.  Temperature of the 

barn was recorded prior to and during the trial. In the 4 weeks leading up to the trial's start date, 

the barn temperature averaged at ~24˚C (max. 27.3˚C) and during the trial the average temperature 

was ~21˚C (max. 23.2˚C). 
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3.4.3 Flight feather clipping treatment 

Beginning on week 0, after baseline measures of muscle thickness (see further) had been acquired, 

hens received one of three wing clipping treatments to both wings as per Garant et al. (in 

submission; Chapter 2, Figure 2.7.2). Treatments were applied to randomly selected birds within 

each pen in a way that each of the three treatments were represented within each pen (approx. 3 

birds/treatment/pen).  In brief, treatments included clipping of the primary and secondary flight 

feathers (full clip; 55.4% reduction to wing area); clipping of the primary flight feathers (half clip; 

32.5% reduction to wing area), and no clipping (unclipped; 0% reduction to wing area) (Garant et 

al.; León et al., 2021). The flight feather clipping technique was adapted from Harrison and 

Flinchum (2006) and involved clipping the flight feathers along the edge of the coverts with sterile 

scissors, paying special attention to avoid nicking newly forming blood feathers (Startup, 1967). 

3.4.4 Muscle thickness 

A portable ultrasound machine (EBit 50 Unit, Digital Color Doppler Ultrasound System, Chison 

Medical Technologies, Bellevue, WA, USA) was used to obtain cross-sectional images of the 

breast (Pectoralis and supracoracoideus) and lower leg muscles (M. gastrocnemius pars medialis, 

M. fibularis lateralis, and M. tibialis cranialis caput tibiale and femorale) on week 0 (baseline, 

before clipping treatment), and 2-, 4-, and 6-weeks after clipping application. Images were 

obtained for the left and right breast and lower leg muscles. To obtain images, each hen was gently 

restrained by hand and placed on their backs on the lap of an assistant. Feathers were gently parted 

(not detached) to expose the skin, and multipurpose ultrasound gel (Wavelength Ultrasound Gel 

(blue), National Therapy Products, Brampton, ON, Canada) was used as a contact agent. A high 

frequency 7.0 – 18.0 MHz linear transducer was used to capture images. Transducer placement 

was adapted from Dietz et al. (1999) to ensure consistent placement to obtain comparable results. 

The flat end of a plastic vernier caliper was placed at the cranial apex of the keel, lying 

perpendicular to its length to form a 90° angle. The transducer was placed caudal to the caliper 

and perpendicular to the keel, and the image was captured. The pectoralis was measured from 

below the skin to the epimysial fascia, and the supracoracoideus was measured from just below 

the epimysial fascia to the keel bone (Figure 3.8.1). 
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To ensure consistent transducer placement when imaging the lower legs, each hen was gently 

restrained and placed laterally on their left (for left leg) or right side (for right leg) in the lap of an 

assistant.  The holder would gently hold both feet such that the shank and lower leg formed a 90° 

angle. With the leg in this position, the flat end of a plastic vernier caliper was placed just below 

the knee and perpendicular to the tibiotarsus (Appendix H). The transducer was placed caudal to 

the caliper. Lower leg thickness measurements included the cumulative measurement of the M. 

gastrocnemius pars medialis, M. fibularis lateralis, and M. tibialis cranialis caput tibiale and 

femorale. Thickness was measured between the skin of the lateral and medial sides of the lower 

leg (Figure 3.8.1).  

Images were transferred from the ultrasound system to a computer where ImageJ software was 

used to obtain muscle thickness measurements (cm) (Abràmoff et al., 2004). The person who 

analyzed the images was unaware of the treatments and scored each image 3 times to obtain an 

average for each measurement. Left and right muscle measurements were then averaged to give 

one measure of thickness per muscle measured (pectoralis, supracoracoideus, lower leg) for each 

time point of data collection (week 0, 2, 4, 6). 

3.4.5 Bodyweight and keel bone fractures 

The weight of each hen (kg) was recorded on weeks 0 (baseline), and 2-, 4-, and 6 weeks after 

treatment application. X-ray imaging was used to determine if keel bone fractures were present.  

Digital radiographs were obtained with a Poskom VET-20BT portable x-ray unit (Promark 

Imaging, Toronto, ON, Canada) on week 0 (baseline measure) and 6 weeks after clipping, as 

adapted from Woolcott et al. (2018). Imaging was conducted inside a steel-doored concrete room 

at the Research Station of the University of Guelph. A custom-made wooden box fixed with 

evisceration shackles was used to position hens for imaging laterally. The wooden box contained 

a built-in add-on for a wireless DD imagine receptor panel (dimensions: 29 cm x 24 cm x 31 mm, 

weight: 3.4kg). The x-ray unit was suspended ~80 cm from the receptor panel as each image was 

taken (image matrix of 19.65 x 23.6 cm, resolution of 77 micron @2560 x 3072 pixels). A built-

in crank allowed the height of the panel to be adjusted depending on hen size to allow proper 

alignment of the panel with the keel bone. The legs of each hen were gently placed into the 
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shackles, and hens remained in an upside-down position for ~10 seconds as the image was taken 

(Širovnik and Toscano, 2017). The image quality and image density parameters of the x-ray unit 

were 90 kVp and 20 mAs, respectively. As the receptor panel had a 2.4 GHz and 5.0 GHz wireless 

gigabit interface, radiographs were directly stored onto a wirelessly connected computer as images 

were taken. 

After obtaining radiographs (Figure 3.8.2), images were scored by a trained observer unaware of 

the treatments for the presence and severity of keel bone fractures based on online tutorials and 

instruction provided by Rufener et al. (2018). In brief, keel fracture severity was assessed on a 0-

5 scale according to severity. A score of  "0" indicated no fracture while a score of  "5" indicated 

extremely severe fracture (fracture(s) affecting a large area of bone; often with dislocated 

segments). A score > 0 was used to assign the presence or absence (score 0) of keel bone fracture 

in the birds. 

3.4.6 Statistical analysis 

Due to missing images and injurious pecking that occurred throughout the trial, nine brown-

feathered birds were removed from the keel bone data (3 full clip, 2 half clip, 4 unclipped) leaving 

a final 111 birds. Similarly, for the muscle thickness and bodyweight data analysis this meant that 

2 brown-feathered hens were removed from the analysis on week zero (2 unclipped), 5 hens by 

week 2 (2 full clip, 1 half clip, 2 unclipped); seven hens by week 4 (2 full clip, 1 half clip, 4 

unclipped); and 11 hens by week 6 (4 full clip, 3 half clip, 4 control). As such, the final number of 

birds included in muscle thickness/bodyweight analysis was 118 (0 weeks), 115 (2 weeks), 113 (4 

weeks), 109 (6 weeks).  

Change in muscle thickness was calculated as the difference between muscle thickness at time of 

measurements (2, 4, 6 weeks after clipping) and baseline (week 0) expressed as a percentage of 

baseline muscle thickness with the following equation: 

(
(𝑀𝑢𝑠𝑐𝑙𝑒 𝑇ℎ𝑖𝑐𝑘𝑛𝑒𝑠𝑠𝑤𝑒𝑒𝑘 𝑥 − 𝑀𝑢𝑠𝑐𝑙𝑒 𝑇ℎ𝑖𝑐𝑘𝑛𝑒𝑠𝑠𝑤𝑒𝑒𝑘 0)

𝑀𝑢𝑠𝑐𝑙𝑒 𝑇ℎ𝑖𝑐𝑘𝑛𝑒𝑠𝑠𝑤𝑒𝑒𝑘 0
) 𝑥 100 

The percentage change in bodyweight was calculated in a similar manner. 
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Analyses of percentage change in muscle thickness were conducted with a generalized linear 

mixed model procedure (PROC GLIMMIX) in SAS v 9.4 (SAS Institute Inc., Cary, NC, USA, 

2012) for the pectoralis, supracoracoideus, and lower leg muscles.  Each model evaluated the 

percentage change in muscle thickness in comparison to the baseline (week 0) using fixed effects 

of flight feather clipping treatment (control, half clip, full clip), strain (white-feathered, brown-

feathered) and their interaction. A similar calculation and analysis was conducted for the 

percentage change in bodyweight. Least squared means (LSM) and standard error (SE) are 

presented to compare the percentage change between clipping treatments over time compared to 

baseline (week 0) within each strain unless stated otherwise. Additionally, we evaluated whether 

the percentage change was significantly different from zero.  

The relationship of keel bone fracture presence and percentage change of the pectoralis muscle 6 

weeks after clipping was analyzed with a generalized linear model procedure (PROC GLIMMIX) 

in SAS v 9.4. The model evaluated the percentage change in pectoralis muscle thickness six weeks 

after clipping using fixed effects of fracture presence score (0 - no fracture, > 0 – fracture present), 

and bird strain (white-feathered, brown-feathered) and their interaction.  

Normally distributed residuals and homogeneity of variance were assessed with studentized 

residual plots, and the distribution of best fit was determined with the Shapiro-Wilk statistic. A 

Kenward-Roger approximation was used to calculate degrees of freedom, and a Tukey-Kramer 

adjustment was used to account for multiple comparisons.  Results were considered statistically 

significant at a P-value of < 0.05.  

Keel bone fracture presence was categorized as 0 (no fracture) and 1 (fracture present, score > 0). 

Analysis of fracture presence was conducted with a generalized linear model procedure (PROC 

GLIMMIX) in SAS v 9.4 for binary outcomes. The odds of having fractures (0,1) were modelled 

using week (week 0, week 6), flight feather clipping treatment (control, half clip, full clip), and 

strain (white-feathered, brown-feathered), and their interactions as the fixed effects. Results are 

presented as odds ratio and 95% confidence interval where an odds ratio >1 indicates a higher risk 

of keel bone fracture. Due to a small proportion of birds having severe scores, the keel bone 
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fracture severity was not further analyzed (score 0: 51.4%, score 1: 27.9%, score 2: 14.4%, score 

3: 5.4%, score 4: 0.9%, score 5: 0.0%). 

3.5 RESULTS 

Muscle thickness (mm) values of the pectoralis, supracoracoideus, lower leg muscles, as well as 

bodyweight (g) from week 0 are presented in Table 3.8-1 and the percentage change of these 

variables in Table 3.8-2. The percentage change is shown over time (2-, 4-, and 6-weeks after 

clipping compared to week 0) within white- and brown-feathered birds for each clipping treatment. 

A positive percentage change indicates that the muscle was thicker than at week 0, while a negative 

percentage change indicates a thinner muscle than at week 0. 

3.5.1 Pectoralis 

Two weeks after clipping, all hens, regardless of strain or treatment group, showed a significant 

increase (7% to 19%) in pectoralis thickness (Table 3.8-2, all P < 0.05). Within the white-feathered 

birds, this increase in muscle thickness did not differ between the differently clipped groups. 

However, considering the brown-feathered strain, the unclipped hens showed the largest increase 

in muscle thickness, nearly double the increase in the half clip group (t99.6 = 2.51, P = 0.0366). The 

full clipped birds showed an intermediary increase that did not differ from the half clipped (t99.3 = 

0.30, P = 0.9507) or the unclipped birds (t100.5 = 2.13, P = 0.0891; Table 3.8-2).  

Four weeks after clipping, the thickness increases observed 2 weeks post-treatment had reduced 

such that there was no significant change from week 0 for nearly all clipping groups of both strains 

Only the brown-feathered unclipped hens maintained a significant thickness increase of over 10% 

(t97.55 = 2.59, P = 0.0292) which differed from the lesser increase of the half clip birds (6.59 ± 

3.71%, t97.11=2.70, P = 0.0223).  

While the white-feathered strain showed no difference between clipping groups at 2 weeks, at 4 

weeks after clipping the unclipped birds started to differ from the half clipped (t97.1 = 2.78, P = 

0.0178) and full clipped (t97.1 = 2.70, P = 0.0223). The pectoralis muscle became numerically 

thinner compared to week 0 in half and full clipped birds, while it stayed numerically thicker 
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compared to week 0 in unclipped birds. Consequently, both the half and full clip birds showed a 

relative decrease in thickness compared to the unclipped birds where muscle remained thicker.  

Six weeks after clipping, the pectoralis thickness increase observed two weeks post-clipping 

declined further such that now the half (t42.6= -2.50, p=0.0165) and full clipped (t42.6=-2.60, 

p=0.0129) white-feathered birds had significantly thinner muscles compared to week 0. In contrast, 

the unclipped white-feathered birds had the same muscle thickness at 6 weeks as at week 0 (Table 

3.8-2). Therefore, half clipped and full clipped birds had significantly thinner pectoralis muscles 

compared to the unclipped group (t92.2=2.65, p=0.0254; t92.2=2.73, p=0.0076 respectively). 

In the brown-feathered birds, no differences were observed anymore between clipping treatments 

at week 6. However, unclipped brown-feathered hens were the only ones to maintain a significant 

thickness increase compared to week 0 (t36.7=2.70, p=0.0105). 

3.5.2 Supracoracoideus 

Two weeks after clipping, the supracoracoideus was less thick compared to week 0 regardless of 

clipping treatment, however, this decrease was only significant in the brown-feathered birds (all P 

> 0.05, Table 3.8-2). No differences were observed between unclipped, half-clipped and fully 

clipped birds within either the white- or brown-feathered strain (Table 3.8-2). The 

supracoracoideus decrease for the brown-feathered strain remained four weeks after clipping in all 

treatment groups (all P > 0.05).  

For the white-feathered strain, the supracoracoideus was nearly 6% thinner after four weeks than 

before clipping in the full clip group (t22.88= -4.10, p=0.0004), while no change was observed in 

the unclipped and half-clipped birds. This decrease in thickness was significantly different from 

the numerical decrease in the white-feathered unclipped group (t97.3=2.62, P = 0.0270), but similar 

to the numerical decrease seen in the half-clipped group (Table 3.8-2). Six weeks after clipping, 

the supracoracoideus was of similar thickness as in week 0 in both strains, and no differences were 

found between birds with different flight feather clipping. 
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3.5.3 Bodyweight and lower leg muscles  

There were no significant changes to bodyweight or lower leg muscle thickness 2-, 4-, and 6-weeks 

after clipping was applied for the brown-feathered strain. Furthermore, the clipping status of the 

brown-feathered birds did not lead to differences in percentage change of bodyweight or lower leg 

muscle thickness at any of the time points (Table 3.8-2).  

In white-feathered birds, the lower leg muscles became generally thicker compared to week 0 (all 

P < 0.05), with the only exception in full clipped birds at four weeks (Table 3.8-2). While the 

muscles became thicker (approx. 4% to 9%), this increase in muscle thickness was the same in 

unclipped, half- clipped and full- clipped birds (Table 3.8-2). Interestingly, the half- and full-

clipped birds also showed a long-lasting decrease in bodyweight (3% to 6.5% decrease) that 

remained noticeable throughout the trial (2-, 4-, and 6-weeks post-clipping). Their bodyweight was 

consistently lower than what it had been at week 0, while the unclipped birds remained at the same 

bodyweight as at week 0. This showed a significantly higher percentage change in the unclipped 

birds' bodyweight than the half and full clipped birds (Table 3.8-2). 

3.5.4 Keel bone fractures 

The percentage of birds with keel bone fractures at baseline (week 0) and 6-weeks after clipping 

are presented in Table 3.8-3. Fracture rates were identical between white and brown-feathered 

birds at baseline and 6 weeks after flight-feather clipping. Nearly all white-feathered (92.9%) and 

brown-feathered hens (80.8%) had a mild fracture (score 1 or 2) 6 weeks after treatment 

application; only 6.31% of hens had a moderate-severe fracture (score 3 or 4), and none of the 

hen's keels had a severe fracture (score of 5). Overall, fracture rate of the entire flock (n=111) was 

48.6% by the trial's end.  

On week 0, 46 hens had at least one keel bone fracture (41.4% flock prevalence). This included 21 

brown-feathered and 25 white-feathered hens. Six weeks after clipping, 54 hens (26 brown-

feathered and 28 white-feathered) were found to have a keel bone fracture giving a 48.6% flock 

prevalence. The odds of having a keel bone fracture at 6 weeks after clipping was not different 

compared to before clipping was applied (week 0: 41.4%, week 6: 48.6%, OR = 1.43, 95% CI 0.82 
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– 2.48). Similarly, the odds of having keel bone fractures did not differ between white-feathered 

(44.2%) and brown-feathered hens (46.1%, OR = 0.9, 95% CI 0.57 – 1.73). Half clipped (52.9%) 

and fully clipped (37.9%) birds were not more likely to have keel bone fractures compared to 

unclipped birds (44.3%; OR = 1.4, 95% CI 0.73 – 2.65 (half), OR = 0.71, 95% CI 0.36 – 1.41 

(full), respectively). Furthermore, there were no significant differences between treatment groups 

within strains (Table 3.8-4).  

3.5.5 Relationship between keel bone fracture presence and pectoralis thickness 6 weeks 

post treatment 

Within the brown-feathered strain, birds with a keel bone fracture (score > 0) had a pectoralis 

thickness increase of 4.51 ± 2.13% six weeks after clipping. This thickness increase did not differ 

from brown-feathered birds without a fracture (score 0) (3.36 ± 2.16%; t98.5 = -0.42, P = 0.6767). 

Similarly, white-feathered birds with a fracture had a muscle thickness decrease of -1.52 ± 2.05% 

that did not differ from birds without fracture (-4.03 ± 1.94%, t103.5 = -1.00, P = 0.3197).  

3.6 DISCUSSION 

Wing feathers are susceptible to damage through wear and tear, disease, and bird-to-bird pecking. 

As such, we mimicked wing feather damage through symmetric flight feather clipping and 

subsequently used ultrasonography to study its effects on adaptive changes in pectoral and leg 

muscles in two strains of adult laying hens over a period of 6 weeks. We further hypothesized that 

internal muscle forces on the keel would increase the presence of keel fractures as a result of 

adaptive behavioural changes (increase in wing flapping frequency) used to compensate for wing 

feather damage.   

Regardless of damaged or undamaged wing feathers, pectoralis thickness was increased compared 

to baseline in white-and brown-feathered birds two weeks after treatment. This was surprising. In 

wild birds, flight muscle thickness increases during cold acclimatization (Liknes and Swanson, 

2011; Swanson and Merkord, 2013; Swanson and Vézina, 2015) as they are a primary thermogenic 

organ (Hohtola, 1982; Marsh and Dawson, 1989; Dawson and O’Connor, 1996). Theoretically, a 

temperature drop in the barn after baseline could lead to pectoralis muscle fiber contractions, 

shivering, generating heat as part of a negative feedback mechanism of maintaining body 
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temperature (Swanson, 1990; Petit et al., 2013; Petit and Vézina, 2014). There was a seasonal 

temperature drop that coincided with the week we begun our baseline measurements. In the 4 

weeks leading up to the trial's start date, the barn temperature averaged at ~24˚C (max. 27.3˚C) 

but during the trial the average temperature was ~21˚C (max. 23.2˚C). Numerous studies have 

reported that the growth of chickens is optimum at lower temperatures of 18-21˚C and declines at 

temperature values nearing or greater than 30˚C (Adams et al., 1962; Donkoh, 1989; Yahav et al., 

1996; Blahová et al., 2007). While temperature may have affected observed changes in pectoralis 

muscle thickness, the barn remained near 21˚C for the duration of the trial. Theoretically, observed 

thickness increases should have been maintained at this temperature rather than increasing 2 weeks 

post clipping, and declining to values similar to baseline by week 6.    

Damaged wing feathers (half- and full-clipped birds) were associated with pectoralis thickness and 

bodyweight decreases 4- and 6-weeks after clipping in white-feathered hens. Most of the flapping-

flight power comes from the downstroke generated by the pectoralis as wings move down and 

forward (Biewener, 2011). The loss in pectoral muscle thickness may reflect reduced muscle 

protein synthesis due to reduced flapping-flight activity induced by feather damage (particularly 

in the fully clipped birds) (Garant et al., in submission; Chapter 2), similar to skeletal muscle loss 

caused by inactivity in other species of birds (Gaunt et al., 1990; Nyeland et al., 2003). In addition, 

there is a connection between bodyweight and muscle mass in birds (Marsh and Storer, 1981; 

Lindström et al., 2000), which can explain the similar relationship found for pectoralis thickness 

and bodyweight changes. Garant et al. (in submission; Chapter 2) showed that damaged feathers 

in white-feathered laying hens reduced elevated feeder usage. Potentially, this could lead to 

reduced feed intake and muscles may have been catabolized to divert protein and energy to egg-

production; however, birds still had ad libitum access to feed through the ground feeder. Moreover, 

the feather loss, which represents a 3.98% loss in bodyweight, may have been a psychological 

stressor by limiting the birds’ freedom of movement to access a previously used resource (elevated 

feeder) and possibly increasing competition (ground feeder). This could potentially trigger a loss 

in appetite, reduced feed intake, and increased protein degradation of the pectoralis muscles, 

thereby, exacerbating muscle loss. Unfortunately, we were unable to measure individual feed 

intake in the current study but this should be considered in future experiments. 
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Interestingly, brown-feathered birds with undamaged wings showed an increased pectoralis 

thickness at the end of the trial. This could potentially be explained by the fact that birds with 

undamaged wings spent more than 2x as much time at elevated resources than brown-feathered 

birds with damaged (half clip and fully clipped) wings (Garant et al., In submission; Chapter 2). 

This this could indicate that changes in pectoralis muscle thickness require power-training in 

brown-feathered birds, similar to the effects of muscle training in other species (Goldspink, 1991; 

Kannus et al., 2007). It is unclear why the effect of clipping treatment showed as a reduction in 

muscle thickness in white-feathered birds (disuse; half/fully clipped) but as an increase in muscle 

thickness in brown-feathered birds (use; unclipped). Potentially, this difference could be explained 

through the fact that brown-feathered birds naturally are more ground-dwelling while white-

feathered birds are more aerial (Ali et al., 2016; Kozak et al., 2016; Pufall et al., 2021; Ross, 2021). 

In general, brown-feathered birds were less affected by feather damage as bodyweight, 

supracoracoideus thickness, and lower leg muscle thickness did not change over time after 

treatment. The maintenance of the thickness of these muscles and bodyweight suggests that the 

ground-dwelling behaviour of brown-feathered birds makes it easier to cope with wing feather 

damage. It is also possible that the supracoracoideus, which  produces minimal aerodynamic power  

(Marsh and Storer, 1981), is not as heavily relied upon as the pectoralis for aerial locomotion in 

brown-feathered birds. Brown-feathered chickens may use their powerful legs to jump up more so 

than relying on the strong upstroke of the supracoracoideus (personal observations). In contrast, 

when they descend they may flap more vigorously, activating the pectoralis for the downstroke, to 

reduce the decent velocity of their heavy bodies. This could potentially explain why stronger 

changes occurred to the pectoralis compared to the supracoracoideus. 

All white-feathered hens saw a significant increase in lower leg muscle thickness 2- and 6-weeks 

after the start of the trial. These increases could hypothetically be attributed to increased ground 

locomotion. However, as the birds with undamaged and damaged wings showed a similar increase 

this is likely not the case. Instead, it could be that the leg muscle thickness in all groups was simply 

increasing over time. The fact that the half and fully clipped birds however showed small decreases 

in their bodyweight compared to week 0 suggests that the reduction in bodyweight in these birds 
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did indeed not come from the loss of leg muscles but from the previously described loss of 

pectoralis muscles.  

Birds in this study were somewhat heavier than the published target weight according to the breed-

specific guidelines. White-feathered birds were 110g heavier than the target weight at the start of 

the trial (34-weeks of age) (Lohmann Tierzucht, 2020). Thus, while white-feathered birds with 

damaged wing feathers did lose ~5% of their bodyweight by the trial’s end, they were still within 

their target weight. Similarly, the brown-feathered birds also weighed approx. 184g more than 

their target weight (Hendrix Genetics). Small changes in bodyweight over the time period of the 

trial were to be expected (Hendrix Genetics; Lohmann Tierzucht, 2020). The fact that most of our 

birds (with the exception of the half and fully clipped white feathered birds) did not show a change 

in bodyweight over the course of the trial could be due to different factors including the fact that 

our birds were already heavier than projected. 

Fracture rates in our study were identical between white- and brown-feathered birds at baseline 

and 6 weeks after flight-feather clipping (Table 3). The overall keel fracture rate was similar to the 

35-65% reported by other studies of hens aged 30-50 weeks of age from various housing systems 

(Käppeli et al., 2011; Petrik et al., 2015; Casey-Trott et al., 2017b; Norman et al., 2021). The 

majority of these fractures were considered mild. Perhaps, if clipping had been applied at a younger 

age when hens were most active, there may have been a more prominent influence of treatment on 

keel fracture presence and severity. It is noteworthy to point out that 81.7% of fractures were 

present in the caudal area of the keel bone (data not shown), similar to results of Casey-Trott et al. 

(2017b) and Thøfner et al. (2020). This region is the last to fully ossify at 35-40 weeks of age 

(Buckner et al., 1949) and fractures in this area are thought to be mostly from internal factors rather 

than collisions. Internal factors of bird strain, age, or feather damage and the consequent changes 

in muscle thickness did not influence keel fractures in the current study, suggesting that other 

internal factors could play a role. It would have been interesting to relate our results to individual 

egg production as this is related to keel bone fractures (Rufener et al., 2019b). However,  Darwin 

noted a high level of keel deformation back in 1868 when documenting the physical characteristics 

of chickens (Darwin, 2010) that had not yet undergone selection for egg production. In summary, 
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there is more to keel bone fracture development than we currently understand and this highlights 

the need for continued research. 

Finally, there are some limitations to this study that should be acknowledged. Firstly, we used 

wing feather clipping as a tool to mimic feather damage and restrict flight in a home pen 

environment. However, it should be noted that this does not restrict birds in their ability to use 

their wings (stretching, flapping, etc.) and a quick trip up to a perch or platform may not be rigorous 

enough to incite any muscle changes. This could explain the limited differences observed between 

the clipping treatments. More restrictive immobilization techniques could have limited wing use 

further and allowed for larger differences in muscle thickness or keel bone fractures to be observed. 

Secondly, we used ultrasonography which allowed us to non-invasively track changes in muscle 

thickness of the same hens over several weeks. However, the technology is limited as muscles are 

3D structures, and growth/shrinkage can occur along multiple dimensions. Finally, a measure of 

keel bone density could be added in future studies to determine the degree to which flight muscle 

activity affects keel strength in adult hens in addition to the fracture outcome itself. However, 

measure of keel bone density requires sacrifice of the birds, which limits longitudinal measurement 

on the same bird which was the aim of this study.    

3.7 CONCLUSION 

We found evidence that feather damage induced by flight feather clipping alters the physiology of 

white-feathered laying hens, through a significant decrease to bodyweight and pectoralis thickness. 

In contrast, brown-feathered hens were not affected by feather damage possibly due to their more 

ground-oriented mobility. Additionally, the strain, feather damage and subsequent muscle 

thickness, or week post treatment were not associated with the presence of keel bone fracture. This 

implies that other internal factors could play a role in the development of keel bone fractures. Our 

study utilizes muscle thickness measurements, however additional methods, such as measuring fat, 

or muscle fiber loss/gain could help to establish the physiological mechanisms driving these 

results. Further investigations of the role that wing feather loss has on the flight muscles of laying 

hens are warranted. 
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3.8 TABLES AND FIGURES 

Table 3.8-1: Descriptive statistics (mean, SD–standard deviation, min–minimum, max–

maximum) for muscle thickness (mm), as measured by ultrasound, and bodyweight (g) in white- 

and brown-feathered birds at baseline (week 0), N is the number of birds. Measured muscles 

include the pectoralis, supracoracoideus, and lower leg (cumulative measurement of the M. 

gastrocnemius pars medialis, M. fibularis lateralis, and M. tibialis cranialis caput tibiale and 

femorale). 

        White-Feathered 

Muscle   Treatment  N Mean SD Min Max  

Pectoralis 
 Unclipped  24 5.150 0.420 4.400 6.320 

 Half Clipped  18 5.320 0.530 4.560 6.750 

 Full Clipped  18 5.330 0.420 4.620 6.110 
         

Supracoracoideus 
 Unclipped  24 10.740 0.480 9.590 11.710 

 Half Clipped  18 10.960 0.480 10.300 11.930 

 Full Clipped  18 10.930 0.570 9.920 11.920 
         

Lower leg   
 Unclipped  24 21.440 1.360 19.020 23.680 

 Half Clipped  18 21.560 1.310 18.720 23.420 

 Full Clipped  18 21.730 1.370 19.450 23.890 
         

Bodyweight 
 Unclipped  24 1777 148 1524 2130 

 Half Clipped  18 1828 145 1630 2140 

 Full Clipped  18 1825 116 1634 2060 

        Brown-Feathered  

Muscle  Treatment  N Mean SD Min Max 

Pectoralis 
 Unclipped  22 4.850 0.450 4.100 5.640 

 Half Clipped  18 4.940 0.490 4.180 5.740 

 Full Clipped  18 4.930 0.490 3.850 5.820 
         

Supracoracoideus 
 Unclipped  22 11.290 0.890 9.900 13.600 

 Half Clipped  18 11.510 1.070 9.890 13.420 

 Full Clipped  18 11.320 0.600 10.050 12.480 
         

Lower leg 
 Unclipped  22 26.410 1.720 22.650 29.750 

 Half Clipped  17 26.650 2.010 22.010 29.410 

 Full Clipped  18 26.460 1.990 22.650 29.190 
         

Bodyweight 
 Unclipped  22 2076 173 1846 2546 

 Half Clipped  18 2124 144 1924 2400 

  Full Clipped   18 2089 150 1830 2466 
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Table 3.8-2 Changes (%) least squared means (LSM) ±  standard errors of the mean (SE) in 

pectoralis, supracoracoideus and lower leg muscle thickness (cumulative measurement of the M. 

gastrocnemius pars medialis, M. fibularis lateralis, and M. tibialis cranialis caput tibiale and 

femorale) as measured by ultrasound, and bodyweight in white and brown-feathered hens 2-, 4-, 

and 6-weeks after wing feather damage (unclipped, half-, full clipped). Within a given muscle 

group and certain week, LSM± SE that do not share a letter superscript indicates that the 

percentage change from baseline/week 0 is significantly different between clipping treatments (P 

< 0.05). Values that are bolded show a percentage of change that is significantly different from 

baseline. 

White-Feathered 

Muscle   
  

Weeks since treatment 
 

Treatment 
 

2 Weeks 
 

4 Weeks 
 

6 Weeks 

  
     

 

Pectoralis 
 

Unclipped 
 

13.20 ± 3.09%A 
 

2.97 ± 3.44%A 
 

1.70 ± 2.06%A  
Half Clipped 

 
7.77 ± 3.34%A 

 
-5.10 ± 3.61%B 

 
-5.78 ± 2.32%B  

Full Clipped 
 

7.24 ± 3.34%A 
 

-4.86 ± 3.61%B 
 

-6.01 ± 2.32%B          

Supracoracoideus 
 

Unclipped 
 

-1.36 ± 1.61%A 
 

-2.34 ± 1.33%A 
 

2.51 ± 1.13%A  
Half Clipped 

 
-1.91 ± 1.71%A 

 
-2.78 ± 1.43%A, B 

 
2.14 ± 1.27%A  

Full Clipped 
 

-3.37 ± 1.71%A 
 

-5.84 ± 1.43%B 
 

0.49 ± 1.27%A          

Lower leg 
 

Unclipped 
 

7.79 ± 1.65%A 
 

5.88 ± 1.86%A 
 

9.04 ± 1.95%A  
Half Clipped 

 
5.30 ± 1.78%A 

 
5.63 ± 1.97%A 

 
6.44 ± 2.08%A  

Full Clipped 
 

3.73 ± 1.78%A 
 

3.52 ± 1.97%A 
 

7.00 ± 2.08%A          

Bodyweight 
 

Unclipped 
 

0.40 ± 1.12%A 
 

0.26 ± 1.27%A 
 

0.28 ± 1.36%A  
Half Clipped 

 
-3.10 ± 1.16%B 

 
-4.79 ± 1.33%B 

 
-4.45 ± 1.43%B 

  Full Clipped   -4.86 ± 1.16%B   -6.28 ± 1.33%B   -6.37 ± 1.43%B 

Brown-Feathered 

Muscle   Weeks since 

treatment 

  2 Weeks   4 Weeks   6 Weeks 

 
Treatment 

   

        

Pectoralis 
 

Unclipped 
 

18.63 ± 3.16%A 
 

13.15 ± 3.55%A 
 

5.99 ± 2.22%A  
Half Clipped 

 
9.85 ± 3.40%B 

 
5.13 ± 3.66% B 

 
1.85 ± 2.51%A  

Full Clipped 
 

10.99 ± 3.48%A, 

B 

 
6.59 ± 3.71% A, B 

 
3.25 ± 2.60%A 

         

Supracoracoideus 
 

Unclipped 
 

-3.58 ± 1.64%A 
 

-3.51 ± 1.39%A 
 

2.52 ± 1.22%A  
Half Clipped 

 
-3.91 ± 1.73%A 

 
-5.00 ± 1.45%A 

 
-0.77 ± 1.38%A  

Full Clipped 
 

-4.94 ± 1.76%A 
 

-4.02 ± 1.48%A 
 

0.60 ± 1.43%A          

Lower leg 
 

Unclipped 
 

2.02 ± 1.69%A 
 

2.14 ± 1.93%A 
 

-1.03 ± 2.03%A  
Half Clipped 

 
1.84 ± 1.85%A 

 
1.90 ± 2.03%A 

 
2.53 ± 2.24%A  

Full Clipped 
 

2.57 ± 1.86%A 
 

1.60 ± 2.04%A 
 

3.67 ± 2.24%A          

Bodyweight 
 

Unclipped 
 

1.00 ± 1.13%A 
 

1.90 ± 1.30% A 
 

2.93 ± 1.40% A  
Half Clipped 

 
-0.77 ± 1.17% A 

 
-1.90 ± 1.34% A 

 
-1.52 ± 1.49% A 

  Full Clipped   -0.32 ± 1.19% A   -0.94 ± 1.36% A   0.21 ± 1.52% A 
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Table 3.8-3 Odds Ratio (OR) estimates and 95% Confidence Interval (CI) of having a keel bone 

fracture. An OR > 1 indicates that birds were more likely to have a keel bone fracture, whereas an 

OR < 1 indicates that birds were less likely to have a keel bone fracture. The number (N) and 

percentage (%) of laying hens with a keel bone fracture at baseline (week 0) and 6 weeks after 

wing damage (unclipped, half clipped, full clipped) in white-and brown-feathered birds of two 

strains (white- and brown-feathered), and of the three treatment groups are included. 

Treatment N (%) OR 95% CI 

Week    

Week 0 46 (41.4%) ref ref 

Week 6 54 (48.6%) 1.43 0.82 – 2.48 

Strain    

   Brown 47 (46.1%) ref ref 

   White 53 (44.2%) 0.9 0.57 – 1.73 

Clipping     

  Unclipped 39 (44.3%) ref ref 

  Half clipped 36 (52.9%) 1.4 0.73 – 2.65 

  Full clipped 25 (37.9%) 0.71 0.36 – 1.41 
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Table 3.8-4 Odds Ratio (OR) estimates and 95% Confidence Interval (CI) of the number (N) and 

percentage (%) of birds with three levels of wing damage (unclipped, half clipped, full clipped) 

within a strain (white- and brown-feathered) with a keel bone fracture. An OR > 1 indicates that 

birds were more likely to have a keel bone fracture, whereas an OR < 1 indicates that birds were 

less likely to have a keel bone fracture. 

Strain 
Clipping 

status 
Week N (%) OR 95% CI 

White-

feathered 
Unclipped Week 0 

9 

(37.5%) 
ref ref 

  Week 6 
10 

(41.7%) 
1.2 0.36 – 3.91 

      

 Half 

clipped 
Week 0 

9 

(50.0%) 
ref ref 

  Week 6 
10 

(55.6%) 
1.3 0.32 – 4.87 

      

 Full 

clipped 
Week 0 

7 

(38.9%) 
ref ref 

  Week 6 
8 

(44.4%) 
1.3 0.32 – 4.98 

            

Brown-

feathered 
Unclipped Week 0 

10 

(50.0%) 
ref ref 

  Week 6 
10 

(50.0%) 
1 0.28 – 3.60 

      

 Half 

clipped 
Week 0 

8 

(50.0%) 
ref ref 

  Week 6 
9 

(56.3%) 
1.3 0.30 – 5.48 

      

 Full 

clipped 
Week 0 

3 

(20.0%) 
ref ref 

    Week 6 
7 

(46.7%) 
3.5 0.64 – 19.06 
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Figure 3.8.1 Ultrasound images of (A) the pectoralis (PEC), supracoracoideus (SUPRA) and keel 

bone and, (B) lower leg (the cumulative measurement of M. gastrocnemius pars medialis, M. 

fibularis lateralis, and M. tibialis cranialis caput tibiale and femorale). Each example ultrasound 

image is labelled with anatomical landmarks and anatomical planes as well as ticked lines to show 

where thickness measurements were acquired for each muscle measured. Ticked numbers to the 

left of each image indicate the imaging depth of the linear transducer in cm. 

 

Figure 3.8.2 Images of an adult laying hen with a fractured keel bone. (A) a radiograph of a lateral 

view of the keel bone labelled with anatomical planes and, (B) a photograph of a frontal view of 

the keel bone and the surrounding skin, photo includes ID number.  

B A 
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Chapter 4: Does wing use and disuse cause behavioural and musculoskeletal 

changes in domestic fowl (Gallus gallus domesticus)? 

4.1 ABSTRACT 

In the wild, birds will alter their behaviour and locomotor systems (usage of wing and leg muscles) 

to accommodate shifts in aerial or terrestrial locomotion as needed in their environment. Domestic 

chickens kept in human-managed systems live in environments where the use of wing and leg 

muscles can be limited. Notably, reduced wing activity and accompanying muscle weakness are 

hypothesized to be risk factors for keel bone deviations and fractures that are reported in up to 

98% of chickens kept in backyards or on farms. To assess the effects of wing use in laying hens, 

we used RFID technology to measure the duration of time hens spent at elevated resources 

(feeders, nest boxes), ultrasound to measure changes in pectoral and leg muscle thickness, X-rays 

to detect keel bone fracture prevalence, and palpation to detect keel bone deviations following no, 

partial (one wing immobilized in a sling) and full (cage) wing immobilization in white- and brown-

feathered birds. We hypothesized that partially immobilized hens would reduce usage of elevated 

resources, show a decrease in thickness of both flight muscles due to disuse and an increase in 

muscle leg thickness due to increased use, and lastly that keel bone fracture and deviation presence 

would be increased as a result of increased bone fragility. We hypothesized the same outcomes, 

but with increasing severity, for the fully immobilized birds with the exception of deviation where 

the inability to produce force would prevent the formation of new deviations. Results showed that 

brown-feathered hens showed a 41.8% reduction in time spent at the elevated nest box after 5 

weeks of partial immobilization; these same hens scarcely used the elevated feeder regardless of 

treatment. In contrast, white-feathered hens did not change their usage of resources in response to 

partial immobilization. However, fully immobilized white-feathered hens showed a nearly 20% 

reduction in pectoralis thickness, while the brown-feathered counterparts showed no change. 

Lastly, the presence of keel bone fractures and deviations was not affected by both forms of wing 

immobilization or by hen strain. Altogether, results of this study show a profound difference of 

white- and brown-feathered hens in response to wing immobilization and associated muscle 

physiology. 



 

 

49 

 

4.2 KEYWORDS 

Immobilization, Resource usage, Muscle adaptation, Keel bone damage, Laying hens  

4.3 INTRODUCTION 

Due to people's sedentary lifestyle and lack of bipedal locomotion in high-income countries (World 

Health Organization, 2020), the relationship between physical activity and disease has come into 

the spotlight (Suetani et al., 2017; Chekroud et al., 2018; Bennie et al., 2019). Physical activity 

affects all organ systems, such as the cardiovascular, respiratory, and musculoskeletal systems 

(Patel and Zwibel, 2021). To illustrate, the mechanical stimulus of muscle contractions on the 

periosteum increases blood flow and, as a result, stimulates physical adaptation of muscles and 

bones (strength, shape, mass) in response to applied forces (Matsuzaki et al., 2007; Wazzani et al., 

2021). Thus, exercise to maintain strong bones and muscles is vital to protect the musculoskeletal 

system from injury (Kannus, 1999; Hong and Kim, 2018).  A sedentary lifestyle, prolonged bed 

rest, or limb immobilization can result in skeletal muscle and bone mass loss due to disuse and 

increase the risk of future injury (Dietrick, 1948; Miles et al., 2005; Kortebein et al., 2007; Wall 

et al., 2013; Gianoudis et al., 2015; Parry and Puthucheary, 2015). 

In contrast to bipedal locomotion in humans, birds have two locomotor systems (Butler, 1991). 

The forelimbs (wings) are used mainly for aerial locomotion (or underwater diving in species of 

penguins). The hindlimbs (legs) are used primarily for terrestrial locomotion, such as walking, 

jumping, or swimming and are essential for controlled take-off and landings (Gatesy and Dial, 

1996; Provini et al., 2014). The major forelimb muscles include the flight muscles: the pectoralis 

(downstroke and forward), and the supracoracoideus (upstroke) both of which attach onto the keel 

bone (Butler, 1991; Beaufrère, 2009). During flapping-flight, the flight muscles will contract and 

shorten and produced forces transfer onto the keel bone (Biewener, 2011).  

The high-resistance exercise of skeletal muscles leads to muscle hypertrophy, while a lack of 

exercise leads to skeletal muscle atrophy (Alexander and Goldspink, 1977). This is particularly 

evident in species of waterfowl undergoing moult where the simultaneous loss of all flight feathers 

renders birds flightless (Hanson, 1962; Ankney, 1979; Piersma, 1988; Gaunt et al., 1990). These 

birds will transition to terrestrial locomotion for approximately one month, show a reduction in 
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bodyweight (Adams et al., 2000), and experience atrophy of the flight muscles and hypertrophy of 

the hindlimbs (Gaunt et al., 1990; Fox and Kahlert, 2005). In contrast, birds may experience 

locomotor restrictions in a captive environment due to small enclosure sizes, feather 

clipping/pinioning, or bandaging of a wing to heal a fracture or to protect from self-trauma. In 

these scenarios, a lack of mechanical load/resistance exercise on the wings could result in flight 

muscle atrophy. Muscle atrophy has an impact on bone metabolism and can contribute to bone 

loss (Bettis et al., 2018), increase the risk of low-trauma fracture (Yu et al., 2014), and of falls 

(Sayer et al., 2006). To illustrate, a previously recommended form of flight restriction in parrots 

kept in captivity, one-sided wing feather clipping (Smart-Ridgway, 2017), can lead to impaired 

landing (Startup, 1967) and could theoretically lead to muscle injuries or bone fractures. 

Galliformes, such as laying hens, are primarily terrestrial and utilize short burst flapping-flight 

when disturbed or to roost (Coles, 2009). As these birds are prone to keel bone fractures 

(Harlander-Matauschek et al., 2015) the attached force-producing flight muscles likely play a role 

in fracture formation. However, the nature of this relationship is not currently understood. Thøfner 

et al. (2020) found a majority of keel fractures originated from within laying hens, and activity of 

the wings was suggested as a potential source of internal force (Harlander-Matauschek et al., 

2015). Research on mechanical loading of bones in Galliformes has focused primarily on bone 

properties of the humerus and tibia, with little focus on the keel or muscles to which the strain 

originates.  Further, the degree to which mechanical loading is placed onto the keel depends upon 

the action of the wings. The housing system in which laying hens are kept will greatly influence 

how the wings can be utilized (Leblanc et al., 2016). Overcrowding and small housing units can 

restrict the ability of hens to flap their wings and aerially locomote. Escape and panic reactions 

may also result in vigorous and unequal wing-flapping bouts, and associated power outputs could 

produce keel fractures (Harlander-Matauschek et al., 2015).  Hypothetically, the asymmetric use 

of the wings could unequally distribute force and velocities onto the keel leading to a deviation or 

fracture in the direction of muscle action.  

To improve our understanding of wing use on the flight muscles and keel bone of laying hens, we 

immobilized one wing in a sling (partial immobilization) or moved hens to cages (full 

immobilization) for five weeks. We hypothesized that partial immobilization would reduce the 
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usage of elevated resources, and thus reduce thickness of the flight muscles (pectoralis and 

supracoracoideus), increase lower leg muscle thickness (M. gastrocnemius pars medialis, M. 

fibularis lateralis, and M. tibialis cranialis caput tibiale and femorale) due to increased locomotion 

on the ground compared to non-immobilized birds. Furthermore, we hypothesized it would 

increase the presence and severity of keel bone fractures due to clumsy and uncontrolled take-offs 

and landings and increase the presence of keel bone deviations due to unequal wing use. Finally, 

we hypothesized that placing birds in cages where wing-flapping and ground locomotion are fully 

impaired would produce more pronounced thickness decreases to both the flight muscles and lower 

legs, resulting in the increased presence of fractures due to a weakening of the bone associated 

with muscle disuse and produce no change in the presence of deviations as hens would be unable 

to produce sufficient force due to wing immobilization.  

4.4 MATERIALS AND METHODS 

4.4.1 Ethical statement 

This study was approved by the University of Guelph Animal Care Committee (Animal Utilization 

Protocol Number 3908) prior to the start of data collection.   

4.4.2  Animals and housing 

Sixty female domestic chickens (18 weeks of age) of two strains (30 white-feathered, 30 brown-

feathered) reared in aviary housing were divided into 12 floor pens (5 hens/pen; strains mixed). 

Birds were housed as described in Garant et al., in submission; Chapter 2, Figure 2.7.1. In brief, 

each pen was bedded with wood shavings and contained two identical slatted platforms (122 L x 

31 W x 70 H) along adjacent pen walls, one perch attached to the long side of platform 1 (122 L 

at 70 H cm), and a second perch spanning the width of the pen (244 L at 150 H cm). Hens had ad 

libitum access to water from 12 nipple drinkers and feed in two 5-kg hanging feeders (Frandsen 

Corporation, North Branch, Minnesota, USA). Similarly, within each pen there were two 

individual nest boxes. One of the feeders and nest boxes were located on the ground while the 

second feeder and nest box were placed on a platform (feeder on one, nest box on the other 

platform). White, opaque boards were placed along adjoining pen walls to prevent physical contact 

and social learning between pens. Pens were within a ventilated, windowless room (14:10 L:D 
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cycle) at the Research Station of the University of Guelph (Guelph, ON, Canada). The identity of 

each hen was marked with a plastic numbered leg band (20 mm), and a matching numbered 

silicone “backpack” attached with two elastic straps and eyelets as described in Harlander et al. 

(2010). 

4.4.3 Partial and full wing immobilization treatments 

When hens were 25 weeks old, an equal number of brown- and white-feathered hens were 

randomly assigned to one of three treatments (10 white- and 10 brown-feathered hens/treatment): 

no immobilization: wings unrestricted (control, n=20); partial immobilization (one wing slinged; 

10 left-wing, 10 right-wing). Non- and partially immobilized white- and brown-feathered hens 

(n=40) were mixed over 8 pens, fully immobilized hens were transferred from 4 pens to individual 

cages.   

To partially immobilize hens, first, the tips of the flight feathers were tied together with two rubber 

bands (Staples Canada, Richmond Hill, ON, Canada). Second, 3M Vetrap (3M, Saint Paul, 

Minnesota, USA) was wrapped around the flight feathers and rubber bands three times and then 

looped through the “backpack” strap of that wing and wrapped a fourth time around the wing. 

Third, two more rubber bands were wrapped around the 3M Vetrap to secure it into place. Lastly, 

two rubber bands were used to wrap around the wing and the silicone ID backpack to keep the 

wing in place (Figure 4.8.3). Slings were checked daily to ensure that worn or broken rubber bands 

were replaced and that the fit of each sling was not overly restrictive. 

Full immobilization: housing in an individual cage (n=20) (25.4 cm length x 45.7 cm width x 45.7 

height) with a feeder in front and water available through an overhead nipple drinker. Space 

required for wing flapping is ~ ≥1693cm2 or greater with a cage height of at least 49.5cm (Mench 

and Blatchford, 2014; Riddle et al., 2018), as such wing flapping was impaired for fully 

immobilized hens (1160.8 cm2/hen; 45.7 cm cage height).   

4.4.4 Behavioural activity measurements 

The amount of time that each hen spent at elevated and ground resources was measured with 

Radio-Frequency Identification (RFID) technology (Biomark®, Boise, Idaho, USA) before (week 
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0) and 5-weeks after treatment over a 48-h period. A passive integrated transponder tag (PIT) with 

a microchip containing a unique barcode was fixed to the plastic leg band (20 mm) of each hen 

(Figure 4.7.1; Appendix G). Antennas producing a radio frequency field were placed within 

individual nest boxes and fixed to feeders. It was important to ensure that only one hen could 

access each resource at a time to prevent interference with RFID recordings. As described by 

Garant et al. (in submission; Chapter 2) and displayed in Figure 4.8.2, feeders were altered to 

include a duct-taped (Gorilla Tape; The Gorilla Glue Company, Ohio, USA) wrapped cardboard 

ring that limited the flow of feed to one position on each feeder. Following this, two wooden boards 

were attached to either side of this opening so that only one hen could enter the location where 

feed was available. This also ensured each hen would be required to step onto the antenna between 

the two wooden boards to access feed. When a hen would walk onto an antenna, the unique barcode 

of the PIT tag would be recognized by the antenna’s radio-frequency field. This data would then 

be directly stored onto a microchip of the RFID unit as a time stamp (HH:MM:SS:MS) for every 

millisecond that a hen was accessing each resource.   

4.4.5 Pectoralis, supracoracoideus, and lower leg thickness 

Directly before (week 0) and 5-weeks following immobilization treatment, cross-sectional images 

of the breast (pectoralis and supracoracoideus) and lower leg (M. gastrocnemius pars medialis, M. 

fibularis lateralis, and M. tibialis cranialis caput tibiale and femorale) of each hen were obtained 

with a portable ultrasound unit (EBit 50 Unit, Digital Color Doppler Ultrasound System, Chison 

Medical Technologies, Bellevue, WA, USA). The procedure followed protocol in Chapter 3. In 

brief, each hen was securely held in the lap of an assistant while a trained second person captured 

ultrasound images. A multipurpose ultrasound gel (Wavelength Ultrasound Gel (blue), National 

Therapy Products, Brampton, ON, Canada) was used as a contact agent and applied to the skin 

after gently parting the feathers. The assistant would position each hen on their back while 

restraining the feet so that the sternum was facing upwards to collect breast muscle images. 

Techniques utilized for transducer placement were adapted from Dietz et al. (1999). A plastic 

vernier calliper was used to ensure consistency with transducer placement. To image the flight 

muscles, the calliper was placed atop the left or right breast, perpendicular to the length of the keel 

bone and resting at the cranial apex of the keel. The calliper and keel bone made a 90° angle, and 
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the transducer was placed such that it was caudal to the calliper and perpendicular to the keel bone. 

To image the lower legs, hens were positioned laterally on their left (for left leg) or right side (for 

right leg) within the lap of the assistant. The feet were gently restrained, and the shank and lower 

leg were positioned to form a 90° angle. The calliper was placed perpendicular to the tibiotarsus, 

just below the knee, and the transducer caudal to the calliper; this was repeated for both legs 

(Appendix H).  

To measure the thickness of the muscles from the captured ultrasound images, the images were 

transferred from the ultrasound unit to a computer and analysed by a trained observer unaware of 

treatments with ImageJ software (Abràmoff et al., 2004). The observer repeated each measurement 

3 times and then averaged the values to obtain one measure of thickness. For the partially 

immobilized birds (one wing slinged), the ipsilateral breast muscle was used to acquire thickness 

measures; for the non and fully immobilized birds, the left or right breast muscle was selected 

randomly with a random number generator. Lower leg thickness values included in the data for all 

hens were an average measure of the left and right lower leg. Thickness measurements were 

performed as described in Chapter 3 (Figure 3.8.1). In brief, thickness of the pectoralis was 

measured between the skin and epimysial fascia, and the supracoracoideus between the epimysial 

fascia and keel bone. The thickness of the lower legs (cumulative measure of the M. gastrocnemius 

pars medialis, M. fibularis lateralis, and M. tibialis cranialis caput tibiale and femorale) was 

measured between the skin of lateral and medial sides of the lower leg.  

4.4.6 Keel bone fracture and deviation in partial, full, and non-immobilized birds 

The presence and severity of keel bone fractures were assessed from X-ray images as described in 

Chapter 3 (Figure 3.8.2). A Poskom VET-20BT portable X-ray unit (Promark Imaging, Toronto, 

ON, Canada) kept within a steel-doored concrete room (Research Station, University of Guelph) 

was used to obtain keel radiographs before (week 0), and 5 weeks post treatment application. 

Imaging techniques were adapted from Woolcott et al. (2018). Image quality and density 

parameters of the X-ray unit were set to 90 kVp and 20 mAs, respectively. The receptor panel 

(image matrix of 19.65 x 23.6 cm, resolution of 77 micron @2560 x 3072 pixels) was placed within 

a fitted compartment of a custom-made wooden box and was ~80 cm from the X-ray unit. 
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Additionally, the custom-made box contained evisceration shackles that were utilized to position 

and suspend hens in an upside-down position for ~10 seconds while obtaining images (Širovnik 

and Toscano, 2017). A built-in crank allowed for the vertical repositioning of the receptor panel 

to align the keel bone of each hen with the center of the receptor panel. As images were taken, they 

were directly stored onto a computer connected to the X-ray unit via a 2.4 GHz and 5.0 GHz 

wireless gigabit interface.  

Following acquisition, radiograph scoring was conducted by a trained observer for fracture 

severity and presence. Image scoring techniques, training, and instruction were provided by 

Rufener et al. (2018). Keel bone fracture severity scores ranged from 0 (no fracture) to 5 (most 

full). The presence of keel bone fractures was scored as a binary (0 = no fracture; > 0 = fracture 

present).  

The presence of keel bone deviations was determined with palpation (Appendix I). Hens were 

briefly suspended in an upside-down position. At the same time, a trained individual blinded to 

treatment used their thumb and forefinger to palpate the keel and feel for abnormality in its shape. 

Keel bone deviation presence was scored as a binary: 0 – deviation absent or very mild, 1 – 

deviation present, detectable abnormality in keels structure (Heerkens et al., 2016b).   

4.4.7 Data analysis 

All analyses were conducted in SAS v 9.4 (SAS Institute Inc., Cary, NC, USA, 2012). Studentized 

residual plots were used to determine normally distributed residuals and homogeneity of variance. 

The Shapiro-Wilk statistic was used to determine the distribution of best fit. Degrees of freedom 

were calculated with a Kenward-Roger approximation, and multiple comparisons were accounted 

for with a Tukey-Kramer adjustment. Presented results (LS means ± SE, unless otherwise 

mentioned) with a P-value of < 0.05 were considered statistically significant.  

The behaviour observations were only possible for the partial and non-immobilized birds that 

remained in the floor pens. The proportion of time that each bird spent at the elevated resource 

(elevated feeder and elevated nest box) out of the total time spent at the type of resource (feeder 

and nest box) was calculated over 48 hours. A generalized linear mixed model (PROC GLIMMIX) 
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with a beta distribution was used to evaluate the effects of treatment (non-immobilized, partially 

immobilized), strain (white-feathered, brown-feathered), week (baseline, week 5 after treatment 

application), and their interaction on the proportion of time spent at the elevated feeder and nest 

box. The hen within each pen was considered as the experimental unit. 

Change in muscle thickness and bodyweight was calculated as the difference between muscle 

thickness at week 5 and baseline (week 0) expressed as a percentage of the baseline value at week 

0 as per Chapter 3. Change in muscle thickness of the pectoralis, supracoracoideus, and lower leg 

muscles were analysed with a generalized linear mixed model (PROC GLIMMIX) using the fixed 

effects of treatment (no, partial and full wing immobilization), strain (white-feathered, brown-

feathered) and their interaction to evaluate the percentage change in muscle thickness compared 

to the baseline (week 0). Bodyweight was analysed with the same model. Presented (LSM) and 

standard error (SE) compare the percentage change between the treatment groups, within each 

strain, from week 0 to week 5. Significant changes from week 0 are also presented. 

As only 10 out of 60 birds had a keel bone fracture score greater than 1 by week 5 (score 2: 11.7%, 

score 3: 5.0%, score 4: 0.0%, score 5: 0.0%), keel bone fracture severity was not further analysed. 

Instead, only the binary fracture presence outcome (0 – no fracture, 1 – fracture score of > 0) was 

analysed using a generalized linear mixed model (PROC GLIMMIX). The model calculated the 

odds of having a fracture with week (week 0, week 5), treatment (no, partial, and full 

immobilization), strain (white-feathered, brown-feathered), and their interactions as the fixed 

effects. Results are presented as odds ratio (OR), and 95% confidence intervals (CI), wherein a 

higher risk of keel bone fracture is indicated as OR >1. Keel bone deviation was analyzed with the 

same model.     

4.5 RESULTS 

4.5.1 Behavioural activity before and after 5 weeks of no or partial immobilization using 

a wing sling  

At baseline (week 0), brown-feathered birds spent significantly less time (t21.03 = -3.15, P = 0.0196) 

at the elevated feeder than white-feathered birds (13.42 ± 4.87% vs. 37.83 ± 6.17%). However, 
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both brown-feathered birds (41.35 ± 13.55%) and white-feathered birds (61.00 ± 15.72%) spent a 

similar amount of time at the elevated nest box (t21.03 = -1.25, P = 0.2139).  

After partial immobilization was applied for 5 weeks, the percentage of time that both white- and 

brown-feathered hens spent at the elevated feeder did not change from week 0 (Table 4.8-1; 

Appendix E; Appendix F). While non-significant, both the non- and partially immobilized white-

feathered hens saw a numerical decrease in time spent at the elevated feeder (-15.55% and -

18.13%, respectively from week 0). Non-immobilized birds of both strains spent a similar amount 

of time at the elevated feeder and nest box 5 weeks after treatment (Table 4.8-1). Due to this, 

brown and white-feathered hens no longer differed in their usage of the elevated feeder at week 5 

(14.41 ± 6.05% vs. 29.76 ± 6.74%, t25.47 = -1.67, P = 0.3588).  

Partial immobilization affected elevated nest box usage in brown-feathered birds (Appendix F). 

We detected a 41.83% decline in time that brown-feathered birds spent at the elevated nest box 

after 5 weeks of partial immobilization (Table 4.8-1, t21.09 = 2.86, P = 0.0346). While non-

significant, partially immobilized white-feathered hens also saw a 28.14% decline in usage of the 

elevated nest (Appendix E). In contrast, the non-immobilized groups of the white- and brown-

feathered birds showed non-significant increases in usage of the elevated nest box (increase of 

8.84% and 5.26%, respectively; Table 4.8-1). 

4.5.2 Pectoral and leg muscle thickness and bodyweight in birds with no, partial and full 

wing immobilization  

Descriptive measurements for muscle thickness measured by ultrasound and bodyweight are 

reported in Table 4.8-2.  

Five weeks after white-feathered birds received the partial immobilization treatment, there were 

no significant changes to thickness of the pectoralis (Table 4.8-3). In contrast, white-feathered 

birds that received the full immobilization treatment showed a significant pectoralis thickness 

decrease of nearly 20% (t30.0 = -4.28, P = 0.0002; Table 4.8-3). This thickness decrease differed 

from the partially immobilized birds (t40.5 = 2.67, P = 0.0274; Table 4.8-3), but not the non-

immobilized birds (t40.5 = -2.24, P = 0.0742; Table 4.8-3). Within the brown-feathered strain, there 
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were no significant changes to the thickness of the pectoralis and no differences were observed 

between immobilized and non-immobilized birds (Table 4.8-3).  

More changes were observed in the supracoracoideus 5 weeks after treatment (Table 4.8-3). Both 

the partially, and fully immobilized birds showed a significant decrease to the thickness of the 

supracoracoideus (-4.33 ± 1.42%, t52.0 = -3.06, P = 0.0035; and -3.99 ± 1.34%, t52.0 = -2.97, P = 

0.0045, respectively), though no differences between treatment groups were observed (all P > 0.05, 

Table 4.8-3). In contrast, fully immobilized brown-feathered birds showed a significant increase 

in supracoracoideus thickness of nearly 6% (t52.0 = 4.09, P = 0.0002). The increase observed in 

these birds differed significantly from the decrease observed in partially immobilized birds (t52.0 = 

-4.79, P = <.0001) and no change observed in non-immobilized birds (t52.0 = 3.88, P = 0.0003; 

Table 4.8-3). No lower leg muscle thickness changes were observed in white- and brown-feathered 

birds regardless of whether they were non, partially, or fully immobilized (Table 4.8-3). 

For the brown-feathered strain, there were also no significant changes to bodyweight and lower 

leg thickness 5-weeks after treatments were applied and no differences between treatments (Table 

4.8-3). Within the white-feathered strain, the fully immobilized birds showed a 4% decrease in 

bodyweight (t28.1 = -2.27, P = 0.0313; Table 4.8-3), while no change was observed in the non- and 

partially immobilized birds (Table 4.8-3). This bodyweight decrease was different from the non 

immobilized birds (t38.3 = -2.74, P = 0.0232; Table 4.8-3), but not the partially immobilized birds 

(t38.3 = 1.46, P = 0.3207; Table 4.8-3).  

4.5.3 Keel bone fracture and deviation 

At baseline (week 0), 14 hens had a keel bone fracture (23.3% flock prevalence; 11 white-feathered 

and 3 brown-feathered) that were mostly mild (92.9% with score 1 or 2) and located at the caudal 

tip. Five weeks after treatments were applied, 24 hens had a keel bone fracture (40.0% flock 

prevalence); 63% of these fractures were found in white-feathered hens, while 37% were observed 

in brown-feathered hens. Similar to week 0, the majority of fractures were still considered mild 

(87.5%). Birds were not more likely to have a keel bone fracture on week 5 compared to week 0 

(Table 4.8-4) or if they were white-feathered birds as opposed to brown-feathered birds (Table 

4.8-4). Partially and fully immobilized birds were also not more likely to have a keel bone fracture 
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compared to the non immobilized birds (Table 4.8-4). The number and percentage of keel bone 

fractures on weeks 0 and 5 are also presented by strain and treatment group in Table 4.8-5 with no 

increased odds of keel bone fractures after 5 weeks in any strain-treatment combination. 

The presence of deviations throughout the study did not change with 7 hens (11.7% flock 

prevalence; 9 brown-feathered and 5 white-feathered) presenting with deviations at baseline (week 

0) and five weeks after treatment application (Table 4.8-6). Therefore, the odds of having a keel 

bone deviation did not differ between weeks, strains, or treatment groups as detailed in Table 4.8-

6. 

4.6 DISCUSSION 

This study sought to investigate if a reduction to wing use through increasing degrees of wing 

immobilization would result in changes to resource usage, thickness of the flight and leg muscles, 

and induce changes to keel bone integrity (deviations and fractures) in two strains of laying hens 

(white- and brown-feathered). 

Even before treatment application, there was a pronounced difference in the level of elevated 

feeder usage between strains. Usage of this resource is a good indicator of aerial activity as hens 

will make multiple trips to eat throughout the day, whereas a nest box is typically visited once or 

twice during egg-laying. Prior to treatment, brown-feathered birds spent a majority of time eating 

from the ground feeder (> 85%) compared to white-feathered birds who utilized both feeders 

evenly. This preference is most likely linked to the physical differences between white-and brown-

feathered strains. White-feathered strains have a lighter body mass and smaller leg muscles (as 

also observed in this study) (Giersberg et al., 2017; Fawcett et al., 2020) and as such do not have 

as great a wing-loading (mass of bird ÷ wing area) burden as brown-feathered birds. Furthermore, 

brown-feathered hens have been shown to have smaller flight muscles and less keel area compared 

to white-feathered hens (Fawcett et al., 2020; Ross, 2021). For these reasons, brown-feathered 

birds may not be as physically equipped and subsequently less motivated to move to elevated areas 

when they have equal access to ground resources.  
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Partial immobilization affected elevated nest box usage in brown-feathered birds. We detected a 

41.83% decline in time that brown-feathered birds spent at the elevated nest box after 5 weeks of 

partial immobilization. Studies in wild waterfowl showed that birds alter their behaviour after 

losing wing feathers by increasing usage of the legs (swimming, walking, running, etc). Fruit flies 

(Drosophila melanogaster), who display innate phototactic responses to light, will exhibit a 

negative photopreference in response to the removal of one wing and diminished flight ability 

(Gorostiza et al., 2016). As such, the partially immobilized brown-feathered birds likely shifted 

their behaviour to match their physical ability. While non-significant, partially immobilized white-

feathered birds displayed a non-significant decrease in time spent at the elevated nest box (28.2%) 

and elevated feeder (18.2%). As such, white-feathered birds may also show adaptations to their 

behaviour in response to the immobilization of one wing, though one-sided wing immobilization 

may not have been as effective for the more flight-equipped white-feathered birds.  It is also 

possible that an increase in ground nest box usage by brown-feathered hens could have resulted in 

behavioural synchrony and an aggregation of hens at this resource, a common phenomenon 

observed in laying hens (Lill, 1968; Hughes, 1971; Collins et al., 2011). However, this is unlikely 

as the non-immobilized birds of both strains showed no change to their pattern of nest box usage. 

Regardless, a decreased ability to access the elevated nest box, a more discrete and secluded 

location than the ground nest box, was likely a source of frustration (Cooper and Albentosa, 2003; 

Weeks and Nicol, 2006).  An increased number of grounded hens may increase competition for 

the ground nest box as egg-laying tends to occur synchronously (Hunniford et al., 2014). Further, 

an inability to access either nest box could result in more eggs laid on the floor (Hunniford et al., 

2014; Villanueva et al., 2017), which is undesirable for farmers.  

Five weeks of partial immobilization did not produce expected thickness reductions to the 

pectoralis, nor thickness increases of the lower legs in both white- and brown-feathered birds. 

However, both strains showed a significant reduction in thickness of the supracoracoideus. The 

supracoracoideus functions primarily in the upstroke (Butler, 1991; Beaufrère, 2009; Biewener, 

2011). As the sling restricted this upwards motion, it is likely that the reduced mechanical load 

produced the observed reduction. However, as the sling prevented significant downwards 

movement as well, we expected similar thickness reductions in the pectoralis. The sling allowed 



 

 

61 

 

for small movements of the wing and shoulder; therefore, it is possible that birds were capable of 

some-degree of flexion of the pectoralis that was sufficient to maintain thickness. Potentially, 

increased activity of the non-immobilized wing may have counteracted the effects of 

immobilization as observed in human studies (Farthing et al., 2009). However, this is hard to 

determine as the thickness of the contralateral pectoralis (not presented) did not differ from that of 

the controls in our study, suggesting it was not exercised any more than in the non-immobilized 

birds. Similarly, Nightingale et al. (1974) ruled out the presence of hypertrophy of non-

immobilized wings in one-wing splinted broiler chicks, as the humeral density of the non-

immobilized wing did not differ from that of the control group. This indicates that chickens are 

not likely to experience compensatory hypertrophy of the non-immobilized wing, though this 

cannot be completely ruled out. Additionally, other muscle groups may have compensated for the 

immobilized wing. For instance, hens restricted to the usage of one wing in this study were still 

able to access elevated resources (no treatment groups dropped down to 0% usage). This 

demonstrates that the action of the hindlimbs, such as jumping, likely plays a substantial role in 

aerial ascension. 

Full wing immobilization (mimicking wing disuse) resulted in a reduction to the pectoralis, 

supracoracoideus, and bodyweight of white-feathered laying hens. The relocation from a pen with 

abundant opportunity to exercise, to a restrictive cage unit likely induced atrophy of the flight 

muscles. As the space required for wing flapping is at least 1693 cm2 (Mench and Blatchford, 

2014; Riddle et al., 2018), fully immobilized birds, restricted to 1160.8 cm2/hen, would have been 

unable to flap their wings. As such, this result was expected as it is known that the disuse of the 

wings leads to flight muscle atrophy in wild birds (Hanson, 1962; Ankney, 1979; Piersma, 1988; 

Gaunt et al., 1990), and lower pectoralis weights in cage-reared hens (Casey-Trott et al., 2017c). 

In humans, full immobilization in the form of bed rest results in the rapid deterioration of skeletal 

muscle mass within the legs, and a less pronounced reduction in muscles of the upper limbs 

(Dietrick, 1948; Ferrando et al., 1995; Kortebein et al., 2007; de Boer et al., 2008; Parry and 

Puthucheary, 2015). Humans are bipedal and the muscles of the legs bear the weight of the body 

while standing and locomoting. As such, humans lose mass of the leg muscles more rapidly 

compared to the upper limbs (Bloomfield, 1997; Topp et al., 2002). Surprisingly, lower leg muscle 
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thickness was not affected by cage restriction in white-feathered hens in the present study. Laying 

hens need ~34.8 cm of height and an area of ~563 cm2 to stand (Nicol, 1987; Mench and 

Blatchford, 2014). Thus, fully immobilized hens located within a cage with a height of 45.7 cm 

and an area of 1160.8cm2 were able to stand and the associated mechanical loading may have been 

sufficient to maintain leg muscle thickness in the absence of walking, running, and jumping.  

In contrast to their white-feathered counterparts, brown-feathered caged birds actually displayed a 

non-significant increase in bodyweight and pectoralis thickness, alongside a significant thickness 

increase of the supracoracoideus. For the reasons stated earlier, we expected to observe thickness 

decreases in all measured muscles. Potentially, the ground dwelling nature of brown-feathered 

birds (Ali et al., 2016; Kozak et al., 2016; Pufall et al., 2021; Ross, 2021) resulted in minimal load-

bearing activity of the wings prior to treatment, and the usage of the wings did not differ enough 

to produce changes.  

The presence of keel bone fractures and deviations was not significantly different on week 0 and 

week 5, between non-, partially-, and fully immobilized birds, nor between strains. The skeleton 

of laying hens is weaker than that of wild birds due to daily egg-laying drawing more calcium from 

the bones than can be replenished (Dacke et al., 1993). As such we anticipated that a reduction in 

wing usage, as induced through partial immobilization, would further weaken the bone due to a 

decrease in mechanical loading on the keel bone and result in more keel fractures as hens attempted 

usage of one wing. As the pectoralis muscle did not change in thickness in response to partial 

immobilization, it is possible that there were no related changes to the integrity of the keel bone, 

and no increased fracture risk. Additionally, the partial immobilization treatment employed in this 

study was in place for a period of 5 weeks and applied to hens that were 25 weeks old. Keel 

fractures have been shown to increase in number and severity with age (Heerkens et al., 2016a; 

Casey-Trott et al., 2017b; Rufener et al., 2019a), corresponding to a decrease in bone integrity as 

cortical bone depletes (Whitehead, 2004). Applying the treatment on older hens or leaving the 

treatment in place for a longer period of time would further elucidate the effects of partial 

immobilization. Regardless, we anticipated that partially immobilized hens restricted to the usage 

of one wing, would unequally distribute force onto their weakened keel bone, producing 

deviations. However, the number of hens with a deviated keel was small (n=7; 11.7% flock 
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prevalence) and did not increase from week 0 to 5. As hens increased the amount of time spent at 

ground resources following partial immobilization, it is possible that rather than unequally using 

their wings, the restriction to one wing decreased activity of the free wing. As such, there would 

be no substantial force production to deviate the keel bone.  

Interestingly, our results showed that the number of fully immobilized birds with keel bone fracture 

did not change from week 0 to 5. As fully immobilized white-feathered hens showed a ~20% 

decrease to thickness of the pectoralis, we expected that these hens would have shown related 

reduction to keel bone integrity (reduced bone mass) and a subsequent increase in fracture. While 

keel bone fractures are present in all housing systems, rates are reportedly lower in cage systems 

(Wilkins et al., 2011; Petrik et al., 2015), a finding often attributed to the inability of hens to fall 

and collide as purported in open housing systems. It is possible that the mechanism by which bone 

mass is increased (wing-loading), is also the mechanism driving the production of fractures. As 

such, by placing hens in cages where they were unable to bear substantial weight on their keel 

bones, a lack of strain on the keel resulted in no new fractures. Regardless of fracture absence, we 

would have expected to see changes to the physical bone properties of the keel bone as a result of 

immobilization (Meyer and Sunde, 1974; Nightingale et al., 1974; Foutz et al., 1997, 2007). This 

is a limitation of the study as repeated measures over time prevented the sacrifice of birds to 

investigate changes to keel bone properties (bone breaking strength, bone ash content, bone 

mineral content, bone density, etc.) Future research is needed to determine this relationship.   

It is important to note that despite laying hens potentially gaining a form of protection from keel 

bone fracture through caged housing, this benefit must be considered alongside all welfare 

parameters. Immobility is known to have a negative effect on the health of almost every organ 

system in humans (Patel and Zwibel, 2021). While these effects are not as heavily documented in 

birds, a link between caged housing and metabolic syndromes in poultry has been observed 

(Riddell et al., 1968; Leeson et al., 1995; Duncan, 2001). For instance, 74% of mortalities in caged 

systems were due to fatty-liver hemorrhagic syndrome, in contrast to the 0-5% reported in hens of 

alternative housing systems (Shini et al., 2019). 
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4.7 CONCLUSION 

Altogether, white- and brown-feathered strains of laying hens are different in their behavioural 

and physical adaptations to wing immobilization. Brown-feathered birds showed a preference for 

the ground feeder and responded to partial immobilization with a significant decrease in elevated 

nest box usage, while white-feathered birds did not. Furthermore, full immobilization had opposite 

effects in the two strains: white-feathered hens saw reductions to pectoralis thickness and 

bodyweight, while brown-feathered hens showed increases. However, the presence of keel bone 

fractures and deviations was similar for both strains and not affected by the immobilization 

treatments.   
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4.8 TABLES AND FIGURES 

Table 4.8-1 The percentage of time that white- and brown-feathered laying hens of two treatment 

groups (non- and partially immobilized) spent at an elevated resource (feeder, nest box) over a 48-

hour period at baseline (week 0) and week 5. 

 White-feathered Brown-feathered 

 Non 

immobilized 

Partially 

immobilized 

Non 

immobilized 

Partially 

immobilized 

Percentage of time spent at 

elevated feeder (%) 

    

   Week 0 47.5 ± 9.83A 45.8 ± 9.81A 9.3 ± 7.00A 16.5 ± 8.65A 

   Week 5 32.0 ± 9.06A 27.6 ± 9.17A 14.1 ± 8.49A 14.7 ± 8.20A 

     

Percentage of time spent at 

elevated nest box (%) 

    

   Week 0 61.5 ± 20.56A 69.4 ± 18.99A 52.6 ± 17.86A 54.0 ± 17.35A 

   Week 5 70.3 ± 18.92A  41.2 ± 21.19A 57.8 ± 17.59A 12.2 ± 9.40B 
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Table 4.8-2 The baseline (week 0) muscle thickness (mm) and bodyweight (g) of white- and 

brown-feathered laying hens of three treatment groups (non-, partially- and fully immobilized). 

Muscle thickness, measured with ultrasonography, includes the pectoralis, supracoracoideus, and 

lower legs (cumulative measurement of M. gastrocnemius pars medialis, M. fibularis lateralis, 

and M. tibialis cranialis caput tibiale and femorale). All variables are presented with the number 

of hens (N), mean, standard deviation (SD), minimum (Min), and maximum (Max) values. 

Variable Treatment N Mean SD Min Max 

White-feathered       

   Pectoralis Non immobilized 10 5.77 0.440 5.31 6.55 

 Partially immobilized 10 5.54 0.580 4.55 6.27 

 Fully immobilized 10 5.74 0.830 4.80 7.11 

 
 

     

   Supracoracoideus Non immobilized 10 11.42 0.530 10.55 12.44 

 Partially immobilized 10 11.51 0.470 10.90 12.44 

 Fully immobilized 10 11.21 0.770 9.89 12.19 

 
 

     

   Lower leg Non immobilized 10 22.73 1.060 21.11 24.09 

 Partially immobilized 10 21.94 1.150 19.72 23.42 

 Fully immobilized 10 21.36 1.970 17.74 24.79 

 
 

     

   Bodyweight Non immobilized 10 1723 99 1530 1856 

 Partially immobilized 10 1688 121 1448 1858 

 Fully immobilized 10 1695 136 1422 1948 

Brown-feathered 
 

     

   Pectoralis Non immobilized 10 5.42 0.380 4.70 5.85 

 Partially immobilized 10 5.30 0.580 4.28 6.37 

 Fully immobilized 10 5.00 0.730 3.66 5.99 

 
  

    

   Supracoracoideus Non immobilized 10 11.51 0.580 10.45 12.15 

 Partially immobilized 10 11.61 0.730 10.45 12.62 

 Fully immobilized 10 11.19 0.690 10.14 12.35 

 
  

    

   Lower leg Non immobilized 10 26.59 1.790 24.19 30.21 

 Partially immobilized 10 26.99 0.910 25.99 28.81 

 Fully immobilized 10 26.50 1.120 25.05 28.47 

 
  

    

   Bodyweight Non immobilized 10 1951 127 1754 2134 

 Partially immobilized 10 2011 165 1790 2330 

 Fully immobilized 10 2064 162 1838 2366 
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Table 4.8-3 The percentage change in muscle thickness and bodyweight from baseline (week 0) 

to five weeks post-treatment application of white- and brown-feathered laying hens of three 

treatment groups (non-immobilized (No-Im), partially immobilized (Partial-Im), fully 

immobilized (Full-Im)) presented as LS means ± SE. Muscles presented include the pectoralis, 

supracoracoideus, and lower leg (cumulative measurement of M. gastrocnemius pars medialis, M. 

fibularis lateralis, and M. tibialis cranialis caput tibiale and femorale). Within each muscle group 

of each strain, LS means ± SE that share a letter superscript are not significantly different (P > 

0.05) and bolded values indicate a significant difference from baseline. 

 White-feathered  Brown-feathered 

 No-Im Partial-Im  Full-Im  No-Im Partial-Im Full-Im  

Change (%) from 

week 0 to 5 

 

  

 

 

  

Pectoralis 
-4.40 ± 

3.99A,B 

-1.99 ± 

3.99A 

-17.06 ± 

3.99B 

 -0.85 ± 

3.99A 

1.41 ± 

3.99A 

5.11 ± 

3.99A 

Supracoracoideus  
-1.69 ± 

1.34A 

-4.33 ± 

1.42A 

-3.99 ± 

1.34A 

 -1.78 ± 

1.34A 

-3.56 ± 

1.34A 

5.79 ± 

1.42B 

Lower leg 
-1.03 ± 

1.57A 

-0.85 ± 

1.57A 

-2.86 ± 

1.63A 

 0.50 ± 

1.57A 

-0.95 ± 

1.57A 

-2.75 ± 

1.63A 

Bodyweight 
2.72 ± 

1.70A 

-0.38 ± 

1.70A,B 

-3.91 ± 

1.72B 

 3.20 ± 

1.70A 

0.46 ± 

1.70A 

3.07 ± 

1.72A 

 

  



 

 

68 

 

Table 4.8-4 The number of hens (N) with a keel bone fracture on weeks 0 and 5, among brown- 

and white-feathered hens, and of three treatment groups (non-, partially-, and fully immobilized) 

presented alongside the Odds Ratio (OR) and 95% Confidence intervals (CI) of each respectively. 

An OR > 1 indicates an increased likelihood of having a keel bone fracture and an OR < 1 a 

decreased likelihood of keel bone fracture. 

  N (%) OR 95% CI 

Week    

   Week 0 14 (23.3%) ref ref 

   Week 5 24 (40.0%) 2.3 0.91 - 5.98 

Strain    

   Brown 12 (20.0%) ref ref 

   White 26 (43.3%) 3.9 1.51 - 9.92 

Treatment    

Non immobilized 14 (35.0%) ref ref 

Partially immobilized 16 (40.0%) 1.3 0.42 - 3.82 

Fully immobilized 8 (20.0%) 0.5 0.15 - 1.58 
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Table 4.8-5 The number of hens (N) within a treatment group (non-immobilized (No-Im), partially 

immobilized (Partial-Im), fully immobilized (Full-Im)) of a particular strain (white-feathered or 

brown-feathered) with a keel bone fracture on week 0 and week 5. The odds of having a keel bone 

fracture within each treatment of each strain on week 0 vs week 5 is presented as an Odds Ratio 

(OR) estimate and 95% Confidence Interval (CI) wherein an OR > 1 indicates an increased 

likelihood of fracture and an OR 1 < a decreased likelihood. 

Strain Treatment Week N (%) OR 95% CI 

White-

feathered No-Im Week 0 4 (40.0%) ref ref 

  Week 5 7 (70.0%) 3.5 0.48 - 25.48 
      

 Partial-Im Week 0 4 (40.0%) ref ref 

  Week 5 5 (50.0%) 1.5 0.22 – 10.01       

 Full-Im Week 0 3 (30.0%) ref ref 

  Week 5 3 (30.0%) 1.0 0.13 - 7.77 

            

Brown-

feathered No-Im Week 0 1 (10.0%) ref ref 

  Week 5 2 (20.0%) 2.25 0.14 - 35.84 
      

 Partial-Im Week 0 1 (10.0%) ref ref 

  Week 5 6 (60.0%) 13.5 1.01 – 181.18 
      

 Sever-Im Week 0 1 (10.0%) ref ref 

    Week 5 1 (10.0%) 1.0 0.04 - 22.92 
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Table 4.8-6 The number of hens (N) with a keel bone deviation on week 0 and week 5, between 

white- and brown-feathered hens, and of three treatment groups (non-immobilized (No-Im), 

partially immobilized (Partial-Im), fully immobilized (Full-Im)). The odds ratio (OR) estimate and 

95% Confidence Interval (CI) of having a keel bone deviation are presented for each wherein an 

OR > 1 indicates birds were more likely to have a deviation and an OR 1 > indicates a decreased 

likelihood of deviation. 

  N (%) OR 95% CI 

Week    

   Week 0 7 (11.7%) ref ref 

   Week 5 7 (11.7%) 0.1 1.29-67- 1.5165 

Strain    

   Brown 9 (15.0%) ref ref 

   White 5 (8.3%) 0.1 8.21-68 - 9.6064 

Treatment    

No-Im 5 (12.5%) ref ref 

Partial-Im 6 (15.0%) 1.1 0.29 - 4.55 

Full-Im 3 (7.5%) 0.03 33-102 - 4.1697 
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Figure 4.8.1: Plastic chicken leg bands (20 mm) modified to include a PIT tag encased within a 

layer of duct tape and bound to the band with a layer of steel enforced epoxy. A soft layer of elastic 

bandage was included. 
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Figure 4.8.2: Individual feeder assembly. A duct-taped wrapped cardboard ring was placed into the base of a 5-kg hanging feeder. Two 

wooden boards were aligned with the opening in the ring and were secured onto the body of the feeder with four screws. An RFID 

antenna was attached to the base of the feeder with plastic zip ties, and the carboard wrapped lid was placed atop the opening at the top 

of the feeder. 
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Figure 4.8.3: Series of 3 images displaying a hen with one wing slinged (partial immobilization). 
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Chapter 5: General discussion 

Keel bone damage (KBD), as defined by the presence of keel fractures and deviations, is a 

prevalent condition that can be found in all strains of laying hens and every housing style (Wilkins 

et al., 2011; Harlander-Matauschek et al., 2015; Toscano et al., 2020). As the mechanisms of keel 

fracture and deviation formation are unclear, there is a need to identify gaps in our current 

understanding of its origins. One such gap is the relationship of flight muscle activity on incidences 

of KBD. The flight muscles are large and place force onto the keel bone as the wings are used 

(Tobalske et al., 2003b). As such, it is important to determine to what degree wing usage may 

impact the presence of KBD. Furthermore, the role that flight feathers have on aerial activity and 

the effect that wing usage has on flight muscle thickness are unknown in laying hens. As such, the 

goals of this thesis were to fill in some of the gaps in our understanding of flight feathers on wing 

usage and wing usage on muscle and bone physiology in laying hens. We achieved this by using 

RFID to track elevated and ground resource usage, ultrasonography to track changes to flight and 

leg muscle thickness, and radiography to track keel bone fractures.   

In chapter 2, it was important to identify a scenario in which laying hens may experience a change 

to the usage of their wings. One such example would be a loss to the area of the wings through 

flight feather loss, which is known to reduce flight ability in wild species of birds (Hanson, 1962; 

Ankney, 1979; Piersma, 1988; Gaunt et al., 1990). Laying hens are already poor flyers, with a 

greater wing loading (body mass ÷ wing area) burden than most flying birds (Provine et al., 1984). 

A further reduction to wing area through the loss of flight feathers would theoretically challenge 

or diminish these birds’ flying ability. As such, we clipped the flight feathers and included two 

severities (~33% and ~55% reduction to wing area) to account for varying levels of feather loss. 

Indeed, results of this study indicated that a loss of flight feathers reduced the amount of time that 

hens spent accessing elevated resources. White-feathered hens were grounded by a ~55% 

reduction to wing area, while a ~33% reduction grounded brown-feathered birds. 

Furthermore, once clipping was applied, birds never returned to their previous usage of an elevated 

resource. While we cannot say with certainty, these results suggest that intact flight feathers are 

necessary, particularly for laying hens housed in aviaries where flapping-flight is needed to access 



 

 

75 

 

all available resources. However, the prevalence of feather pecking, and the difficulty in 

controlling the behaviour in aviaries where identifying peckers is difficult, and the behaviour 

spreads rapidly as more hens observe it, makes it challenging to manage (Rodenburg et al., 2013; 

Van Staaveren and Harlander, 2020). Potentially, the management and spatial distribution of 

resources within an aviary system, and housing in general, should consider the change that may 

occur to the feather cover throughout the life of the animals and adjust resources and square footage 

requirements accordingly.  

We acknowledge that the treatments applied in this study do not necessarily reflect patterns of 

feather cover loss observed in a flock of laying hens. For instance, feather cover damage due to 

feather pecking ranges greatly. Hens may preferentially peck at the feathers of the back and vent 

area with minimal damage to the wings or, hens may indiscriminately pull out all feathers of 

another bird, and a flock may become entirely featherless (Sedlačková et al., 2004). While degrees 

of clipping were used to account for varying levels of flight feather loss, future studies could 

observe elevated resource usage of laying hens with environment-related flight feather loss 

(feather pecking, abrasions, etc.) to further elucidate how resource usage changes as wing feather 

cover declines. 

As it was observed in chapter 2 that laying hens did indeed alter their behaviour in response to 

feather clipping, I further sought to determine if laying hens would make adjustments to their 

muscle and bone physiology in response to a decrease in wing usage (Chapter 3). Studies presented 

in this thesis (Chapter 3 and 4) were the first to track changes to the thickness of the flight and 

lower leg muscles in laying hens with repeated ultrasonographic measures. Such methodology 

prevented the sacrifice of birds and excision of muscles to acquire data and as such proved valuable 

to assess change to muscles within the same bird over time. Intra-observer reliability tests were 

performed to ensure consistency when measuring muscle thickness, however, it is important to 

note that there is always the potential for error when using ultrasonography. For instance, the 

location, orientation, and amount of pressure placed onto the transducer from the operator can 

introduce error (Klimstra et al., 2007; König et al., 2014). As such, rigorous training and repetition 

of muscle thickness measures were important steps taken to reduce error.  
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Results presented in Chapter 3 showed that white-feathered laying hens were susceptible to 

pectoralis thickness decreases in response to flight feather clipping, but not brown-feathered hens. 

This indicates that laying hens, particularly of the white-feathered variety, do display adaptations 

of the pectoralis in response to inactivity. Typically, a reduction in the size of a muscle due to 

atrophy is accompanied by a rapid decline in strength of the affected muscle (Berg et al., 1991; 

LeBlanc et al., 1992; Antonutto et al., 1999). This may disadvantage white-feathered chicks reared 

in an enclosed tier system prior to housing within an aviary. Surprisingly, keel bone fracture 

presence was not affected by a reduction to wing area, despite laying hens reducing the usage of 

their wings and displaying reductions to pectoralis muscle thickness. Additionally, there was no 

relationship between the presence of keel bone fractures and changes to the thickness of the 

pectoralis muscle. Potentially, as hens were not restricted in the usage of their wings, the level of 

activity (wing stretching, flapping, etc.) was sufficient to maintain keel bone integrity.  

We showed that laying hens missing flight feathers will alter their behaviour by becoming more 

ground-dwelling. Further, that white-feathered hens will display related reductions to the pectoralis 

flight muscle in response to feather loss. To follow, Chapter 4 sought to explore other factors that 

may influence wing usage in laying hens. For instance, overcrowding challenges the ability of 

laying hens to move with ease throughout a system, and hens may have to unequally use their 

wings to accommodate for the inability to stretch out both wings. Further, hens kept within small 

cage enclosures are incapable of substantial wing flapping. As there is little literature available 

reporting the effects of immobilization in laying hens on muscle physiology and keel bone damage, 

we sought to fill this knowledge gap. Similar to Chapter 2, results of this study indicated that white-

feathered hens can still access elevated resources, even when partially immobilized (one wing 

slinged), and showed reductions to pectoralis thickness when fully immobilized (housing within a 

single cage with insufficient space for wing flapping). In contrast, brown-feathered hens became 

grounded by partial immobilization but did not show the same reduction to pectoralis thickness 

when fully immobilized. Similar to chapter 3, we anticipated an increase in keel bone fracture 

presence as a result of immobilization, and again there was no observed effect. Additionally, we 

anticipated that the wings' unequal usage (partial immobilization) would unequally distribute force 

onto the keel and produce deviations as hypothesized by Harlander et al. (2015). However, 
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deviation was not affected by partial immobilization, and incidence did not change throughout the 

study for any treatment group. 

A primary objective of this thesis was to investigate the role of muscle activity (or inactivity) on 

the presence and severity of keel bone fractures. Notably, the presence of fractures was not related 

to a reduction in flight activity in Chapter 3 or 4. The studies of this thesis operated under the ideas 

presented in Chapter 1. Simply put, a reduction to wing activity would result in an adaptive 

reduction to flight muscle thickness, and a weakened (due to lack of mechanical stimuli) keel bone 

more likely to incur fracture. Our data showed that alterations to wing activity did not result in 

changes in the presence of keel bone fractures. However, we cannot rule out that the changes in 

wing activity did not influence the keel bone at a cellular or molecular level. More fundamental 

research is needed to determine the normal composition and activity of osteoblasts (bone building 

cells involved in bone modelling), osteoclasts (bone digesting cells involved in bone remodeling), 

and osteocytes (strain detection cells, involved in bone modelling and remodelling) of the keel 

bone among various hen strains, as well as how this may change in response to age, and activity 

in laying hens. Furthermore, investigations are needed to determine the level of strain the keel 

bone responds to with bone modeling and bone remodeling. This could be used to identify 

behaviours that produce more strain than the keel is capable of withstanding or that to which bone 

modelling is increased.  

We sought to understand if the activity of the flight muscles contributed to keel bone fracture, 

however perhaps it is not only the amount of activity, but the types of action performed as well. 

For instance, perching behaviour increases the risk of keel bone fracture and deviation 

(Abrahamsson and Tauson, 1993; Appleby et al., 1993; Scholz et al., 2008; Sandilands et al., 

2009). One such limitation of this thesis was that behavioural measurements were tracked with 

RFID, as such we could not determine what behaviours were performed. Instead, we used the 

amount of time spent at varying resources to assess aerial activity.  Investigations into specific 

behaviours that hens perform and the link to keel bone fracture and deviation levels may provide 

information on which behaviours are more likely to increase or reduce the formation of KBD. Our 

studies showed that a majority of fractures were present in the caudal tip of the keel bone, as 

observed by others (Casey-Trott et al., 2017b; Thøfner et al., 2020). It would be interesting for 
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future studies to investigate how force is displaced onto the keel when the flight muscles contract. 

This may reveal that a great amount of force is placed onto the tip of the keel bone during wing 

use. It may also be that muscle force is most impactful on this portion of the keel as it is the last to 

fully ossify (Buckner et al., 1949). 

A common thread present in the results of each experimental chapter of this thesis were the 

profound differences between white- and brown-feathered laying hens. To illustrate, when hens 

had their flight feathers clipped, brown-feathered hens became grounded by a ~33% reduction to 

wing area, while white-feathered hens required a ~55% reduction to see similar effects (Chapter 

2). Furthermore, white-feathered hens were the only strain in which muscle thickness decreases 

were observed in response to changes in flight muscle activity (Chapter 3 and 4).  

The physical differences of these two strains likely explain the drastic differences in their response 

to wing disuse. For instance, brown-feathered hens are heavier, with larger legs in contrast to the 

smaller body size, mass, and larger keel bone and pectoralis muscles of white-feathered hens 

(Giersberg et al., 2017; Fawcett et al., 2020; Pufall et al., 2021; Ross, 2021). This reason in and of 

itself can explain much of the differences in response to wing disuse observed in this trial. White-

feathered hens are more flight-equipped physically; as such, they are more able to adapt to flight 

restriction (wing area loss, wing slinging) than brown-feathered hens. However, as they use their 

wings more than brown-feathered birds, they are more susceptible to decreases in muscle thickness 

and bodyweight when flight is restricted whereas brown-feathered birds show no changes. 

However, we cannot rule out that there are no other differences between strains that can account 

for the observed differences. For instance, white-feathered hens may have a high motivation to 

access elevated resources that the brown-feathered hens may not share. Furthermore, there may be 

differences at the cellular and molecular level within muscle fibers of the flight muscles 

(mitochondrial density, fiber type, etc.) that could further explain the differences in how brown- 

and white-feathered hens use their wings. Regardless, results of this thesis are important as much 

of the research on laying hens makes use of one strain, the results of which may be applied to 

laying hens of various strains. However, this thesis, along with other studies (Ali et al., 2016; 

Kozak et al., 2016; Pufall et al., 2021), highlight that differently coloured strains have marked 

differences in their behaviour and physiology. As such, the inclusion of different strains should be 
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a factor in the design of future studies including laying hens. Moreover, housing and management 

considerations should reflect the physical ability and behavioural preferences of the different 

strains of birds in which they house.  

Altogether, this thesis is among the first to present a series of investigations on the relationship of 

flight muscle activity on changes to muscle thickness and keel bone damage in laying hens. 

Additionally, this thesis is the first to investigate the effects of flight feather loss on elevated 

resource usage. These understudied areas are important as they contribute to a growing body of 

knowledge needed to understand the high rates of keel bone damage observed in laying hens of all 

housing systems. In addition, the nature of skeletal muscle adaptations in response to activity in 

laying hens is not well documented. This thesis provides groundwork for a novel area of research, 

to which more foundational knowledge is needed. Lastly, the studies presented in this thesis 

highlight the profound differences in wing use of differently coloured laying hens (white- vs 

brown-feathered). There would be benefit to investigate these differences further so that better 

housing recommendations can be made when keeping these birds.  

Collectively, we found no conclusive evidence that a change in wing activity increases the risk of 

KBD in laying hens. It is interesting to note that even Charles Darwin observed such a high level 

of keel deformity in chickens back in 1868 before heavy selection for egg-production began. With 

that, the origins of KBD remain unclear and in need of more investigation.   
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APPENDICES  

 

Appendix A: percentage of time white-feathered laying hens of 3 treatment groups (control, half 

clip, full clip) spent at the ground vs elevated feeder. P-values of ≤ 0.05 represented with *, p-

values of ≤ 0.01 represented with **; * and ** indicate differences within treatment groups from 

week 0. 
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Appendix B: percentage of time white-feathered laying hens of 3 treatment groups (control, half 

clip, full clip) spent at the ground vs elevated nest box. P-values of ≤ 0.05 represented with *, p-

values of ≤ 0.01 represented with **; * and ** indicate differences within treatment groups from 

week 0. 
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Appendix C: percentage of time brown-feathered laying hens of 3 treatment groups (control, half 

clip, full clip) spent at the ground vs elevated feeder. P-values of ≤ 0.05 represented with *, p-

values of ≤ 0.01 represented with **; * and ** indicate differences within treatment groups from 

week 0. 
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Appendix D: percentage of time brown-feathered laying hens of 3 treatment groups (control, half 

clip, full clip) spent at the ground vs elevated nest box. P-values of ≤0.05 represent with *, p-values 

of ≤ 0.01 represented with **; * and ** indicate differences within treatment groups from week 0. 

  



 

 

102 

 

 

Appendix E: percentage of time white-feathered laying hens of two treatment groups (control, 

partially immobilized (one wing in a sling)) spent at the ground vs elevated feeder, and ground vs 

elevated nest box. P-values of ≤ 0.05 represent with *, p-values of ≤ 0.01 represented with **; * 

and ** indicate differences within treatment groups from week 0.  

 

Appendix F: percentage of time brown-feathered laying hens of two treatment groups (control, 

partially immobilized (one wing in a sling)) spent at the ground vs elevated feeder, and ground vs 

elevated nest box. P-values of ≤ 0.05 represent with *, p-values of ≤ 0.01 represented with **; * 

and ** indicate differences within treatment groups from week 0.  
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Appendix G: the assembly of PIT tag equipped leg bands. PIT tags were encased between two 

layers of duct tape. Following this, encased PIT tags were bonded to plastic leg bands with a layer 

of steel enforced epoxy. Lastly, to increase comfort of the band, a layer of elastic bandage was 

placed along the inside of the band and secured into place with a thin layer of epoxy. 
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Appendix H: placement of hens during ultrasound imaging of the lower leg. Hens were gently laid in the 

lap of a bird handler to image the left or right leg (left leg in this image). The shank and lower leg were 

held such that they formed a 90˚ angle and the feathers were gently parted (A). A plastic vernier caliper 

was placed just below the knee and perpendicular to the length of the tibiotarsus (B) and the transducer 

placed caudal to the caliper to obtain lower leg cross section (see Figure 3.8.1; chapter 3). 
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Appendix I: palpation of the keel bone of a laying hen. Hens were briefly suspended in an upside-

down position while a trained individual used their thumb and forefinger to feel for abnormalities 

in the shape of the keel bone (A). Image (B) displays the shape of a healthy keel bone (straight 

line), while image (C) displays a keel bone which deviates from a straight line. 


