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 ABSTRACT 

ASSESSMENT OF CONSERVATION BIOLOGICAL CONTROL TACTICS TO 

SUPPORT THE PARASITISM SUCCESS OF SYNOPEAS MYLES (HYMENOPTERA: 

PLATYGASTRIDAE)  

Carol McLennan  

University of Guelph, 2021   

Advisor: 

Dr. Rebecca H. Hallett  

 

Conservation biological control tactics were evaluated for their impact on the survival 

and parasitism success of Synopeas myles Walker (Hymenoptera: Platygastridae), a 

parasitoid of swede midge, Contarinia nasturtii (Kieffer) (Diptera: Cecidomyiidae). 

Insecticide toxicity to S. myles was evaluated, and Matador® was harmful to adults via 

direct and residual contact, while Movento® and Coragen® were harmless (Sterk et al. 

1999). Sweet alyssum was evaluated as a supplemental plant for supporting S. myles, 

and S. myles parasitized more C. nasturtii when provided with flowering sweet alyssum 

than without. Contarinia nasturtii females did not oviposit on, and larvae did not develop 

on, sweet alyssum plants, and therefore, sweet alyssum is unlikely to be a suitable host 

plant for C. nasturtii. Flowering sweet alyssum did not deter C. nasturtii from ovipositing 

on canola plants. This study found that insecticide selection and supplemental plantings 

of sweet alyssum may help support S. myles populations in canola.  
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1 Literature Review and Objectives  

1.1 Biological Control  

Biological control is a tactic that can be used in integrated pest management (IPM) 

to regulate pest populations with parasitoids, predators and entomopathogenic 

nematodes (Bale et al. 2008). Parasitoids are organisms that kill their hosts to complete 

their life cycle (Godfray 2001). Adult female parasitoids oviposit on, in, or nearby their 

hosts (Godfray 2001). Parasitoid larvae consume their hosts as they develop either 

inside (endoparasitoid) or outside (ectoparasitoid) the host (Godfray 2001). Parasitoids 

may also be idiobiont or koinobiont. Idiobiont parasitoids kill or permanently paralyze 

their hosts at oviposition, while koinobionts allow their host to feed and develop 

(Godfray 2001). Parasitoids are natural enemies of many organisms, and their presence 

in most terrestrial environments means that they have important roles in population 

dynamics, including suppression of pest species (Boisclair et al. 1990, Shaw and 

Walker 1996, Godfray 2001, Zhang et al. 2017). 

There are 3 types of biological control: classical, augmentative, and conservation. 

Classical biological control works to target an invasive pest through a mass release of a 

natural enemy, usually from the pest’s native range (Roberts 2016). The goal of 

classical biological control is for the natural enemy to become established in the new 

environment. Classical biological control works best in environments that experience 

little disturbance, such as perennial agricultural systems and natural landscapes, which 

can help the natural enemy establish (Bale et al. 2008).  
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In augmentative biological control, natural enemies are repeatedly released as 

they are not expected to establish in the environment (Heinz and Parrella 1990, Calvo 

et al. 2011). Augmentative releases can be inundative, with releases of high numbers of 

natural enemies at once, or inoculative, with smaller releases, such as at the beginning 

of each growing period (Sivinski 2013). Augmentative biological control is commonly 

used in greenhouses where natural enemies are unable to establish (van Lenteren 

2012). Both augmentative and classical biological control require facilities where natural 

enemies can be mass reared for release (van Lenteren 2012).  

Conservation biological control (CBC) refers to practices that increase or improve 

resources for natural enemies, including nectar, pollen, shelter, and alternate hosts 

(Landis et al. 2000), or that protect natural enemies already present within an 

environment (Shields et al. 2019). Protective practices may include altering tillage, 

pruning, weed management, irrigation, or fertilizer and pesticide applications potentially 

harmful towards natural enemies (Wyckhuys et al. 2013, Tamburini et al. 2016, Turchen 

et al. 2016). The objective of CBC is to protect and enhance natural enemy populations, 

resulting in improved pest suppression (Begg et al. 2017).  

1.2 Synopeas myles 

Synopeas myles (Walker) (Hymenoptera: Platygastridae) is a parasitoid of swede 

midge, Contarinia nasturtii (Kieffer) (Diptera: Cecidomyiidae). Native to Eurasia, C. 

nasturtii is a major pest of canola (Brassica napus L.) and brassicaceous vegetables 

(Brassica oleracea L.) in eastern North America (Hallett and Heal 2001, Kikkert et al. 

2006, Philips et al. 2017). Contarinia nasturtii larvae feed on the growing points of host 
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plants, which stimulates the development of galls, consisting of swollen and twisted 

tissue (Barnes 1950), along with twisting of plant tissue and/or a cluster of pods at the 

top of the raceme, known as an “umbrella” or “bouquet” effect (Canola Council of 

Canada 2021a).  

 

 

 

 

 

 

 

 

Figure 1-1. Canola plants exhibiting C. nasturtii damage: A) C. nasturtii damage preventing canola 
from bolting (https://www.canolacouncil.org), B) C. nasturtii larvae and feeding damage (Tracey 
Baute, OMAFRA), C) Umbrella effect from C. nasturtii feeding (https://farmforum.ca). 
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Synopeas myles are solitary, koinobiont endoparasitoids. Female S. myles 

oviposit next to the midgut of C. nasturtii larvae (Abram et al. 2012a). S. myles eggs 

develop within the C. nasturtii larvae for 3–4 d, and during this time, C. nasturtii larvae 

jump from the plant and enter the soil. While C. nasturtii larvae construct their cocoon in 

the soil, first instar S. myles larvae leave their trophamnion (Abram et al. 2012a). There 

are 2 larval instars of S. myles, and both instars feed within the body cavity of their host. 

Synopeas myles larvae pupate 9–11 d after parasitism and emerge as adults 10–12 d 

later (Abram et al. 2012a). Synopeas myles adults live for 2–12 d, and females can 

mate and parasitize hosts immediately after emergence (Abram et al. 2012a).  

 

 

Figure 1-2. Life cycle of S. myles. Photos for adult, 2nd instar, and pupae used with permission of 
Paul Abram, Agriculture and Agri-Food Canada, Agassiz, British Columbia, Canada.  
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Previous research has suggested that S. myles is proovigenic (Abram et al. 

2012a), meaning that its total complement of eggs is fully matured at emergence (Jervis 

et al. 2001), however some evidence of increased egg production over time has been 

observed suggesting it may be synovigenic (Ferland 2020). Synopeas myles females 

oviposit more in C. nasturtii second and third instars than in first instar larvae, with no 

oviposition in C. nasturtii eggs observed (Abram et al 2012a). Increased oviposition in 

later instar larvae is believed to be due to the movement of C. nasturtii larvae to the 

outer edges of the growing point as they develop, where they become more accessible 

to parasitoids compared to eggs and first instar larvae that are usually concealed within 

the growing point (Abram et al. 2012a). The overwintering strategy of S. myles has not 

been determined, and it is possible that S. myles overwinters like other platygastrid 

parasitoids, either inside host pupae in the soil (Baker and Dysart 1992) or as adults 

protected in leaf litter (Austin 1984, James 1988). Resolving the overwintering 

behaviour of S. myles could lead to new CBC practices for C. nasturtii in canola. 

Synopeas myles was the most abundant of the 4 parasitoids collected during a 

survey of C. nasturtii parasitoids in Europe (Abram et al. 2012b). Macroglenes 

chalybeus (Haliday) (Hymenoptera: Pteromalidae), Inostemma opacum Thomson 

(Hymenoptera: Platygastridae) and Synopeas osaces (Walker) (Hymenoptera: 

Platygastridae) were also identified (Abram et al. 2012b). The average parasitism rate 

of C. nasturtii by S. myles in the survey was 3% but was as high as 29% in some 

samples (Abram et al. 2012b). Previous analysis has found that parasitoids with <32% 

parasitism rates in their native range are unlikely to reduce target pest populations when 
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used as biological control agents (Hawkins and Cornell 1994). Because of low 

parasitism rates and an uncertain host specificity, S. myles was not introduced to North 

America as a classical biological control agent for C. nasturtii (Abram et al. 2012b).  

Synopeas myles was first detected in Canada in 2015 in Abitibi-Témiscamingue, 

Québec (Sébastien Boquel, CÉROM, unpublished data). In 2016, S. myles was 

detected in 6 canola fields near Shelburne, Ontario (Hallett and McGregor, unpublished 

data). Provincial surveys in Ontario from 2016–2018 found a widespread distribution of 

S. myles in canola growing regions, including Dufferin, Grey, Wellington, Bruce, 

Peterborough, Temiskaming, West Nipissing, and Cochrane counties (Ferland 2020). 

Average C. nasturtii parasitism rates at Ontario sites were 6% and as high as 30% 

(Ferland 2020). In 2018, average parasitism rates in Québec surveys were 25%, and as 

high as 76% (Sébastien Boquel, CÉROM, unpublished data). Parasitism rates of C. 

nasturtii by S. myles can be influenced by soil texture, presence of managed 

surroundings and flowers (Ferland 2020), which may have contributed to variation 

between sites and years.  

In Ontario, the overwintering population of C. nasturtii begins to emerge in May 

(Hallett et al. 2007), and the overwintering population of S. myles begins emerging in 

mid-June (Ferland 2020). Contarinia nasturtii have multiple emergence phenotypes with 

2–3 generations each season, while S. myles in Ontario have 4–6 generations each 

season. Parasitism of C. nasturtii by S. myles typically peaks in July (Ferland 2020). 

Since S. myles is already established in Ontario, CBC may be explored to reduce C. 

nasturtii populations by increasing S. myles populations and parasitism rates.  
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1.3 Conservation Biological Control 

Current C. nasturtii management tactics in canola include both chemical and cultural 

methods. Cultural methods include a 3- to 4-year crop rotation with non-brassicaceous 

crops, such as wheat Triticum aestivum L. and soybean Glycine max (L.) Merr., control 

of brassicaceous weeds, and early planting (Hallett 2017, Canola Council of Canada 

2021a). Early planting helps avoid C. nasturtii infestation, as plants will be past the most 

susceptible growth stages before peak C. nasturtii emergence (Williams and Hallett 

2018). For chemical control, the foliar insecticides Matador® and Coragen® are used. 

They will be discussed in detail later in this chapter.  

Even with current methods, C. nasturtii is difficult to manage because of its rapid life 

cycle, wide brassicaceous host range, and larvae that feed in an enclosed location 

within host plant growing tips. Because of these challenges it is widely recognized that 

multiple compatible control tactics are required to successfully manage C. nasturtii 

(Hallett 2017). A biological control program using S. myles could improve C. nasturtii 

management. Contarinia nasturtii have multiple overlapping generations each season 

and variable diapause patterns, and therefore, S. myles that is present throughout the 

season could provide on-going pest suppression. Synopeas myles is not necessarily 

limited to the crop area and could parasitize C. nasturtii on brassicaceous weeds 

nearby. Contarinia nasturtii larvae are usually located in a concealed location within the 

growing point on host plants, and S. myles may be more effective than insecticides at 

reaching these locations. Because of the challenges of C. nasturtii management, CBC 

tactics such as supplemental plantings and selective insecticide use may increase the 
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abundance of S. myles resulting in increased parasitism of C. nasturtii. Implementing 

CBC tactics for C. nasturtii will contribute to the goal of having multiple compatible IPM 

strategies necessary to improve C. nasturtii management. 

1.4 Toxicity of Insecticides to Synopeas myles  

It is important to understand the effects of insecticides on parasitoids used in CBC 

systems because exposure to insecticides might have negative impacts on parasitoids, 

which can decrease parasitism rates of their hosts. Parasitoids may be exposed to 

insecticides directly through spray droplets (Hewa-Kapuge et al. 2003, Hall and Nguyen 

2010) or through contact with insecticide residues on treated surfaces, including plants 

or soil (González-Zamora et al. 2013, Turchen et al. 2016). Parasitoids may also be 

exposed to insecticides by ingesting nectar from a flowering plant that was previously, 

or through consumption of or ovipositing on their hosts (Cônsoli et al. 1998, Stapel et al. 

2000, Paine et al. 2011). Insecticides may be lethal or sublethal to parasitoids. 

Sublethal effects could include reduced mobility, feeding, oviposition, and fecundity 

(Rosenheim and Hoy 1988, Desneux et al. 2003, 2007, Khan et al. 2015, Turchen et al. 

2016, Francesena et al. 2017).  

Insecticide applications may be modified to decrease risk to parasitoids by 

selecting insecticides with lower toxicity to parasitoids (Ramos et al. 2018, Torres and 

Bueno 2018), altering application timing to prevent parasitoid exposure (Hewa-Kapuge 

et al. 2003), or reducing insecticide application rates (Barbosa et al. 2017). In canola, 

the timing of insecticide applications for C. nasturtii is based on trap capture thresholds. 

This technique uses 4 pheromone traps that are situated on the perimeter of the field. 
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Monitoring of traps should begin in early May, and the first application is made when the 

cumulative capture of males from the first true leaf stage reaches 20, with subsequent 

applications made if trap counts reach an average of 3 males/trap/d and ≥7 d have 

passed since the previous application (Hallett and Hall 2014, Hallett 2017). In canola 

production, insecticides are applied 1–3 times/season; however, even one unnecessary 

insecticide application will reduce profits (OCGA 2016, Hallett 2017). Because of the 

economics of brassicaceous vegetable production, 5–7 insecticide applications may be 

justified (Hallett and Sears 2013). For cabbage, a pheromone-based action threshold of 

4–10 males/trap/d is recommended (Hallett and Sears 2013). Because of the temporal 

overlap of S. myles and C. nasturtii during susceptible stages of canola, S. myles will 

likely be exposed to insecticide applications made to target C. nasturtii.  

Coragen® (chlorantraniliprole, FMC of Canada Limited) and Matador® 120EC 

(lambda-cyhalothrin, Syngenta Canada Inc.) are registered in Canada for C. nasturtii 

control in canola and cruciferous vegetables, and Movento® 240 SC (spirotetramat, 

Bayer CropScience Inc.) is registered for use on cruciferous vegetables. In canola, 

Coragen® and Matador® can both be applied up to 3 times/season, and in cruciferous 

vegetables Matador®, Coragen®, and Movento® can be applied 3, 4, and 3 times, 

respectively (FMC of Canada Limited 2020, Bayer CropScience Inc. 2021, Syngenta 

Canada Inc. 2021). Matador® is a pyrethroid and sodium channel modulator. Matador® 

is a contact insecticide and is absorbed through the cuticle of insects, with limited 

uptake by plants (He et al. 2008, USDA 2018). Coragen® is a diamide insecticide (IRAC 

2021), that has translaminar movement in plants through the xylem (Lahm et al. 2009),  
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and targets chewing insects through ingestion or direct contact (Dinter et al. 2009). 

Movento® is an inhibitor of acetyl-CoA carboxylase (IRAC 2021). Movento® is systemic 

and has bidirectional movement, having both acropetal and basipetal translocation 

through plants (Arnaudov and Petkova 2020). Movento® is primarily used to target 

phloem-feeding insects (Nauen et al. 2008).  

The International Organization for Biological Control (IOBC) ranks the toxicity of 

pesticides to natural enemies as harmless (< 30% mortality of tested population), 

slightly harmful (30–79%), moderately harmful (80–99%), or harmful (> 99%) (Sterk et 

al. 1999). Formulated lambda-cyhalothrin was harmful to adult parasitoids through 

contact with sprays (Frewin et al. 2012) or contact with dried residues (Frewin et al. 

2012, Shankarganesh et al. 2013, Honarmand et al. 2018, Silva et al. 2018). 

Formulated lambda-cyhalothrin also reduced adult emergence when applied 

to Trichogramma pretiosum Riley (Hymenoptera: Trichogrammatidae) in host eggs 

(Cônsoli et al. 1998). Studies showed that residues of formulated spirotetramat 

(Mansour et al. 2011, Frewin et al. 2012) and chlorantraniliprole (Brugger et al. 2010, 

Gradish et al. 2011, Turchen et al. 2016, Silva et al. 2018, Stecca et al. 2018) were 

harmless according to IOBC rankings to adult parasitoids at recommended rates. 

However, exposure of Tamarixia radiata (Waterston) (Hymenoptera: Eulophidae) adults 

to residues of formulated spirotetramat was moderately harmful (Hall and Nguyen 

2010). Emergence of Trichogramma brassicae Bezdenko (Hymenoptera: 

Trichogrammatidae) that were exposed to formulated chlorantraniliprole at larval and 

pupal stages while developing inside host eggs was significantly lower than of those 
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exposed to water (Parsaeyan et al. 2020). Because formulated lambda-cyhalothrin, 

spirotetramat, and chlorantraniliprole are harmful to other parasitoids, the toxicity of 

these insecticides to S. myles should be determined. With this knowledge, insecticides 

with comparatively low toxicity to S. myles can be preferentially selected for use over 

those that are more toxic. 

1.5 Habitat Management  

Habitat management is a component of CBC involving practices that alter the 

environment to provide food, shelter, or resources within the optimal time and space to 

support natural enemies (Landis et al. 2000). The goal of habitat management practices 

is to make environments more favourable to natural enemies, to result in increased pest 

suppression (Landis et al. 2000). Food sources provided to natural enemies in habitat 

management can include nectar, pollen, honeydew, or nutrients in the form of food 

sprays (Evans et al. 2010, Lahiri et al. 2017, McIntosh et al. 2020). Providing natural 

enemies with shelter can protect them from practices such as pesticide applications or 

harvest by providing refuge areas or protection from extreme environmental conditions 

(Lee et al. 2001, Collins et al. 2003, Diehl et al. 2012). Additional resources provided in 

habitat management include alternate hosts or prey that allow the natural enemy to 

better establish when their host is not present (Saeed et al. 2015). 

Supplemental plantings are one method of habitat management used to increase 

the survival and fecundity of natural enemies. Monoculture cropping systems have a 

single species planted during the growing season, and after harvest, fields are often left 

bare, providing little or no source of nectar for parasitoids. The “parasitoid nectar 
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provision” hypothesis suggests that polycultures that provide constant nectar sources to 

parasitoids lead to increased pest suppression (Heimpel and Jervis 2005). Flowering 

plants produce pollen and nectar that contain compounds, such as sugars and amino 

acids, that are beneficial to parasitoids and can increase their life span and fecundity 

(Olson et al. 2000, Berndt and Wratten 2005, Nafziger and Fadamiro 2011).  

Supplemental plant additions could provide a consistent nectar source to S. 

myles in Ontario canola fields throughout the growing season. Canola flowers for 14–21 

d each season and could be a potential nectar source for S. myles, although no 

research has been conducted on whether S. myles will utilize canola nectar. 

Regardless, because of the short flowering time of canola, a supplemental plant 

addition may provide S. myles with a more consistent nectar supply throughout periods 

of the growing season when the parasitoid is active. 

Supplemental plantings can be adjacent to a crop or intercropped in strip or relay 

patterns. Commonly used species for supplemental plantings in CBC systems include 

buckwheat, Fagopyrum esculentum (Moench), French marigold, Tagetes patula (L.), 

and sweet alyssum, Lobularia maritima (L.) (Lee et al. 2006, Brennan 2016, Foti et al. 

2017, Chen et al. 2020). 

Supplemental plantings with nectar-producing plants may increase the longevity 

and fecundity of S. myles, resulting in higher parasitism rates of C. nasturtii. Access to 

buckwheat nectar significantly increased the fecundity and longevity of Telenomus 

podisi Ashmead (Hymenoptera: Platygastridae) (Lahiri et al. 2017). In laboratory trials, 
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sugar feeding significantly increased the longevity of S. myles compared to water 

feeding, with females and males living 10 and 5 d longer, respectively (Abram et al. 

2012a). Increased longevity of S. myles from access to sugar in nectar sources could 

allow additional time for mating and host searching, while increased fecundity could 

increase the number of progeny produced (Berndt and Wratten 2005, Géneau et al. 

2012, Irvin and Hoddle 2015).  

Sweet alyssum is commonly used to provide a supplementary nectar source for 

CBC (Brennan 2016, Chen et al. 2020) because of the high numbers of fragrant flowers 

the plants produce. There are numerous cultivars of sweet alyssum, and some can 

produce flowers for up to 10 months (Picó and Retana 2001). Depending on the cultivar, 

flowers can be pink, purple, or white (Gillman and Howe 1999). Sweet alyssum is native 

to the Mediterranean region where it has a perennial life cycle; however, in colder 

climates, such as Canada, it is grown as an annual (Picó and Retana 2001). Sweet 

alyssum plants have a spreading growth habit and grow 7–25 cm tall. It grows best in 

environmental conditions with well-drained soils and full to partial sun (Gilman and 

Howe 1999).  

Access to sweet alyssum increases the longevity and fecundity of other 

parasitoid species. Trissolcus basalis (Wollaston) (Hymenoptera: Platygastridae) is 

attracted to volatiles from both flowering and non-flowering sweet alyssum (Aparicio et 

al. 2018). Increased longevity of Platygaster demades Walker (Hymenoptera: 

Platygastridae) adults has been observed when adults were given access to sweet 

alyssum compared to water alone (Sandanayaka and Charles 2006). Access to sweet 



 

 

14 

 

 

 

alyssum also significantly increased the longevity and fecundity of both Cotesia vestalis 

(Haliday) (Hymenoptera: Braconidae) and Dolichogenidea tasmanica (Cameron) 

(Hymenoptera: Braconidae) compared to those provided with water alone (Berndt and 

Wratten 2005, Chen et al. 2020). Because sweet alyssum increased the longevity and 

fecundity of other hymenopteran parasitoids, it may also benefit S. myles. 

Previous research has started to assess whether access to sweet alyssum can 

increase S. myles longevity and fecundity. Laboratory bioassays found that sweet 

alyssum significantly increased the longevity of S. myles compared to water alone 

(Ferland 2020). However, access to sweet alyssum did not significantly increase the 

realized fecundity of S. myles, which may have been because of daily handling of 

parasitoids (Ferland 2020). Future studies should evaluate whether sweet alyssum 

increases parasitism rates of C. nasturtii by S. myles in a setting without daily 

disturbance. If sweet alyssum increases the parasitism rate of S. myles, studies should 

determine the optimal spatial arrangement in canola fields to provide nectar that is 

accessible to S. myles. Contarinia nasturtii is primarily found close to field edges, and S. 

myles has only been detected within 10 m of field edges in preliminary surveys (Ferland 

2020), so a potential configuration could be supplemental plants located at field borders.   

To be effective, supplemental plantings in CBC need to be attractive to 

parasitoids and provide high amounts of pollen and nectar that are physically accessible 

and available (Wäckers 2004, Fiedler et al. 2008, Foti et al. 2017). For S. myles, 

supplemental plantings should be available from June–August, when surveys have 

shown adult S. myles parasitize C. nasturtii (Ferland 2020). Furthermore, supplemental 
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plantings need to be adapted to growing conditions and be easy to establish in the 

selected environment (Fiedler et al. 2008). If supplemental plantings attract or support 

pests, the attractiveness to parasitoids needs to be higher than the pest species 

(Géneau et al. 2012). Sweet alyssum is a brassicaceous plant and therefore a potential 

host for C. nasturtii. Therefore, the ability of C. nasturtii to use sweet alyssum as a host 

plant needs to be examined. Before adding sweet alyssum to agroecosystems as a 

supplemental planting, it should be determined whether C. nasturtii finds it an 

acceptable host. 

Previous research has shown sweet alyssum can deter oviposition by Drosophila 

suzukii (Matsumura) on raspberries (Renkema and Smith 2020). Because sweet 

alyssum deters other dipteran pests, it may deter oviposition by C. nasturtii. If sweet 

alyssum deters C. nasturtii, this supplemental plant may serve a dual purpose by also 

attracting S. myles in a CBC system for C nasturtii by S. myles. 

1.6 Research Objectives  

The goal of this research was to evaluate CBC tactics to conserve and/or 

increase the abundance of S. myles. The first objective was to determine the 

susceptibility of S. myles to foliar-applied insecticides used for C. nasturtii management. 

Knowledge of the relative toxicity of insecticides used for C. nasturtii management to S. 

myles will allow for recommendation of the least harmful products for use in canola IPM. 

The second objective was to determine whether access to sweet alyssum plants 

increased parasitism rates of C. nasturtii by S. myles, to assess the potential of sweet 

alyssum as a nectar-bearing plant for CBC of C. nasturtii. Additionally, the suitability of 
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sweet alyssum as a host plant for C. nasturtii and whether sweet alyssum deters C. 

nasturtii oviposition was assessed. Developing methods to improve conditions for S. 

myles in agroecosystems through a CBC perspective will benefit C. nasturtii IPM.  
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2 Susceptibility of the parasitoid Synopeas myles 
(Hymenoptera: Platygastridae) to foliar-applied 
insecticides  

2.1 Introduction  

Synopeas myles (Walker) (Hymenoptera: Platygastridae), a parasitoid of swede 

midge, Contarinia nasturtii (Kieffer) (Diptera: Cecidomyiidae), was detected in Ontario in 

2016 (Hallett and McGregor, unpublished data). Native to Eurasia, S. myles is a solitary 

koinobiont endoparasitoid (Abram et al. 2012a). Contarinia nasturtii is a major pest of 

canola and brassicaceous vegetables (Hallett and Heal 2001, Hallett 2017). Since 2016, 

yearly surveys throughout Ontario have found that S. myles is widely distributed through 

canola-growing regions (Ferland 2020). Parasitism rates of C. nasturtii by S. myles 

measured from these surveys have been low, averaging 6%, but reaching as high as 

31% (Ferland 2020). 

Conservation biological control (CBC) is the act of using tactics to make 

agroecosystems more favourable to natural enemies such as parasitoids (Begg et al. 

2017). Conservation biological control could be useful for C. nasturtii management as 

current practices, including chemical and cultural methods, are not entirely effective. 

Synopeas myles adults are active in Ontario from June–August each season and may 

parasitize C. nasturtii during this time, so conservation of S. myles in the agroecosystem 

could be an important component of a long-term management strategy against C. 

nasturtii. Synopeas myles may be more effective than non-systemic insecticides at 

reaching C. nasturtii, which are usually located between leaves around meristematic 

tissue or buds (Readshaw 1961). Conservation biological control strategies that improve 
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conditions for S. myles may increase parasitism rates, resulting in improved C. nasturtii 

management.  

Parasitoids may be exposed to insecticides through direct contact with spray 

droplets (Hewa-Kapuge et al. 2003, Hall and Nguyen 2010), contact with surface 

residues (Pazini et al. 2017, Parsaeyan et al. 2020), or orally while consuming their 

hosts or nectar sources (Cônsoli et al. 1998, Stapel et al. 2000, Paine et al. 2011). 

Parasitoids that survive exposure to insecticides may experience negative sublethal 

effects on development, adult longevity, feeding, or oviposition behaviour (Rosenheim 

and Hoy 1988, Desneux et al. 2003, 2007, Khan et al. 2015, Turchen et al. 2016). 

Insecticide applications can be altered to reduce hazard and exposure to parasitoids by 

modifying application timing or rate, or by selecting a product with reduced toxicity to the 

parasitoid (Mansour et al. 2011, González-Zamora et al. 2013, Barbosa et al. 2017). 

The insecticides Matador®, Coragen®, and Movento® are registered in Canada 

for C. nasturtii control in brassicaceous vegetables, and Matador® and Coragen® are 

also registered for C. nasturtii in canola (OMAFRA 2021a). Formulated lambda-

cyhalothrin residues have been found to be toxic to trichogrammid, braconid, and 

aphelinid parasitoids at label rates ranging from 20–30,000 mg/L (Haseeb et al. 2004, 

Bengochea et al. 2012, Frewin et al. 2012, Shankarganesh et al. 2013). Formulated 

lambda-cyhalothrin applied to parasitized hosts at 0.004 g/L has been found to reduce 

emergence of platygastrid parasitoids (Pazini et al. 2017). Studies have found low 

toxicity in adult trichogrammid, ichneumonid, braconid and aphelinid parasitoids 

exposed to formulated chlorantraniliprole at label rates ranging from 9–180 mg/L and 
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0.3–86 mL/L as a spray or residue, with resulting mortality rates of < 50% (Brugger et al. 

2010, Gradish et al. 2011, Khan et al. 2015, Duraimurugan and Lakshminarayana 2018, 

Lowenstein et al. 2019). However, when applied to parasitized host eggs at the 

maximum recommended label rate of 225 g/L, formulated chlorantraniliprole decreased 

emergence of adult Trichogramma brassicae Bezdenko (Hymenoptera: 

Trichogrammatidae) (Parsaeyan et al. 2020). Formulated chlorantraniliprole applied at 

0.1 g/L to host eggs containing trichogrammid parasitoid pupae has been found to 

reduce the fecundity of parasitoid adults that emerge (Gallego et al. 2019). Direct 

sprays of formulated spirotetramat at label rates of 0.8 mL/L were toxic to Tamarixia 

radiata (Waterston) (Hymenoptera: Eulophidae), causing 68% mortality after 24 h (Hall 

and Nguyen 2010). Sub-lethal effects, such as decreased longevity in adults, have been 

found in aphelinid parasitoids exposed to formulated spirotetramat at 0.02 g/L 

(Francesena et al. 2017). Because these insecticides have negative effects on 

parasitoids, their toxicity to S. myles should also be evaluated at label rates used for C. 

nasturtii management. An understanding of how these insecticide effect S. myles would 

allow for improved use recommendations that help preserve S. myles populations in 

brassicaceous crops. 

The objective of this study was to determine the toxicity of insecticides used for 

C. nasturtii management to S. myles. Laboratory bioassays were conducted to 

determine the direct and residual contact toxicity of Matador®, Coragen®, and 

Movento® to S. myles adults; and to assess their impact on S. myles development in C. 



 

 

20 

 

 

 

nasturtii larvae. Knowledge of the potential effects of insecticides to S. myles would 

allow for modification of their use to minimize hazard to, or exposure of, S. myles.  

2.2 Materials and Methods  

2.2.1 Synopeas myles collection 

Adult S. myles used in experiments were collected from 24 Ontario canola fields 

in 2019 and 9 fields in 2020. Canola plants (50–100/field) with visible C. nasturtii 

damage were sampled weekly from 5 fields in 2019 and 4 in 2020 for 8 weeks from 

early June to late July. The remaining fields were visited 1 or 2 times/season, with 25–

50 plants sampled each visit. The growing tips of each plant were removed and placed 

individually in 540 mL plastic deli containers, or emergence container, with 250 mL 

moistened potting mix (Professional Growing Mix, Sun Gro® Horticulture, Agawam, 

Massachusetts). In 2019, there was a single circular 5 cm diameter, thrips-proof mesh-

covered hole in the lid of each emergence container. In 2020, mesh was replaced with 

200-m mesh, and 2 circular holes (2.5 cm diameter) were added to the sides of the 

containers to improve ventilation. In 2019, emergence containers were checked daily for 

parasitoid emergence, and in 2020, emergence containers were checked 3 times/week 

(Monday, Wednesday, Friday). Emergence containers were checked for parasitoid 

emergence for 5 weeks before being discarded 

2.2.2 Synopeas myles colony 

 In summer 2020, an S. myles colony was established to provide parasitoids for 

experiment 4. Every Monday, Wednesday, and Friday, 2 cauliflower plants with second 

instar larvae and 2 cauliflower plants with third instar larvae were selected from the C. 
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nasturtii colony. The leaves from the cauliflower plants were trimmed to make the C. 

nasturtii larvae more accessible to maximize parasitism rates of S. myles and placed in 

a 60 × 60 × 60 cm mesh BugDorm® 6M610 cage (MegaView Science Co, Ltd. Taiwan). 

Recently emerged adult S. myles were added to the cage to parasitize the C. nasturtii 

larvae. After 48 h, the cauliflower growing point was cut and then placed in an 

emergence container with moist potting mix, following the same method as above. The 

emergence container was checked every day for parasitoid emergence. Once 

parasitoids emerged, they were aspirated into microcentrifuge tubes to be used in 

experiments.  

2.2.3 Insecticide treatments 

The toxicity of Matador® 120EC (lambda-cyhalothrin, Syngenta Crop Protection 

Canada Inc., Pesticide Control Product (PCP) registration No. 24984), Coragen® 

(chlorantraniliprole, FMC of Canada Limited, PCP registration No. 28982), and 

Movento® 240SC (spirotetramat, Bayer CropScience Inc., PCP registration No. 28953) 

was evaluated (Table 2-1). The recommended application rate, or maximum 

recommended rate when a range of rates was given, for C. nasturtii control from each 

insecticide label was designated as the full label rate for all bioassays. 

The label rate (mL/ha), spray volume (L/ha), and concentration of active ingredient in 

product (g a.i./L) were multiplied by (1 L/1,000 mL), (1 L/1,000 g), and (1,000,000 mg/L) 

to determine the concentration of active ingredient in the spray solution at the label rate 

(mg/L) (Table 2-1). For each experiment, a stock solution was created at the highest 

concentration and diluted with deionized water to achieve the desired rate
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Table 2-1. Active ingredient, trade name, manufacturer, and recommended application rates for Matador®, Coragen®, and Movento® 
used in S. myles toxicity experiments. 

Trade name 

 
 
Active ingredient 

 
 
Manufacturer 

Concentration 
of active 

ingredient 
(g a.i./L) 

 
Recommended 

label Rate 
(mL/ha) 

Spray Volume 
(L/ha) 

Recommended 
application rate 

(mg/L) 

Matador® 120 
EC 

Lambda-
cyhalothrin 

Syngenta 
Canada Inc. 

120 83 200 49.8 

Coragen® Chlorantraniliprole FMC of 
Canada 
Limited 

200 250 100 250 

Movento® 240 
SC 

Spirotetramat Bayer 
CropScience 
Inc. 

240 365 300 292 
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2.2.4 Experiment 1: Direct contact toxicity to adult Synopeas myles  

The contact toxicity of each insecticide to S. myles adults was determined at half, 

full, and double the recommended application rates (Table 2-1). Field collected S. myles 

adults were aspirated from emergence containers and placed into glass vials in groups 

of 10. Parasitoids were not sorted by sex, however, in the field a 1.05:1 male:female sex 

ratio has been reported (Abram 2012b). Each group was anaesthetized with CO2 for 10 

s, and then placed in a 5-cm glass Petri dish with filter paper taped to the bottom. A 1/9 

scale version of a Potter spray tower (Potter 1952), referred to as a mini spray tower, 

consisting of an Iwata® Eclipse HP-BCS airbrush sprayer (Anest Iwata-Medea, Inc., 

Portland, OR) was used to apply the insecticide solution. The airbrush sprayer was 

powered by an air compressor and attached above a metal cylinder and evenly 

deposited insecticide solution at the base. Groups of treated parasitoids were 

transferred to 10-cm plastic Petri dishes with filter paper glued to the bottom surface 

and 3 equally spaced, 0.5 cm diameter holes on the sides covered in fine mesh. Four 

drops of honey (1 mm) were placed equidistantly on the filter paper around the bottom 

of each dish, 1 cm from the edge. Petri dish lids were secured with elastic bands, and 

dishes were kept in a growth chamber at 24  1 C, 30–40% RH, and a 16:8 h light:dark 

photoperiod. At 24 h, mortality was assessed, and S. myles adults were considered 

dead if they were unresponsive when probed with a paint brush. The experiment was 

replicated 5 times over 4 weeks with each replicate consisting of each rate. 
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2.2.5 Experiment 2:  Residual contact toxicity to adult Synopeas myles 

The residual contact toxicity of insecticide residues to adult S. myles was 

determined at half, full, and double the recommended application rates (Table 2-1). 

Treatment containers were 10 cm plastic Petri dishes with a piece of filter paper glued 

to the top and bottom, and ventilated as described above. Insecticide solutions were 

pipetted (1 mL) onto the top and bottom filter paper in each dish and dried in a fume 

hood for 2 h. After drying, 4 equally spaced, 1 mm drops of honey were added to the 

bottom filter paper, 1 cm from the Petri dish edge. Adult S. myles collected from canola 

fields, unsorted by sex, were aspirated into vials in groups of 10 and anesthetized as 

described above. Each group was tapped out of the vial and into a Petri dish, and the 

dish was closed and secured with elastic bands. Petri dishes were randomly placed on 

a shelf in a growth chamber at 24  1 C, 30–40% RH and a 16:8 h light:dark 

photoperiod. At 24 h, mortality was assessed as described above. The experiment was 

replicated 5 times over 2 weeks with each replicate consisting of each rate. 

2.2.6 Experiment 3: Aged residual contact toxicity to adult Synopeas myles 

Matador® was harmful to S. myles in the adult direct and residual contact 

exposure experiments, so an experiment to assess the toxicity of residues of over time 

was conducted. Matador® was evaluated at the full application rate, and subsequently 

at half and quarter application rates, using the methods described for experiment 2. 

Prior to the introduction of S. myles, the treated Petri dishes were placed in a growth 

cabinet for 1, 3, 5, or 7 days at 22  1 C, 30–40% RH, and a 16:8 h light:dark 

photoperiod. For the full label rate, Petri dishes were closed during aging. For half and 
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quarter label rates, the Petri dishes were left open during aging, with both sides facing 

up to allow for more realistic aging of the insecticide through exposure to air and light. 

After aging, 4 equally spaced, 1 mm drops of honey were added to the bottom filter 

paper, 1 cm from the Petri dish edge. Groups of 10 S. myles from the colony, not sorted 

by sex, were added to each Petri dish, unanesthetized. The lid of the Petri dish was 

sealed with Parafilm. Petri dishes were kept in a growth chamber at 22  1 C, 30–40% 

RH, and a 16:8 h light:dark photoperiod. At 24 h, mortality was assessed as described 

above. The experiment was replicated 5 times over 6 weeks with each replicate 

consisting of each rate.  

2.2.7 Experiment 4: Indirect toxicity to Synopeas myles in insecticide-treated 
Contarinia nasturtii larvae 

The indirect contact toxicity of Matador®, Coragen®, and Movento® to S. myles 

eggs and larvae developing within C. nasturtii larvae was determined at full application 

rates (Table 2-1). Cauliflower, Brassica oleracea L. (cv. Snow crown, Stokes Seeds 

Ltd., Thorold, Ontario), was grown in a greenhouse at the University of Guelph. 

Cauliflower was planted weekly with 2 cauliflower seeds/15-cm pot, containing potting 

mix (Professional Growing Mix, Sun Gro® Horticulture, Agawam, Massachusetts) and 

fertilized weekly with 20-20-20 fertilizer at a rate of 3 g fertilizer/L water. Cauliflower 

plants were watered daily. 

For the experiment, 8 cauliflower plants at the 5–7 leaf stage were infested with 

C. nasturtii from the colony at the University of Guelph. Every Monday, Wednesday, and 

Friday, 8 cauliflower plants were placed in an oviposition cage which consisted of a 
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plexiglass container (W60 × D91 × H60 cm) containing C. nasturtii adults. The C. 

nasturtii colony was maintained at 22  1 C, 30–50% RH, and 16:8 h light:dark 

photoperiod. At 48 h, the cauliflower plants were removed and placed on a shelf outside 

the cage while the larvae developed. Every Monday, Wednesday, and Friday, the plants 

were visually examined for third instar C. nasturtii larvae, which usually developed after 

7 d. Plants with approximately 50–200 C. nasturtii were selected for experiments. 

Before the experiment, the leaves on each cauliflower plant were removed, and 

the stem with the growing point was cut 5 cm in height. The stem was placed upright in 

a 5-mL beaker containing 2 mL of water, and the beaker was secured with putty to the 

bottom of a 540-mL round plastic container. The container was placed into a 30  × 30 × 

30 cm  BugDorm 4F3030 (MegaView Science Co, Ltd., Taiwan) cage. Four male and 

four female S. myles from field collections were placed in a cage for 24 h to parasitize 

the C. nasturtii larvae.  

At 24 h, the cauliflower growing tip was dissected to access the C. nasturtii 

larvae. The C. nasturtii larvae from each plant were transferred with a paint brush to a 

5-cm glass Petri dish bottom lined with filter paper. Each Petri dish with larvae was 

inserted into the mini spray tower and 0.5 mL of formulated insecticide solution was 

applied. Immediately after, larvae were transferred with a paint brush to a 10-cm plastic 

Petri dish containing a cauliflower leaf. The dish was sealed with Parafilm and placed in 

a growth chamber at 22  1 C, 30–40% RH, and 16:8 h light:dark photoperiod. 
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After 3 d, C. nasturtii larvae were counted, and mortality was determined. Larvae 

were considered dead if they were unresponsive when probed with forceps. All larvae 

were then examined under a compound microscope. Larvae were transferred in groups 

of 5–10 with a paint brush onto a microscope slide. A drop of deionized water and a 

coverslip was placed on top of the larvae, and larvae were examined to determine if 

they had been parasitized by S. myles based on descriptions by Abram et al. (2012b). 

The experiment was replicated 10 times over 4 weeks with each replicate consisting of 

each rate of insecticide. 

2.2.8 Statistical analyses  

Treatment means for experiments 1, 2, and 3 were adjusted for control mortality 

using Henderson-Tilton’s formula (Henderson and Tilton 1955). Control mortality ranged 

from 0–20%, 0–10%, 0–20% in experiments 1, 2, and 3, respectively. For each 

experiment, assumptions of ANOVA were evaluated by plotting studentized residuals 

and conducting a Shapiro-Wilk test for normality. All experiments did not meet the 

assumption of normality, so non-parametric tests were used. For experiments 1 and 2, 

data analyses were completed in R Studio (Version 1.4.1106), and experiment 4 was 

analyzed in R Studio (Version 1.2.1335). For each test, =0.05 was used. 

For experiments 1 and 2, a Kruskal-Wallis test was used to determine the effect 

of insecticide treatment on mortality. For both experiments, a Dunn’s test was used as a 

post-hoc test to determine which treatment pairs differed. 
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For experiment 3, means and standard error of percent mortality were calculated 

for each treatment. 

Experiment 4 was analyzed using a generalized mixed model with the Lme4 

package (Bates et al. 2015)1. Both the percent of C. nasturtii that had been parasitized 

and the percent of C. nasturtii mortality were modelled using a binomial distribution. For 

each model, treatment was a fixed effect and replicate was a random effect. Wald’s test 

was used to test for significant effects. A Tukey’s test was used to compare treatments. 

For experiments 1, 2, and 3 the toxicity of insecticides was ranked according to 

protocols outlined by the International Organization Biological Control (IOBC): harmless 

(< 30% mortality of tested population), slightly harmful (30–79%), moderately harmful 

(80–99%), and harmful (> 99%) (Sterk et al. 1999). The IOBC laboratory ratings 

represent a worst-case scenario, and the intention is that in field settings exposure will 

be reduced, resulting in lower mortality (Sterk et al. 1999).  

2.3 Results 

2.3.1 Experiments 1 and 2: Direct and residual contact toxicity to adult Synopeas 
myles  

Insecticide treatment had a significant effect on S. myles mortality through both direct 

(2 = 40.5, df = 8, P < 0.0001) and residual (2 = 33.7, df = 8, P < 0.0001) exposure 

(Figures 2-1 and 2-2). In experiments 1 and 2, Matador® caused higher mortality than 

Coragen® and Movento® at all rates tested. According to IOBC standards (Sterk et al. 

 

1 The data from experiment 4 were analyzed by Dr. Andrew Frewin. 
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1999), Matador® was harmful, and Coragen® and Movento® were harmless to S. myles 

adults in direct and residual contact toxicity experiments. 

 

 

Figure 2-1. Mean percent (±SE) mortality of S. myles adults (n = 610) 24 h after direct contact 
exposure at half, full, or double the recommended application rates of Matador®, Coragen®, or 

Movento®. Bars labelled with different letters are significantly different (Dunn’s test,  = 0.05). 
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Figure 2-2. Mean percent (±SE) mortality of S. myles adults (n = 598) 24 h after exposure to 
Matador®, Coragen®, or Movento®. Adults were exposed to dried residues of each insecticide 1 h 
after they were applied to a filter paper at half, full, or double the recommended application rates. 

Bars labelled with different letters are significantly different (Dunn’s test,  = 0.05). 

 

 

2.3.2 Experiment 3: Aged residual contact toxicity to adult Synopeas myles 

Matador® was harmful (Sterk et al. 1999), causing 100% of S. myles adults 

exposed to full and half rates aged for 1 d and full and quarter rates aged for 3 d. 

Matador® was moderately harmful for the remaining treatments, causing between 80 

and 99% mortality of S. myles adults (Table 2-2).  
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Table 2-2. Mean percent mortality (±SE) of adult S. myles (n = 741) following contact with 
Matador® residues that had been aged 1, 3, 5, or 7 d at full, half, and quarter recommended 
application rates. 

Residue Age (days) % Mortality (full) % Mortality (half) 
% Mortality 

(quarter) 

1  100 ± 0.00  100 ± 0.00 97.8 ± 2.22 
3  100 ± 0.00 93.3 ± 6.66  100 ± 0.00 
5 98.0 ± 2.02 93.8 ± 4.06 95.0 ± 3.09 
7 88.5 ± 3.98 97.8 ± 2.22 96.0 ± 4.00 

 

 

2.3.3 Experiment 4: Indirect toxicity of insecticides to Synopeas myles in 
insecticide-exposed Contarinia nasturtii larvae 

Although there were variable numbers of C. nasturtii larvae on the plants (range 

6–290) when they were exposed to S. myles, this did not lead to any significant 

differences in percent of parasitized C. nasturtii larvae in each insecticide treatment (2 

= 3.86, df = 3, P = 0.277). Treatment had a significant effect on C. nasturtii mortality (2 

= 407, df = 3, P < 0.0001) (Table 2-3). Mortality of C. nasturtii larvae in the control was 

less than half of the mortality in the Coragen®, Matador®, and Movento® treatments, 

but there was no significant difference in mortality of C. nasturtii larvae among 

insecticide treatments. Replicate was significant as a random effect (2 = 136, df = 1, P 

< 0.0001) because of the variation in C. nasturtii larval mortality between replicates; 

however, control mortality was lower than treatment mortality in all replicates.  
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Table 2-3. Percent (±SE) of C. nasturtii larval mortality and percent of parasitized C. nasturtii 
larvae. Contarinia nasturtii larvae were exposed to S. myles adults (n = 320) for 24 h after which C. 
nasturtii larvae were exposed to sprays of Matador®, Coragen®, or Movento®. Deionized water 
was used as a control. Values within columns with the same letter are not significantly different 

(Tukey’s  = 0.05). 

Treatment 
Percent ( SE) C. 
nasturtii mortality    

Percent ( SE) 
parasitized C. 
nasturtii larvae 

Matador® 78.2  3.70 A 8.03  0.0149 A 
Coragen® 70.0  4.39 A 9.25  0.0154 A 
Movento® 75.6  3.96 A 6.93  0.0130 A 
Control 30.4  4.57 B 9.12  0.0166 A 

 

2.4 Discussion  

Exposure of S. myles adults to Coragen® and Movento® through direct and 

residual contact caused low levels of mortality, and based on these results, both 

insecticides are considered harmless according to IOBC standards. Coragen® and 

Movento® target plant-feeding pests primarily through ingestion and secondarily 

through contact, and their systemic modes of action likely resulted in the low mortality of 

S. myles in bioassays. Therefore, adult S. myles bioassays that include an oral 

exposure route such as feeding on Coragen® or Movento®-contaminated nectar may 

result in higher mortality than observed here.  Formulated chlorantraniliprole had low 

toxicity to adult parasitoids through direct (Brugger et al. 2010) and residual contact at 

concentrations ranging from 9–300mg/L (Preetha et al. 2009, Gradish et al. 2011, 

Garantonakis et al. 2016, Duraimurugan and Lakshminarayana 2018, Fontes et al. 

2018, Lowenstein et al. 2019). Formulated spirotetramat applied at recommended label 

rates had low toxicity to adult aphelinid, encyrtid, eulophid, braconid, and 

trichogrammatid parasitoids through direct contact with spray solutions (Frewin et al. 
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2012) or with dried residues (Mansour et al. 2011, Frewin et al. 2012, Liu et al. 2012a, 

Moens et al. 2012, Vanaclocha et al. 2013, Tabebordbar et al. 2020). Therefore, there 

should be low risk to S. myles adults exposed to direct sprays and dried residues of 

Coragen® and Movento® applications in the field.  

Matador® was harmful to S. myles adults through direct and residual contact. 

Matador® works primarily through contact, as it is absorbed through the cuticle of 

insects, where it disrupts the nervous system. Formulated lambda-cyhalothrin was toxic 

to other parasitoid adults at label rates through direct (Tillman and Mulrooney 2000, 

Frewin et al. 2012) and residual exposures (Ahmed and Ahmad 2006, Liu et al. 2012b, 

Shankarganesh et al. 2013, Fontes et al. 2018, Honarmand et al. 2018). Aged residual 

toxicity results suggested that formulated lambda-cyhalothrin residues applied at label 

rates between 12.5 and 49.8 mg/L were toxic to S. myles adults for more than 7 d. 

Similarly, in greenhouse studies, residues of formulated lambda-cyhalothrin were toxic 

to Aphytis melinus DeBach (Hymenoptera: Aphelinidae) 11 weeks after application at 

46.2 mg/L (González-Zamora et al. 2013), and in bioassays with Eretmocerus mundus 

Mercet (Hymenoptera: Aphelinidae) adults, formulated lambda-cyhalothrin at 20 mg/L 

was moderately harmful 38 d after application (Bengochea et al. 2012).  

Matador® is one of two insecticides registered for C. nasturtii in canola 

production (OMAFRA 2021a). Due to the importance of rotating insecticide modes of 

action to delay the development of insecticide resistance (Sparks and Nauen 2015), 

applications of Matador® cannot be avoided. The information on the toxicity of aged 

residues of Matador® to S. myles is relevant when timing applications for C. nasturtii. 
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Insecticide application timing for C. nasturtii is based on pheromone trap counts of adult 

males, with 20 cumulative male captures for the initial application and 3 males 

captured/trap/d for additional applications with a minimum 7 d between applications 

(Hallett 2017, Muzzatti 2019). Coragen® has residual activity and systemic efficacy in 

newly developed vegetative plant tissues (Adams et al. 2016), so it is recommended for 

the first application once the action threshold is reached, and Matador® for additional 

applications (Muzzatti 2019). The developmental timing for S. myles adult emergence is 

approximately 7 d after C. nasturtii adult emergence (Ferland 2020). Because of this 

timing, the residues of insecticides such as Matador® applied at the action threshold for 

C. nasturtii may have negative impacts on emerging S. myles adults approximately 7 d 

later. However, the laboratory bioassays conducted in the study represented a worst-

case scenario for insecticide exposure. The risk of Matador® to S. myles will need to be 

assessed under field conditions where factors, such as untreated refuge, parasitoid 

behaviour, along with sunlight that contributes to photodegradation of insecticides, may 

reduce exposure of S. myles (Sterk et al. 1999).  

Since koinobiont parasitoids need a live host to complete their development, 

exposure of C. nasturtii larvae to lethal levels of insecticides will likely result in the death 

of S. myles (Harvey and Strand 2002, Nakamatsu et al. 2006). As the end point of 

experiment 4 occurred before S. myles were able to complete development, it is still 

unknown whether S. myles can complete development in C. nasturtii larvae that have 

been exposed to insecticides. Other studies have found a lower toxicity of insecticides 

to immature stages of parasitoids compared to adults, likely because immature stages 
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experience a comparatively reduced insecticide exposure inside of their hosts (Cônsoli 

et al. 1998, Suh et al. 2000, Honarmand et al. 2018). However, in koinobiont parasitoids 

such as S. myles, immature stages may be exposed to insecticides if their host is 

feeding on plant material treated with insecticides. Future studies should assess the 

development of S. myles after sublethal insecticide applications to C. nasturtii larvae, 

and whether a host that has survived an insecticide application can support the 

development of S. myles. 

In experiment 4, C. nasturtii larval mortality was greater in the insecticide 

treatments than in the control. However, control mortality was 19–67%, more than the 

20% recommended limit for control mortality in pesticide toxicology studies with 

arthropods (Singh 2012). Control mortality in this experiment may have resulted from 

excessive handling of the larvae or high humidity in Petri dishes (post-treatment 

containers). To reduce control mortality in future experiments, a new method is required 

that reduces moisture in Petri dishes and improves the handling of C. nasturtii larvae. 

In experiment 4, there was no difference in S. myles parasitism rates among the 

4 treatments. Parasitism rates were 6–9%/treatment, similar to Ontario surveys 

conducted with S. myles that revealed parasitism rates averaging 6% (Ferland 2020). 

However, the average oviposition was 3.6 eggs/female in this experiment, lower than 

the 67.2 potential lifetime fecundity of S. myles females (Abram et al. 2012a). Female S. 

myles parasitized hosts immediately after emergence, and the number of eggs S. myles 

oviposits declined each day from 32.9 on day 1 to 12.5 on day 4 (Abram et al. 2012a). 

The lower oviposition rates in this experiment may be because S. myles adults were 2–
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3 d old and starved at the start of the experiment, and unfortunately the survival of S. 

myles was not monitored. Synopeas myles with access to sugar or sweet alyssum live 

longer compared to parasitoids with access to water; providing parasitoids sugar prior to 

the experiment would have likely increased oviposition (Abram et al. 2012a, Ferland 

2020). Additionally, some parasitoids deprived of hosts resorb eggs and utilize the 

nutrients to extend lifespan (Jervis and Kidd 1986). If egg resorption occurred with S. 

myles in this experiment, it would have contributed to lower oviposition. Future studies 

to assess the mortality of S. myles in insecticide-exposed C. nasturtii larvae should be 

conducted with sugar-fed parasitoids less than a day old, in containers that facilitate 

monitoring of the survival of adult S. myles. 

Future studies should also examine sublethal effects of insecticides to S. myles 

adults and S. myles emerging from insecticide-exposed C. nasturtii larvae. Parasitoids 

that survive insecticide applications to their hosts can experience sublethal effects on 

development, longevity, sex ratio, fecundity, mobility, feeding behaviour, and learning 

performance (Desneux et al. 2007). These sub-lethal effects may decrease the ability of 

parasitoids to reproduce, reducing their ability to suppress pest populations. 

Future research should assess lethal and sublethal effects of other insecticides 

used in canola production that S. myles may be exposed to, with selection based on 

application timing, mode of action, and future registration. Deltamethrin is applied for 

cabbage seedpod weevil, Ceutorhynchus obstrictus (Marsham) (Coleoptera: 

Curculionidae), control during pod and flower development of canola, during a period 

when S. myles is active. The toxicity of deltamethrin to S. myles should be assessed, as 
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toxicity to parasitoids can vary within the pyrethroid class (Stecca et al. 2018), and 

deltamethrin has been found to be toxic to other parasitoids (Bastos et al. 2006, 

Ksentini et al. 2010).  

Information on the toxicity of insecticides to S. myles will allow for a change in 

insecticide use patterns to protect this parasitoid and will benefit the development of a 

CBC program within C. nasturtii IPM. For example, Matador® could be reserved for 

early season control of flea beetles (Coleoptera: Chrysomelidae), in May or early June, 

before emergence of S. myles in mid-June. If an insecticide application for C. nasturtii is 

required later in the season, during periods when S. myles is active, Coragen® could 

then be applied to reduce hazard to S. myles.  
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3 The potential of sweet alyssum, Lobularia maritima, as a 
supplemental plant for improving control of swede midge, 
Contarinia nasturtii, by its parasitoid Synopeas myles 

3.1 Introduction  

Synopeas myles (Walker) (Hymenoptera: Platygastridae) is a parasitoid of swede 

midge, Contarinia nasturtii (Kieffer) (Diptera: Cecidomyiidae) (Abram et al. 2012b). 

Contarinia nasturtii is a serious pest of brassicaceous plants, including canola (Hallett 

2017). Synopeas myles was first detected in Ontario in 2016, and since then it has been 

found widely distributed throughout Ontario and Quebec (CÉROM unpublished data, 

Ferland 2020). Parasitism rates of C. nasturtii by S. myles averaged 6% across Ontario, 

but averaged as high as 31% in Dufferin County in 2016 (Ferland 2020).  

A conservation biological control (CBC) strategy that improves conditions for S. 

myles may increase parasitism rates of C. nasturtii, resulting in improved C. nasturtii 

management. Conservation biological control practices work to increase the abundance 

and diversity of natural enemies in agroecosystems by providing nectar, pollen, shelter 

or alternate hosts; or by protecting natural enemies from harmful practices, including 

pesticide applications and tillage (Landis et al. 2000, Tamburini et al. 2016, Shields et 

al. 2019). One CBC tactic is habitat management, which can include the addition of 

supplemental plants that increase the efficacy of natural enemies. Monoculture cropping 

systems often have few nectar sources that are important for natural enemies, including 

parasitoids. Floral nectar contains sugars, amino acids, and other compounds (Antoń et 

al. 2017) that have been found to increase the longevity and fecundity of hymenopteran 
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parasitoids, which in turn may increase their parasitism rates (Olson et al. 2000, Berndt 

and Wratten 2005, Nafziger and Fadamiro 2011). 

Current management methods for C. nasturtii are not enough for effective 

control, and CBC using S. myles as an additional strategy could be a potential solution 

(Hallett 2017). Current management tactics for C. nasturtii, including foliar insecticide 

applications and cultural methods (e.g., crop rotation and early planting) are not 

effective because of the season-long presence of C. nasturtii and the concealed 

location of larvae on host plants (Hallett 2017, Canola Council of Canada 2021a). 

Synopeas myles may have potential as it could parasitize C. nasturtii from mid-June–

August (Ferland 2020) and should be more effective than non-systemic insecticides at 

reaching C. nasturtii larvae in protected locations on host plants. 

Sweet alyssum, Lobularia maritima (L.) (Brassicaceae), is a nectar-bearing plant 

that has been used in broccoli and tomato fields to increase parasitoid abundance 

(Brennan 2016, Haseeb et al. 2018). Sweet alyssum has several traits that make it a 

favourable choice as a supplemental plant in cropping systems: it is easy to establish, 

grows quickly, and continuously produces many small flowers for long periods (Chaney 

1998). In laboratory assays, sweet alyssum increased parasitism rates of Cotesia 

vestalis (Haliday) (Hymenoptera: Braconidae) and Aphidius colemani Viereck 

(Hymenoptera: Aphidiidae) compared to parasitoids given only water (Jado et al. 2019, 

Chen et al. 2020). As sweet alyssum increases the parasitism rates of other parasitoids, 

flowers for long periods, and is easy to grow, it could have potential as a supplemental 

plant for S. myles in Ontario. 
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Before introducing a supplemental plant into an agroecosystem, it is important to 

understand potential effects of that plant on the target pest. Sweet alyssum is a 

brassicaceous plant, and C. nasturtii will oviposit on multiple brassicaceous species, 

including weeds (Chen et al. 2009). Supplemental plantings should not increase 

populations of the target pest; therefore, it is important to determine whether C. nasturtii 

will oviposit on sweet alyssum, and if C. nasturtii does oviposit on sweet alyssum, to 

assess whether sweet alyssum is suitable for larval development. Supplemental plant 

species may also deter oviposition by pests, decreasing pest populations further 

(Tukahirwa and Coaker 1982, Basedow et al. 2006, Cook et al. 2007, Tang et al. 2013). 

Because other dipteran pests can be deterred by supplemental plantings of sweet 

alyssum (Renkema and Smith 2020), it is important to determine whether sweet 

alyssum deters C. nasturtii from ovipositing on its host plants as this may be an 

additional management strategy.  

The goal of this study was to evaluate sweet alyssum as a potential 

supplemental plant for supporting S. myles as part of a CBC strategy for C. nasturtii in 

canola agroecosystems. The first objective was to determine whether sweet alyssum is 

an acceptable host for C. nasturtii oviposition. The second objective was to evaluate 

whether sweet alyssum deters C. nasturtii oviposition on canola. The third objective was 

to determine whether sweet alyssum increases parasitism rates of S. myles. The 

outcomes of these experiments will help determine whether sweet alyssum is a suitable 

supplemental plant to help increase the abundance of S. myles populations in canola.  
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3.2 Materials and Methods 

3.2.1 Greenhouse production of canola, cauliflower, and sweet alyssum 

Canola (InVigor® L130 Hybrid, Bayer CropScience Inc.), cauliflower (cv. Snow 

Crown, Stokes Seeds Ltd., Thorold, Ontario), and sweet alyssum (cv. Carpet of Snow, 

Stokes Seeds Ltd., Thorold, Ontario) plants that were used in experiments or were for 

C. nasturtii colony maintenance were grown in a greenhouse at the University of 

Guelph. Canola (one seed per pot) and cauliflower (2 seeds per pot) were directly 

seeded into 15-cm pots filled with potting mix (Sun Gro® Professional Growing Mix). 

Sweet alyssum was seeded into 72-well seed-starting trays (Viagrow®, Atlanta, 

Georgia) (one seed per 3.8 cm × 7.6 well) with the same potting mix. After 5 weeks, 

sweet alyssum seedlings were transplanted individually into 15-cm pots. All plants were 

watered ad libitum and fertilized weekly with 20-20-20 fertilizer at a rate of 3 g fertilizer/ 

L water. 

3.2.2 Contarinia nasturtii colony 

The C. nasturtii colony at the University of Guelph was established with field- 

collected C. nasturtii from Ontario. The colony was supplemented with field-collected C. 

nasturtii in June, July, and August in 2019 and 2020. In April 2019, February 2020, and 

March 2020, C. nasturtii from the Agriculture and Agri-Food Canada Saskatoon 

Research and Development Centre were added to the colony. The C. nasturtii colony 

was maintained at 22  1 C, 30–50% RH, and 16:8 h light:dark photoperiod. Every 

Monday, Wednesday, and Friday, 16 cauliflower plants at the 5–7 leaf stage were 

placed in the oviposition cage, a plexiglass container (W60 × D91 × H60 cm) containing 
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C. nasturtii adults. During the next maintenance period, 48 or 72 h later, the cauliflower 

plants were removed from the adult oviposition cage and placed on a shelf until third 

instar C. nasturtii larvae had developed, approximately 7 d. The growing tips and 

infested tissue containing third instar larvae were then cut from the plant and placed in 

an emergence container, a 540-mL deli container with 250 mL of moist potting mix 

covering the bottom. The emergence containers had a 5-cm hole in the lids covered by 

thrips-proof mesh. The emergence containers were checked every Monday, 

Wednesday, and Friday for adult C. nasturtii emergence, at which point the containers 

were opened in the adult oviposition cage.  

3.2.3 Synopeas myles 

Synopeas myles were collected from canola fields in Dufferin County in Ontario 

in June and July 2020. At each sampling event, 50–100 canola plants with visible C. 

nasturtii damage were collected, and the growing tips were removed and placed 

individually in emergence containers, like the C. nasturtii colony. Emergence containers 

were checked Monday, Wednesday, and Friday for parasitoid emergence. Adult S. 

myles were aspirated from emergence containers and placed individually in 1.5-mL 

microcentrifuge tubes. All S. myles were used in experiments within 3 h.  

3.2.4 Experiment 1: Contarinia nasturtii oviposition and larval emergence on 
sweet alyssum  

A no-choice experiment was conducted to determine if C. nasturtii oviposit on 

sweet alyssum. For each replicate, 6 dome-shaped BugDorm® 2120 cages (W60 × D60 

× H60 cm) (MegaView Science Co, Ltd. Taiwan) were placed in a growth room at 24 C, 
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30–40% RH, and 16:8 h light:dark photoperiod. Plants were placed individually into 

cages, and 2 cages contained a 5–7 leaf canola plant, 2 contained a flowering sweet 

alyssum plant, and 2 contained a sweet alyssum plant with flowers removed by hand. 

In the C. nasturtii colony, containers with recently emerged (< 24 h) adult C. 

nasturtii were released into an empty plexiglass cage. Adult were sexed visually and 

then aspirated into vials in groups of 20 (10 males and 10 females). After 1 h, one vial 

was opened in each cage. 

After 2 d, one canola plant, one flowering sweet alyssum plant, and one sweet 

alyssum plant without flowers were randomly selected from each pair of cages. Each 

plant was dissected, by removing plant parts piece by piece with scissors and forceps, 

and C. nasturtii eggs were washed off the plant with deionized water into a 10-cm Petri 

dish. The number of eggs was counted in each dish under a dissecting microscope at 

10–30x magnification. The remaining caged canola and sweet alyssum plants were 

watered 3 d after the start of the experiment, and the number of larvae on each plant 

was counted after 6 d. To count C. nasturtii larvae, each plant was dissected using 

scissors and forceps as described as above. The experiment was replicated 9 times 

over a period of 9 weeks.  

3.2.5 Experiment 2: The effect of sweet alyssum on oviposition of Contarinia 
nasturtii on canola 

A no-choice experiment was conducted to determine if sweet alyssum deters C. 

nasturtii oviposition on canola. Two dome-shaped BugDorm 2120 cages (W60 × D60 × 

H60 cm) were placed in separate growth cabinets at 24 C, 30–40% RH, and a 16:8 h 
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light:dark photoperiod. Two canola plants at the 5–7 leaf stage were placed at the 

centre of each cage, and one cage had 4 flowering sweet alyssum plants placed 

equidistantly around the canola. Adult C. nasturtii were sexed and aspirated as 

described in Experiment 1, and 20 male and 20 females were added to each cage. After 

2 d, the number of C. nasturtii eggs on each canola plant was determined as described 

in section 3.2.4. The experiment was replicated 10 times over a period of 5 weeks.  

3.2.6 Experiment 3: Parasitism by Synopeas myles with access to sweet alyssum 

A no-choice experiment was conducted to determine if access to flowering sweet 

alyssum affected parasitism rates of S. myles on C. nasturtii. Canola plants were 

infested with C. nasturtii 2–4 or 4–6 d prior to the start of the experiment to provide S. 

myles with third instar C. nasturtii larvae throughout the experiment. Canola plants with 

C. nasturtii larvae (range 13-382) were selected for experiments. Two dome-shaped 

BugDorm 2120 cages (W60 × D60 × H60 cm) were placed in a growth cabinet at 24 C, 

30–40% RH, and 16:8 h light:dark photoperiod, and 2 canola plants were added to each 

cage, one from each C. nasturtii infestation day (2–4 or 4–6 d prior to start of 

experiment). Four flowering sweet alyssum plants were then added to one randomly 

selected cage. 

Adult S. myles were aspirated from emergence containers containing field-

collected canola samples, placed individually into 2-mL microcentrifuge tubes and 

sexed by visual examination based on previous descriptions by Charles-Étienne 

Ferland (personal communication), using a dissecting microscope. One male and one 

female S. myles were placed in a microcentrifuge tube, and after 1 h the pair was 
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assumed to have mated. Pairs were transferred into microcentrifuge tubes in groups of 

10 males and 10 females, and immediately after, the tubes were opened to release S. 

myles into each cage. Canola and sweet alyssum plants were watered 3 d after the start 

of the experiment. 

After 6 d, canola plants were removed from the cages, and any C. nasturtii larvae 

that had dropped to the bottom of the cage were collected and attributed to the nearest 

plant. Adult S. myles were not recovered. The canola plants were dissected with forceps 

and scissors and the number of C. nasturtii larvae on each plant was counted. All C. 

nasturtii larvae were transferred with a paint brush onto a microscope slide. A drop of 

deionized water and a coverslip was gently placed on top of the larvae, and the larvae 

were examined under a compound microscope. Contarinia nasturtii larvae were 

considered parasitized based on the presence of S. myles eggs or first instar larvae, 

based on descriptions by Abram et al. (2021a). The experiment was replicated 10 times 

over a period of 10 weeks. 

3.2.7 Statistical analyses  

Assumptions of ANOVA were evaluated for each experiment by plotting 

studentized residuals and using a Shapiro-Wilk test for normality. The analyses for 

experiments 1 and 3 were conducted in R Studio (Version 1.2.1335)2, and the analysis 

 

2 Data from experiment 3 were analyzed by Dr. Andrew Frewin. 
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for experiment 2 was conducted in SAS® 9.4 University Edition (SAS Institute Inc. 2014). 

For all statistical analyses, =0.05. 

 Experiment 1 data did not meet the assumptions of an ANOVA, so a Kruskal-

Wallis test was used to determine differences in the number of C. nasturtii eggs and 

larvae among treatments (canola, flowering sweet alyssum, and sweet alyssum with 

flowers removed). A Dunn’s test was used to compare treatment pairs.  

For experiment 2, an ANOVA using PROC GLIMMIX was used to analyze the 

egg counts on plants. In the analysis, treatment was a fixed effect and replicate was a 

random effect. Least square means was used to test for significant effects.   

Experiment 3 did not meet the assumptions of ANOVA and was analyzed using a 

generalized mixed model with the Lme4 package (Bates et al. 2015). The proportion of 

C. nasturtii parasitized by S. myles was modelled using a binomial distribution with 

treatment as a fixed effect and replicate as a random effect. A Wald’s test was used to 

test for significant effects. A Tukey’s test was used to compare treatments at =0.05.  

3.3 Results  

In experiment 1, treatment had a significant effect on the number of C. nasturtii 

eggs (2 = 13.3, df = 2, P = 0.001) and larvae (2 = 24.6, df = 2, P < 0.0001) on plants 

(Table 3-1). Canola had an increased amount of C. nasturtii eggs (P = 0.003) and larvae 

(P < 0.0001) compared to sweet alyssum with flowers, and an increased amount of C. 

nasturtii eggs (P = 0.004) and larvae (P < 0.0001) compared to sweet alyssum with 
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flowers removed. Between the sweet alyssum treatments, there was no difference in the 

number of C. nasturtii eggs (P = 0.958) and larvae (P = 1.000).  

In experiment 2, plant type did not affect the number of C. nasturtii eggs laid on 

canola (F = 0.680; df = 1,18; P = 0.419), and replicate was not significant (P = 0.972) 

(Table 3-2).  

In experiment 3, treatment had a significant effect on the proportion of parasitized 

C. nasturtii larvae (2 = 75.0, df = 1, P < 0.0001) (Table 3-3). The proportion of 

parasitized C. nasturtii was significantly higher in the sweet alyssum treatment 

compared to the control (P < 0.0001). Replicate was significant as a random effect (2 = 

69.8, df = 1, P < 0.0001). 

 

Table 3-1. Mean (±SE) number of C. nasturtii eggs and larvae on canola plants, flowering sweet 
alyssum plants, or sweet alyssum plants with flowers removed. Eggs and larvae were counted 2 
and 8 d, respectively, after adults (n = 180) were introduced to cages. Means within a column with 

the same letters are not significantly different ( = 0.05). 

Treatment 
Mean number (±SE) of 
C. nasturtii eggs/ plant 

Mean number (±SE) of 
C. nasturtii larvae/ plant 

Canola 33.3  27.7A 80.4  15.9A 
Sweet alyssum with flowers 2.56  2.18B 0.00  0.00B 
Sweet alyssum flowers removed 0.667  0.616B  0.00  0.00 B 
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Table 3-2. Mean (±SE) number of C. nasturtii eggs on canola plants with or without flowering 
sweet alyssum plants present, 2 d after adult C. nasturtii (n = 400) were introduced to cages. 

Means with the same letters are not significantly different (ANOVA,  = 0.05). 

Treatment 
Mean number (±SE) of 
C. nasturtii eggs/plant 

Canola  78.1  12.6A 
Canola with sweet alyssum  59.7  9.64A 

 

 

 

Table 3-3: Mean (SE) proportion of C. nasturtii larvae parasitized by S. myles (n = 200) on canola 

plants with and without sweet alyssum present. Means with the same letter are not significantly 

different (Tukey’s,  = 0.05). 

Treatment 
Proportion (±SE) of parasitized C. 

nasturtii larvae 

Canola   0.0121  0.00335A 
Canola with sweet alyssum 0.0471  0.0116B 

 

3.4 Discussion  

This study found that sweet alyssum as a supplemental plant should not increase 

C. nasturtii populations when used in canola. Sweet alyssum is also unlikely to deter C. 

nasturtii from ovipositing on canola. Sweet alyssum may have potential to increase S. 

myles and parasitism rates of C. nasturtii; therefore, sweet alyssum could have potential 

fit in Ontario canola production as a CBC tactic for C. nasturtii management.  

Plant architecture and size may contribute to why sweet alyssum is not an 

acceptable host for C. nasturtii. Chen et al. (2009) found that compared to cauliflower, 
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brassicaceous weeds had lower numbers of C. nasturtii eggs oviposited on them 

because they generally have less foliage and smaller growing points than cauliflower. 

Similar to brassicaceous weeds, sweet alyssum has less foliage and smaller growing 

points than canola and cauliflower. Therefore, while similar in biomass, size differences 

in foliage and growing points may explain the lower amounts of oviposition by C. 

nasturtii on sweet alyssum compared to canola plants in this study. In this study, 

compared to canola, low numbers of eggs and no larvae were found on flowering sweet 

alyssum and sweet alyssum with flowers removed. Low oviposition and subsequent 

absence of larvae may indicate that sweet alyssum is unsuitable for larval development 

of C. nasturtii, as has been observed with the diamondback moth, Plutella xylostella L. 

(Lepidoptera: Plutellidae) (Chen et al. 2020). The results of the present study indicate 

that sweet alyssum is unlikely to contribute to C. nasturtii population growth if used as a 

supplemental plant in a CBC system for C. nasturtii management.  

In experiment 2, the presence of sweet alyssum did not deter C. nasturtii from 

ovipositing on canola. In contrast, sweet alyssum deterred oviposition of Drosophila 

suzukii (Matsumura) on raspberries (Renkema and Smith 2020). Acetophenone, one of 

the main volatiles from sweet alyssum flowers and a deterrent to D. suzukii, can be 

attractive to parasitoids (Foti et al. 2017). Planting a non-host plant deterrent to pests 

and attractive to natural enemies provides dual action for pest management. Studies 

have found intercroppings of sickle senna, Senna tora (L.) Roxb. (Fabaceae), in tea 

plantations to increase parasitoids and decrease tea green leaf hopper, Empoasca vitis 

Göthe (Hemiptera: Cicadellidae) populations (Zhang et al. 2014). However, this study 
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found that sweet alyssum did not deter C. nasturtii from ovipositing on canola, and 

therefore, there is no evidence that sweet alyssum would directly reduce C. nasturtii 

populations on canola.  

In experiment 3, overall S. myles oviposition was low compared to previous 

experiments (Abram et al. 2012a), and C. nasturtii larval densities were variable within 

and across treatments and replicates. Parasitism rates in the experiment averaged 3%, 

which is comparable to those found in provincial studies in Ontario, which averaged 6% 

(Ferland 2020). However, observed levels of parasitoid oviposition (overall average of 

1.8 parasitized C. nasturtii larvae/S. myles female) in this experiment were much lower 

than the potential fecundity of 67.2 eggs/S. myles female determined by Abram et al. 

(2012a). These low parasitism rates may have been caused by parasitoid age at the 

start of the experiment, where S. myles were 2–3 d old. Previous studies have found 

that the number of host larvae parasitized by S. myles peaks at 32.9 ± 2.4 eggs on day 

1, and declines each day, with 12.5 ± 3.1 eggs laid on day 4 (Abram et al. 2012a). The 

absence of C. nasturtii larvae and delay in mating and oviposition in this study could 

have caused the parasitoids to resorb eggs. When hosts are not available some 

parasitoids can resorb eggs and use their nutrients to live longer (Jervis and Kidd 1986). 

If a parasitoid is synovigenic, meaning that females can synthesize eggs after 

emergence, then there is potential that more eggs can be produced later if hosts 

become available (Hegazi et al. 2007). However, if a parasitoid is proovigenic, meaning 

that a female’s total complement of eggs is present and mature at emergence, then 

resorbed eggs cannot be replaced. Egg resorption because of delayed oviposition has 
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been found to reduce the parasitism rates of both proovigenic and synovigenic species 

(Kant et al. 2013). Therefore, S. myles in this study were past their peak oviposition 

period, starved, and may have reabsorbed eggs by the time there were used in 

experiments, contributing to lower parasitism rates.  

Variations in C. nasturtii larval density on canola plants may have affected the 

parasitism rates in this study. The relationship between parasitism rates and host 

densities can be positive density dependent (Laumann et al. 2008), inverse density 

dependent (Rusch et al. 2015), density independent (Cronin and Strong 1990), or a 

combination, if they follow a functional response (Xu et al. 2016). Parasitism rates 

related to host density can vary within species based on temporal or spatial scales 

(Rusch et al. 2015) and can be affected by factors such as searching time, handling 

time, and oviposition patterns (Stiling 1987, Rusch et al. 2015). In this cage study, the 

closed environment with sometimes high C. nasturtii larval densities would likely reduce 

searching time but may increase handling time to find a quality host for oviposition. 

Handling time includes internal and external examination of potential hosts to ensure 

they are appropriate in species, life stage, size and other characteristics for oviposition 

(Godfray 2001). Synopeas myles have a shorter life span when given access to 

unlimited hosts (i.e. 50 larvae/d/parasitoid for 4 d), because of a rapid depletion in 

energy reserves (Abram et al. 2012a). In this experiment, high numbers of C. nasturtii 

larvae (up to ~400/plant) may have contributed to a rapid decline in energy reserves of 

S. myles, resulting in lower parasitism rates, however overall oviposition may have been 

too low for this trend to occur. Overall, a future study with consistent host quantities 
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would reduce the density effects on parasitism rates and allow for a clearer picture of 

the impact of sweet alyssum on S. myles parasitism rates.  

Additionally, it was difficult to monitor S. myles once they were released into 

cages because of the small size of the adults and visual obstacles, including the canola 

and sweet alyssum plants. Difficulty monitoring S. myles once they were released adds 

uncertainty as to whether or not the parasitoids were alive and actively parasitizing C. 

nasturtii larvae during the experiment. In the future, the experimental design should be 

altered to improve monitoring of S. myles by using smaller cages, reducing obstacles, 

such as excess plant material, that blocked the view of the parasitoids, and tracking 

parasitoid mortality. 

Even with the limitations in experiment 3, flowering sweet alyssum significantly 

increased parasitism rates of S. myles. The results from this experiment align with 

previous studies demonstrating an increase in parasitism rates of parasitoids with 

access to sweet alyssum (Jado et al. 2019, Chen et al. 2020). Other studies have found 

that sweet alyssum increases parasitoid fecundity; for example, the fecundity of 

Dolichogenidea tasmanica (Cameron) (Hymenoptera: Braconidae) and Cotesia vestalis 

(Haliday) (Hymenoptera: Braconidae) significantly increased when they were provided 

with sweet alyssum compared to water alone (Berndt and Wratten 2005, Chen et al. 

2020). Previous laboratory bioassays have found that access to sweet alyssum 

significantly increased the longevity of S. myles (Ferland 2020). However, access to 

sweet alyssum did not increase its realized or potential fecundity (Ferland 2020). It was 

suggested that because of daily handling the parasitoids may not have had time, or 
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were too stressed, to oviposit. Further research is necessary to evaluate the potential of 

sweet alyssum to increase the fecundity or parasitism rates of S. myles.  

To determine the mechanism underlying how supplemental plants increase 

parasitism rates, an experiment should be conducted to determine whether S. myles is 

synovigenic or proovigenic. Most platygastrid species are proovigenic; however, some 

are synovigenic (Jervis et al. 2001). Laboratory bioassays with S. myles have found 

evidence of both proovigeny (Abram et al, 2012a), and synovigeny (Ferland 2020), so 

the oovigenic status of S. myles is unclear. However, parasitoids can be synovigenic, 

proovigenic, or fall along a continuum in-between (Jervis et al. 2001). Knowing the 

oovigenic status of S. myles would indicate if the fecundity of S. myles would benefit 

directly through floral additions or indirectly through an increase in longevity, allowing 

more time to parasitize C. nasturtii. 

The results from this study suggest that sweet alyssum may have potential as a 

supplemental plant to increase S. myles parasitism rates for CBC of C. nasturtii. Trials 

should be conducted with sweet alyssum planted at the borders of canola fields to 

determine whether access increases S. myles parasitism rates of C. nasturtii. Canola 

plants should be sampled weekly in plots with and without sweet alyssum, and S. myles 

and C. nasturtii reared out from these plants to determine the parasitism rates.  

Overall, this study suggests that sweet alyssum is an unsuitable host plant for C. 

nasturtii, and it should not contribute to C. nasturtii population growth. Sweet alyssum is 

unlikely to deter C. nasturtii from ovipositing on canola. Sweet alyssum increased 
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parasitism rates of C. nasturtii by S. myles, and supplemental plantings of sweet 

alyssum may be useful for increasing parasitism rates of S. myles and improving 

management of C. nasturtii in canola.   
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4 General Discussion 

This study assessed the potential of conservation biological control (CBC) tactics 

for Contarinia nasturtii (Kieffer) (Diptera: Cecidomyiidae) management using the 

parasitoid Synopeas myles (Walker) (Hymenoptera: Platygastridae). Contarinia nasturtii 

has multiple, overlapping generations each season, and the larvae feed within 

concealed locations on the growing points of their host plants (Hallett 2017). Even with 

current chemical and cultural management methods, C. nasturtii remains a challenging 

pest for Ontario canola growers to manage, and it is widely recognized that multiple, 

compatible IPM tactics are required to successfully manage C. nasturtii (Hallett 2017). 

Surveys from 2016–2018 indicated that S. myles is established in all canola-

growing regions of Ontario (Ferland 2020). Therefore, implementing tactics to protect 

and enhance S. myles populations may contribute to the management of C. nasturtii. 

Synopeas myles can parasitize C. nasturtii larvae from mid-June to mid-September and 

within concealed locations on canola growing points, which are difficult to target with 

non-systemic foliar insecticides. This study found that insecticide selection may 

conserve, and supplemental plantings may enhance, S. myles populations in canola.  

4.1 Insecticide Studies  

Altering insecticide use to minimize exposure and hazard to S. myles could 

conserve S. myles populations and contribute to the management of C. nasturtii. 

According to IOBC classification, results from this study indicate that Matador® was 
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harmful, and Coragen® and Movento® were harmless, to S. myles adults through direct 

and residual exposures in laboratory bioassays. 

Current insecticide application recommendations for canola have been 

developed with effective C. nasturtii control as the priority. For example, insecticide 

applications before the 7-leaf stage are not required to prevent yield loss and should be 

avoided (Muzzatti et al. 2021). In terms of insecticide selection, Coragen® should be 

used for the first application of the season when the C. nasturtii action threshold is 

reached, followed by Matador® if needed, up to 3 applications/season (Muzzatti 2019). 

This recommendation was based on findings that Matador® is more effective for C. 

nasturtii management than alternating between applications of Coragen® and Matador® 

(Muzzatti 2019). However, because of the importance of rotating insecticide modes of 

action for resistance management, and the movement of Coragen® to new vegetative 

structures in plants (Adams et al. 2016), Coragen® was recommended for use first 

(Muzzatti 2019).  

Insecticide selection for C. nasturtii may also be affected by the use of seed 

treatments for other pests. Currently registered canola seed treatments contain active 

ingredients from either the neonicotinoid or diamide classes (OMAFRA 2021a). For 

example, cyantraniliprole is a diamide insecticide seed treatment and protects canola 

from both flea beetles (Coleoptera: Chrysomelidae) (Irwin 2011) and cutworms 

(Lepidoptera: Noctuidae) (OMAFRA 2021a). Cyantraniliprole is not registered for C. 

nasturtii control due to lack of efficacy (Rebecca H. Hallett, personal communication), 

therefore its impacts of S. myles would be expected to be negligible. To conform with 
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insecticide label instructions and best practices for insecticide resistance management, 

cyantraniliprole cannot be followed with another diamide insecticide within 60 d 

(OMAFRA 2021a). Therefore, when a cyantraniliprole seed treatment is used, 

Coragen® cannot be applied for 60 d after seeding, which overlaps with the vegetative 

stage when canola is susceptible to C. nasturtii. Therefore, growers who use a 

cyantraniliprole seed treatment are limited to the use of Matador® for C. nasturtii 

management for the first 60 d after planting. If a Matador® application occurs before 

mid-June, S. myles will likely not be exposed. However, the risk of being exposed to 

Matador® for S. myles increases for applications made in the second half of June. The 

neonicotinoid-based seed treatments used for flea beetles do not result in any 

restrictions to subsequent applications of either chlorantraniliprole or Matador®. 

 Insecticide selection for C. nasturtii may also be limited by the use of foliar 

insecticide applications for other pests. For example, Matador® is an important option 

for late season pests, such as cabbage seedpod weevil, Ceutorhynchus obstrictus 

(Marsham) (Coleoptera: Curculionidae), and tarnished plant bug, Lygus lineolaris 

(Hemiptera: Miridae) (OMAFRA 2021a). If a grower has concerns about these pests, 

reserving a pyrethroid application for late season might be a priority, and therefore, an 

early-season application of Coragen® for C. nasturtii would be preferred.  

Overall, there are multiple factors to consider when planning an insecticide 

program for pest management in canola, including the composition of the pest complex, 

the efficacy of available products for that specific pest complex, and insecticide 

resistance management. However, to support populations of S. myles, Coragen® 
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should be used from mid-June to mid-September in Ontario when S. myles is active. 

Applying Matador® before mid-June for early season pests, such as flea beetles and C. 

nasturtii, will reduce the likelihood that S. myles will be exposed. If an insecticide 

application for C. nasturtii is required later in the season, chlorantraniliprole could be 

applied to conserve S. myles populations. 

The toxicity of Matador® to S. myles adults in laboratory experiments warrants 

further investigation. Field experiments should be conducted with Matador® to assess 

hazard to S. myles adults under realistic conditions. In the field, insecticide exposure 

may be reduced by parasitoid microhabitat or environmental factors, such as 

photodegradation, microbial degradation, temperature, rainfall, and wind resulting in drift 

(Sterk et al. 1999, He et al. 2008, Tiryaki and Temur 2010). Therefore, hazard to S. 

myles in the field should be studied to better understand the risk of Matador® 

applications to S. myles. 

The direct and residual contact toxicity experiments assessed mortality of S. 

myles adults. Future research should assess sublethal effects of Matador®, Coragen®, 

and Movento® to S. myles adults, their progeny, and immature stages. Adult parasitoids 

that survive exposure to insecticides may experience reduced longevity, impaired 

navigation ability, or decreased ability to locate food sources, while their progeny may 

have an altered sex ratio and immature stages may have altered developmental time 

(Desneux et al. 2007). Being aware of the sublethal effects of insecticides on S. myles 

would enable taking action to avoid impacts on S. myles populations.  
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Further research on the effect of insecticides on S. myles larvae should be 

conducted. Aligning with previous knowledge, this study found that S. myles, a 

koinobiont parasitoid, required a living and actively feeding and developing host to 

complete development. In the future, an experiment should monitor S. myles 

development until adult emergence and increase C. nasturtii larvae survival by using 

sublethal insecticide concentrations. By decreasing the mortality of C. nasturtii larvae 

and extending the monitoring period, it may be possible to determine the threshold 

insecticide dose above which mortality and sublethal effects to S. myles occur. 

Future studies should be conducted to determine the toxicity of other insecticides 

registered in canola to S. myles. Priority for selecting which insecticides to test should 

be based on their timing of application, mode of action, and potential for long-term 

registration. Deltamethrin is registered for control of cabbage seedpod weevil, 

Ceutorhynchus obstrictus (Marsham) (Coleoptera: Curculionidae), a pest that is active 

between mid-June to mid-September (Brodeur et al. 2001). Deltamethrin is applied 

when canola plants are 10–20% flowering (Canola Council of Canada 2021b). Like 

Matador®, deltamethrin is a pyrethroid, and studies have found that deltamethrin is toxic 

to other parasitoid species. Therefore, the toxicity of deltamethrin to S. myles also 

should be assessed (Bastos et al. 2006, Ksentini et al. 2010). Voliam Xpress® 

(Syngenta Canada Inc.) is an insecticide that contains chlorantraniliprole and lambda-

cyhalothrin and is registered for flea beetles and cabbage seedpod weevil in canola. 

Because it is registered for cabbage seedpod weevil, Voliam Xpress® may be applied 

when S. myles is active. Voliam Xpress® has different concentrations of 
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chlorantraniliprole and lambda-cyhalothrin than what were evaluated in this study, and 

the toxicity of this insecticide combination to S. myles should be evaluated.  

4.2 Habitat Management Studies 

This study demonstrated that sweet alyssum has potential as a supplemental 

plant in canola fields for control of C. nasturtii by S. myles. Synopeas myles females 

with access to sweet alyssum parasitized more C. nasturtii in laboratory studies 

compared to those without access to sweet alyssum. This study also found that sweet 

alyssum is not a host for C. nasturtii, meaning that supplemental plantings of sweet 

alyssum should not increase populations of C. nasturtii. Sweet alyssum did not deter C. 

nasturtii from ovipositing on canola plants and using it would not directly affect C. 

nasturtii in the field.  

An experiment should be conducted to determine whether sweet alyssum 

plantings at the borders of canola fields increase parasitism of C. nasturtii, and whether 

differences in crop yield occur. Sweet alyssum plants should be planted at field borders 

because surveys indicated that S. myles adults are distributed within 10 m of canola 

field edges (Ferland 2020), and C. nasturtii are usually first detected at the field edges 

(Hallett 2017). Sweet alyssum is typically grown as an ornamental plant in Ontario, and 

not commonly grown alongside canola, and therefore, some agronomics, such as 

planting density and irrigation, may need to be determined before it can be planted 

successfully near canola. Sweet alyssum may provide other benefits to 

agroecosystems, such as providing organic matter and weed suppression (West Coast 

Seeds 2021). 
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Other common supplemental plant species for CBC systems include buckwheat, 

Fagopyrum esculentum (Moench), French marigold, Tagetes patula (L.), lacy phacelia, 

Phacelia tanacetifolia Benth, basil, Ocimum basilicum (L.), and common vetch, Vicia 

sativa L. (Fabaceae) (Rahat et al. 2005, Foti et al. 2017). In one case, using 2 

supplemental plants, buckwheat and common vetch, increased the number of offspring 

of a chalcidid parasitoid compared to using either plant species alone (Miall et al. 2019). 

The increase in offspring is believed to be due to an increase in the period of flower 

availability with 2 plant species; however, this strategy would also ensure nectar 

availability for a period of time should one species not establish or grow. To determine 

whether there is an increase in longevity and fecundity of S. myles when provided with 2 

supplemental plant species, a study could be conducted to evaluate S. myles when 

provided both sweet alyssum and another flowering plant, such as buckwheat. 

Buckwheat may be a suitable choice as it is commonly used in CBC (Nafziger and 

Fadamiro 2011, Sigsgaard et al. 2013, Irvin and Hoddle 2015, Li et al. 2019, OMAFRA 

2021b). In Ontario, buckwheat is sometimes planted as a cover crop after an early-

season crop is harvested (OMAFRA 2021b). Buckwheat grows rapidly and flowers 

comparatively quickly after sowing, so it could be planted alongside sweet alyssum in 

June, and flowering would occur in July for S. myles to access (OMAFRA 2021b). If 

plantings of sweet alyssum and buckwheat were explored, research to determine 

planting densities, patterns and planting and removal dates would be necessary to 

ensure buckwheat does not outcompete sweet alyssum (Bjorkman and Shail 2013). 
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Overall, with further research on providing floral resources for S. myles, an increase in 

parasitism rates and improved suppression of C. nasturtii may be possible.  

The overwintering habitat of S. myles should be determined. Most platygastrid 

species overwinter as adults in leaf litter (Torgersen and Ryan 1981, Austin 1984, 

James 1988), but most studies were conducted in climates with mild winters, including 

Brazil and Australia. One platygastrid species was documented to overwinter within its 

host (Baker and Dysart 1992). Determination of the overwintering location of S. myles 

may be useful in optimizing supplemental planting locations at field borders to ensure 

emerging S. myles could access nectar sources early in the season. The overwintering 

location could be determined through rearing S. myles with appropriate temperature and 

photoperiod to replicate overwintering conditions. Knowledge of S. myles overwintering 

location could create the opportunity for additional habitat management practices, such 

as overwintering refuge habitats, to increase the survival of S. myles. 

4.3 Synopeas myles and Parasitism of Non-target Cecidomyiidae 

Alternative hosts for S. myles in North America should be identified. Synopeas 

myles is an invasive species and was not purposely introduced as a classical biological 

agent in Canada, partly because of concerns about its host specificity (Abram et al. 

2012b). Synopeas myles parasitizes other species of gall midge, including Dasineura 

marginemtorquens Bremi, Contarinia pisi Winnertz, Contarinia medicaginis Kieffer, 

Dasineura ignorata Wachtl, Dasineura viciae Kieffer, Dasineura crataegi Winnertz, 

Dasineura mali Kieffer, and Contarinia tritici Kirby (Abram et al. 2012b, Chavalle et al. 

2018). Some cecidomyiid species are beneficial, including Aphidoletes aphidimyza 
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(Diptera: Cecidomyiidae), an established natural enemy in Ontario that naturally 

suppresses aphid populations in crops such as apples (Boulanger et al. 2019). Other 

cecidomyiid species, including the balsam gall midge, Paradiplosis tumifex Gagné 

(Diptera: Cecidomyiidae), are native, and S. myles may have unknown impacts on 

these species and on native biodiversity. Because some cecidomyiid species are 

beneficial and/or native to North America, it is important to know what other species S. 

myles may parasitize before employing S. myles CBC or other biological control 

programs.  

4.4 Synopeas myles in Other Agroecosystems  

The information on S. myles in canola production from this thesis could be 

applied in other agroecosystems with S. myles. Synopeas myles was recently detected 

parasitizing the apple leaf midge, D. mali, in orchards in Ontario, Nova Scotia, and 

British Columbia (Cossentine et al. 2020), with parasitism rates averaging 30% in the 

Okanagan Valley in 2016 (Cossentine et al. 2020). Synopeas myles is likely present in 

brassicaceous vegetable production regions in Ontario, as these regions overlap with 

locations where S. myles has been detected in canola (Cossentine et al. 2020, Ferland 

2020). Coragen®, Movento®, and Matador® are registered for use in apple and 

brassicaceous vegetable production, and knowledge of their toxicity to S. myles would 

be valuable when planning insecticide applications in these crops. Also, sweet alyssum 

or other potentially beneficial plants could be used in orchards or brassicaceous 

vegetable fields to increase the abundance of S. myles. A previous study found that 

sweet alyssum in apple orchards increased the abundance of natural enemies and 
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decreased woolly apple aphid, Eriosoma lanigerum Hausmann (Hemiptera: Aphididae), 

populations (Gontijo et al. 2013). Similar to this, sweet alyssum has been interplanted in 

broccoli fields in California as a supplemental plant for hoverflies (Diptera: Syrphidae), 

to increase suppression of the cabbage aphid, Brevicoryne brassicae (L.) (Brennan 

2016). 

 This research project explored CBC tactics, including selective insecticide use to 

conserve S. myles and supplemental plantings to enhance S. myles in canola. 

Conservation biological control tactics that are easy to implement and compatible with 

current IPM practices are more likely to be adopted by canola growers. However 

widespread adoption of CBC is not likely until evidence of yield increases or economic 

benefits is provided (Shields et al. 2019). In general, CBC faces challenges in adoption 

as results are not as immediate compared to insecticide applications and, without 

proven results, the perceived risk of adoption is higher (Shields et al. 2019). Although 

this study focused on canola, CBC practices may have more potential in brassicaceous 

vegetable production where labor-intensive practices may be more likely to be adopted 

due to the higher crop value and smaller average farm size. CBC practices explored in 

canola should continue with the objective of developing practices that are compatible 

with current IPM practices.  

This study found that Movento® and Coragen® were harmless and should have 

low hazard to S. myles adults when applied for C. nasturtii control. When possible, 

applications of Matador® should be reserved for application prior to mid-June, before S. 

myles emergence, to reduce the likelihood of exposure of the parasitoid to the 
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insecticide. If used as a supplemental plant, sweet alyssum is unlikely to increase C. 

nasturtii populations as a host plant or decrease C. nasturtii populations through 

deterrence. However, sweet alyssum may increase parasitism of C. nasturtii by S. 

myles and improve C. nasturtii management. Overall, selective insecticide use and 

supplemental plantings to conserve and enhance S. myles may result in improved C. 

nasturtii management in canola. 
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