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In agricultural watersheds, riparian buffer systems (RBS) planted with perennial vegetation such 

as trees, grasses, and shrubs host diverse soil microbial communities that drive ecosystem 

processes such as carbon and nitrogen cycling. Despite the huge role soil microbes play in 

controlling biogeochemical cycling, studies that characterized microbial communities in RBS are 

limited. Soil was sampled for microbial analysis on July 13, 2017, and biweekly between March 

and November 2018 from four RBS, undisturbed natural forest, coniferous forest, rehabilitated 

agroforest, grass buffer, and agricultural land. Greenhouse gases (GHG) such as nitrous oxide 

(N2O) and carbon dioxide (CO2) were measured using the static chamber technique. Root 

functional traits such as specific root length and root tissue density were determined. In a series 

of in-situ studies using cutting-edge molecular tools such as quantitative real-time PCR and high-

throughput sequencing coupled with bioinformatic tools, microbial community structure was 

determined in relation to soil properties, GHG emissions, and root functional traits. Results 

indicate that soil microbial communities and N-cycling functional genes differed between land 

uses. In 2017, soil nitrate and moisture were the main drivers of N-cycling functional genes and 

N2O emissions. Non-metric multidimensional scaling analysis indicated significant differences in 

bacterial and fungal community composition between sites. In 2018, N-cycling genes were 
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actively transcribed, the activity of nitrifier communities was found to be most responsive to 

changes in land use. Co-occurrence network analysis determined microbial hub taxa such as 

Xanthomonadaceae and Burkholderiaceae influential in maintaining the structure of microbial 

communities and identified microbial taxa that consistently predict N2O and CO2 emissions 

across the land-uses. Finally, a root exclusion and trait-based study found that bacteria, not fungi, 

diversity was impacted by root removal. Increased fungal nodes and bacteria-fungi interactions 

indicated a shift to a more fungi-dominated system when roots were removed. Distinct co-

occurrence patterns were observed in grass buffer compared to the tree-dominated sites. 

Microbial taxa such as Gemmataceae was associated with root trait expressions; root traits are 

predictors of microbial taxa. These findings show that disentangling the mechanism of plant-

soil–microbe interactions is crucial for developing science-based effective management 

strategies to mitigate GHG emissions in RBS. 
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CHAPTER ONE 

1 General Introduction 

1.1 Riparian buffers in agricultural landscapes 

In modern agricultural practices, the use of nitrogen-based fertilizer contributes to increased 

nitrogen (N), and phosphorus (P) release in soils. Excess N in the soil may also be lost via 

leaching and surface runoff, and subsequently discharged into waterways which affects the 

quality of surface water (Good and Beatty, 2011; Wang and Li, 2019). The establishment of 

riparian buffers in agricultural landscapes is an effective, ecological approach to reduce nonpoint 

source pollution to surface water (Fortier et al., 2010a; Stutter et al., 2012; Zhang et al., 2010). 

Riparian buffer systems (RBS) are best management practices (BMPs) (Mayer et al., 2007) in 

which vegetation such as grasses, shrubs, and trees are planted as boundaries between terrestrial 

and aquatic ecosystems (Stutter et al., 2019; Thevathasan et al., 2012). These buffers play an 

important role in the maintenance of water quality, reduce non-point source pollution, and 

enhance sediment deposition and bacterial denitrification (Dosskey et al., 2010; Fortier et al., 

2010b; Wu et al., 2012).  

Apart from maintaining water quality, riparian buffers sequester carbon dioxide, enhance 

biodiversity, and provide a variety of ecosystem services (Capon et al., 2013; Fortier et al., 

2010b; Lowrance et al., 1997). Riparian buffers are often differentiated based on plant type, the 

width of the buffer, and the diversity of perennial vegetation (Jacinthe and Vidon, 2017). The 

effectiveness of buffers can be influenced by several factors such as the volume of the runoff, 
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landscape features, age class, composition, and width of the buffers (Stutter et al., 2019; Truax et 

al., 2017). Agricultural landscapes that have riparian buffer strips benefit more from a wide 

variety of ecosystem services (stabilization of banks, flood management, habitat for wildlife) 

than fields without riparian buffers (Cole et al., 2020). 

1.2  Riparian vegetation and biodiversity  

Riparian buffers support plant vegetation and diversity (Young-Mathews et al., 2010). These 

layers of vegetation provide shade, attract wildlife, and pollinators thereby enhancing higher 

levels of biodiversity compared to adjacent agricultural lands (Luke et al., 2019; Stutter et al., 

2019). Soil organisms constitute a large percentage of the biodiversity in the system, with the 

prokaryotes (bacteria and archaea) typically being more diverse and abundant than fungi in the 

soils (Bardgett and Van Der Putten, 2014). Edaphic factors such as soil structure, temperature, 

soil moisture, and pH affect the diversity of microorganisms. Studies on temporal variability in 

soil microbial communities have reported that microbial α-diversity is influenced by sampling 

period, and microbial composition can vary from days to years as a result of changes in edaphic 

factors (Bardgett and Van Der Putten, 2014; DeBruyn et al., 2011; Lauber et al., 2013). 

 Several studies have also reported spatial variability in microbial diversity, changes in land-

use type, and management practices influence soil microbial community structure (Rousk et al., 

2010; Lauber et al., 2013; Lynn et al., 2017). Changes in soil microbial diversity have also been 

linked to plant species (Berg and Smalla, 2009), as root exudates from plants regulate chemical 

signals between the plant and its microbial networks (Venturi and Keel, 2016).  Likewise, 

microbial diversity also impacts plant diversity and the stability /functioning of agroecosystems 

(Bardgett and Van Der Putten, 2014; Delgado-Baquerizo et al., 2016).  
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1.3 Plant-microbe interactions in riparian soils 

Plants form diverse and complex associations with soil microorganisms including 

mutualism, commensalism, parasitism, and competition (Lareen et al., 2016). Plant species 

through their roots influence soil microbial communities and play a central role in selecting the 

root microbiome (Philippot et al., 2013; Venturi and Keel, 2016). Numerous studies have shown 

that the composition and activity of microorganisms associated with the roots are influenced by 

rhizodeposition and the root morphology (Bardgett and Van Der Putten, 2014; Bardgett and 

Wardle, 2010; Philippot et al., 2013). Root exudates from plants also regulate chemical signals 

between the plant and its microbial networks (Venturi and Keel, 2016). Most of these 

interactions take place in the root  environment (i.e., the rhizosphere), and during the process, 

soil organic matter, carbon, and soil structure may be improved (Sasse et al., 2018)  

Plant roots produce root exudates which provide carbon for associated microbes, in 

exchange, these microorganisms play vital roles in C and nutrient (N and P) cycling in soil and 

thereby influence plant growth (Sharma and Verma, 2018). For instance, several studies have 

reported some bacteria (e.g., Rhizobia) fixing atmospheric N in root nodules of legumes and 

other plants (Herridge et al., 2008), and arbuscular mycorrhizal fungi (AMF) provides N and P to 

several terrestrial plants (Smith and Read, 2008). Most of these interactions are resource-driven 

(Malik et al., 2020), and are determined by root exudates and microbe-microbe interactions 

(Bulgarelli et al., 2013; Sasse et al., 2018). In addition, the complex physicochemical properties 

of the soil have a direct effect on plants and influence plant-microbial interactions in both the 

rhizosphere and bulk soil. However, the extent to which these interactions influence soil 

microbial community structure in riparian agroforestry systems is largely unknown. 
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Root-microbe interactions are also influenced by root functional traits, varying plant 

species have different root traits (Holdaway et al., 2011; Sasse et al., 2018). These root traits 

such as architectural traits (root depth, root length density [RLD]), morphological traits (specific 

root length [SRL], root diameter), physiological traits (root respiration, root exudation),  

symbiotic/ biotic traits ( mycorrhizal association, N-fixing capacity), and chemical traits (root N, 

root lignin concentration) influence ecosystem processes especially C and nutrient cycling 

(Bardgett et al., 2014; Poirier et al., 2018). Fast-growing plant species are classified as having 

resource-acquisitive strategies such as high SRL and slow-growing species are categorized as 

having resource-conservative strategies such as high root tissue density (RTD) (Isaac and 

Borden, 2019; Roumet et al., 2016). Root-microbe interactions can have significant implications 

for ecosystem functioning (Leff et al., 2018) these include nutrient cycling, soil carbon 

sequestration, decomposition, and regulation of microbial communities (Sharma and Verma, 

2018). 

Several studies have associated above-ground plant traits with below-ground microbial 

communities (Abgrall et al., 2017; de Vries et al., 2012). However, the below-ground component 

is essential to understand and better predict ecosystem functioning in RBS (Borden et al., 2021) 

(Figure 1.1) and responses to global change (Faucon et al., 2017; Holdaway et al., 2011; Leff et 

al., 2018). Trait-based ecological approaches focused on below-ground interactions (root and 

microbial traits) remain limited (Spitzer et al., 2020; Sweeney et al., 2020). A recent study by 

Borden et al. (2021) found that root traits covaried with the abundance of microbial communities 

in the rhizosphere and soil microbial diversity was positively associated with heterotrophic 

respiration in RBS. These findings enhance our understanding of ecosystem processes in RBS 
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and also provide insight for future research into relationships between root functional traits and 

soil microbial communities in RBS. 

 

Figure 1.1: Trait-based approach to study below-ground microbial communities and root 

functional traits in soil. Adapted from (De Long et al., 2019). 

1.4 Riparian buffer and greenhouse gas emissions: carbon dioxide and 

nitrous oxide 

The role of RBS in climatic change adaptation has been reviewed by several studies and 

RBS may serve as sinks or sources for harmful solutes (Capon et al., 2013). Due to their unique 

location between terrestrial and aquatic ecosystems, riparian buffers have differing soil physical 

and hydrological properties compared to upland soils (Capon et al., 2013; Stutter et al., 2012). 

Because of the huge plant biomass and wet environments associated with riparian buffers, their 

soils are typically characterized by high organic carbon and moisture content (Capon et al., 2013; 
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Stutter et al., 2012).  Other factors such as high water table and nutrient run-off from adjacent 

agricultural fields all contribute to the distinctiveness of riparian ecosystems and increase its 

potential for greenhouse gas (GHG) emissions and susceptibility to climate change impacts 

(Kachenchart et al., 2012; Kim et al., 2009). Furthermore, the biological transformation of N and 

C occurring in the soil contributes to the increasing atmospheric concentrations of nitrous oxide 

(N2O), and carbon dioxide (CO2), potent GHGs.  

Carbon dioxide released by the activities of soil microbes during soil respiration 

contributes about 10 times the industrial CO2 recorded from fossil fuel emission yearly 

(Gougoulias et al., 2014). Perennial vegetation in riparian buffers helps to sequester C, however, 

through root respiration and exudation these vegetation contribute about 40-50 % to the total 

CO2 flux (Bardgett et al., 2014; Capon et al., 2013). In terms of global warming potential (GWP), 

N2O is about 298 times more potent than CO2 over a 100-year period (Forster et al., 2007; 

Thomson et al., 2012). Although the atmospheric concentration of N2O is lower than CO2, its 

gradual increase in atmospheric concentration (e.g., from 280 ppb in 1920 to 328 ppb in 2015) 

which is primarily due to inputs from agricultural lands/activities (Stocker et al., 2013), together 

with its high GWP,  makes regulation of N2O emission critical.  

RBS can be hotspots for N-transformation and N2O emissions (Capon et al., 2013; Zhao 

et al., 2018). Nitrate (NO3
−), released from N fertilizers or animal manure into riparian buffers is 

reduced through biological processes; NO3
− is absorbed by plant roots (root nitrate uptake) 

and/or reduced by denitrifying microbial communities (Bradley et al., 2011; Dosskey et al., 

2010; Jacinthe et al., 2012; Wu et al., 2012). Several studies have measured N2O emissions from 
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RBS (where N is mainly fed from agricultural fields) to estimate the contribution of these 

systems to atmospheric levels of N2O. A study by Weller and Baker (2014)  reported that about 

79 % of NO3
- released from agricultural fields is accumulated in RBS.  In another study, RBS 

that received pig slurry overflows from an agricultural field for over 50 years showed 

significantly higher N2O emissions when compared to the one located near an abandoned 

agricultural field (Soosaar et al., 2011). Other studies have shown that the continuous loading of 

N into riparian buffers increases denitrification and nitrification rates, and N2O emission 

(Hefting et al., 2003; Kim et al., 2009). Understanding the processes leading to N2O 

production/consumption in soils is therefore important to be able to instigate effective mitigation 

approaches to offset N2O production. 

1.5 Microbial processes involved in nitrous oxide emissions in riparian 

buffers 

Soil microbial communities are the main drivers of N-cycling processes, and alterations in 

soil properties due to infiltration from agricultural lands impact these microbial communities. 

Several studies have assessed the abundance and diversity of N-cycling denitrifier communities, 

and their interactions with abiotic factors in riparian buffers (Dandie et al., 2011; Deslippe et al., 

2014; Rich and Myrold, 2004). However, linking N-cycling microbial communities and 

pathways in the N-cycle to N2O fluxes rates and abiotic factors in riparian ecosystems has been 

understudied (Butterbach-bahl et al., 2013; Hu et al., 2015). Microbial groups associated with N-

cycling pathways in the soil may be involved in N2O production. 

Globally, approximately 65% of N2O emissions originate from microbial processes in soil 

(Smith and Conen, 2004). Microbial processes such as denitrification, nitrification, nitrifier 
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denitrification, anaerobic ammonium oxidation (anammox), non-denitrifying N2O reduction 

(Sanford et al., 2012), and dissimilatory nitrate reduction to ammonium (DNRA) (Hu et al., 

2015) may produce N2O. Recent studies have discovered that a broader selection of 

microorganisms is involved in N-cycling and N2O emissions. These microorganisms include N-

fixing bacteria, ammonia-oxidizing bacteria and archaea, heterotrophic nitrifying 

microorganisms, anammox bacteria, denitrifying bacteria, archaea, and fungi (Isobe and Ohte, 

2014; Pajares and Bohannan, 2016; Xu et al., 2019). Advanced isolation techniques coupled with 

high-throughput sequencing technologies show that N-cycling microbes are diverse in their 

functions (Isobe and Ohte, 2014). 

During biological N-fixation, N-fixing bacteria reduce atmospheric dinitrogen gas (N2) to 

ammonium (NH4
+). The N added to the soil can undergo different transformations depending on 

the soil environment and community composition of diazotrophs. For instance, symbiotic N-

fixation between Frankia, actinobacteria, and alder trees commonly planted in riparian buffers 

can produce excess N (Mander et al., 2008; Soosaar et al., 2011). When available N surpasses 

plant requirements, especially under wet/ anaerobic conditions mostly found in RBS, 

denitrification and subsequently N2O formation can be enhanced (Ettema et al., 1999; Smith and 

Conen, 2004). Nitrogen fixation is catalyzed by the nitrogenase enzyme, the nifH gene, which 

encodes a subunit of the nitrogenase reductase, has therefore been an important genetic marker to 

specifically study N-fixing bacteria (Levy-Booth et al., 2014).  

Ammonium-oxidizing bacteria (AOB), ammonium-oxidizing archaea (AOA), and nitrite-

oxidizing bacteria (NOB) are microbial moieties capable of performing autotrophic aerobic 

nitrification in different soils (Pajares and Bohannan, 2016). These bacteria oxidize ammonium 
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(NH4
+) to nitrite (NO2

-) using the enzymes ammonia monooxygenase and hydroxylamine 

oxidoreductase, and NO2
- to NO3

- using nitrite oxidoreductase (Canfield et al., 2010). The genes 

encoding ammonia monooxygenase (amoA), hydroxylamine oxidoreductase (hao), and nitrite 

oxidoreductase (nxr) are used to study the respective microorganisms involved in the microbial 

processes. The potential to oxidize both inorganic and organic N compounds by heterotrophic 

bacteria and fungi, responsible for heterotrophic nitrification has also been reported (Hayatsu et 

al., 2008).  Anaerobic ammonium-oxidizing (anammox) bacteria such as Brocadia, Kuenenia, 

Anammoxoglobus, Scalindua, and Jettenia and ammonium oxidizing archaea also play important 

roles in ammonium oxidation (Hayatsu et al., 2008).   

Likewise, denitrification, a sequentially induced microbial process, involves a stepwise 

reduction of NO3
- and NO2

- to nitric oxide (NO), N2O, and finally to molecular nitrogen (N2) 

(NO3
− → NO2

 − → NO → N2O → N2) by denitrifiers. These stepwise processes are catalyzed by 

a series of enzymes: nitrate reductase (nar), nitrite reductase (nir), nitric oxide reductase (nor), 

and nitrous oxide reductase (nos) (Zumft, 1997). As the presence of these enzymes indicates 

microbial activities and N transformation, the soils’ potential to act as a source or sink of N2O 

may be assessed by the relative abundance of denitrifying bacterial genes nirS / nirK and nosZ 

respectively (Butterbach-bahl et al., 2013). It is known that nitrous oxide reductase (nosZ) is the 

only enzyme that can reduce N2O to N2,  and the only known sink for N2O; thus, when this 

enzyme is absent, bacterial denitrification is terminated, and N2O can be released (Hallin et al., 

2018; Thomson et al., 2012).  

Ammonia oxidation and bacterial denitrification account for about 62 % (4.2 and 6 Tg N 

yr−1) of total global N2O emitted from agricultural and natural soils (Skiba, 2008). In riparian 
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ecosystems, this estimation is largely unknown. The contributions of these N-cycling microbial 

communities and their pathways in different riparian agroforestry systems need to be evaluated. 

The underlying mechanisms of N2O production and consumption from riparian buffers are not 

fully understood. Thus, understanding the structure and function of N-cycling microbial 

communities, their pathways, and associations with environmental and soil factors in different 

RBS may provide effective strategies for N2O emission regulation. Figure 1.2 illustrates some of 

the microbial processes involved in N dynamics in riparian buffers. 

To study microbial community structure and function in soil or plant roots, culture-

independent molecular techniques that target both DNA (what’s present), and RNA (what’s 

active/expressed) are deployed at the time of soil sampling. Quantitative real-time PCR (qPCR) 

quantifies the abundance (DNA) and potential activity (RNA) of microorganisms by targeting 

genes or transcripts related to N-cycling or functional groups investigated (Németh et al., 2014; 

Thies, 2015). Next-generation sequencing (NGS) technology, such as Illumina MiSeq platform 

generates genes/transcripts-based amplicon sequences of total bacterial/ archaeal community 

(e.g., 16S rRNA gene/transcript) and total fungal community (e.g., internal transcribed spacer 

[ITS] gene/transcript) from the environmental sample being studied (Goodrich et al., 2014). 

These data can shed light on how microbial communities change across treatments, and with 

time. 

Several factors (biotic and abiotic) influence soil microbial communities, and regulate the 

efficiency of microbial processes in soil (de Vries et al., 2012; Lauber et al., 2008). For instance, 

oxygen limitation, temperature, pH, and availability of substrates (NO3
-, NO2

- and C) can impact 

the diversity and composition of functional microbial communities and influence nitrification/ 
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denitrification (Skiba, 2008), which in turn influences N2O production or consumption.  

However, the influence of vegetation types (plant roots), age class, and soil properties on soil 

microbial communities in RBS is largely unknown. The characterization of soil microbial 

communities responsible for N and C cycling in riparian agroforestry systems is imperative to 

discover linkages between these organisms and soil chemistry or GHG emissions in these 

systems.  

Results from this research provide further insight into the quantification and characterization 

of functional genes in the N-cycle and generate information linking N-cycling process rates and 

N2O emissions from riparian agroforestry systems. Also, this research will provide empirical 

results that will enhance the adoption and establishment of effective permanently vegetated 

buffer strips in agricultural watersheds. The implementation of these best management practices 

(BMPs) by farmers will improve soil health, water quality, reduce GHG, and improve ecosystem 

services in RBS. 
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Figure 1.2: The Nitrogen Cycle, nitrogen dynamics in riparian buffers (Pinay et al., 2018).  

 

1.6 Washington creek 35 years later 

The study site, Washington Creek, is located in the Township of Blandford-Blenheim, 

Oxford County, within the Grand River Watershed (GRW), southern Ontario, Canada. It is a 9-

km long spring-fed first-order stream located in an agriculturally dominated landscape and 

consists of distinct land-use types situated along the stream. 

However, over the years, intensive agricultural practices such as grazing and heavy use of 

fertilizers in the agricultural landscape had negatively impacted riparian vegetation, leading to 

the erosion of streambanks and destruction of buffer strips. Rehabilitation/ restoration efforts, 

some of which date back almost 35 years ago, commenced to restore about 1.6 km of the buffer 

strips and establish an effective buffer system (Gordon et al., 1992). This streambank area was 
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reestablished with trees and shrubs over six years (Oelbermann and Raimbault, 2014). 

Thereafter, several studies have assessed this rehabilitated agroforest buffer (RH) and several 

other riparian land-use types such as undisturbed natural forests planted with mostly deciduous 

trees (UNF), a coniferous forest (CF), a grass buffer (GRB), and agricultural land under corn-

soybean rotation (AGR) within this watershed. Prior studies by Oelbermann and Raimbault 

(2014) reported increased litterfall and soil organic matter (SOM) at the UNF site than at the RH 

site. They also found higher soil respiration in GRB compared to RH and UNF. A subsequent 

study by (De Carlo et al., 2019) found no difference in N2O emissions from the RH and UNF 

sites but found significantly higher soil moisture and SOC in UNF. 

Recent complementary studies (Baskerville et al., 2021a; Borden et al., 2021) evaluated 

key GHGs: N2O, CH4, and CO2 emissions from these riparian buffers and found no significant 

difference in N2O emissions between the sites. However, significantly higher CH4 emissions 

were observed from UNF than other sites, and significantly higher CO2 emissions in GRB 

compared to the other land-use types. These studies reported GHG emissions and changes in soil 

physicochemical properties between sites; what is not yet clear are the influences of these land-

use types on soil microbial communities and processes that lead to the production and 

consumption of GHGs in RBS. 

1.7 Thesis format and research objective 

This thesis is formatted in manuscript-style with chapters which have been published 

(chapter 2) or has been revised by a peer-reviewed journal, awaiting final decision (chapter 4). 

This thesis is part of a comprehensive multidisciplinary project, the Agricultural Greenhouse 

Gases Program (AGGP), with a long-term objective to determine the influence of the perennial 
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component (trees, shrubs, perennial grasses), age class (<15yrs />50yrs), and soil type in relation 

to C sequestration and the reduction of GHG emissions (CO2, CH4, and N2O) in the terrestrial 

and aquatic component of various riparian agroforestry systems.  

The main aim of this Ph.D. work was to determine the impact of agricultural management 

practices on soil microbial communities in different riparian agroforestry systems in Washington 

creek, Ontario, Canada, and evaluate the biotic and abiotic components of these systems, explore 

the links between these components and soil microbial communities in relations to GHG and 

ecosystem functioning. 

To accomplish this aim, the following three specific objectives were identified. 

1. Determining the diversity of soil microbial communities and the abundance of N-cycling 

communities in different riparian land-uses and relate with soil chemistry and N2O 

emissions (Chapter 2) 

2. Determining microbial community structure, microbial interactions, and functions in 

relation to soil properties and GHG emissions (N2O and CO2) in different vegetative 

riparian ecosystems (Chapter 3). 

3. Assessing below-ground interactions (plant root and microbial traits), the impact of roots 

on microbial community structure, and interkingdom interactions in different riparian 

land-uses (Chapter 4). 

This project explored various vegetative riparian buffers (trees, shrubs, perennial grasses), all 

within agriculturally dominated areas under corn-soybean rotation and characterized their 

soil microbial communities. We also assessed their relationship with both biotic and abiotic 

factors to understand the key factors that influence soil microbial communities and GHG 
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emissions within these systems. The overall goal of this thesis was to characterize soil 

microbial communities and understand their relationship with both biotic and abiotic driving 

factors such as vegetation (plant roots), soil chemistry, and environmental parameters, and to 

evaluate the overall impact on GHG (N2O, CO2) production or consumption in riparian 

buffers. 

In Chapter 2, a baseline study was conducted using high throughput sequencing techniques to 

analyze total bacterial and fungal diversity, and quantitative real-time PCR (qPCR) to determine 

the abundance of N-cycling communities. The abundance of N-cycling communities was 

correlated with soil chemistry and N2O emissions in three riparian land-uses and an adjacent 

agricultural land (Figure 2.1). These riparian buffers consisted of undisturbed natural forest 

buffer (UNF), Grass buffer (GRB), rehabilitated tree buffer (RH), and agricultural land (AGR) 

on a corn-soybean rotation.  

Chapter 3, a follow-up study on Chapter 2, we sampled soils on two sampling dates and 

extracted RNA to enumerate the active portion of the total bacteria, fungi, and N-cycling 

communities in soils of four different riparian buffers (CF: an undisturbed coniferous forest was 

added in 2018 sampling) and agricultural land on soybean rotation. Microbial co-occurrence 

networks and functions were determined in relation to N and C cycling in soil. 

 In Chapter 4, the active soil microbial communities from soils with and without plant roots 

were assessed, using in-situ root exclusions, in the four riparian sites. Amplicon-based analysis 

of 16S rRNA and ITS transcripts (cDNA) was used to evaluate active soil bacterial, archaeal, 

and fungal communities. Microbial diversity and interkingdom interactions were determined in 
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soils with roots and without roots, and a trait-based approach was used to evaluate the 

relationship between root functional traits and active microbial taxa.  

Chapter 5, from a management viewpoint, the measured GHGs (N2O, CO2, and CH4) and 

associated functional genes from the 4 riparian buffers and agricultural land were reviewed to 

envisage the potential of the four studied riparian buffers to be a sink or source of GHG. 

Finally, Chapter 6, summarizes the results of Chapters 2 to 5 and discusses their implications 

for riparian ecosystem services. 
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Figure 1.3: Schematic layout of study chapters: 2, 3, and 4   
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CHAPTER TWO 

2 Riparian land-use systems impact soil microbial communities 

and nitrous oxide emissions in an agro-ecosystem 
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1 School of Environmental Sciences, University of Guelph, Canada 

2 School of Environment, Resources, and Sustainability, University of Waterloo, Canada 

This manuscript has been published in the Science of the Total Environment 
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2.1 Abstract 

Riparian buffer systems (RBS) are considered a best management practice (BMP) in agricultural 

landscapes to intercept soil nitrogen (N) and phosphorus (P) leaching and surface runoff into 

aquatic ecosystems. However, these environmental benefits could be offset by increased 

greenhouse gas (GHG) emissions, including nitrous oxide (N2O). The main sources of N2O in 

soil are linked to processes that are mediated by soil microbial communities. These 

microorganisms play crucial roles in N-cycling and the reduction of nitrate to N2, and N2O. This 

study was conducted to determine the abundance and diversity of microbial communities and 
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functional genes associated with N-cycling and their influence on N2O emissions in different 

riparian land-use: undisturbed natural forest (UNF), rehabilitated site (RH), grass buffer (GRB), 

and an adjacent agricultural land (AGR). Soil was sampled concurrently with N2O emissions on 

July 13, 2017. DNA was extracted and used to target key N-cycling genes for N-fixation (nifH), 

nitrification: (amoA), and denitrification (nirS, nirK, and nosZ) via quantitative PCR, and for 

high throughput sequencing of total bacterial and fungal communities. Non-metric 

multidimensional scaling (NMDS) was used to examine microbial community composition and 

indicated significant differences in bacterial (p <0.001) and fungal (p <0.0085) communities 

between sites. Bacterial abundance differed significantly (p=0.0005) between RBS and AGR 

sites with the highest populations occurring in the UNF (2.1 x 1010 copies g-1 dry soil), and 

lowest in AGR (5.3 x 109 copies g-1 dry soil). However, the AGR site had the highest ammonia-

oxidizing bacteria (AOB) abundance, indicating that nitrification is highest at this site. The 

abundance of the nosZ gene was highest in RH and GRB demonstrating the capacity for 

complete denitrification at these sites, and N2O emissions were lower at these sites. These results 

suggest N-cycling microbial community dynamics differ among RBS and are influencing N2O 

emissions in the sites investigated. 

Keywords: Microbial diversity, Denitrification, Nitrification, N2O emission, Ecosystem 

services, Illumina mi-seq, Land management 

 

2.2 Introduction 

Intensive agricultural practices such as the use of nitrogen (N)-based fertilizers and 

manures contribute to increased nitrogen and phosphorus (P) surface runoff in modern 

agricultural landscapes (Wang and Li, 2019). To mitigate the impact of agricultural practices, 
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riparian buffer strips (perennial vegetation such as grasses, shrubs, and trees) are planted as 

boundaries between agricultural lands and aquatic ecosystems (Udawatta et al., 2017; Wilson 

and Lovell, 2016) Within riparian buffers, nitrate (NO3
-) is absorbed by vegetation and/or 

reduced via denitrification (Dosskey et al., 2010; Jacinthe et al., 2012). Riparian buffer systems 

(RBS) provide a variety of ecosystem services including nutrient abatement of non-point source 

pollution, prevention of streambank erosion, habitat for terrestrial and aquatic wildlife. The 

perennial vegetation in different riparian land-use also play huge roles in carbon sequestration, 

contributing to the soil carbon sink, and climate change adaptation (Capon et al., 2013; Udawatta 

et al., 2017). However, it has also been suggested that riparian buffers can be hotspots for N-

transformation and nitrous oxide (N2O) emissions due to continuous N loading from adjacent 

agricultural lands (Capon et al., 2013; Zhao et al., 2018)  

The rising atmospheric concentrations of N2O, a potent greenhouse gas (GHG) driving 

climate change, is primarily due to inputs from agricultural lands and activities (Braker and 

Conrad, 2011; Deslippe et al., 2014). The inorganic N added to the soil through N-fixation, 

fertilization and deposition can undergo N transformation through microbially-mediated 

pathways such as nitrification, denitrification, nitrifier denitrification, and anaerobic ammonium 

oxidation (ANAMMOX) leading to N2O production and consumption in soils (Butterbach-bahl 

et al., 2013; Hefting et al., 2006; Kim et al., 2009).  

Soil microbial communities play key roles in the biogeochemical cycling of nutrients 

(Falkowski et al., 2008). A broad selection of microorganisms such as nitrogen-fixing bacteria, 

ammonia-oxidizing bacteria (AOB), and archaea (AOA), bacterial and fungal denitrifiers are 

involved in N-cycling and are responsible for N transformation processes and N2O emissions 
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(Lourenço et al., 2018; Pajares and Bohannan, 2016). These processes involve several metabolic 

pathways executed by microbes which possess gene-encoded enzymes. Nevertheless, 

environmental factors including soil water content, available carbon (C), N, oxygen 

concentration, pH, temperature, and vegetation type, can significantly influence microbial 

activity and enzymatic pathways impacting N2O emissions (Butterbach-bahl et al., 2013; Saleh-

Lakha et al., 2009). Understanding the relationship between these factors and the dynamics of 

soil microbial communities in riparian land use is crucial to gaining insights into the N-cycling 

process and N2O emissions in the context of global climate change. 

In the management of riparian buffers, it is important to assess if these buffers are sinks 

or sources of N2O. Previous studies on N2O emissions in riparian buffers have often focused on 

denitrifier communities and compared the abundance, diversity, and activity of denitrifier 

communities in a riparian buffer with an adjacent agricultural land (Dandie et al., 2011; Deslippe 

et al., 2014; Rich and Myrold, 2004) and linked to N2O production potential (Zhao et al., 2018). 

To the best of our knowledge, no study has evaluated the abundance and diversity of microbial 

communities and N-cycling functional genes and their influence on N2O emission in different 

riparian land-use systems. There is a need to assess N-cycling genes and their overall 

contribution to N2O emissions, which will help to further understand N2O emissions dynamics in 

these systems.  

The goal of this study, therefore, was to assess nitrogen-fixing, nitrifying, and 

denitrifying bacterial communities and N2O emissions associated with three riparian land-use 

systems and an adjacent agricultural field. The objectives are: (i) to determine microbial diversity 

in the different land-uses; (ii) to quantify the abundance of N-cycling communities in land-uses 
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and correlate these with N2O emissions and soil chemistry. Given the difference in management 

practices and the different vegetation types (trees, shrubs, grasses), we hypothesize that (i) soil 

physicochemical properties will vary among the land-uses, (ii) these variations will influence the 

abundance and diversity of soil microbial communities and in turn influence N2O consumption 

or production in the land-uses. 

2.3 Methods 

2.3.1 Study site and plot design 

This study was conducted at an agriculturally dominated landscape adjacent to 

Washington Creek and located in Oxford County southern Ontario within the Grand River 

watershed. The climate in the area of Washington Creek is temperate with an average annual 

precipitation of 912 mm and an average temperature of 7.2 oC. Three riparian land-use types 

namely undisturbed natural forest (UNF), rehabilitated site (RH), grassland buffer (GRB), and an 

agricultural land adjacent to RH, are all connected by the same spring-fed creek (9 km long) 

which enters the Nith River south of Plattsville (43o18'N, 80o33'W) (Oelbermann et al., 2015) 

were selected for the study (Figure. 2.1). The soil type is Gray Brown Luvisol, with a soil texture 

classified as silt loam, and pH ranging from 7.5 to 8.5.  

In brief, the rehabilitated site (RH) was a previously degraded riparian land due to 

agricultural intensification. Rehabilitation efforts and planting of trees along the 1.6 -km section 

of the creek commenced in 1985 and continued till 1991. Perennial vegetations such as alder 

[Alnus incana subsp. Rugosa (Du Roi) R.T. Clausen., Alnus glutinosa (L.) Gaertn., and Alnus 

rubra Bong.] and hybrid poplar (Populus x canadensis Moench) were planted at the inception of 

the restoration process. Silver maple (Acer saccharinum L.) was planted as filler trees in the 
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subsequent year and multiflora rosevine (Rosa multiflora Thunb.) and redosier dogwood (Cornus 

sericea subsp. Sericea L.) were also planted between 1990 to 1991 (Gordon et al., 1992). 

The undisturbed natural forest (UNF) located ~320 m upstream of the RH site predominantly 

consists of vegetation such as American beech (Fagus grandifolia E.), sugar maple (Acer 

saccharum L.), basswood (Tilia americana L.), and eastern hemlock (Tsuga canadensis). This 

site has remained undisturbed for over 150 years. The grass buffer (GRB) consists mainly of 

bentgrass (Agrostis app.) and purple-stemmed aster (Symphyotrichum puniceum) and is located 

about 3 km upstream of the RH site.  

A conventional agricultural field (AGR), currently under corn-soybean rotation and 

located adjacent to the RH was included in the study for further comparison. Corn was seeded in 

May 2017 and fertilizer (Urea) was applied at a rate of 250 kg N per ha, the field is tile-drained 

and managed under a conventional tillage system. Detailed information about soil texture, plant 

species, age and width of the riparian land-use systems, and the agricultural land they buffer are 

available in Oelbermann et al. (2014). The study areas for each experimental unit were 5 m from 

the edge of the creek and 30 m long and parallel to the creek to a total area of 150 m2. We 

established 4 plots (2 m X 2 m) about 1 m adjacent to each of the 4 gas chambers randomly 

installed at each site for GHG measurements, making a total of four replicates (n=4) located on 

each site. A graphical abstract summarizing the methods and a layout of experimental sites can 

be found in Appendix A (Figure A.1 and A.2). 
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Figure 2.1: Sampling map showing an aerial view of Washington Creek, the locations and 

pictures of each land use. From left to right: Grass buffer (GRB), Undisturbed natural forest 

(UNF), Agricultural land (AGR), and Rehabilitated site (RH) all connected by the creek 

(Retrieved from Google Earth). Inserted, map of Ontario, Canada showing Oxford County (in 

red). 

2.3.2 Soil physicochemical properties and nitrous oxide sampling 

 Soil was sampled for microbial analysis on July 13, 2017, within each plot in each land-

use; using aseptic collection procedures; 10 soil cores at a depth of 0-10 cm were collected along 

a Z-transect in each plot. Soil was pooled and bulked for each transect to factor out soil 

variability and was stored at 4oC. Nitrous oxide emissions were sampled biweekly from June-

November 2017 using static vented chambers. The chamber collar consisted of PVC piping (25 

cm height, 10cm radius) installed to a soil depth of 10cm depth. A removable chamber cap with 

reflective insulation was fitted with a 10cm long (9 mm diameter) ventilation tube to account for 

pressure differences during sampling. The caps were also fitted with a 1cm diameter sampling 
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port that contained a rubber septum which was replaced after each sampling campaign (Lutes et 

al., 2016).  

Nitrous oxide sampling was conducted between 10:00 and 16:00 h to account for diurnal 

temperature variations (Hall et al., 2014). Gas samples were taken at times 0, 10, 20, and 30 

minutes using a 60-mL air-tight syringe (Luer-Lock Tip. BD, Franklin Lakes, NJ, USA), and 

force-filled into evacuated 10-mL Exetainers (Labco Ltd., Lampeter, UK). Gas samples were 

analyzed using an Agilent 6890 Gas Chromatograph (Agilent Technologies, Inc., Santa Clara, 

CA, USA). Emissions were quantified according to Hutchinson and Mosier (1981). Soil 

measurements were also conducted biweekly, coinciding with N2O sampling, and included soil 

moisture (% vol.), temperature (°C), and inorganic nitrogen. Soil moisture and temperature were 

quantified to a 10-cm depth, and within a 1m radius of the GHG chambers, using a WET-2 

sensor (Delta T Devices, Cambridge, UK). 

Soil was collected to a 10cm depth and within a 1m radius of the GHG chambers. The 

collected soil was analyzed for inorganic N, which was determined on a 1:5 fresh soil extracted 

with 2M KCl and analyzed for ammonium (NH4
+-N) and nitrate (NO3

--N) using colorimetry 

(Doane and Horwath, 2003). Soil Organic Carbon (SOC) was analyzed by dry combustion, 

adapted from (Wang and Anderson, 1998), and further outlined by (Carter and Gregorich, 2008; 

Wotherspoon et al., 2014). Soil sample was divided into two parts and SOC was estimated from 

one part by the use of a muffle furnace at 575oC for 24 hrs. The remaining soil inorganic carbon 

(SIC) in the sample was determined with the Leco CR-412 carbon analyzer (LECO Corporation, 

MI, USA). The other portion of the initial soil sample was analyzed directly for soil total carbon 

(STC). SOC was calculated from STC and SIC as outlined by Tabatabai and Bremner (1970). 
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For this study, N2O emissions and environmental parameters assessed between July 13, July 28, 

Aug 10, and Aug 24, 2017, were used. 

2.3.3 DNA extraction and quantitative real-time PCR 

DNA was extracted from soils within 24 hours using PowerSoil DNA Isolation Kit (MO 

BIO Laboratories, Inc, Carlsbad, CA) following the manufacturer’s protocol. The quantity and 

purity of DNA were determined with a Nanodrop ND-8000 spectrophotometer (Thermo Fisher 

Scientific Corp.). To ensure PCR inhibition-free dilutions, extracted DNA was subjected to a 

pUC plasmid inhibition test using M13F and M13R primers as described by Reardon et al., 

(2013). Based on the results of the inhibition test, suitable dilutions were selected for quantitative 

real-time PCR (qPCR). Quantitative real-time PCR assays were used to determine the abundance 

of the total bacterial communities (16s rRNA), fungal communities (18s rRNA), and N-cycling 

microbial communities: N-fixers (nifH), Nitrifiers (bacterial and archaeal amoA), denitrifiers 

(nirS, nirK, and nosZ clade 1) genes. 

The following primer sets (Table 2.1) were used to amplify the genes of interest. The 

qPCR mixture differed slightly between the target genes, 18S, nifH, and nosZ reaction mixture 

consisted of 12.5µL of 1X SYBR green supermix (Bio-Rad Laboratories, Inc.), 1µl (10µM) each 

of the forward and reverse primers, 2µL DNA template (1 to 10ng/ µL) and 8.5 µL DNase-free 

water to make a final volume of 25µL per qPCR mix. Whereas the 16S, amoA, nirS, and nirK 

reaction mixture consisted of 10 µL of 1X Ssofast EvaGreen Supermix (BioRad Laboratories, 

Inc.), 1µl (10µM) each of the forward and reverse primers, 2µL DNA template (1 to 10ng/ µL) 

and 6 µL DNase-free water to make a final volume of 20µL per qPCR mix. Each sample was 
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analyzed in duplicates in 96-well PCR plates (Bio-Rad Laboratories, Inc., Hercules, CA) and 

quantified using the thermal cycler (model CFX96; Bio-Rad Laboratories, Inc.). 

Detailed information on the target genes, primers, annealing temperature, and references 

are shown in Table 2.1. Plasmid DNA containing each targeted gene was serially diluted (108-

101) and was used to construct standard curves used for the assay, and the results obtained were 

compared with the known standards. The PCR efficiency, R2, and slope of the standard curve for 

gene quantification were 16S (103%, 0.99 and -3.23), 18S (100%, 0.99 and -3.32), nifH (100%, 

0.99 and -3.32), B-amoA (103%, 0.99 and -3.23), A-amoA ( 98%, 0.99 and -3.35), nirS (97%, 

0.99 and -3.38), nirK (99%, 0.99 and -3.34) and nosZ ( 97%, 0.96 and -3.38). 

 

 Table 2.1: Information on target genes and primers used for quantitative polymerase chain 

reaction (qPCR) 
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2.3.4 Library preparation and sequencing 

Approximately 12 µl (10-20 ng/µl) samples of genomic DNA extracted from soil samples 

was sequenced at McGill University and Génome Québec Innovation Centre, Montréal (Québec) 

Canada. High-throughput sequencing was used to analyze the microbial community structure via 

Illumina sequencing of 16S rRNA for bacteria and internal transcribed spacer (ITS) regions for 

fungi. The V4 region of the bacterial 16S rRNA gene was amplified by PCR using the primers 

515F (Parada et al., 2016) and 806R (Apprill et al., 2015) updated sequences from the Earth 

Microbiome Project primer pair, while the fungal ITS region was amplified for the fungal 

communities with the primers ITS1F (Gardes and Bruns, 1993) and ITS2 (White et al., 1990). 

Bacterial and fungal amplicons were sequenced on the Illumina MiSeq platform (Illumina Inc., 

USA). 

2.3.5 Bioinformatic analysis of 16S rRNA and ITS gene sequences 

Sequenced data from Illumina fastq files for 16S rRNA genes and ITS genes were pre-

processed and analyzed using Quantitative Insights Into Microbial Ecology (QIIME 2, version 

2018.6) and its plugins (Bolyen et al., 2019). Sequence reads with low quality scores were 

filtered, trimmed, and discarded, and chimeric sequences were identified and removed using 

Dada 2. Amplicon sequence variants (ASV) were assigned based on 99% sequence similarity to 

sequences from the same sample. The SILVA-132 and UNITE databases were used to assign 

taxonomy to the ASV for bacteria and fungi respectively. Alpha and Beta diversity of both 

bacterial and fungal communities were calculated with QIIME. 
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2.3.6. Statistical Analysis 

The gene abundance data (gene copy number g-1 dry soil) were log10 transformed, and 

the generalized linear mixed model (glimmix) procedure of SAS (version 9.4; SAS Institute, 

Inc., Cary, NC) was used for variance analysis. For each targeted gene, a one-way analysis of 

variance (ANOVA) was conducted using log-transformed copy numbers. Variance was 

partitioned into site as a fixed effect with normal distribution and identity link. Each dependent 

variable was analyzed individually, and group contrasts were used to assess the known factors 

associated with the sites. Soil physicochemical properties and N2O emissions were analyzed 

using one-way ANOVA. Environmental parameters were Box-Cox transformed on PAST 324 

and redundancy analysis (RDA) was conducted using Canoco 5 to explore the relationship (1) 

between environmental parameters and microbial community composition, and (2) between 

environmental parameters and N-cycling genes abundance in the different land-uses. Spearman 

correlation coefficient was calculated to determine the relationship between microbial variables 

(functional genes, ratios), environmental parameters, and nitrous oxide emission. 

Non-metric multidimensional scaling (NMDS) ordination with Bray–Curtis similarities 

was used to visualize differences in microbial community structure amongst the sites, and the 

permutational multivariate analysis of variance (PERMANOVA) test was used to compare 

significant differences between sites. The discriminating taxa between sites and significant 

features were picked using the White’s non-parametric t-test (with Benjamini-Hochberg false 

discovery rate correction and effect size >2) as implemented in STAMP (Parks et al., 2014). All 

results were statistically significant at p <0.05. 
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2.4 Results 

2.4.1 Soil physicochemical properties and nitrous oxide emission 

The soil physicochemical conditions in the top 0-10cm layer were significantly different 

between the sites (Table 2.2). Soil temperature was significantly higher in AGR compared to 

UNF (p<0.0001), RH (p <0.0001), and GRB (p =0.0027). Soil temperature also differed 

significantly between UNF and GRB (p =0.0361). UNF experienced periods of saturated soils 

and was characterized with significantly higher (p <0.0001) moisture content (MC) compared to 

the other land-uses. The MC was also significantly higher in RH compared to AGR (p <0.0001), 

and GRB (p =0.0043), and in GRB compared to AGR (p =0.0009). Soil pH differed significantly 

between the land-uses with lower pH recorded in AGR compared to UNF (p =0.0003), GRB (p 

<0.0001), and RH (p <0.0001) sites. There was also a significant difference in soil NH4
+ (mg 

NH4
+-N kg-1 dry soil) concentration between RH and GRB sites (p = 0.0029). In addition, the 

NO3
- (mg NO3

--N kg-1 dry soil) concentration in the soil was significantly higher (p <0.0001) in 

AGR compared to the riparian buffers. Soil organic carbon (SOC %) was highest in UNF and 

lowest in AGR and differed significantly between all the land-uses (p <0.0001) except when RH 

was compared with GRB (p =0.341). Nitrous oxide emissions were highest in the AGR site with 

significantly higher (p =0.034) N2O emissions observed when AGR was compared to GRB 

(Table 2.2). 
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Table 2.2: Average soil physicochemical properties, soil microbial abundance, and N2O 

emission from undisturbed natural forest (UNF), rehabilitated site (RH), grass buffer (GRB), 

and an adjacent agricultural land (AGR) at the Washington Creek, southern Ontario, Canada 

between July and August 2017 

Parameters  
Sites 

UNF RH GRB AGR 

Soil properties    

Soil temp oC 17.86 ± 0.16c 18.26 ± 0.41bc 19.36 ± 0.37b 21.39 ± 0.52a 

MC (%) 55.01 ± 1.29a 37.24 ± 1.47b 30.75 ± 1.32c 23.20 ± 1.11d 

pH 7.55 ± 0.09a 7.67 ± 0.06a 7.80 ± 0.04a 7.04 ± 0.01b 

NH4
+ (mg kg-1soil) 5.49 ± 0.84ab 3.40 ± 0.31b 6.34 ± 0.48a 4.75 ± 0.51ab 

NO3
-(mg kg-1soil) 9.98 ± 1.76b 11.97 ± 1.19b 12.90 ±1.91b 53.83 ± 10.18a 

SOC (%) 6.76 ± 0.24a 5.19 ± 0.16b 4.73 ± 0.21b 2.55 ± 0.15c 

GHG: N2O emissions    

 (µg N2O-N m-2 h-1) 21.51 ± 9.55ab 38.22 ± 18.30ab 13.96 ± 2.68b 72.10 ± 21.71a 

Gene abundance*    

Total bacteria (16S) 10.27 ± 0.23a 10.21 ± 0.05a 10.22 ± 0.17a 9.72 ± 0.07b 

Total fungi (18S) 7.97 ± 0.34a 7.59 ± 0.17ab 7.10 ± 0.45b 7.35 ± 0.03b 

* Gene copy number g-1 dry soil (log10 transformed). (Mean ± standard error followed by the same 

letter within one row are not significantly different (p≥0.05). 

2.4.2 Microbial community abundance and composition 

Quantitative PCR (qPCR) showed that total bacterial abundance was higher than total 

fungal abundance in all sites (Table 2.2). The mean total bacterial abundance as quantified by 

16S rRNA gene copies per gram of dry soil (log10 transformed) had significantly higher 

abundance, ANOVA (p =0.0005) in the riparian buffers (UNF, RH, GRB) than AGR. The mean 

total fungal 18S rRNA gene copies per gram of dry soil (log10 transformed) was also significantly 

higher in UNF compared to GRB (p =0.0037), and AGR (p = 0.0413) (Table 2.2). Bacterial and 

fungal abundance were highest in the forested riparian buffer (UNF).                                                                                                                                                                                                                                        

 The overall bacterial and fungal community compositions also varied between the sites. 
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The dominant bacterial phyla were Proteobacteria (26.7% - 36.1%), Acidobacteria (22.08% - 

24.6%), Actinobacteria (5.06% -13.9%), Planctomycetes (6.07% - 7.40%), and Chloroflexi 

(5.43% - 7.16%). With over 36% of the bacterial abundance in RBS, Proteobacteria represented 

the most dominant phylum. The average proportion of Proteobacteria was significantly higher 

(F=10.66, p =0.0011) in RBS than in the AGR site. However, the relative proportion of 

Actinobacteria was significantly higher (F= 35.73, p <0.0001) in AGR compared to the riparian 

buffers (Figure 2.2a). The dominant archaea phylum was Thaumarchaeota, with significantly 

higher (F=30.52, p <0.0001) proportions in AGR compared to the RBS (Figure 2.2a).  

The fungal community composition also varied between the sites. The dominant fungal 

phyla were Ascomycota (19.1% - 88.09%), Basidiomycota (5.75% - 50.0%), and 

Mortierellomycota (0.5% - 2.3%) with the relative proportion of Ascomycota significantly 

higher in AGR and GRB, accounting for about 88% and 66% compared to 19% in UNF (F= 

10.59, p = 0.0007 and p = 0.0132). On the other hand, UNF accounted for significantly higher 

(F= 19.08, p <0.0001) proportion of Basidiomycota (50%) compared to (5.75%) in AGR (p 

=0.0001), and (8.79%) in GRB (p =0.0002) and (17.6%) in RH (p =0.0017). The percentage of 

unidentified fungi in AGR was 5.4%, while the RBS had between 20% – 30% unidentified fungi 

(Figure 2.2b). 
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Figure 2. 2: The relative abundance of (a) bacterial and (b) fungal phyla in undisturbed natural 

forest (UNF), rehabilitated forest buffer (RH), grass buffer (GRB), and agricultural land (AGR) 

at the Washington Creek, southern Ontario, Canada in summer 2017. 

The nonmetric multidimensional scaling (NMDS) plots and PERMANOVA analysis 

showed that the clustering of bacterial and fungal communities in most of the soils were indeed 

distinct and significant (Figure. 2.3, Table 2.3). Distinct clusters were observed between the 

sites, NMDS analysis (stress= 0.079) of the 16S rRNA gene sequence showed significant 

differences PERMANOVA (F=5.32, p<0.001) in these sites (Figure. 2.3a). Bacterial community 

composition differed significantly between AGR and RH (p =0.0282), AGR and UNF (p 
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=0.0298), and UNF and RH (p =0.027) (Table 2.3). The fungi community composition was also 

compared using NMDS, clustering in most of the sites were distinct and significant, 

PERMANOVA (F=2.48, p <0.0085), as shown in the NMDS (Stress=0.14) (Figure. 2.3b). 

Samples from AGR also distinctly clustered from the RBS, the composition of the fungal 

community in AGR differed significantly from GRB (p = 0.0321), RH (p = 0.0284), and UNF (p 

=0.0277). Likewise, UNF differed significantly from GRB (p =0.0271) (Table 2.3). 

 

Figure 2. 3: Nonmetric multidimensional scaling (NMDS) based on Bray Curtis dissimilarity 

index for total soil bacterial (a) and fungal (b) communities in undisturbed natural forest (UNF), 

Rehabilitated site (RH), Grass buffer (GRB), and agricultural land (AGR) using ASV tables from 

16S rRNA and ITS gene sequence analysis. 
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Table 2.3: Pairwise comparisons of bacterial and fungal communities between undisturbed 

natural forest (UNF), rehabilitated forest buffer (RH), grass buffer (GRB), and agricultural land 

(AGR) using one-way PERMANOVA (n=4). 

 
Bacteria 

 
Fungi 

Land-use UNF RH GRB Land-use UNF RH GRB 

RH 0.027* 
  

RH 0.241 
  

GRB 0.118 0.600 
 

GRB 0.027* 0.514 
 

AGR 0.030* 0.028* 0.090 AGR 0.028* 0.028* 0.032*  

* Significant p-values, sequential Bonferroni significance 

 

In addition, significant differences in the discriminating bacteria taxa were observed between all 

sites except between RH and GRB Appendix A (Figure A.3). Likewise, in the fungal 

community, the discriminating taxa and significant features between sites were observed in 

Appendix A (Figure A.4). 

Redundancy analysis revealed that soil pH was a significant predictor for microbial 

community composition. Soil pH had a significant effect on both bacterial (p =0.002) and fungal 

communities (p =0.002) thus explaining 13% and 16% of the variability observed in both 

communities. Soil organic carbon (SOC) also explained a significant amount (p =0.002; 26.4%) 

of the variation in bacterial community composition. Furthermore, soil MC and ammonium 

concentration had a significant effect on the fungal community composition (p =0.002, p = 

0.008) and were responsible for 27.2% and 8.1% of the variability observed in the fungal 

community composition (Figure. 2.4). 
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Figure 2. 4: Redundancy analysis (RDA) biplot based on ASV obtained for (a) bacteria and (b) 

fungi and soil physicochemical properties for undisturbed natural forest (UNF- brown circle), 

rehabilitated forest buffer (RH-teal diamond), grass buffer (GRB-green square), and agricultural 

land (AGR-red triangle) in Washington creek summer 2017. Arrows indicate the relationship 

between the soil parameters and microbial community composition. MC-moisture content, SOC-

soil organic carbon. Symbol size corresponds to the number of species in the sample. Significant 

values are represented with * p < 0.05, ** p < 0.01, ***p<0.001 
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2.4.3 N-cycling functional genes abundance 

          The study sites were characterized by distinct patterns of N-cycling functional gene (nifH, 

B-amoA, A-amoA, nirS, nirK, and nosZ) abundances (Figure 2.5). The N-fixing bacteria assessed 

by nifH genes varied significantly (p = 0.0031) between sites with a higher abundance of nifH 

genes in UNF compared to AGR (p =0.0017), and RH compared to AGR (p =0.0143) (Figure 

2.5a). The abundance of nitrifying bacteria (AOB) and archaea (AOA) quantified with amoA 

genes showed different trends in the sites. The AOB abundance varied significantly between the 

sites (p =0.0053) as higher abundance of AOB was observed in AGR compared to UNF (p 

=0.0061) and GRB (p = 0.0093) (Figure 2.5b). On the other hand, the AOA abundance did not 

differ between sites. Comparing both nitrifiers, AOA was more dominant in all sites with higher 

gene copy numbers (between ⁓ 6 -11.8% copies g-1 dry soil (log10 transformed) than AOB 

(Figure. 2.5c). 

Quantification of the denitrifier (nirS, nirK, and nosZ) gene abundance revealed that the 

nirS genes varied significantly (p =0.0045) between the sites with lower abundance in AGR 

compared to UNF (p =0.0073), RH (p =0.0103), and GRB (p =0.015) (Figure 2.5d). In contrast, 

there were no significant differences in nirK gene abundance in all the sites. The nirK genes 

were more dominant than the nirS genes, with more (between 18.9 – 26%) copies per gram dry 

soil (log10 transformed) of nirK genes than nirS genes being recorded (Figure 2.5e). The 

abundance of N2O-reducing denitrifier gene (nosZ) differed significantly (p =0.0015) between 

sites with higher abundance in RH compared to AGR (p =0.0238) and UNF (p =0.0021), and 

higher abundance in GRB compared to UNF (p =0.0085). The nosZ gene abundance was highest 

in RH and was lowest in UNF (Figure 2.5f). In addition, the abundance of nirK was higher than 
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nosZ in all land-uses (Figure 2.5e and f). The ratio of nir:nosZ (nitrite reducers (nirS+nirK)/ N2O 

reducing (nosZ) denitrifier genes) was determined and compared between sites. Significantly 

higher nir: nosZ ratio was observed in UNF compared to GRB (p =0.044) and RH (p = 0.024). 

 

Figure 2.5: Abundance of N-cycling genes: nitrogen-fixing bacteria nifH (a), ammonia-

oxidizing bacteria (B-amoA) (b), archaea (A-amoA) (c), nitrite-reducing bacteria (nirS) (d)  

(nirK) (e) and N2O reducing bacteria (nosZ) (f) genes in undisturbed natural forest (UNF), 

rehabilitated site (RH), grass buffer (GRB), and agricultural land (AGR) at Washington Creek, 

southern Ontario, Canada in summer 2017. Error bars are SEM (n=4), significant differences are 

indicated by different letters.  
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2.4.4 Relationships between N-cycling genes, soil properties, and nitrous oxide emission  

A redundancy analysis (RDA) was also performed to visualize the relationship between 

the abundance of the N-cycling genes, soil physicochemical properties, and nitrous oxide 

emissions measured in the different riparian land-uses (Figure 2.6).  The results indicate that the 

variation in N-cycling gene abundance and ratio between land-uses was explained by NO3
- (32.2 

%; p =0.002), MC (16.5%; p = 0.008) and NH4
+ (8.4%; p =0.044). The angles between the 

arrows represented in the RDA plot show that ammonia oxidizing bacteria (AOB) was positively 

correlated (< 90o) with NO3
- concentration and N2O emission and negatively correlated with pH, 

SOC, and MC (> 90o). The nirS and nifH genes were also positively correlated with MC and 

SOC (< 90o between angles) and negatively correlated with NO3
- concentration.   The ratio 

nir:nosZ was negatively correlated with N2O emission as seen in Figure 2.6. 

Functional N-cycling gene abundances and ratios of denitrifier genes were also correlated 

with soil physicochemical properties and nitrous oxide emission using Spearman's correlation 

coefficient (Table 2.4). The correlation analysis revealed that there was a significant positive 

correlation (p =0.034) between soil pH and nosZ gene abundance. In contrast, we found a 

significant negative correlation (p =0.0003) between soil pH and AOB abundance. Soil 

temperature was negatively correlated with nifH (p =0.002) and nirS (p =0.02) gene abundances. 

Soil MC and SOC were also positively correlated with nifH (p =0.002, p =0.003), and nirS (p 

=0.009, p =0.013) abundance whereas AOB abundance was negatively correlated with MC and 

SOC (p =0.047, p =0.038) (Table 2.4). We also observed that NO3
- concentration was negatively 

correlated with nifH (p =0.013) and nirS (p =0.021) gene abundances while a significant positive 

correlation was observed between NO3
- and AOB abundance (p =0.007) (Table 2.4). 



 

 

39 

 

 

Figure 2.6: Redundancy analysis (RDA) biplot showing relationship between N-cycling genes 

and environmental parameters determined from undisturbed natural forest (UNF- brown circle), 

rehabilitated site (RH-teal diamond), grass buffer (GRB-green square), and agricultural land 

(AGR-red triangle) in Washington creek between July and Aug 2017. Along the same direction, 

a long vector indicates a positive relationship (< 90o between angles), likewise, an arrow in an 

opposite direction indicates a negative relationship. 

Significant correlations: soil temperature, NO3
- concentration (negative correlation), 

SOC, and MC (positive correlation) were observed with nirS abundance, while no environmental 

parameter showed significant correlations with nirK abundance.  
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Likewise, AOA when compared with AOB showed no correlations with pH, MC, SOC, and 

NO3
- concentration. The proportion of denitrifier genes nir:nosZ (nirK+nirS/nosZ) was 

negatively correlated (p = 0.01) with N2O emissions from the soils (Table 2.4). 

 

Table 2.4: Spearman’s rank correlations between target gene 

abundances/ratios, environmental factors and nitrous oxide emission in 

undisturbed natural forest (UNF), rehabilitated forest buffer (RH), grass 

buffer (GRB), and agricultural land (AGR) at the Washington Creek, 

southern Ontario, Canada between July and August 2017 

Target 

Genes  
pH Temp MC NH4

+ SOC NO3
- N2O 

16S 0.49 -0.69** 0.72** 0.17 0.63* -0.69** -0.24 

18S -0.2 -0.72** 0.67** -0.13 0.66** -0.5 -0.11 

nifH 0.32 -0.73** 0.72** -0.15 0.71** -0.62* -0.28 

AOA -0.44 0.15 -0.18 -0.1 -0.3 0.38 0 

AOB  0.79*** 0.43 -0.51* -0.4 -0.53*  0.66** 0.21 

nirS 0.4 -0.58*  0.64** 0.04  0.61* -0.58* -0.2 

nirK 0.05 -0.29 0.21 -0.35 0.12 -0.03 -0.17 

nosZ  0.53* -0.17 0 -0.13 -0.04 -0.15 -0.28 

nir:nosZ1 0.34 -0.46 0.5 0.31 0.43 -0.42 -0.62* 

Significant values are represented with * p < 0.05, ** p  < 0.01, 

***p<0.001.  
  

1nir: nosZ = (nirS + nirK)/(nosZ) 

 

 

 

 

 
 

 



 

 

41 

 

2.5 Discussion 

The abundance and composition of functional groups of microorganisms and 

environmental factors can influence the rate of microbially mediated soil processes and 

differences in ecosystem functions (Classen et al., 2015; Petersen et al., 2012). The lower soil 

temperature and higher soil moisture recorded in the forested riparian buffers (UNF and RH) 

compared to GRB and AGR were likely due to canopy covers from trees which provided shade, 

controlled temperatures, and light penetration (Wasser et al., 2015). Also, anoxic conditions 

resulting from the high moisture content in UNF likely slowed down the rate of microbial 

decomposition of soil organic matter resulting in higher accumulation of SOC as observed in 

UNF (Table 2.2) (Ettema et al., 1999). In contrast, significantly lower SOC measured in AGR 

was due to ploughing or continuous disturbances related to agricultural operations increasing soil 

aeration and enhancing decomposition of soil organic matter. 

The significantly lower bacterial and fungal abundance observed in AGR (Table 2.2) was 

probably due to lower SOM and agricultural management practices such as fertilizer and 

pesticide application. Previous studies have described these practices as drivers for bacterial and 

fungal community structure as they induce variations in soil physicochemical properties 

(Lammel et al., 2015; Trivedi et al., 2016). The differences in soil properties observed between 

land-uses influenced the variations observed in microbial community structure (Imfeld and 

Vuilleumier, 2012; Kuramae et al., 2012; Lammel et al., 2015), and the distinct clustering of 

bacterial and fungal communities associated with land-uses UNF, GRB, RH and AGR. These 

differences in community structure have functional significance for microbial processes such as 

nitrification and denitrification. 
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Interestingly, there was no dissimilar clustering in bacterial community composition 

between RH and GRB sites. Our results (Figure 2.3) show there were similarities in bacterial 

communities between these riparian buffers despite the difference in vegetation type (tree and 

grass) suggesting vegetation is not the main factor shaping bacterial community composition at 

these sites. Moreover, results from RDA (Figure 2.4) show that a combination of soil 

physicochemical properties, SOC and pH were the main drivers explaining the variations 

observed in bacterial community composition in these land-uses (Wang et al., 2017a; Zhao et al., 

2018).  

2.5.1 Microbial diversity  

The dominant bacterial phyla identified in this study (Proteobacteria, Acidobacteria, 

Actinobacteria) were consistent with studies in agricultural and riparian soils (Ducey et al., 2013; 

Trivedi et al., 2016). The overall dominance of Proteobacteria in all the sites suggests that 

members of this phylum are the key players in the biogeochemical cycle (C, S, N); however, its 

lower relative abundance in AGR has significant implications for biogeochemical cycling and 

nutrient acquisition (Trivedi et al., 2016). On the other hand, Actinobacteria, which plays an 

important role in the degradation and mineralization of plant materials in soil was higher in AGR 

and possibly contributed to low SOC in the site (Lewin et al., 2016). In addition, we found twice 

as much of Thaumarchaeota in AGR compared to the RBS; this dominant archaeal phylum is 

involved in the first step in nitrification (Oton et al., 2016; Stieglmeier et al., 2014), and N2O 

emission (Zhalnina et al., 2012).  
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Fungal biodiversity is fundamental in ensuring ecosystem functioning (Egidi et al., 2019; 

Frac et al., 2018). Our study observed major differences in the composition of the fungal 

communities in all sites investigated. Significantly higher proportions of Ascomycota were 

observed in AGR compared to UNF (Figure 2.2b), and these decomposers are reported to 

increase after nitrogen fertilization in agricultural soils (Žifčáková et al., 2016). Moreover, 

Ascomycota have been reported to exhibit genomic traits which enables it to tolerate stress and 

resist antibiotics compared to Basidiomycota (Egidi et al., 2019). This explains the relatively 

lower abundance of Basidiomycota in AGR compared to the RBS. Vegetation and climate 

parameters like temperature and precipitation also play important roles in the land-use preference 

of fungi (Egidi et al., 2019). The differences in the dominant fungi phyla observed between sites 

were also emanating from vegetation types. Results from RDA (Figure 2.4) also show that MC, 

pH and ammonium were strong determinants shaping the fungi community composition. Similar 

results were reported in a recent study by Canini et al. (2019).  

2.5.2 N-cycling functional genes  

We focused on the key functional genes responsible for N-cycling; nifH, amoA, nirS, 

nirK, and nosZ genes. Differences in the abundance and community composition of these 

functional genes have the potential to link microbial communities to ecosystem processes (Levy-

Booth et al., 2014). The higher abundance of N-fixing bacteria (diazotrophs) in the RBS, 

especially in the forest buffers (Figure 2.5) suggests that NH4
+ in these sites is biologically 

derived from atmospheric N2 fixation (Lammel et al., 2015; Levy-Booth et al., 2014). In contrast, 

the lower N-fixing bacteria abundance in AGR depicts that N- fertilization had a stronger effect 

on bacterial community selecting against organisms possessing nifH gene (Berthrong et al., 
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2014). Vegetation type also influenced the diazotrophic distribution pattern observed as plants 

select microbial communities they host (Oldroyd, 2013).  

The oxidation of ammonium during nitrification is an important step which produces 

nitrite and nitrate, and also N2O (Braker and Conrad, 2011). Although the relative contribution of 

AOA and AOB to nitrification is still undefined (Taylor et al., 2012; Xia et al., 2011; Yin et al., 

2018), we observed higher abundance of AOA than AOB in all sites. Similar results were 

reported by Lammel et al. (2015), Leininger et al. (2006), Oton et al. (2016), Wang et al. 

(2017a), and Wang and Li (2019). In addition, our results show that AOA abundance did not 

differ between sites, while AOB abundance was significantly higher in AGR compared to UNF 

and GRB sites. RDA plots also confirmed AOB dominance and positive correlation with NO3- 

concentration and N2O emission in AGR compared to the other land -uses.  

Higher N2O emission observed in the AGR site is credited to high soil NO3
- 

concentrations due to fertilizer applied to the agricultural land in the 2017 corn rotation. This 

coupled with the higher B-amoA gene abundance, lower soil MC and SOC suggests that N2O 

emission in AGR was mainly from nitrification (Dandie et al., 2011). These results indicate N2O 

emission was controlled by nitrification and AOB dominated nitrification in AGR compared to 

other land-uses (Verhamme et al., 2011; Xia et al., 2011). Based on Spearman correlation, there 

were significant negative correlations between AOB abundance and soil physicochemical 

properties such as pH, MC, and SOC. These soil physicochemical properties, however, did not 

correlate with AOA abundance. This result is contrary to the findings of Wang et al. (2019) in 

which total organic matter and total carbon correlated with AOA abundance. The abundance of 
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AOB and not AOA was influenced by soil physicochemical properties in our study, likely 

impacting nitrification rates between the land-uses studied. 

Understanding the community composition and abundance of denitrifying 

microorganisms in RBS is crucial for determining the net impact of RBS on the environment 

(Deslippe et al., 2014). The key functional genes involved in denitrification (nirS, nirK, and 

nosZ) were higher in the riparian land-use compared to AGR. The potential of the soil to produce 

N2O as assessed by nirK and nirS gene abundance showed significantly higher nirS abundance in 

UNF, GRB, and RH compared to AGR. This was however matched with higher abundance of 

nosZ genes, responsible for the conversion of N2O to N2 gas, in RH and GRB sites, suggesting 

complete denitrification and lower N2O emissions in these sites. We found that the nirK gene 

was more abundant than nirS genes in all sites. Previous studies in riparian buffers by Dandie et 

al. (2011) and Zhao et al. (2018) have also reported the dominance of nirK genes over nirS 

genes. However, contrary to the result of  Dandie et al. (2011), we found significant positive 

correlations between nirS genes abundance and soil physicochemical properties such as MC and 

SOC while no correlations were found between nirK gene abundance and soil physicochemical 

properties (Zhao et al., 2018).  

We observed that the gene copy abundance of the nitrate reductases (nirS + nirK) was 

higher than the nitrous oxide reductase (nosZ) in all the sites which is consistent with previously 

reported studies (Jones et al., 2013; Ligi et al., 2013). In addition, nir:nosZ ratio was significantly 

higher in UNF indicating that denitrifying community structure controls N2O production 

potential and predicts incomplete denitrification in UNF. However, contrary to expectations, and 
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other studies that found a positive correlation between the nir:nosZ ratio and potential N2O rates 

(Zhao et al., 2018), we observed a negative correlation between nir:nosZ ratio and N2O 

emissions (Table 2.4). A similar observation was reported by Tosi et al. (2020) who suggested 

that factors such as, temporal differences between sampling for gene abundance and N2O 

emissions, non-targeted denitrification genes, and nirK expressed in ammonia oxidizing bacteria, 

could also play a role in N2O emissions.   

In our study we may be overestimating nir:nosZ ratio because we did not target Clade II 

nosZ, (Jones et al., 2013), although we know that the sum of the abundance of both nosZ clades 

is probably lower than the abundance of nitrite reductase genes (Bru et al., 2011; Jones et al., 

2013). Despite the higher nir: nosZ in UNF compared to the other riparian sites, the lower N2O 

emission suggests that the interaction between denitrifying communities and soil factors 

influenced the end products of denitrification. Soil MC was the main driver of denitrification in 

UNF (WFPS >80 %, data not shown) and possibly limited N2O diffusion thus resulting in N2O 

consumption in UNF (Table 2.2) (Chapuis-Lardy et al., 2007; Davis et al., 2008; Jacinthe et al., 

2012). The characterization of the microbial and N-cycling functional genes suggests a variation 

in the abundance of these genes according to riparian land-use types. The differences observed in 

the microbial communities emanated mainly from the soil physicochemical properties and 

vegetation type. These factors played a huge role in the composition and abundance of bacterial, 

fungal, and N-cycling microbial communities in the riparian land-uses, therefore, controlling the 

consumption and production of nitrous oxide in these sites.  
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2.6 Conclusion 

Riparian buffer systems provide critical environmental services on agricultural 

landscapes to trap nutrients and sequester carbon; however, they alter soil properties such as 

nutrient and moisture content, and therefore, it is important to understand their impact on 

microbial communities, and microbially-driven processes, such as GHG emissions.  In our study, 

significant differences in bacterial and fungal community structure, N-cycling soil microbial 

communities, and N2O emissions were associated with the riparian land-use types and 

agricultural land. The abundance and composition of N-cycling microbial communities in 

different riparian land-use could be related to soil chemistry and vegetation type and were likely 

associated with agricultural management practices.  Agricultural land produced the highest N2O 

emissions, and this related to altered soil properties and alterations in the N-cycling bacterial 

communities. To understand the full environmental impact of riparian land-use systems, further 

research is needed to quantify other key GHGs, such as methane and CO2, and monitor GHGs 

throughout the course of the entire year. 
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CHAPTER THREE 

3 Riparian land-use alters microbial networks and key taxa 

associated with nitrous oxide and carbon dioxide emissions 

3.1 Abstract 

Soil microbial communities in riparian buffer soils are drivers of biogeochemical cycles due to 

their role in transforming carbon and nutrients within their ecosystem. Changes in biotic and 

abiotic factors within these dynamic transitional zones can result in alteration in soil microbial 

community structure and impact the biogeochemical cycle. Our previous study revealed 

significant differences in genetic diversity and abundance of soil microbial communities across 

different riparian land-use systems; however, little is known about the taxonomic composition 

and changes in active soil microbial communities and their interactions within and across 

different riparian land-uses. Here, we targeted active microbial communities and investigated 

community composition, abundance, and gene expression of N-cycling genes associated with 

four different vegetative riparian land-uses namely undisturbed natural forest, coniferous forest, 

rehabilitated agroforest, grass buffer, and an adjacent agricultural land.  GHG emissions (N2O 

and CO2) and soil were sampled concurrently every 2 weeks from March-November 2018. RNA 

extracted from soil sampled on July 4 and August 15 was used for microbial analysis. There was 

no significant difference in N2O emission across the RBS and AGR, however, CO2 was 

significantly higher in GRB compared to UNF, CF, GRB, and AGR. Few differences in N-

cycling gene expression were observed, forest soil (UNF) had the highest nifH, B-amoA, and 

nirS whereas GRB had the highest nosZ potential activity on August 15. Network analysis show 

differences in active microbial community structure across land-uses and associations between 

microbes, soil properties, and GHG.  Unique distribution patterns were observed in taxonomic 
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composition between communities (modules) in the same land-uses. Abiotic factors such as soil 

organic carbon (SOC) influenced soil microbial composition across land-uses. Bacteria taxa such 

as Xanthomonadaceae, Deltaproteovbacteria ( NB1-j),  and uncultured-Pelobacter-sp, and fungi 

taxa Peziza, Mortierella, and Sebacina were associated with shifts in N2O emission across land-

uses. Likewise, bacteria taxa such as MND1, Sandaracinus, and fungi Entoloma were associated 

with shifts in CO2 across land-uses. Microbial taxa such as Candidatus-Udaeobacter was 

associated with both N2O and CO2 emissions indicating their role in GHG emissions. Some of 

these taxa including Xanthomonadaceae, MND1, and Sandaracinus were also identified as 

microbial hubs signifying their importance in influencing microbial community structure and 

GHG emissions.  

3.2 Introduction 

Riparian buffers systems (RBS) are often promoted as mitigation strategies to protect 

waterways from agricultural nutrient runoff.  Due to their unique location between terrestrial and 

aquatic ecosystems, RBS are usually associated with abundant plant biomass, high water table, 

higher soil organic carbon (SOC), and moisture content (MC) compared to upland soils (Capon 

et al., 2013; Stutter et al., 2012). While carbon is sequestered through plant roots, soil respiration 

can be increased, and greenhouse gases (CO2, CH4, N2O) can be released (Baskerville et al., 

2021a; Borden et al., 2021; Mafa-Attoye et al., 2020a). Nutrient runoff from agricultural lands 

contributes to the distinctiveness of riparian ecosystems and increases its potential for nitrogen 

(N) and carbon (C) cycling and susceptibility to climate change impacts (Kachenchart et al., 

2012; Kim et al., 2009). 
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Nutrients entering riparian ecosystems can be transformed through several biological 

processes mostly mediated by diverse soil microorganisms (Ettema et al., 1999). Soil microbial 

communities execute the transformation of N and C in soil. The inflow of nutrients to soils from 

adjacent agricultural lands represents an alteration in soil physicochemical properties that can 

possibly influence changes in the microbial diversity and taxonomic composition over time 

(Dandie et al., 2011; Wang et al., 2017b). Conversely, variations in microbial community 

structure in response to changes in biotic and abiotic factors can consequently influence the 

biogeochemical cycling of nutrients and significantly influence GHG emissions and carbon 

sequestration in soil (Bahram et al., 2018). The impact of these factors and vegetation types on 

microbial communities especially those involved in N and C cycling dynamics in different 

riparian land-use systems is unknown. In addition, microbial interactions which are vital in 

determining ecosystem functioning (Zhou et al., 2011) have been less studied in riparian buffers. 

Determining the impact of agricultural practices on RBS soil properties, microbial 

community structure, and GHG emissions is necessary to assess their potential environmental 

impacts and effectiveness. Our previous studies have found that genetic diversity and abundance 

of soil microbial communities, and N- functional genes varied across different riparian land-use 

systems. However, little is known about the distribution patterns of the active microbial taxa and 

their interactions with soil properties and GHG emissions in each riparian land-use. There is a 

need to further assess soil community structure and interactions in each of these dynamic zones 

using RNA-based approaches. Evaluating microbial diversity, taxonomic composition, and 

interactions within various riparian buffers would help to further understand the functional 

significance of shifts in microbial composition on soil ecosystem and GHG potentials in riparian 
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buffers. Here we assessed and compared the active soil microbial community structure and 

function across undisturbed natural deciduous forest (UNF) and coniferous forest (CF), 

rehabilitated site (RH), grass buffer (GRB), and agricultural land. 

We have the following objectives and hypotheses:  

(i) To compare the active microbial composition and network interactions in contrasting 

riparian land-use systems (grass vs forest) and agricultural land  

H1:  Sites with similar above-ground plant diversity and land uses will have similar 

microbial composition and networks 

(ii) To assess the abundance, gene expression, and microbial taxa associated with GHG 

(N2O and CO2) emissions in the riparian land-use systems and agricultural land. 

H2: Differences in active microbial communities will be associated with differences 

in GHG emissions across riparian land-use systems. 

Elucidating the mechanisms of interaction between soil microbes and the N, C cycle in the soils 

of riparian buffers, identifying potential soil microbes involved in GHG emissions, and exploring 

their functions is crucial in understanding microbiome manipulation and management to mitigate 

GHG in riparian agroecosystems.  

3.3 Materials and Methods 

3.3.1 Description of the study site and experimental design  

This study was conducted in an agriculturally dominated landscape along the Washington 

creek, a first-order spring-fed stream situated in the Grand River watershed. The 9-km long creek 

flows into the Nith River south of Plattsville (43˚18’N80˚33’W), Oxford County, southern 
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Ontario. This County is situated in the peninsular region and has a climate influenced by the 

neighboring Great Lakes. The climate is temperate with mean annual precipitation is 919 mm, a 

mean annual temperature of 7.3 °C, and a mean annual frost-free period of 208 days. 

The four distinct riparian buffers consisted of three sites from the 2017 study, an 

undisturbed natural forest dominated by deciduous trees (UNF) over 150 years, a rehabilitated 

agroforest (RH), replanted with trees over 35 years ago, and an herbaceous grass buffer (GRB) 

about 63 years old. In 2018, an undisturbed natural coniferous forest (CF) located approximately 

5 km upstream of the RH, predominantly dominated with White Cedar (Thuja occidentalis) and 

over 100 years old was added to the study. This site has remained undisturbed for about 100 

years and is situated at the start of Washington Creek, where the spring starts to feed into the 

creek. An agricultural land, AGR, adjacent to RH, on a corn-soybean rotation, was planted with 

soybean in 2018. Lower N fertilizer rates (40 kg N ha-1) were applied to the soil compared to N 

fertilizer (250 kg N ha–1) when it was on corn rotation in 2017. All four riparian buffers exist on 

both sides of the stream and are situated within a 5km stretch of Washington Creek.  

For each site, the study area was 5 m from the edge of the creek and 30 m long and 

parallel and on one side of the creek for a total area of 150 m2. Each land use had replicates (four 

plots per site). We established each 1 × 1 m study plot adjacent to each static gas chamber 

installed in 2017. The distance between each chamber anchor and the nearest tree was 1.4 m in 

UNF and CF, and 2.9 m in RH.  In RH, silver maple (Acer saccharinum L.), alder (Alnus 

glutinosa and Alnus incana), and hybrid poplar were the nearest trees to the chambers and the 

White Cedar (Thuga occidentalis) in CF.  
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The gas chamber collar consisted of PVC piping (25 cm height, 10 cm radius) and was 

installed to a soil depth of 10 cm, providing a 15-cm of head space above the soil surface. A 

removable chamber cap with a reflective insulation was fitted with a 10 cm long (9 mm 

diameter) ventilation tube to account for pressure differences during sampling. The caps were 

also fitted with a 1 cm diameter sampling port that contained a rubber septum which was 

replaced after each sampling campaign (Lutes et al., 2016). These chambers were installed in 

June 2017 for the previous sampling year.  

3.3.2 GHG measurements  

GHG (N2O, CO2) samplings were carried out biweekly from March 2018 to November 

2018. However, for AGR, Soybean was seeded and N fertilizer (40 kg N ha-1) was applied to the 

soil on May 22, therefore, no sampling took place. The GHG emissions from soil were initially 

sampled at 0, 10, 20, and 30 min but were reduced to 0, 15, and 30-min intervals (Baskerville et 

al., 2021) using a 60-mL airtight Syringe (Luer-Lock Tip. BD, Franklin Lakes, NJ, USA), and 

force- filled into evacuated 10-mL Exetainers (Labco Ltd., Lampeter, UK). GHG samples were 

analyzed using an Agilent 6890 Gas Chromatograph (Agilent Technologies, Inc., Santa Clara, 

CA, USA). Emissions were measured according to Hutchinson and Mosier (1981). The 

measurements for both GHGs were sampled and completed between 10:00 and 16:00 h on the 

same sampling day to account for diurnal temperature variations (Hall et al., 2014). At each plot, 

soil temperature (oC) was measured in-situ using a HH2-WET Sensor (Delta T Devices, 

Cambridge, UK) to a depth of 10 cm. 
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3.3.3 Soil sampling and analyses 

Soil was sampled concurrently with GHG measurements every 2 weeks, at a 0-10 cm 

depth along a Z-transect at each plot using a sterile soil auger. Soil was pooled into a sterile 

labeled bag for each transect (n=20) and immediately 2 g of homogenized soil was subsampled 

and transferred into pre-weighed sterile tubes containing 3mL of LifeGuard soil preservation 

solution (MO BIO Laboratories, Inc. Carlsbad, CA) to preserve the RNA. Tubes were transferred 

on ice to the lab and stored at -80oC prior to RNA extractions. For soil moisture content, 10 g of 

fresh soil was weighed, dried at 105oC for 4 days, and reweighed after drying. Soil pH was 

determined on 10 g soil diluted in deionized water, stirred, and allowed to sit for 1 hour; pH was 

measured using calibrated pH meter.  

Soil bulk density was determined by collecting soil at each plot using soil core with 

predetermined/known volume. Soil was weighed, dried at 105oC for 4 days, and reweighed after 

drying. The remaining subsample was kept at -20oC to determine soil physicochemical properties 

such as C, NH4
+, and NO3

 – content. Briefly, soil samples were allowed to thaw, homogenized, 

air-dried, ground using mortar and pestle, and passed through a 2 mm sieve. Total N and C were 

analyzed with an elemental analyzer (CN 628, LECO Instruments, Canada). To analyze NO3
- and 

NH4
+, 5g of air-dried soil was mixed with 25 mL of 2.0 M KCl. Using a reciprocating shaker, the 

solution was stirred for 15 minutes at 180 rpm and then filtered through Whatman 42 filter paper. 

The extraction was passed through a Shimadzu 1800 UV-Vis Spectrophotometer (Shimadzu 

Corp., Kyoto, Japan) at 540 nm after 12 h of color development (Miranda et al., 2001) to 

determine NO3
- and at 650 nm after 1 h of color development (Foster, 1995) to determine NH4

+
. 
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3.3.4 Nucleic acid extraction and reverse transcription  

Soil samples collected in Lifeguard soil preservation solution (MO BIO Laboratories, 

Inc. Carlsbad, CA) were removed from -80oC freezer prior to extraction and centrifuged to 

recover soil pellets for extraction.  Following the manufacturer’s instructions, RNA and DNA 

were co-extracted using RNeasy PowerSoil Total RNA Isolation with DNA Elution Accessory 

Kits (Qiagen®, Valencia, CA). The RNA and DNA obtained were quantified using Qubit™ 4 

Fluorometer using a Qubit™ ssDNA Assay Kit (Thermo Fisher Scientific Corp.) and 

NanoDrop™ 8000 Spectrophotometer (Thermo Fisher Scientific Corp.) respectively, before 

storing RNA at -80°C and DNA at -20°C. Promega (RQ1 DNase) was used to ensure that RNA 

extracted was DNA-free and verified using gel electrophoresis and qPCR before reverse 

transcription to cDNA.  

Following, RNA (5 μL in triplicates) was reverse transcribed into single-stranded 

complementary DNA (cDNA) using Applied Biosystems® High-Capacity cDNA Reverse 

Transcription Kit (Life Technologies Corp.) as described by the manufacturer. No-enzyme and 

no-template controls (NTC) were included to check for the effectiveness of the DNase treatment 

and contamination, respectively. The resulting cDNA samples were pooled and stored at -20oC 

for further analysis. To ensure PCR inhibition-free dilutions, nucleic acid extracts were subjected 

to a pUC plasmid inhibition test using universal primers M13F and M13R (Invitrogen™, 

Carlsbad, CA), as described by Reardon et al. (2013). Based on the results of the inhibition test, 

suitable dilutions were selected for quantitative real-time PCR (qPCR) and amplicon sequencing. 
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Soil sampled on July 4 (at peak of vegetative growth) and August 15 (late summer) were 

used for molecular biology techniques in this study. In total, we analyzed 40 soil samples (5 

land-use types x 4 replicate plots per land-use x 2-time points per plot). 

3.3.5 Quantification of microbial communities and N cycling genes and transcripts  

Quantitative real-time PCR (qPCR) assays were used to estimate the abundance and 

activity of the total bacterial communities (16S rRNA), total fungal communities (18S rRNA), 

nitrogen-fixing bacteria (nifH), ammonia oxidizing bacteria (AOB), and archaeal (AOA) 

communities (bacterial and archaeal amoA), and denitrifier communities (nirS, nirK, and nosZ) 

by targeting their genes and transcripts (Németh et al., 2014). The qPCR master mix consisted of 

either 10 μL of Ssofast EvaGreen Supermix or 12.5 μL of SYBR Green Supermix (Bio-Rad 

Laboratories, Inc.), 1 μL forward and reverse primers (10 μM), 2 μL DNA/cDNA (1 to 

10 ng/μL), and DNase-free water to make a total of 20 μL of EvaGreen Supermix (16S, amoA, 

nirS, nirK) or 25 μL of SYBR Green Supermix (18S, nifH, and nosZ).  

The primer pairs 338f/518r (16S rRNA), IGK3/DVV (nifH), amoA-IF/2R (Bacterial-

amoA), CrenamoA 23F/616R (Archaeal -amoA), Cd3af/R3Cd (nirS), F1aCu/R3Cu (nirK), and 

nosZ1F/1R (nosZ) were included in the targeted reaction. Quantitative real-time PCR was 

performed using the thermal cycler (CFX96; Bio-Rad Laboratories, Inc.) as described earlier 

(Chapter 2). Thermal cycling and primer sequence details for bacterial 16S rRNA, fungi 18S 

rRNA, and N cycling genes and transcripts are found in Appendix B (Table B.1). 
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3.3.6 Processing of transcript sequence data 

Samples of cDNA (⁓20 ng/μL) from each replicate were sent to Genome Quebec for 

high-throughput sequencing via Illumina Miseq platform (Illumina Inc., USA). Primer pairs 

515F (5’-GTGYCAGCMGCCGCGGTAA-3’) and 860R (5’-GGACTACNVGGGTWTCTAAT-

3’) referenced in the Earth Microbiome project were used to amplify the bacterial V4 

hypervariable region of the 16S rRNA transcript. The fungal internal transcribed spacer (ITS) 

region was amplified with the primers ITS1F (Gardes and Bruns, 1993) and ITS2 (White et al., 

1990). The demultiplexed sequences obtained from the output of Illumina MiSeq 250 were 

processed using Quantitative Insights Into Microbial Ecology QIIME2 (version 2019.1).  

The DADA2 pipeline was used to detect and correct sequence data and remove low 

quality regions of the sequences.  This quality control step also filtered chimeric sequences. The 

SILVA-132 and UNITE databases were used to assign bacteria and fungi taxonomy respectively 

to amplicon sequence variants (ASVs) obtained based on 99.9% similarity. An even sampling 

depth (rarefaction) was determined based on DADA2 feature table summary to subsample counts 

in each sample. Alpha and beta diversity metrics were analyzed in QIIME2. 

3.3.7 Statistical analysis 

The N2O and CO2 fluxes were tested for normality and homogeneity of variances using 

Levene’s test of homogeneity and Shapiro–Wilks’s test of normality and tested for outliers. 

Linear mixed models (LMMs) were run to determine differences among N2O and CO2 fluxes and 

temporal changes at each land-use. The differences in the cumulative N2O and CO2 emission 

between sites were compared using Tukey’s multiple comparison test (alpha=0.05). The 

differences between soil physicochemical properties as determined on days July 4 and August 15 
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were compared using Tukey’s multiple comparison test (alpha=0.05). Genes and transcripts data 

(gene/transcript copy number g−1 dry soil) were log10 transformed, and qPCR data were 

compared between land-uses and sampling days using Two-way ANOVA and means of 

genes/transcripts were compared using Tukey’s multiple comparison test (alpha=0.05). 

Correlations between gene/transcript abundance, GHG emissions (N2O and CO2), and soil 

parameters were calculated using the Spearman-Rank correlation. 

Microbial diversity of the bacterial and fungi communities was compared between land-

uses, based on alpha (i.e., Shannon diversity index) and beta (i.e., weighted UniFrac / Jaccard 

distances for bacteria and fungi respectively) diversity (Lozupone et al., 2011). Alpha and beta 

diversity metrics were compared using Kruskal-Wallis and PERMANOVA tests, respectively. 

Permutational analysis of variance (PERMANOVA), as implemented in the ‘Adonis’ function 

from the ‘vegan’ package, was used to test for differences in soil community composition across 

factors (Time and land-use). The effect of sampling date was not significant, therefore data were 

pooled. Principal coordinates analyses (PCoA) based plots on weighted UniFrac and Jaccard 

distances were computed in Qiime2. The relevant ecological functions of bacterial taxa derived 

from 16S rRNA amplicon sequencing were predicted by FAPROTAX (Functional Annotation of 

Prokaryotic Taxa) (Louca et al., 2018).  

 Co-occurrence networks of interacting organisms, including bacteria, archaea, and fungi, 

were constructed from the taxonomic profiling of soil microbial communities in each land-use 

using SparCC method (Friedman and Alm, 2012), implemented in the R v. 3.6.3 (R Core Team, 

2020) programming environment. Both positive and negative correlations (SparCC >0.60, p-

value < 0.01) were included. Topological features of the resulting networks such as network 
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diameter, average degree, weighted degree, modularity, number of modules, average clustering 

coefficient were calculated using the software Gephi 0.9.2. (Bastian et al., 2009). Eigenvector 

centrality (nodes with an eigencentrality value > 0.80) was used for identifying microbial hubs 

(Peschel et al., 2020). Furthermore, a second co-occurrence network was produced using the 

CoNet alpha plugin (http://psbweb05.psb.ugent.be/conet) (Faust and Raes, 2016) in Cytoscape 

v.3.8.0 (Shannon, 2003). These networks were used to visualize associations of soil properties, 

GHG fluxes, and microbial taxa (bacteria and fungi).  

 CoNet, an ensemble‐based network inference tool, is designed to detect non-random patterns 

of microbial co‐occurrence using several correlations and similarity measures. Reads from 

cDNA were filtered to a minimum of 10 reads across three land-uses to construct network 

analysis for microbial taxa.  An additional matrix with environmental parameters was added as 

“feature matrix” to determine associations between microbial taxa and environmental 

parameters. Pairwise relationships among microbial taxa/ environmental parameters were 

calculated using Pearson, Spearman and Kendall correlation methods simultaneously (1000 

permutations). Edges supported by at least two correlation methods (coefficient > 0.3) and p‐

values < 0.05 were used. Networks were visualized in Gephi v.0.9.2  (Bastian et al., 2009).  

3.4 Results 

3.4.1 GHG emission and soil physicochemical properties across different land-uses  

The mean N2O emissions over the sampling period (March to November) and across 

land-uses ranged from -6.31 to 55.8 μg N2O -N m−2 h−1 (Figure. 3.1a). N2O emission was not 

significantly different between riparian buffers and the AGR site. Likewise, on July 4 and 

August 15, there was no significant difference in N2O emissions across sites. However, the 

http://psbweb05.psb.ugent.be/conet
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cumulative N2O emissions over the sampling period was highest in the AGR site (Figure. 3.1b). 

The mean CO2 emissions ranged from −15 to 625 mg CO2–C m−2 h−1. CO2 emission was 

significantly higher in GRB compared to the other sites. Particularly, CO2 emission was highest 

on July 4, more than 2.5 times higher in GRB than the other land-uses (Figure 3.1c). In addition, 

the cumulative CO2 emissions over the sampling period were significantly higher in GRB 

compared to the other sites (Figure 3.1d).  NO3
- concentration varied significantly across the 

sites, GRB recorded the highest (34.6 mg-N kg-1) and was significantly higher than AGR (13.4 

mg-N kg-1) NO3
-concentrations (Table 3.1). Also NO3

- concentration varied across the sampling 

period in GRB and was significantly higher on August 15 compared to July 4. Among sites, the 

NH4
+–N content varied significantly with the highest NH4

+–N content observed in UNF (75.5 

mg-N kg-1) and lowest in AGR (2.5 mg-N kg-1). In addition, NH4
+–N content varied across the 

sampling period in UNF and CF and was higher on August 15 compared to July 4. Likewise, 

SOC varied significantly across the sites with significantly higher SOC determined in the forest 

buffers CF and UNF compared to other sites. (Table 3.1). 
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Figure 3.1: GHG emissions in soils of undisturbed natural forest (UNF), coniferous forest (CF), 

rehabilitated agroforest buffer (RH), grass buffer (GRB), and agricultural land (AGR) from 

March to November. a) N2O emissions b) cumulative N2O emissions c) CO2 flux d) cumulative 

CO2 flux. The red arrow indicates the date fertilizer was added to AGR, green arrows indicate 

dates (July 4 and August 15) selected for microbial analysis. 
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3.4.2 Nitrogen and Carbon cycling microbial communities  

Total bacterial and fungal abundance/activity did not vary between the riparian land-uses, 

however, on August 15, significantly lower 16SrRNA gene abundance was observed in AGR 

when compared to the riparian buffers. The N-cycling gene abundance was compared between 

land-uses on both sampling dates July 4 and August 15 (Figure 3.2 a,b). Across land-uses, 

bacterial amoA gene abundance was significantly higher in AGR compared to UNF (p=0.0017) 

and significantly higher in CF compared to UNF (p=0.0075) on July 4 (Figure 3.2a). The nifH 

gene abundance was significantly higher in UNF compared to AGR (p=0.0458) and higher in 

RH compared to AGR (p=0.0494) on August 15 (Figure 3.2b). The denitrifier nirS gene 

abundance was less abundant in AGR compared to the forest sites UNF (p=0.0211) and CF 

 

Table 3.1: Soil physiochemical properties in undisturbed natural forest (UNF), undisturbed 

coniferous forest (CF), rehabilitated agroforest buffer (RH), grass buffer (GRB), and 

agricultural land (AGR). Values represent the mean ± SE on July 4 and August 15 except for 

soil pH and SOC which were measured at the start of the experiment. 

Soil Properties* UNF AGR RH GRB CF 

Soil Temp (°C) 23.1±2.0a 25.7±2.7a 24.2±1.9a 27.1±2.9a 23.2±2.2a 

M.C (%) 47.1± 14.5a 15.1± 1.3c 28.3± 84b 15.6± 5.4b 31.8± 20.2b 

SOC (%) 6.76± 0.27a 2.53± 0.18c 5.21± 0.14b 4.79± 0.33b 7.54± 0.8a 

Total C (g kg-1) 140.1±36.9a 29.1±1.9d 71.8±14.3c 75.2±3.7c 122.7±21.2b 

Total N (g kg-1) 9.4±2.1a 2.9±0.2a 4.9±1.4a 5.2±0.5a 8.5±1.7a 

Soil C: N 14.8±0.7a 9.9±0.2a 14.8±1.2a 14.3±0.9a 14.5±1.1a 

NH4
+ (mg-N kg-1) 75.5±44.2a 2.5±1.6c 17.4±10.3c 20.3±16.7c 48.5±33.9b 

NO3
- (mg-N kg-1) 16.7±12.3ab 13.4±2.9b 24.8±19.4ab 34.6±20.5a 20.5±16.4ab 

Soil pH 7.14±0.2a 7.2±0.1a 7.63±0.1a 7.47±0.2a 7.1±0.2a 

* Significant differences among land uses (p<0.05) represented by a, b, c in each soil property. 

M.C moisture content, SOC: soil organic carbon 
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(p=0.0149) on July 4, similarly, significantly higher nirS genes in UNF compared to AGR 

(p=0.0047) and RH compared to AGR (p=0.0448) on August 15 (Figure 3.2). 

Potential activity (cDNA) was detected for all N-cycling transcripts in all the land-uses. 

There was no significant difference in N-cycling transcripts between land-uses on July 4 (Fig 

3.2c). However, on August 15, nifH was highest in the UNF and lowest in AGR and RH sites, 

likewise, bacterial amoA transcripts were highest in UNF and lowest in the AGR (Figure 3.2d). 

The AGR site had significantly lower nirS transcripts compared to UNF, and RH and AGR had 

lower nosZ gene expression compared to GRB (Figure 3.2d).  

Correlations between soil factors and gene transcripts were identified using a Spearman 

rank correlation (Table 3.2). A negative relationship was found between soil 

NO3
- and nirS transcripts (r= -0.554, p= 0.013), while a positive relationship was found between 

the nirS/nirK transcript ratio and soil C, MC, N and NH4
+ and SOC (p<0.005) (Table 3.2).  

N2O emissions on this date (July 4) correlated to the AOA/AOB transcript ratio (r= 0.513, 

p= 0.025), however, there were no significant correlations between gene transcripts and CO2 

emissions. Fewer relationships were identified for the August 15 sampling date, nirK and 

nirS transcripts both correlated positively (p<0.005) with soil C, MC, N, and NH4
+. 

Bacterial amoA also correlated with soil C and N (p=0.035, p= 0.013). There were no 

correlations between gene transcripts, N2O, and CO2 emissions on this date (August 15).  

A total of 54 functional groups (connected with at least one taxonomic record) were 

represented according to FAPROTAX, a tool for predicting putative ecological functions of 

bacterial and archaeal taxa from 16S rRNA amplicon sequencing. Of these functional groups, 41 
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were associated with N and C cycling. AGR had the lowest aerobic ammonia oxidation and 

nitrification functional groups whereas the forest soils (UNF and CF) had the highest nitrification 

functional groups. The distribution of N and C cycling functional groups in different riparian 

land-uses in Washington Creek in 2018 is found in Appendix B (Table B.2). 
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Figure 3.2: Abundance of N-cycling genes in soils on July 4 (a) and (b) August 15 and potential 

activity of N-cycling genes in soils on July 4 (c) and (d) August 15 from undisturbed natural 

forest (UNF), undisturbed coniferous forest (CF), rehabilitated agroforest buffer (RH), grass 

buffer (GRB), and agricultural land (AGR). Mean abundance (Log 10 copies per gram of dry 

soil) for each plot (n = 4). 
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Table 3. 2: Spearman’s rank correlations between transcript abundances/ratios, soil factors and nitrous oxide emission in 

undisturbed natural forest (UNF), coniferous forest (CF), rehabilitated agroforest buffer (RH), grass buffer (GRB), and 

agricultural land (AGR) at the Washington Creek, southern Ontario, Canada on July 4, 2018 

 Transcripts Temp NH4
+ NO3

- SoilC MC Soil N pH SOC N2O CO2 

nifH -0.22 0.36 -0.30 0.40 0.55 0.37 -0.20 0.20 -0.32 -0.16 

B-amoA 0.10 0.28 -0.13 0.06 0.33 0.03 0.07 0.19 -0.26 -0.10 

A-amoA -0.21 0.10 0.27 0.14 0.06 0.12 -0.05 0.21 0.24 0.08 

nirS -0.10 0.41 -0.55* 0.25 0.44 0.20 -0.42 0.24 -0.24 -0.27 

nirK 0.18 -0.22 -0.39 -0.21 -0.20 -0.24 -0.27 -0.37 0.11 -0.23 

nosZ -0.27 0.09 -0.09 0.09 0.20 0.02 0.20 0.11 -0.06 0.01 

AOA/AOB -0.09 -0.27 0.24 -0.04 -0.32 -0.02 -0.25 -0.12 0.51* -0.05 

nirS/nirK -0.40 0.73** -0.17   0.65**  0.78*** 0.61* -0.12 0.77*** -0.42 -0.27 

nir:nosZ1 0.33 -0.02 -0.22 -0.08 -0.09 -0.03 -0.36 -0.09 0.14 -0.27 

Significant values are in bold and represented with * p < 0.05, ** p < 0.01, *** p <0.001.  
1nir:nosZ = (nirS + nirK)/(nosZ)         
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3.4.3 Taxonomic composition of the active soil microbial communities 

The dominant bacterial phyla across all land-uses are Proteobacteria  (38.10% - 43.18%), 

followed by Acidobacteria (12.04% - 19.20%), Planctomycetes (8.44% -12.92%), Chloroflex 

(5.05% - 6.29%), Verrucomicrobia (4.24% -5.70%), Rokubacteria (2.81% - 6.74%), 

Actinobacteria (0.69% - 6.22% ), Bacteroidetes (2.66% - 4.91%), Latescibacteria (2.55% - 

3.67%). Other phyla such as Gemmatimonadetes (1.11% - 1.48%), Cyanobacteria (0.1% -

0.58%), Nitrospirae (0.29% - 0.86%), Armatimonadetes (0.2% - 0.31%), Entotheonellaeota 

(0.5% - 1.23%), and Hydrogenedentes (0.22%) had relative abundance < 2% (Figure 3.3a). The 

dominant fungi across all land-uses are Ascomycota (49.4% in RH, 45.3% in AGR, 33.8% in 

UNF, 26.8% in GRB, and 13.8% in CF), Basidomycota (60% in CF, 45% in UNF, 40.1% in 

GRB, 18.4% in RH, and 10.5% in AGR), and Glomeromycota ( 13.8% in GRB, 9.1% in RH, 

7.75% in CF, 3.8% in UNF, and 1.02% in AGR). Basidomycota was higher in UNF and CF 

compared to the other sites (Figure 3.3b). 

Bacteria alpha diversity was significantly lower in the CF compared to AGR and RH as 

determined by Shannon’s diversity index (Figure 3.4a). However, there were no significant 

differences observed in α-diversity of fungi communities across land-uses (Figure 

3.4b). PERMANOVA based on on weighted UniFrac distances showed significant differences 

between land-uses: (F=3.87, p=0.001). AGR had distinct clusters from the other land-uses. 

(Figure 3.4c).  Fungi β-diversity based on Jaccard distances showed significant differences 

between land-uses: (F=1.12, p=0.001) (Figure 3.4d). 
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Figure 3.3: The mean relative abundance of a) bacteria and b) fungi at phyla level in undisturbed 

natural forest (UNF), undisturbed coniferous forest (CF), rehabilitated agroforest buffer (RH), 

grass buffer (GRB), and agricultural land (AGR). 
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Figure 3.4: Alpha diversity of a) bacterial and archaeal and b) fungal communities in 

undisturbed natural forest (UNF), undisturbed coniferous forest (CF), rehabilitated agroforest 

buffer (RH), grass buffer (GRB), and agricultural land (AGR) based on two sampling dates and 

four replicates per treatment. Procrustes plot of PCoA on c) weighted UniFrac distance for 

bacteria d) Jaccard distance for fungi.     
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3.4.4 Co-occurrence networks of microbial communities 

The co-occurrence patterns of active bacteria and fungi in the soil communities in each 

land use were explored using SparCC (Figs 3.5-3.9, Table 3.3). The topological parameters of 

co-occurrence networks differed by land use. The number of correlations (edges) in UNF soils 

was about three times higher than in RH and CF soils, which are also tree-dominated sites (Table 

3.3). The grass buffer (GRB) had lower numbers of nodes (connected taxa), but higher edges 

(correlations) compared to the CF and RH sites (Table 3.3). 

Table 3. 3: Topological parameters of co-occurrence networks of active bacterial and 

fungal communities in undisturbed natural forest (UNF), undisturbed coniferous forest 

(CF), rehabilitated agroforest buffer (RH), grass buffer (GRB), and agricultural land 

(AGR) at Washington Creek, 2018 

Land-use UNF         CF RH GRB AGR 

Total Nodes 512 495 496 426 494 

Bacteria Nodes  478 456 437 380 474 

Fungi Nodes  34 39 59 46 20 

Edges 22,493 7,372 7,349 15,102 11,838 

Network Diameter 3 6 5 4 4 

Average degree 87.86 29.19 28.54 70.9 47.63 

Weighted degree 6.79 3.47 1.22 3.96 1.62 

Average path length 1.85 2.32 2.69 1.95 2.24 

Modularity 4.71 3.20 7.93 6.23 9.61 

Number of modules 3 8 8 4 9 

Average clustering coefficient 0.67 0.59 0.57 0.67 0.57 

 

Land use differed in the number of taxonomically distinct modules (Table 3.3). To explore key 

bacterial and fungal taxonomic groups within each land-use, we examined the relative 

abundances of bacterial and fungi clusters at the phyla level from each module (communities) 

(Fig 3.5b, c -3.9b.c). Microbial hubs, nodes that co-occur with other nodes resulting in high 

number of connections, were identified in each land use based on connectedness and 
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eigencentrality (Table 3.4). The number of microbial hubs ranged from one in the CF and RH 

sites to over 30 hub taxa in the AGR sites (Table 3.4). 

Co-occurrence networks of the UNF site identified three taxonomically distinct modules, 

M1, M2, and M3 with 40.62%, 34.38%, and 25% of the nodes respectively, (100%) of the nodes 

(Figure 3.5a). The distribution pattern of the most abundant bacteria phyla differed, 

demonstrating the taxonomic uniqueness of each module. Proteobacteria was the most abundant 

phyla representing between 23% (M3) to 43% (M2) of the total community. The Bacteroidetes 

and Verrucomicrobia were higher in M2 compared to M1 and M3, and Actinobacteria was more 

abundant in module M3 (Figure 3.5b). Furthermore, microbial hub taxa MND1 

and Pedosphaeraceae were identified in M1 and M3, respectively (Figure 3.5a, Table 3.4).  In 

the fungi communities, a total of 33 nodes were identified in modules M1 and M3, while one 

fungal node was identified in M2. The relative abundance of Ascomycota (57%) was higher in 

M1 compared to M3 (31.5%), whereas Basidiomycota (58%) was more abundant in M3 

compared to M1 (28.5%) (Figure 3.5c). 

The co-occurrence network from the CF site had a total of eight modules (Figure 3.6a). 

The top five bacterial modules (M1, M2, M3, M4, M5) contained 33.54%, 24.65%, 10.51%, 

8.69%, and 7.88% of the nodes respectively, (85.27%) of the total nodes. Proteobacteria, 

followed by Planctomycetes were the dominant bacterial phyla. The relative abundance of phyla 

Actinobacteria and Latescibacteria were higher in M4 compared to other modules, whereas 

Bacteroidetes was lowest in M4 (Figure 3.6b). The hub taxa, Burkholderiaceae, was identified in 

M1(Figure 3.6a). The fungi communities had 37 nodes; the top three modules identified were 

M1, M2, M4, low fungal nodes were identified in M3 or M5. Ascomycota was the most 
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dominant phylum with a high relative abundance of 71.4% in M4 and a lower abundance of 20% 

in M2. Unlike the other modules, Ascomycota was not observed in M1 but was dominated by the 

mycorrhizal phylum Glomeromycota (Figure 3.6c). 

The RH co-occurrence network was summarized by eight modules; the top five modules 

M1 to M5 are represented by 29.23%, 28.43%, 23.39%, 14.72%, and 3.63% of the nodes 

respectively, (99.4%) of total nodes (Figure 3.7a). Proteobacteria was the most dominant phylum 

among the modules (Figure 3.7b). The relative abundance of the phylum Actinobacteria was 

higher in M1 and M3 compared to the other modules. Likewise, the phylum Armatimonadetes 

was more abundant in M5 and M4 compared to other modules (Figure 3.7b). The microbial 

hub, uncultured Gemmataceae, was identified from M2 (Figure 3.7a). The fungi nodes were 

identified in four modules (M1, M2, M3, M5) (Figure 3.7c). These modules were dominated by 

phylum Ascomycota, with the highest relative abundance of 72.7% in M3 and the lowest of 25% 

in M1. The abundance of phylum Basidiomycota was higher in M1 (33.3%), and the mycorrhizal 

Glomeromycota was highest (50%) in M5. The phyla Rozellomycota and Zoopagomycota were 

unique to M2 and M3 respectively (Figure 3.7c). 

The co-occurrence network of the grass buffer (GRB) consisted of four modules M1, M2, 

M3, and M4 with 41.08%, 36.62%, 14.32%, and 7.98% of nodes respectively, (100%) of nodes 

(Figure 3.8a). The most dominant phyla across the modules was Proteobacteria, followed by 

Planctomyces. The distribution pattern of bacteria phyla in M4 was distinct with higher 

abundance of phyla Armatimonadetes and Latescibacteria and no Verrucomicrobia compared to 

the other modules (Figure 3.8b). In the fungi community, 45 nodes were distributed across the 

top three modules (M1, M2, M3) while one node was found in M4. Ascomycota dominated the 



 

 

74 

 

three modules, followed by Basidiomycota in M1 and M2. The relative abundance of 

Glomeromycota was higher in M2. Likewise, Mortierellomycota and Zoopagomycota were more 

abundant in M1 and M3, respectively (Figure 3.8c). Microbial hubs (16 bacteria and 5 fungi) 

were identified in M1 and M2; the fungal hubs were identified as phylum Ascomycota (Table 

3.4, Figure 3.8a). 

Finally, the co-occurrence network from the AGR site had the highest number of modules 

forming nine different communities (Figure 3.9a). The top five modules M1, M2, M3, M4, and 

M5 with 31.17%, 27.73%, 17.41%, 11.94%, 10.93% of nodes respectively, representing 

(99.18%) of nodes. Proteobacteria was the most dominant phylum, with a relative abundance of 

30.9% in M4 and 22.5% in M3. The modules were uniquely different from each other except for 

M1 and M4, where the distribution of the top six phyla was similar (Figure 3.9b). We also 

observed a higher abundance of Verrucomicrobia in M2 and M3, and Gemmatimonadetes in M5 

compared to the other modules. The top two fungi modules were M1 and M4, the relative 

abundance of Ascomycota in these modules were 66% and 64.2% respectively followed by 

Mortierellomycota (33%) in M4. The module M1 was more taxonomically diverse and contained 

other fungi phyla such as Basidiomycota, Glomeromycota, and Chytridiomycota (Figure 3.9c).  

A total of 32 microbial hubs were identified from M1 and M2 communities, interestingly all 

hubs were bacterial in this site (Table 3.4). 
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Figure 3. 5: a) Co-occurrence networks visualizing significant correlations (ρ >0.70, p-value < 

0.01) in UNF indicated with grey lines between bacteria (circle) and fungi (triangle) nodes in 

soil. Labeled nodes are identified microbial hubs inferred in terms of connectedness (weighted 

degree) and eigencentrality in the networks (Table 3.4). Node colors are based on modularity 

class; hence each color represents mean modules (communities) of co-occurring taxa. b) 

Taxonomic profile of the top modules ranked by the percentage of nodes are shown for bacterial 

and fungi at phyla level. Bacteria phyla with relative abundances lower than 4% were 

summarized with others. The number of fungi nodes in M2 was too low, therefore M2 was not 

shown. 
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Figure 3. 6: a) Co-occurrence networks visualizing significant correlations (ρ >0.70, p-value < 

0.01) in CF indicated with grey lines between bacteria (circle) and fungi (triangle) nodes in soil. 

Labeled nodes are identified microbial hubs inferred in terms of connectedness (weighted 

degree) and eigencentrality in the networks (Table 3.4). Node colors are based on modularity 

class; hence each color represents mean modules (communities) of co-occurring taxa. b) 

Taxonomic profile of the top 5 modules ranked by the percentage of nodes are shown for 

bacterial and fungi at phyla level. Bacteria phyla with relative abundances lower than  4% were 

summarized with others. The number of fungi nodes in M3 and M5 were too low, therefore were 

excluded. 

a) 
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Figure 3. 7: a) Co-occurrence networks visualizing significant correlations (ρ >0.70, p-value < 

0.01) in RH indicated with grey lines between bacteria (circle) and fungi (triangle) nodes in soil. 

Labeled nodes are identified microbial hubs inferred in terms of connectedness (weighted 

degree) and eigencentrality in the networks (Table 3.4). Node colors are based on modularity 

class; hence each color represents mean modules (communities) of co-occurring taxa. b) 

Taxonomic profile of the top modules ranked by the percentage of nodes are shown for bacterial 

and fungi at phyla level. Bacteria phyla with relative abundances lower than  4% were 

summarized with others. The number of fungi nodes in M4 was too low, therefore it was 

excluded. 
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Figure 3. 8: a) Co-occurrence networks visualizing significant correlations (ρ>0.70, p-value < 

0.01) in GRB indicated with grey lines between bacteria (circle) and fungi (triangle) nodes in 

soil. Labeled nodes are identified microbial hubs inferred in terms of connectedness (weighted 

degree) and eigencentrality in the networks (Table 3.4). Node colors are based on modularity 

class; hence each color represents mean modules (communities) of co-occurring taxa. b) 

Taxonomic profile of the top modules ranked by the percentage of nodes are shown for bacterial 

and fungi at phyla level. Bacteria phyla with relative abundances lower than  4% were 

summarized with others. The number of fungi nodes in M4 was too low, therefore it was 

excluded. 

b) 

a) 

c) 
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Figure 3. 9: a) Co-occurrence networks visualizing significant correlations (ρ>0.70, p-value < 

0.01) in AGR indicated with grey lines between bacteria (circle) and fungi (triangle) nodes in 

soil. Labeled nodes are identified microbial hubs inferred in terms of connectedness (weighted 

degree) and eigencentrality in the networks (Table 3.4). Node colors are based on modularity 

class; hence each color represents mean modules (communities) of co-occurring taxa. b) 

Taxonomic profile of the top modules ranked by the percentage of nodes are shown for bacterial 

and fungi at phyla level. Bacteria phyla with relative abundances lower than  4% were 

summarized as others. Fungi nodes present in M2, M3, and M5 were too low, therefore they 

were excluded. 

a) 

b) 
c) 
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Table 3. 4: Hub-taxa identified and their association with environmental parameters in undisturbed 

natural forest (UNF), undisturbed coniferous forest (CF), rehabilitated agroforest buffer (RH), grass buffer 

(GRB), and agricultural land (AGR) in Washington creek in 2018 

Sites 

K
in

g
d

o
m

 Microbial hub-taxa Degree Eigen  

centrality 

Environmental 

 parameters  

Interaction  

type  

UNF 

  

B
ac

te
ri

a 
 

MND1 428 1 CO2 -ve 

Pedosphaeraceae 422 0.87 NH4
+ -ve 

CF Burkholderiaceae 365 1 NH4
+ -ve 

RH uncultured Gemmataceae 99 1  -  - 

GRB 

  

  

  

  

  

  

  

  

  

  

  

  

  

  

  

Alphaproteobacteria 145 1 -  - 

Chthoniobacter 146 0.97 C: N +ve 

uncultured Burkholderiaceae  121 0.89 -  - 

SBR1031 136 0.86 -  - 

Acidobacteria (Subgroup 6) 147 0.86 pH -ve 

uncultured Sandaracinaceae 145 0.86 CO2   +ve 

NO3 -ve 

Ellin6055 114 0.84 -  - 

TK10 103 0.84 -  - 

uncultured Gaiellales  107 0.83 N and C  -ve/-ve 

uncultured Propionibacteriaceae  107 0.82 N2O +ve 

Thermomicrobiales (JG30-KF-

CM45) 

101 0.82 - -  

Pla4 lineage 111 0.82 -  - 

Thiobacillus 99 0.81 N -ve 

Isosphaeraceae 97 0.81 N -ve 

Xanthomonadaceae 101 0.8 N2O +ve 

Acidobacteria (Subgroup 22) 96 0.8 N -ve 

F
u

n
g

i 

Exophiala 102 0.83 N -ve 

unidentified fungi 97 0.8 -  - 

Vishniacozyma 97 0.8 N -ve 

Staphylotrichum 99 0.81 N -ve 

Cladosporium 96 0.81 N -ve 

AGR 

  

  

  

  

B
ac

te
ri

a 
 

Haliangium 110 1 -  - 

 uncultured Desulfovibrio sp  94 0.96 -  - 

uncultured Lineage Iia  249 0.94 -  - 

uncultured16 91 0.92 -  - 

 uncultured Rhizobiales 89 0.92 -  - 
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Gitt-GS-136 91 0.92 - -  

Nitrososphaeraceae 88 0.91 -  - 

metagenome5 84 0.9 -  - 

Lysobacter 89 0.9 pH +ve 

Gaiella 84 0.88 -  - 

Gaiella sp. EBR4-RS1 91 0.88 C:N +ve 

wastewater metagenome1 80 0.87 -  - 

uncultured Holophaga sp. 84 0.87 -  - 

Sandaracinus 79 0.85 CO2 +ve 

Subgroup 11 78 0.84 - -  

Burkholderiaceae 92 0.84 NH4
+ -ve 

metagenome2 76 0.84 -  - 

Micrococcaceae 84 0.84 pH  +ve 

Nitrosospira 85 0.84 pH  +ve 

Intrasporangiaceae 88 0.84 pH  +ve 

uncultured157 76 0.84 -  - 

uncultured Armatimonadetes 

bacterium 

77 0.84 CO2 +ve 

uncultured Gemmatimonadales 

bacterium70 

76 0.83 - -  

OLB12 75 0.83 CO2 +ve 

MND1 86 0.83 -  - 

Pirellula 86 0.82 NH4
+ -ve 

uncultured bacterium245 82 0.82 -  - 

Bradyrhizobium 81 0.82 NH4
+ -ve 

Mycobacterium 75 0.82 CO2 +ve 

Blastopirellula 80 0.82 N/C  - 

-ve /-ve 

uncultured160 77 0.81 -  - 

AT-s3-28 74 0.81 CO2 +ve 

Acidobacteria (Subgroup 6) 95 0.81 pH -ve 

Holophagae Subgroup 7 80 0.81 -   - 

Mutual Exclusion (-ve), Copresence (+ve) 
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3.4.5 Co-occurrence networks with microbial taxa and environmental parameters  

Co-occurrence networks were used to visualize the connectedness of environmental 

parameters from each land use, including mean soil physicochemical properties (Table 3.1), 

greenhouse gas emissions, and microbial taxa.  

The co-occurrence network for UNF indicated that N2O, Temp, C, N, SOC, and C-N were the 

most influential environmental parameters (Table 3.5). N2O formed associations with eighty 

bacteria, six bacterial nodes were negatively associated, and ten fungal nodes were correlated.  

Temp, C, N, SOC, and C-N also formed significant positive and negative associations with over 

80 bacteria nodes each (Table 3.5). SOC and C-N showed positive associations with Peziza and 

Acaulosporaceae, and negative associations with Helvellosebacina, Inocybe, fungi 

(unidentified), and Tomentella.  Likewise, the same fungi nodes were also associated with C and 

N, and all followed the same pattern of interaction. The microbial hub taxa Pedosphaeraceae 

and MND1 formed negative associations with NH4
+ and CO2 respectively (Table 3.4). 

In the CF site, the co-occurrence network analysis indicated that N2O, pH, and CO2 were 

the most influential environmental parameters (Table 3.5). A total of 63 bacteria and four fungi 

nodes formed associations with soil pH, 65% of which were positive. The four fungi nodes: 

Spizellomyces, Helotiales, Septoglomus, and Basidiomycota all formed positive associations with 

pH.  SOC formed associations with seven fungi nodes, six of these nodes, Sebacina, 

Agaricomycetes, Mortierella, Inocybe, Archaeorhizomyces, and Agaricales formed positive 

associations whereas Tomentella formed a negative association with SOC. Hydrogenispora and 

Flavobacterium formed positive associations with NH4
+ whereas the microbial hub taxa 

Burkholderiaceae formed a negative association with NH4
+ (Table 3.4). 
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The co-occurrence network from the agroforestry rehabilitated site (RH), identified soil 

temperature as strongly influential, forming a total of 63 associations with bacteria and fungi 

nodes (Table 3.5). Forty-seven of these associations were formed with bacteria nodes, eight of 

which were negative associations. A total of 16 fungi nodes, such as Dactylonectria, 

Nectriaceae, and Metarhizium all formed negative associations with temperature. Soil NO3
- and 

SOC were also influential at this site, Sordariomycetes, Psathyrella, Rozellomycota-

(unidentified) had positive associations with NO3
- Luteolibacter, Gemmatimonas, and 

unidentified TK10 which formed negative associations. Only three fungi nodes; Glomeromycota, 

Clavaria, Archaeorhizomyces formed negative associations with SOC whereas, 31 bacterial 

nodes formed both positive and negative associations with SOC.  There was only one microbial 

hub taxon identified in this site, and it did not associate with any environmental parameters 

(Table 3.4). 

In the GRB co-occurrence network, a total of 90 bacterial nodes and 24 fungi nodes were 

associated with SOC (Table 3.5). Bacteria taxa such as Nannocystis, Haliangium, and 

Phycisphaera formed positive associations whereas Nordella, Arenimonas, and 

Zavarzinella formed negative associations. Fungi taxa such as Nectriaceae, Archaeorhizomyces, 

and Sordariomycetes formed positive associations whereas taxa such as Chaetomium, 

Pseudotricharina, and Podospora formed negative associations. Also, NH4
+ and NO3

- formed 

strong positive associations with these five fungi taxa: Glomus, Funneliformis, Cylindrocarpon, 

Entoloma, Glomeraceae, whereas Spizellomyces and Plectosphaerella were negatively 

associated with NO3
-. Importantly, several of the microbial hubs identified at this site were 
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correlated with soil parameters such as C-N ratio, pH, and NO3
- (Table 3.4). Three of the hubs 

were correlated with GHGs, the uncultured Sandaracinaceae was positively associated with CO2, 

whereas uncultured Propionibacteriaceae and Xanthomonadaceae were positively associated 

with N2O (Table 3.4). All five fungi nodes identified as microbial hubs in GRB were negatively 

associated with soil N. These taxa were identified in the same module M1 (Figure 3.8a), which 

probably explains the similar response and physiological tendencies to soil N (Table 3.4).  

The co-occurrence network in the AGR site indicated that soil inorganic nitrogen (NO3
- 

and NH4
+) were the most connected soil properties (Table 3.5). Only three taxa Opitutaceae, 

Inquilinus, and Peredibacter formed positive associations with NO3
-, other taxa such as 

Skermanella, Cellvibrio, and Acetobacterales formed negative associations with NO3
-. Similarly, 

NH4
+ was positively associated with taxa such as Sphingobacteriales, Cryomorphaceae, and 

Pseudolabrys, whereas Nitrospira, Flavobacterium, Burkholderiaceae, Bradyrhizobium, and 

Xanthomonadaceae formed negative associations with NH4
+. Fungi nodes Gigaspora, 

Calyptrozyma, Peziza, Venturiales all positively correlated with NH4
+, whereas Dactylonectria 

and Pluteus were negatively correlated with NO3
-. Forty bacteria nodes formed both positive and 

negative associations with total soil C, and 48 bacteria nodes formed associations with SOC; 

about 80% of these associations were negative. Five fungi nodes formed associations with total 

soil C; Peziza, Calyptrozyma, and Venturiales had positive associations whereas Chaetomium 

and Phallus had negative associations. The AGR site had the highest number of microbial hub 

taxa, and several were associated with the environmental parameters. For instance, Lysobacter, 

Micrococcaceae, Nitrosospira, and Intrasporangiaceae were positively associated with pH 

whereas Acidobacteria (Subgroup 6) formed a negative association. Burkholderiaceae, Pirellula, 
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and Bradyrhizobium were negatively associated with NH4
+

, Gaiella sp. EBR4-RS1 formed a 

positive association with C-N, and Blastopirellula formed negative relationships with total N and 

total C (Table 3.4). Sandaracinus, uncultured Armatimonadetes, AT-s3-28, Mycobacterium, and 

OLB12 formed positive associations with CO2. 
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Table 3. 5: Connectedness of soil factors and GHG as nodes in co-occurrence network based on cDNA sequence data from undisturbed 

natural forest (UNF), undisturbed coniferous forest (CF), rehabilitated agroforest buffer (RH), grass buffer (GRB), and agricultural land 

(AGR) 

Environmental Parameters  UNF CF RH GRB AGR   

Node Degree Eigen Degree Eigen Degree Eigen Degree Eigen Degree Eigen 

N2O
* 107 1 57 0.47 19 0.15 36 0.15 19 0.08 

Soil Temp 110 0.88 15 0.09 63 0.7 56 0.3 24 0.11 

Total C (g kg-1) 119 0.81 20 0.12 25 0.18 75 0.49 46 0.38 

Total N (g kg-1) 119 0.78 35 0.2 25 0.17 83 0.43 27 0.17 

SOC 111 0.77 39 0.28 34 0.19 114 1 52 0.34 

Soil C: N 120 0.75 42 0.31 21 0.18 43 0.18 33 0.26 

NH4+ (mg-N kg-1) 106 0.53 29 0.16 20 0.14 47 0.21 58 0.36 

Soil pH 109 0.22 67 0.42 17 0.1 22 0.1 35 0.07 

CO2
* 95 0.21 66 0.39 16 0.04 48 0.16 49 0.25 

NO3- (mg-N kg-1) 58 0.11 36 0.21 54 0.33 55 0.33 54 0.38 

Degree is the number of edges from each node, Eigen (eigen centrality) indicates how influential the node is in the network. *Mean daily N2O 

and CO2 emissions from sampling days July 4 and August 15, 2018 
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3.4.6 Microbial taxa associated with N2O and CO2 across land-uses 

Across the land-uses, several bacteria nodes had significant correlations with N2O (Figure 

3.10). Of these nodes, 80 (16% of population) were identified in UNF, 46 (10%) in CF, 33 

(8.7%) in GRB, 19 (4.3%) in RH, and 18 (3.8%) in AGR.  Some bacterial taxa were associated 

with N2O in multiple land uses.  Bacteria such as uncultured-Pelobacter-sp., 

Deltaproteobacteria (NB1-j), and Planctomycetes (BD7-11) were related to N2O in at least three 

land-uses (Table 3.6), Appendix B (Figure B.1b). The forest soils, CF and UNF, shared a total of 

nine bacteria taxa; uncultured Geminicoccaceae, Altererythrobacter, Armatimonadetes, Gitt-GS-

136, Armatimonadales, and Ignavibacteria (OPB56) that were associated with N2O (Table 3.6).  

A total of 23 fungi nodes had significant correlations with N2O and were identified in 

four land-uses, namely (UNF, CF, GRB, and AGR). N2O had positive associations with ten fungi 

nodes in UNF and ten nodes in CF. However, two fungi nodes (Glomus and Funneliformis) in 

GRB and one fungus (Peziza) in AGR formed negative correlations with N2O. We identified 

some of these fungi nodes in more than one land-use. For instance, Peziza formed an association 

with N2O in two different land-uses: a positive correlation with N2O in CF and a negative 

correlation in AGR. Likewise, Mortierella and Sebacina showed positive correlations with N2O 

in both UNF and CF (Table 3.7), Appendix B (Figure B.1d). In RH, no fungi correlated with 

N2O. 

Microbial nodes correlated with CO2 across the five land-uses. We found 60 nodes 

(13.2% of population) in CF, 58 (12.1%) in UNF, 47 (9.92%) in AGR, 43 (11.3%) in GRB, and 

16 (3.67%) in RH.  Several bacterial nodes were identified in more than one land-use (Table 

3.6). Bacterial nodes such as uncultured-Holophaga-sp. and Sandaracinus were associated with 
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CO2 in at least three different land-uses, Appendix B (Figure B.1a). Similarly, the forest soils CF 

and UNF had 11 bacteria taxa such as uncultured 

Entotheonellaceae, Paludibaculum, Nannocystis, Pirellulaceae, MND1 positively and negatively 

associated with CO2 in both land-uses. In particular, we observed that over 90% of the bacteria 

association with CO2 in CF were positive.  

In the fungi community, a total of 11 fungal nodes formed associations with CO2 in three 

of the five land-uses (GRB, CF, and AGR) (Table 3.7), Appendix B, (Figure B.1c). Of these 

nodes, five were found in CF, five in GRB, and one in AGR. In CF, the fungi nodes 

Septoglomus, Ascotaiwania, Entoloma, Basidiomycota, Spizellomyces all had positive 

correlations with CO2, whereas fungi nodes in GRB; Glomus, Funneliformis, Cylindrocarpon, 

Entoloma, and AGR; Staphylotrichum had negative correlations with CO2. Fungi nodes in UNF 

and RH showed no correlation with CO2.   

Furthermore, we identified microbial taxa related to both N2O and CO2 in the same land-

use (Figure 3.10c). In GRB, bacteria taxa from the genus (uncultured) Methyloligellaceae, 

family TRA3-20, and (uncultured) Verrucomicrobiaceae were positively associated with N2O 

and CO2 emissions. In UNF, bacteria taxa from the genus Gemmatimonas and Burkholderiaceae 

were negatively associated with CO2 but positively associated to N2O emissions. In CF, genus 

Phycisphaeraceae (CL500-3) and Pla4 lineage (uncultured) were positively associated with CO2 

but negatively associated with N2O emissions. Finally, in AGR, we found five bacteria taxa 

associated with N2O and CO2 emissions. Three of these Armatimonadales, Pajaroellobacter, and 

Candidatus-udaeobacter, were positively associated with N2O and CO2 emissions, whereas 

bacteria taxa from class KD4-96 and S085 both from phylum Chloroflexi were negatively 
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associated with N2O and CO2 emissions (Figure 3.10c). These tendencies observed suggest that 

the identified taxa are related to shifts in N2O and CO2 emissions and can be predictors of GHG 

production or consumption in distinct land-uses. 

 

Figure 3. 10: a) Map showing Washington creek and location of undisturbed natural forest 

(UNF), undisturbed coniferous forest (CF), rehabilitated agroforest buffer (RH), grass buffer 

(GRB), and agricultural land (AGR), b) the distribution of microbial taxa associated with GHG, 

the right axis shows % of bacteria taxa associated with CO2 and N2O, left axis shows total 

bacterial population. c) Venn diagrams showing most dominant microbial taxa associated with 

CO2 (green), N2O (yellow), and taxa associated with both GHGs (beige) in each land-use in 

Washington creek in 2018, as determined by CoNet (relative abundance of dominant microbial 

taxa is provided in parentheses). 



 

 

90 

 

*Shared (Commonality): Number of bacteria taxa present/common to 2 or more land-uses listed 

  

Table 3. 6: Distribution of bacteria taxa associated with N2O or CO2 emissions in undisturbed natural 

forest (UNF), undisturbed coniferous forest (CF), rehabilitated agroforest buffer (RH), grass buffer (GRB), 

and agricultural land (AGR) in 2018 
N2O CO2 

Land-use Shared* Bacteria taxa Land-use Shared* Bacteria taxa 

CF, GRB, 

UNF 

2 uncultured-Pelobacter-sp. CF, GRB, 

UNF 

1 uncultured-Holophaga-sp. 

    Deltaproteobacteria 

(NB1-j) 

AGR, CF, 

GRB 

1 Sandaracinus 

AGR, CF, 

UNF 

1 Planctomycetes (BD7-11) CF, UNF 

  

  

  

  

  

  

  

  

  

10 

  

  

  

  

  

  

  

  

  

Phycisphaerae (CCM11a) 

CF, UNF 

  

6 

  

  

  

  

  

Ignavibacteria (OPB56) Entotheonellaceae 

Geminicoccaceae Phycisphaerae (mle1-8) 

Altererythrobacter Paludibaculum 

Armatimonadetes Nannocystis 

Armatimonadales Myxococcales (P3OB-42) 

Chloroflexi (Gitt-GS-136) Anaerolineaceae 

CF, RH 

  

2 PAUC26f BIrii41 

  Candidatus-

Xiphinematobacter 

Pirellulaceae 

CF, GRB 

  

2 

  

RBG-13-54-9 MND1 

Propionibacteriaceae CF, GRB 

  

  

  

  

  

  

7 

  

  

  

  

  

  

Reyranella 

AGR, CF 1 Oligoflexus SM1A02 

RH, UNF 

  

3 

  

  

Deltaproteobacteria 

(MBNT15) 

Planctomycetes (BD7-11) 

Ohtaekwangia Pseudomonas 

Bdellovibrionaceae 

(OM27-clade) 

A0839 

GRB, UNF 

  

4 

  

  

  

Sericytochromatia Rhizobiales 

Schlesneria OM190 

Xanthomonadaceae CF, RH 

  

2 

  

Opitutaceae 

uncultured-Chloroflexus-

sp. 

Adhaeribacter 

AGR, UNF 

  

3 

  

  

uncultured-Fibrobacteres-

bacterium 

GRB, UNF 

  

  

  

  

5 

  

  

  

  

Chloroflexi(OLB14) 

Candidatus-Udaeobacter TRA3-20 

OLB14 Acidobacteria (Subgroup-6) 

GRB, RH 1 Acidobacteria (Subgroup-

22) 

uncultured Sandaracinaceae 

AGR, GRB 

  

  

  

  

  

  

  

  

1 Pajaroellobacter uncultured Verrucomicrobiaceae 

  

  

  

  

  

  

  

  

AGR, UNF 

  

  

  

4 

  

  

  

Lacunisphaera 

uncultured-verrucomicrobium-

DEV059 

FCPU426 

Latescibacteria 

RH, UNF 1 uncultured-Rokubacteriales 

AGR, GRB 1 uncultured-candidate-division-

SPAM-bacterium 

GRB, RH 

  

3 

  

RCP2-54 

uncultured Chthonomonadales 

Chloroflexi (Gitt-GS-136) 
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Table 3. 7: Distribution of fungi taxa associated with N2O or CO2 emissions in undisturbed 

natural forest (UNF), undisturbed coniferous forest (CF), rehabilitated agroforest buffer (RH), grass 

buffer (GRB), and agricultural land (AGR) in 2018 

N2O CO2 

Land-

use Shared Fungi taxa 

Land-

use Shared Fungi taxa 

AGR, CF 1 Peziza 

CF, 

GRB 1 Entoloma 

UNF, CF 2 Sebacina AGR   Staphylotrichum 

    Mortierella CF   Septoglomus 

CF   Clitocybe     Ascotaiwania 

   Orbiliales     Basidiomycota 

   Muriformistrickeria     Spizellomyces 

   Clavariaceae GRB   Glomus 

   Clavaria     Funneliformis 

   Coprinellus     Cylindrocarpon 

    Sordariales     Fungi 

UNF   Metarhizium      

   Chytridiomycota-(unidentified)       

   Oncopodiella       

   Fungi       

   Nectriaceae       

   Saitozyma       

   Auriculariales-(unidentified)       

    Thelephoraceae-(unidentified)      

GRB   Glomus      

    Funneliformis       

*Shared (Commonality): Number of fungi taxa present/common to 2 or more land-uses listed 
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3.5 Discussion 

In Chapter 2, N-cycling and soil microbial community dynamics were found to differ 

among three riparian buffer types and a corn-based agricultural soil (Chapter 2, Mafa-Attoye et 

al. 2020a). In this chapter, we used co-occurrence networks to describe the structure of the active 

soil microbial communities across five land-uses and relate to soil physio-chemical properties 

and N2O and CO2 emissions.   

The dominant active bacteria phyla observed across the land-uses were Proteobacteria and 

Acidobacteria, which play important roles in the biogeochemical cycle of N and C (Trivedi et al., 

2016), likewise, the most dominant fungi phyla were Ascomycota and Basidiomycota, important 

decomposers essential for recycling of nutrients (Figure 3.3) (Egidi et al., 2019).  

Apart from the higher abundance and activity of nifH gene/transcript (Figure 3.2) observed in 

UNF compared to other sites, the higher abundance/activity of methanogens such as 

Methanosarcinales found in UNF (Obregon, 2021) could also be responsible for the higher N-

fixation activity as Methanobacteriales and Methanosarcinales are capable of N-fixation (Sun et 

al., 2021). 

Soil microbial community structure differed by land-use type; the differences observed in 

the taxonomic profile of the network modules from each site indicate that ecological processes 

such as niche filtering or habitat preferences may be controlling community structure in each 

land-use (Ma et al., 2020). In the forest sites (UNF, CF, and RH) modules, the distinct 

distribution pattern observed in the fungal taxonomic profiles especially the relative abundances 

of dominant Ascomycota and Basidiomycota may indicate the importance of vegetation type in 

fungi composition (Egidi et al., 2019; Röttjers and Faust, 2018). While in the grass buffer 
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(GRB), some of the key modules had unique taxonomic profiles, such as the phylum 

Latescibacteria which has been reported to degrade polysaccharides in soils under specific 

habitat conditions (Farag et al., 2017; Ma et al., 2020). Likewise, in AGR site, the phylum 

Verrucomicrobia in some of the modules is reported to degrade polysaccharide, suggesting a 

contribution to carbon cycling (Nixon et al., 2019) as seen in its association with CO2 (Table 

3.6). The abundance of phylum Gemmatimonadetes in another module suggests an adaptation to 

low soil moisture (DeBruyn et al., 2011), members of this phylum also make up a large 

percentage of N2O-reducing communities in the soil (Jones et al., 2013). 

3.5.1 Land-uses are dominated by unique associations between microbial taxa and soil 

factors 

In the grassland buffers (GRB), SOC was most influential in forming associations with 

bacteria and fungi nodes. Therefore, any change in SOC may cause shifts in microbial 

community composition and structure (Mackay et al., 2016). Soil organic carbon mineralization 

by microbes is directly related to CO2 emissions, although SOC mineralization in relation to 

microbial dynamics can be elusive, as the roles of bacteria and fungi can change with changing 

environmental conditions (Six et al., 2006). Relatively higher emissions of CO2 from GRB 

compared to other land-uses (Figure 3.1c, d) were associated with unique microbial networks 

that associate with soil organic carbon.   

Although the agroforestry rehabilitated site (RH) had the highest number of fungi nodes 

(Table 3.3), fungi interaction with soil properties in this site was very minimal. Soil temperature 

was the most influential environmental parameter forming negative associations with all fungi 

nodes, indicating that as temperature increased, the relative abundance of these fungi decreased.  
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Climate, however, has been reported by several studies as the most influential environmental 

factor predicting fungal community composition (Egidi et al., 2019). We found that the fungus 

Rozellomycota (unidentified) was the only fungi node that formed associations with several soil 

factors: soil N, C, NO3
-, C-N, and temperature. This phylum, also referred to as Cryptomycota, is 

phylogenetically understudied (Lazarus et al., 2015).  

Microbial hubs, nodes that co-occur with other nodes resulting in a high number of 

connections are ecologically important and influential in microbial co-occurrence networks (van 

der Heijden and Hartmann, 2016). Environmental impacts can surge through communities via 

these hubs (Agler et al., 2016). We found some of the hub taxa relate to shifts in soil properties 

and GHG (Table 3.4). For instance, Bradyrhizobium, a hub taxon identified in the AGR site, 

functionally capable of N-fixation, was negatively associated with NH4
+, indicating a decrease in 

the relative abundance of Bradyrhizobium as NH4
+ increased. Strains of Bradyrhizobium 

japonicum have been found to denitrify (Pajares and Bohannan, 2016), and some possess the 

nosZ gene and have been found to drive changes in N2O emissions from agricultural fields 

(Itakura et al., 2013).  

Similarly, another microbial hub, Burkholderiaceae, identified in CF and AGR, is 

metabolically very versatile and ecologically functional. They have been associated with 

processes such as decomposition of organic matter and N- fixation (Moulin et al., 2001). The 

negative association with NH4
+ indicates an increased abundance of Burkholderiaceae as NH4

+ 

decreases. Additionally, we observed negative relationships between Burkholderiaceae and 

several fungi nodes in this study. Burkholderia forms antagonistic, negative associations with 
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phytopathogenic fungi producing antifungal compounds impacting fungal defense mechanisms  

(Groenhagen et al., 2013). 

Another microbial hub, Acidobacteria (subgroup 6), has previously been reported to have 

high relative abundance in soils (Ivanova et al., 2020; Jones et al., 2009). This taxon formed a 

negative association with pH at both GRB and AGR sites (Table 3.4) contrary to the reported 

positive correlation with pH (Ivanova et al., 2020; Jones et al., 2009). Subgroups in this phylum 

are reportedly sensitive to pH (Rousk et al., 2010), pH is a predictor of Acidobacterial 

abundance, and members of these phyla are heterotrophic organisms adaptable to carbohydrate 

utilization (Jones et al., 2009; Kielak et al., 2016). The high connectivity of Acidobacteria 

(subgroup 6) in several sites may be due to its high prevalence (Ma et al., 2020).   

The fungi community is of huge ecological importance as they play essential roles in the 

C cycle, decomposition, and stabilization of SOM (Treseder and Lennon, 2015; Žifčáková et al., 

2016). Although compared to bacterial nodes, fewer fungi nodes were observed in each land-use, 

and they varied with land-use, nonetheless, the high eigen centrality and connectedness of some 

fungi nodes to bacteria and environmental factors in the co-occurrence network were remarkable 

(data not shown). Among these fungi nodes, we identified Peziza, a saprophyte involved in 

nutrient cycling in soil, as possibly the most collaborative and versatile fungi, forming both 

positive and negative associations with soil parameters such as NH4
+, C-N, C, N, SOC, N2O, pH, 

and temperature. Interaction with bacteria was not limited as it formed an association with 

influential microbial hub Pedosphaeraceae, further increasing its impact indirectly on the 

community structure. 
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3.5.2 Microbial taxa driving changes in N2O and CO2 across riparian land-uses  

Functionality associated with N and C cycles varied between land-uses.  Predicted 

functions (FAPROTAX), indicated that nitrification and aerobic ammonia oxidation functional 

groups were significantly higher in the riparian land-uses compared to AGR, further suggesting 

nitrification was lower in AGR compared to other sites. While higher B-amoA gene copies were 

quantified in AGR compared to UNF; this abundance only represents potential taxa present. The 

measured potential activity showed that the UNF riparian buffer had higher B-amoA transcript 

copies than AGR, associated with higher NH4
+ recorded on August 15, indicating a short-term 

response (hot moment) (Orellana et al., 2019) at that time point (McClain et al., 2003; Vidon et 

al., 2010). In AGR, lower B-amoA activity measured at the site indicates a lower nitrification 

process in soil corresponding with low soil inorganic N values (Table 3.1). In contrast, predicted 

aerobic chemoheterotroph functional groups were significantly higher in AGR than other land-

uses demonstrating that the microbes were actively involved in the decomposition of organic 

matter. 

The forest riparian soils (CF and UNF) had nine shared bacteria taxa that were positively 

associated with N2O, and eleven shared bacteria taxa were positively associated with CO2. The 

relative abundances of these taxa were positively correlated with N2O and CO2 emissions (Table 

3.6), indicating an increase in GHG emissions as the relative abundances of these bacteria taxa 

increase. In those same forests, two shared fungi, Mortierella and Sebacina, were also positively 

associated with N2O. Within the genus Mortierella, some members of this denitrifying fungi are 

known to produce N2O (Higgins et al., 2016). As observed in GRB, the relative abundances of 



 

 

97 

 

fungi genus Glomus and Funneliformis were significantly negatively correlated to N2O and CO2 

emissions. As recognized AMF, these taxa form symbiosis with plants to supply inorganic 

compounds (N) and reduce N2O emissions from soils (Bender et al., 2014) and are known to 

boost soil carbon sequestration (Wang et al., 2016). Furthermore, as illustrated in distinct land-

uses, we found that the relative abundances of bacteria genus such as Candidatus-Udaeobacter 

and Lacunisphaera consistently positively correlated to N2O and CO2 respectively in two 

contrasting soils (AGR and UNF) (Table 3.6) indicating these taxa can predict GHG emissions in 

distinct land-uses.  

3.6 Conclusion 

Soil microbial community structures are influenced by land-use type and soil properties. 

This study gives a detailed insight into the structure of soil microbial communities and N and C 

cycling in different riparian land-uses and the biotic and abiotic factors that influence these 

structures. We explored community structure within each land use by identifying network 

modules and determining the distribution pattern of taxonomic profiles. We determined 

microbial hub, influential taxa affecting microbial community structure in each land use and 

identified taxonomically diverse groups of organisms that drive changes in N2O and CO2 

emissions across the land-uses. Most especially we found that these five taxa; KD4-96, 

Pajaroellobacter, and Candidatus-udaeobacter in AGR, TRA3-20 in GRB, and Burkholderiaceae 

in UNF were not only associated with N2O and CO2 emissions but also most dominant in their 

sites. Hinging on the abundance and associations of these identified groups of organisms, we can 

potentially predict their contribution to GHG in soils and determine GHG dynamics in riparian 
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buffers. Future studies can determine the putative functions of these microbes and implement 

GHG mitigation strategies specific for each distinct riparian agroecosystem.  
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4.1 Abstract  

The complex interactions between plant roots and soil microorganisms are, broadly, well 

described. Yet the patterns of microbe-microbe interaction and their association with the root 

functional traits are less known especially in plant communities at the edges of agricultural 

landscapes.  To address this gap, we measured the active soil microbial communities with and 

without the presence of plant roots, using in-situ root exclusions, in four plant communities at the 

edges of agricultural fields: undisturbed natural deciduous forests (UNF), coniferous forests 

(CF), rehabilitated agroforests (RH), and perennial herbaceous grass buffers (GRB). Amplicon-

based analysis of 16S rRNA and ITS transcripts was used to evaluate soil bacterial, archaeal, and 

mailto:dunfield@uoguelph.ca
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fungal communities, and their interactions, with and without roots. Plants roots were measured 

for a suite of functional traits such as specific root length, specific root area, root tissue density, 

root diameter, and root nitrogen and explored in association with microbial community 

composition. Significant differences in bacterial and archaeal but not fungal diversity were 

observed between soil plots with and without roots. Network analysis illustrated intra and inter 

kingdoms co-occurrence patterns respond to the presence of plant roots, with GRB exhibiting 

distinct patterns in comparison to tree-dominated soils. A shift in the microbial hub from 

bacterial to fungal was observed with the exclusion of roots; Planctomycetes (OM190) _10 was 

replaced by Archaeorhizomyces in the RH site. Microbial taxa strongly correlate with root traits 

especially specific root length, root diameter, and root tissue density indicating root traits are 

predictors of microbial community composition. This study validates the vital role of root traits 

in predicting plant-microbe interactions and highlights the key role of fungi in microbial 

interkingdom interactions when roots are absent. These findings have significant ecosystem-level 

implications, with the rising interest in associated biodiversity in and at the edges of agricultural 

landscapes, this work suggests that plant community selection for specific root traits may drive 

microbial community structure and ecosystem services.  

4.2 Introduction  

In agricultural landscapes, associated biodiversity in small woodlands, riparian buffers, or 

shelterbelts contribute a multitude of ecosystem services in farmlands (Buchanan et al., 2020; 

Ekroos et al., 2016; Vanneste et al., 2020). Often, these plant communities compensate for a loss 

of biodiversity due to agricultural intensification and management practices (Mattison and 

Norris, 2005; Tscharntke et al., 2012), as well as influence greenhouse gas emissions (Mafa-



 

 

101 

 

Attoye et al., 2020a) nutrient cycles (Isaac and Borden, 2019), and soil and water contamination 

(Mayer et al., 2007). Below-ground biodiversity represents one of the largest pools of 

biodiversity (Bardgett and van der Putten, 2014) and drives many of these ecosystem processes 

(van der Heijden et al., 2008). 

Plant communities impact soil microorganisms (Bulgarelli et al., 2013; Bonito et al., 

2016; Cregger et al., 2021), which in turn drive soil processes (Moore et al., 2015). For instance, 

the interactions between Populus spp., a keystone perennial plant commonly planted in riparian 

ecosystems, and soil microbial communities have been studied (Bonito et al., 2016) and the 

potential for changes in the Populus microbiome to affect ecosystem-level functions such as 

nutrient cycling in managed and natural ecosystems has been proposed (Cregger et al., 2021).  

Plant-microbe interactions are shaped by nutrient availability, microbe-microbe interactions, and 

root morphological and biochemical processes (Bulgarelli et al., 2013; Moore et al., 2015; Durán 

et al., 2018; Sasse et al., 2018).  

Roots release rhizodeposits such as mucilage and exudates, which include a plethora of 

metabolites, for example, amino acids, plant hormones, sugars which influence the composition 

of soil microbial communities within the root compartment and select for the rhizosphere 

microbiota. These root inputs increase microbial activity and affect key ecosystem functions, 

such as the decomposition of organic matter, storage of carbon (C), and the nitrogen (N) 

availability in soils (Phillips et al., 2011; de Vries and Bardgett, 2016; Poirier et al., 2018). 

Variation within a keystone species can impact how an organism interacts with other species 

(Cregger et al., 2021). Roots have been found to influence multi-kingdom (bacteria, fungi, 
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oomycete) interactions in soils (Durán et al., 2018), although these have not been studied in 

riparian systems. 

Root functional traits influence several ecosystem processes related to C and nutrient 

cycling (Bardgett et al., 2014; de Vries and Bardgett, 2016; Faucon et al., 2017), and these traits 

differ between plant species (Faucon et al., 2017). These root traits are categorized based on 

nutrient resource use strategies (Guyonnet et al., 2018): acquisitive traits such as higher specific 

root length (SRL), root nitrogen (RN), and conservative traits such as higher root diameter (RD), 

root tissue density (RTD), root carbon: nitrogen (C/N) (Isaac and Borden, 2019). This singular 

axis of resource conserving to resource acquiring traits has been deconstructed into a more 

complex “root economics space” (RES) defined as collaboration and conservation axes by 

Bergmann et al. (2020). This theory of root trait variation considers the importance of 

belowground resource acquisition through collaborations with microbial partners, such as 

arbuscular (AMF) and ectomycorrhizal fungi (EMF) (Laliberté, 2017; Bergmann et al., 2020). 

Previous studies have reported positive influences of root functional traits on fungal and 

bacterial abundance in grasslands (De Long et al., 2019), and rhizosphere bacterial diversity in a 

temperate montane forest (Merino-Martín et al., 2020). However, Leff et al. (2018), found that 

plant species composition was a better predictor of soil community composition than plant traits.  

While influences of root functional traits and microbial community structure in diverse riparian 

agroforestry systems are still mostly unknown. 

To illustrate microbial community-root dynamics, root exclusion techniques can be 

applied in order to isolate the role that roots play in soil processes (Wang et al., 2013). This 

technique has proved useful in elucidating root influence on plant-microbial interactions in forest 
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soils (Siira-Pietikäinen et al., 2001; Brant et al., 2006; Jing et al., 2019). For instance, in a multi-

site root and detritus-exclusion study, Brant et al. (2006) determined that soils with roots had 

more altered microbial community structure compared to those without roots. Likewise, Siira-

Pietikäinen et al. (2001) observed changes in the soil decomposer community when soils were 

isolated from roots and mycorrhiza, and Jing et al. (2019) found root exclusion decreased 

microbial phospholipid fatty acids (PLFAs).  More recently, root exclusion studies have also 

been used to study the mechanisms behind plant root-driven soil organic matter (SOM) 

transformations in boreal forests, providing evidence that roots accelerate SOM decomposition 

and promote a build-up of stable SOM-N (Adamczyk et al., 2019). Interestingly, these studies 

have used PLFA approaches for studying the microbial communities. Combining genomic tools 

with root-exclusion studies offers a useful and unique approach to understanding the role of roots 

and root traits on soil microbial communities. 

In this study, we measured the active soil microbial communities with and without the 

presence of plant roots, using a four-month-long in-situ root exclusion experiment in riparian 

zones.  Four riparian communities: undisturbed natural deciduous forests (UNF), undisturbed 

natural coniferous forest (CF), rehabilitated agroforest (RH), and perennial herbaceous grass 

buffer (GRB) have previously been shown to differ in plant taxonomic and functional diversity 

(Buchanan et al., 2020). These different sites were selected because of their unique plant 

communities to exploit different root traits and examine their relationship with soil microbial 

communities. We generated 16S rRNA (bacteria and archaea) and ITS (fungus) transcript 

amplicons datasets from root included and root excluded plots to answer the following questions: 

i) What is the influence of plant roots on microbial diversity and inter-kingdom interactions in 
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riparian plant communities? ii) Are shifts in key microbial taxa detected? and iii) Do active soil 

microorganisms covary with root functional traits in these riparian communities?  

In a parallel study, Borden et al. (2021) estimated the contribution of root respiration and 

soil microbial respiration to soil C dynamics and found coordinated root trait syndromes and 

covariation with bacteria and fungal abundance and alpha diversity in root-included soils.  Given 

these results, and the established relationship between plant roots and soil microbes we 

hypothesized that (1) microbial diversity, composition, and inter-kingdom co-occurrence 

networks will differ in root included and root excluded plots, (2) unique microbial taxa will be 

identified within each root exclusion treatment, and (3) active bacterial and fungal community 

taxa will vary with riparian agroforestry types.  

4.3 Material and methods   

4.3.1 Site description 

This study was conducted in established on-farm research sites in the Grand River 

watershed in Southern Ontario, Canada. This watershed is agriculturally dominated but with 

emerging policy focused on the establishment of forests and buffers to protect the regionally 

important Grand River. The sites consist of four plant communities at the edge of agricultural 

fields: an undisturbed natural deciduous forest (UNF), consisting of vegetation such as American 

beech (Fagus grandifolia E.), sugar maple (Acer saccharum L.), American basswood (Tilia 

americana L.), American hophornbeam (Ostrya virginiana P.) and eastern hemlock (Tsuga 

canadensis). This site has remained undisturbed for over 150 years. (2) an undisturbed natural 

coniferous forest (CF) dominated by White Cedar (Thuja occidentalis) and characterized with 

sparse, negligible understory (mainly skunk cabbage) foliage and coarse woody debris. (3) 
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agroforestry rehabilitated site (RH) planted with several perennial vegetations such as alder 

[Alnus incana subsp. Rugosa (Du Roi) R.T. Clausen., Alnus glutinosa (L.) Gaertn., and Alnus 

rubra Bong.] and hybrid poplar (Populus x canadensis Moench) trees. Silver maple (Acer 

saccharinum L.), and multiflora rosevine (Rosa multiflora Thunb.), Russian olive, and redosier 

dogwood (Cornus sericea subsp. Sericea L.) over 30 years ago, and (4) an herbaceous grass 

buffer (GRB) comprising mainly of bentgrass (Agrostis spp.) and purple-stemmed aster 

(Symphyotrichum puniceum) (Figure 4.1). All four sites are connected by the same spring-fed 

creek (9 km long) which enters the Nith River south of Plattsville (43°18′N, 80°33′W). Further 

details on these sites and the agricultural land they buffer are summarized in Table 4.1 and Mafa-

Attoye et al. (2020a). 
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*EC-Ectomycorrhizal, ED- Endomycorrhizal, B- (Both EC-Ectomycorrhizal, ED- Endomycorrhizal) 

 

 

Table 4.1: Site description of undisturbed natural deciduous forests (UNF), undisturbed 

natural coniferous forests (CF), rehabilitated Site (RH), and perennial herbaceous grass buffer 

(GRB). Soil was sampled at 0-10 cm, n=4 per site 

            UNF      CF          RH        GRB 

Latitude/ 

longitude 

43°18’08.46” N / 

80°34’19.69”W 

43°20’12.07”N 

/ 

80°36’05.86W 

43°18’01.69” N / 

80°33’40.27”W   

43°18’23.56” N / 

80°34’ 47.52”W 

Vegetation 

Type and 

Mycorrhizal 

association*  

American beech 

(Fagus 

grandifolia)/EC*, 

American 

basswood (Tilia 

americana)/EC*, 

American 

hophornbeam 

(Ostrya 

virginiana)/ED*, 

Sugar maple 

(Acer 

saccharum)/ED* 

and Eastern 

hemlock (Tsuga 

canadensis)/EC* 

Eastern White 

Cedar (Thuja 

occidentalis)/B
* 

 

  

Alder spp./B*, 

Populus spp./EC*, 

Silver maple (Acer 

saccharinum)/ED*

, Multiflora 

rosevine (Rosa 

multiflora)/ED*, 

Russian olive 

(Elaegnus 

angustifolia)/ED*, 

and Red-osier 

dogwood (Cornus 

stolonifera)/ED* 

Bentgrass 

(Agrostis 

app.)/ED*, 

Panicle and 

purple-stemmed 

aster 

(Symphyotrichu

m puniceum)/ 

ED* 

Adjacent 

Land-use  

Agriculture; corn 

rotation (2018) 

Agriculture; 

corn rotation 

(2018) 

Agriculture; 

soybean rotation 

(2018) 

Agriculture; corn 

rotation (2018) 

Soil Texture silt loam silt loam silt loam silt loam 

Bulk density  

(g cm–3) 
0.70 0.63 1.14 0.96 

Soil pH 7.14 7.07 7.63 7.47 

Soil organic 

carbon (%) 
6.76 7.53 5.21 4.78 
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4.3.2 Experimental design 

A root-exclusion experiment was conducted from May to August 2018.  For each riparian 

site, the study area was 5m from the edge of the creek and 30m long and parallel to the creek to a 

total area of 150m2. A nested sampling design was used, four sampling plots (1m × 0.5m) were 

deployed within each site, thereafter half of each plot (0.5m × 0.5m sub-plot) was trenched for 

the root- exclusion plots; four root included sub-plots (Roots), and four root excluded sub-plots 

(No Roots) per site (Figure 1). Root excluded sub-plots were excavated to a depth of 40cm and 

lined with a commercial landscaping fabric that permits movement of air and water but prevents 

root growth. Soil was removed incrementally with depth from root excluded sub-plots while 

gently removing roots by hand, soil was then carefully replaced into the plot. Removal of new 

sprouts was also carried out biweekly after deployment (Lavigne et al., 2003; Borden et al., 

2021). This study was done concurrently with a study by Borden et al. (2021) which focused on 

soil respiration.  

4.3.3 Soil sampling and analysis 

Using a sterile soil auger, soil samples were collected at a 0-10cm depth from bulk soil of 

plots with roots (n=4) and without roots (n=4) at each site and placed in labeled bags. Sub-

sampled soil from each plot was homogenized and 2g of soil was immediately transferred into 

pre-weighed, labeled, and sterile tubes containing 3 ml of LifeGuard soil preservation solution 

(MO BIO Laboratories, Inc. Carlsbad, CA) to stabilize the RNA. Tubes were immediately stored 

on ice and transported to the laboratory, then transferred to a -80oC freezer. Soils were sampled 

at peak of vegetative growth (July 4) and in the late growing season (August 15) (n =64).



 

 

108 

 

 

Figure 4. 1: Layout of study site in Washington Creek, Ontario, Canada, and experimental setup. (a) rehabilitated site (RH), with root 

exclusion and root inclusion sub-plots indicated. (b) At each experimental site, we established sub-plots (0.5 m x 0.5 m) with roots and 

with no roots replicated four times, for a total of 32 plots (see text for details). c) The four study sites, from left to right: undisturbed 

natural forest (UNF), undisturbed coniferous forest (CF), rehabilitated site (RH), and perennial herbaceous grass buffer (GRB). See 

Table 4.1 for details. 
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At each site, soil temperature was measured in-situ by inserting a 10cm temperature 

probe into each of the root included and root excluded plots. Soil samples were collected at 10cm 

depth from each plot. Soil moisture was determined from sub-sample of field moist soil which 

was weighed (approximately 10g), dried at 105°C for 72 hours, to determine gravimetric 

moisture content. Soil physico-chemical properties were summarized previously (Borden et al., 

2021, Table S1). We note that although root exclusion could result in increased soil moisture 

content (MC) and temperature (Siira-Pietikäinen et al., 2001; Brant et al., 2006), two factors that 

can greatly influence soil microbial structure and activity, we found that MC and soil 

temperature did not vary between the roots and no root sub-plots on either sampling day (Table 

4.2). 

Table 4. 2:  Average soil temperature and moisture content from sub-plots with roots and 

without roots of Undisturbed natural forest (UNF), undisturbed coniferous forest (CF), 

rehabilitated agroforest (RH), and grass buffer (GRB). (Mean ± standard error of the mean 

followed by the same letters indicate no significant difference in soil properties between riparian 

land-uses within each row). 

Soil Temperature (℃) UNF    CF   RH GRB 

Soil Temp (Roots) 18.59 ± 0.17b 17.45 ± 0.14c 19.51 ± 0.36ab 17.49 ± 0.22ac 

Soil Temp (No Roots) 18.78 ± 0.23b 17.41 ± 0.12c 20.32 ± 0.24a 17.73 ± 0.22bc 

Moisture Content (MC %) UNF    CF   RH GRB 

MC (Roots) 1.31 ± 0.16a 0.99 ± 0.20ab 0.48 ± 0.04b 0.37 ± 0.04b 

MC (No Roots) 1.24 ± 0.19a 1.19 ± 0.14a 0.50 ± 0.04b 0.44 ± 0.03b 
No significant differences due to root exclusion treatment 
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4.3.4  Root functional traits 

Soil cores (100cm3 volume) were taken in the top 10cm of soil within the root included 

plots, and fine roots were extracted from the 100cm3 core by washing samples over sieves then 

gently cleaned to remove adhering soil particles. We focused our analysis on absorptive fine 

roots, and excluded rhizomes collected from grasses and root orders >3 of woody plants 

(McCormack et al., 2015; Borden et al., 2021). Fine roots were scanned at 800 dpi and analyzed 

in WinRhizo (version 2019a; Reagent Instruments Inc., Canada) without staining but visual 

checks of image analysis were done to ensure fine roots, particularly thinner grass roots, were 

being detected. Root samples were then dried at 60˚C for 48 h, weighed, and ground for total C 

and N analysis using an elemental analyzer (CN 628, LECO Instruments, Canada). From these 

data, we calculated specific root length (SRL, mg-1), specific root area (SRA, cm-2 g-1), root 

nitrogen content (RN, mg g-1), root diameter (RD, mm), root carbon: nitrogen (Root C/N), root 

tissue density (RTD, g cm-3), fine root length density (FRLD, cm cm-3) (not including rhizomes 

and root orders >3 of woody plants) and fine root biomass density (FRBD, mg cm-3) following 

Borden and Isaac (2019). 

4.3.5 Nucleic acid extraction and reverse transcription reaction  

Soil samples stored in Lifeguard solution were thawed, centrifuged, decanted and the 

resulting pellets were used to coextract RNA and DNA using the RNA PowerSoil total RNA 

isolation kit and the DNA elution accessory kit (Qiagen ®, Valencia, CA, United States) 

according to the manufacturer's protocol. The extracted RNA was reverse transcribed into 

complementary DNA (cDNA) in triplicates. First, RQ1 RNase-free DNase (Promega, San Louis, 

CA, USA) was added to 5µL of extracted RNA samples in tubes to ensure the samples were 
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DNA-free. This was followed by reverse transcription reaction using Applied Biosystems® 

High-Capacity cDNA Reverse Transcription Kit with RNase inhibitor (Life Technologies Corp.)  

following recommended procedure to obtain cDNA. Both cDNA and DNA were quantified 

using Qubit TM 4.0 fluorometer (Life Technologies Holdings Pte Ltd, Singapore) for single-

stranded DNA (cDNA) and NanoDrop™ 8000 Spectrophotometer (Thermo Fisher Scientific 

Corp. Waltham, MA, USA) for DNA.  The DNA and cDNA samples were kept frozen at -20oC 

until use. 

4.3.6 Sequencing and bioinformatics  

The cDNA samples from each replicate were sent to McGill University and Génome 

Québec Innovation Centre, Montréal (Québec) Canada and were sequenced on an Illumina 

MiSeq platform (Illumina Inc, San Diego, CA, USA). The 515F and 806R primer pairs (Parada 

et al. 2016; Apprill et al. 2015) were used to amplify the V4 region of bacteria and archaea 

following the Earth Microbiome project procedure for PCR, and primer pairs ITS1F and ITS2 

(White et al., 1990) to amplify the internal transcribed spacer (ITS) regions for fungi. The raw 

sequences data (Illumina fastq files) for bacterial 16S rRNA and fungal ITS transcripts were pre-

processed and analyzed using quantitative insights into microbial ecology QIIME2 pipeline v. 

2019.1 (Bolyen et al., 2019). Briefly, the data cleaning and merging of mate reads were 

performed using DADA2 via q2-dada2 (Callahan et al., 2016). In order to analyze alpha and beta 

diversity, the representative amplicon sequence variants (ASVs) were aligned using MAFFT via 

q2-alignment (Katoh, 2002) and subsequently used to construct a phylogeny with FastTree2 via 

q2-phylogeny (Price et al., 2010). Alpha diversity metrics and beta diversity metrics were 

estimated using the q2-diversity plugin, including sample rarefication (subsampled without 
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replacement). The taxonomic classification of the ASVs was assigned with q2-feature-classifier 

classify-sklearn (Bokulich et al., 2018), using a classifier trained against bacterial and archaeal 

reference sequences from Silva v.132 (99%) database (Yarza et al., 2014), as well as for fungi on 

the database UNITE v.8.2 (99%) (Abarenkov et al., 2010). Using FUNGUILD as fungal function 

classification, we identified mycorrhizal fungi: Arbuscular mycorrhiza fungi (AMF) and 

Ectomycorrhiza (EMF) (Nguyen et al., 2015). 

4.3.7 Statistical analysis 

Analyses of alpha diversity metrics (i.e., Shannon’s diversity index and Observed ASV), 

were performed using linearized mixed-effects models in the package “nlme” (Pinheiro et al., 

2014) implemented in the programming environment R v. 3.6.3 (R Core Team, 2020). We 

considered ‘site, ‘time’, ‘root’ and their interaction as fixed effects, and ‘plot’ as a spatial random 

effect, and used a random intercept model to account for the spatio-temporal hierarchy or nesting 

of our sampling design (“site> plot>subplot>time”). Permutational multivariate analyses (Adonis 

PERMANOVA) were performed to explore the differences in bacterial and fungal β-diversity. 

The analysis was based on the Bray-Curtis dissimilarity index, and we considered ‘site’, ‘time’, 

‘root’ and their interactions as explanatory variables. The analyses were made using the ‘Adonis’ 

function as implemented in Qiime2. Based on the results from all the multivariate analyses on 

microbial diversity, sampling date (time) was considered non-influential, therefore sequence data 

from sampling dates July 4 and August 15 were pooled for the next steps of analysis. 

We then addressed the differentially abundant taxa between plots with roots and without 

roots for each site were determined by comparing the logarithmic fold change (LFC) of each 

taxon between sub-plots with and without roots using a generalized linear model (GLM) as 
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implemented in the DESeq2 R package (Love et al., 2014). The DESeq2 implementation 

included the regularized logarithm transformation (rlog) of the compositional data, and a 

shrinkage estimation of dispersions and fold changes of each feature yielding high-accurate 

estimates. The p-values were calculated by the Wald test and adjusted according to the 

Benjamini– Hochberg FDR method avoiding the Type- I error (Benjamini and Hochberg, 1995).  

We performed constrained redundancy analysis (RDA) using CANOCO 5.0 software (ter 

Braak and Šmilauer, 2012) to relate the variation in active soil microbial communities to root 

functional traits in the various sites. Root traits (explanatory variables) data were transformed 

using Box-Cox transformation prior to RDA analyses. The taxonomic relative abundances were 

transformed by the Hellinger transformation method, which allows the direct use of ordination 

methods based on Euclidean distances. The selection of explanatory variables was performed by 

a forward-selection method which has correct levels of type-I error and power (Legendre et al., 

2011), p-values were corrected by Benjamini-Hochberg's false discovery rate (FDR) method. A 

permutation test was performed on all axes. Due to the high autocorrelation between SRA and 

SRL, as a precaution, we ran the RDA analysis without SRA and found it did not change the 

outcome of the analysis. (i.e., RDA variables, orientation and relative contributions to the axes) 

(data not shown). 

Analysis of variance (ANOVA) was conducted to compare root traits among sites. A 

repeated measures ANOVA was conducted to compare soil temperature and soil moisture in sub-

plots with roots and no-roots on both sampling dates. Models fulfilled ANOVA assumptions; 

tests were performed in GraphPad Prism9. The means were determined and compared using 

Tukey's post hoc test.  
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Spearman’s rank correlation coefficients were calculated to assess the relationships between root 

functional traits and active microbial taxa in sub-plots with roots at each site. 

In order to compare the microbial interaction patterns in sub-plots with roots and without 

roots, we calculated co-occurrence networks from the taxonomic profiling of soil microbial 

communities including bacteria, archaea, and fungi at the genus level. Network was constructed 

from the taxonomic profiling of soil microbial communities in plots using SparCC method from 

the package ‘SpiecEasi’ (Friedman and Alm, 2012), implemented in the R v. 3.6.3, (R Core 

Team, 2020) programming environment. Only positive correlations (SparCC >0.60, p-value < 

0.01) were included. Topological features of the resulting networks such as network diameter, 

weighted degree, modularity, number of modules, average clustering coefficient were calculated 

using the software Gephi 0.9.2. (Bastian et al., 2009). Eigenvector centrality (nodes with an 

eigencentrality value > 0.95) was used for identifying microbial hubs (Peschel et al., 2021). The 

z-test for independent proportions was used to compare the proportion of nodes per kingdom as 

well as to compare the proportions of intra and inter-kingdom interactions between sub-plots 

with roots and without roots for each site. 

The raw sequence data have been deposited in NCBI SRA under the project PRJNA718381. 

 

4.4 Results 

4.4.1 Microbial diversity among sites with and without roots 

The analysis of alpha diversity metrics for the bacterial and archaeal communities using 

linearized mixed-effects models revealed the presence or absence of roots as an influential factor 

on both Observed ASVs (F=50.33; p <0.0001) and Shannon Diversity (F=38.40; p <0.0001) 
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(Appendix C, Table C.1). A lower active bacterial and archaeal alpha diversity was observed in 

sub-plots without roots for all sites. The ASVs richness for the active bacterial and archaeal was 

significantly lower in sub-plots without roots for all sites, UNF (p=0.0012), CF (p =0.0357), RH 

(p =0.0013), GRASS (p =0.0087) (Figure. 4.2a). However, diversity (assessed by Shannon’s 

diversity) was not different between sub-plots with roots and without roots in CF (Figure 4.2b).

 In contrast, there were no significant effects of site, root presence, or time on the alpha 

diversity metrics in fungi communities (Appendix C, Table C.1) and no significant difference in 

the ASV richness and alpha diversity for fungi in sub-plots with and without roots for all sites 

(Figure. 4.2c, d). The permutational multivariate analysis on Bray-Curtis dissimilarity index 

showed clustering of bacterial and archaeal communities based on the presence or absence of 

roots (F= 2.183, p<0.001) and site (F= 1.504, p<0.001), while the sampling day had no 

significant effect (F=1.032, p=0.227) (Appendix C, Table C.2). Results from fungi β-diversity 

showed the community composition of fungal communities were separated by sites (F= 1.380, 

p=0.001), but not due to the presence or absence of roots (F=1.101, p=0.103) or the sampling 

day (F=1.074, p=0.163) (Appendix C, Table C.2). 
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Figure 4. 2: Alpha diversity in (a,b) bacterial and archaeal and (c,d) fungal communities from 

plots with roots (green) and plots without roots (brown) of undisturbed natural deciduous forests 

(UNF), undisturbed natural coniferous forests (CF), rehabilitated Site (RH), and perennial 

herbaceous grass buffer (GRB).  Significant values are represented with ** p < 0.01, ns = not 

significant. 
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At the phylum level, there were no substantial differences in the relative abundance of the 

active bacterial and archaeal taxa in the sub-plots with roots and without roots (Figure 4.3a). 

However, differential abundance analysis shows that there were significant changes in bacteria 

and archaea taxa at the genus level between plots with and without roots (Figure 4.3c). For 

instance, we observed class Acidobacteria (subgroup 6), families Latescibacteraceae, 

Gallionellaceae, and genera Anaeromyxobacter, Pedomicrobium, Ferruginibacter, Dongia were 

more than fivefold more abundant in plots with roots compared to plots with no roots. Likewise, 

families Rhodocyclaceae, Polyangiaceae, and genera Geobacter, Planctomicrobium were at least 

five-fold more abundant in sub-plots with no roots than sub-plots with roots. 

Some fungi phyla differed substantially between sub-plots with roots and with no roots, 

with a higher abundance of Ascomycota in plots without roots of UNF, CF, and GRB, while 

Basidiomycota abundance was lower in plots without roots of all sites. We observed a higher 

abundance of Glomeromycota, which form AMF, in GRB compared to other sites and higher 

EMF (mainly Basidiomycota) in CF and UNF compared to GRB and RH. (Fig. 4.3b, 

FUNGUILD). Furthermore, we observed differentially abundant fungal taxa between plots with 

roots and without roots. For instance, Tomentella, Inocybe, Sebacina (UNF), Inocybe (CF), 

Clavaria (RH), and Pluteus (GRB) all from the phylum Basidiomycota were at least five-fold 

more abundant in plots with roots than without roots. Whereas taxa such as Dactylonectria 

(UNF), Nectriaceae (CF), Didymella, Alternaria, Archaeorhizomyces, Hypocreales (RH), and 

Alternaria (GRB) from phylum Ascomycota were at least five-fold more abundant in plots 

without roots (Figure 4.3d).   
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Figure 4. 3: The relative abundance at phyla level of a) bacteria and archaeal, b) fungi in sub-

plots with roots and plots without roots. Differential abundance of (c) bacterial and archaeal and 

(d) fungal taxa that were significantly (p<0.05) enriched between plots with roots (green) or 

without roots (brown) using DESeq method are represented as log2 fold change (a value of 1 

indicates that it is twice as abundant) in undisturbed natural deciduous forests (UNF), 

undisturbed natural coniferous forests (CF), rehabilitated Site (RH), and perennial herbaceous 

grass buffer (GRB).  Letters prior to taxa names define the level of phylogenetic identity, f, 

family; o, order, g, genus.  
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4.4.2 Microbial co-occurrence networks  

We observed a higher number of nodes (connected taxa) and edges (correlations) in the 

co-occurrence networks including bacteria, archaea, and fungi genera, inferring more 

interactions between the taxa in the presence of roots (Table 4.3). However, differences in 

network measures were observed between individual kingdoms, and these differences depended 

on the plant communities.  In tree-dominated sites (UNF, CF, and RH), sub-plots without roots 

had a higher percentage of fungal nodes, and a lower percentage of bacterial nodes (Figure 4.4, 

Table 4.3). In the GRB, the opposite trend was observed, with a higher percentage of bacterial 

nodes and a lower percentage of fungal nodes in the plots without roots (Figure 4.4b). 

Importantly, this led to a shift in inter-kingdom connections, with higher bacteria-fungi 

connections occurring in plots without roots in all sites except the GRB (Table 4.3).  

Microbial hubs differed between sub-plots with roots and without roots of each site with 

mainly bacteria hubs in plots with roots of all sites (Figure 4.4a, Table 4.4). An archaeal hub was 

identified in the sub-plot with roots of CF. Interestingly, most of these bacteria hubs in sub-plots 

with roots were replaced by fungi hubs in sub-plots without roots of RH and CF (Table 4.4). 

However, GRB had more bacteria hubs in sub-plots without roots compared to plots with roots 

(Figure 4.4a, Table 4.4). 
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Table 4.3: Topological parameters of co-occurrence networks of bacterial, archaeal, and fungal 

communities from sub-plots with roots and without roots from undisturbed natural forest (UNF), 

coniferous forest (CF), rehabilitated site (RH), and grass buffer (GRB) 

Sites UNF CF RH GRASS 

Root presence Roots 
No 

Roots 
Roots 

No 

Roots 
Roots 

No 

Roots 
Roots 

No 

Roots 

Nodes 533 380 518 391 530 388 464 377 

Edges 13983 6857 6333 4002 8533 5179 9831 7643 

Network Diameter 5 4 7 6 6 5 5 6 

Average degree 52.5 36.9 24.5 20.4 32.2 26.7 42.3 40.5 

Weighted degree 36.2 25.8 15.9 13.4 22 18.1 29.5 27.8 

Average path length 2.49 2.47 3.15 3.21 2.71 2.72 2.53 2.64 

Modularity 0.60 0.59 0.66 0.68 0.62 0.64 0.59 0.6 

Number of modules 11 7 12 8 12 8 7 6 

Average clustering 

coefficient 
0.59 0.60 0.54 0.55 0.56 0.55 0.57 0.61 

N
o
d
es

 p
er

 

k
in

g
d
o
m

 (
%

) Archaeal 0.40 0.50 0.60 0.80 0.38 
     

0.30 
0.20 0.30 

Bacterial 92.3 87.4 91.7 85.7 87.9 
     

83.8 
87.7 93.1 

Fungal 7.3 12.1 7.70 13.6 11.7 
     

16.0 
12.1 6.60 

In
te

ra
ct

io
n
s 

in
tr

a-
 a

n
d
 i

n
te

r-

k
in

g
d
o
m

 (
%

) 

Archaea-

Archaea 
0 0 0 0 0 0 0 0 

Bacteria-

Bacteria 
85.9 77.2 78.9 67.8 74.7 63.4 73.3 87.7 

Fungi-Fungi 0.80 0.72 2.0 5.35 4.30 6.30 3.10 0.76 

Archaea-

Bacteria 
0.77 0.80 1.70 0.60 0.60 0.30 0.30 0.50 

Archaea-Fungi 0.04 0.10 0.14 0.12 0.10 0.00 0.02 0.10 

Bacteria-Fungi 12.3 21.1 17.3 26.1 20.4 30.1 23.3 10.9 

Nodes represent microbial genera with at least a significant (p < 0.01) and positive (SparCC > 0.60) correlation; 

Edges represent the number of connections/correlations obtained by SparCC analysis; Modularity represents the 

strength of connections between the nodes within different communities; Number of modules is the number of 

communities in the network; Network diameter indicates the longest distance between nodes in the network; 

Average path length is the average length of the shortest path between any possible pairs of network nodes; The 

average degree represents the average number of edges per node in the graph; Weighted degree is the sum of the 

weights of all edges attached to node; Average clustering coefficient indicates how nodes are embedded in the 

network. Interactions intra- and inter-kingdom represent the percentage of edges connecting nodes from the three 

microbial kingdoms. 

https://en.wikipedia.org/wiki/Node_(networking)
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Table 4.4:Microbial hub identified in sub-plots with roots and plots without roots of 

Undisturbed natural forest (UNF), coniferous forest (CF), rehabilitated site (RH), and 

Grass buffer (GRB)   

Sites Roots  Kingdom Microbial hub 
Eigen 

centrality 

UNF Roots  Bacteria Acidobacteria bacterium SCN 69-37 1  

  Bacteria Myxococcales-11 0.99  

  Bacteria Tepidisphaerales-4 0.984  

  Bacteria Anaerolineae (SBR1031) 0.981  

  Bacteria Caulobacteraceae-2 0.972  

  Bacteria Rhodospirillales-4 0.97  

  Bacteria Massilia 0.965  

  
Bacteria 

denitrifying bacterium enrichment culture clone 

NOB_2_A7 
0.962  

  Bacteria Chitinimonas 0.958  

  Bacteria Bosea 0.956  

  Bacteria Deltaproteobacteria-18 0.954  

  Bacteria Steroidobacter 0.954  

  Bacteria Acidibacter 0.953  

  Bacteria Polyangiaceae 0.952  

 NoRoots Bacteria Xanthobacteraceae 1  

CF Roots  Bacteria Thermodesulfovibrionia-2 1  

  Archaea Bathyarchaeia 0.956  

 NoRoots Fungi Malassezia 1  

  Bacteria Desulfatiglans 0.997  

  Fungi Cladosporium 0.954  

RH Roots  Bacteria Planctomycetes (OM190)-10 1  

 NoRoots Fungi Archaeorhizomyces 1  

GRB Roots  Bacteria Chthoniobacter 1  

 NoRoots Bacteria Myxococcales-17 1  

  Bacteria Myxococcales-13 0.999  

  Bacteria Sericytochromatia-3 0.99  

  Bacteria Sandaracinus 0.99  

  Bacteria Steroidobacteraceae 0.979  

  Bacteria Betaproteobacteriales-2 0.978  

  Bacteria Algoriphagus 0.972  

  Bacteria Blastocatellaceae-3 0.97  

  Bacteria Sphingobacteriales-13 0.965  

  Bacteria Ferruginibacter 0.963  

  Bacteria Microscillaceae 0.963  

  Bacteria Rhodobacteraceae-2 0.961  

  Bacteria Rhizobiales-10 0.956  

  Bacteria Latescibacteria-3 0.955  

  Bacteria Rhodanobacteraceae-2 0.955  

    Bacteria Methyloligellaceae 0.952   
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a) 
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Figure 4. 4: Interkingdom interactions compared between sub-plots with roots and without roots. 

(a) Co-occurrence networks of soil bacterial, archaeal, and fungal in plots with roots and without 

roots in undisturbed natural deciduous forests (UNF), undisturbed natural coniferous forests 

(CF), rehabilitated site (RH), and grass buffer (GRB). Nodes color according to modularity class, 

thus nodes with similar color belong to the same module. 

b) 
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 Nodes size according to their eigen centrality, the hub taxa shown were determined based on 

their eigen centrality (>0.95). (b) Bar plots comparing proportions of nodes and edges by 

kingdoms between plots with roots and without roots Significant values are represented with *p 

< 0.05, ** p < 0.01, *** p <0.001. 

 

4.4.3 Relationships between microbial composition and root functional traits  

Root functional traits significantly differed between plant communities; the GRB plant 

community expressed higher SRL and SRA than the tree-dominated sites, and the forest sites had 

significantly higher RTD, RD, and R (C/N) than the GRB site (Table 4.5). The RDA showed a 

coordinated trade-off in measured root traits: SRL, SRA, and root N versus RTD, RD, and CN in 

relation to bacterial composition in the plots with roots in each site (Figure 4.5a), permutation 

test for all axes (F=1.1, p = 0.044). The variation in bacterial composition as explained by root 

traits showed the significant contribution of FRLD (16.1%, p=0.022). In the fungal community, 

RDA also showed a coordinated trade-off in root traits. Significant variation observed in fungal 

composition was contributed by Root C/N (19%, p=0.012) (Figure 4.5b, Appendix C, Table 

C.3), permutation test for all axes (F=1.2, p = 0.042).  
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Table 4.5: Average root traits from plots of undisturbed natural deciduous forests (UNF), coniferous forests (CF), rehabilitated site 

(RH), and herbaceous grass buffer (GRB) at the Washington Creek, southern Ontario, Canada between May and August 2018. 
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We observed consistent opposing correlations (either positive or negative) between the 

relative abundance of microbial taxa and SRL or SRA and RTD or RD (Figure 4.5c). For 

instance, in UNF, the relative abundance of bacteria taxa Planctomycetes (OM190) _10, 

Planctomycetes (OM190), and Myxococcales_29 showed significantly negative correlations with 

SRA (p=0.012, p = 0.007, p =0.012, per taxa, respectively). However, the relative abundance of 

these taxa showed significantly positive correlations with RTD (p =0.003, p =0.034, p =0.012, 

per taxa, respectively). Similarly, in CF, we observed that the relative abundance of bacteria 

genera such as Gemmataceae and Haliangium had significantly negative correlations with SRL 

(p=0.037, p=0.002) and corresponding positive correlations with RTD (p=0.015, p=0.037). 

However, the relative abundance of Betaproteobacteriales_9 had significantly positive 

correlations with SRL (p=0.022) and corresponding negative correlations with RD (p=0.028). 

Furthermore, the relative abundance of Phaselicystis abundance was negatively correlated with 

SRL (p=0.022) and positively correlated with RD (p=0.005) in the GRB site. We also observed 

the relative abundance of Anaerolineae (SBR1031) _13 was negatively associated with RD in 

UNF (p=0.048), CF (p=0.037), and GRB (p=0.046) (Figure 4.5b).  

The relative abundance of fungi taxa such as Sordariales, Clavaria had significant 

positive correlations with SRA (p =0.033) and negative correlations with RTD (p =0.033) in 

UNF. Likewise, the relative abundances of Sebacinales and Venturiales had positive correlations 

with SRL and negative correlations with RTD and RD in CF. The relative abundances of 

Gigaspora and Glomeraceae, both AMF from phylum Glomeromycota, were lower in the CF 

site which had higher RD (Table 4.5) indicating a negative association between RD and AMF in 
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this site. However, the relative abundance of Glomeromycota had a positive correlation with RD 

in RH (Figure 4.5d). 

 

Figure 4. 5: Redundancy analysis (RDA) biplot for bacteria (a) and fungi (c). Spearman’s 

correlations between bacterial (b) and fungal (d) taxa and root traits. SRA, specific root area; 

SRL, specific root length, FRLD, fine root length density; FRBD, fine root biomass density; 

RTD, root tissue density; D, root diameter, N, root nitrogen, and CN, root carbon: nitrogen ratio.  

Undisturbed natural deciduous forests (UNF, Brown), undisturbed natural coniferous forests 

(CF, Red), rehabilitated site (RH, Blue), and grass buffer (GRASS, Green).  Significant values 

are represented with * p < 0.05, ** p < 0.01. 
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4.5 Discussion 

4.5.1 Microbial community shifts among diversified plant communities in agricultural 

landscapes  

Our study shows patterns among active soil microbial communities and roots, and 

importantly, these patterns differ among the vegetation types. This is presumably due to two 

factors: direct interaction of roots with the soil environment and indirect effects from other 

related plant community scale processes, such as litterfall and decomposition. The GRB site, 

with fast-growing herbaceous species, has higher SRL/SRA, which indicates a plant's capacity 

for resource exploration and nutrient uptake (Bergmann et al., 2020; Freschet et al., 2021). On 

the other hand, the forest sites with slow-growing woody species compared to grasses have 

higher RD (Table 4.5), resulting in an increased potential for more associations with fungi as part 

of an ‘outsourcing’ strategy (Bergmann et al., 2020).  

Broadly across our data, we observed that bacteria and fungi taxa consistently correlated 

with SRL or SRA and, in opposite direction, with RTD or RD (i.e., a negative correlation 

between the relative abundance of microbial taxa with SRL resulted in a positive correlation with 

RD). In the forest soils (UNF and CF), the relative abundance of active bacteria taxa such as 

Gemmataceae and Pirellula from the phylum Planctomycetes, which are involved in the global 

carbon and nitrogen cycles (Wiegand et al., 2020) were associated with these root trait 

expressions (Fig 4.5b). A recent study by Kaboré et al. (2020) identified most Planctomycetes as 

oligotrophs (present in nutrient-poor environments) indicating their resource strategy. In contrast, 

the relative abundance of active taxa Anaerolineae SBR1031_13 from phylum Chloroflexi, 

possibly a copiotroph (found in nutrient-rich environments) and related to nitrogen fixation 

(Jiménez-Bueno et al., 2016) followed an opposite trend with these root traits. These results 
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show shifts in specific bacteria in response to resource availability (Fierer et al., 2007; Eilers et 

al., 2010). The relative abundances of taxa Myxococcales_10 and Haliangium, plant-growth-

promoting bacteria from the phylum Proteobacteria in CF increased with high RD, a 

conservative trait that contributes to root lifespan and thus resource conservation (Mommer and 

Weemstra, 2012) possibly showing the positive contribution of this taxa to resource 

conservation. Furthermore, the relative abundance of Glomeromycota in RH (Fig. 4.5d) was also 

driven by this trend indicating AMF abundance was associated with RD, and root traits are 

predictors of active microbial taxa in these sites. 

Recent work has shown that the root functional traits that influence soil resource 

acquisition strategies also influence associating microbial communities within the root-

rhizosphere environment (e.g., Fulthorpe et al. 2020; Borden et al., 2021) and more widely in the 

soil environment (e.g., Leff et al., 2018; De Long et al., 2019;  Buchanan et al., 2021). Our work 

adds to this growing literature on root functional traits and soil microbial community 

relationships by focusing on soil microbial communities in soil in relation to root trait variation 

within and across distinct riparian sites. Root traits elucidate fungal community composition, 

higher EMF abundance in the tree-dominated sites (forest sites) with high RTD and lower root 

N, as compared to GRB, is suggestive of a slow strategy or slow nutrient cycling in these 

ecosystems (Bergmann et al., 2020). Higher abundance of AMF in grass (GRB) compared to the 

woody species (UNF and CF) (Mafa-Attoye et al., 2020b). Our work confirms this plant 

community- fungal composition dynamics; AMF was relatively more abundant than EMF in 

GRB compared to forest sites. The differences in the relative abundance of AM and EM fungi 

highlight that the role of root collaboration with mycorrhizal fungal for belowground resource 



 

 

131 

 

acquisition is highly dependent on plant community dynamics and that this has implications for 

species selection when diversifying agricultural landscapes.  

4.5.2 Soil bacterial and fungal communities shift with root removal 

  We terminated belowground inputs of roots to plots of four different plant communities 

by excluding roots completely and compared microbial community structure and their 

interactions with and without roots in these sites. Over the course of the four-month experiment, 

soils without roots would have developed new microbial communities. In a complementary 

study, Borden et al. (2021) observed no differences in total abundance and potential activity of 

bacteria (16S) and fungi (18S) between soils with and without roots. Interestingly, in this current 

study, soils without roots had consistently lower bacterial but not fungal diversity (Figure 4.2). In 

the presence of roots, bacteria thrive because of labile sources of nutrients from root secretions 

and metabolites (Sasse et al., 2018; Venturi and Keel, 2016).  

Exclusion of inputs from root activity may have contributed to the loss of bacteria 

diversity observed, thereby altering microbial community composition in plots without roots. 

Similarly in a recent study by Merino-Martín et al. (2020), the influence of root traits on bacterial 

diversity was higher than for fungal communities, also Modi et al. (2020) found that fungal alpha 

diversity in the topsoil increased significantly when roots were removed. Our results corroborate 

these trends. Since root exclusion limits additional carbon into soil, both communities may have 

to compete for the same limited resources, such as nutrients and space (Rousk et al., 2008; Wang 

et al., 2017b).  
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However, the low carbon requirements of fungi and their ability to breakdown complex 

recalcitrant molecules (Poirier et al., 2018; Treseder and Lennon, 2015), which are inaccessible 

to bacteria, makes fungi more resistant and possibly leads to the stimulation of opportunist fungi 

(Lindahl et al., 2010; Modi et al. 2020). Furthermore, in all tree-dominated sites, except GRB, 

fungi nodes, and their connectedness increased significantly when roots were removed, 

indicating the protagonist role of fungi. The higher abundance of Ascomycota observed after root 

exclusion probably accounts for the increase in fungal nodes and suggests Ascomycota is well-

resourced to withstand disturbance (Egidi et al., 2019).  

Highly interconnected taxa in microbial hubs regulate plant-microbial interactions (Toju 

et al., 2018), influence the structure of microbial communities (Hassani et al., 2018), and 

conserve the microbial network (Agler et al., 2016; Tosi et al., 2021). The shift from bacteria hub 

in plots with roots to fungi hub in plots without roots at most sites demonstrates more fungi 

interactions and dominance when roots are absent. For instance, in the RH plant community, a 

bacteria Planctomycetes (OM190)-10, known for its biofilm lifestyle (Bengtsson and Øvre\aas, 

2010; Wiegand et al., 2020) which confers a wide range of benefits such as nutrient, adhesion, 

metabolite exchange, and cellular communication to other microbial communities involved, was 

identified as a hub only in plots with roots and lost when roots were excluded. Fungi hub 

Archaeorhizomyces, from phylum Ascomycota, a saprophyte with root endophytic 

characteristics which plays a vital role in carbon cycling obtained from both living or dead roots 

and forming co-abundance patterns with ectomycorrhizal fungal taxa (Pinto-Figueroa et al., 

2019) was identified in sub-plots without roots.  
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In the GRB site, plots without roots were dominated by bacteria hub mainly from order 

Myxococcales (Table 4.4). When deprived of nutrients, these predatory bacteria attack and digest 

other bacteria, some members of the Myxococcales have also been reported for their antifungal 

activity, explaining the antagonistic functions of these hubs (Agler et al., 2016; Wang et al., 

2020).  

4.5.3 Interkingdom interactions among plant communities 

Microbe-microbe interactions also shape community structure and dynamics (Prosser et 

al., 2007). Therefore, unraveling patterns of co-occurrence and microbial intra and interkingdom 

interactions can help to explain the relationships between microorganisms, and their response to 

the presence of roots in their environment. Root exclusion decreased the number of bacterial 

nodes and increase the number of fungal nodes while decreasing the number of bacteria-bacteria 

interactions and increasing bacteria-fungi interactions (BFI) (Table 4.3, Figure 4.4b). A nutrient-

dependent pattern may be observed in the absence of roots, where the lack of root exudates lower 

labile C availability, bacteria may form more interactions with fungi to gain access to outputs 

from fungal activities (fungal exudates), thus possibly changing the inter-kingdom interactions 

from competition to cooperation (Velez et al., 2018).  

With bacterial-fungi interactions, co-occurrence patterns could either have occurred as a 

result of metabolic interaction or could be due to arbitrary mixing within the microbial 

community. These interactions are subject to the species involved and the degree of interaction 

(Deveau et al., 2018). However, the higher number of bacteria-bacteria interactions observed in 

plots without roots of GRB was probably due to cooperation within bacteria communities as they 

respond to extracellular signals such as quorum sensing (Hibbing et al., 2010; Venturi and Keel, 
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2016). Root systems of grass dominant communities are known to have a strong influence on soil 

microbial communities (De Long et al., 2019; Leff et al., 2018; Pommier et al., 2018; Toju et al., 

2018). In the GRB site, we observed a different co-occurrence pattern compared to tree-

dominated sites (Table 4.3). Fungal nodes decreased by approximately 45.5% in plots without 

roots, and a reduction in fungi -fungi interactions (75.5%) was also observed.  AMF association 

with roots, an important mutualism, was disrupted by root exclusion, lowering the abundance of 

AMF recorded in plots without roots of GRB (Figure 4.3b), and reducing fungal nodes and 

interactions. These mycorrhizal networks depend on plant-derived carbohydrates and their 

hyphae penetrating root cells. 

4.5.4 Soil biodiversity in diversified plant communities in agricultural landscapes: 

implications for ecosystem management 

This study provides in-situ evidence on the relative roles of root functional traits on 

active microbial community structure (diversity, composition, and microbe-microbe interactions) 

among various plant communities in riparian buffers in agricultural landscapes. We established 

how roots in different vegetation types influence soil microbial communities given the same soil 

and environmental factors at each site. We were able to isolate the impacts of roots as major 

drivers of these microbial communities in each site by using a root exclusion experiment. This 

knowledge is important for understanding plant-microbe, microbe-microbe interactions in soil 

and their potential to influence ecosystem processes (e.g., soil respiration (Borden et al., 2021) at 

the edge of fields and in riparian buffers.   

Broadly, significant differences in bacterial but not fungal diversity were observed 

between plots with and without roots, among all the plant communities examined. Microbial taxa 
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were strongly correlated to root trait expression in these sites. With the rising interest in 

associated biodiversity in and at the edges of agricultural landscapes, this work suggests that root 

traits are strong predictors of active microbial taxa and plant community selection for specific 

root traits may drive microbial community structure. More importantly, by removing vegetation, 

soil populations will shift to more fungal dominant systems. These findings have significant 

implications when predicting changes in ecosystem functions. 
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CHAPTER FIVE 

5 Managing riparian buffer plantings to minimize environmental 

impacts, microbial contribution  

Riparian buffers strips are established as mitigation strategies to prevent non-point source 

pollutants from agricultural lands entering aquatic environments. These buffers are 

multifunctional management tools that play significant roles in maintaining water quality, 

reducing non-point source pollution, and enhancing sediment deposition (Stutter et al., 2012). In 

addition, the vegetative strips sequester carbon dioxide, enhance biodiversity, and provide a 

variety of ecosystem services (Capon et al., 2013; Fortier et al., 2010b; Lowrance et al., 1997). 

However, high nutrient loading and saturated conditions trigger microbial processes in the soil, 

and riparian buffers can become sources of greenhouse gas (GHG) (Cole et al., 2020). 

Management strategies geared at maintaining these benefits and conserving the effectiveness of 

RBS while mitigating GHG emissions are required (Cole et al., 2020). Effective strategies will 

facilitate the establishment of riparian plantings by landowners in agricultural ecosystems and 

could contribute to climate change mitigation strategies that are being promoted by the 

government of Canada. 

Contribution to the knowledge on the effectiveness and management of RBS has been of 

high importance and has been reviewed in previous studies. For instance, Cole et al. (2020) 

explored the impact of vegetation structure on the effectiveness of riparian buffers to enhance 

ecosystem services, Luke et al. (2019) assessed the effectiveness of buffer width and guiding 

policies. Furthermore, a review of 20 years of research on riparian buffers by Vidon et al. (2019) 

proffered various suggestions to improve riparian buffer management. However, the missing link 

is studies focused on soil microbes, their interactions with biotic and abiotic factors, and GHG 
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emissions in RBS. The production and consumption of GHGs are microbially mediated, and soil 

microbes play a salient role in determining the effectiveness of RBS and their contribution to 

global warming.  

Studies geared towards riparian vegetative types with context-specific recommendations for 

establishing, managing, and mitigating GHG emissions within agricultural watersheds are 

limited. A study by Jacinthe and Vidon (2017) linked GHGs and types of vegetations and stated 

conflicting reports by several authors on the relationships between GHG emissions and 

vegetation types. Measures of microbial target genes/transcripts response for GHG could 

potentially serve as validation or links to explain the inconsistencies associated with vegetative 

strip studies. Therefore, the quantification of target N and C- cycling functional genes and 

transcripts could be a proxy for predicting N2O and methane (CH4) emission potential in the soil 

(Petersen et al., 2012; Thompson et al., 2016; Zhang et al., 2020).   

 Explicating GHG (N2O, CH4, and CO2) emission mechanisms is critical to developing 

effective management strategies in RBS. Combining the gene abundance/ expression data and 

soil factors can provide a comprehensive overview of these relationships. Therefore, we linked 

GHG emissions, types of riparian buffers, environmental factors, and the abundance/ activity and 

diversity of soil microbial communities associated with these GHGs. This review gives specific 

recommendations based on empirical results for vegetative buffer management considering; 

vegetation type, GHG measurements, environmental parameters, and soil microbial communities 

responsible for the production and consumption of GHG in four riparian vegetative sites within a 

singular but representative waterway (Washington Creek, Ontario, Canada) and based on two 

sampling years (2017 and 2018). 
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To assess these factors, RBS with distinct vegetative communities were sampled in this 

study in order to fully grasp the variation in aboveground and belowground processes from these 

different vegetation types. An undisturbed natural forest: UNF, which is over 150 years old 

consists mainly of deciduous trees such as American beech (Fagus grandifolia E.), sugar maple 

(Acer saccharum L.), basswood (Tilia americana L.), and eastern hemlock (Tsuga canadensis). 

An undisturbed natural forest (coniferous): CF, over 100 years old, is dominated by Eastern 

White Cedar (Thuga occidentalis) and comprises high amounts of deadwood with little to no 

understory vegetation. A rehabilitated agroforest (mixed trees and shrubs); RH, about 35 years 

old, had a variety of alder [Alnus incana subsp. Rugosa (Du Roi) R.T. Clausen., Alnus glutinosa 

(L.) Gaertn., and Alnus rubra Bong.] and hybrid poplar (Populus x Canadensis Moench) trees, 

Silver maple (Acer saccharinum L.), multiflora rosevine (Rosa multiflora Thunb.), Russian olive 

(Elaegnus angustifolia L.), and red-osier dogwood (Cornus sericea subsp. Sericea L.) (Gordon et 

al., 1992). A perennial herbaceous grass buffer (GRB); about 63 years old, predominantly 

consists of bentgrass (Agrostis app.) and panicled and purple-stemmed aster (Symphyotrichum 

puniceum). Finally, an agricultural land AGR: under corn-soybean rotation adjacent to the RH, 

about 65 years old was chosen for the study.  

Detailed information about soil texture, plant species, age, and width of the riparian land-use 

systems and the agricultural land is available in several publications that stemmed out from these 

research sites (Baskerville et al., 2021b; Mafa-Attoye et al., 2020a; Oelbermann and Raimbault, 

2014). A recent study by Buchanan et al. (2020) described the taxonomic and phylogenetic plant 

diversity patterns of these riparian land uses and their implications for ecosystem services. 

Results from several studies that investigated GHG (N2O, CO2, and CH4), soil physicochemical 
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parameters, plant diversity, carbon sequestration, root functional traits, and their relationship 

with soil microbial communities in Washington Creek (2017 and 2018) are summarized in this 

study. 

The key GHGs of concern, N2O, CH4, and CO2, due to their high global warming potential 

(GWP) and input from agricultural practices (Good and Beatty, 2011), were measured at these 

sites (Baskerville et al., 2021a; Baskerville et al., 2021b; Borden et al., 2021; Buchanan et al., 

2021). Measurements of all GHGs were done simultaneously; therefore, the three GHGs were 

subjected to the same environmental factors at each study site at the time of sampling. Soil 

physicochemical properties such as soil temperature, moisture content, pH, nitrate, and 

ammonium that impact soil microbes and these GHG were determined at every sampling date for 

each site. 

Microbial processes such as nitrification and denitrification, methanogenesis, and soil 

respiration produce N2O, CH4, and CO2, respectively. To further validate the soil's potential to 

produce or consume these GHGs, the soil was sampled simultaneously with GHG sampling and 

placed immediately in tubes containing Lifeguard solution to preserve the RNA. The active soil 

microbial communities associated with these GHGs were quantified and determined using 

culture-independent techniques. The relative abundances of target functional genes/transcripts 

associated with these GHG were measured as a proxy of N2O and CH4 emission potentials 

(Butterbach-bahl et al., 2013; Petersen et al., 2012; Zhang et al., 2020). Targeting, quantifying, 

and identifying these potential soil microbes and exploring their functions is crucial in 

understanding microbiome manipulation and management to mitigate GHG in riparian 

agroecosystems (French et al., 2021).  
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Dynamics of GHG across riparian land-uses 

Environmental factors, such as temperature, moisture content, can predict microbial 

variables and GHG emissions across land-uses. Because of the wet environments and huge plant 

biomass associated with riparian buffers, their soils are typically characterized by high moisture 

content and organic carbon (Capon et al., 2013; Stutter et al., 2019). Other factors such as high-

water table and nutrient run-off from adjacent agricultural fields all contribute to riparian 

ecosystems' distinctiveness and increase its potential for these GHG emissions and susceptibility 

to climate change impacts (Kachenchart et al., 2012; Kim et al., 2009). 

Soil temperature and soil NO3
- are the main factors influencing N2O emissions. The 

abundance of nitrifier (bacteria amoA gene) was higher in agricultural land than in UNF; 

however, B-amoA transcripts were higher in UNF, coinciding with higher NH4 concentration in 

soil at sampling time (Harms and Grimm, 2008). The denitrifier (nirS) genes/transcript were both 

consistently higher in the forest soils than AGR. The main factor influencing nirS gene/transcript 

was the anoxic conditions created by high soil moisture in forest soils. 

CH4 emissions were significantly higher (P < 0.05) in the UNF site than other sites 

indicating the UNF was a hot spot for CH4. Environmental factors; soil moisture, SOC, and 

photosynthetic photon flux density were the best predictors of CH4 emissions (Baskerville et al., 

2021a), consistent with the results of Jacinthe and Vidon (2017). Methanotrophs (bacteria) and 

methanogens (archaea) determine CH4 production in the soil, however, methanogens (mcrA) 

transcripts are more related to CH4 emissions than mcrA genes (Habtewold et al., 2018). The 

methanogens (mcrA) potential activity was significantly higher in the forest soil UNF, hence 
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consistent with the highest CH4 emission measured at UNF (Obregon, 2021). The co-occurrence 

network analysis of taxa associated with CH4-cycling showed that soil C, temperature, and 

moisture formed positive correlations with methanogen activity (Obregon, 2021). High soil 

moisture in UNF creates anaerobic conditions which enhance methanogenesis (Kandel et al., 

2019). Methanogens such as Methanosarcinales were found in high abundance in UNF. Previous 

studies have reported that methanogens such as Methanobacteriales, and Methanosarcinales are 

also capable of nitrogen-fixation (Sun et al., 2021), suggesting a possible contribution to nitrogen 

-cycling in UNF. 

CO2 is released into the atmosphere through heterotrophic and autotrophic respiration, and 

it is influenced by plant root patterns and decomposition. Soil respiration, CO2, was significantly 

higher in the grass buffer (GRB) compared to the other sites. Soil temperature and SOC were the 

main environmental factors predicting CO2 emissions at these sites (Baskerville et al., 2021a; 

Borden et al., 2021). A recent study by Borden et al. (2021) using the root exclusion method 

assessed how fine roots, soil microbial communities, and abiotic factors contribute to soil 

respiration in these riparian land-uses. The study found coordinated root trait syndromes and 

covariation with specific root respiration and bacteria and fungi abundance in rhizosphere soil.  

Root-derived respiration elevated total CO2 emissions from the soil. Heterotrophic 

respiration was strongly explained by soil moisture, temperature, soil carbon and root 

characteristics (Borden et al., 2021; Buchanan et al., 2021). Results from our study observed 

both positive and negative associations between the active soil microbial communities and SOC 

in GRB; SOC was the main driver of microbial communities. Microbial activity due to SOC 

decomposition results in increased CO2 emissions; making grass buffers less effective at carbon 
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storage (Cole et al., 2020). However, the role of soil microbes in the C cycle is dynamic as soil 

microbes are involved in both soil respiration and C sequestration (Six et al., 2006). The 

diversity and abundance of soil microbes can regulate soil carbon storage by immobilization of 

carbon (Mackay et al., 2016).  

The ability of riparian buffers to sequester carbon makes them effective in GHG mitigation 

strategies. SOC determined at these sites (0-10cm depth) showed that SOC was significantly 

higher in the forest (UNF and CF) sites compared to the other RBS (Ofosu et al., 2021). In a 

related study within the grand river watershed in southern Ontario, Vijayakumar et al. (2020) 

found that deciduous species acquire higher terrestrial C sequestration than coniferous species. 

Buchanan et al. (2021) also observed that leaf functional traits explained soil C in mature (> 30 

years) RBS whereas fungal: bacterial ratio and root length density predicted soil C content in 

young (<10 years) RBS. 

Global warming potential of riparian land-uses  

The overall impact of GHGs (CH4, CO2, and N2O) and the global warming potential 

(GWP) of each of these sites were determined with CO2 taken as the gas of reference and given a 

100-year GWP of 1 (Smith and Conen, 2004). The default molecular GWP of CH4 and N2O in a 

100-year time frame as 25 and 298 respectively was used in the calculation. (Forster et al., 2007). 

Using the following equation: GWP = R (CO2) + 25 × R(CH4) + 298 × R(N2O) (Zhang et al., 

2012). Across the land-uses, GWP was highest in GRB while RH and AGR were almost 

equivalent, and lowest in the CF. The GWP (g CO2 eq m-2 h-1) for the four riparian buffers and 

agricultural land in 2018 can be summarised as follows: GRB > RH > AGR > UNF > CF (Table 

5.1). Carbon dioxide constituted the largest part of the total GWP in the riparian land-uses being 
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significantly higher than other GHGs. So far, only a few studies in riparian zones have estimated 

GWP from riparian zones (Vidon et al., 2019); our result is consistent with their findings that 

show that CO2 dominated the other GHGs (Gomez et al., 2016). However, the reader should note 

that carbon sequestration in the perennial vegetation and in the soil during the study period was 

not factored in in the above equation. If carbon sequestration is taken into consideration, the 

above ranking of land-use systems will change, possibly the GWP of the RH site would reduce 

compared to AGR. These results would inform government policy decisions as they relate to 

GHG emission reductions in RBS. 

  

 

 

 

 

Finally, this study identified several microbial taxa such as Burkholderiaceae and 

Funneliformis that were consistently associated with N2O or CO2 or both N2O and CO2 

emissions across different riparian land-use. These taxa drive GHG emissions, their abundance, 

and interactions (either positive or negative) in the soil can predict GHG emissions. Future 

management of RBS should incorporate the knowledge on these microbial communities in order 

to predict GHG emissions and effectively manage climate-smart riparian buffer systems. The 

implementation of these findings will improve soil health, water quality, and ecosystem services 

in RBS. 

Table 5.1: Estimated Global warming potential of all riparian buffers and 

agricultural land in 2018 

Land-

uses 
N2O (mg m-2 h-1) CH4(mg m-2 h-1) CO2 (g m-2 h-1 ) GWP (g CO2 eqm-2 h-1) 

UNF 1.39±1.04 117.65±54.4a 24.11±7.5 27.46663 

AGR 5.04±0.69 -7.06±0.78b 31.34±4.6 32.66472 

GRB 3.83±0.95 -13.25±2.9b 64.68±11.2a 65.48871 

RH 2.47±0.8 -8.52±7.4b 32.69±4.5 33.2133 

CF 2.03±0.63 9.98±9.73b 23.76±9.5 24.6144 
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CHAPTER SIX 

6 General discussion and conclusions 

Riparian buffer strips reduce non-point source pollution (Stutter et al., 2012), sequester 

carbon dioxide, enhance biodiversity, and provide various ecosystem services (Capon et al., 

2013; Fortier et al., 2010a; Lowrance et al., 1997). However, these strips can also be hotspots for 

GHG emissions. Soil microbial communities are key drivers responsible for biogeochemical 

processes, including N and C cycle; these processes influence GHG emission in riparian buffers. 

Given that several factors such as the perennial component, soil physicochemical properties can 

affect soil microbial composition and function and impact GHG emissions in RBS. This study 

used several approaches to characterize microbial community composition, abundance, diversity, 

network pattern, and below-ground interactions and impact on GHG emissions in different 

riparian land-uses. 

In chapter 2, we used high throughput DNA sequencing and qPCR to assess soil 

microbial communities (total bacteria and fungi) and N-cycling gene abundance and diversity in 

three different riparian buffer soils and adjacent agricultural land in a one-time point baseline 

study. We found that microbial composition varied across the land-uses, and soil nitrate and 

moisture content were the main drivers of N-cycling communities. The assessment of the N-

cycling functional genes indicates a variation in the abundance of these genes according to 

riparian land-use types. In particular, the dynamics of nitrifying bacteria (AOB) quantified by 

targeting the B-amoA gene/transcripts in 2017 and 2018.  A higher abundance of B-amoA in 

AGR compared to UNF was observed; however, with RNA sampling in 2018, higher B-amoA 

potential activity was observed in UNF compared to AGR on August 15, which tallied with 
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significantly higher NH4
+ measured in UNF (Lu et al., 2015) compared to AGR. The differences 

observed in the microbial abundance or activity in these land-uses emanated mainly from 

changes in soil physicochemical properties (Table 3.1). Microbial activity usually occurs at hot 

moments and does not reflect the numbers of genes present but those active at the time of 

sampling (McClain et al., 2003). Notably, we observed no significant difference in AOA 

contribution to nitrification in quantified genes and transcripts across sites in both sampling 

years. Even though AOA and AOB co-exist in soils, their response to environmental factors 

differed, confirming niche differentiation between AOA and AOB. AOB dominance and activity 

were possibly due to preferential environmental factors (Erguder et al., 2009; Lu et al., 2015; 

Shen et al., 2012).  

In chapter 3, we used high throughput RNA sequencing to assess soil microbial 

communities (total bacteria and fungi) and N-cycling gene abundance and diversity. With this 

approach, we not only found out who these microbes are, but we can potentially deduce what 

they were doing (functional activity) as of the time of sampling. This gives a more holistic view 

of the soil microbial communities and putative function. Remarkably, shifts in functional 

gene/transcript ratio in relation to N2O emissions were observed. In chapter 2 we observed a 

negative correlation between denitrifier functional gene ratio nir:nosZ and N2O emissions; 

however, in chapter 3, a positive correlation was observed between nitrifiers functional 

transcript ratio AOA/AOB and N2O emissions (Table 3.2), indicating that nitrifiers communities 

were driving N2O emissions at these sites, during this period, and emphasizing the seasonal 

variability associated with these processes. 
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Subsequently, in chapter 2, we reported higher N2O emissions in the AGR site, credited to high 

soil NO3
-concentrations from fertilizer applied in the 2017 corn rotation. This, coupled with 

higher AOB abundance, suggests that N2O emission in AGR was mainly from nitrification. 

However, in chapter 3, we found that the gene expression of bacterial amoA was lowest in 

AGR.  The NO3
- concentration in AGR was lowest and N2O emissions in AGR were similar to 

the other land-uses. These findings are likely related to the reduced N fertilizer (40 kg ha−1) as 

the AGR field was on soybean rotation in 2018, compared to corn in 2017, demonstrating a 

response to management practice. Comparing these results (Chapters 2 and 3) proves that 

agricultural practices such as fertilizer application not only impact soil properties but also 

influence the potential activity of soil organisms associated with N-cycling.  

Knowing how members of a microbial community relate with each other can help to 

unravel the state of the community and the soil environment. In Chapter 3, we determined the 

interactions between bacteria, fungi, and environmental parameters and identified organisms 

driving changes in N2O and CO2 emissions across land-uses (Figure 3.10). We found that 

environmental parameters such as SOC and N2O were influential, forming strong associations 

with bacteria and fungi across land-uses, suggesting their roles in microbial community structure 

(Yi et al., 2019) and GHG emissions. In particular, SOC was a strong driver of soil microbial 

activity. The quantity of organic matter input through vegetation and the rate it is cycled through 

riparian ecosystems contributes to soil microbial activity and composition. SOC concentration 

was highest in the coniferous forest buffer (CF), however, SOC was more influential and 

associated with microbial communities in GRB. This is possibly due to high microbial activities 
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from the decomposition of SOC to produce CO2 that resulted in the significantly higher CO2 in 

GRB.  

Fungi nodes were highly associated with SOC, indicating their important roles in the C 

cycle, decomposition, and stabilization of SOM (Treseder and Lennon, 2015; Zifcakora et al., 

2016). Vegetation and temperature also play an important role in the land-use preference of fungi 

as seen across the land-uses especially in the RH site and previously described by (Yang et al., 

2017; Egidi et al., 2019). Taken together, results from this study have established that vegetation 

type and soil properties influence soil microbial community structure. In particular, changes in 

soil properties may impact soil microbial communities associated with C and N-cycling and their 

production or consumption of GHGs in riparian buffers.  

 In chapter 4, we delved below-ground in a root exclusion experiment and trait-based 

study to investigate plant root interactions with soil microbial communities. Below-ground root 

functional traits that influence soil nutrient acquisition also influence associating microbial 

communities within the root environment (Faucon et al., 2017). Fine root length density and root 

C: N contributed significantly to variations observed in bacteria and fungi communities, 

respectively. We observed consistently inverse correlations between microbial taxa (bacteria or 

fungi) and root acquisitive or root conservative traits among the riparian system types. Root 

functional traits were predictors of bacteria and fungi communities (Sweeney et al., 2020).  

We found that bacteria and not fungi diversity reduced when roots were removed from 

soils and carbon source was terminated. Also, in plots without roots, bacteria nodes decreased, 

fungi nodes increased, and bacteria-fungi interactions increased. Thus, our results show that root 

removal affects bacteria and fungi communities differently, and fungi communities dominated 
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when roots were removed from soils. These shifts in communities are probably associated with 

nutrient levels in soils. Although our study period was limited (16 weeks), a three year exclusion 

study by Adamczyk et al. (2019) found that root removal led to an increased level of soil 

inorganic N, and decreased decomposition rates of SOM. In addition, a previous study by 

Kavamura et al. (2018) reported that increased inorganic N in soil reduced bacterial richness and 

diversity, this agrees with our results which found that bacterial diversity decreased when roots 

were removed. Although, these patterns were opposite in the grass buffer where bacteria 

dominated even in the absence of roots. These results suggest that plant community selection for 

specific root traits will drive microbial community structure. 

Finally, in chapter 5, we elucidated GHG (N2O, CH4, CO2) emissions mechanisms in 

order to recommend effective management strategies in RBS. We integrated findings from 

concurrent studies at these sites and evaluated; environmental parameters driving these GHG 

emissions, associations between soil factors, GHG emissions, and soil microbial communities 

involved in N and C cycling in the different plant communities. We construed from these 

science-based results recommendations that can mitigate GHG emissions, improve the 

management of existing RBS, and enhance the adoption and establishment of effective 

permanently vegetated buffer strips in agricultural watersheds.  
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Appendices 

Appendix A: Chapter 2 Supplementary Material 

 

Figure A.1: Graphic abstract summarizing chapter 2  

 

Figure A.2: Layout of experimental site at Washington creek in 2017 
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Figure A.3: Graph showing significantly different relative abundances of bacteria taxa between 

land-uses (a) AGR and GRB, (b) AGR and RH (c) AGR and UNF (d) GRB and UNF (e) RH and 

UNF. These significant taxa were picked using the White’s nonparametric t-test. 
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Figure A.4: Graph showing significantly different relative abundances of fungi taxa between 

sites, (a) AGR and GRB, (b) AGR and RH (c) AGR and UNF (d) GRB and RH (e) GRB and 

UNF (f) RH and UNF. These significant taxa were picked using the White’s nonparametric t-test 
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Appendix B: Chapter 3 Supplementary Material 

Table B.1: Thermal cycling and primer sequence details for bacterial 16S rRNA, Fungi 18SrRNA, and N 

cycling genes and transcripts 

Target 

genes  

Primer 

name Primer sequence  

Annealing 

temp                                                                                                  References 

          (5'-3')   (oC)   

16S 

rRNA 338f ACT CCT ACG GGA GGC AGC AG 55 Fierer et al., (2005) 

  518r ATT ACC GCG GCT GCT GG 55  
18S 

rRNA FF390  CGATAACGAACGAGACCT 60 

Vainio and Hantula 

(2000) 

 FR1 AICCATTCAATCGGTAIT 60  

nifH IGK3  GCIWTHTAYGGIAARGGIGGIATHGGIAA 58 

Gaby and Buckley 

(2012) 

 DVV ATIGCRAAICCICCRCAIACIACRTC 58  

amoA 

amoA-

1F  GGGGTTTCTACTGGTGGT 57 

 Rotthauwe et al., 

(1997) 

 

amoA-

2R CCCCTCKGSAAAGCCTTCTTC 57  

crenamoA 23F  ATGGTCTGGCTWAGACG 55 Tourna et al., (2008) 

 616R  GCCATCCATCTGTATGTCCA 55  

nirS Cd3af  AACGYSAAGGARACSGG 57 

Throbäck et al., 

(2004) 

 R3Cd GASTTCGGRTGSGTCTTSAYGAA 57  

nirK F1aCu  ATCATGGTSCTGCCGCG 58 

Hallin and Lindgren 

(1999) 

 R3Cu GCCTCGATCAGRTTGTGGTT 58  
nosZ nosZ1F  WCSYTGTTCMTCGACAGCCAG 62 Henry et al., (2006) 

  nosZ1R ATGTCGATCARCTGVKCRTTYTC 62   
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Table B.2: Mean relative abundances (%) of nitrogen (N) and carbon (C) cycling functional 

groups in different riparian land-uses in Washington creek in 2018. 
Functional groups ELEMENTS  AGR CF GRB RH UNF 

aerobic_ammonia_oxidation N,O 8.61 19.30 15.75 17.08 20.72 

aerobic_chemoheterotrophy C,O 20.86 16.06 19.93 17.45 15.69 

aerobic_nitrite_oxidation N,O 0.81 1.13 0.59 0.80 1.96 

aliphatic_non_methane_hydrocarbon_degradation C,H 0.00 0.07 0.00 0.00 0.00 

animal_parasites_or_symbionts C 1.44 3.76 1.80 2.49 4.02 

anoxygenic_photoautotrophy C, variable 1.29 0.43 0.40 0.14 0.00 

aromatic_compound_degradation C 0.22 0.12 0.35 0.05 0.07 

aromatic_hydrocarbon_degradation C,H 0.00 0.07 0.00 0.00 0.00 

cellulolysis C 0.86 0.00 0.21 0.14 0.27 

chemoheterotrophy C 23.05 17.24 23.21 18.89 17.02 

chitinolysis C 0.70 0.28 1.95 0.90 0.13 

chlorate_reducers C 0.00 0.24 0.00 1.34 0.48 

denitrification N 1.29 0.43 0.40 0.14 0.00 

fermentation C 1.49 0.89 1.40 0.40 1.00 

fumarate_respiration C 0.01 0.00 0.00 0.01 0.00 

human_pathogens_all C 0.69 2.58 1.28 1.95 2.04 

human_pathogens_pneumonia C 0.57 2.50 1.09 1.85 2.04 

hydrocarbon_degradation C,H 0.11 0.19 0.00 0.00 0.34 

intracellular_parasites C 0.03 0.00 0.02 0.01 0.07 

methanol_oxidation C, H 0.00 0.00 0.01 0.04 0.00 

methanotrophy C, H 0.11 0.07 0.00 0.00 0.34 

methylotrophy C, H 0.11 0.07 0.01 0.04 0.34 

nitrate_ammonification N 0.01 0.00 0.00 0.01 0.00 

nitrate_denitrification N 1.29 0.43 0.40 0.14 0.00 

nitrate_reduction N 1.95 1.83 1.31 2.12 1.06 

nitrate_respiration N 1.39 1.43 0.94 1.94 0.73 

nitrification N,O 9.42 20.43 16.33 17.88 22.68 

nitrite_ammonification N 0.01 0.00 0.00 0.01 0.00 

nitrite_denitrification N 1.29 0.43 0.40 0.14 0.00 

nitrite_respiration N 1.30 0.43 0.40 0.15 0.00 

nitrogen_fixation N 1.80 1.24 0.55 0.83 0.81 

nitrogen_respiration N 1.39 1.43 0.94 1.94 0.73 

nitrous_oxide_denitrification N 1.29 0.43 0.40 0.14 0.00 

nonphotosynthetic_cyanobacteria C 1.10 0.37 0.68 0.63 1.35 

oxygenic_photoautotrophy C, O 1.11 0.00 0.07 0.02 0.05 

photoautotrophy C, variable,  2.41 0.43 0.47 0.16 0.05 

photoheterotrophy C 1.37 0.47 0.40 0.14 0.10 

photosynthetic_cyanobacteria C,O 1.11 0.00 0.07 0.02 0.05 

predatory_or_exoparasitic C 8.49 4.79 7.91 9.70 5.20 

ureolysis N, C 0.90 0.42 0.30 0.28 0.65 

xylanolysis C 0.10 0.00 0.04 0.00 0.00 
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Figure B.1: Venn diagram showing the number of shared and common a) bacteria taxa 

correlating with CO2 and b) N2O as listed in Table 3.6, and fungi  taxa correlating with c) CO2 

and d) N2O and their distribution across the land-uses as listed in Table 3.7. 
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Appendix C: Chapter 4 Supplementary Material 

Table C.1: Results of linearized mixed-effects models testing effects of time, root treatments, 

Site, and any interaction between them on alpha diversity of bacterial and archaea, and fungi 

communities using Observed ASVs and Shannon diversity index. 

  Variable Df denDF F p-value 

Bacteria and archaea community at ASVs level 

Observed ASVs 

Site 3 12 2.175 0.144 

Time 1 19 0.0015 0.970 

Root 1 19 50.329 0.000 

Site: Time  3 19 0.585 0.632 

Site: Root 3 19 0.935 0.443 

Time: Root 1 19 0.493 0.491 

Site: Time: Root 3 19 1.673 0.207 

Intercept 1 19 859.243 0.000 

Shannon Index 

Site 3 12 3.371 0.055 

Time 1 19 0.064 0.803 

Root 1 19 38.393 0.000 

Site: Time  3 19 0.902 0.459 

Site: Root 3 19 0.429 0.734 

Time: Root 1 19 0.913 0.351 

Site: Time: Root 3 19 1.307 0.301 

Intercept 1 19 19847.8 0.000 

Fungi community at ASVs level 

Observed ASVs 

Site 3 12 1.014 0.421 

Time 1 13 0.661 0.431 

Root 1 13 0.028 0.870 

Site: Time  3 13 2.791 0.082 

Site: Root 3 13 0.407 0.75 

Time: Root 1 13 1.494 0.243 

Site: Time: Root 3 13 0.619 0.615 

Intercept 1 16 80.766 0.000 

Shannon Index 

Site 3 12 0.882 0.478 

Time 1 13 0.228 0.641 

Root 1 13 0.296 0.596 

Site: Time  3 13 2.951 0.072 

Site: Root 3 13 0.445 0.725 

Time: Root 1 13 0.095 0.762 

 Site: Time: Root 3 13 0.046 0.986 

Intercept 1 16 150.7 0.000 

DF: degrees of freedom 
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Table C.2: Permutational multivariate analysis of variance (PERMANOVA) testing effects of 

time, root treatments, Site, and any interaction between them on community composition of soil 

bacteria and archaea, and fungi based on Bray-Curtis dissimilarity index. 

DF: degrees of freedom 

 

 

 

 

 

 

 

 

 

 

Variable Df SS MS F R2 p- value 

Bacteria and archaea community profiling at ASVs level 

Site 3 1.892 0.631 1.504 0.07 0.001 

Time 1 0.433 0.433 1.032 0.016 0.277 

Root 1 0.915 0.915 2.183 0.034 0.001 

Site: Time 3 1.166 0.388 0.93 0.043 0.979 

Site: Root 3 1.309 0.436 1.04 0.048 0.157 

Time: Root 1 0.386 0.386 0.92 0.014 0.898 

Land use: Time: Root 3 1.16 0.387 0.92 0.043 0.987 

Residuals 47 19.708 0.419 NA 0.731 NA 

Total 62 26.969 NA NA 1 NA 

Fungi community profiling at ASVs level 

Site 3 1.979 0.660 1.380 0.072 0.001 

Root 1 0.526 0.526 1.101 0.019 0.103 

Time 1 0.514 0.514 1.074 0.019 0.163 

Site: Root 3 1.521 0.507 1.060 0.055 0.071 

Site: Time 3 1.450 0.483 1.011 0.052 0.418 

Root: Time 1 0.530 0.530 1.107 0.019 0.087 

Site: Root: Time 3 1.535 0.512 1.070 0.056 0.067 

Residuals 41 19.608 0.478 NA 0.709 NA 

Total 56 27.663 NA NA 1 NA 



 

 

178 

 

 

Table C.3: Constrained analyses summarizing the part of variation in active bacterial and fungal 

community composition explained by root functional traits in plots with roots from undisturbed 

natural forest (UNF), coniferous forest (CF), rehabilitated agroforest (RH), and grass buffer 

(GRB) 

Significant parameters in bold 

 

 

 

 

 

  Bacteria  Fungi 

Root Traits  Contribution 

% 

Pseudo-

F 

p Value  Contribution 

% 

Pseudo-

F 

p 

Value  

Fine root length 

density 

16.1 1.5 0.022 9.6 1.0 0.580 

Fine root 

biomass density 

13 1.2 0.122 8.8 0.9 0.682 

Specific root 

length 

13.2 1.3 0.084 13.7 1.4 0.092 

Specific root 

Area 

12.2 1.2 0.162 12.6 1.3 0.150 

Root tissue 

density 

11.9 1.1 0.246 10.5 1.0 0.470 

Root diameter 8.6 0.8 0.748 13.3 1.3 0.100 

Root Nitrogen  14.2 1.4 0.074 12.5 1.2 0.158 

Root C: N 11 1.1 0.330 19 1.8 0.012     

   


