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ABSTRACT 

VECTOR-BORNE VIRUSES IN UNGULATES IN ONTARIO, CANADA: DISTRIBUTION 

AND RISK OF ORBIVIRUS ESTABLISHMENT 

 

Dr. Samantha Elizabeth Allen 

University of Guelph, 2020

Advisor(s): 

Dr. Nicole Nemeth 

Dr. Claire Jardine 

The purpose of this thesis was to investigate the potential risk posed by vector-borne 

pathogens to Ontario’s wildlife and livestock populations, in particular, epizootic hemorrhagic 

disease viruses (EHDV) and bluetongue viruses (BTV). Ontario lacks information describing the 

prevalence and distribution of certain vectors and pathogens despite the imminent threat vector-

borne pathogens may pose to wildlife and livestock populations with their northward spread 

facilitated by changing climatic conditions. A retrospective analysis was performed using post-

mortem findings and diagnoses for wild cervids from Ontario and Nunavut over a 27-year period 

to provide a long-term outlook of detected diseases and potential health threats. The most 

common causes of morbidity and mortality were noninfectious. Deaths attributed to infectious 

diseases were most often bacterial in origin. Viral vector-borne pathogens were rarely 

documented. We documented the first cases of EHDV (serotype 2) in free-ranging white-tailed 

deer in southern Ontario in 2017. Then, we sought to characterize Culicoides vector abundance 

and distribution, as well as assess transmission of EHDV and BTV in livestock, and BTV, 

EHDV, West Nile virus (WNV), eastern equine encephalitis virus (EEEV), Powassan virus 

(POWV) and heartland virus from free-ranging and captive cervids across Ontario for two 

consecutive field seasons. From June-October of 2017-2018 LED light suction traps were placed 

on farms and in natural areas across southern Ontario, and all Culicoides vectors collected were 
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taxonomically identified. A total of 33,905 Culicoides spp. were collected, encompassing 14 

species from seven subgenera and one species group. Culicoides sonorensis, a known vector of 

EHDV and BTV, was collected both years. Additionally, C. kibunensis and C. baueri were 

collected both years and these represent new records for Ontario, with C. baueri representing a 

new species record for Canada. Blood samples from 349 livestock and 217 cervids were 

collected from 2016 to 2019. Fifteen (9.0%) cattle were seropositive for EHDV-serotype 2. Nine 

(4.2%) cervids were seropositive for flaviviruses; three were confirmed as WNV, three as EEEV, 

and one as POWV. Collectively, these results on vector and arthropod-borne virus abundance 

and distribution will contribute to the development of management strategies for safeguarding 

Ontario livestock and wildlife populations.   
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CHAPTER 1: INTRODUCTION, LITERATURE REVIEW AND RESEARCH 

OBJECTIVES 

 

1.2 INTRODUCTION 

Epizootic hemorrhagic disease virus (EHDV) and bluetongue virus (BTV) are vector-borne 

orbiviruses that represent imminent threats to the health of ruminant livestock and wildlife in 

Ontario. These animals are readily infected via the bite of infected blood-feeding midges 

(Culicoides spp.), which can result in morbidity, mortality, and economic hardship for the 

agricultural sectors (Ruder et al. 2015a). These disease systems are undergoing dramatic 

epidemiologic changes, including northward geographic expansion of vectors and viruses into 

areas with abundant immunologically-naïve hosts, including sheep, cattle and deer (Lysyk and 

Dergousoff 2014; Ruder et al. 2015a). Northern latitudes such as Ontario, Canada, are at high-

risk for incursion and establishment of new arthropod-borne viruses (or “arboviruses”) and their 

vectors, and are vulnerable to widespread epizootics among livestock (MacLachlan 2010; Ruder 

et al. 2015a). The elevated risk level is reflected by the outcomes of recent outbreaks of EHDV 

and BTV among livestock and wildlife in Europe, the United States, and the Middle East (Gibbs 

et al. 2008; Allison et al. 2010; MacLachlan 2010; Ruder et al. 2015a). The extent and severity 

of ongoing bluetongue (BT) disease outbreaks in Europe beginning in 1998 highlights the need 

to maintain “an appropriate level of preparedness” for the incursion of exotic pathogens, 

especially in light of changing environmental conditions (i.e., climate) and risk levels (Zientara 

and Sanchez-Vizcaino 2013; Fofana et al. 2016).  
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Knowledge of vector biology and distribution is important for regions such as Ontario, where 

knowing the potential range and risk of these viruses, their establishment and occurrence is 

crucial to forming control strategies. This is especially true for non-endemic hemorrhagic disease 

(HD) viruses (i.e., BTV and EHDV) and other arboviruses of importance for public health (e.g., 

WNV, EEEV, POWV, HRTV).  These control strategies may include vaccine programs, vector 

control tactics, sentinel/surveillance programs, and establishment of protection zones to mitigate 

the effects of livestock orbiviruses (Lysyk and Dergousoff 2014; Ruder et al. 2015a; Fofana et al. 

2016). In addition, successful implementation of control strategies depends on understanding at-

risk herds and geographic regions, which is best achieved via ongoing field surveillance for 

serologic evidence of past infections in sentinel livestock (cattle and sheep) and deer, and via 

assessment for the presence of potential vector species (MacLachlan and Mayo 2013). While, C. 

sonorensis and C. insignis are the only confirmed vectors for BTV and C. sonorensis is the only 

confirmed vector for EHDV, numerous additional Culicoides spp. are likely competent vectors 

(e.g., C. stellifer and C. biguttatus) (Ruder et al. 2012). This notion is supported by the expansion 

of EHDV into areas of the northern and eastern United States outside of the historic range of C. 

sonorensis and by the transmission of BTV by novel vectors during disease outbreaks in Europe 

(MacLachlan 2011; Ruder et al. 2015a). Additionally, while efforts are ongoing to assess for 

WNV vector species in Ontario, EEEV, POWV and HRTV require additional surveillance and 

research sampling strategies to assist in future risk modeling of these vector-borne viruses.  

Orbivirus-infected, adult Culicoides spp. midges are the most likely means of EHD and BT 

disease entry into Canada from the United States (Gale et al. 2015), and the diversity and 

abundance of Culicoides spp. with vectorial capacity will determine the virus’ ability to establish 
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and cause epizootics among livestock and deer. Wind-blown movements of Culicoides spp. 

midges may span hundreds of kilometers and are believed to be responsible for the initial 

incursions of BTV into Europe in 1998, followed by the subsequent emergence of at least eight 

different BTV serotypes in the region (MacLachlan 2010; Zientara and Sanchez-Vizcaino 2013). 

Once infected, viremic ruminants serve as a local source of virus infection for subsequent 

Culicoides spp. biting midges, which are known to be voracious blood-feeders (MacLachlan 

2010; MacLachlan and Mayo 2013).  

Knowledge of the vectors, the hosts, and the pathogens ecology in the environment is 

essential to determining the epidemiological risk of EHDV and BTV, as well as other vector-

borne viruses (i.e., WNV, EEEV, POWV, HRTV), in Ontario. The purpose of this review is to: 

1) describe the current state of knowledge of orbiviruses, specifically EHDV and BTV, and their 

primary vectors Culicoides spp.; 2) examine and synthesize existing knowledge of past orbiviral 

geographical incursions with a focus on North America, and specifically, Ontario, Canada; 3) 

examine and synthesize knowledge of environmental factors that could influence the ecology and 

epidemiology of these viruses, including vector, host and pathogen factors; and 4) describe 

additional arthropod-borne viruses (i.e., arboviruses) of concern in Ontario, such as West Nile 

virus (WNV; family Flaviviridae; genus Flavivirus), eastern equine encephalitis virus (EEEV; 

family Togaviridae; genus Alphavirus), Powassan virus (POWV; family Flaviviridae; genus 

Flavivirus), and Heartland virus (HRTV; family Bunyaviridae; genus Phlebovirus). 
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1.3 ORBIVIRUSES AND ORBIVIRUS TRANSMISSION 

Viruses within the genus Orbivirus (family Reoviridae) are characterized by a doughnut-

shaped capsomere. This structure gives the family its name, the Latin word “orbis,” meaning 

circle or ring (Borden et al. 1971; King et al. 2012). Each virion consists of an outer and inner 

capsid layer that surrounds a core genome containing 10 distinct segments of double-stranded 

RNA and has a characteristic, icosahedral, non-enveloped morphology (MacLachlan and Guthrie 

2010; McVey et al. 2015). 

This genus contains a number of different viruses that span the globe in distribution, including 

equine encephalosis virus, African horse sickness virus (AHSV), Palyam virus, and Peruvian 

horse sickness virus. Bluetongue and EHD viruses are the most important orbiviruses in terms of 

livestock and wild cervid health in North America (MacLachlan and Guthrie 2010). Furthermore, 

while most of the viral pathogens within this genus may cause disease in domestic animals (e.g., 

BTV, AHSV, EHDV) and wildlife (e.g., BTV, EHDV), some can cause human illness (e.g., 

Corriparta virus). Others have been identified but have not been linked to identifiable illness in 

livestock, wildlife, or humans (e.g., St. Croix River virus) (Gorman 1979; Attoui and Mohd 

Jaafar 2015).  

Field strains of orbiviruses (in particular, BTV) have a high level of genetic heterogeneity due 

to genetic drift and shift (the genetic shift is due to reassortment of the viremic genes during co-

infections in hosts) (Bonneau and MacLachlan 2004; Shaw et al. 2013; McVey et al. 2015). This 

allows each serogroup to have a number of differing serotypes (Gorman 1979; Pierce et al. 1998; 

MacLachlan and Guthrie 2010) and at present, there are 22 identified serogroups within the 

Orbivirus genus (Mertens et al. 2004; Savini et al. 2011; McVey et al. 2015).  
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Orbiviruses are the only mammalian viruses that lack an external membrane and that are 

transmitted primarily by insect vectors. Bluetongue and EHD viruses are transmitted by biting 

midges (Culicoides spp.), although some orbiviruses are also spread by mosquitoes and ticks 

(e.g., Corriparta virus) (Mellor et al. 2000; MacLachlan and Guthrie 2010). The viruses are 

introduced to the hosts’ bloodstream in the vectors’ saliva as it consumes the blood meal (Purse 

et al. 2005). Once in the host, the virus infects and replicates within endothelial cells and can also 

infect mononuclear phagocytes, such as dendritic cells (Patel et al. 2014). However, 

experimental evidence demonstrates that orbiviruses also can replicate in insect cells; this is 

central to the role of Culicoides spp. as a biological vector, as opposed to a mechanical one 

(Mertens et al. 1996). Other forms of virus transmission have been less frequently documented. 

Oral and fecal shedding of EHDV in experimentally infected white-tailed deer (Odocoileus 

virginianus) suggests that animal-to-animal transmission or environmental exposure to EHDV 

may be possible (Gaydos et al. 2004). Transplacental transmission of BTV has also been 

documented in cattle and sheep (Backx et al. 2009; Worwa et al. 2009; Batten et al. 2014; Ruder 

et al. 2015a). While these additional transmission routes have not been documented for all 

orbiviruses and are likely less common than vector-borne transmission in nature, it appears that 

alternative transmission routes may exist. 

1.3.1 Bluetongue - Genetic Variation 

A high degree of genetic variation has been observed for BTV, which has a near global 

distribution. The virus’ genome produces seven viral structural proteins (VP1-VP7), and three or 

four non-structural proteins (NP1-NP4) (Mertens et al. 1984; Ratinier et al. 2011; Patel et al. 

2014). Serotypes of BTV are specified primarily by the outer capsid VP2 protein, but the VP5 
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protein may also provoke antibody production (Savini et al 2011). Currently, there are 27 

recognized and distinct serotypes of BTV (Hofmann et al. 2008, Maan et al. 2011, Savini et al. 

2011, Maan et al. 2012; Zientara et al. 2014; McVey et al. 2015; Schulz et al. 2016). However, 

understanding BTV distribution and epidemiology is challenging and rapidly changing, as two 

putative/novel serotypes have been recently identified, which could potentially bring the number 

up to 29 (Wright 2013; Mann et al. 2015). Like other orbiviruses, the genetic heterogeneity of 

BTV is thought to occur due to genetic drift and genetic shift, which probably occurs when there 

is reassortment of viral genes during co- infections in the host (Bonneau and MacLachlan 2004; 

Shaw et al. 2013; McVey et al. 2015).  

1.3.2 Bluetongue - Pathology and Clinical Disease 

Bluetongue viruses typically are non-contagious and principally impact domestic ruminants 

(sheep, cattle) but may occasionally infect goats, South American camelids (llama [Lama 

glama]), wild or captive (e.g., zoo) ruminants, farmed cervids and some carnivorous species 

(MacLachlan et al. 2009; Verwoerd 2012; Allen et al. 2015; McVey et al. 2015). Domesticated 

and wild ruminants, such as goats, sheep, cattle, water buffalo, African buffalo (Syncerus caffer), 

bison (Bison spp.), some cervid species, wild caprids and ovids, and wildebeest (Connochaetes 

spp.) have been documented with natural BTV infection (Tessaro and Clavijo 2001; Backx et al. 

2007). Antibodies to BTV also have been identified in other wildlife such as the African elephant 

(Loxodonta africana), black and white rhinoceros (Diceros bicornis and Ceratotherium simum, 

respectively) and giraffe (Giraffa camelopardalis) in Africa, and collared peccaries (Pecari 

tajacu) in South America (Mushi et al. 1990; Anderson and Rowe 1998; Allen et al. 2015).  
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In North American wild animals, the majority of BT cases have been documented in mule 

deer (O. hemionus), white-tailed deer, pronghorn (Antilocapra americana) and bighorn sheep 

(Ovis canadensis) (Robinson et al. 1967; Stair et al. 1968; Hoff and Trainer 1972; Thorne et al. 

1988; Nettles and Stallknecht 1992; Ruder et al. 2015a). To date, there have been no or limited 

BTV outbreaks in wild ruminants (e.g., mouflon; Ovis aries musimon) reported in Africa and 

Europe, respectively. However, some captive wild animals from zoos were impacted during a 

recent BTV-serotype 8 outbreak in Europe (Miller and Fowler 2012; Ruiz-Fons et al. 2014). 

Species impacted included the North American bison (B. bison), European bison/wisents (B. 

bonasus), yak, musk ox (Ovibos aries musimon), blackbuck (Antilope cervicapra), fallow deer 

(Dama dama), and Bacterian camel (Camelus bacterianus) (Miller and Fowler 2012). However, 

there may be additional susceptible species, as some species may not have been previously 

exposed and/or ever been reported. Antibodies to BTV have been documented in carnivores, 

such as dogs, cats, cheetahs (Acinoyx jubutus), lions (Panthera leo), wild dogs (Lycaon pictus), 

jackals (Canis spp.), spotted hyenas (Crocuta crocuta), and large-spotted genets (Genetta 

maculate) (Oura and Harrak 2011; Allen et al. 2015). While reports of associated clinical BT 

disease in carnivores are rare, they include pregnant dogs that were experimentally inoculated 

with BTV-11, and two Eurasian lynxes (Lynx lynx) in Belgium infected with BTV-8 that were 

fed fetuses and stillborn ruminants from surrounding infected farms (Brown et al. 1996; Jauniaux 

et al. 2008). Similar to herbivorous species, BTV infections in carnivores (i.e., dog and Eurasian 

lynx) resulted in animals that appeared lethargic and were later found dead. Postmortem 

examination revealed pulmonary edema as the main gross lesion. One of the lynx had 

pneumonia.  
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Ruminants are variably susceptible to BTV-associated morbidity and mortality (depending on 

species, breed and serotype of virus), with the highest mortality rates among sheep (up to 100% 

in experimental studies; MacLachlan et al. 2009). In general, infected ruminants typically exhibit 

a prolonged viremia, and the small blood vessels sustain the majority of the injury because the 

virus targets endothelial cells (MacLachlan et al. 2009). Characteristic BTV lesions include 

hemorrhage and ulcers in the oral mucosa and buccal papillae and walls of the upper 

gastrointestinal tract, necrosis of skeletal and cardiac muscles, coronitis, subintimal hemorrhage 

in the pulmonary artery, and pulmonary edema (MacLachlan et al. 2009).  

1.3.2.1 Bluetongue - Sheep Clinical Signs 

As with most viruses, the severity of the disease depends on the individual host genetic 

composition and immune status, the serotype of the infecting BTV and numerous environmental 

factors. Infected sheep may become severely ill or remain subclinical (Williamson et al. 2008; 

Mellor et al. 2009; Ruder et al. 2015a). Fever, lethargy and depression, serous to mucopurulent 

nasal discharge, and hyperemia of the oral and/or nasal mucosa and coronary band of the hooves, 

are common clinical signs associated with BTV infection (Williamson et al. 2008). Swelling 

(edema) of the muzzle and the face may occur and can also include the aural and submandibular 

regions (Williamson et al. 2008; Mellor et al. 2009). The tongue and the lips may become 

severely swollen, which can lead to tongue cyanosis and protrusion from the mouth, and 

although this is considered the classical feature of BTV infections, in reality, it is a rare sequela 

(Mellor et al. 2009). Petechiae and ecchymoses can also occur at numerous anatomic sites (e.g., 

muzzle, oral, and/or coronary band), and erosions and ulcerations may result in drooling, 
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dysphagia, and anorexia. The coronary band involvement may cause hoof sloughing, leading to 

severe lameness (Mellor et al. 2009; Pardon et al. 2010).  

Bluetongue virus infection can cause stillbirths or abortion in pregnant sheep, and lambs may 

be born with congenital malformations (e.g., central nervous system, retinal and/or skeletal 

malformations) (Mellor et al. 2009). Overall, acute death typically is due to pulmonary edema or 

complications due to secondary bacterial infections (Darpel et al. 2007; Williamson et al. 2008; 

Mellor et al. 2009). Animals that recover from the disease tend to have abnormal wool and hoof 

growth (Mellor et al. 2009).  

1.3.2.2 Bluetongue - Cattle Clinical Signs 

Compared to sheep, cattle are more likely to become subclinically infected and act as 

reservoir hosts of BTV (Purse et al. 2015). When clinical signs develop, they tend to be mild and 

non-specific, for example malaise, inappetence and reluctance to move (Williamson et al. 2008). 

In rare cases, clinical signs in cattle may be similar to sheep, (e.g., facial/submandibular edema, 

and ulcers/erosions in the mouth and nasal discharge); however, these signs tend to be milder in 

cattle (Elbers et al. 2008; Pardon et al. 2010; Brenner et al. 2011; Patel and Roy 2014). Abortions 

and stillbirths may also occur in cattle, and there are rare reports of temporary sterility in infected 

bulls (Brenner et al. 2011).  

When severe BT disease occurs in cattle, it tends to involve co-infections with multiple strains 

or infection with a novel serotype, as well as a naïve population. For example, Brenner et al. 

(2011), identified a number of clinical signs in cattle during a recent outbreak in Israel that 

involved multiple serotypes, including both novel and endemic strains of BTV (serotypes 4, 5, 8, 

16 and 24). During more recent outbreaks of BTV in Europe, serotype 8 was associated with 
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more severe clinical signs (such as lameness due to coronitis), as well as cattle and calf mortality, 

which is not commonly observed in outbreaks (Dercksen and Lewis 2007; MacLachlan 2011; 

Garrett et al. 2015).  

Typically, the range of clinical outcomes is in part attributable to the susceptibility of the host 

or host species or the pathogenicity of the viral strains (McVey et al. 2015; Office International 

Epizootis 2015). To date, the basis of the considerable variation in susceptibility among host 

species is not known, and the virulence determinants are not well understood (McVey et al. 

2015).  

1.3.3 Epizootic Hemorrhagic Disease - Genetic Variation 

Like BTV, EHDV exhibits genetic diversity among viruses, serotypes and strains, albeit to a 

lesser degree. Serotype diversity for EHDV is determined by the VP2, and to a lesser extent, the 

VP5 outer capsid protein. Some serotypes demonstrate a high degree of identity among VP2 

gene sequences (Savini et al. 2011). Historically, based on serological reactivity tests, EHDV 

was classified as having eight distinct serotypes (Campbell and St George 1986). However more 

recently, Anthony et al. (2009), demonstrated that serotypes one and three were sufficiently 

similar to be considered as a single serotype, bringing the number of confirmed EHDV serotypes 

worldwide to seven. However, the characterization of EHDV serotypes and strains have caused 

confusion, and similar to BTV, there are some potential additional putative/novel serotypes, but 

their ability to cause disease has not been evaluated.  
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1.3.4 Epizootic Hemorrhagic Disease - Pathology and Clinical Disease 

Clinical disease and pathological findings associated with epizootic hemorrhagic disease are 

similar to BT. In general, EHDV and BTV are both capable of infecting a wide range of wild and 

domestic ruminants and the resulting clinical signs are similar (Savini et al. 2011). However, the 

species that appear to be more severely impacted with high levels of morbidity and mortality, 

and the geographic distribution of outbreaks (i.e., infection and disease) with EHDV can vary 

from BTV.   

White-tailed deer and pronghorn are most commonly and severely affected by EHDV 

infection. White-tailed deer and pronghorn can experience high population levels of morbidity 

and mortality (Chalmers et al. 1964; Ditchfield et al. 1964; Pybus et al. 2014; Ruder et al. 

2015a). Additional free-ranging ungulate species in North America may experience disease from 

EHDV (i.e., Elk (e.g., Wapiti; Cervus canadensis), mule deer, red deer [C. elaphus] and 

American bison); however, the clinical signs tend to be mild and mortality is rarely documented 

(Shope 1967; Breard et al. 2004; Dubay et al. 2004; Allison et al. 2010; Pfannenstiel and Ruder 

2015; Ruder et al. 2015a). As mentioned, lesions and clinical signs associated with EHDV 

infection in white-tailed deer are similar to BTV-infected sheep; the animal becomes weak and 

lethargic, and develops a fever and hyperemia of mucosa and conjunctiva of the head (e.g., oral, 

nasal, and sclera) as well as tongue (Fletch and Karstad 1971). Pathologically, gross lesions of 

BT and EHD are typically “indistinguishable” in white-tailed deer (Howerth et al. 2001). Severe 

pleural, peritoneal and pericardial effusion, pulmonary edema and multi-organ, 

petechial/ecchymotic hemorrhages (e.g., oral, nasal, tongue, mandibular salivary glands, serosal 

surface of the gastrointestinal tract, testicles) are common gross findings (Fletch and Karstad 



 

 

12 

 

1971; Howerth et al. 2001; Dubay et al. 2004). There are two key features of this disease that are 

considered pathognomonic: hemorrhage in the tunica media of the pulmonary artery and 

hemorrhage on the serosal surface of the pyloric region of the abomasum (Fletch and Karstad 

1971; Howerth et al. 2001; Dubay et al. 2004). However, these are not always present and should 

not be the sole features that are relied upon for diagnosing disease.  

Domestic bovids, such as cattle, infected with EHDV do not typically show any overt signs of 

clinical disease; however, there are exceptions (i.e., yaks – Can Campen et al. 2013; Raabis et al. 

2014). Higher mortality and morbidity can occur in areas without previous or recent virus 

incursion (i.e., non-endemic regions). EHDV-2 (Ibaraki strain) has caused severe clinical disease 

in cattle (Campbell et al. 1978; Breard et al. 2004; Savini et al. 2011). Clinical signs and 

pathology associated with EHDV-2 (Ibaraki strain) infection in cattle closely resemble those in 

cattle infected with BTV but with increased severity. Difficulty swallowing has been observed 

with a protruding, swollen tongue (Temizel et al. 2009). Notably, a widespread EHDV outbreak 

in Illinois (considered a non-endemic region for EHDV) in 2013 led to an average case-fatality 

rate in cattle of 26% with varied morbidity rates (1-12%) among both dairy and beef cattle herds 

(Garrett et al. 2015). With sheep, although most animals are subclinically infected with EHDV, 

some individuals develop viremia. This is a stark contrast to sheep with clinical signs of BTV, 

which can be fatally infected (Fletch and Karstad 1971; Thompson et al. 1988).  

In North America, EHDV not only causes varying levels of morbidity and mortality 

depending on host species, but geographical location also affects infection outcomes. Generally, 

herds that occur in more southern states of the USA tend to show less severe clinical disease, and 

less mortality (Ruder et al. 2015a). Whereas in the more northeastern states, populations 
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(especially of white-tailed deer) show severe morbidity and high levels of mortality. There is 

some speculation regarding these trends, but the prevailing hypothesis is that innate resistance 

has developed in certain populations of white-tailed deer populations in the south due to the 

constant selective pressure and year-round viral transmission (Nettles and Stallknecht 1992; 

Howerth 2015). In the more northern populations, animals come into contact with the virus and 

vector resulting in outbreaks less frequently (typically every 8-10 years), resulting in less 

immune protection and more outbreak potential (Ruder et al. 2015a).  

1.3.5 Detection methods 

Methods used to detect EHDV and BTV infection vary and depend on the goals of the testing, 

i.e., whether screening for evidence of past exposure via antibody detection or clinical diagnosis 

is warranted. Diagnostic tools include virus isolation (VI), reverse-transcriptase PCR (RT-PCR) 

and real-time RT-PCR (rtRT-PCR) for the detection of virus or viral nucleic acid, as well as 

serological assays such as agar gel immunodiffusion (AGID) test, enzyme-linked 

immunosorbent assay (ELISA) and serum neutralisation test (SNT) (Maan et al. 2012; Wilson et 

al. 2015; Kienzle et al. 2017; Office International Epizootis 2015). 

In general, more traditional culture-based tests (e.g., SNT, VI) tend to be more labor 

intensive, require more time to generate results, require access to standardised reagents (i.e., 

reference antisera) and may have false negative results with sample degradation (Maan et al. 

2012; Kienzle et al. 2017). In addition, SNT can be difficult to interpret since samples may have 

an inconsistent response to multiple BTV serotypes (especially in the case of previous natural 

infections or vaccination) due to cross-reactivity of serotype-specific antibodies (Maan et al. 

2012). Reverse-transcriptase PCR and sequencing have an advantage over other detection 
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methods since they provide more rapid results (after initial set-up), and are more sensitive than 

more traditional, serological tests (Maan et al. 2012; Wilson et al. 2015; Kienzle et al. 2017). In 

addition, these tests lend themselves better to the needs of high throughput sample sets, and 

samples that may be in poor condition (Kienzle et al. 2017). While there are certain rtPCR 

primer sets available that are specific for certain endemic North America serotypes, these primer 

sets do not always work well with tissue-based RNA (Stilwell pers. comm.). Work is ongoing in 

this area to allow the use rtPCR in identifying EHDV serotypes (Maan et al. 2010; Maan et al. 

2015b; Stilwell pers. comm.). However, the molecular techniques do not allow for viral 

infectivity determination, which is important for potential clinical cases and epidemiological 

studies (Kienzle et al. 2017). Thus, it is evident that both approaches serve different purposes and 

should be used in conjunction when possible. 

1.4 VECTORS (Culicoides spp.) 

Culicoides is a genus of small biting insects that belongs to the Ceratopogonidae family. The 

body length of these insects rarely exceeds 3 millimeters (Mellor et al. 2000; Savini et al. 2011; 

Carpenter et al. 2013). They also are identifiable by the characteristic wing pigmentation patterns 

and distribution of wing microtrichia which is their principle diagnostic features (Harrup et al. 

2015). Over 1400 species of Culicoides have been documented worldwide and 96% of these are 

obligate blood feeders that utilize a variety of vertebrate hosts (e.g., birds and mammals, 

including humans) (Savini et al. 2011; Purse et al. 2015; Ruder et al. 2015a). Culicoides spp. 

inhabit all major land masses except Antarctica and New Zealand (Mellor et al. 2000; Borkent 

2004; Borkent 2013). Thus, these insects utilise a variety of different habitats, especially areas of 

intensive agriculture or forests (Purse et al. 2015).  
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Culicoides spp. go through numerous developmental stages: egg, four larval instars, pupae 

and adult (Carpenter et al. 2013). Culicoides spp. develop in a wide array of environments and 

substrates (e.g., animal waste, within tree cavities), but generally require moist areas, which is 

key to the development of the eggs, larvae and pupae (Mellor et al. 2000; Pfannenstiel et al. 

2015; Pfannenstiel and Ruder 2015; Purse et al. 2015). Certain species may require specific 

environmental characteristics to develop and survive (Carpenter et al. 2013; Pfannenstiel et al. 

2015); however, specific information for many Culicoides spp. is limited, especially for those 

currently known to exist in North America (Pfannenstiel et al. 2015). Anthropogenic activities 

(e.g., grouping livestock and/or altered landscapes) likely affect the natural behaviors of wild 

animals while concurrently creating optimal developmental habitats for certain Culicoides spp. 

(Pfannenstiel et al. 2015). Because habitat characteristics are important to midge development, it 

may be a major limiting factor in their ability to establish in new geographical areas (Mellor et 

al. 2000; Carpenter et al. 2013). This limitation not only impacts their distribution, but their 

abundance and seasonal occurrence (Mellor et al. 2000).  

Culicoides sonorensis often prefer areas that include “waste-enhanced mud,” (i.e., manure-

polluted mud) and wastewater ponds (Mullens 1989; Tabachnick 1996; Mayo et al. 2014; 

Pfannenstiel et al. 2015). Male C. sonorensis emerge from their eggs as pupae earlier than 

females and as adults, only fly a few hundred meters from their larval habitat. In contrast, 

females require a bloodmeal and thus may fly long distances to seek suitable hosts (Braverman 

1994). For example, C. variipennis have been reported to fly as far as 4 km (Lillie et al. 1981; 

Braverman 1994). Although Culicoides spp. are generally poor fliers; they can be carried by 

prevailing winds for hundreds of kilometers (e.g., 700 km) (Sellers et al. 1977; Sellers and 
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Maaroof 1989). Adult male C. sonorensis feed solely on nectar, while the females are 

hematophagous, feed mostly on mammals and tend to feed from dusk until dawn (Mellor et al. 

2000). Blood meals are necessary for oogenesis, and temperature is also important because it can 

impact the egg development time, i.e., egg development time may be reduced at higher 

temperatures, and extended at lower temperatures (Mullens and Holbrook 1991). After they are 

deposited, the eggs hatch in two to nine days depending on temperature; this typically occurs in 

summer conditions in temperate regions (Braverman 1994). After hatching, larvae progress 

through four instars; the third and fourth of which serve as overwintering generations, after 

which pupation occurs (Lysyk 2007). The adults tend to live less than 20 days with a maximum 

survival of three months (Purse et al. 2015). In a laboratory setting, Lysyk and Danyk (2007) 

reported the longevity of adults varies with temperature (e.g., 12-19 days at 10°C; 9-10 days at 

30°C). For instance, adult survivorship decreases as temperature increases. In the field, C. 

sonorensis have been collected at 5°C (Gerry and Mullens 2000), but the population of adult 

midges tends to peak at 16°C (Lysyk 2007).  

The number of studies aimed at the detection and documentation of Culicoides spp. 

abundance and distribution across Canada is limited. Studies focused on Culicoides spp. 

distribution and abundance have occurred in Alberta, and more recently, in Ontario (Lysyk 2006; 

Jewiss-Gaines et al. 2017). In Alberta, C. sonorensis abundance appears to peak in mid July and 

late August (Lysyk 2006). In contrast, in the Hamilton region of Ontario, higher abundance was 

detected in late June and mid August of 2013 and late July of 2014 (Jewiss-Gaines et al. 2017). 

There appear to be slight variations in abundance and species based on geographical location; 

however, the lack of available data makes it difficult to draw conclusions. Specifically, for 
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Ontario, Culicoides spp. phenology is poorly understood due to a paucity of trap season details 

(Jewiss-Gaines et al. 2017).  

Adding to the difficulty in assessing Culicoides spp. spatiotemporal patterns, global climate 

change likely affects the spread and establishment of many arthropods as well as the pathogens 

they transmit. When parameters for tropical or temperate vectors are expanded, there is a 

concurrent risk of spread and establishment of invasive (i.e., non-native) insect species 

(MacLachlan and Guthrie 2010; Ruder et al. 2015a). Due to climate change, northern areas 

including regions of Canada, are facing an increased risk for new Culicoides species or even 

endemic ones to encroach in new areas, allowing for longer feed/reproduction cycles. If these 

species are competent arboviral vectors, this can result in an increased of risk of arboviral spread 

to naïve populations of animals.  

1.4.1 Vector Capacity  

The efficiency at which a vector transmits a pathogen is influenced by a number of variables, 

mainly, vector density, longevity and competence (Beerntsen et al. 2000). Furthermore, 

environmental, behavioural, cellular and biochemical factors also play a role (Beerntsen et al. 

2000). Despite their known capability to transmit a variety of pathogens of veterinary and public 

health importance, the vector capacity of Culicoides spp. is poorly understood (Carpenter et al. 

2013). Over 50 viruses of potential concern to human and veterinary health have been isolated 

from Culicoides spp. (Borkent 2004; Meiswinkel et al. 2004; Carpenter et al. 2013). For 

example, in addition to BTV and EHDV, Culicoides spp. (i.e., C. sonorensis) are known vectors 

for the recently described Schmallenberg virus (SBV), which was originally isolated from cows 

in Germany in 2011 (Veronesi et al. 2013). This virus can cause stillbirths and birth defects in 
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various ruminant livestock species, and has not yet been reported in North America (Veronesi et 

al. 2013).  

The World Health Organization (WHO) requires four steps to consider an insect a vector for a 

given pathogen: 1) isolation of the virus from a field-collected and blood-free vector, 2) infection 

of the insect (through a blood meal) from a lab-infected host, 3) transmission from the infected 

insect to a suitable host, and 4) demonstrated contact between the insect and host in the field 

(World Health Organization 1967; Savini et al. 2011; Ruder et al. 2016). Using this standard, in 

the United States, only two Culicoides spp. are confirmed as vectors for BTV (i.e., C. sonorensis 

and C. insignis) (Tanya et al. 1992; Tabachnick 1996; Pfannenstiel and Ruder 2015), and only C. 

sonorensis has been confirmed as a vector for EHDV (Foster et al. 1977; Jones et al. 1977; 

Foster et al. 1980; Greiner et al. 1985; Mullen et al. 1985; Smith and Stallknecht 1996; 

Pfannenstiel and Ruder 2015). As the above four WHO criteria suggest, a great deal of time and 

effort is required to establish vector competence and for BTV and EHDV, there likely are a 

number of additional but currently unrecognized Culicoides spp. vectors.   

Vector-borne pathogen spread depends on the vectors’ life cycle. For Culicoides spp., habitat 

is important for the development, density and persistence in the environment (Purse et al. 2015). 

Since both BTV and EHDV are similar viruses, with similar epidemiologic patterns, it is 

plausible that there is overlap in the vector species that transmit these pathogens. However, 

variations in their respective worldwide spread (i.e., Europe) may indicate potential variations in 

competent vectors (or susceptible hosts) (Carpenter et al. 2008; Savini et al. 2011). Subtle 

differences in environmental, behavioural, cellular and biochemical factors can impact the 

probability of pathogen transmission by a vector. These differences may include vector 
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longevity, density, competence, and contact rates with virus-amplifying or maintenance hosts 

(Beerntsen et al. 2000; Harrup et al. 2015). Although C. sonorensis has been identified in the 

Canadian provinces of British Columbia, Alberta, Saskatchewan, Manitoba and Ontario 

(Downes 1978; Lysyk and Dergousoff 2014; Jewiss-Gaines et al. 2017), its ability to act as the 

primary vector of HD in Canada has yet to be confirmed. Other vectors (either other biting 

midges, or other Culicoides spp.) could potentially act as vectors for these orbiviruses. A more 

complete understanding of the diversity, distribution and relative abundance of potential 

orbivirus vectors in North America is lacking and represents a knowledge gap in the eco-

epidemiology of EHDV and BTV (MacLachlan and Guthrie 2010). As such, the biology and 

ecology of Culicoides spp. and arboviruses in North American populations remains an important 

area for future research (Pfannenstiel et al. 2015; Pfannenstiel and Ruder 2015).  

 

1.5 GEOGRAPHICAL SPREAD 

1.5.1 Geographical Spread of BTV and EHD 

Historically, BT and EHD virus distribution zones are delineated between the latitudes of 40 

to 50 ̊ North and 35 ̊ South (McVey et al. 2015) and the conventional explanation for this is that 

virus distribution is limited by vector (Culicoides spp.) distribution. However, while EHDV and 

BTV share similar vector species, the global distribution of these viruses differs. For example, 

EHDV has not been reported in Europe; however, numerous distinct BTV serotypes and BT 

disease outbreaks (some still ongoing) have been documented in Europe (Savini et al. 2011; 

McVey et al. 2015). Interestingly, EHDV has been reported in many other parts of the world, 

such as Australia and the Americas, as well as some areas that border Europe such as Asia, and 
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Africa (Savini et al. 2011; Purse et al. 2015). It should also be noted in some regions of the 

world, EHDV has not been monitored as closely as BTV and thus, it remains to be determined 

whether areas of potential EHDV distribution are yet undocumented or whether the virus may act 

differently than BTV. Nevertheless, it appears that the global distribution of both viruses is 

changing and there has been recent expansion of some BTV serotypes worldwide.  

1.5.2 Bluetongue in Europe 

During the 20th century, portions of southern Europe (specifically, the Mediterranean) 

experienced transitory spread of BTV with periodic, short-lived outbreaks (Mellor and Wittmann 

2002; Caporale and Giovannini 2010). Although Europe historically has numerous, endemic 

BTV serotypes (Caporale and Giovannini 2010; Faes et al. 2013), the conventional 

understanding of the BTV geographic (i.e., latitudinal) restrictions was challenged in 1998 when 

multiple serotypes of BTV were reported throughout more northern portions of the continent, 

some of which were associated with clinical disease in livestock (Mellor and Leake 2000; 

Gomez-Tejedor 2004; Rodriguez-Sanchez et al. 2008; MacLachlan 2010; Lysyk and Dergousoff. 

2014). Collectively, from 1998 to 2011, nine BTV serotypes were documented in Europe (Maan 

et al. 2012).  

In more recent European outbreaks, BTV spread throughout western Europe. From 2006 to 

2008, the emergence and spread of an exotic serotype (BTV-8) was identified in livestock in 

northwestern Europe (Belgium, Netherlands, Luxemburg, Germany, and France) (Purse et al. 

2005; Toussaint et al. 2006; Purse et al. 2008; Guis et al. 2012; Faes et al. 2013; McVey et al. 

2015). Prior to this, the known geographic distribution of BTV-8 was limited to Africa, Central 

America and southeast Asia (Backx et al. 2007; Faes et al. 2013). At the time, observers 
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hypothesized that transport of infected livestock and midges was the cause of this expansion 

(Faes et al. 2013). However, it is worth noting that these studies did not confirm the presence of 

the virus in vectors (Purse et al. 2005; Toussaint et al. 2006).  

1.5.3 Bluetongue in North America 

Like Europe, the United States has also experienced geographic spread of BTV serotypes as 

well as the introduction of novel serotypes in recent years. In the United States, BTV-10 was the 

first serotype isolated from the muzzles of sheep in 1952 in California (McKercher et al. 1953; 

McVey et al. 2015). Later, Barber (1979) identified BTV serotypes 11, 13, and 17 (from sheep, 

cattle, wild ruminants and vectors) and Gibbs et al. (1983) identified serotype 2 in cattle in 

Florida. Since then, an increasing number of serotypes have been reported in the United States. 

BTV serotypes previously considered exotic to the US (-1, -3, -5, -6, -14, -19, -22, and -24) have 

been identified in the Southeast (MacLachlan 2011; Maan et al. 2012), including identification of 

BTV-1 in a white-tailed deer in Louisiana in 2004 (Johnson et al. 2006). In 2008, two additional 

BTV serotypes were identified; these included serotypes -9 from Florida, and -12 from Texas 

(Maan et al. 2012; Schirtzinger et al. 2018). Most recently, BTV-2 was isolated from cattle in 

California; this was the first detection of this serotype in North America outside of the 

southeastern US since the first detection of BTV in the 1980s (Mecham and Johnson 2005; 

MacLachlan and Mayo 2013; Gaudreault et al. 2014). 

Bluetongue infection and disease has been rarely documented in Canada since the first noted 

incursion of BTV in British Columbia (BC) in 1975 that was attributed to cattle imported from 

the US (Thomas et al. 1982). This finding sparked further testing, and in 1976, BTV activity was 

detected by serology in a ranch that was in close proximity to the 1975 importation (Dulac et al. 
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1989; Thomas et al. 1982). After this, Thomas et al. (1982) searched for evidence of virus 

establishment in Canada (especially in the Okanagan Valley) by collecting whole blood from 

deer, cattle and other livestock in abattoirs in BC, Alberta, Saskatchewan, Manitoba, Ontario and 

the Maritimes (Thomas et al. 1982). They tested over 14,000 animals, including cattle, sheep, 

goats and mule deer, for BTV antibodies from 1976-1979, and identified 1510 seropositive 

samples. These positive samples were mostly collected in 1976, with fewer in 1977, 1978, and 

1979 (1486, 19, 3, and 2, respectively). This led to the conclusion that the initial BTV detection 

and ensuing transmission were based on an isolated introduction involving an infected midge, 

with local transmission occurring from endemic species, and that climatic factors were involved. 

Based on their findings, Thomas et al. (1982) surmised that BC and Canada were effectively 

BTV-free. This event was limited to seropositive animals, none of which appeared diseased. The 

first case of BTV-associated disease (serotype 11) was diagnosed in 1987 from sheep in the 

Okanagan Valley (Sterritt and Dulac 1991).  

Since this earliest detected incursion and initial surveillance, there have been continued 

serological surveys of cattle throughout Canada (southwestern Alberta, Saskatchewan, Manitoba 

and Ontario) to determine Canada’s BTV status (Dulac et al. 1989; Sterritt and Dulac 1991; 

Sellers and Maarouf 1991; Shapiro et al. 1991). Shapiro et al. (1991) performed a serological 

survey of 4,610 cattle from BC (southwestern, southcentral, southeastern) and Alberta 

(southwestern), which revealed five cattle with antibodies to BTV-11, and 16 animals with 

antibodies either to BTV-11 or EHDV-2. Interestingly, all seropositive animals were from the 

Okanagan Valley with a single exception from southwestern Alberta. It was noted that the 

animal from Alberta was pastured with a bull from the Okanagan area, which may have 
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facilitated infection but this was never confirmed. The Okanagan Valley is now considered 

endemic for BTV and the primary mode of incursion was via infected Culicoides spp. introduced 

from affected areas to the south (i.e., the northwestern US) and facilitated by weather patterns 

(i.e., wind-blown Culicoides spp.) (Sellers and Maarouf 1991).  

There has been much less research emphasis on BTV in Ontario, where serosurveillance has 

focused on collecting samples from abattoirs. Nevertheless, in 2015, the Canadian Food 

Inspection Agency (CFIA) identified three cattle as seropositive for BTV-13 in southwestern 

Ontario during routine slaughter surveillance (Office International Epizootis 2015). In general, 

EHDV is not studied nor tracked as consistently as BTV in Canada (Shapiro et al. 1991). 

1.5.4 Epizootic Hemorrhagic Disease in North America 

The global distribution of EHDV is not as well understood as for BTV. Its currently 

recognized range is based on reported cases, with the estimated latitudinal range from 35 ̊ South 

to 49 ̊ North (Savini et al. 2011). This limited distribution likely reflects the distribution of 

competent vector species (i.e., Culicoides spp.) (Savini et al. 2011). Thus, EHDV shares a 

similar distribution pattern to BTV. Cases of EHDV have been identified in the Americas, 

Africa, Australia and Asia (Breard et al. 2004; MacLachlan and Guthrie 2010; Savini et al. 2011; 

Ruder et al. 2015a) and more recently in Morocco, Algeria, Tunisia, Israel, Jordan and Turkey 

(Yardin et al. 2008; Temizel et al. 2009; Kedmi et al. 2010). Unlike BTV, EHDV has not yet 

been identified in Europe, the reason(s) for this remain unclear (Savini et al. 2011). Epizootic 

hemorrhagic disease virus and BTV have similar transmission ecology, including vectors, and 

thus, the likelihood of EHDV spread would be predicted to be high as has occurred for BTV. 

However, the lack of EHDV incursion into Europe may reflect different key vector species, 
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different competent host species, or other small-scale differences in factors that may fuel 

transmission dynamics (Pfannenstiel et al. 2015; Ruder et al. 2015a). 

Epizootic hemorrhagic disease virus was confirmed in North America in 1955 when it was 

first recognized in white-tailed deer in the state of New Jersey (Shope et al. 1955), and soon 

after, in South Dakota (Shope et al. 1960; Tsai and Karstad 1970; Gorman 1990; Breard et al. 

2004). Among the seven recognized EHDV serotypes, three have been detected in North 

America (MacLachlan and Guthrie 2010; McVey et al. 2015; Ruder et al. 2015a). Serotypes 1 

and 2 were first described in the 1950s, but more recently, in 2006, serotype EHDV-6 was first 

identified and is believed to be a novel reassortment (containing RNA segments) from an exotic 

EHDV-6 serotype and an endemic EHDV-2 serotype (Allison et al. 2010; McVey et al. 2015). 

In Canada, EHDV is rarely and sporadically detected in the southern portions of BC, Alberta, 

and Saskatchewan, and was most recently detected in Ontario in 2017 (Dulac et al. 1989; Dulac 

et al. 1992; Pybus et al. 2014; Allen et al. 2019) (Table 1.1). The first reported clinical cases of 

EHD in Canada occurred in Alberta in 1962 and were associated with mortality of over 400 

white-tailed deer, 20 mule deer, and 15 pronghorns (Chalmers et al. 1964; Ditchfield et al. 1964). 

Similar to BTV, both EHDV clinical case reports and passive surveillance studies have 

contributed to documenting the distribution and spread of EHDV in Canada (Dulac et al. 1989; 

Shapiro et al. 1991; Dulac et al. 1992; Pasick et al. 2001; Pybus et al. 2014). Antibodies to 

EHDV were identified in domestic cattle in serosurveillance conducted by the CFIA (Shapiro et 

al. 1991; Dulac et al. 1992). More recently in 2013 and 2017, two outbreaks were documented in 

Canada. First, Pybus et al. (2014) documented 50 white-tailed deer and three pronghorns found 

dead in southern Alberta. Second, in southwestern Ontario, two white-tailed deer carcasses 
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submitted to the Canadian Wildlife Health Cooperative were diagnosed with EHD (Chapter 2, 

Allen et al. 2019). Some have speculated that EHDV outbreaks and seropositive WTD in the 

eastern and midwestern US are likely the source of the small, localised Canadian outbreaks, and 

that the virus may have arrived via wind-carried, EHDV-infected midges (Pybus et al. 2014).  

 

1.6 RISK FACTORS FOR DISEASE 

The initial introduction of orbiviral HD to non-endemic regions is often attributed to the 

transport of viremic livestock and/or weather/meteorological patterns favorable to the arrival of 

wind-bound, infected midges (MacLachlan and Guthrie 2010; Faes et al. 2013). There are a 

number of risk factors that can affect Culicoides spp. and/or HD incursion, as well as the 

potential spread into previously uninfected areas (Baylis et al. 2001; Wittmann et al. 2001; Purse 

et al. 2004; Caporale and Giovannini 2010; Faes et al. 2013; Ruder et al. 2015a; Zuliani et al. 

2015). Much of the existing research into risk associated with viral and/or vector spread has 

originated from European countries with less attention to North America, especially Canada 

(Lysyk 2007; Lysyk and Dergousoff 2014; Ruder et al. 2015a; Zuliani et al. 2015). Overall, 

when looking at risk of disease, studies tend to either focus on vector distribution and the factors 

that could impact this distribution, or on seroprevalence and distribution of seropositive hosts as 

well as the factors that could impact populations.   

Past studies on BTV and EHDV often have focused on risk factors associated with the 

distribution of potential or suspect vectors (Zuliani et al. 2015). Some of these risk factors that 

could potentially impact vector distribution include landscape elements (e.g., elevation) (Baylis 

et al. 2001; Wittmann et al. 2001; Purse et al. 2004; Acevedo et al. 2010; Zuliani et al. 2015), 
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host density (Acevedo et al. 2010), precipitation (Wittmann et al. 2001; Acevedo et al. 2010; 

Zuliani et al. 2015), temperature (Baylis et al. 2001; Wittmann et al. 2001; Purse et al. 2004; 

Acevedo et al. 2010), and vegetation (Baylis et al. 2001; Purse et al. 2004; Acevedo et al. 2010). 

In Canada, vector distribution studies in Alberta identified numerous important risk factors for C. 

sonorensis northern expansion through distribution modelling (Zuliani et al. 2015). The 

following key risk factors were positively associated with the ability of C. sonorensis to expand 

their northern range: topography (elevation), land cover (water bodies/cropland/grassland), 

precipitation (the mean precipitation in May), and a deficit in vapour pressure (i.e., the difference 

between moisture in air and how much moisture air can hold) in July. Because vector distribution 

plays a substantial role in the incidence of orbiviral infections in ruminants, a more complete 

understanding the factors that affect this distribution is needed to assess the risks for and 

projected patterns of future spread. 

Vector distribution can also be directly impacted by land use. For instance, midges thrive in 

moist environments; as such, wetland cover has been shown to have a positive relationship with 

HD-associated morbidity in white-tailed deer (Berry et al. 2013; Ruder et al. 2015a). Researchers 

also have shown that C. sonorensis midges prefer farm land, as it provides proximity to abundant 

blood meal sources (e.g., livestock), and also provides numerous water sources that are often 

contaminated with organic material, which is ideal for egg and larval development (Holbrook et 

al. 2000; Mayo et al. 2014; Ruder et al. 2015a).  

Other studies have looked at which environmental factors could have an effect on HD 

incidence and/or seroprevalence (i.e., antibody detection in a target sample). Factors that have 

been evaluated include temperature (Boyer et al. 2008; Xu et al. 2012), precipitation (Sleeman et 
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al. 2009; Xu et al. 2012; Faes et al. 2013), vegetation (Sleeman et al. 2009; Xu et al. 2012), land 

cover (Berry et al. 2013; Faes et al. 2013), wind (including speed) and dew point (Xu et al. 2012; 

Faes et al. 2013). Land cover (e.g., farm, forest, and wetland) is an important environmental 

variable that can impact the establishment and severity of HD in both domestic and wild 

ruminants. Land characteristics impact host distribution and density (e.g., forests attract white-

tailed deer vs. farms that house livestock) (Mellor et al. 2000; Pfannenstiel et al. 2015). Forest 

and pasture cover also have been shown to increase the risk for BTV spread and are associated 

with higher EHDV seroprevalence among cattle (Sleeman et al. 2009; Faes et al. 2013). In 

Europe, it was noted that areas with the largest amount of forest and pasture coverage were those 

that were impacted the most by a BTV-8 outbreak in cattle, and it was concluded that these are 

the types of areas most at risk in future outbreaks (Faes et al. 2013).  

Meteorological variables such as temperature and precipitation can play a role in HD risk to 

livestock and wildlife. The importance of precipitation seems to vary by region and can also be 

impacted by other factors. Sleeman et al. (2009) concluded that summers with low levels of 

precipitation, which can cause a concentration of hosts and vectors around diminishing water 

sources, favoured Culicoides spp. development and thereby supported EHDV transmission. 

Summer also provides higher temperatures, which are another important factor in the spread of 

HD. Research consistently reveals that HD outbreaks tend to coincide with periods of high 

temperatures (i.e., late summer and early fall) and seasonal peak midge population numbers 

(Wittmann and Baylis 2000; Baylis et al. 2001; Wittmann et al. 2001; Sleeman et al. 2009; 

Savini et al. 2011; Mayo et al. 2014). Moreover, just as midge distribution depends both on 

temperature and range, the intrinsic incubation period and replication of arboviruses within a 
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vector are closely tied to ambient temperature (Ruder et al. 2015b). Because of this, 

immunonaïve domestic and wild animals can face increased risk of orbiviral infection associated 

with warming climates, and northern latitudes are especially vulnerable to these effects (McVey 

et al. 2015). Finally, in several studies, researchers documented that factors such as temperature 

and land use may act in concert with precipitation levels to affect HD orbivirus transmission and 

severity (i.e., scale) of resulting outbreaks (Sleeman et al. 2009; Faes et al. 2013).  

The above information reveals that there is variation among research results as to the best 

indicators of orbiviral HD incidence and distribution. This may in part be due to regional 

differences in climate and existing vector populations. The vector-host-virus system for 

orbiviruses is thus highly complex, with the biology and distribution of vectors, viruses, and 

hosts affected by numerous external factors.  

 

1.7 ADDTIONAL ARBOVIRUSES OF IMPORTANCE TO LIVESTOCK, WILDLIFE, 

AND PUBLIC HEALTH 

While BTV, EHDV and their vectors (Culicoides spp.) make up the majority of the research 

presented herein, additional arboviruses may be circulating in free-ranging and captive ungulates 

across Ontario that pose a poorly understood threat to public health (as zoonotic pathogens), 

wildlife, and/or domestic animals.  

1.7.1 West Nile virus and eastern equine encephalitis 

The main mosquito vectors for West Nile virus (WNV) are Culex pipiens and Cx. restuans in 

eastern Canada, and Cx. tarsalis in western Canada (Kramer et al. 2008; Ludwig et al. 2019). 
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While WNV transmission typically follows its natural enzootic cycle that involves birds and 

mosquitoes, it also can infect a large number of mammalian species, including a variety of cervid 

species (Kramer et al. 2008; Root 2013; Root and Bosco-Lauth 2019). Cervids and most other 

mammals are considered dead-end hosts, since they tend to have a short-duration and low-level 

viremia (i.e., below the virus threshold needed to re-infect mosquitoes) (Blitvich 2008; Root 

2013).  

In North America, WNV initially was identified in 1999 in New York State. Since then, the 

spread and establishment of the virus, as well as the potential role of a variety of vertebrate hosts, 

and a variety vectors, have been thoroughly investigated (Farajollahi et al. 2004; Santaella et al. 

2005; Farajollahi et al. 2011; Pedersen et al. 2017). Studies on WNV seroprevalence in cervids 

(mainly white-tailed deer) in the US revealed that seroprevalence (indicating prior infection) 

varies from state to state (Farajollahi et al. 2004; Santaella et al. 2005; Pedersen et al. 2017). For 

example, Pedersen et al. (2017) identified 2.2% (n=5/227; CIs 0.9-5.1) of white-tailed deer in 

Michigan had antibodies to WNV, with 4.3% (n=12/278; CIs 2.5-7.4) of those in Pennsylvania, 

and 0.0% (n=0/21; CIs 0-15.5) of those tested in Ohio from carcasses (blood collected from 

intracardiac puncture post mortem). Another study from New Jersey analysed hunter-killed 

white-tailed deer serum samples, where 0.9% (n=6/689) were seropositive for WNV (Farajollahi 

et al. 2004). While the sample sizes vary between these studies, similar to EHDV and BTV, 

seasonal variances, landscape, host biology, and even vector availability in a given region can 

greatly affect WNV prevalence over time and space.  

West Nile virus-associated morbidity and/or mortality in cervids (specifically white-tailed 

deer) are very rarely documented (Miller et al. 2005). To date, no cases of WNV-associated 
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disease in white-tailed deer have been detected in Ontario; however, the possibility that such 

cases may have been missed must be considered. Detections in additional cervids in Canada also 

are rare but includes WNV seropositive, captive, woodland caribou in Alberta (Curry et al. 

2014). Thus, although the potential impacts of WNV on captive and wild cervids or ruminant 

species in Canada are perceived to be low, continued monitoring is warranted, especially for at-

risk populations such as wild caribou. Further, changing climatic and landscape conditions 

warrant additional research into arboviruses ecology and distribution in northern regions and the 

cervid populations that live in these areas. 

The primary mosquito vector for eastern equine encephalitis virus (EEEV) is Culiseta 

melanura (Armstrong et al. 2008; Ludwig et al. 2019). Eastern equine encephalitis is recognized 

as the most highly fatal mosquito-borne disease among humans in North America (Public Health 

Ontario 2014). While disease in humans, equids, and other susceptible species is infrequently 

documented, due to the high morbidity, including permanent neurological impairment, and high 

mortality, it is an important public and animal health threat (Villari et al. 1995; Armstrong and 

Andreadis 2013; Public Health Ontario 2014; Downs et al. 2015). Due to the poor prognosis of 

EEEV infections in humans, it is especially important to understand the virus ecology and 

geographic distribution, particularly in the light of climate change (Public Health Ontario 2014). 

Serosurveillance among potential hosts, especially those that may act as a sentinel, is a feasible 

approach for a better regional understanding of EEEV in Ontario. 

Serological evidence of EEEV infections in free-ranging white-tailed deer has been reported 

in a number of states in the US and in one province in Canada (i.e., Quebec) (Molaei et al. 2015; 

Rocheleau et al. 2013; Pedersen et al. 2017). Recently published research on EEEV has revealed 
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fairly consistent seroprevalence among white-tailed deer in some states, such as Georgia (14.1%; 

n=14/99), Maine (7.1%; n=16/226; 14.2%; n=47/332) and Vermont (10.2%; n=50/489) (Tate et 

al. 2005; Berl et al. 2013; Mutebi et al. 2011; Mutebi et al. 2015). However, as for WNV, there is 

variation among regions as Pedersen et al. (2017) recently reported that two states in close 

proximity to Ontario - Michigan and Pennsylvania had lower seroprevalence (1.3%; n=3/227 and 

2.9%; n=8/278, respectively) from harvested white-tailed deer. As for other arboviruses, the 

prevalence variation between these studies, could be due to the environment where these deer 

frequent (i.e., wetlands, agricultural, forest, etc.), the host population and the vectors availability 

(i.e., mosquito habitat ideal for specific EEEV vectors). Additionally, sample size did vary 

slightly across these studies, but like a number of free-ranging surveillance studies, the sample 

size was based primarily on the authors abilities to collect samples opportunistically. Estimates 

of seroprevalence of EEEV among white-tailed deer in Ontario would provide an interesting 

comparison with these eastern US states, especially those that are in close proximity to the 

border.  

To date, there have been no confirmed cases of human EEEV in Ontario (or Canada) (Public 

Health Ontario 2014); however, Michigan, which borders Ontario, has reported cases yearly 

(Schmitt et al. 2007; Michigan Department of Health and Human Services 2019). In North 

America, there have been few published cases of morbidity and mortality in free-ranging deer 

due to EEEV (Tate et al. 2005; Schmitt et al. 2007), there have been a few reports of EEEV-

seropositive wild moose in the US (Mutebi et al. 2012; Lubelczyk et al. 2014). 



 

 

32 

 

1.7.2 Powassan virus and heartland virus 

With the increase of geographical distribution of certain tick vectors and wildlife reservoirs, 

there has been an increase in diagnosed tick-borne infections and associated disease in humans 

and domestic animals (i.e., dogs and cats) in certain regions of North America (Shaw et al. 2001; 

Nicholson et al. 2010). Some have attributed this to increased habitat encroachment and 

alterations by humans and climate change, resulting in a surge in studies focused on arboviruses 

such as Powassan virus (POWV) and Heartland virus (HRTV) (Mansfield et al. 2017; Corrin et 

al. 2018). Additionally, some have stated the increase may reflect the increase in awareness, 

reporting and improvement of molecular techniques (Corrin et al. 2018). However, tick-borne 

viruses again provide a complexity of interacting factors to be examined, including complex viral 

ecological cycles in which vectors undergo multi-stage life-cycles (i.e., larva, nymph and adult), 

involving multiple hosts depending on the stage and type of blood meal required for continued 

development (Mansfield et al. 2017). These multiple life stages, addition of competent hosts and 

increasing vector biodiversity may increase the risk of viral transmission, amplification and 

potential distribution (Ogden and Tsao 2009; McCoy et al. 2013). Powassan virus was first 

isolated from a human patient with encephalitis in 1958 from Powassan Ontario and since then 

POWV has been detected across much of North America, primarily involving the eastern portion 

of Canada and the United States (McLean and Donohue 1959; Hermance and Thangamani 

2017). Powassan virus is of particular interest as a public health threat, as the virus can transmit 

early after the tick begins host feeding, and the incidence of neurologic disease in human hosts is 

high (Ebel 2010; Smith et al. 2018). 
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Powassan virus is primarily vectored by the blacklegged tick (Ixodes scapularis), and ticks 

harboring POWV have been detected in Nova Scotia, Ontario and Manitoba (Ebel 2010; Smith 

et al. 2018). The blacklegged tick is a somewhat non-discriminate feeder and requires multiple 

hosts to develop, and large cervids (e.g., white-tailed deer) are a common bloodmeal host for 

adult ticks (Kocan et al. 2015). Various studies have assessed the use of wild mammals as 

sentinels of virus activity. Smith et al. (2018) attempted to show that wild meso-carnivores [e.g., 

raccoons (Procyon lotor), groundhogs (Marmota monax)] could serve as sentinels for POWV in 

southern Ontario, and identified low infection rates (0.4%).  

Similar to POWV, HRTV is a zoonotic, tick-borne virus that was first reported in human 

patients in Missouri in 2009 (McMullen et al 2012). This virus can infect a large number of 

mammalian hosts, and the primary vector appears to be the lone star tick (Amblyomma 

americanum) (Bosco-Lauth et al. 2015). This tick species is rarely identified in Ontario, but 

interest is heightened due to public health risk of various tick-borne diseases should this tick 

become established in the province (Nelder et al. 2019). A recent study in Ontario (Smith et al. 

2018) did not detect antibodies to HRTV in numerous medium-sized mammal species (i.e., 

raccoon, striped skunk (Mephitis mephitis), groundhog, eastern gray squirrel (Sciurus 

carolinensis), beaver (Castor canadensis), Virginia opossum (Didelphis virginiana); n=219). 

However, continued serosurveillance for HRTV in Ontario is prudent since the primary vector is 

occasionally identified and there is a large population of potential host species, including the 

white-tailed deer and raccoon, which A. americanum is known to feed upon. Currently, little is 

known about how HRTV is maintained, including whether there are sylvatic cycles between 

some vertebrate host species and A. americanum ticks. Further, little is known about true disease 
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prevalence for POWV and HRTV, as subclinical infections likely occur, and associated disease 

may be underdiagnosed (Smith et al. 2018). A better understanding of the role that ruminant 

hosts for both of these tick-borne viruses would assist in a better understanding of the ecology of 

these viruses, including in understudied regions sensitive to climate change, such as Ontario.  

 

1.8 KNOWLEDGE GAPS, MANAGEMENT IMPLICATIONS, FUTURE RESEARCH 

AND CONCLUSIONS 

Vector-borne viruses, including orbiviruses (i.e., BTV and EHDV), warrant continued 

research attention and currently, investigations are ongoing on several continents into the spread 

and changing epidemiology of these viruses. In addition, ongoing outbreaks have necessitated 

the need to further document epidemiologic patterns involving wild and domestic ruminants and 

of potential vector species. However, there are a number of key gaps in existing knowledge 

(Ruder et al. 2015a), specifically in regard to potential future impacts to Canadian livestock and 

wildlife.  

Globally, there is a surprising lack of basic knowledge of Culicoides spp. diversity, 

abundance, and distribution, as well as their capacity to transmit and amplify BTV and EHDV 

among hosts in a given region (Carpenter et al. 2008; Pfannenstiel et al. 2015). The current 

understanding of the biology of species within the Culicoides genera is overly generalized, as 

this genus encompasses over 1400 species. Additional studies are needed to delineate which 

Culicoides spp. are competent vectors, as well as regionally important, in transmitting EHDV 

and BTV. Future studies must then assess interactions between Culicoides spp. vectors, viruses, 

and vertebrate hosts (Ruder et al. 2012).  
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Most studies rely on morphological analyses for Culicoides spp. identification; however, after 

30 years of classification of Culicoides spp., the taxonomic identities and relationships remain 

unclear and likely will be altered with the advent of improved and more widely available 

molecular techniques (Jones et al. 1985; Harrup et al. 2015; Pfannenstiel et al. 2015). Further, 

there has been a decline in classically trained morphological taxonomic experts and 

infrastructure due to the advancing field of molecular entomology, which provides a rapid, but in 

some cases less informative, alternative to morphology-based identification (Tautz et al. 2003; 

Harrup et al. 2015). 

Both BTV and EHDV appear to be spreading northward beyond their historic ranges, and 

these range expansions are likely facilitated by climate change and increased movement (i.e., 

trade and commerce) of potentially infected animals. Many regions of southern Canada are at-

risk for virus incursion and an understanding of existing potential vectors in these regions would 

assist in understanding potential geographic spread and establishment of these viruses and the 

threats posed to Canada’s immunologically naïve livestock and wild ruminant populations 

(Wittmann and Baylis 2000; Purse et al. 2005; Gibbs et al. 2008; Pybus et al. 2014; Ruder et al. 

2015a). The extrinsic virus incubation period within vectors is affected by temperature and other 

environmental variables, which could contribute to longer transmission seasons and increased 

outbreaks, especially in areas with naïve host populations (Purse et al. 2008). Comprehensive 

investigations of the biology of potential EHDV and BTV vectors will help mitigate disease 

outcomes and passive surveillance studies will be critical to assess for changes in orbivirus and 

vector activity across Canada (Pybus et al. 2014).  
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The currently recognized geographic distribution of BTV and EHDV in North America are 

similar but not identical, and the determinants for these differences are not completely 

understood. Similar differences apply to the distribution of these viruses in European countries, 

as BTV has caused outbreaks since 1956 (in sheep populations in Spain and Portugal) and 

appears that it could become established in Europe (Wilson and Mellor 2009). Despite being 

documented in numerous continents (e.g., North America, Asia, Africa), EHDV has yet to be 

detected in Europe. Therefore, the influence of regional vector species and differences in the 

ecology of each virus must be considered (Savini et al. 2011; Pfannenstiel et al. 2015; Ruder et 

al. 2015a). 

Finally, the effectiveness of EHDV and BTV control methods are not well understood. 

Suggestions regarding vector control include limiting livestock pasture time during dusk and 

dawn; however, these procedures are largely conjecture and have not been formally tested 

(Carpenter et al. 2008; Pfannenstiel et al. 2015). Furthermore, there are limited available 

vaccines against BTV infection, and currently there are no vaccines for EHDV licensed for use 

in North America (McVey and MacLachlan 2015; Pfannenstiel et al. 2015). As genetic variation 

and reassortment of these viruses is ongoing, tracking these changes is important for strategic 

vaccination program planning as well as long-term epidemiological investigations (Maan et al. 

2012). Further insights into these aspects of EHDV and BTV epidemiology are needed, along 

with the need for rigorous study of control options, especially for naïve livestock and wildlife 

populations across Canada.  

Ruder et al. (2015a) identified the following knowledge gaps that need to be addressed if we 

hope to better understand and control HD in the future: 1) the distribution of Culicoides spp. 
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vectors across a wide geographical area, and most especially in northern latitudes where range 

expansion may be imminent or ongoing; 2) aspects of vector biology and ecology, such as 

species richness and diversity, and host-vector diversity/interactions; 3) the impact of climate 

change on vectors/viruses/hosts; 4) potential threats to immunologically naïve host populations, 

such as those in Canada; and 5) assessment of the effectiveness of various control methods.  

Efforts to address these questions will require long-term investment and study.  

1.8.1 Conclusions 

Ontario, Canada and other regions across the country are vulnerable to the incursion and 

establishment of EHDV and BTV, which are midge-borne viruses capable of long-distance 

spread. These viruses have the potential to cause widespread epizootics among livestock and 

wildlife. The scope and severity of this vulnerability must be more clearly defined through 

strategic sentinel animal studies (e.g., serologic surveys) and characterization of existing and 

potential Culicoides vector species (Ruder et al. 2015a). While many Culicoides spp. exist 

globally, only a small proportion are known to act as disease vectors and negatively impact 

animal and human health. Important viruses transmitted by Culicoides spp. include BTV, EHDV, 

AHSV, and SBV, many of which may result in severe clinical disease and have economic 

implications related to trade restrictions on livestock (Kedmi et al. 2010; Maclachlan and Guthrie 

2010; Carpenter et al. 2013; Purse et al. 2015). My objective for this thesis was to begin to fill 

the knowledge gaps related to Culicoides spp. biology, along with targeted serosurveillance of 

EHDV and BTV in Ontario’s at-risk livestock and wildlife populations to document prior 

transmission. A better understanding of eco-epidemiologic patterns, including interactions 

among vectors, ruminant hosts and the environment, will help identify potential pathways of 
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virus introduction, risk factors for virus establishment, and potential impacts on Ontario’s 

livestock and wildlife, as well as contribute to the development of targeted management 

strategies to reduce these impacts.  

 

1.9 STUDY RATIONALE AND OBJECTIVES 

Overall, our understanding of the ecology of arboviruses, including the role that wild and 

farmed ruminants play in maintenance and transmission of arboviruses and the distribution of 

key vector species is poorly understood in Ontario. The many years of gradual, northern spread 

of two key viruses that affect wild cervids, EHDV and BTV, in the US has garnered necessary 

attention to the risks that they pose to southern Ontario and other regions of Canada. The 

detection of BTV-13 in cattle in 2015 and the identification of C. sonorensis, a known vector of 

BTV and EHDV, in southern Ontario, further underscores the notion that the historic distribution 

of these viruses may be changing (Office International Epizootis 2015; Jewiss-Gaines et al. 

2017). High levels of morbidity and mortality can be expected for EHDV and BTV for livestock 

and wildlife populations in novel areas, such as Ontario, with a plentitude of immunonaïve hosts. 

Additionally, the lack of knowledge regarding cervids and their use as a sentinel species for 

viruses such as WNV, EEEV, POWV and HRTV are essential to our ability to understand their 

ecological cycles better. In general, the geographical distribution of the viruses and their vectors 

are poorly understood for most of Canada, and particularly Ontario. The purpose of this thesis 

was to investigate the potential risk of vector-borne pathogens to Ontario’s wildlife and livestock 

populations, in particular, epizootic hemorrhagic disease viruses (EHDV) and bluetongue viruses 
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(BTV). Hoping to lead to a long-term surveillance study and to policies to safeguard Ontario 

livestock health and natural resources.  

Specifically, my objectives were to:  

a) Assess for EHD (clinical disease) in wild, white-tailed deer in southern Ontario 

(Chapter 2);  

b) Investigate causes of morbidity and mortality in wild ungulate populations throughout 

Ontario/Nunavut using a long-term retrospective, diagnostic data set (Chapter 3); 

c) Determine the seroprevalence of arboviruses of veterinary and public health 

importance (EHDV, BTV, WNV, EEEV, POWV, and HRTV) in cervids in Ontario 

(Chapter 4);  

d) Characterize Culicoides spp. diversity, relative species abundance and peak 

abundance at different sites including farm and natural habitats across southern 

Ontario (Chapter 5); and,  

e) Evaluate Culicoides spp. catch data in conjunction with risk variables, including 

meteorological data (i.e., rain and temperature), habitat (i.e., natural vs. farm), and 

livestock type (i.e., species), when possible (Chapter 5).  
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Table 1. 1 Published findings of Epizootic hemorrhagic disease virus (EHDV) from 1964 to 2019 with province, year of 

identification, status of disease, references, in Canada from 1962-2019 

aAB=Alberta, BC=British Columbia, ON=Ontario, SK=Saskatchewan; bD=disease etiology confirmed through PCR or virus isolation, 

A=antibodies detected; cNot confirmed by PCR or virus isolation; dIf known.  

 

Provincea Year Statusb Serotyped Species Reference (s) 

AB 1962 D Unknown White-tailed deer, mule deer and pronghorn 

antelope 

Chalmers et al. 1964; 

Ditchfield et al. 1964 

BC, AB, 

SK  

1986-

1987 

D, A Unknown, 2 Deer, Cattle Dualc et al. 1988, 1982, 

1992; Sellers and Maarouf 

1991; Shapiro et al. 1991 

BC 1999 Dc Unknown, 2 White-tailed deer, California bighorn sheep and 

cattle 

Pasick et al. 2001 

AB 2013 D 2 White-tailed deer, pronghorn antelope Pybus et al. 2014 

ON 2017 D 2 White-tailed deer Allen et al. 2019 
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2.1 ABSTRACT 

Epizootic hemorrhagic disease affects wild and domestic ruminants and has recently 

spread northward within the United States. In September 2017, we detected epizootic 

hemorrhagic disease virus in wild white-tailed deer, Odocoileus virginianus, in east-central 

Canada. Culicoides spp., subgenus Avaritia, were the most common potential vectors 

identified on site. 

Keywords: bluetongue, orbivirus, viruses, epizootic hemorrhagic disease, epizootic hemorrhagic 

disease virus, bluetongue virus, white-tailed deer, ruminants, Canada, Culicoides, RT-PCR  
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2.2 INTRODUCTION 

Epizootic hemorrhagic disease viruses (EHDVs) and bluetongue viruses (BTVs) are 

Culicoides midge-transmitted orbiviruses that represent an imminent threat to the health of 

ruminant livestock and wildlife. For susceptible ruminants, EHDV and BTV infections can result 

in high rates of illness and death, leading to severe economic hardship to the agricultural sector 

(Ruder et al. 2015). These viruses have a historical geographic range of 40°N–50°N and 35°S, 

following the distribution of the Culicoides vectors. However, the epidemiology of these 

pathogens is changing, with decades of northward expansion into areas of Europe and North 

America with immunologically-naïve hosts (Ruder et al. 2015, Maclachlan 2010, McVey et al. 

2015). 

In Canada, EHDV has rarely and sporadically been detected in the southern portions of 

British Columbia, Alberta, and Saskatchewan, but has never been identified in central or eastern 

Canada (Pybus et al. 2014). We report the detection of EHDV in white-tailed deer, Odocoileus 

virginianus, in east-central Canada, providing further evidence of the northern range expansion 

of orbiviruses within North America. 

2.3 MATERIAL AND METHODS, RESULTS 

On September 7, 2017, two wild white-tailed deer carcasses were found in a seminatural area 

adjacent to a river and ravine in London, Middlesex County, Ontario, Canada (42.9849°N, 

81.2453°W). The carcasses were submitted for diagnostic investigation to the Ontario-Nunavut 

region of the Canadian Wildlife Health Cooperative. Both deer had gross lesions consistent with 

epizootic hemorrhagic disease, including multiorgan petechial and ecchymotic hemorrhages on 

serosal surfaces (Howerth et al. 2001). Spleen, lung, and liver samples from both deer were 



 

 

65 

 

submitted to the National Centre for Foreign Animal Diseases, Winnipeg. All samples were 

positive for EHDV genomes by reverse transcription PCR (RT-PCR) (Pasick et al. 2001). The 

serotype of the virus was identified by serotype-specific conventional RT-PCR followed by 

Sanger sequencing. EHDV-2 was isolated from spleen samples of both deer. Two additional deer 

carcasses were identified in the area but were not submitted for diagnostic testing. Tissues from 

an additional 14 deer carcasses that originated in southern Ontario during September 23–

November 28, 2017, showed negative results for EHDV by RT-PCR, as part of enhanced 

surveillance conducted by the Ontario Ministry of Natural Resources and Forestry and the 

Canadian Wildlife Health Cooperative. 

In addition, serosurveillance was conducted across southern Ontario in the fall of 2017 with 

samples collected by private veterinarians, which revealed 15 cattle with antibodies to EHDV-2 

by ELISA and serum neutralization tests. All live animal samples were collected by using 

protocols approved by the Animal Care Committee, University of Guelph (approval no. 3529). 

Cattle were from Chatham-Kent County, adjacent to Middlesex County, and were Canadian 

born, lifelong residents. In addition, we conducted a targeted survey for adult Culicoides midges 

in the area of the white-tailed deer deaths by using four 2770 UV LED CDC light suction traps 

(BioQuip Products, http://www.bioquip.com) for 16 trap-nights during September 9–13, 2017. 

We taxonomically identified 31 individual Culicoides spp. (Wirth et al. 1985), including 

subgenus Avaritia (n = 22), C. haematopotus (n = 5), C. stellifer (n = 2), C. venustus (n = 1), and 

C. crepuscularis (n = 1) midges. 
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2.4 DISCUSSION 

The northern expansion of EHDV and BTV in the midwest and northeast regions of the 

United States in recent years (Ruder et al. 2015, Stallknecht et al. 2015) has increased the 

likelihood of incursion into eastern Canada. The reported EHDV occurrence in white-tailed deer 

in Ontario supports the need to maintain vigilance. Although this initial occurrence was limited 

spatially and temporally, future cases may be more widespread in wildlife and livestock. 

Furthermore, this localized EHDV-2 occurrence was within 72 km of the US border of Michigan 

and coincided with concurrent and widespread EHDV-2 and EHDV-6 outbreaks across much of 

the eastern United States during July–October, 2017 (D.E. Stallknecht, pers. comm.). 

EHDV may have been introduced to Ontario through the movement of infected vectors or 

ruminants and its detection in Ontario may represent the northern edge of the EHDV outbreak in 

the eastern United States. Alternatively, low levels of previously undetected EHDV transmission 

may have been transient or ongoing across a wider region, including Ontario, for an unknown 

time period. In either case, this event may preclude a much more widespread and higher impact 

EHDV outbreak, such as occurred with BTV in Europe and with EHDV in the United States 

(Maclachlan 2010, Stallknecht et al. 2015).  

We identified numerous Culicoides spp. at the site where the EHDV-infected white-tailed 

deer carcasses were recovered. However, C. sonorensis midges, the only confirmed EHDV 

vector species in North America (Ruder et al. 2015, Pfannenstiel et al. 2015), was not among 

these. This species was recently identified in Ontario (Jewiss-Gaines et al. 2017), but the density 

and distribution of this species in the province, as well as its role in regional EHDV transmission, 

is currently unknown. Culicoides spp. composition within areas of past EHDV outbreaks varies 
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widely; therefore, additional Culicoides spp. may serve as competent EHDV vectors. However, 

this possibility has not been confirmed (Ruder et al. 2015, Pfannenstiel et al. 2015). In addition 

to vector competence, the climatic limitations for the survival and successful breeding and 

establishment of current Culicoides spp. populations in the region remain to be investigated 

(Ruder et al. 2015, Stallknecht et al. 2015). These factors indicate the need for ongoing 

Culicoides spp. and deer mortality surveillance in the region. 
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3.1 ABSTRACT 

Free-ranging cervids in Canada face diverse threats such as climate change, human population 

expansion and the northward spread of vector-borne pathogens. However, we currently have a 

limited understanding of the impacts of these health challenges in Ontario cervids. Our objective 

was to identify and characterize causes of morbidity and mortality in free-ranging cervids 

submitted to the Ontario and Nunavut node of the Canadian Wildlife Health Cooperative 

(CWHC) over a 27-year period (1991 to 2017). Submissions included carcasses submitted for 

full postmortem examination (gross and histopathology; n=196) and field-collected tissues 

(n=384). Ancillary tests were performed on a case-by-case basis. Univariable logistic regression 

was used to test for associations between select causes of morbidity and mortality, and factors 

such as sex, age, and season. Four cervid species were examined: white-tailed deer (Odocoileus 

virginianus; n=211), moose (Alces alces; n=140), elk (Cervus canadensis; n=136) and caribou 

(Rangifer tarandus ssp.; n= 93). Noninfectious was the most common general cause of morbidity 

and mortality (38.1%; 221/580) and was most commonly attributed to trauma (49.7%; 110/221). 

Deaths attributed to infectious diseases (34.3%; 199/580) were most often bacterial in etiology 

(45.7%; 91/199). The most common primary infectious disease diagnosed in caribou was digital 

limb infections, and moose were most commonly diagnosed with parasitic causes, including 

meningeal worm (Parelaphostrongylus tenuis) and winter tick (Dermacentor albipictus). 

Chronic wasting disease was not diagnosed among cervids tested during the study period, 

consistent with the previous lack of detection of the disease in Ontario. These results reveal that 

anthropogenic, infectious and environmentally-associated causes of morbidity and mortality are 
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commonly diagnosed in cervids submitted to the CWHC Ontario and Nunavut regions, and 

represent potential population threats that should continue to be monitored.  

Keywords: Caribou, elk, moose, morbidity, mortality, Ontario, retrospective, white-tailed deer 
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3.2 INTRODUCTION 

Wild cervids, such as white-tailed deer (Odocoileus virginianus), elk (Cervus canadensis), 

moose (Alces alces) and caribou (Rangifer tarandus), play important cultural, ecological and 

socioeconomic roles across much of the planet. As big game, they contribute to local and 

regional economies as well as Indigenous communities by serving as food and clothing sources, 

and are an important component of diverse and dynamic ecosystems (Rooney and Waller 2003; 

Myers et al. 2004; Schuster et al. 2011). Continuous landscape and climatic changes, often 

attributable to anthropogenic activities, may affect wildlife population health and lead to 

behavioral changes. Thus, for sustainable management strategies, it is important to better 

understand population threats, including potential impacts of human activity. However, 

collecting and synthesizing such data is challenging, since these animals live and move across 

widespread and often remote areas, and it can be difficult and costly to recover carcasses for 

examination and sampling (Stallknecht 2007; Yott et al. 2011; Nicholson et al. 2016).  

Long-term diagnostic datasets for free-ranging wildlife can be challenging to analyze, in part 

due to inconsistencies and biases surrounding carcass submission, and thus are rare within the 

scientific literature (Pewsner et al. 2017; Akdesir et al. 2018). However, regional datasets of 

morbidity and mortality in free-ranging wildlife have provided a diversity of data with 

applications to evolving wildlife management and conservation schemes (Pewsner et al. 2017; 

Akdesir et al. 2018). Available long-term, inclusive data on morbidity and mortality causes in 

free-ranging cervids (white-tailed deer, moose, elk and caribou) are especially rare for the 

province of Ontario and the territory of Nunavut, Canada (McIntosh et al. 2007; Rosatte et al. 

2007; Popp et al. 2018). White-tailed deer are primarily concentrated in the southern portion of 
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the province with some range expansion north, while moose tend to occur in the mid to northern 

portion with a small southern population (Murray et al. 2012; Kennedy-Slaney et al. 2018). Elk 

currently comprise a small population, as they recently were reintroduced in Ontario, and caribou 

are found in small number in the northern portion of Ontario but mainly occur across the 

northern portions of Canada, including the Nunavut territories (Rosatte 2016; Kennedy-Slaney et 

al. 2018).   

We addressed knowledge gaps regarding causes of morbidity and mortality in free-ranging 

cervids in Ontario and Nunavut, Canada. Our objectives were to: 1) retrospectively evaluate 27 

years of diagnostic data to identify causes of mortality and morbidity in free-ranging cervids 

submitted to the Canadian Wildlife Health Cooperative (CWHC), Ontario and Nunavut node; 2) 

assess demographic, and seasonal patterns associated with select causes of mortality and 

morbidity among these cervids; and 3) identify potential health risks and discuss management 

strategies to potentially alleviate these risks. The overarching goal is to contribute to future 

research directions and management strategies for free-ranging wild cervid populations in 

Ontario and Nunavut, Canada. 

3.3 MATERIAL AND METHODS 

Case submission data and postmortem evaluation and testing. Free-ranging cervids native 

to Canada (i.e., moose, elk, caribou and white-tailed deer) were received for postmortem 

examination by the Ontario and Nunavut node of the CWHC from January 1991 to December 

2017. Cases consisted of whole carcasses or select tissues collected at field necropsy and were 

submitted by various sources, including wildlife rehabilitation centers, veterinary clinics, private 

citizens, and government agencies. Data provided for each case included the date the sick animal 
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or carcass was found, clinical history (if any), and collection location (i.e., latitude and 

longitude). Animals were found dead, euthanized due to morbidity (usually by gunshot), or 

hunter-harvested. Carcasses from rehabilitation centers and veterinary clinics were included if 

the animal died or was euthanized within 2 days of admission (i.e., death was attributable to 

natural causes not related to captivity). Dates of death were categorized by season: spring (21 

March–20 June), summer (21 June–20 September), fall (21 September–20 December) and winter 

(21 December–20 March). Species, sex, and age (i.e., fetus, immature <1 year, and adult ≥1 year; 

based on tooth eruption and dental wear) were recorded for most cases. Gross and histological 

examination were performed for carcasses or tissues deemed adequate for diagnostic evaluation. 

Ancillary tests were selected as needed to arrive at a diagnosis and sometimes for surveillance 

purposes. Ancillary tests included histochemical stains, bacterial and fungal culture, virus 

isolation, ELISA (enzyme-linked immunosorbent assay), PCR (polymerase chain reaction), 

serum neutralization assay, immunohistochemistry (IHC), and toxicology (e.g., gas 

chromatography/mass spectrometry). In addition, starting in 1999, cervids that appeared 

emaciated and had perceived neurological signs underwent testing for the prion that causes 

chronic wasting disease (CWD) by ELISA. The provided history, gross and histopathology, and 

ancillary test results collectively were used to determine primary and any secondary (i.e., 

contributing) causes of morbidity or mortality. 

Tissue processing for histopathology and ancillary tests were performed using standard 

protocols developed at the Animal Health Laboratory, an American Association of Veterinary 

Laboratory Diagnosticians-accredited laboratory at the University of Guelph. Parasites were 

evaluated microscopically and taxonomically identified to the extent possible based on 



 

 

75 

 

morphology. Confirmatory testing for select reportable and immediately notifiable pathogens 

was performed at the National Centre for Foreign Animal Disease, Canadian Science Centre for 

Human and Animal Health, Canadian Food Inspection Agency Winnipeg laboratory. This 

included testing for Brucella spp. by bacterial culture of available tissues and epizootic 

hemorrhagic disease (EHD) virus by RT-PCR and Sanger sequencing (Pasick et al. 2001). 

Nematode larvae identified microscopically in brain sections of moose and elk were presumed to 

be Parelaphostrongylus spp. based on host, anatomic location, and known occurrence in the 

geographic region. Moose and elk with microscopic lesions consistent with Parelaphostrongylus 

spp. infection (e.g., linear rarefied tracts, hemorrhage, and associated inflammation and 

hemosiderin pigment consistent with damage from migration tracts) but no nematodes were 

considered suspect positive and listed as Parelaphostrongylus sp. in summaries of diagnoses and 

subsequent statistical analyses.  

Cause of morbidity and mortality categories. The primary causes of morbidity and 

mortality were broadly differentiated as noninfectious, infectious, or unknown. Noninfectious 

causes consisted of trauma, toxicosis, metabolic disorders, emaciation, neoplasia or unknown. 

Trauma was further subcategorized as collision (e.g., fence, vehicular, train), illegal shooting 

(i.e., excluding euthanasia due to morbidity or legal hunter-harvest), predation, intraspecific 

aggression, and unknown cause. Noninfectious diagnoses often involved ruling out other 

potential causes of mortality (e.g., infectious disease) and were collectively determined in 

consideration of the history and gross and microscopic findings. Neoplasia was diagnosed based 

on cell morphology of the predominant neoplastic cell population(s) and in two cases, IHC 

(cytokeratin and vimentin) was performed. Infectious causes were subcategorized by etiology as 
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bacterial, viral, parasitic, fungal and suspect infectious. The latter were based on gross and 

microscopic lesion patterns (i.e., inflammatory cell types and distribution) consistent with these 

general etiologies but without visualization or laboratory confirmation of the etiologic agent.  

Statistical analyses. Statistical analyses were performed using STATA (Intercooled Stata/IC, 

version 14.0, StataCorp LP, College Station Texas). Univariable logistic regression was used to 

examine the association between select common causes of mortality (i.e., all infectious, non-

infectious, emaciation) and the following variables: age, sex, and season. Due to small sample 

size (n=6), fetuses were excluded from statistical analyses. Exact logistic regression was used if 

low effective sample sizes posed estimation issues, and the scoring method was used to calculate 

p-values for these models (Dohoo et al. 2009). A significance level of =0.05 was used for all 

analyses.  

3.4 RESULTS 

Demographic, temporal and taxonomic data. A total of 580 cases submitted to the CWHC 

were included in the study. Four cervid species were represented, the majority of which were 

white-tailed deer, followed by moose, elk, and caribou (Table 3.1). Males and females were 

equally represented; most were adults and the majority of cases were submitted in fall and spring 

(Table 3.1). Between one and 67 cases were received annually, with an average of 21.5 cases per 

year throughout the study period. Twelve cases were received in 1991 and less than six were 

received annually from 1993 to 1997. The highest numbers of case submissions were received in 

2009 (n=44), 2010 (n=67), and 2011 (n=66). The majority of samples were obtained in southern 

Ontario (Figure 3.1). Location data were not provided for 24 cases.  
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Noninfectious causes of morbidity and mortality. Noninfectious disease was the most 

common general cause of morbidity and mortality diagnosed among all cervid cases submitted 

(Table 3.2). Trauma was the most commonly diagnosed subcategory of noninfectious disease, as 

well as the most commonly identified cause of mortality overall (Table 3.2). The most common 

type of trauma detected was vehicular collisions, followed by illegal shooting. Predation and 

intraspecific fighting were less commonly identified types of trauma (Table 3.3). Sixty-nine of 

these trauma cases (n=110) were adults (62.7%; 95% CI: 53.0-71.7), 35 were immature animals 

(31.8%; 95% CI: 23.3-41.4), and six were animals of an unknown age (5.5%; 95% CI: 2.0-11.5). 

Based on univariable logistic regression, there was no significant association between the odds of 

being diagnosed with a trauma-related death and age class (Supplementary Table 3.1). Elk were 

most commonly diagnosed with trauma-related death followed by white-tailed deer, which was 

most often attributed to vehicular collision in both species (elk n=22; white-tailed deer n=17; 

Table 3.3). Of the elk diagnosed with trauma, most were hit by cars and trucks (12/22; 55%; 95% 

CI: 32.2-75.6), followed by trains (8/22; 36%; 95% CI: 17.2-59.3), and the majority of incidents 

occurred in the winter season (9/22; 41%; 95% CI: 20.7-63.6).  

Emaciation was the second most common cause of morbidity and mortality within the 

category of noninfectious disease (Table 3.2). The odds of being diagnosed with emaciation were 

significantly reduced in males compared to females (Supplementary Table 3.1). Based on exact 

logistic regression, emaciation diagnoses were significantly associated with season 

(Supplementary Table 3.1). The odds of being diagnosed with emaciation were significantly 

greater in immature animals compared to adults (Supplementary Table 3.1). 
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Other less frequently diagnosed noninfectious causes of morbidity or mortality included 

neoplasia, toxicosis and metabolic disorders (Table 3.2). Of the 18 neoplasia cases, 12 were 

diagnosed in white-tailed deer. The most commonly diagnosed neoplasm in white-tailed deer 

was cutaneous fibroma (9/12; 75%; 95% CI: 42.8-94.5) and single cases of an unclassified nasal 

tumor, oligodendroglioma, and intramuscular (scapular) polyps (Table 3.2). Moose were the only 

other species diagnosed with neoplasia (6/18; 33%; 95% CI: 13.3-59.0), which included 

cutaneous fibroma (3/6; 50%; 95% CI: 11.8-88.2) and single cases of unclassified sarcoma (in 

diaphragm and ribs), lymphoma (intra-abdominal), and suspect rhabdomyosarcoma (Table 3.2). 

Tumor diagnosis was often challenged by postmortem autolysis.  

Infectious causes of morbidity and mortality. Morbidity and mortality in cervids were also 

attributed to infectious disease (Table 3.2). Adult males accounted for the majority of these, and 

most cases were submitted in the fall (Table 3.1). Based on univariable logistic regression, 

immature animals had significantly lower odds of mortality attributed to an infectious cause 

compared to adults (Supplementary Table 3.1). Season was significantly associated with the odds 

of a diagnosis of infectious causes of mortality (Supplementary Table 3.1).  

Bacterial causes were the second most common cause of mortality overall among all cervids 

and were also the most commonly diagnosed subcategory of infectious disease in all species 

except moose (Table 3.2). Within the bacterial subcategory for white-tailed deer, intracranial 

abscesses comprised the majority of infections (15/40; 38%; 95% CI: 22.7-54.1), with 

Trueperella pyogenes cultured from eight of these (8/15; 53%; 95% CI: 26.6-78.7). Multiple 

bacterial species were cultured from the remainder of these abscesses including Fusobacterium 

necrophorum and one case of Streptococcus sp. (no bacteria were cultured from one case). The 
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majority of intracranial abscesses was diagnosed in males (13/15; 87%; 95% CI: 59.5-98.3) 

versus females (2/15; 13%; 95% CI: 1.7-40.4) and adults (11/15; 73%; 95% CI: 44.9-92.2) 

followed by immature animals (3/15; 20%; 95% CI: 4.3-48.1) and those of unknown age (1/15; 

7%; 95% CI: 0.2-31.9). These cases occurred primarily in the fall (8/15; 53%; 95% CI: 26.6-

78.7), followed by winter (5/15; 33%; 95% CI: 11.8-61.6), spring (1/15; 7%; 95% CI: 0.2-31.9) 

and summer (1/15; 7%; 95% CI: 0.2-31.9). Three abscesses were in the pituitary gland.  

Bacterial infections were deemed the primary cause of morbidity or mortality in the majority 

of caribou (Table 3.2). The majority of caribou diagnosed with bacterial infections were of 

unknown age (13/25; 52%; 95% CI: 31.3-72.2), followed by adults (9/25; 36%; 95% CI: 18.0-

57.5) and immature animals (2/25; 16%; 95% CI: 4.5-36.0) and one fetus (4%; 95% CI: 0.1-

20.3).  Digital limb infections (i.e., footrot) comprised the majority of bacterial infections in 

caribou (8/25; 32%; 95% CI: 14.9-53.5). Multiple bacterial species were cultured from all footrot 

cases. The most frequently isolated bacteria were T. pyogenes (6/8; 75%; 95% CI: 34.9-96.8), 

and Staphylococcus aureus (6/8; 75%; 95% CI: 34.9-96.8). Fusobacterium necrophorum, 

Escherichia coli, Corynebacterium ulcerans, Streptococcus dysgalactiae, Enterococcus faecalis, 

and Pseudomonas sp. were less frequently isolated (one case each (1/8; 13%; 95% CI: 0.3-52.7). 

Mixed anaerobic infections were also detected, although the bacterial species was not identified 

(6/8; 75%; 95% CI: 34.9-96.8). Additionally, there were seven cases of brucellosis in caribou 

(Brucella suis biovar 4; 28%; 95% CI: 12.0-49.4).  

Within the parasitic subcategory, moose were the most commonly diagnosed cervid (Table 

3.2). For moose, specific parasitic etiologies included P. tenuis (43/67; 64%; 95% CI: 51.5-75.5), 

Taenia krabbei (including the larval forms, Cysticercus tarandi; 12/67; 18%; 95% CI: 9.6-29.2), 
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Echinococcus granulosus (5/67; 8%; 95% CI: 2.5-16.6), Dermacentor albipictus (4/67; 6%; 95% 

CI: 1.7-15.0), idiopathic eosinophilic myositis (2/67; 3%; 95% CI: 0.3-10.3), and Dictyocaulus 

viviparus (1/67; 1%; 95% CI: 0.0-8.0). All elk diagnosed with parasitism (Table 2) were 

attributed to P. tenuis migration in the brain (10/10; 100%; 95% CI: 69.1-100.0).  

Confirmed viral causes of morbidity and mortality were rare and included two white-tailed 

deer that died of EHD virus-2. None of 173 cervids tested for CWD from 1999-2017 had 

evidence of the prion that causes CWD (0/173; 0.0%; 97.5% CI: 0.0-2.1).   

3.5 DISCUSSION 

Trauma was the most common cause of morbidity and mortality among all cervids in Ontario 

and Nunavut, Canada in this 27-year study. Collisions with motorized vehicles were frequently 

diagnosed, consistent with retrospective studies in other wildlife taxa, including ungulates 

(Pewsner et al. 2017; Akdesir et al. 2018; Navas-Suárez et al. 2018). In Ontario, over 18,000 

wildlife-vehicle collisions are reported annually, and in Canada, moose and deer are involved in 

the majority of these collisions (Pynn and Pynn 2004; Bramati et al. 2012). In the present study, 

elk appeared to be the most disaster-prone of all cervid species with traumatic fatalities, 

including collisions with stationary (e.g., fences) and moving objects (e.g., motor-vehicles and 

trains). Elk hit by trains were detected more frequently during the winter season, consistent with 

a recent study in Ontario that demonstrated that elk seek railroad corridors as alternatives to 

areas with greater snow depth (Popp et al. 2018).  

Bacterial infections were the second most common cause of morbidity and mortality among 

cervids in the present study. Intracranial abscesses were diagnosed in numerous white-tailed 

deer, with T. pyogenes being the most common etiology. The majority of intracranial abscesses 
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were in adult bucks in the fall, consistent with observations in Georgia and Maryland, USA 

(Baumann et al. 2001, Karns et al. 2009, Cohen et al. 2015). Trueperella pyogenes is a 

commensal bacterium on the skin and mucosal membranes of apparently healthy deer and cattle, 

and tends to lead to abscess formation after it gains access to internal organs, including the brain 

(Moore et al. 2010; Cohen et al. 2018). It is most likely transmitted from deer to deer during 

breeding-associated activities, such as sparring among bucks, marking by rubbing on vegetation, 

and antler casting, all of which typically occur during the fall rut in North America (Karns et al. 

2009). Three deer with intracranial abscess primarily involved the pituitary gland, which has 

been rarely documented in free-ranging white-tailed deer (Al Dissi et al. 2011; Elsmo and Fenton 

2019).  

Caribou populations are in decline across North America, fueling the need to identify and 

understand potential threats to their survival (Racey 2005; Festa-Bianchet et al. 2011; Schwantje 

et al. 2014). While pathogens may not serve as a primary cause of population reduction, they 

may decrease resiliency within a herd through weakened immunity and negative energy balance 

(Racey 2005; Festa-Bianchet et al. 2011; Schwantje et al. 2014). We identified bacteria, mainly 

T. pyogenes and S. aureus (associated with digital limb infections or footrot) and B. suis biovar 

4, as the primary causes of morbidity and mortality in caribou. Digital limb infections in 

livestock are typically caused by F. necrophorum, a fastidious anaerobic bacterium that has been 

identified worldwide in wild and farmed ruminants (Leighton 2001; Handeland et al. 2010). 

Trueperella pyogenes and S. aureus are not commonly implicated in digital limb infections in 

caribou; however, findings in this study were similar to those of Handeland et al. (2010) in which 

T. pyogenes and S. aureus were commonly isolated in Norwegian wild tundra reindeer (Rangifer 
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tarandus tarandus). These findings differ from those of wild North American elk (Cervus 

elaphus) in Washington, USA, where treponemes have been isolated and identified as the cause 

of debilitating hoof lesions (Clegg et al. 2015).   

In addition to being a recognized zoonoses, B. suis serovar 4 is recognized as an important 

pathogen in wild caribou and reindeer, including those in Canada where it is enzootic (Schwantje 

et al. 2014). It can cause lameness associated with chronic bursitis and arthritis and reproductive 

disorders (e.g., abortion, placenta retention, metritis, epididymitis, orchitis, neonatal morbidity 

and mortality, and sterility). These effects can have a long-term impact on caribou reproduction 

and thus herd longevity (Tessaro and Forbes 1986; Ferguson 1997; Rhyan 2013; Schwantje et al. 

2014). Brucella suis serovar 4-associated disease in caribou in the present study typically 

manifested as bursitis and orchitis.  

Moose populations along the southern edge of their North American range have been in 

decline, especially in Minnesota, Manitoba, northeastern Ontario, Nova Scotia, New Hampshire 

Maine and Vermont, and parasitism has been identified as a potential contributing factor 

(Lankester 2010; Timmermann and Rodgers 2017; Jones et al. 2018). Of primary concern is a 

parasitic metastrongylid, P. tenuis, that can cause severe morbidity and mortality in aberrant host 

species (e.g., moose and elk; Weiss et al. 2008; Purdy et al. 2012; Mittelman et al. 2017). 

Clinical disease occurs due to penetration of migrating larvae into the central nervous system, 

potentially leading to ataxia, circling, head tilt, hindend paresis and death (Lankester 2010; 

Dobey et al. 2014). White-tailed deer serve as the natural host of this parasite, and infections in 

aberrant hosts tend to be more prevalent in the presence of high-density white-tailed deer 

populations (Whitlaw and Lankester 1994; Lankester 2010; Jones et al. 2018). In the present 
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study, the majority of parasitic cases in moose were due to P. tenuis, which is not surprising due 

to the historical presence of this parasite in Ontario (Whitlaw and Lankester 1994; Lankester 

2010). In our study, elk also appeared to suffer from parasitic infections, particularly P. tenuis, 

similar to another Ontario study (McIntosh et al. 2007). Currently, elk populations in Ontario 

reflect reintroduction efforts (Rosatte et al. 2007; Yott et al. 2011), and in some areas, the lack of 

long-term success of reintroduction has been attributed to P. tenuis, which is suspected to play a 

similar role in other cases of elk reintroduction across the eastern USA (Bender et al. 2005; 

McIntosh et al. 2007; Chitwood et al. 2018). Continued surveillance efforts are needed to 

understand the evolving ecology of P. tenuis infections in moose and elk, as climate and land use 

changes may augment this likely threat if territory overlap increases between moose, elk, white-

tailed deer and the parasite’s intermediate invertebrate hosts (Whitlaw and Lankester 1994). 

There is an apparent resurgence of winter tick disease (caused by D. albipictus) and 

associated population declines among moose in North America, especially among immature 

animals (i.e., 10-11 mo-old; Musante et al. 2010; Bergeron et al. 2013; Jones et al. 2018). This 

increase in detected cases is thought to be associated with climate and land use changes, as 

environmental conditions have become more favorable to ticks in some locations (Lankester 

2010; Wake et al. 2014; Jones et al. 2018). While elk and white-tailed deer also serve as primary 

hosts of D. albipictus, moose tend to experience higher tick burdens and greater clinical impacts, 

including hair loss, anemia and anorexia (Musante et al. 2010; Jones et al. 2018). While D. 

albipictus has been shown to cause significant disease in other studies, it was rarely diagnosed as 

a cause of morbidity and mortality in Ontario moose. This warrants further investigation, as it 
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was difficult to extrapolate the significance of this finding due to small sample size and 

opportunistic data collection. 

Neoplasia and viruses were less commonly identified as causes of morbidity and mortality in 

cervids in Ontario, similar to other studies of free-ranging wildlife (Pewsner et al. 2017; Akdesir 

et al. 2018; Smith et al. 2018). Cutaneous fibroma, often associated with papilloma virus 

infection, was the most commonly diagnosed tumor among cervids in the present study, 

consistent with previous observations (Sundberg and Nielsen 1981; Sundberg et al. 1985). 

Fibromas were diagnosed in white-tailed deer and moose. Disseminated lymphoma was 

diagnosed in a moose. Lymphoma has been previously reported in a variety of cervid species, 

including moose (Kistner and Hayes 1971; Pewsner et al. 2017). Diagnoses of viral infections 

were limited to EHD virus in two white-tailed deer; this virus had not previously been reported 

in Ontario (Allen et al. 2019). The potential for an EHD or bluetongue virus epizootic among 

cervids in Ontario is unknown but would seemingly be facilitated by climate change (Ruder et al. 

2015).  

We did not detect the prion that causes CWD among cervids in Ontario, consistent with 

ongoing provincial surveillance efforts among free-ranging white-tailed deer (MNRF 2019a). As 

CWD was not the primary focus of diagnostic evaluations during the study period, these results 

should be interpreted with caution, as they do not represent consistent efforts to survey or 

characterize this disease or its prevalence in the study region. This disease, caused by an 

abnormally folded protein (i.e., prion), leads to fatal degenerative disease in all native North 

American cervid species (Joly et al. 2003; Miller and Walter 2019). Chronic wasting disease was 

diagnosed in eight mule deer (Odocoileus hemionus hemionus) and black-tailed deer (Odocoileus 
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hemionus columbianus) imported to the Toronto Zoo from the USA in the late 1970’s. These 

deer were isolated within the captive herd, and the last of these animals died in 1981 (Williams 

and Young, 1992; Dubé et al. 2006). Ontario maintains a state of vigilance, as it shares borders 

with CWD-positive states of Minnesota, Wisconsin, Michigan, and New York (Joly et al. 2003; 

MNRF 2019b; Michigan Department of Natural Resources 2019). In addition, in the fall of 2018, 

CWD was identified in a herd of farmed red deer (Cervus elaphus) in neighboring Quebec 

(Canadian Food Inspection Agency 2019; Michigan Department of Natural Resources 2019). 

Thus, ongoing and future CWD surveillance in Ontario focusing on early prion detection, as well 

as decreasing the risk of entry of live cervids to the province, is crucial (MNRF 2019b).  

We attempted to identify potential health risks to Ontario and Nunavut wild cervid 

populations through retrospective review of a long-term diagnostic dataset. Anthropogenic, 

infectious, and environmental factors were commonly identified as causes of morbidity and 

mortality. Trauma was commonly diagnosed and thus for future mitigation and management, 

migration pathways, breeding grounds, and feeding areas of free-ranging cervids should be 

identified and considered to reduce negative population-level impacts of landscape development 

(Forman and Alexander 1998; Trombulak and Frissell 2000). Additionally, climate change may 

facilitate the expansion and transmission of some parasites and pathogens (e.g., vector-borne), 

potentially negatively impacting wild cervids in Ontario, Nunavut, and other northern latitudes 

(Allen et al. 2019; Caminade et al. 2019). Thus far, the prion that causes CWD has not been 

detected in Ontario cervids; nevertheless, resources should be mobilized toward minimizing risk 

of entry and allowing for early detection and for effective responses to minimize spread if 

detected. Finally, education and clear communication of scientific findings to the public and 
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policy makers will increase awareness of cervid conservation and help guide informed 

management decisions. 

Multi-year, retrospective analyses of diagnostic data in wildlife can provide valuable insights; 

however, these datasets also carry inherent limitations and biases (Stallknecht 2007; Sieber et al. 

2010). Proximity to human populations, weather, geography, available personnel, financial 

constraints, and public attitude all affect detection and submission of wildlife cases. Thus, 

findings may not accurately represent the status of wild cervid populations across Ontario and 

Nunavut, Canada. Further, examination of selected tissues (vs. whole carcasses) limited the 

ability to diagnose some conditions, yet exclusion of field-collected tissues would have further 

biased against animals in remote northern areas such as Nunavut, and against species for which 

size limits the feasibility of sending whole carcasses (i.e., moose). Despite these limitations, 

passive diagnostic and surveillance data can help identify non-hunting mortality factors, provide 

suggestions of potential stressors, as well as identify circulating pathogens in wildlife 

populations and thus, may signal potential population-level threats. Northern latitudes, including 

Canada, are especially sensitive to the effects of climate change, further fueling the need to 

gather retrospective and prospective diagnostic and health data on cervids and other wildlife 

species that may benefit from targeted management actions or broader conservation efforts. 
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Table 3. 1 Demographic and taxonomic data for all free-ranging cervids submitted to the Canadian Wildlife Health Cooperative 

Ontario and Nunavut node for surveillance and testing from January 1991-December 2017 (n=580). 

   Number 95% 

CI 

  Noninfectious Infectious Unknown Total (%)   

Season        

 Spring 70 42 62 174 (30)  26-34 

 Summer 23 20 11 54 (9)  7-12 

 Fall 69 93 62 224 (39)  35-43 

 Winter 59 44 25 128 (22)  19-26 

Species        

 White-tailed deer (Odocoileus 

virginianus) 

89 61 61 211 (36)  32-40 

 Moose (Alces alces) 19 85 36 140 (24)  21-28 

 Elk (Cervus canadensis) 89 26 21 136 (23)  20-27 

 Caribou (Rangifer tarandus spp.) 24 27 42 93 (16)  13-19 

Age        

 Fetus 0 1 5 6 (1)  0.3-2 

 Immature 66 30 28 128 (21)  18-25 
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 Adult 116 134 71 321 (55)  51-59 

 Unknown 39 34 56 129 (22)  19-26 

Sex        

 Female 113 74 37 224 (39)  35-43 

 Male 81 90 66 237 (41)  37-45 

 Unknown 27 35 57 119 (20)  17-24 

Sample type        

 Full carcass 117 58 21 196 (34)  30-38 

 Field-collected tissues 104 141 139 384 (66)  62-70 
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Table 3. 2 Most common causes of morbidity and mortality diagnosed among all free-ranging cervids submitted to the Canadian 

Wildlife Health Cooperative Ontario and Nunavut node for surveillance and testing from January 1991 to December 2017 (n=580). 

 Number (percent) of causes of morbidity and mortality 

 Infectious  Noninfectious  Unknown 

Animals Bacterial Parasitic Othera  Trauma Emaciation Otherb   

White-tailed deer (Odocoileus virginianus) 40 (44) 8 (9) 13 (62)  44 (40) 18 (38) 27 (43)  61 (38) 

Moose (Alces alces) 10 (11) 67 (77) 8 (38)  6 (6) 5 (10) 8 (13)  36 (22) 

Elk (Cervus canadensis) 16 (18) 10 (11) 0 (0)  59 (53) 25 (52) 5 (8)  21 (13) 

Caribou (Rangifer tarandus spp.) 25 (27) 2 (2) 0 (0)  1 (1) 0 (0) 23 (36)  42 (26) 

Total (%) 91 (16) 87 (15) 21 (4)  110 (19) 48 (8) 63 (11)  160 (28) 

Exact 95% CIa 13-19 12-18 2-5  16-22 6-11 8-14  24-31 

aIncludes 4% of total causes of morbidity and mortality, with viral (epizootic hemorrhagic disease; 2/580; 0.3%; 95% CI: 0.0-1.2), 

fungal (fungal pneumonia and skin infection; 2/580; 0.3%; 95% CI: 0.0-1.2), and suspect infectious causes (17/580; 2.9%; 95% CI: 

1.7-4.7). 

bIncludes 10.8% of total causes of morbidity and mortality, with metabolic (exertional myopathy [n=11], ruminal lactic acidosis [n=3], 

hepatic lipidosis [n=1], obstructive urolithiasis [n=1]; 16/580; 2.7%; 95% CI: 1.5-4.4), toxicosis (rodenticide that mimics Vit D [n=2], 

carbamate [n=1]; 3/580; 0.5%; 95% CI: 0.1-1.5), neoplasia (cutaneous fibroma [n=12], unclassified nasal tumor [n=1], 

oligodendroglioma [n=1], benign polyps [n=1], sarcoma [n=1], lymphoma [n=1], unclassified skeletal muscle tumor [n=1]; 18/580; 

3.1%; 95% CI: 1.8-4.9), and unknown (26/580; 4.4%; 95% CI: 2.9-6.5). 
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Table 3. 3 Trauma-associated causes of morbidity and mortality diagnosed among all free-ranging cervids submitted to the Canadian 

Wildlife Health Cooperative Ontario and Nunavut node from January 1991 to December 2017 (n=110). Cervid sample submissions 

included both full carcasses and field-collected tissues. Trauma-related mortality/morbidity was identified in 110/580 cervids (19%; 

95% CI: 16-22).   

Species (number) Number  Number (percent) 

 Vehicular 

Collision 

Illegal 

Shooting 

Predation Intraspecific 

Fighting 

Unknown 

Cause 

White-tailed deer (Odocoileus 

virginianus) 

49 17 (43) 6 (21) 9 (69) 1 (50) 11 (42) 

Moose 

(Alces alces) 

7 1 (3) 2 (7) 1 (8) 1 (50) 1 (4) 

Elk 

(Cervus canadensis) 

64 22 (55) 21 (72) 3 (23) 0 (0) 13 (50) 

Caribou (Rangifer tarandus spp.) 1 0 (0) 0 (0) 0 (0) 0 (0) 1 (4) 

Total (percent)  40 (36) 29 (26) 13 (12) 2 (2) 26 (24) 

Exact 95% CIc  27-46 18-35 6-19 0.2-6 16-32 
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Figure 3. 1 Locations of cervids (Odocoileus virginianus, Alces alces, Cervus canadensis, and, Rangifer tarandus ssp.) that underwent 

diagnostic evaluation at the Canadian Wildlife Health Cooperative from 1991-2017 in Ontario, Canada (n = 489). Cases from 

Nunavut, Canada not shown. 
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Supplemental Table 3. 1 Univariable analysis of association between temporal and demographic (explanatory) variables and select 

common causes of morbidity and mortality in cervidsa submitted to the Canadian Wildlife Health Cooperative-Ontario/Nunavut node 

from January 1991 to December 2017 (n=580).  

Variable Cause of mortality 

Trauma OR          

(95% CI) 

p-value Emaciationb OR    

(95% CI) 

p-value All infectiousc 

OR (95% CI) 

p-value 

Season       

Spring (ref)       

Summer -  0.43 (0.08-1.5) 0.21 1.8 (0.96-3.5) 0.06 

Fall -  0.07 (0.01-0.28) <0.001 2.2 (1.4-3.4) <0.001 

Winter -  1.5 (0.75-3.0) 0.24 1.6 (0.99-2.7) 0.05 

Aged       

Adult (ref)       

Immature 1.4 (0.89-2.3) 0.13 3.8 (2.0-7.1) <0.001 0.44 (0.28-0.71) 0.001 

Sex       

Female (ref)       

Male -  0.26 (0.13-0.55) <0.001 1.2 (0.84-1.8) 0.27 

OR: odds ratio; CI: confidence interval. 
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aIncludes both full carcasses (n=196) and field-collected tissues (n=384); bContrast significant for emaciation OR and season; fall was 

significantly less than winter (OR: 0.044; 95%CI: 0.00-0.18; p<0.001); cInfectious included bacterial, parasitic, viral, fungal, and 

suspected infectious cases; dFetuses were excluded from these analyses due to small sample size (n=6).  
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4.1 ABSTRACT 

Arthropod-borne viruses (arboviruses) are widespread globally and transmission cycles 

typically involve numerous vertebrate species. Serological testing of animal hosts can provide a 

routine surveillance approach to monitoring animal disease systems, a surveillance alternative to 

arthropod testing and human case reports, and may augment knowledge of epidemiology. Wild 

and captive ruminants represent good candidate sentinels to track geographical distribution and 

prevalence of select arboviruses. They often are geographically widespread and abundant, 

inhabit areas shared by humans and domestic animals, and are readily fed upon by various 

hematophagous arthropod vectors. Ontario, Canada is home to high densities of co-existing 

humans, livestock and wild cervids, as well as growing numbers of arthropod vectors due to the 

effects of climate change. We collected blood samples from 349 livestock (cattle/sheep) and 217 

cervids (wild/farmed/zoo) in Ontario (2016-2019) to assess for antibodies to zoonotic and 

agriculturally important arboviruses. Livestock sera were tested for antibodies to bluetongue 

virus (BTV) and epizootic hemorrhagic disease virus (EHDV). Sera from cervids were tested for 

antibodies to BTV, EHDV, West Nile virus (WNV), eastern equine encephalitis virus (EEEV), 

Powassan virus (POWV) and heartland virus (HRTV). Fifteen (9.0%) cattle were seropositive 

for EHDV-serotype 2. Nine (4.2%) cervids were seropositive for flaviviruses; three were 

confirmed as WNV, three as EEEV, and one as POWV. All animals were seronegative for BTV 

and HRTV. These results reveal low seroprevalence of important agricultural, wildlife and 

zoonotic pathogens and underlie the need for continued surveillance in this and other regions in 

the face of changing environmental conditions. 

Key words: Arbovirus, Deer, Flavivirus, Livestock, Orbiviruses, Wildlife 
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4.2 INTRODUCTION 

Arthropod-borne viruses (arboviruses) comprise a diverse group of pathogens that can infect 

and cause disease in a range of vertebrate hosts, including humans, livestock and wildlife. The 

global geographic range of these viruses generally is closely aligned with the distributions of 

their associated vectors (Ogden et al. 2006; Ruder et al. 2015). Factors like climate change, 

urbanization, and global trade can expand the geographic distribution of vectors and associated 

arboviruses, thus increasing the potential disease burden in susceptible hosts (Ogden et al. 2006; 

Nelder et al. 2014; Romero-Lankao et al. 2014; Ludwig et al. 2019). Northern latitudes, such as 

Ontario, Canada, are especially vulnerable to northward vector expansion and the change of 

vectorial capacity in already established vectors, and in many cases these areas are also home to 

naïve vertebrate hosts (Ogden et al. 2006; Bouchard et al. 2019; Ludwig et al. 2019). 

Despite the potential negative health effects of arboviruses on humans and other animals, the 

diversity and contributions of various host species to sylvatic transmission cycles remains poorly 

understood (Gould et al. 2017). Ruminants represent a diverse group of animals that can play a 

role in arbovirus life cycles and ecoepidemiology (e.g., as reservoir or maintenance hosts; 

Nofchissey et al. 2013; Clarke et al. 2018). They also may be useful sentinels for tracking the 

distribution of numerous arboviruses, especially in light of climate and landscape changes that 

may contribute to shifts in geographic distribution of hosts and vectors. White-tailed deer 

(Odocoileus virginianus), for example, are widespread across much of North America, are fed 

upon by numerous hematophagous arthropod vectors, have relatively limited home range sizes, 

and utilize a variety of habitats, some of which are in close association with humans and 

livestock (Apperson et al. 2004; Pedersen et al. 2017). Domestic livestock are also widely 



 

 

104 

 

distributed and fed upon by disease vectors, and often remain on one or few farms for much of 

their lives, with their movements often traceable. 

We aimed to assess the potential utility of ruminants (free-ranging, farmed, zoo) as sentinels 

for select arboviruses of agricultural, wildlife and public health significance, as well as to better 

understand aspects of the epidemiology of these potential arbovirus hosts across the landscape of 

southern Ontario, Canada, where humans, livestock, and wildlife live in close proximity. Our 

objectives were to: 1) determine the seroprevalence of bluetongue virus (BTV) and epizootic 

hemorrhagic disease virus (EHDV; family Reoviridae; genus Orbivirus) in ruminants (i.e., 

farmed cattle and sheep; wild, farmed and zoo cervids) in Ontario; and 2) to examine the 

geographic distribution of wild, farmed and zoo cervids with antibodies to West Nile virus 

(WNV; family Flaviviridae; genus Flavivirus), eastern equine encephalitis virus (EEEV; family 

Togaviridae; genus Alphavirus), Powassan virus (POWV; family Flaviviridae; genus 

Flavivirus), and heartland virus (HRTV; family Bunyaviridae; genus Phlebovirus) in Ontario, 

Canada. 

4.3 MATERIAL AND METHODS 

Farm site selection and sample collection from livestock. Blood was collected from cattle 

and sheep at 12 sites (representing 11 farms) in southern Ontario for two, consecutive field 

seasons (i.e., January 2017 to December 2017; and January 2018 to February 2019). One of the 

participating farms changed locations by approximately 6 kms between the first and second field 

season. Farms were selected based on the following criteria: cattle or sheep-focused with 

primarily outdoor housing, and geography (i.e., sites close to the Canadian/American border 

based on recent orbiviral activity detected in the USA). Among the 11 participating farms, six 
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primarily raised cattle (five beef and one dairy cattle operation) and five were sheep farms 

(Figure 4.1). Two blood collection efforts occurred on each farm site, the first in 2017 and again 

in 2018-2019, and were opportunistic based on available animals. Venipuncture sites were the 

coccygeal vein and jugular vein in cattle and sheep, respectively, and 5 ml of whole blood was 

collected into 6 ml, red top vacutainer tubes (BD tube vacutainer, Mississauga, Ontario, Canada) 

from each animal. Only animals over six months of age and born in Ontario with no history of 

travel outside of the province were included. All animals were apparently healthy at the time of 

sampling.  

Sample collection from wild and captive cervids. Blood samples were opportunistically 

collected across mainly southern Ontario, from wild, farmed and zoo cervids from December 

2016 to January 2019. The cervid species sampled included white-tailed deer, red deer (Cervus 

elaphus), elk (i.e., wapiti; C. canadensis), elk-red deer hybrids (C. canadensis x C. elaphus), 

moose (Alces alces), and woodland caribou (Rangifer tarandus caribou). Blood was collected 

from hunter-harvested and road-killed white-tailed deer carcasses during routine surveillance 

efforts by the Ontario Ministry of Natural Resources and Forestry (MNRF), by licensed hunters, 

from members of the public, and from diagnostic cases submitted to the Canadian Wildlife 

Health Cooperative (CWHC), Ontario/Nunavut node. Additionally, blood was also collected 

from farmed cervid carcasses (i.e., red deer, elk-red deer hybrids) at Ontario abattoirs, and 

captive elk, moose and woodland caribou at a zoological park. The blood samples were absorbed 

onto Nobuto blood filter strips (Advantec MFS, Inc., Dublin, CA); hereafter, “filter strips”) 

either by immersing the filter strip into pooled fresh blood or by placing whole blood onto filter 

strips via syringe. The blood samples that were opportunistically collected from cervid species at 
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a zoological park occurred during routine handling, per the same methods as those described 

above under livestock. Animal handling and sample collection methods were conducted under 

institutional animal care and use committee approval (protocol AUP#3529; University of 

Guelph, Guelph, Ontario, Canada).  

Sample storage and serologic testing. Whole blood samples from cattle and sheep were 

stored at 4°C for ≤ 24 hours, and centrifuged at 2,200 X g for 15 minutes for separation of serum. 

Sera samples were aliquoted and stored at -20°C until testing. The filter strips were dried 

completely (≥ 24 hours at room temperature), and then stored in paper envelopes at room 

temperature for one month and then stored at -20°C until testing. For BTV and EHDV testing 

(from cattle and sheep), frozen serum samples were shipped overnight on blue ice packs and 

filter strips (from captive and wild cervids) at ambient temperature to the National Centre for 

Foreign Animal Disease (NCFAD) in Winnipeg, Manitoba, Canada, for sample elution (filter 

strips) and serologic testing. For WNV, EEEV, POWV and HRTV testing, filter strips were 

shipped at ambient temperature to the Southeastern Cooperative Wildlife Disease Study at the 

University of Georgia, and to the Animal Disease Laboratory at Colorado State University. In all 

cases, sera were eluted from filter strips as previously described (Nemeth et al. 2017) resulting in 

a 1:10 serum dilution.                                                                                                                                             

Laboratory testing. All serum samples and filter eluates were heat-inactivated at 56°C for 30 

minutes prior to testing. At the NCFAD, the serum and filter eluates were tested for antibodies to 

BTV and EHDV by virus-specific blocking and competitive ELISA as previously described 

(Afshar et al. 1992). Positive samples were subsequently tested for BTV and EHDV for 

neutralizing antibodies by serum neutralization assay for BTV-2, 8, 10, 11, 13 and 17, and 
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EHDV-1 and 2 as previously described (Afshar et al. 1997). All cervid samples with sufficient 

remaining volume were screened for antibodies to WNV, EEEV, POWV, and HRTV. For WNV 

serological testing, eluates were screened for WNV-neutralizing antibodies at a 1:20 dilution by 

plaque reduction neutralization test (PRNT). Samples with > 90% neutralization were further 

tested to determine the causative virus as WNV or St. Louis encephalitis virus (SLEV) by a 4-

fold or greater PRNT90 titer. If a 4-fold difference could not be demonstrated, the sample was 

considered anti-Flavivirus antibody positive (Komar et al. 2001; Blitvich et al. 2003; Smith et al. 

2018). For EEEV PRNT, a Sindbis virus-EEEV chimera with structural proteins derived from 

EEEV prM/E was used as previously described (Mutebi et al. 2011). Eluates were screened for 

EEEV-neutralizing antibodies at a 1:20 dilution and were considered positive at ≥ 80% 

neutralization. For POWV PRNT, a deer tick virus (DTV)-WNV chimera with structural proteins 

derived from DTV was used to screen for POWV as previously described (Nofchissey et al. 

2013). Eluates were screened for POWV-neutralizing antibodies at a 1:20 dilution and were 

considered positive at ≥ 80% neutralization. For both EEEV and POWV samples that screened 

antibody positive, serial 2-fold dilutions were performed (from 1:20 to 1:320) to determine 

PRNT80 titers and the positive result was confirmed at a PRNT80 titer of ≥ 1:20. Eluates were 

also screened for antibodies to HRTV by serum microneutralization test (NVSL 1981). The 

samples were challenged with ~1000 tissue culture infectious dose (TCID50) of HRTV 

suspension; eluates were incubated with virus (at a 1:20 serum dilution) for 1 hour at 37°C and 

5% CO2 and wells were subsequently seeded with Vero E6 cells and incubated at 37°C for 8 

days. The samples were considered positive at ≥ 50% neutralization (Clarke et al. 2018). 

Samples that tested positive for neutralizing antibodies at a 1:20 dilution underwent serial 2-fold 
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dilutions to determine the endpoint titer. The antibody titer was expressed as the reciprocal of the 

highest serum dilution with ≥ 50% neutralization. 

Statistical analysis. Prevalence and exact confidence intervals (CI) were estimated using 

STATA14 Intercooled (StataCorp, College Station, TX). A 95% CI was used for positive test 

results, and a 97.5% CI was used when no positive results occurred. 

4.4 RESULTS 

Livestock. Blood was collected from a total of 349 farmed cattle and sheep from 12 farm 

sites; 167 animals were sampled in 2017 and 182 animals in 2018-2019. For both sampling 

seasons, beef cattle made up the largest sample group (229/349; 65.6%), followed by sheep 

(108/349; 30.9%), then dairy cattle (12/349; 3.4%). For 2017, initial screening by ELISA 

detected antibodies to EHDV in 8.9% (15/167) of the samples, which was confirmed as EHDV-

serotype 2 by serum neutralization test in all cases (Figure 4.1). In 2018-2019, no antibodies to 

EHDV or BTV were detected in any livestock sample. 

Cervids. Samples were collected from a total of 217 cervids across Ontario (Figure 4.2), of 

which the wild cervids comprised the majority (167/217; 77.0%), followed by farmed (40/217; 

18.4%) and zoo animals (10/217; 4.6%). The majority of samples were from white-tailed deer, 

followed by wapiti-red deer hybrids, wapiti, moose, woodland caribou, and red deer (Table 4.1). 

Among samples tested for antibodies to WNV (N = 213), 4.2% (9/213; 95% CI: 1.9-7.8) had 

anti-Flavivirus antibodies, three of which were determined to be WNV; WNV was not 

distinguishable from SLEV for six samples presumably due to virus cross-reactivity. 

Additionally, antibodies to POWV and EEEV (N = 217, each) were identified in 0.5% (1/217; 

95% CI: 0.0-2.5) and 1.4% (3/217; 95% CI: 0.2-3.9) of deer, respectively (Table 4.1). None of 
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the cervid samples tested had evidence of antibodies to HRTV (N = 212), EHDV (N = 217) or 

BTV (N = 217; Table 4.1). 

4.5 DISCUSSION 

This study revealed a small percentage of sampled cervids with circulating antibodies to 

WNV, EEEV, and POWV in Ontario, Canada. In addition to the detection of antibodies to 

zoonotic, vector-borne pathogens in cervids, resident livestock had antibodies to EHDV-serotype 

2. Sample collection in the present study serendipitously and temporally encompassed a small 

outbreak of EHDV-serotype 2 in white-tailed deer in southern Ontario (Allen et al. 2019). The 

EHDV-serotype 2 seropositive beef cattle were sampled in regions adjacent to and within the 

vicinity of this outbreak. This EHDV-serotype 2 activity in Ontario wildlife and livestock 

represents thus far rarely documented event at this latitude in North America. However, reported 

arboviral infections in northern latitudes, including hemorrhagic disease-causing orbiviruses, 

have increased in recent years (Pybus et al. 2014; Ludwig et al. 2019). The expanding 

geographic range of these agriculturally relevant, vector-borne viruses in part has been attributed 

to changing climate and landscape conditions that favor vector survival and establishment 

(Ludwig et al. 2019).   

Globally, the geographic ranges of arboviruses are changing based on human activities (e.g., 

human travel via air and other means, and commerce involving livestock movement) and climate 

change (Ogden et al. 2006; Ruder et al. 2015; Ludwig et al. 2019). In Canada, WNV is currently 

the leading cause of mosquito-borne disease in humans, after being first identified in Ontario in 

2001 and subsequently spreading throughout most of the province (Zheng et al. 2014; Giordano 

et al. 2017; Wijayasri et al. 2019). Conversely, EEEV activity generally is restricted to 
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southeastern Canada (e.g., Ontario and Québec), despite the earliest documented evidence in 

Ontario in moribund horses in 1938 as well as recently documented incursions into southern and 

eastern Ontario (Public Health Ontario 2014). Among the arboviruses assessed in the present 

study, only WNV and EEEV activity is tracked consistently in Ontario; both mosquito pool 

testing and veterinary (equine) cases are used (Public Health Ontario 2018; Public Health 

Ontario 2019). In the case of EEEV, it appears that the results differ between the two sample 

types (pools and equine cases) year to year (2002-2018) (Public Health Ontario 2019). Human 

cases of POWV have been documented in the United States, Canada, and Russia; in Canada, 

POWV is endemic in Ontario, mainly across the northern and southern portions with evidence of 

transmission in Quebec, Alberta and British Columbia (Hermance and Thangamani 2017). 

Heartland virus was first identified in 2009 in Missouri, with serological evidence of a broader 

distribution throughout the Midwestern U.S. (Savage et al. 2013; Bosco-Lauth et al. 2015). 

While there is no evidence of HRTV circulation in Ontario to date, the province is home to a 

number of mammalian species that could potentially act as reservoir hosts, and the primary tick 

vector (A. americanum) has sporadically been identified in the province through passive 

surveillance (Nelder et al. 2019). Finally, BTV and EHDV are undergoing northward geographic 

expansion into novel environments with abundant immunologically-naïve hosts on multiple 

continents (Lysyk & Dergousoff 2014; Stallknecht et al. 2015). There have been recent 

outbreaks of BTV and EHDV serotypes among livestock and wildlife in Europe, the United 

States, the Middle East as well as more recently in Ontario, Canada (Allison et al. 2010; 

MacLachlan 2010; Ruder et al. 2015; Allen et al. 2019). In Canada, EHDV has been sporadically 

detected in the southern portions of British Columbia, Alberta and occasionally Saskatchewan 
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(Dulac et al. 1989; Dulac et al. 1992; Pybus et al. 2014). Evidence of BTV transmission is 

thought to be limited to the Okanagan Valley, British Columbia (Thomas et al. 1982; Dulac et al. 

1989; Sterritt & Dulac 1991) and Ontario is mostly considered BTV and EHDV free, with rare 

serologic detections in dairy cattle (BTV-serotype 13) and clinical disease in wild white-tailed 

deer (EHDV-serotype 2) (OIE 2015; Allen et al. 2019). Continued surveillance is important to 

tracking any future changes in orbivirus activity in southern Canada.  

The role that ruminants play in the transmission and ecology of arboviruses varies and is often 

poorly understood. However, ruminants, especially local livestock (i.e., not transported out of 

home region), and wildlife with relatively defined home ranges, may serve as useful arbovirus 

sentinels and as such, aid in tracking virus spread (Pedersen et al. 2017). Although birds are the 

primary maintenance hosts for WNV and EEEV, spillover infections occur in mammals, 

including cervids (Root 2013), which generally are dead-end hosts (Kramer et al. 2008; Root 

2013; Pedersen et al. 2017; Root & Bosco-Lauth 2019). In eastern Canada, Culex pipiens and 

Cx. restuans are considered important WNV vectors, and for EEEV, Culiseta melanura is an 

important vector (Kramer et al. 2008; Armstrong & Andreadis 2010; Ludwig et al. 2019). 

Although Cx. pipiens and Cs. melanura can feed on white-tailed deer, these species are generally 

ornithophilic (Molaei et al. 2006; Molaei et al. 2015). In the case of tick-borne viruses, like 

POWV and HRTV, cervids tend to primarily serve as a food source, and are a means for 

transporting ticks to new geographical areas (de la Fuente et al. 2016; Mansfield et al. 2017; 

Clarke et al. 2018). Powassan virus is primarily transmitted by the black-legged tick (Ixodes 

scapularis) and groundhog tick (I. cookei), and HRTV primary by the lone star tick (Amblyomma 

americanum) (Ogden et al. 2006; Allan et al. 2010; Bosco-Lauth et al. 2015). White-tailed deer 
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have been identified as a host for adult I. scapularis and all A. americanum life stages (Ogden et 

al. 2006; Allan et al. 2010; Bosco-Lauth et al. 2015). For some Culicoides-borne viruses, like 

BTV and EHDV, it is thought that wild ruminants may play a role as amplifying hosts and viral 

reservoirs (Hoff & Trainer 1978; Drolet et al. 2013).   

Serologic studies suggest subclinical WNV, POWV, EEEV, and HRTV infections in various 

wild cervids may occur; however, the potential health effects of these virus infections are not 

well understood (Miller et al. 2005; Tate et al. 2005; Root & Bosco-Lauth 2019). The cervid 

serological results from the present study appear relatively consistent with the neighbouring state 

of Michigan, U.S. but vary with other northeastern states (Eisen et al. 2011; Berl et al. 2013; 

Pedersen et al. 2017). Fatalities and clinical disease resulting from infection with WNV or EEEV 

have been documented in white-tailed deer (Miller et al. 2005; Tate et al. 2005; Schmitt et al. 

2007; Michigan Department of Health and Human Services 2019); however, they are rare and 

tend to result in neurological disease (e.g., tremors and ataxia). Evidence of WNV infection, 

without known clinical disease, has been reported in white-tailed deer from a number of U.S. 

states and a captive woodland caribou herd from Alberta, Canada (Root 2013; Curry et al. 2014; 

Pedersen et al. 2017). Eastern equine encephalitis virus infection in white-tailed deer and moose 

in a number of U.S. states and Quebec, Canada has been reported (Eisen et al. 2011; Mutebi et 

al. 2012; Berl et al. 2013; Rocheleau et al. 2013; Lubelczyk et al. 2014; Pedersen et al. 2017). 

Cervids, especially wild cervids, are not commonly assessed for anti-POWV antibodies, and 

thus, the present data serve as a baseline from which to make future comparisons (Pedersen et al. 

2017). While there have been a number of recent white-tailed deer serosurveys for HRTV, 
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morbidity and mortality in cervids has not yet been documented (Bosco-Lauth et al. 2015; 

Riemersma & Komar 2015; Clarke et al. 2018).  

Both BTV and EHDV infect a wide variety of wild and domestic ruminants and cause a range 

of health effects (Savini et al. 2011; Ruder et al. 2015). In general, BTV can cause severe 

morbidity and/or mortality in sheep and deer, but clinical disease is rare in other species such as 

cattle (Pardon et al. 2010; Brenner et al. 2011; Sperlova and Zendulkova 2011). Acute infections 

can lead to lethargy, pyrexia, multiorgan hemorrhage and edema (Thompson et al. 1988; 

Williamson et al. 2008; Ruder et al. 2015). For EHDV, white-tailed deer are the most severely 

affected species, although outbreaks have been reported in a variety of other wild ruminant 

species (e.g., pronghorn (Antilocapra americana); mule deer (Odocoileus hemionus)) (Pybus et 

al. 2014; Ruder et al. 2015). Clinical signs in wild cervids with EHDV and BTV are similar to 

those of BTV in sheep, and can result in large scale outbreaks causing severe morbidity and/or 

mortality in deer populations across North America (Pybus et al. 2014; Ruder et al. 2015). Thus, 

BTV and EHDV have the potential to cause high levels of morbidity and/or mortality in 

livestock and/or wildlife. The identification of antibodies to EHDV-2 in Ontario livestock was 

limited spatially and was believed to have been an extension, likely representing the northern 

range, of a concurrent outbreak in the U.S. in 2017 (Allen et al. 2019). No antibodies to BTV 

were identified among deer or livestock in the present study and have only been documented 

once previously in Ontario in three dairy cattle (OIE 2015). Previous studies in cattle in 

nonendemic BTV areas in the U.S. revealed a low (<1%) seropositive rate (Pearson et al. 1992; 

Ruder et al. 2015).   
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In the present study, we recruited biologists, hunters, and conservationists to help with blood 

sample collection from wild and captive cervids onto filter strips. This allowed opportunistic 

sample collection from higher numbers of deer and from a broader region than would have 

otherwise been possible. While the use of these strips has been documented in numerous wildlife 

species for the purpose of serologic testing for a variety of infectious agents (Curry et al. 2014), 

there remain numerous challenges. For example, sensitivity may be lowered for some serologic 

assays (Nemeth et al. 2017). In addition, sample quality can be affected by varying postmortem 

conditions, collection methods, and storage conditions (Mueller-Anneling et al. 2000; Bevins et 

al. 2016). Finally, due to presumed cross-reactivity while testing for anti-Flavivirus antibodies in 

the present study (i.e., WNV vs. SLEV), some samples were not able to be confirmed as WNV-

induced, although they were suspected as such due to evidence of WNV circulation in southern 

Ontario during the study period (Public Health Ontario 2018; Public Health Ontario 2019).     

This study identified rare occurrences of WNV, EEEV, POWV and EHDV-serotype 2 in 

farmed, wild and zoo ruminants in southern Ontario, Canada. Due to the likely increasing risk of 

vector-borne zoonotic, wildlife and agricultural arboviruses in Ontario, Canada, as well as other 

northern latitudes globally, continued surveillance and monitoring are imperative. Such studies 

may allow for early or otherwise undetected evidence of pathogen transmission and thus, provide 

opportunities to mitigate risk of infections to humans, wildlife and livestock. This serologic 

testing, including opportunistic, is an important option, especially in scenarios in which 

arthropod testing may not provide accurate predictions of vertebrate cases. Future 

serosurveillance as well as targeted research that encompass vectors, wildlife and domestic 

animals will continue to increase our understanding of the risk of outbreaks as well as 
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epidemiologic patterns over diverse and dynamic landscapes, as the virus and vector 

relationships continue to evolve. 
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Table 4. 1 Seroprevalence of numerous arthropod-borne viruses of public health or agriculture importance in cervids in Ontario, 

Canada, from 2016-2019.a 

Species 

2016-2017 2018-2019 

WNVb, c 

No. positive/N 

(%); 95% CId 

EEEV 

No. positive/N 

(%); 95% CI 

POWV 

No. positive/N 

(%); 95% CI 

WNV  

No. positive/N 

(%); 95% CI 

EEEV 

No. positive/N 

(%); 95% CI 

POWV 

No. positive/N 

(%); 95% CI 

White-tailed deer 

(Odocoileus virginianus) 

0/83 (0.0);  

0.0-4.3 

0/86 (0.0);  

0.0-4.2 

0/86 (0.0);  

0.0-4.2 

7/81 (8.6);  

3.5-17.0 

3/82 (3.7);  

0.7-10.3 

0/82 (0.0);  

0.0-4.4 

Red deer (Cervus elaphus) 
0/2 (0.0);  

0.0-84.1 

0/2 (0.0);  

0.0-84.1 

0/2 (0.0);  

0.0-84.1 
NT NT NT 

Wapiti-red deer hybrid 

(Cervus canadensis x 

Cervus elaphus) 

0/17 (0.0);  

0.0-19.5 

0/17 (0.0);  

0.0-19.5 

0/17 (0.0);  

0.0-19.5 

0/20 (0.0);  

0.0-16.8 

0/20 (0.0);  

0.0-16.8 

0/20 (0.0);  

0.0-16.8 

Wapiti (Cervus 

canadensis) 

0/4 (0.0);  

0.0-60.2 

0/4 (0.0);  

0.0-60.2 

1/4 (25.0);  

0.6-80.5 
NT NT NT 

Woodland caribou 

(Rangifer tarandus 

caribou) 

2/3 (66.7);  

9.4-99.1 

0/3 (0.0);  

0.0-70.7 

0/3 (0.0);  

0.0-70.7 
NT NT NT 

Moose (Alces alces) 
0/3 (0.0);  

0.0-70.7 

0/3 (0.0);  

0.0-70.7 

0/3 (0.0);  

0.0-70.7 
NT NT NT 
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Total 
2/112 (1.8);  

0.2-6.3 

0/115 (0.0);  

0.0-3.1 

1/115 (0.9);  

0.0-4.7 

7/101 (6.9);  

2.8-13.8 

3/102 (2.9);  

0.6-8.3 

0/102 (0.0);  

0.0-3.6 

aNone of the serum samples from cervids had evidence of antibodies to HRTV, BTV or EHDV; bWNV=West Nile virus; 

EEEV=eastern equine encephalitis virus; POWV=Powassan virus (POWV); NT=not tested; CI=confidence interval; cNine samples 

had anti-Flavivirus antibodies, three of which were determined to be WNV; WNV was not distinguishable from SLEV for six samples 

due to presumed virus cross-reactivity (Nemeth et al. 2009); dA 95% CI was used for positive test results, and a 97.5% CI was used 

when no positive results occurred. 
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Figure 4. 1 The distribution of farm sites (N =12) from which livestock serum samples were tested for antibodies to bluetongue virus 

(BTV) and epizootic hemorrhagic disease virus (EHDV) in southern Ontario, Canada (2017-2019).  
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Figure 4. 2 The distribution of cervids (wild, farmed, zoo) that were sampled and tested for antibodies to bluetongue virus (BTV), 

epizootic hemorrhagic disease virus (EHDV), Flavivirus/West Nile virus (WNV), Powassan virus (POWV), eastern equine 

encephalitis virus (EEEV), and heartland virus in Ontario, Canada (2016-2019). 
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5.1 ABSTRACT  

Culicoides Latreille (Diptera: Ceratopogonidae) is a genus of hematophagous midge that 

feeds on a variety of vertebrate hosts and serves as a vector of numerous pathogens important to 

livestock and wildlife health. In North America, these pathogens include bluetongue virus (BTV) 

and epizootic hemorrhagic disease virus (EHDV). Currently, little is known about Culicoides 

spp. distribution and abundance and species composition in Ontario, Canada, despite the abutting 

of the southern Ontario border with numerous U.S. states with documented Culicoides spp. and 

histories of BT and EHD virus activity. We sought to characterize Culicoides spp. distribution 

and abundance (including peak abundance) and to investigate whether select risk factors 

influenced the abundances of C. biguttatus, C. stellifer, and subgenus Avaritia trapped 

throughout southern Ontario. From June-October of 2017 and 2018, CDC-type, LED light 

suction traps were placed on twelve sites across southern Ontario, and all Culicoides spp. 

collected were morphologically identified. Negative binomial regression was used to examine 

associations among C. biguttatus, C. stellifer, and subgenus Avaritia abundance and the 

following factors: temperature, rainfall, primary livestock species, and habitat type. Throughout 

both years, a total of 33,905 Culicoides spp. midges were collected, encompassing 14 species 

from seven subgenera and one species group. Culicoides sonorensis, a known vector of EHD and 

BT viruses and a species only recently recorded from Ontario, was collected from three sites 

during both years. Additionally, C. kibunensis and C. baueri were collected during both years, 

from nine and three sites, respectively. These represent new records for Ontario, and C. baueri 

represents a new species record for Canada. Culicoides biguttatus, C. stellifer, and subgenus 

Avaritia were significantly more abundant if ovine was the primary livestock species at trapping 
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sites (compared to bovine). These data support the potential for spread and maintenance of EHD 

and BT viruses and concurrent health risks to livestock and wildlife in southern Ontario. 

Key words: abundance, Ceratopogonidae, Culicoides sonorensis, Culicoides stellifer, diversity 
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5.2 INTRODUCTION 

Culicoides Latreille (Diptera: Ceratopogonidae) is a genus of hematophagous biting midge 

that feeds on a variety of vertebrate host species (Mellor et al. 2000; Carpenter et al. 2013; Ma et 

al. 2013). This group includes >1400 species worldwide that are on most major land masses 

across a variety of habitats, including agricultural and forested areas (Mellor et al. 2000; Borkent 

2013; Purse et al. 2015). Some species of biting midges can contribute to poor performance in 

livestock from nuisance biting alone, and some also are competent vectors of zoonotic pathogens 

(e.g., Oropouche virus and Mansonella ozzardi) and important livestock and wildlife pathogens 

(e.g., Schmallenberg virus [SBV], African horse sickness virus, bluetongue virus [BTV], and 

epizootic hemorrhagic disease virus [EHDV]) (Carpenter et al. 2013; Martínez-de la Puente et al. 

2015; Pfannenstiel et al. 2015; Erram & Burkett-Cadena 2018). In North America two 

Culicoides spp., C. sonorensis and C. insignis, have been deemed capable of transmitting either 

BTV and/or EHDV, but a more complete understanding of vector competence for these viruses 

is lacking (Tanya et al. 1992; Tabachnick 1996; Smith & Stallknecht 1996; Pfannenstiel & Ruder 

2015). These viruses pose a serious animal health threat, as BTV can cause mortality of domestic 

sheep (MacLachlan et al. 2009) and both BTV and EHDV can lead to high mortality among 

farmed and free-ranging cervids in North America, primarily white-tailed deer (Sterritt & Dulac 

1991; Pybus et al. 2014; Ruder et al. 2015). Recently, the frequency and geographic range of 

Culicoides spp.-driven virus outbreaks, specifically for BTV, EHDV and SBV, have increased in 

Europe, North America and the Middle East and have led to concerns about geographic spread 

(Gibbs et al. 2008; Allison et al. 2010; MacLachlan 2010; Ruder et al. 2015; Allen et al. 2019).  
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Historically, epidemiologic patterns and geographical distribution for both BTV and EHDV 

have been consistent in some scenarios (Ruder et al. 2015). However, the previously defined 

geographical limits of these viruses are changing, with outbreaks occurring more frequently and 

in areas not previously considered at risk (Pfannenstiel et al. 2015; Ruder et al. 2015; Allen et al. 

2019). Changes in virus distribution may reflect a shifting geographic range of the vector in 

response to global climate change (MacLachlan & Guthrie 2010; Ruder et al. 2015). For 

example, C. sonorensis (Wirth & Jones) has been primarily documented in portions of the 

western U.S. and Canada, with scattered populations east of the Mississippi River, and absent 

from the northeastern U.S. and eastern Canada. However, C. sonorensis was recently recorded 

from a few regions of southern Ontario, Canada (Downes 1978; Lysyk & Dergousoof 2014; 

Pfannenstiel et al. 2015; Jewiss-Gaines et al. 2017; Vigil et al. 2018). While these new records 

are notable, Culicoides spp. community data are lacking from a broader region across southern 

Ontario and are needed to more accurately assess vector species diversity, abundance, and 

distribution. This information is crucial to determine the risk of Culicoides spp.-transmitted viral 

infections in domestic and wild ruminant populations in southern Ontario.  

The emergence and re-emergence of pathogens transmitted by Culicoides spp. across North 

America, Europe, and the Middle East highlight the need for more intensive surveillance efforts 

that include both vectors, viruses, and hosts. Few published studies have focused on 

characterizing Culicoides spp. composition and geographic distribution and the effects of 

potentially important, contributing, external factors (Ruder et al. 2015; Erram & Burkett-Cadena 

2018; Allen et al. 2019). This is especially true for areas such as Ontario, Canada, due to its 

northern latitude and the lack of reports of EHDV and BTV detection in livestock or wildlife 
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prior to 2017 (Allen et al. 2019). Therefore, the over-arching goal of this study was to provide 

baseline data characterizing Culicoides spp. in sites that overlap with livestock and deer 

populations across southern Ontario, Canada. Specifically, our objectives were to: 1) determine 

the abundance and taxonomic diversity of adult Culicoides spp. midges; and 2) assess the 

potential effects of meteorological and ecological variables on the abundance of documented 

Culicoides spp. across parts of southern Ontario, Canada.  

5.3 MATERIALS AND METHODS 

Sample collection and identification. Live insect trapping targeting flying insects was 

conducted on 11 farms (12 sites; see location change below) in southern Ontario from June to 

October 2017 and 2018 using 2770 UV LED CDC light traps (BioQuip Products, 

http://www.bioquip.com). The sites were stratified by their relative “northern” and “southern” 

geographical locations (Figure 5.1) and were selected based on the following criteria: cattle or 

sheep-focused with primarily outdoor housing and, for the southern sites, proximity to known 

recent orbiviral activity detected in neighboring regions of the USA. The same sites were used 

for both years of study except for one, which changed locations by approximately 6 km between 

2017 and 2018. Among the 11 participating farms, six primarily raised cattle (five beef and one 

dairy cattle operation) and five were sheep farms (Figure 5.1). Approximately every two weeks, 

two traps were placed on each site at recurring locations and were operated from dusk to dawn, 

for a total of 396 trap nights. At each site, one trap was placed within 15 m of outdoor livestock 

(cattle or sheep; deemed “livestock” habitat), and the second trap was placed within 15 m of a 

natural area (e.g., forested or wetland areas inaccessible to livestock; deemed “natural” habitat).  
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All trapped insects were collected into 70% ethanol and transported on ice to a research 

laboratory at the University of Guelph (Guelph, Ontario). Insects from each trap were 

morphologically sorted under a dissecting scope to separate purported Culicoides spp. from 

bycatch (Wirth et al. 1985). All Culicoides spp. were stored in ethanol at 8°C and shipped to the 

Canadian Food Inspection Agency (CFIA) in Lethbridge, Alberta for further examination and 

identification to species using taxonomic keys (Wirth et al. 1985). Specimens that were unable to 

be identified were sent for further analysis to the Southeastern Cooperative Wildlife Disease 

Study (SCWDS) at the University of Georgia, where they were dissected, slide mounted in a 

Histoclear-Canada Balsam solution, and morphologically identified as described in Vigil et al. 

(2014).  

Peak Abundance. Individual Culicoides spp. were sorted into groups based on their sex 

(male/female), species/sub-genus, site, date, and trap location. The assessment of Culicoides spp. 

peak abundance in 2017 and 2018 was standardized by use of epidemiological (epi) weeks. This 

facilitates comparison of data across both years, as well as with other datasets in the other 

regions (Central Massachusetts Mosquito Control Project 2020). We defined the first epiweek of 

the year as the week that ended on the first Saturday in January with at least four preceding days 

in that month. Each epiweek began on Sunday and ended on Saturday. Therefore, in 2017, the 

first epiweek started on Sunday the 1st of January and ended on Saturday the 7th of January. In 

2018, epiweeks started on Monday, January 1 and ended on Saturday, January 6.   

Statistical analysis of associations. Statistical analyses were performed on individual species 

and/or species groupings with the greatest number collected for both the 2017 and 2018 trapping 

seasons; these included those within the subgenus Avaritia, as well as C. biguttatus and C. 
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stellifer. To investigate independent variables affecting the nightly abundance of subgenus 

Avaritia, C. biguttatus, and C. stellifer, mixed-effects univariable negative binomial regression 

models were chosen to account for overdispersion in the data (Rigot et al. 2013). Eight 

independent variables were included: primary livestock species at site (“ovine” vs. “bovine”), 

habitat type (“natural” vs. “livestock”), sum of rainfall (mm; for two-day periods that 

encompassed the trapping period as well as four and eight weeks prior to trapping), and mean 

temperature (°C; for same time periods as rainfall). Data on mean daily temperature and total 

rainfall were acquired from Environment Canada (Government of Canada 2019) and represented 

the nearest or next-nearest (when necessary) weather station (i.e., for each site: Sarnia, ON; 

Strathroy-Mullifarry, ON; Chatham Kent, ON; Kingsville Ministry of the Environment, ON; 

Markdale, ON; Kincardine ON) for relevant time periods in 2017 and 2018.  

The linearity assumption for the continuous variables of sum of rainfall (in mm; for two-day 

periods that encompassed the trapping period as well as four and eight weeks prior to trapping), 

and mean temperature (in °C; for same time periods as rainfall) were visually assessed via 

lowess curves. Based on the nonlinearity of the curves, the temperature and rainfall data were 

each subsequently categorised and sorted into three categories based on tertiles (Table 5.1). In 

order to account for potential clustering due to repeated sampling we included residence (farm 

site), trap ID, and trap ID date as random effects. All statistical tests were performed using 

STATA (STATA Intercooled 14.2; StataCorp, College Station, Texas, USA). 
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5.4 RESULTS 

Culicoides spp. collection. Throughout both years of the study (2017 and 2018), a total of 

33905 individual insects identified as adult Culicoides spp. were trapped, encompassing 14 

species from seven subgenera and one species group. 

In 2017, 19160 individual, adult Culicoides spp. were trapped; these represented 14 species 

from seven subgenera and one species group (Table 5.2). Those within the subgenus Avaritia 

(Fox) were most abundant, followed by C. biguttatus (Coquillett) and C. stellifer (Coquillett), 

collectively accounting for 89.9% of the 2017 collection. Female Culicoides spp. (97.4%; 

n=18667) were more abundant than males (2.6%; n=493), with a female to male sex ratio of 

38:1. Culicoides spp. midges were more abundant in northern (71.8%; n=13756) versus southern 

trapping locations (39.3%; n=5404) (Table 5.3). Among Culicoides spp. trapped in 2017, two 

subgenera and ten species were found at both locations (i.e., northern and southern locations). 

Additionally, midges were more abundant in the traps in livestock sites (71.9%; n=13781) than 

traps in natural habitat sites (28.1%; n=5379) (Table 5.4). Culicoides sonorensis (0.1%; n=14) 

females were trapped from two sites.  

In 2018, a total of 14745 individual, adult Culicoides spp. represented 14 species from seven 

subgenera and one species group (Table 5.2). Culicoides biguttatus (Coquillett) was the most 

abundant species, followed by species within the subgenus Avaritia (Fox), and C. stellifer 

(Coquillett), accounting for 86.1% of the 2018 collection. Female Culicoides spp. (97.1%; 

n=14322) were more abundant than males (2.9%; n=423), with a female to male sex ratio of 34:1 

(Table 5.2). Culicoides spp. were more abundant in northern (55.3%; n=8152) versus southern 

locations (44.7%; n=6593) (Table 5.3). Three subgenus and eight species were found at both 
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locations (i.e., northern and southern locations) (Table 5.2). Additionally, Culicoides spp. were 

more abundant at livestock sites (60.39%; n=8904) than natural area sites (39.6%; n=5841) 

(Table 5.4). Culicoides sonorensis (0.01%; n=2) females were trapped at one site and 

morphologically identified.   

New records of Culicoides spp. were generated through our study. Culicoides kibunensis and 

C. baueri were trapped and morphologically identified from nine and three sites, respectively, 

and were trapped in both years. These represent new records of Culicoides spp. in Ontario, and 

Culicoides baueri represents a new species record for Canada (Table 5.2). Two-hundred and 

seventy samples were too damaged to identify to species level and were classified as unknown 

Culicoides spp. 

Peak abundance of Culicoides spp. in northern and southern locations over time. In 

2017, adult Culicoides spp. abundance across the northern locations had multiple peaks, 

including epiweek 33 (August 13-16), and epiweeks 29 (July 16-22), 31 (July 30-August 5), and 

39 (September 24-30) (Figure 5.2). Across southern locations, there was a peak of abundance 

during epiweek 24 (June 11-17). In 2018, adult Culicoides spp. abundance in the northern 

locations had two peaks of activity: epiweek 28 (July 8-14) and epiweek 30 (July 22-28). For the 

southern locations, a peak of abundance occurred at epiweek 24 (June 10-16) (Figure 5.2). 

Associations between Culicoides spp. abundance based on univariable mixed negative 

binomial model. Culicoides stellifer were significantly more abundant if temperature on trap 

days were in mid to high temperature ranges (i.e., 17.3-20.2 and 20.3-31.0°C compared to 9.5-

17.2°C) and sites with ovine as the primary livestock type as compared to bovine (Table 5.1). 

Culicoides stellifer were significantly less abundant if the rainfall 4 weeks prior was between 
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0.1-2.6 mm as compared to 0.0 mm and if insects were trapped at natural habitat sites as 

compared to livestock sites (Table 5.1). Culicoides bigutattus was significantly more abundant if 

temperature on trap days was in mid to high temperature ranges (i.e., 17.3-20.2 and 20.3-31.0°C 

versus 9.5-17.2°C), if the rainfall 8 weeks prior was in category 0.1-2.1 mm (compared to 0.0 

mm) and with ovine as the primary livestock type (compared to bovine) (Table 5.1). Culicoides 

bigutattus was significantly less abundant if temperature 4-week prior was higher (i.e., 21.1-

25.0°C as compared to 10.3-17.3°C), 8 weeks prior when 16.6-20.3 and 20.4-25.0°C as 

compared to -5.0-16.5°C, and if rainfall 4 weeks prior was between 2.7-20.1 mm (compared to 

0.0 mm) (Table 5.1). Subgenus Avaritia was significantly more abundant if temperature on trap 

days were at mid to high temperature ranges (i.e., 17.3-20.2 and 20.3-31.0°C compared to 9.5-

17.2°C), if rainfall 8 weeks prior was between 0.1-2.1 mm as compared to 0.0 mm and at sites 

with ovine as the primary livestock type as compared to bovine (Table 5.1). Subgenus Avaritia 

were significantly less abundant at natural habitat sites as compared to livestock sites (Table 5.1).  

5.5 DISCUSSION 

Although Culicoides spp. can be a severe nuisance to humans and animals, they pose a more 

substantial threat as biological vectors of viral pathogens (Mellor et al. 2000). Orbiviruses (e.g., 

BTV and EHDV) transmitted by Culicoides spp. threatens wildlife and livestock, especially 

naïve populations in northern latitudes, such as Ontario, Canada. These populations are likely to 

be at increased risk for morbidity and mortality due to the recent orbivirus incursion into 

northern latitudes across several continents (Pybus et al. 2014; Stallknecht et al. 2015; Allen et 

al. 2019). Based on these northern incursions, including in the United States, we conducted a 

comprehensive survey of Culicoides spp. from sites throughout southern Ontario, Canada over 
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two field seasons. We observed that within Ontario, more northern Culicoides spp. trapping 

locations had a pattern of seasonal peak abundance in August (2017) and July (2018), and 

southern locations had abundance peaks in early June for both years. Overall, larger abundances 

of Culicoides spp. (including two species and one species group) were observed at sites where 

ovine was the primary livestock type. A known BTV and EHDV vector (C. sonorensis) was 

among the Culicoides species identified, as well as a potential vector, C. stellifer. We also 

recorded two novel species in Ontario, C. kibunensis and C. baueri.  

Identifying the seasonal peak abundance (i.e., generation emergence) of targeted vector 

species of public, livestock or wildlife health importance, can assist in the development of risk 

management and future surveillance approaches. It can also help identify mitigation strategies, 

such as adjusting the timing of livestock management activities (e.g., shearing sheep, pasture 

rotation, moving animals indoors) to minimise skin contact and biting (Hope et al. 2018). 

Culicoides spp. data for Ontario (e.g., seasonal peak abundance) are scarce and the landscape is 

varied, making it difficult to compare results across studies. For the northern sites, we identified 

numerous peaks but the overall seasonal abundance peak was in mid to late summer of both 

years (i.e., August 2017 and July 2018). Our findings for northern locations differ from the 

seasonal peaks previously identified in Ontario (Jewiss-Gaines 2018), but resemble those in 

Northern Ireland and southeast England where some species (e.g., C. obsoletus, subgenus 

Avaritia) have two to three distinct abundance peaks (Holmes & Boorman 1987; Jess et al. 2018) 

usually in late July and early August (Jess et al. 2018). In our study, seasonal abundance peaked 

in early June in more southern Ontario locations for both years of study, with similar observed 

abundance peaks as previously described in more eastern Ontario locations. Specifically, Jewiss-
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Gaines (2018) consistently reported (2013-2017) seasonal Culicoides spp. abundance peaks in 

June in St. Catharines, Ontario. This site, located close to the border with the U.S. (at Niagara 

Falls, New York), is approximately 300 km northeast of our nearest southern location.  

Culicoides spp. reproduction and survivability in any given region are influenced in part by 

landscape and climatic variables (Mellor et al. 2000; Searle et al. 2012; Elbers et al. 2015; Brand 

& Keeling 2017). Habitat preferences, including host species availability, will impact the ability 

and frequency of Culicoides reproduction, which in turn will dictate the abundance and regional 

diversity of Culicoides spp in an area (Purse et al. 2012; Jess et al. 2018; McGregor et al. 2018). 

We observed higher abundance of some Culicoides spp. at sites where sheep were the primary 

livestock type. While some Culicoides spp. females have shown host preferences (Borkent 1997; 

Martínez-de la Puente et al. 2015), such host preferences for ovine occupied habitats have not yet 

been shown for C. biguttatus, C. stellifer or subgenus Avaritia within North America. In general, 

these species are considered generalist feeders, utilizing a variety of avian and mammalian hosts 

(Brickle et al. 2008; Martínez-de la Puente et al. 2015; McGregor et al. 2018; Sloyer et al. 2019). 

Feeding selection in some cases may be attributed to spatial overlap of vectors and hosts, not the 

host preference itself (McGregor et al. 2018). Our observation of increased midge abundance at 

sites where ovine were the primary livestock type could be due to differences in Ontario 

livestock management systems between cattle and sheep (e.g., water and waste management 

systems), associated landscape differences (e.g., water systems, common ground substrates) or 

some unrecognized factor (e.g., insecticide/antiparasitic use), rather than actual host type (Jess et 

al. 2018).  
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In addition to landscape, climatic conditions may affect Culicoides spp. abundance (Mellor et 

al. 2000; Searle et al. 2012; Elbers et al. 2015; Brand & Keeling 2017). Temperature appeared to 

impact the abundance of C. stellifer, subgenus Avaritia and C. biguttatus. While temperature has 

been proposed to positively influence Culicoides spp. abundance in some temperate regions 

(Ortega et al. 1997; Gusmão et al. 2019), there are temperature thresholds at which abundance is 

negatively impacted for some Culicoides spp. (Purse et al. 2015). In our study, daily 

temperatures did not exceed 31.0°C so we were not able to establish temperature thresholds for 

the Culicoides spp. detected. For example, C. biguttatus numbers decreased with increasing 

seasonal temperatures in Georgia and eastern Tennessee, USA (Root & Gerhardt 1991; Brickle 

et al. 2008), indicating that this vernal species is not tolerant of a higher temperature range, and 

its numbers may be negatively associated with increased temperatures. This could explain why 

temperature categories from four and eight weeks prior appeared to decrease the abundance in C. 

biguttatus trap presence. In turn, depending on amount, rainfall can impact breeding and thus 

abundance by lowering temperature and raising humidity (Carrasquilla et al. 2010; Gusmão et al. 

2019). In our study, rainfall four and eight weeks prior to trapping significantly impacted the 

abundance of C. biguttatus and was associated with both an increase in abundance (0.1-2.1 mm 

category) and a decrease in abundance (2.7-20.1 mm category). Too much rain may discourage 

midges from activities such as foraging or mate seeking (Gusmão et al. 2019), but for some 

species water/moisture is required for development and survival (Mellor et al. 2000; Carpenter et 

al. 2013; Pfannenstiel et al. 2015; Purse et al. 2015). Culicoides biguttatus tend to emerge early 

in the season (i.e., spring) and emergence longevity depends on environmental moisture levels 

(Blanton & Wirth 1979; Root & Gerhardt 1991). In our study, rainfall amounts four weeks prior 
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to trapping may have adversely affected C. biguttatus abundance by disrupting breeding sites, 

and inhibiting feeding and mating (Root & Gerhardt 1991; Gusmão et al. 2019). Our data 

suggest that the effects of environmental factors such as temperature and precipitation vary by 

species and species group, correlating to species-specific phenological and environmental 

constraints. Additionally, some environmental variables may indirectly impact others, further 

increasing the complexity of vector-host-virus interactions within the environment. Such 

additional interactions in these systems are not accounted for in the present analysis but are an 

important consideration in devising region-specific, vector control strategies aimed at mitigation 

of virus transmission. 

Despite their importance as vectors of EHDV and BTV, the geographic distribution and 

abundance of Culicoides spp., as well as species-specific vectorial capacity, are poorly 

understood (MacLachlan et al. 2009; Ruder et al. 2015). In North America, only two Culicoides 

spp. have been confirmed as vectors of BTV (C. sonorensis and C. insignis; Tabachnick 1996; 

Pfannenstiel & Ruder 2015) and one for EHDV (C. sonorensis; Smith & Stallknecht 1996; 

Pfannenstiel & Ruder 2015). In Ontario, we identified a small number of C. sonorensis, mainly 

in southern sites and in close proximity to livestock. Livestock proximity was not surprising, 

since C. sonorensis larvae prefer “waste-enhanced mud” (i.e., manure polluted water) (Mullens 

1989; Gerry et al. 2001; Pfannenstiel et al. 2015). We identified additional species that may be 

competent vectors and facilitate EHDV and BTV spread in the region (e.g., C. stellifer, C. 

spinosus and C. venustus) (Smith et al. 1996; Ruder et al. 2015; McGregor et al. 2019). 

Culicoides stellifer inhabits temperate regions throughout most of the United States (with the 

exception of the Pacific Northwest) and in central to eastern Canada, including Ontario to Nova 
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Scotia (Borkent & Grogan 2009; Sloyer et al. 2019). While C. stellifer were recorded throughout 

our trapping sites, numbers were lower at southern sites. Culicoides spinosus has been found in 

Alberta eastward to Nova Scotia and south to Nebraska, Louisiana and Florida (Borkent & 

Grogan 2009). In our study, C. spinosus were found throughout the study range but were lower 

in number at northern sites. Culicoides venustus have been documented in Maryland, south to 

Nebraska, Louisiana and Florida, and in Ontario eastward to Nova Scotia (Borkent & Grogan 

2009). We recovered them at multiple study sites in southern Ontario, mainly at more northern 

locations. Due to their recognized importance to agricultural and wildlife health in the U.S., 

additional research on these Culicoides species is needed. (Ruder et al. 2015).   

The distribution of Culicoides spp. as well as other arthropod vectors is changing, and in some 

cases expanding, due to altered landscape and climate dynamics (Ruder et al. 2015; Jacquet et al. 

2016; Jewiss-Gaines et al. 2017; Stone et al. 2017; Vigil et al. 2018). In particular, C. sonorensis 

and C. insignis may be undergoing a northward expansion in North America (Jewiss-Gaines et 

al. 2017; Vigil et al. 2018). Over 1400 Culicoides spp. have been documented worldwide and 

while characterization of taxonomic diversity, composition, and distribution of many species is 

ongoing, such baseline information is lacking in many northern latitudes. We identified C. 

sonorensis throughout our southern Ontario study sites, along with two previously 

undocumented Culicoides species, C. baueri and C. kibunensis. In Canada, C. sonorensis was 

previously believed to exist only in western regions, mainly British Columbia and Alberta 

(Downes 1978; Lysyk & Dergousoof 2014; Jewiss-Gaines et al. 2017). However, C. sonorensis 

recently was identified in the public health regions of Lambton, Oxford, Hamilton and Niagara 

across southwestern portion of southern Ontario (Jewiss-Gaines et al. 2017). While we have only 
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confirmed a small number of individuals, our study reinforces the previous findings by 

identifying C. sonorensis from additional sites in the southwestern portion of southern Ontario 

(Lambton/Sarnia [R4; Figure 5.1]). Our results suggest that C. sonorensis may be more 

widespread in the southwestern region of Ontario than previously known. Culicoides sonorensis 

was likely already present in this area, but was not previously identified. Historical surveillance 

in Ontario has been minimal, and due to our continued identification of this vector the province 

requires continued vigilance and expanded surveillance as this area could be at a higher risk for 

BTV/EHDV incursion and establishment. 

In addition to C. sonorensis, we detected two previously undocumented Culicoides species in 

southern Ontario, C. baueri and C. kibunensis. The previous recorded range of C. baueri 

includes east of Colorado and south to Maryland, Tennessee, Louisiana, and Florida (Borkent & 

Grogan 2009). Culicoides baueri has previously been identified as C. bergi based on similar 

morphological characteristics (e.g., wing patterns) and the latter has been detected across the 

U.S., including California, Arizona, Wyoming to New York, Texas and Virginia (Borkent & 

Grogan 2009). Culicoides kibunensis had been documented in at least two Canadian provinces, 

British Columbia and Manitoba (Borkent & Grogan 2009; Vigil pers. comm. 2020), which now 

includes Ontario. Additionally, C. kibunensis has been identified in Japan, the Palaearctic, and 

British Columbia south to Oregon, Utah, and Arizona (Borkent & Grogan 2009). These species 

may have been present but undetected for some time in Ontario; or alternatively, our findings 

may represent recent spread from the west and/or south followed by establishment in a new 

region. Because historical biting midge data from Ontario are sparse, our data provide baseline 

information from which to compare future surveys. Ongoing surveys of this region are especially 
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important given ongoing, accelerated alterations in global climate patterns that may favor the 

establishment of some biting midges in northern latitudes (Ruder et al. 2015; Stallknecht et al. 

2015). 

Our study has limitations common to previous insect-based surveillance studies, including 

biases associated with trapping (e.g., trap light, trap height, attractant used), sampling sites (e.g., 

habitat type and microhabitats, and proximity to other habitats), as well as challenges in 

taxonomic identification. While suction traps are the gold standard for insect surveillance 

studies, they are inherently biased. Species diversity and composition in a given trap vary based 

on site selection, and trap type (e.g., CDC, OVI, Rothamstead), attractant use (e.g., light 

(LED/UV), carbon dioxide) and placement (i.e., height) (Carpenter et al. 2008; McDermott et al. 

2015; Venter et al. 2016; McGregor et al. 2018; Walgama & Lysyk 2019; McDermott and Lysyk 

2020), thus affecting our understanding of spatial-temporal dynamics. In addition, specific trap 

types often target a single vector life stage (e.g., larva vs. adult), which may limit the 

understanding of the implications of vector presence in a given region. Our site selections were 

opportunistic based on voluntary farmer participation and available farm types in our target 

locations, which created non-uniform coverage of the landscape. The present study targeted adult 

Culicoides spp. in flight, both through trap type selection and habitat/trap placement, whereas 

inclusion of larval trapping and resting sites (e.g., tree cover) would have provided a more 

holistic picture of Culicoides vector biology in the study region. In addition, identifying 

Culicoides spp. by morphological structural traits requires extensive training and specialized 

expertise, and occasionally, molecular confirmation. This was the case for the close relatives in 
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subgenus Monoculicoides, C. sonorensis and C. variipennis. In some cases, we could not 

confirm the species, which may have resulted in falsely low numbers of C. sonorensis.  

We identified and quantified numerous Culicoides species, subgenera and species groups 

from different sites across southern Ontario, Canada, and identified environmental variables that 

could impact regional vector abundance. The presence of Culicoides spp. in the study region 

overlaps with habitats and landscapes that are home to both domestic and wild animals at risk of 

infection and disease due to Culicoides spp.-transmitted pathogens, such as EHDV and BTV. 

However, a more complete understanding of the diversity and abundance of this important 

arthropod group, as well as aspects of their biology and the surrounding environment, require 

additional work. Future studies should focus on Culicoides species of concern (e.g., C. stellifer), 

and include multiple consecutive, year-round sampling seasons. Resulting data would expand 

upon and improve our understanding of the present study results and assist in the development of 

risk assessments and mitigation tactics.  
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Table 5. 1 Results of mixed-effectsa univariable negative binomial regression for Culicoides stellifer, Culicoides bigutattus and 

subgenus Avaritia for all trapping sites in southern Ontario, Canada in 2017 and 2018. 

Culicoides stellifer  IRRb Std. Err. Z P>z 95% CI 

Temperature (°C) 9.5-17.2 REF      

 17.3-20.2 10.542 7.076 3.51 0.000 2.828 39.289 

 20.3-31.0 14.544 9.201 4.23 0.000 4.209 50.259 

Temperature4c (°C) 10.3-17.3 REF      

 17.4-21.0 1.025 0.476 0.05 0.957 0.412 2.550 

 21.1-25.0 0.710 0.384 -0.63 0.528 0.246 2.053 

Temperature8d (°C) -5.0-16.5 REF      

 16.6-20.3 1.019 0.457 0.04 0.965 0.423 2.457 

 20.4-25.0 0.558 0.284 -1.14 0.252 0.206 1.513 

Rain (mm) 0.0-0.0 REF      

 0.1-1.2 1.300 0.785 0.44 0.663 0.398 4.249 

 1.3-17.9 1.866 0.754 1.54 0.123 0.844 4.122 

Rain4c (mm) 0.0-0.0 REF      

 0.1-2.6 0.325 0.169 -2.16 0.031 0.117 0.902 

 2.7-20.1 0.950 0.504 -0.10 0.924 0.336 2.687 
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Rain8d (mm) 0.0-0.0 REF      

 0.1-2.1 2.359 1.139 1.78 0.076 0.915 6.081 

 2.2-73.0 0.716 0.342 -0.70 0.485 0.281 1.826 

Environment Livestock REF      

 Natural 0.462 0.175 -2.03 0.042 0.219 0.972 

Species Bovine REF      

 Ovine 60.646 40.699 6.12 0.000 16.276 225.969 

Culicoides biguttatus  IRRa Std. Err. Z P>z 95% CI 

Temperature (°C) 9.5-17.2 REF      

 17.3-20.2 12.424 8.405 3.72 0.000 3.299 46.787 

 20.3-31.0 4.853 3.436 2.23 0.026 1.212 19.438 

Temperature4c (°C) 10.3-17.3 REF      

 17.4-21.0 1.559 1.294 0.54 0.593 0.306 7.932 

 21.1-25.0 0.014 0.012 -4.83 0.000 0.002 0.081 

Temperature8d (°C) -5.0-16.5 REF      

 16.6-20.3 0.021 0.014 -5.69 0.000 0.005 0.080 

 20.4-25.0 0.006 0.004 -6.81 0.000 0.001 0.276 

Rain (mm) 0.0-0.0 REF      
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 0.1-1.2 0.718 0.598 -0.40 0.692 0.140 3.674 

 1.3-17.9 0.481 0.301 -1.17 0.243 0.140 1.643 

Rain4c (mm) 0.0-0.0 REF      

 0.1-2.6 0.862 0.674 -0.19 0.851 0.186 3.996 

 2.7-20.1 0.098 0.080 -2.83 0.005 0.019 0.491 

Rain8d (mm) 0.0-0.0 REF      

 0.1-2.1 15.571 13.171 3.25 0.001 2.967 81.725 

 2.2-73.0 0.605 0.498 -0.61 0.542 0.120 3.044 

Environment Livestock REF      

 Natural 0.767 0.488 -0.41 0.678 0.220 2.673 

Species Bovine REF      

 Ovine 140.791 170.598 4.08 0.000 13.096 1513.524 

Subgenus Avaritia  IRRa Std. Err. Z P>z 95% CI 

Temperature (°C) 9.5-17.2 REF      

 17.3-20.2 6.030 2.250 4.81 0.000 2.901 12.531 

 20.3-31.0 6.453 2.322 5.18 0.000 3.187 13.064 

Temperature4c (°C) 10.3-17.3 REF      

 17.4-21.0 1.434 0.498 1.04 0.299 0.725 2.835 
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 21.1-25.0 1.456 0.540 1.01 0.311 0.703 3.012 

Temperature8d (°C) -5.0-16.5 REF      

 16.6-20.3 1.619 0.493 1.58 0.114 0.891 2.942 

 20.4-25.0 0.853 0.274 -0.49 0.622 0.454 1.603 

Rain (mm) 0.0-0.0 REF      

 0.1-1.2 0.791 0.309 -0.60 0.549 0.367 1.703 

 1.3-17.9 0.586 0.199 -1.57 0.117 0.300 1.143 

Rain4c (mm) 0.0-0.0 REF      

 0.1-2.6 0.542 0.178 -1.86 0.063 0.284 1.032 

 2.7-20.1 1.020 0.347 0.06 0.952 0.523 1.990 

Rain8d (mm) 0.0-0.0 REF      

 0.1-2.1 2.794 1.012 2.84 0.005 1.373 5.684 

 2.2-73.0 1.109 0.395 0.29 0.770 0.551 2.232 

Environment Livestock REF      

 Natural 0.163 0.044 -6.58 0.000 0.094 0.279 

Species Bovine REF      

 Ovine 12.829 8.229 3.98 0.000 3.649 45.103 



 

 

157 

 

aRandom effects: residence, trapID, and trapIDdate; bIRR-Incidence Risk Ratio; ctemp4, rain4-environmental variables taken four 

weeks before trapping occurred; dtemp8, rain8-environmental variables taken eight weeks before trapping occurred.  
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Table 5.2 Numbers of individual, adult Culicoides spp. trapped across all study sites in southern Ontario, Canada in 2017 and 2018.  

 2017 2018 

 Female (%) Male (%) Total Female (%) Male (%) Total 

Subgenus Avaritia Fox 
9686 (97.8) 218 (2.2) 9904 3916 (96.1) 158 (3.9) 4074 

Subgenus Beltranmyia Vargas 
0 (0.0) 0 (0.0) 0 2 (100.0) 0 (0.0) 2 

     C. crepuscularis Malloch 384 (91.0) 38 (9.0) 422 532 (82.2) 115 (17.8) 647 

     C. wisconsinensis Jones 6 (100.0) 0 (0.0) 6 2 (100.0) 0 (0.0) 2 

Subgenus Diphaomyia Vargas 
0 (0.0) 0 (0.0) 0 0 (0.0) 0 (0.0) 0 

     C. baueri Hoffman 10 (100.0) 0 (0.0) 10 6 (85.7) 1 (14.3) 7 

     C. haematopotus Malloch 204 (87.9) 28 (12.1) 232 313 (90.5) 33 (9.5) 346 

Subgenus Hoffmania Fox 
0 (0.0) 0 (0.0) 0 0 (0.0) 0 (0.0) 0 

     C. venustus Hoffman 141 (87.0) 21 (13.0) 162 98 (97.0) 3 (3.0) 101 

Subgenus Monoculicoides Khalaf 
48 (50.0) 48 (50.0) 96 7 (43.8) 9 (56.2) 16 

     C. sonorensis Wirth and Jones 14 (100.0) 0 (0.0) 14 2 (100.0) 0 (0.0) 2 

     C. variipennis Coquillett 
187 (100.0) 0 (0.0) 187 67 (100.0) 0 (0.0) 67 

Subgenus Oecacta Poey 
0 (0.0) 0 (0.0) 0 0 (0.0) 0 (0.0) 0 

     C. stellifer Coquillett 2226 (97.8) 50 (2.2) 2276 1274 (98.0) 26 (2.0) 1300 

Subgenus Silvaticulicoides Glukhova 
0 (0.0) 0 (0.0) 0 0 (0.0) 0 (0.0) 0 
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     C. biguttatus Coquillett 5040 (100.0) 0 (0.0) 5040 7319 (100.0) 0 (0.0) 7319 

     C. spinosus Root and Hoffman 
252 (99.6) 1 (0.4) 253 302 (100.0) 0 (0.0) 302 

Subgenus unplaced, piliferus species group 
36 (97.3) 1 (2.7) 37 77 (97.5) 2 (2.5) 79 

     C. bickleyi Wirth and Hubert 
7 (100.0) 0 (0.0) 7 1 (100.0) 0 (0.0) 1 

     C. denticulatus Wirth and Hubert 
4 (100.0) 0 (0.0) 4 1 (100.0) 0 (0.0) 1 

     C. downesi Wirth and Hubert 
1 (100.0) 0 (0.0) 1 11 (100.0) 0 (0.0) 11 

Miscellaneous unplaced species 
0 (0.0) 0 (0.0) 0 0 (0.0) 0 (0.0) 0 

     C. kibunensis Tokunaga 
360 (99.7) 1 (0.3) 361 346 (100.0) 0 (0.0) 346 

Unknown Culicoides spp. 
61 (41.2) 87 (58.8) 148 46 (37.7) 76 (62.3) 122 

TOTAL 18667 (97.4) 493 (2.6) 19160 14322 (97.1) 423 (2.9) 14745 
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Table 5. 3 Numbers of individual, adult Culicoides spp. trapped in northern and southern site locations in southern Ontario, Canada in 

2017 and 2018. 

 2017 2018 

 Northern (%) Southern (%) Total Northern (%) Southern (%) Total 

Subgenus Avaritia Fox 
8487 (85.7) 1417 (14.3) 9904 3662 (89.9) 412 (10.1) 4074 

Subgenus Beltranmyia Vargas 
0 (0.0) 0 (0.0) 0 1 (50.0) 1 (50.0) 2 

     C. crepuscularis Malloch 180 (42.7) 242 (57.3) 422 273 (42.2) 374 (57.8) 647 

     C. wisconsinensis Jones 2 (33.3) 4 (66.7) 6 0 (0.0) 2 (100.0) 2 

Subgenus Diphaomyia Vargas 
0 (0.0) 0 (0.0) 0 0 (0.0) 0 (0.0) 0 

     C. baueri Hoffman 10 (100.0) 0 (0.0) 10 7 (100.0) 0 (0.0) 7 

     C. haematopotus Malloch 75 (32.3) 157 (67.7) 232 90 (26.0) 256 (74.0) 346 

Subgenus Hoffmania Fox 
0 (0.0) 0 (0.0) 0 0 (0.0) 0 (0.0) 0 

     C. venustus Hoffman 157 (96.9) 5 (3.1) 162 100 (99.0) 1 (1.0) 101 

Subgenus Monoculicoides Khalaf 
31 (32.3) 65 (67.7) 96 5 (31.2) 11 (68.8) 16 

     C. sonorensis Wirth and Jones 0 (0.0) 14 (100.0) 14 0 (0.0) 2 (100.0) 2 

     C. variipennis Coquillett 
101 (54.0) 86 (46.0) 187 38 (56.7) 29 (43.3) 67 

Subgenus Oecacta Poey 
0 (0.0) 0 (0.0) 0 0 (0.0) 0 (0.0) 0 

     C. stellifer Coquillett 1872 (82.2) 404 (17.8) 2276 1095 (84.2) 205 (15.8) 1300 
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Subgenus Silvaticulicoides Glukhova 
0 (0.0) 0 (0.0) 0 0 (0.0) 0 (0.0) 0 

     C. biguttatus Coquillett 2609 (51.8) 2431 (48.2) 5040 2655 (36.3) 4664 (63.7) 7319 

     C. spinosus Root and Hoffman 
67 (26.5) 186 (73.5) 253 81 (26.8) 221 (73.2) 302 

Subgenus unplaced, piliferus species group 
37 (100.0) 0 (0.0) 37 79 (100.0) 0 (0.0) 79 

     C. bickleyi Wirth and Hubert 
7 (100.0) 0 (0.0) 7 1 (100.0) 0 (0.0) 1 

     C. denticulatus Wirth and Hubert 
4 (100.0) 0 (0.0) 4 1 (100.0) 0 (0.0) 1 

     C. downesi Wirth and Hubert 
1 (100.0) 0 (0.0) 1 11 (100.0) 0 (0.0) 11 

Miscellaneous unplaced species 
0 (0.0) 0 (0.0) 0 0 (0.0) 0 (0.0) 0 

     C. kibunensis Tokunaga 
49 (13.6) 312 (86.4) 361 6 (1.7) 340 (98.3) 346 

Unknown Culicoides spp. 
67 (45.3) 81 (54.7) 148 47 (38.5) 75 (61.5) 122 

TOTAL 13756 (71.8) 5404 (28.2) 19160 8152 (55.3) 6593 (44.7) 14745 
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Table 5. 4 Numbers of individual, adult Culicoides spp. trapped in livestock and natural habitats sites in southern Ontario, Canada in 

2017 and 2018. 

 2017 2018 

 Livestock (%) Natural (%) Total Livestock (%) Natural (%) Total 

Subgenus Avaritia Fox 
9276 (93.7) 628 (6.3) 9904 2824 (69.3) 1250 (30.7) 4074 

Subgenus Beltranmyia Vargas 
0 (0.0) 0 (0.0) 0 0 (0.0) 2 (100.0) 2 

     C. crepuscularis Malloch 251 (59.5) 171 (40.5) 422 260 (40.2) 387 (59.8) 647 

     C. wisconsinensis Jones 5 (83.3) 1 (16.7) 6 1 (50.0) 1 (50.0) 2 

Subgenus Diphaomyia Vargas 
0 (0.0) 0 (0.0) 0 0 (0.0) 0 (0.0) 0 

     C. baueri Hoffman 5 (50.0) 5 (50.0) 10 0 (0.0) 7 (100.0) 7 

     C. haematopotus Malloch 46 (19.8) 186 (80.2) 232 49 (14.2) 297 (85.8) 346 

Subgenus Hoffmania Fox 
0 (0.0) 0 (0.0) 0 0 (0.0) 0 (0.0) 0 

     C. venustus Hoffman 118 (72.8) 44 (27.2) 162 53 (52.5) 48 (47.5) 101 

Subgenus Monoculicoides Khalaf 
86 (89.6) 10 (10.4) 96 13 (81.2) 3 (18.8) 16 

     C. sonorensis Wirth and Jones 12 (85.7) 2 (14.3) 14 2 (100.0) 0 (0.0) 2 

     C. variipennis Coquillett 
158 (84.5) 29 (15.5) 187 40 (59.7) 27 (40.3) 67 

Subgenus Oecacta Poey 
0 (0.0) 0 (0.0) 0 0 (0.0) 0 (0.0) 0 

     C. stellifer Coquillett 1846 (81.1) 430 (18.9) 2276 364 (28.0) 936 (72.0) 1300 
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Subgenus Silvaticulicoides Glukhova 
0 (0.0) 0 (0.0) 0 0 (0.0) 0 (0.0) 0 

     C. biguttatus Coquillett 1809 (35.9) 3231 (64.1) 5040 5104 (69.7) 2215 (30.3) 7319 

     C. spinosus Root and Hoffman 
89 (35.2) 164 (64.8) 253 149 (49.3) 153 (50.7) 302 

Subgenus unplaced, piliferus species group 
12 (32.4) 25 (67.6) 37 11 (13.9) 68 (86.1) 79 

     C. bickleyi Wirth and Hubert 
0 (0.0) 7 (100.0) 7 0 (0.0) 1 (100.0) 1 

     C. denticulatus Wirth and Hubert 
0 (0.0) 4 (100.0) 4 0 (0.0) 1 (100.0) 1 

     C. downesi Wirth and Hubert 
0 (0.0) 1 (100.0) 1 1 (9.1) 10 (90.9) 11 

Miscellaneous unplaced species 
0 (0.0) 0 (0.0) 0 0 (0.0) 0 (0.0) 0 

     C. kibunensis Tokunaga 
24 (6.6) 337 (93.4) 361 8 (2.3) 338 (97.7) 346 

Unknown Culicoides spp. 
44 (29.7) 104 (70.3) 148 25 (20.5) 97 (79.5) 122 

TOTAL 13781 (71.9) 5379 (28.1) 19160 8904 (60.4) 5841 (39.6) 

1474

5 
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Figure 5.1 Distribution of Culicoides spp. trapping sites in southern Ontario, Canada in 2017 and 2018. “Southern” sites - R1-5, R10, 

“Northern” sites - R6-9, R11, R12. Site R8 moved to R12 from 2017 to 2018; changed location by approximately 6 km. R1, R2, R5, 

R9-11 are bovine sites, R3, R4, R6-8(R12) are ovine sites. R=residence. Insert map represents the province of Ontario, Canada.  
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Figure 5. 2 Abundance of adult Culicoides by epi weeks (June - October 2017 and 2018) from northern and southern locations in 

southern Ontario, Canada (epiweek 23-26 = June; 27-31 = August; 36-39 = September; 40-41 = October). 

0

1000

2000

3000

4000

5000

6000

23 24 25 26 27 28 29 30 31 32 33 34 35 36 37 38 39 40 41

C
u
lic
o
id
es

sp
p

. a
b

u
n

d
an

ce

Epiweek

2017 Southern 2017 Northern 2018 Southern 2018 Northern



 

 

166 

 

CHAPTER 6: GENERAL DISCUSSION 

 

6.1 SUMMARY OF MAIN RESULTS 

In Chapter 1, I conducted a literature review to summarise past and current publications 

regarding orbiviruses and their geographical distribution and expansion (focusing on Canada and 

Ontario) and primary and potential vectors (Culicoides spp.), as well as other key arthropod-

borne viruses (or arboviruses, including West Nile virus (WNV; family Flaviviridae; genus 

Flavivirus), eastern equine encephalitis virus (EEEV; family Togaviridae; genus Alphavirus), 

Powassan virus (POWV; family Flaviviridae; genus Flavivirus), and Heartland virus (HRTV; 

family Bunyaviridae; genus Phlebovirus) for which wild ungulates may serve as reservoir hosts. 

Knowledge of the vectors, the hosts, and the pathogens ecology in the environment is essential to 

determining their epidemiological risk to Ontario. Additionally, a more thorough understanding 

of the risk of hemorrhagic disease (HD) spread to Ontario will provide a framework with which 

to better understand future arbovirus incursion in northern latitudes. The viruses that cause HD 

pose a serious threat to both livestock and wildlife population health. I identified a paucity of 

published work regarding Culicoides spp. distribution and abundance in southern Ontario. 

Further, there is no previous published work regarding orbivirus distribution in the province. 

Importantly, specific challenges to performing Culicoides spp. research were identified, 

including targeting trapping and accurate morphological identification.  

In Chapter 2, I presented the first published documentation of an outbreak of epizootic 

hemorrhagic disease virus (EHDV), serotype-2, in wild white-tailed deer (Odocoileus 

virginianus) in Ontario. The outbreak affected a small number of white-tailed deer in southern 
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Ontario in September of 2017, and concurrent trapping and identification of potential Culicoides 

spp. vectors within the outbreak region was conducted. Culicoides subgenus Avaritia, was the 

most common species group identified. There has been a gradual northern expansion of EHDV 

and BTV in the United States over the past several decades (Ruder et al. 2015, Stallknecht et al. 

2015). Our findings suggest that the incursion of these viruses into central-eastern Canada, 

including Ontario, is likely. Hemorrhagic disease viruses pose a threat to livestock and wildlife 

population health, and this reported EHDV occurrence supports the need to monitor for the 

causative viruses and potential vectors in Ontario. While the present outbreak appeared to be 

limited spatially and temporally, past observations (Ruder et al. 2015) suggest that future cases 

may be more widespread in wildlife and livestock. This chapter described the approach to 

studying the distribution of the outbreak (including additional carcass sampling in wildlife and 

livestock), and vector trapping (i.e., Culicoides spp.). This project highlights the need to continue 

vector trapping targeted at arthropods that transmit pathogens of veterinary and public health 

importance, and to conduct deer mortality surveillance in southern Ontario to assess for potential 

epidemiologic patterns including those that may have population-level implications. 

In Chapter 3, I performed a retrospective study of diagnostic data, including cause(s) of 

morbidity and mortality, in wild cervids that were submitted to the Ontario and Nunavut node of 

the Canadian Wildlife Health Cooperative (CWHC) over a 27-year period (i.e., from 1991 to 

2017). Submissions included carcasses that underwent full postmortem examination (gross and 

histopathology; n=196) and field-collected tissues (n=384). Ancillary tests were performed on a 

case-by-case basis. Univariable logistic regression was used to test for associations between 

select causes of morbidity and mortality, and factors such as sex, age, and season. Four cervid 
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species were examined: white-tailed deer (Odocoileus virginianus; n=211), moose (Alces alces; 

n=140), elk (Cervus canadensis; n=136) and caribou (Rangifer tarandus ssp.; n= 93). 

Noninfectious was the most commonly diagnosed general cause of morbidity and mortality 

(38.1%; 221/580) and was most often attributed to trauma (49.7%; 110/221). Deaths attributed to 

infectious diseases (34.3%; 199/580) were most often bacterial in etiology (45.7%; 91/199). The 

most common primary infectious disease diagnosed in caribou was digital limb infections, and 

moose were most commonly diagnosed with parasitic causes, including meningeal worm 

(Parelaphostrongylus tenuis) and winter tick (Dermacentor albipictus). Chronic wasting disease 

was not diagnosed among cervids tested during the study period, consistent with the lack of 

detection of the disease in Ontario. These results reveal that anthropogenic, infectious and 

environmentally-associated causes of morbidity and mortality are commonly diagnosed in 

cervids submitted to the CWHC Ontario and Nunavut regions, and represent potential population 

threats that should continue to be monitored. They also reveal the paucity of viral diagnoses in 

illness or death of wild cervids submitted for diagnostic evaluation in Ontario, which is not 

surprising considering the lack of consistent arboviral testing that has occurred previously in this 

province. 

In Chapter 4, I conducted a serological survey for various arthropod-borne viruses 

(arboviruses) in wild, farmed and captive ruminants distributed across parts of Ontario. As for 

Culicoides spp. data, there is a paucity of published data on the distribution and prevalence of 

wildlife and livestock arboviruses in Ontario. Arboviruses are globally widespread and 

transmission cycles typically involve a wide range of host species. Serological testing of animal 

hosts can provide a passive surveillance approach to monitoring animal disease systems, as well 
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as an alternative to arthropod testing and human case reports, and augment knowledge of 

epidemiologic patterns. Wild and captive ruminants represent good candidate sentinels to track 

geographical distribution and prevalence of select arboviruses in some regions. They often are 

geographically widespread and abundant, inhabit areas shared by humans and domestic animals, 

and are readily fed upon by various hematophagous arthropod vectors. Ontario, Canada is home 

to high densities of co-existing humans, livestock and wild cervids, as well as growing numbers 

of arthropod vectors due to the effects of climate change. We collected blood samples from 349 

livestock (cattle/sheep) and 217 cervids (wild/farmed/zoo) in Ontario from 2016 to 2019 to 

assess for antibodies to zoonotic and agriculturally important arboviruses. Livestock sera were 

tested for antibodies to bluetongue virus (BTV) and epizootic hemorrhagic disease virus 

(EHDV). Sera from cervids were tested for antibodies to BTV, EHDV, West Nile virus (WNV), 

eastern equine encephalitis virus (EEEV), Powassan virus (POWV) and heartland virus (HRTV). 

Fifteen (9.0%) cattle were seropositive for EHDV-serotype 2. Nine (4.2%) cervids were 

seropositive for flaviviruses; three were confirmed as WNV, three as EEEV, and one as POWV. 

All animals were seronegative for BTV and HRTV. These results reveal low seroprevalence of 

important agricultural, wildlife and zoonotic pathogens and underlie the need for continued 

surveillance in this and other regions in the face of changing environmental conditions that 

favors spread and establishment of some of the above viruses. Aside from assessment of 

antibodies in vertebrate host species, an additional strategy for better understanding the potential 

risks of arboviruses in a given region is to evaluate for the presence and distribution of potential 

vectors.  
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In Chapter 5, I present abundance and diversity results from a two-year insect surveillance 

project that focused on Culicoides species biting midges. We sought to characterize Culicoides 

spp. distribution and abundance (including peak abundance) and to investigate whether select 

risk factors influenced the abundances of C. biguttatus, C. stellifer, and subgenus Avaritia 

trapped throughout southern Ontario. From June-October of both 2017 and 2018, CDC-type, 

LED light suction traps were placed on twelve sites across southern Ontario, and all Culicoides 

spp. collected were morphologically identified. Negative binomial regression was used to 

analyze abundance of C. biguttatus, C. stellifer, and subgenus Avaritia in relation to the 

following factors: temperature, rainfall, primary livestock species, and habitat type. Throughout 

both years, a total of 33,905 Culicoides spp. midges were collected, encompassing 14 species 

from seven subgenera and one species group. Culicoides sonorensis, a known vector of EHD and 

BT viruses and a species only recently recorded from Ontario, was collected from three sites 

during both years. Additionally, C. kibunensis and C. baueri were collected during both years 

from nine and three sites, respectively. These represent new Culicoides spp. records for Ontario, 

and C. baueri represents a new species record for Canada. These data support the potential for 

spread and maintenance of EHD and BT viruses and concurrent health risks to livestock and 

wildlife in southern Ontario. Further, recognition of the presence of these potential EHD virus 

and BT virus vector species in Ontario will fuel future research to further assess the many 

environmental, including climatic, factors that may affect their future activity. 

6.2 STUDY LIMITATIONS 

The varied research approaches described above involved a number of limitations. These were 

mainly in regard to sample site selection and in some cases, sample collection methods (i.e., 
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filter strips, suction traps/attractants). Retrospective studies of diagnostic data (Chapter 3 and 4) 

carry inherent biases of opportunistic sample acquisition, and interpretation of serologic data 

must be done with caution, in part due to sampling methods and test sensitivity. Finally, multi-

year field studies (Chapters 4 and 5) provide challenges in acquiring data consistently and 

thoroughly. 

Specifically, the method of study site recruitment potentially introduced systematic errors into 

the study design for the Culicoides spp. vector-focused study (Chapter 5). Although 

randomizing site selection across regions is important, the following factors were used to select 

study sites: farmer interest in the study, sites based on relative geographic location (i.e., northern 

vs. southern), and how animals were raised/history (i.e., mainly outdoors, born in Ontario, no 

history of travel). This likely resulted in spatial/temporal biases in the results regarding 

Culicoides spp. abundance and distribution, and serosurveillance in livestock. Regarding blood 

sample collection methods for the serology study (Chapter 4), animals were sampled 

opportunistically, which allowed sampling of a higher number of animals from a broader region; 

however, it also likely introduced a sampling bias by over-representation of “one type” of animal 

from a certain population. In this case, many of the samples came from hunter-harvested 

animals. Hunted-killed deer carcasses and samples may not be representative of either the age or 

gender structure of the population (Stallknecht 2007). Thus, the sample, and data set might not 

accurately represent serostatus across the whole population, which also includes fawns, younger 

animals, and females. Additionally, the filter strips themselves have the advantage of allowing 

field collection of samples with logistically feasible storage methods; however, they can lead to 
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reduced sensitivity of some serologic assays based on how they were collected, and the condition 

of the carcasses, which could have affected our results.  

There are additional study biases and limitations that are mentioned throughout the chapters; 

however, those mentioned here are the most likely consistent sources of bias, and thus 

limitations, across the various research projects. 

6.3 RESEARCH SIGNIFICANCE, IMPLICATIONS AND FUTURE DIRECTIONS 

Wild cervids are an integral part of Ontario’s ecological, economic and cultural systems. 

Within Ontario, populations of some species (i.e., white-tailed deer) are thriving, and are a 

species that is expanding into new areas (i.e., north) (Kennedy-Slaney et al. 2018). Concurrently, 

populations of other species appear to be regressing in their distribution across the landscape 

(i.e., moose, caribou) (Schwantje et al. 2014; Timmermann and Rodgers 2017). While a number 

of published studies have included habitat assessments as well as pathogen surveillance (such as 

P. tenuis) in some cases, little effort has been made to understand the potential effects and host 

status for arthropod-borne viruses in free-ranging ungulate populations in Ontario. Some of these 

viruses can also impact the health of livestock (e.g., BTV/EHDV), while others are important to 

public health (e.g., WNV, EEEV, POWV, HRTV); thus, the present research themes attempt to 

expand our understanding of infectious disease prevalence and pathogenesis at the wildlife-

livestock interface, especially regarding northern populations, which in some cases appear to 

respond differently to these infections than those that reside in more southern latitudes (e.g., the 

southern United States). In addition, more limited information on vector density and distribution 

and arbovirus presence and distribution is available for these more northern regions. 
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Future research should continue to evaluate morbidity and mortality in free-ranging cervid 

and other wildlife populations in Ontario. Such efforts should also consider potential secondary 

contributors to mortality, as well as their causes. The causes of morbidity and mortality identified 

in my retrospective study were biased by passive surveillance methods, which exclude animals 

that are not recovered and submitted for evaluation due to remote locations, habitat cover, and 

other reasons. More active methods may be needed to detect potentially detrimental diseases 

such as winter-tick in moose, as well as viral vector-borne diseases.  

Future research should continue to focus on Culicoides spp. vector sampling by expanding the 

geographic spread of sampling in Ontario (i.e., to more eastern and northern regions), and by re-

sampling previously sampled regions (such as the areas used in this study). This would allow 

researchers to build on the information contained within this thesis and to potentially more 

accurately map the abundance and distribution of Culicoides spp. across the province. 

Additionally, continued surveillance for arboviruses (such as EHDV, BTV, and EEEV) in 

captive and local wild ungulates is warranted to monitor for potential spread of arboviruses of 

significance to human and livestock health. Laboratory-based vector competence studies would 

fill crucial gaps into which Culicoides spp. are indeed able to transmit EHD and BT viruses. 

Overall, the results of this thesis provide baseline information regarding the current 

abundance and distribution of Culicoides spp. in southern Ontario. Additionally, it provides 

baseline surveillance information and distribution about a number of important arthropod-borne 

viruses that are at risk or emerging in Ontario or are already circulating throughout. Finally, the 

long-term cause of morbidity and mortality-based retrospective study also provides groundwork 

of cause of death of ungulates in Ontario with which to compare future such data from wildlife 
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diagnostic centers. Continued work in these areas are key, as this research only identified the tip 

of the iceberg regarding abundance and distribution of Culicoides spp. Insect trapping/vector 

identification must be a continuous and long-term effort, to allow us to expand and analyse the 

present results with higher powered statistical analysis (i.e., modelling). Having a better 

understanding of our vector populations, and viruses that are circulating in our free-ranging 

herds, will allow us to understanding potential trends in morbidity and mortality which in turn 

will allow contribution to future risk management plans. Additionally, tracking virus infection in 

our free-ranging herds allows us to use these animals as sentinel species for important zoonotic, 

livestock, and wildlife diseases in regions that may not have a developed vector surveillance 

program.      
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