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ABSTRACT 

UNDERSTANDING THE IMPACT OF MUSCLE AND BONY INJURY IN THE LUMBAR 

SPINE – HOW MULTIFIDUS MUSCLE AND FACET JOINT DAMAGE IMPACT 

MUSCLE ARCHITECTURE AND JOINT DEGENERATION IN THE RAT

Olena Klahsen 

University of Guelph, 2020

Advisor: 

Stephen H.M. Brown 

Rodent models that experience a mechanical injury to the facet joint have had 

contradicting results regarding the degree of osteoarthritis that the injured joint 

experiences. This thesis sought to answer if this disagreement was caused by surgical 

injury to the paraspinal multifidus muscle. It was expected that muscle and joint injury 

would drive changes in the muscle architecture, collagen content, facet joint transverse 

plane angle and characteristics of osteoarthritis. No consistent changes in any muscle 

measures were seen outside of the injured multifidus muscle, which had a decrease in 

mass and fascicle length while the collagen content increased. No changes in the facet 

joint angles or osteoarthritis statuses were seen. It is suspected that the degree of 

fibrosis for the injured muscle may have inhibited osteoarthritis processes. Future work 

should explore the role of paraspinal muscles in facet joint osteoarthritis using non-

surgical models. 
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1 Introduction 

 Low back pain is a common musculoskeletal disorder, with a lifetime prevalence 

of approximately 60-85% in the general population (Krismer & van Tulder, 2007). Part of 

the reason for the large impact of low back pain is its diverse underlying causes, which 

make specific diagnoses difficult. A mere 10% of low back pain cases have a specific 

cause attributed to them (Krismer & van Tulder, 2007). The remaining 90% of the 

population are given non-specific diagnoses. This group is typically provided with non-

specific conservative treatments that focus on pain reduction and functional 

improvement (Krismer & van Tulder, 2007). However, the inability to target the exact 

underlying cause of the pain leads to poor responses to these treatment strategies 

(Krismer & van Tulder, 2007). This may lead individuals to seek out more invasive 

options such as surgery. Yet, even surgical interventions are not always successful. 

Thomson (2013) provided a conservative estimate stating that 20% of lumbar spine 

surgeries show no positive benefit and result in failed back surgery syndrome.   

 For close to a century, intervertebral discs were implicated as a source of low 

back pain. The intervertebral disc, located between the bodies of adjacent vertebrae, 

experiences degeneration as the fibrous rings that make up the annulus fibrosus wear 

and tear over time. Degeneration often leads to a loss of intervertebral disc height as 

well as annular buckling. This decrease in intervertebral space can lead to nerve 

impingement. Further, new innervation during degeneration to deeper layers of the disc 

as well as irritation of surrounding structures such as spinal roots can contribute to pain 

associated with intervertebral disc degeneration (Ito & Creemers, 2013).   
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 While intervertebral disc degeneration can certainly be a cause of low back pain, 

many pain free individuals can still show radiographic disc degeneration. The 

intervertebral disc joint, comprised of adjacent vertebral bodies joined by the 

corresponding intervertebral disc, is one of two types of joints seen within the spinal 

column. The second spinal joint is the facet joint (FJ), originally referred to as the 

zygapophyseal joint, meaning “a bridging outgrowth”. FJs exist in pairs at each spinal 

level (Bogduk, 2012) and are comprised of the superior and inferior articular processes 

of adjacent vertebrae, surrounded by a synovial capsule (Bogduk, 2012). Together, the 

two FJs and the intervertebral disc joint make up a 3-joint complex present at each 

intervertebral spinal level. Only recently has the FJ become a point of focus as a cause 

of low back pain, despite the fact that it was first identified as a potential source of low 

back pain in 1911 (Ghormley, 1933).  

 Ghormley (1933) suggested that a source of low back pain may be the 

development of osteoarthritis (OA) within the FJ. Current work involving FJ tissue 

samples from patients who have undergone spinal fusion surgery to treat low back pain 

showed decreased proteoglycan content, infiltration by inflammatory cells, 

neovascularization and neurogenesis, which are considered markers of OA (Gelhorn, 

Katz, & Suri, 2013). Approximately 15-40% of low back pain cases may be attributed to 

lumbosacral FJ OA as measured through double intra-articular anesthetic injection 

blocks (Dreyer & Dreyfuss, 1996).  However, the ability of FJ OA to generate low back 

pain has been questioned in the literature. A cadaveric study showed some level of 

degeneration in all of their FJ samples, which were taken from individuals ranging from 
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15 to 85 years old (Li, Muehleman, Abe, & Masuda, 2011). FJ related pain is associated 

with increased age. It is unknown if the younger cadavers from Li et al (2011) 

experienced low back pain during life, but FJ pain is associated with increased age. It is 

possible that individuals may experience FJ degeneration without developing low back 

pain, as is seen with intervertebral disc degeneration. As a result, the link between FJ 

OA and low back pain has become of interest to researchers who focus on pain and its 

treatment.  

 To study the relationship between FJ OA and low back pain, several research 

groups have turned to rodent models of FJ degeneration. Intra-articular injection-based 

rat models are commonplace in the literature, and they rely on injectable substances 

that target the collagen in joint cartilage. For example, monosodium iodoacetate can be 

used to trigger the degradation of cartilage, deplete proteoglycans, trigger apoptosis 

and osteophyte formation (Kim et al., 2011). However, Shuang et al. (2015) argued that 

monosodium iodoacetate may cause an unrealistic reaction within the FJ. Their use of 

the milder acting urinary plasminogen activator led them to conclude that much of the 

pain response seen in these rodent experiments was more likely due to joint 

inflammation rather than internal degeneration (Shuang et al., 2015).  

 More recently, rodent models using mechanical injuries have been explored as a 

tool to study the relationship between FJ degeneration and low back pain. The 

hypothesis behind this approach is that trauma to hyaline joints such as the FJ can 

trigger OA degeneration and thus low back pain (Salter, 1983). However, there have 

been inconsistencies between research groups regarding the degree of OA 
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development with this type of model. In 2012, Henry et al, developed an OA rodent 

model that involved a posterior surgical approach with hemostatic forceps clamped to 

the L5-6 FJ to trigger OA through a single, traumatic event. Henry et al. (2012) saw a 

significant increase in OA related degeneration for the surgically injured FJ with 

complete loss of FJ articular cartilage thickness, as seen in end stage OA at 28 days 

post-surgery. Following this study, Zwambag, Hurtig, Vernon, & Brown (2018) 

attempted to replicate the surgical procedure performed by Henry et al (2012), but with 

a focus on a conservative surgical approach. Zwambag et al. (2018) saw only mild 

changes at 28 days associated with OA including mild surface fibrillation and 

proteoglycan loss instead of the end stage OA observed by Henry et al (2012).  The 

conservative surgical approach described by Zwambag et al. (2018) attempted to 

access the FJ with minimal disruption to the surrounding musculature. Henry et al. 

(2012) did not describe their surgical approach in terms of what muscles may have 

been involved and the degree of damage that may have occurred.  

 Previous work has shown that a traditional posterior approach to spine surgery 

through the cutting and retraction of the multifidus and erector spinae muscles results in 

inflammation, atrophy and fat infiltration in the muscles (Fan et al., 2010; Sihvonen et 

al., 1993). Surgical injury of muscles can lead to denervation, which in turn drives 

muscle atrophy  (Sihvonen et al., 1993). Less invasive procedures involve dissecting 

through the fascial plane between the multifidus and longissimus muscles to access 

deeper spinal structures (Wiltse, Bateman, Hutchinson, & Nelson, 1968) resulting in 
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less multifidus degeneration when evaluated with post-operative magnetic resonance 

imaging (Junhui et al., 2017).  

 Zwambag et al. (2018) suggested that the preservation of the paraspinal muscles 

may have resulted in the mild FJ OA seen with the conservative surgical procedure as 

compared with the observations from Henry et al. (2012). The erector spinae and 

multifidus muscles act as posterior trunk stabilizers. It is possible that their disruption 

during surgery leads to the unintentional consequence of changes to spinal mechanics 

that trigger or accelerate degeneration of the FJ through an increase in compression 

and shear forces. Notably, damage to the multifidus muscle may be of additional 

significance as this muscle has insertions on and around the FJ joint capsule 

(Macintosh, Valencia, Bogduk, & Munro, 1986). Therefore, it is pertinent to explore how 

surgical injury to the multifidus muscle may promote FJ OA progression.    

Thus, the purpose of this thesis was to examine the impact of multifidus muscle 

and facet joint injury on facet joint degeneration and muscle characteristics in a rodent 

model. 

The objectives of this thesis were: 

1) To induce unilateral multifidus muscle injury with or without a corresponding 

mechanical injury to the L5/L6 facet joint in male rats.  

 

2) To quantify muscle damage through muscle architecture measurements and 

histology-based collagen content quantification. 
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3) To quantify facet joint degeneration through histological staining of the joint 

surface and analysis of the joint morphology through micro-computed 

tomography scans.  

 
4) To compare the effects of multifidus muscle damage alone to the effects of 

simultaneous multifidus muscle and facet joint damage on the above-mentioned 

parameters.  

These objectives were addressed using a surgical intervention to cause damage to 

only the multifidus muscle for one group of animals, and simultaneous multifidus muscle 

and L5/L6 facet joint damage for a different group of animals. An age-matched control 

group was also included for comparison. Upon euthanasia of the animals, muscle 

architecture parameters for the following bilateral muscles were collected: multifidus, 

erector spinae (including longissimus and iliocostalis), gluteus superficialis, gluteus 

medius, gluteus minimus and biceps femoris. Collagen content was quantified using 

histological samples of the multifidus and erector spinae muscles. The L5/L6 facet joint 

cartilage was also evaluated for degeneration using histological staining and 

Osteoarthritis Research Society International (OARSI) scoring. Finally, the L5/L6 joint 

morphology was analyzed using cross-sections generated by micro-computer 

tomography.  
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It was hypothesized that: 

1) Multifidus muscle injury would cause a decrease in the cross-sectional area and 

fibre length while increasing the collagen content of the injured muscle.  

2) Multifidus muscle injury would cause changes in the paraspinal and gluteal 

muscle cross-sectional area, but not collagen content or fibre lengths. No 

changes would be expected for the biceps femoris muscle.   

3) There will be no differences between the muscle injury group and the muscle 

injury with facet joint injury group for muscle architecture and collagen content 

due to the similarities in muscle damage.  

 

4) Multifidus muscle injury alone would cause an increase in L5/L6 facet joint 

degeneration as compared with control animals.  

5) L5/L6 facet joint injury would cause increased degeneration, observed as an 

increase in OA markers as well as a shift in the ipsilateral and contralateral 

transverse plane FJ angles towards a sagittal orientation when compared with 

the muscle damage only group.  

The injured multifidus muscle was expected to waste and retract due to the surgical 

injury which would lead to a decrease in the cross-sectional area through loss of volume 

and fibre lengths. The collagen content was expected to increase as collagen 

production is a key component in scar formation (Ross & Pawlina, 2011).  
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Changes in the other muscles were expected through compensatory mechanisms. 

With the multifidus unable to function due to injury, synergistic muscles such as the 

erector spinae may be required to generate more force, triggering growth of these 

muscles and an increase in volume. Opposingly, if the animals were in too much 

discomfort, it is possible that they would choose to be less active, leading to 

deconditioning of the muscles and thus a decrease in volume. No change in collagen 

content or fibre lengths were expected as there were no direct external pressures 

placed on these muscles by the surgical intervention that would trigger those 

alterations.  

As the multifidus muscle generates extension forces that help to stabilize the spine, 

its impairment may lead to instability of the 3-joint complex, of which the FJ is a 

component. If the ability to oppose flexion and anterior translation is indeed impaired by 

injury to the multifidus muscle, there may be increased contact between the facet joint 

surfaces. Increased compression and shear may trigger degenerative processes 

through micro-trauma to the cartilage over a period of time (Salter, 1983).  A shift in the 

transverse plane angle was based on a proposal by Kalichman, Suri, Guermazi, Li, & 

Hunter (2009) where FJ OA degeneration leads to remodeling of the joint’s transverse 

plane angle, shifting it from a more frontal plane orientation to a sagittal orientation. 

Finally, while the facet joint injury is expected the increase the degeneration within 

the compressed and contralateral joint, the injury itself is intended to be relatively minor. 

This very minor injury, in comparison with the much more devastating multifidus muscle 

injury, may have its underlying effects masked as it will not be evaluated separately, as 
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Zwambag et al. (2018) saw that the impact of injury to solely the L5/L6 FJ resulted in 

minor degenerative changes.  
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2 Review of the Literature 

A review of the literature is necessary to address the research gap and provide 

context for this proposed thesis study. As previously mentioned, the purpose of this 

thesis was to examine the potential interactions between multifidus muscle damage and 

concurrent compression injury to the facet joint (FJ). More specifically, the focus of the 

thesis explores how these injuries impact FJ degeneration as well as the surrounding 

muscle cross-sectional areas (CSA). This literature review’s aims are as follows: 

1) To introduce and compare the relevant osteological anatomy for rats and 

humans.  

 
2) To provide an overview of the degenerative processes and risks associated with 

arthritis as well as detailed information regarding osteoarthritis at the facet joint.  

 
 

3) To introduce and compare the relevant muscular anatomy for rats and humans. 

 
4) To provide background regarding the tissue and cellular structure of muscle, 

how this relates to physiological cross-sectional area and what changes can 

occur with surgical injuries. 

2.1 Osteology 

2.1.1 Bones of the Spine & Pelvis in Humans 

The human spine is comprised of 33 vertebrae which are divided into 5 regions, 

listed here from cranial to caudal: cervical, dorsal or thoracic, lumbar, sacral and 
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coccygeal (Gray, 1978). The five lumbar vertebrae are distinct from the thoracic 

vertebrae due to a lack of both a transverse process foramen and rib facet surface 

(Gray, 1978). The lumbar vertebral body is longer along its medio-lateral axis as 

compared with its anterior-posterior axis (Anderson, 1983; Gray, 1978). Both superior 

and inferior articular processes have articular surfaces, however, the superior process is 

concave in shape while the interior process is convex (Gray, 1978). 

Caudal to the 5th lumbar vertebrae is the sacrum which is joined to the coccyx. Both 

are comprised of fused vertebrae, 5 for the sacrum and 4 for the coccyx (Cohen, Chen, 

& Neufeld, 2013; Gray, 1978).  However, complete vertebral fusion does not always 

occur, and a lumbosacral translational vertebra may be present, which is sometimes 

referred to as Bertolotti syndrome. If the first sacral vertebrae is partially or completely 

unfused from the rest of the sacrum, it is referred to as a lumbardized S1 vertebra 

(Shaikh et al., 2017). The opposing situation that is also included in Bertolotti syndrome 

is the partial or complete fusion of the 5th lumbar vertebrae to the sacrum (Shaikh et al., 

2017). A review of the literature by Matson, MacCormick, Sembrano, & Polly (2020) 

showed the prevalence of lumbosacral translational vertebrae to be between 3.9% and 

35.6%.    

The sacrum itself is a convexly curved, triangular bone that acts as the junction 

between the caudal end of the spine and the posterior of the pelvis (Gray, 1978). 

Regarding sex differences, the female sacrum tends to be shorter and wider than those 

seen in males (Gray, 1978). There is debate on the curvature of the sacrum. Gray 

(1978) quotes that the male sacrum typically has both a greater and more evenly 
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distributed curve than the female sacrum. However, Herbert et al. (2015) shows 

photographically that while the male sacrum may protrude more into the pelvic outlet 

(from a superior/inferior view), it is the female sacrum that has greater curvature in the 

sagittal plane.   

 

Figure 2.1. The human pelvic ring is comprised of two innominate bones and the sacrum. Each 
innominate is made up of three fused bones: the ilium, the pubis and the ischium. The 
innominates articulate with the sacrum forming sacroiliac joints. The anterior portion of the ring is 
fused between the ischia by the pubic symphysis.  

Along the lateral aspect of the sacrum is the auricular cartilage, bordered by 

attachments for the posterior sacroiliac ligaments, which articulates with the pelvic Os 

innominatum, or innominate bones in English (Gray, 1978). The name Os innominatum, 

translates as “nameless” and is more commonly referred to as the pelvic bone or by the 

names of its three fused bones: the ilium, the ischium, and the os pubis or pubic bone 

(Gray, 1978). The pelvic ring contains two innominates that form separate halves of the 

pelvis which are anteriorly fused via the pubic symphysis. The posterior pelvic ring is 
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closed with articulations of the innominates and sacrum (Figure 2.1). When comparing 

pelvises between males and females, females tend to have wider and shorter shapes 

with larger pelvic inlets and outlets (Gray, 1978).  

2.1.2 Bones of the Spine & Pelvis in the Rat 

 The spine of the rat may also be classified in a similar manner to the human spine. 

Rats typically have 7 cervical vertebrae, 13 thoracic vertebrae, 6 lumbar vertebrae, 4 

fused sacral vertebrae and 26-30 caudal (tail) vertebrae (Howell, 1926). Notably, the 

four sacral vertebrae are fused into a sacrum which is less than 3 cm in length (Howell, 

1926) (Figure 2.2). 

 

Figure 2.2. The caudal rat spine. Rats have cervical, thoracic, lumbar, fused sacral and separate 
caudal vertebrae. Shown here are the 6 lumbar vertebrae (red), the 4 fused sacral vertebrae 
(purple) and the first 4 caudal vertebrae (green). Adapted from Howell (1926).  
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 The pelvis of the rat contains two innominates which articulate with the sacrum at 

sacroiliac joints (Figure 2.3). Each innominate contains an ilium, pubic bone and 

ischium which are fused into a single unit (Dyce, Sack, & Wensing, 2010). The anterior 

portion of the pelvis is fused by a pelvic symphysis which joins the pubic bones and 

ischia of the corresponding innominates (Dyce et al., 2010).  

 

 

Figure 2.3. The rat pelvis. Each innominate bone is comprised of a fused ilium, ischium and pubic 
bone. The sacrum rests in the dorsal edge of the ring. The ventral ring is joined by the pelvic 
symphysis. 

 

2.1.3 The Facet Joint in Humans  

A functional vertebral unit of the spine involves two adjacent vertebrae which 

articulate at three points: the intervertebral disc (IVD) and the two facet joints (FJs). 

Together, these three articulations are referred to as the “3 joint complex” which exist at 
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all vertebral levels with the exceptions of the C1-C2 vertebral unit as well as within the 

sacrum and coccyx (Gelhorn et al., 2013; Sahin, Ergun, & Aslan, 2015).  

Each FJ is comprised of the cranial vertebra’s inferior articular process and the 

superior articular process of the caudal vertebra (Gelhorn et al., 2013; Giles, 1992). 

These paired joints connect adjacent vertebral arches and act to provide stability to the 

spine (Cohen & Raja, 2007; Perolat et al., 2018). In the lumbar region, FJs have 

multiple roles including: sharing compressive loads (Schleich et al., 2016; Varlotta et al., 

2011), stabilizing the spine during anterior translation and torsion (Adams, Bogduk, 

Burton, & Dolan, 2013; Borenstein, 2004), acting as a fulcrum for vertebral motion and 

protecting of neural elements (Borenstein, 2004). Finite element modelling estimates by 

Yang & King (1984) show that each FJ takes on between 3-25% of the segmental load, 

with increases in load occurring during extension and in the presence of disc 

degeneration or FJ arthritis. More recent work in male cadaveric spines has shown that 

through repetitive loading of L3-L4 and L4-L5 vertebral units, FJs carry 7% and 2.2% of 

the transmitted load during slight extension and flexion respectively (Ivicsics, Bishop, 

Püschel, Morlock, & Huber, 2014). Computer models of the lumbar spine show a range 

of 4% to 29% of load bearing by the FJs through extension and 13% of the load during 

flexion (Naserkhaki, Jaremko, Adeeb, & El-Rich, 2016). Ghezelbash, Schmidt, Shirazi-

Adl, & El-Rich (2019) summarized the modelling literature on the FJs stating that 

overall, the FJs share more of the compressive load during extension and during motion 

while the spine is sagittally rotated in comparison with a very small percent of the load 
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during flexion. It should also be noted that the FJs play a much larger role in resisting 

shear forces as compared with the intervertebral discs (Ghezelbash et al., 2019). 

Much of the shear stabilizing ability of the FJs is due to their shape and position, 

which resembles a boomerang in the transverse plane (Figure 2.4) (Gelhorn et al., 

2013). The lumbar joints have an overall coronal orientation to resist anterior translation 

and axial twisting (White & Panjabi, 1990). However, there is natural variability in the 

lumbar FJ orientation in humans, and the joint may be rotated sagittal in a similar 

orientation to thoracic FJs (Masharawi et al., 2007). Tropism, or asymmetry between the 

FJ transverse angles, also generates natural variability in angle.  

 

Figure 2.4. From Varlotta et al. (2011). CT scan of a human lumbar vertebrae. The facet joints 
located towards the bottom of the image show the characteristic boomerang shape.  

 

The FJ is a true synovial joint with less than 2 ml of joint space (Cohen & Raja, 

2007; Gelhorn et al., 2013). The joint is surrounded by a synovial membrane and fibrous 

capsule (Gelhorn et al., 2013) approximately 1 mm thick with transversely oriented 
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collagen  (Cyron & Hutton, 1981; Yahia & Garzon, 1993).  The posterior capsule is thick 

with multifidus fiber attachments (Cyron & Hutton, 1981) while the anterior aspect of the 

capsule may be classified as a thickening of the anterior sacroiliac ligament (Bogduk, 

2012). The edges of the joint also contain menisci within the joint to stabilize and 

distribute loads (Borenstein, 2004). Inside the joint space, hyaline cartilage lines the 

surfaces of the superior and inferior articular processes (Gelhorn et al., 2013). The 

reported thickness of this cartilage as measured in the lumbar spine of male cadavers 

over 55 years of age has an average range of 0.50-0.84 mm depending on the region 

being analyzed (Simon et al., 2017). This is much smaller than knee cartilage thickness, 

which ranges in older males and females from 1.99-2.52 mm (Shah et al., 2019).  

Dissections have shown that innervation of the joint is supplied by medial branches 

originating from the posterior primary rami of the corresponding joint level as well as the 

superior joint (Bogduk, 2012; Pedersen, Blunck, & Garnder, 1956). Each vertebral 

level’s medial branches therefore supply two levels of joints, along with the surrounding 

multifidus muscles and spinal ligaments (Bogduk, 2012; Pedersen et al., 1956). 

Analysis of the nerve endings present in the joint (Cavanaugh, Ozaktay, Yamashita, & 

King, 1996) and in the tissues around the joint (Giles & Taylor, 1987) show both 

proprioceptive and nociceptive receptors (Cavanaugh et al., 1996).   
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2.2 Osteoarthritis & Joint Degeneration 

2.2.1 Cartilage & Its Degeneration 

Cartilage is classified as a specialized dense connective tissue (Ross & Pawlina, 

2011). There are two main types of cartilage: hyaline and fibrocartilage. Along with its 

high water content, hyaline cartilage is comprised of type II collagen, glycoproteins and 

glycosaminoglycans (Ross & Pawlina, 2011). There are two main roles for hyaline 

cartilage: it is the main cartilage found in synovial joints, forming the articulating 

surfaces, and it provides a base for skeletal development, eventually being transformed 

into bone through the process of endochondral ossification (Ross & Pawlina, 2011). 

This specific type of cartilage allows for low-friction interactions between bones (Moore, 

Agur, & Dalley, 2015). 

Structurally, hyaline cartilage found in synovial joints has four major zones with 

differing morphologies (Figure 2.5). The superficial or tangential zone contains 

spheroidal chondrocytes that are elliptical in shape with their long axes running parallel 

to the articular surface, in a similar orientation to the collagen fibrils (Ross & Pawlina, 

2011). Deep to this  is the intermediate or transitional zone, which shows collagen fibers 

in a more oblique orientation relative to the articular surface and spherical, randomly 

distributed chondrocytes (Ross & Pawlina, 2011). The deep or radial zone has large, 

spherical chondrocytes arranged into columns perpendicular to the surface of the joint 

(Ross & Pawlina, 2011). The final and deepest layer of hyaline cartilage is the calcified 

zone which provides a transition from cartilage to bone. This layer contains calcified 

matrix with small chondrocytes that are located deep to the heavy line of calcification 
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referred to as the tidemark (Ross & Pawlina, 2011). It should be noted that the 

chondrocytes are contained within spaces referred to as lacunae (Ross & Pawlina, 

2011). 

Fibrous cartilage is a dense regular connective tissue often found in intervertebral 

discs as well as at tendon-bone junctions (Ross & Pawlina, 2011). This cartilage 

contains both round chondrocytes and elongated fibroblasts, which produce the 

proteoglycans aggrecan and versican respectively (Ross & Pawlina, 2011). As a result 

of its cellular composition, fibrous cartilage contains both type I and type II collagen 

(Ross & Pawlina, 2011). Notably, while type II collagen is seen in hyaline cartilage, type 

I collagen is also found in scars after injury (Ross & Pawlina, 2011). Mechanically, this 

tissue type is good at resisting both compression and shear forces (Ross & Pawlina, 

2011).  

 

Figure 2.5. The zones have distinct differences in chondrocytes and collagen orientation. From 
superficial to deep, the layers are as follows: superficial tangential zone (STZ), the middle zone, 
the deep zone and the calcified zone. The deep and calcified zones are delineated by the tidemark, 
represented here by a thin horizontal line. The deep bone contains two distinct sections, the 
subchondral bone followed by the cancellous bone. Chondrocytes are flattened and elongated 
within the STZ and transition to a rounder shape within the middle zone. The cells remain well 
distributed throughout the middle zone but are arranged into clustered columns in the deep zone 
and are absent in the calcified zone. Collagen begins in the STZ oriented in parallel to the surface 
of the cartilage, with mixed orientation in the middle zone and perpendicular orientation in the 
deep and calcified zones. This diagram is from Buckwalter, Mow, & Ratcliffe (1994).  
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Translated from its Latin roots, arthritis may be broadly defined as joint inflammation.  

While there are multiple types of arthritis, this review will focus on osteoarthritis and 

post-traumatic arthritis. Osteoarthritis (OA), also referred to as degenerative joint 

disease, may occur as either a primary or secondary disease. Repetitive stress and 

cumulative low-level trauma over the course of an individual’s lifespan are often 

attributed to the observed degeneration in primary disease (Xu et al., 2013); however, 

secondary OA may be triggered by injury or other disease processes (Salter, 1983). OA 

impacts both the axial and upper and lower appendicular portions of the skeleton 

(Borenstein, 2004).  

At the cellular level, the process of OA lesioning begins with initial clustering of 

chondrocytes (Yeh et al., 2008). This is followed by hypocellularity that leads to 

eventual destruction of the extracellular matrix and exposure of the subchondral bone 

(Yeh et al., 2008). The destruction of the extracellular matrix involves the loss of 

proteoglycan polymers, which exposes articular collagen, thereby increasing lesions 

and damage (Salter, 1983). With the loss of proteoglycans and damage to collagen, the 

cartilage surface transforms at the macroscopic level from a healthy white and shiny 

surface to take on a yellow colour and granular texture (Salter, 1983). As the severity 

progresses, the articular cartilage is eventually worn away and the joint experiences 

subchondral bone sclerosis with osteophyte formation (Salter, 1983; Yeh et al., 2008).  

Secondary degenerative joint disease occurs when a joint degenerates without 

the influence of a specific condition and it includes post-traumatic arthritis (Salter, 1983). 

Trauma may induce arthritis through several factors. Severe mechanical loading of 
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cartilage discs to compress them to half of their free swelling thickness in an ex vivo 

protocol performed by Quinn, Grodzinsky, Hunziker, & Sandy (1998) showed rupturing 

of the typically strong collagen network that comprises cartilage (Lotz, 2010; Quinn et 

al., 1998). Further evaluation of superfluous synovial fluid from damaged knees in 

human patients has shown that intra-articular bleeding, which is most likely derived from 

damage to torn ligaments or menisci that have some blood supply, drives chondrocyte 

apoptosis (Lotz, 2010; Marker et al., 2006). Chemical cascades triggered by the 

breakdown of hemoglobin are thought to link the exposure driven apoptosis 

(Roosendaal et al., 1999). As such, both the collagen network and its production 

through chondrocytes may be immediately impacted by joint trauma. Over time, these 

cascades help to drive osteoarthritic processes alongside the altered load distribution 

within the knee itself that has been triggered by the destabilizing effects of damaged 

ligaments and menisci. 

As acute inflammation begins to develop, inflammatory mediators such as 

interleukin-1, tumor necrosis factor-alpha and interleukin-6 trigger signaling cascades. 

Elsaid et al. (2008) found that inflammatory mediators suppress the synthesis of 

lubricin, the lubricating glycoprotein found in synovial joint fluid, in young individuals with 

anterior cruciate ligament knee tears. The addition of these inflammatory cytokines has 

been found to decrease glycosaminoglycan content in both in vivo and ex vivo animal 

models of the knee joint (Flannery et al., 2000; Patwari, Kurz, Sandy, & Grodzinsky, 

2000). Matrix metalloproteinases experience increased expression, triggering further 

degeneration (Firestein & Paine, 1992; Lee, Fitzgerald, Dimicco, & Grodzinsky, 2005). 
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Cartilage explants from cattle which have undergone a single rapid compression injury 

show increased expression of matrix metalloproteinase 3, which causes matrix 

degeneration on its own and triggers further degeneration through the activation of other 

metalloproteinases (Lee et al., 2005).  

2.2.2 Osteoarthritis in the Facet Joint  

2.2.2.1 Presentation and Pathophysiology 

Broad bodies of literature exist regarding the potential underlying causes and 

treatments for appendicular joints such as the knee, hip, shoulder and hand. However, 

while OA is considered the most frequent form of facet pathology (Kalichman et al., 

2008) far less is known in comparison to disc degeneration. It is accepted that facet joint 

OA (FJ OA) occurs  with changes to multiple levels of tissues including: the subchondral 

bone, cartilage, periarticular tissues, capsule and paraspinal muscles (Gelhorn et al., 

2013). Further, it is these changes and eventual failures of these tissues that promote 

the development of FJ OA (Gelhorn et al., 2013). 

As there are two FJs at every spinal level, it is possible to develop OA at multiple 

points along the spinal column. However, the L4-L5 spinal level has been found to have 

the highest prevalence of OA development in humans and its prevalence is followed 

closely by the L5-S1 level (Kalichman et al., 2008; Suri et al., 2011). The prevalence of 

OA is also sex dependent where one study found that males experience higher OA 

prevalence at L4-L5, but females see higher prevalence at L5-S1 (S. Ko, Vaccaro, Lee, 

Lee, & Chang, 2014). The presentation at these levels is often bilateral rather than 

unilateral (Linov, Klindukhov, Li, & Kalichman, 2013).   
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The degeneration of FJ cartilage follows the OA pathophysiological process. FJ 

tissue samples from patients undergoing spinal fusion surgery as treatment for low back 

pain show decreased proteoglycan content as well as infiltration of inflammatory cells 

(Gelhorn et al., 2013). Further, these joints showed increases in both proinflammatory 

and anti-inflammatory cytokines, metalloproteinases, metalloproteinase inhibitors, 

aggrecanases, substance P and nerve growth factor (Gelhorn et al., 2013). Finally, 

these joints showed signs of neovascularization and neurogenesis (Gelhorn et al., 

2013).  The development of osteophytes, commonly referred to as bone spurs, may 

occur with age related FJ degeneration and has been seen in aging models such as 

male Wistar rats (Duarte, Hurtig, Clark, Simpson, & Srbely, 2019). 

Degeneration of the FJ is not consistent across its surfaces despite the joint’s 

small size. Between the articular surfaces, the superior articular process has shown 

earlier and more severe damage than the inferior articular process (Li et al., 2011; 

Tischer, Aktas, Milz, & Putz, 2006). Tischer et al. (2006) examined the FJ in elderly 

individuals and observed that the ends of the articular processes showed localized 

damage. It has been theorized that these differences are due to changes in regional 

stress across the surfaces of the joint during flexion and extension motions (Li et al., 

2011; Tischer et al., 2006). In simpler terms, the theory explains that the ends of the 

facets will experience more degeneration as they experience greater contact forces with 

the notch formed by the corresponding facet and vertebral lamina in comparison with 

the central portions of the cartilage.  



24 

 

 

 

2.2.2.2 Risk Factors  

Compared with other joints in the body, the FJ may be at higher risk of OA. \This 

is thought to potentially be due to large amount of stress for a joint with an extremely 

small surface area (Li et al., 2011). For humans, there are multiple predisposing factors 

for FJ OA. As with many other joints, OA becomes more prevalent as an individual 

grows older (Kalichman, Suri, Guermazi, Li, & Hunter, 2009; Ko et al., 2014; Suri et al., 

2011). A longitudinal, computed tomography (CT) scan based study showed as an 

increase from 36% prevalence for individuals under 45 years of age to 89% for 

individuals over 65 years of age (Suri et al., 2011). Additional work has shown a weak 

linear relationship between age and FJ OA (Linov et al., 2013) with age potentially 

accounting for 24% of the variance in spinal arthritis (Weinberg et al., 2017). However, 

these weak relationships do suggest that there may be other confounding factors for its 

development (Linov et al., 2013).  

Sex is another potential risk factor. Females sometimes show greater risk for OA 

than males with estrogen being suggested as the underlying cause (Goode et al., 

2012). In cases of degenerative spondylolisthesis which is defined as the “displacement 

of the vertebral body in relation to the one below” (Baert, 2008), degeneration of the FJ 

cartilage has been associated with large increases in cartilage estrogen receptor 

expression (Ha et al., 2005). Additionally, females tend to have greater ranges of spinal 

motion due to vertebral morphology (Fujiwara et al., 2000) and differences in 

lumbopelvic morphology (Sahin et al., 2015). Fujiwara et al. (2000) found that there was 

no difference in disc height or FJ orientation on magnetic resonance imaging scans of 
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cadaveric motion segments, but females did have significantly smaller endplate 

dimensions. This was attributed to the greater motion seen for lateral bending, flexion 

and extension in female segments (Fujiwara et al., 2000).  

Other spinal metrics have been explored for sex differences. Ebbesen, Thomsen, 

Beck-Neilsen, Nepper-Rasmussen, & Mosekilde (1999) saw a decrease in the cross-

sectional area of the L3 vertebral body for females when compared with males. Further, 

De Schepper et al.(2010) saw greater disc heights in females during a radiographic 

study, which was not observed by Fujiwara et al. (2000). Mohan & Huynh (2019) argued 

that since muscles are the primary stabilizers of the spine, the smaller cross-sectional 

area of the multifidus muscles in females compared to males may make the female 

spine inherently less stable (Hides, Gilmore, Stanton, & Bohlscheid, 2008). When 

combined, the slender vertebral bodies, taller intervertebral discs and decreased 

stability provided by paraspinal muscles such as multifidus may drive the increased 

flexibility and thus prevalence of OA in the female compared to the male spine. This 

flexibility may contribute to increased risk of FJ OA by placing increased stresses on the 

joint. Regarding morphology, the specific differences listed include an increase in the 

sacral slope, lumbar lordosis, pelvic incidence with decreases in the sacral table angle, 

and L5 posterior vertebral angle (Sahin et al., 2015). However, exactly how these 

angles change stresses at the FJs has yet to be described.  

It must be noted that not all studies have shown increased OA for females (Ko et 

al., 2014; Linov et al., 2013). FJ OA is also associated with body mass index (Goode et 

al., 2012; Jentzsch, Geiger, Slankamenac, & Werner, 2015; Lai et al., 2017; Suri et al., 
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2011). Further, it is body mass index and not physical activity level that is associated 

with FJ OA when FJ OA, sociodemographics and anthropometrics were compared (Suri 

et al., 2015). Increased fat mass, which can be reflected in a greater body mass index 

score, has been shown to drive systemic inflammation thereby increasing inflammatory 

processes such as OA in an obese rat model (Collins et al., 2015). However, body mass 

index does not accurately capture other predisposing factors such as loss of paraspinal 

muscle mass, which has been suggested as another risk factor for FJ OA (Borenstein, 

2004). Additionally, FJ OA severity has been shown to increase with depth of 

subcutaneous abdominal fat in humans (Jentzsch et al., 2015). Rat models of obesity 

have shown that body fat, but not body mass, are associated with increased knee joint 

degeneration showing that the systemic inflammatory state seen with obesity can drive 

other inflammatory processes such as OA (Collins et al., 2015).  

Bone morphology has been debated and is also considered a risk factor for FJ OA. 

Specifically, the orientation of the FJs may influence their own risk for degeneration. 

More sagittally oriented FJs, as opposed to coronally oriented, have been associated 

with increased risk of OA (Figure 2.6) (Kalichman et al., 2009; Weinberg et al., 2017). 

This may be due to increased anterior translation, which has been independently 

associated with FJ OA seen in x-rays (Fujiwara et al., 2000). Interestingly, Boden et al. 

(1996) found that FJs with greater than 45 degrees of sagittal rotation from the spinous 

process show a 2.9 times greater risk for experiencing intervertebral disc degeneration 

upon examination of MRIs.  It has also been postulated that bony remodeling during FJ 

OA may cause a shift towards more severe sagittal orientations (Linov et al., 2013). 
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This could potentially create a positive feedback loop where the joint degeneration 

drives a change in morphology which further promotes joint degeneration. Finally, tropic 

joints, where one of the FJs at the same vertebral level has a greater sagittal 

orientation, have also been associated with increased risk for FJ OA, particularly at the 

most prevalent L4-L5 and L5-S1 levels (Weinberg et al., 2017).  

One commonly quoted risk of FJ OA is intervertebral disc height narrowing (Suri 

et al., 2011). X-rays have shown that intervertebral disc degeneration often precedes FJ 

OA (Fujiwara et al., 2000). Disc height narrowing is theorized to initiate FJ OA 

development by decreasing the joint space, leading to altered stress on the joints 

(Borenstein, 2004). Previous research examining intervertebral discs via MRI, and FJs 

using computed tomography scans, has shown that FJ OA is rarely seen without 

intervertebral disc degeneration, while intervertebral disc degeneration may occur 

without any signs of FJ OA (Butler, Trafimow, Andersson, McNeill, & Huckman, 1990). 

Further, 57 imaged spines showed an association between FJ cartilage fissures and 

indistinguishable nucleus pulposus and anulus fibroses (Li et al., 2011). Additionally, 

after adjusting for age, greater intervertebral disc degeneration has been associated 

with greater FJ OA (Pan et al., 2017).  

Despite this association, two other studies have reported 19-24% (Suri et al., 

2011) and 20% (Swanepoel, Adams, & Smeathers, 1995) of degenerated spines show 

FJ degeneration that precedes IVD degeneration. Chemical exchange saturation 

transfer MRI of 25 young lumbar spines have shown that individuals with coronal FJ 

orientation and tropism of less than 10 degrees have increased glycosaminoglycan 

https://www.sciencedirect.com/topics/medicine-and-dentistry/glycosaminoglycan
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content in their intervertebral discs (Schleich et al., 2016). The decrease in 

glycosaminoglycan content with sagittal FJ orientation and greater tropism may suggest 

that FJ morphology could drive disc degeneration. Particularly, sagittal FJs are not well 

oriented to prevent anterior shear of vertebrae, thereby allowing for increased 

intradiscal pressure and consequently disc degeneration (Kim et al., 2013).  

There is contradicting evidence for the influence of tropism on intervertebral disc 

degeneration. Boden et al. (1996) saw no association between tropism and disc 

degeneration in their MRI based study. Further, this lack of association was also seen in 

CT scans performed by Ko & Park (1997). They defined tropism as differences which 

were greater than +/- one standard deviation from the angle mean of participants who 

did not present with intervertebral disc herniation. Zhou, Teng, Zhang, Lei, & Jiang 

(2018) saw no association between tropism of greater than 5 degrees and disc 

herniation in a young cohort of 18 to 35 years of age. However, Ghandhari, Ameri, 

Hasani, Safari, & Tabrizi (2018) found an association between tropism, which was 

defined as a difference greater than 10 degrees, and single disc degeneration at the L4-

L5 level, but not the L5-S1 level. Contrasting those observations, Chadha, Sharma, 

Arora, & Kochar (2013) saw an association between tropism and disc herniation for the 

L5-S1 level and not the L4-L5 level. Additionally, it was observed that the herniation 

tended to occur on the FJ side which had the more sagittal angle (Chadha et al., 2013). 
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Figure 2.6. Adapted from (Masharawi et al., 2007). Sagittal and coronal orientation of the FJs from 
multiple anatomical views. Frontal oriented FJs are considered normal in the lumbar spine. FJs 
that are more sagittally oriented are more common in the thoracic spine and they allow for more 
flexion-extension movement while (Masharawi et al., 2007). 
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2.2.3 Rodent Models of Facet Joint Osteoarthritis 

2.2.3.1 Intra-Articular Injection of the Facet Joint 

For over a decade, rodents have been used as experimental models for FJ OA. 

Micro-computed tomography scans (CT-scans) have shown similar structural changes 

in the rat FJ undergoing OA degeneration from an intra-articular injection of 

monosodium iodoacetate when compared with human FJ OA (Kim et al., 2011). Yeh et 

al. (2008) used intra-articular injections of collagenase at the L3-L4 or L5-L6 spinal 

levels to examine OA development within the FJ. The procedure, which included a 6 cm 

midline incision and dissection of the paraspinal muscles bilaterally, revealed increasing 

histopathological scores with greater collagenase concentrations on the 24-point scale 

from the Osteoarthritis Research Society International (OARSI) (Yeh et al., 2008). Kim 

et al. (2011) used an intra-articular injection model to compare the effects of COX-2 

inhibitors and morphine as pain relievers in rodents with induced FJ OA . The 

monosodium iodoacetate intra-articular injections caused degradation of cartilage, loss 

of proteoglycans, apoptosis, subchondral bone remodeling and osteophyte formation 

(Kim et al., 2011). This intra-articular injection model was further evaluated by Shuang 

et al. (2014), where an increase in the inflammatory factors tumor necrosis factor-alpha 

and interleukin-1-beta was seen alongside a mean score of 16.33 +/- 2.88 in the 28 day 

group on a 24 point OARSI scale. 

Shuang et al (2015) found elevated OARSI scores and synovial inflammation up to 

56 days post intra-articular injection of urinary plasminogen activator.  These authors 

sought to explore the link between OA and pain development, measuring paw 
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withdrawal threshold, thermal withdrawal threshold and gait characteristics. None of 

these parameters showed significant differences between groups at the 56 day mark 

(Shuang et al., 2015). This led Shuang et al. (2015) to conclude that any hyperalgesia 

measured for intra-articular FJ injections is likely caused by joint inflammation rather 

than degeneration in rodent models. The authors caution the application of information 

obtained from OA rodents models used to study pain responses. 

2.2.3.2 Mechanical Damage of the Facet Joint 

While intra-articular injections do cause cartilage degeneration, it is questionable as 

to whether this accurately mimics the normal development of OA within the FJs. As a 

result, models of mechanical FJ damage have been explored due to their ability to 

induce post-traumatic arthritis. Kim et al (2015) punctured the FJ synovial capsules at 

the L3-L4, L4-L5 or L5-L6 levels in rats. OA was prevalent in the joints by 12 weeks 

post-surgery, with a noted trend towards reduced ambulation in the injured rats. Further, 

the dorsal horn of the spinal cord showed pro-inflammatory molecules, suggesting the 

punctures may have triggered central sensitization (Kim et al., 2015).  

The link between FJ OA and chronic pain was further explored by Henry, Yashpal, 

Vernon, Kim & Im (2012). Rather than puncturing the FJs, Henry, et al. (2012) sought to 

apply a single compression force to the FJ of rats. This model used a hemostatic clamp 

to apply a single, traumatic force at the L5-L6 level and showed high levels of 

degeneration in the joint at 28 days post-surgery (Henry et al., 2012).  At the same time 

point, analyses of cytokine content showed elevations of the inflammatory markers 

tumor necrosis factor-alpha and interleukin-1-beta (Henry et al., 2012).  
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Zwambag et al. (2018) adapted the model from Henry et al (2012) to explore the 

results of a more conservative procedure on the surrounding muscle structure and 

mechanical properties rather that the development of chronic pain. Employing minimal 

disruption of the fascia of the posterior trunk and a mild hemostatic clamp on the L5-L6 

FJ resulted in only mild degenerative changes in the joint at 28 days post-surgery 

(Zwambag et al., 2018). In addition to examining joint degeneration, analysis of the 

passive characteristics of the multifidus and erector spinae muscles found no 

differences from control animals (Zwambag et al., 2018).  

 

2.3 Muscles in Rats and Humans  

2.3.1 Relevant Muscular Anatomy 

This section of the literature review covers the anatomy of select muscles from the 

trunk, gluteal and lower limb regions of the rat. For each muscle, origins and insertions 

as well as any pertinent innervations will be described. The origin of the muscle is often 

considered its proximal attachment with the insertion being the more distal attachment. 

Refer to tables 2.1 and 2.2 for comparisons between rodent and human musculature 

and figure 2.7 for the relevant bony landmarks of the lumbar vertebrae. 

Prior to describing the paraspinal and pelvic musculature of the rat, the key 

structure of the erector spinae aponeurosis must be acknowledged. It is not typically 

described in the rodent literature but is well defined in humans and observation of the 

rodent trunk shows a structure similar to the following description. The erector spinae 
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aponeurosis is a passive fascial structure in the lower lumbar region of the posterior 

trunk (Willard, Vleeming, Schuenke, Danneels, & Schleip, 2012). In humans, the 

aponeurosis covers and attaches to portions of the posterior pelvis, sacrum and lumbar 

spine (Willard et al., 2012). It envelopes lower paraspinal muscles and provides 

attachments for gluteal and paraspinal muscles (Willard et al., 2012).  

2.3.1.1 Erector Spinae  

The erector spinae (ES) is a group of muscles which includes iliocostalis and 

longissimus. In the wood rat, longissimus originates laterally from the thoracodorsal 

fascia and anterior ilium and inserts along the transverse processes of superior lumbar 

vertebrae (Howell, 1926). Medially, the rodent longissimus originates from the spinous 

processes of the lumbar vertebrae and inserts along the aponeurotic tendon and 

transverse processes of superior lumbar vertebrae (Howell, 1926). Located lateral to 

longissimus is iliocostalis, which is notably not described by either Howell (1926) or 

(Greene, 1955).  

2.3.1.2 Multifidus  

The deep spinal muscle multifidus (MU) is described as originating from the 

transverse processes of lumbar vertebrae (Howell, 1926) (Figure 2.8). Spanning 

superiorly, each division of multifidus then inserts at the base of the lumbar spinous 

processes in rats (Howell, 1926).   
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Figure 2.7. A schematic of a Sprague-Dawley rat L5 vertebrae traced from a micro-CT scan 
showing relevant bony landmarks for muscular attachments. A) A dorsal view. B) A superior or 
cranial view. C) A sagittal view. D) An inferior or caudal view.  

2.3.1.3 Quadratus Lumborum  

Quadratus lumborum is located deep to both ES and MU. Quadratus lumborum in 

the rat is described differently by Howell (1926) and Greene (1955). Howell (1926) 

describes the origin as the 9th thoracic vertebrae and the insertion along the transverse 

process of L2 and the cranio-ventral border of the ilium’s spine. Greene (1955) divides 

the quadratus lumborum into medial and lateral components. Medially, the muscle 

originates along the lateral aspect of the 12th and 13th ribs as well as from T10 to L6 with 

5 sub-divisions spanning 3 vertebrae each with a medial insertion along the upper half 

of the margin of the acetabulum (Greene, 1955). The lateral portion of the muscle 
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originates laterally along the 12th and 13th ribs and inserts along the border of the ilium 

(Greene, 1955).  

2.3.1.4 Gluteal Muscles  

The posterior pelvis contains three separate gluteal muscles. In the rat, Howell 

(1926) describes the most superficial muscles as the gluteus superficialis (GSU) which 

originates in the dorsal fascia and the ventral cranial border of the ilia. The GSU inserts 

posteriorly at the aponeurosis at the lateral crest of the femur and anteriorly at the fascia 

proximal to the knee (Howell, 1926). The GSU is not described by Greene (1955), 

however, the description of the gluteus maximus muscle (GMA) is like the GSU origin 

and insertions. Howell (1926) does describe the GMA separately from the GSU, with an 

origin along the deep dorsal fascia from L6 to S3 and insertion along the caudo-lateral 

border of the greater trochanter.  

The gluteus medius muscle (GME) in rats originates at the superior gluteal fossa of 

the ilium and dorsal fascia according to Howell (1926). Greene (1955) describes the 

GME origin at the dorsal border and anterior-lateral crest and ventral border of the ilium 

and sacral fascia. Both Howell (1926) and Greene (1955) agree on the insertion of GME 

at the greater trochanter of the femur. Howell (1926) describes the origin of gluteus 

minimus muscle (GMI) at the lateral ridge of the ilium, inferior gluteal fossa and 

aponeurotic sheet at the inferior border of the ilium. Greene (1955) describes the origin 

of GMI along the dorsal border of the ilium, posterior sciatic notch as well as the lateral 

crest and surface of the ilium. As with the GME, both sources describe the GMI 

insertion at the greater trochanter with the femur (Greene, 1955; Howell, 1926).  
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2.3.1.5 Tensory Vaginae Femoris 

Next to the GSU, Greene (1955) refers to tensory vaginae femoris, the equivalent to 

the tensor fascia latae in humans, which originates along the crest of the ilium and 

inserts into the fascia lata of the thigh.  

2.3.1.6 Biceps Femoris  

Biceps femoris is a lower limb muscle located along the posterior thigh. Howell 

(1926) describes biceps femoris in the rat as having the short head originate from the 

transverse processes of the first two caudal vertebrae and the long head originate from 

the superior tuberosity of the ischium. The short and long heads respectively insert at 

the lateral border of the patella and the fascia along the cranial border of the lower leg. 

Greene (1955) describes the short head as originating from the last sacral and first 

caudal vertebrae and the long head from the sciatic tuberosity as well as an accessory 

third head from the sciatic tuberosity with the semitendinosus muscle. All heads are 

described as inserting at the distal femur and proximal 2/3 of the tibia (Greene, 1955).  

2.3.2 Muscles of the Tail in the Rat 

The following muscles have been included in this review due to their attachments 

around the sacroiliac joint. The extensor caudae (CE) muscle is a tail muscle in rats 

which has a medial and lateral portion which originate respectively from the spinous 

processes and transverse processes of the sacral and caudal vertebrae (Howell, 1926). 

These muscles insert along the dorsal side of more distal caudal vertebrae (Howell, 

1926).  
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The abductor caudae externus is described as originating from the medial aspect of 

the pubis and the pubic symphysis (Greene, 1955; Howell, 1926). Howell (1926) 

describes the insertion of abductor caudae externus along the transverse processes of 

the 5 proximal caudal vertebrae while Greene (1935) simplifies this insertion to the 

lateral surface at the base of the tail. The abductor caudae internus originates from the 

medio-ventral border of the ilium and inserts along the ventral surface of the caudal 

vertebrae (Greene, 1955; Howell, 1926).  
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Table 2.1 Comparison of the Trunk Muscles for Rats and Humans 

MUSCLE IN RATS IN HUMANS 

ILIOCOSTALIS Not mentioned in either Howell (1926) or 
Greene (1955).  

Lumbar Region: 
Originates at the medial surface of the dorsal iliac crest 
(Bogduk, 1980). 

Inserts at the dorsal tip of the lumbar transverse processes 
with some insertions into the thoracolumbar fascia (Bogduk, 
1980). 

Thoracic Region: 
Originates on the erector spinae aponeurosis (Bogduk, 1980).  

Inserts at the inferior border of the 12th to 6th ribs (Bogduk, 
1980) 

LONGISSIMUS Originates from the thoracodorsal fascia and 
anterior ilium (Howell, 1926). 

Inserts along the transverse processes and 
anapophyses of cranial lumbar vertebrae 
(Howell, 1926). 

Lumbar Region: 
Originates at the medial aspect of the dorsal iliac crest and 
the lumbar intermuscular aponeurosis (Bogduk, 1980). 

Inserts at the accessory process and transverse processes of 
lumbar vertebrae with some insertions at the mamillary 
processes (Bogduk, 1980). 

Thoracic Region: 
Originates at the deep surface of the erector spinae 
aponeurosis in the lumbar region (Bogduk, 1980). 

Inserts medially at the tip and caudal border of thoracic 
transverse processes and laterally at the caudal border of the 
adjacent rib (Bogduk, 1980). 

MULTIFIDUS Originates at the lumbar transverse process 
(Howell, 1926). 

Inserts at the base of cranial lumbar spinous 
processes (Howell, 1926). 

Originates at the vertebral lamina and spinous processes 
(Macintosh et al., 1986). 

Inserts on the mamillary processes of a minimum of 2-3 
vertebrae caudad to the origin as well as the dorsal sacral 
surface and sacroiliac ligaments (Macintosh et al., 1986). 

QUADRATUS 
LUMBORUM 

Originates at the 9th thoracic vertebrae 
(Howell, 1926) or it originates at the lateral 
aspects of the 12th and 13th ribs as well as 
the T10 to L6 (Greene, 1955).  

Inserts at the transverse processes of L2 to 
L6 and the spine of the ilia (Howell, 1926) or 
it inserts medially along the upper half of the 
margin of the acetabulum and laterally along 
the border of the ilium (Greene, 1955). 

Originates at the transverse processes of the lower lumbar 
vertebrae, iliolumbar ligament and iliac crest (Drake, Vogl, & 
Mithcell, 2010; Phillips, Mercer, & Bogduk, 2008)Inserts along 
the transverse process of L1 to L4 and the inferior border of 
rib 12 (Drake et al., 2010; Phillips et al., 2008). 
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Figure 2.8. Cross-sections of the lower lumbar spine and dorsal paraspinal muscles. A) Original 
diagram from Bogduk (1980). The represented soft tissue includes the passive tissues of the 
erector spinae aponeurosis (esa), lumbar intermuscular aponeurosis (lia), fat filled space (fs) and 
the accessory process of the vertebrae (ap). Included muscles are interspinalis (I), multifidus (MF), 
as well as intertransversarii medialis (IM), the medial (MD) and lateral division (LD) of the lumbar 
erector spinae also known as longissimus thoracis (LT) and iliocostalis lumborum (IL) 
respectively. B) Simplified diagram of the rat L5 cross section including multifidus, longissimus, 
iliocostalis and quadratus lumborum. C) Cross sections from a 10% formalin-fixed rat at the L5 
level. Multifidus (red arrow) and longissimus (yellow arrow) muscles are distinguishable, however, 
the division and fibers for iliocostalis (blue arrow) and quadratus lumborum (green arrow) are 
more difficult to differentiate.   
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Table 2.2. Comparison of Gluteal and Lower Limb Musculature for Rats and Humans 

MUSCLE IN RATS IN HUMANS 

GLUTEUS 
SUPERFICIALIS 

Originates at the dorsal fascia and ventral cranial 
border of the ilia (Howell, 1926). 

Inserts posteriorly at the aponeurosis of the lateral 
crest of the femur and anteriorly at the fascia 
proximal to the knee (Howell, 1926). 

Not present in humans 

GLUTEUS 
MAXIMUS 

Originates and inserts as gluteus superficialis but is 
referred to as Gluteus maximus by Greene (1955). 

Originates on the ilium posterior to the gluteal line, 
dorsal surface of the sacrum and coccyx as well as 
sacrotuberous ligament (Drake et al., 2010). 

Inserts at the iliotibial band and gluteal tuberosity of 
the femur (Drake et al., 2010). 

GLUTEUS 
MEDIUS 

Originates at the superior gluteal fossa of the ilium 
and dorsal fascia (Howell, 1926) or the dorsal 
border and anterior-lateral crest and ventral border 
of the ilium and sacral fascia (Greene, 1955). 

Inserts at the greater trochanter of the femur 
(Greene, 1955; Howell, 1926). 

Originates from the external surface of the ilium 
between the anterior and posterior gluteal lines as 
well as the gluteal fascia (Drake et al., 2010). 

Inserts at the lateral surface of the greater trochanter 
of the femur (Drake et al., 2010). 

GLUTEUS 
MINIMUS 

Originates at the lateral ridge of the ilium, inferior 
gluteal fossa and aponeurotic sheet (Howell, 1926) 
or the dorsal border of the ilium, posterior sciatic 
notch, lateral crest and surface of the ilium (Greene, 
1955). 

Inserts at the greater trochanter (Greene, 1955; 
Howell, 1926). 

Originates at the external surface of the ilium 
between the anterior and inferior gluteal lines (Drake 
et al., 2010). 

Inserts along the anterior surface of the greater 
trochanter of the femur (Drake et al., 2010). 

TENSOR 
FASCIA LATAE/ 
VAGINAE 
FEMORIS 

Originates along the crest of the ilium (Greene, 
1955).  

Inserts into the fascia lata of the thigh (Greene, 
1955). 

Originates along the anterior superior iliac spine and 
the anterior iliac crest (Drake et al., 2010).  

Inserts at the iliotibial band (Drake et al., 2010). 

BICEPS 
FEMORIS  

Originates with a short head at the transverse 
processes of the first two caudal vertebrae and a 
long head from the superior tuberosity of the 
ischium (Howell, 1926) or the short head at the last 
sacral and first caudal vertebrae and the long head 
from the sciatic tuberosity with an accessory head 
from the sciatic tuberosity (Greene, 1955). 

Inserts at the lateral border of the patella and the 
fascia along the cranial border of the lower leg 
(Howell, 1926) or the distal femur and proximal 2/3 
of the tibia (Greene, 1955). 

Originates as a long head at the ischial tuberosity 
and a short head at the linea aspera and lateral 
supracondylar line of the femur (Drake et al., 2010). 

Inserts at the lateral side of the head of the fibula 
(Drake et al., 2010). 
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2.4 Muscle Composition and Physiological Cross-Sectional Area 

2.4.1 Muscle Architecture 

Skeletal muscle is an exceedingly organized tissue from the whole muscle to the 

sub-cellular level. Fascicles are the largest sub-unit of muscle tissue and are comprised 

of bundles of single muscle fibers (Figure 2.9) (Hall, 2016; Lieber & Friden, 2000). 

Single muscle fibers, the contractile cells within muscle tissue, are then 

compartmentalized into myofibril units which contain the myofilaments actin and myosin, 

the two contractile elements within muscle tissue (Hall, 2016).  Often, the characteristics 

of muscle components determine its role within the body. Certain muscles are better 

suited for operating over large ranges of motion, such as sartorius, while others such as 

gastrocnemius are primarily force generators. To help classify the role of a muscle, its 

architecture may be measured. Lieber & Friden (2000) described skeletal muscle 

architecture as “the arrangement of muscle fibers within a muscle relative to the axis of 

force generation”. Muscle architecture parameters include: pennation angle, fascicle 

length, volume, sarcomere length and physiological cross-sectional area (PCSA). 

Overall muscle architecture measurements help to describe the function of the muscle 

that is being measured. 

Pennation angle describes the arrangement of the muscle fibers to the force 

generating axis of the muscle (Lieber & Friden, 2000). Muscles in which the fibers are in 

line with the axis of force are termed parallel in structure (Lieber & Friden, 2000). 

Pennate muscles contain a central tendon to which muscle fibers attach (Lieber & 

Friden, 2000). 
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Figure 2.9. Structure of a muscle. Fascicles are a subunit which contain multiple muscle fibers. 
Muscle fibers, or myocytes, are single muscle cells that contain myofibrils. Myofibrils, the 
smallest level of organization, contain sarcomeres, which in turn contain the myofilaments: actin 
and myosin. 

 

Fascicle length is proportional to the contraction velocity capability of the muscle 

(Lieber & Friden, 2000). However, the measure of fascicle length is dependent upon the 

length at which the muscle is either held for in vivo studies or the length at which the 

muscle is fixed for in vitro research. As a result, fascicle length must be normalized 

using the measured sarcomere length, which is also partially dependent on the length of 
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fixation, and the optimal sarcomere length for the species (Equation 2.1) (Lieber & 

Friden, 2000).    

𝑭𝑳𝑵 = 𝑭𝑳𝑴

𝑺𝑳𝑶

𝑺𝑳𝑴
  

Equation 1. Normalizing fibre lengths (FLN) are based on the measured fibre length (FLM), the 
measured sarcomere length (SLM) and the optimal sarcomere length (SLO) (Brown, Banuelos, 
Ward, & Lieber, 2010). Using normalized lengths reduces error caused by variation in the fixation 
lengths of muscles on fascicle lengths. 

 

Sarcomere length has been related to the force generation capabilities of muscles 

(Gordon, Huxley, & Julian, 1966; Lieber & Friden, 2000). First performed by Ranvier in 

1874, the length may be measured through light diffraction where a monochromatic light 

source, often a laser, is shone through a small bundle of fibers (Baskin & Lieber, 1983). 

When light passes through the slit formed by the I band of the sarcomeres, which 

contain only actin and no myosin, it diffracts. Each I band diffracts light separately, and 

these diffracted light waves interfere with each other forming patterns which can be 

projected onto a screen (Baskin & Lieber, 1983). The technique’s ability to measure 

average sarcomere lengths improves with reduced smaller bundles of fibers (Lieber & 

Friden, 2000).  

The final measurable architectural characteristic is muscle volume, which provides a 

measure of the number of sarcomeres within the entire muscle. While it may be directly 

measured through volume displacement of a fluid, it may also be calculated using the 

mass of the muscle and its density (Lieber & Friden, 2000). Together, all these 
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measures can be used to calculate the physiological cross-sectional area of the muscle 

(Equation 2.2). The physiological cross-sectional area is a predictor of the force 

production capability of the muscle, which was verified by Powell, Roy, Kanim, Bello, & 

Edgerton (1984).   

 

𝑷𝑪𝑺𝑨 (𝒎𝒎𝟐) =  
𝒎𝒖𝒔𝒄𝒍𝒆 𝒎𝒂𝒔𝒔 (𝒈) ∙ 𝒄𝒐𝒔𝒊𝒏𝒆 𝜽

𝝆 (
𝒈

𝒎𝒎𝟑)  ∙ 𝒇𝒊𝒃𝒆𝒓 𝒍𝒆𝒏𝒈𝒕𝒉 (𝒎𝒎)
 

Equation 2. Calculation for Physiological Cross-Sectional Area (PCSA) for fixed tissue. The 

product of muscle mass times the fiber pennation angle (θ) divided by the product of the muscle 

density (ρ) and the fiber length (Brown et al., 2010). 

 

2.4.2 Changes to Muscle with Injury 

One potential cause of functional disability in the lower back is injury and atrophy to 

the multifidus muscle (Hu et al., 2017). Notably, in cases of chronic low back pain, 

spinal fusion surgery may be used to help stabilize an assumedly unstable spinal 

column. However, Fan et al. (2010) followed patients who had undergone either 

conventional or conservative spinal fusion procedures. Conventional approaches 

involve more invasive, open back surgeries with minimal regard for surrounding soft 

tissue structures. Conservative spinal fusion procedures involve smaller incisions with 

careful dissections to provide access to the spinal column. One year post-operatively, 

the conservative procedure group not only had lower visual analogue scores, a 

measure of pain, but they also saw one third of the total decrease in physiological 

cross-sectional area that the conventional group experienced (Fan et al., 2010). This 
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difference was likely due to the large insult created by common conventional techniques 

used by surgeons to access the spinal column.  

Two common methods used during spinal surgery are splitting and retraction where 

muscles are cut and clamped respectively to enlarge the surgical field of view (Kim, 

2010).  Splitting of muscles, which involved the full dissection of the multifidus muscle 

from its vertebral attachments has been found to cause edema, bleeding, necrosis and 

inflammation in operated rabbits up to 1 week post-operatively (Hu et al., 2013). 

Additionally, over the course of 6 post-operative weeks, operated rabbits showed initial 

increases in fibrosis, followed by a decrease in fibrosis with an increase in fat content of 

the muscle (Hu et al., 2013). Further, splitting of the multifidus muscle has also been 

found to cause atrophy of the muscle (Hu et al., 2013). Otherwise, retraction of spinal 

muscles, which in this study involved the clamping of the multifidus muscle towards the 

midline, can also cause edema, bleeding, necrosis and inflammation up to 1 week post-

retraction in a rabbit model (Hu et al., 2017). These results may help to elucidate the 

underlying processes that occur in human paraspinal muscles after a spinal operation. 

Severe edema from retraction can be seen up to 6 months post-operatively on MRI 

scans in human’s who have undergone spinal surgery (Stevens et al., 2006).  

Tenotomy is the detachment of a tendon from its bony insertion through surgery, 

resulting in an overall shortening of the muscle. Baker and Hall-Craggs (1978) 

performed tenotomy on the soleus muscle of female rats. When compared with control 

animals, initial sarcomere lengths 1 day post-operatively were 1.8 microns in operated 

animals as compared with 2.6 microns for control animals (Baker & Hall‐Craggs, 1978). 
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This is likely due to an immediate contraction and shortening of the tenotomized 

muscle, resulting in shorter sarcomere and fascicle lengths. However, at four weeks 

post-operatively, the operated animals showed a normal sarcomere length of 2.7 

microns (Baker & Hall‐Craggs, 1978). Despite an unchanged sarcomere length at 4 

weeks, there was a significant difference in fascicle length, with means of 9.8 mm for 

controls and 5.1 mm for operated animals (Baker & Hall‐Craggs, 1978). These results 

suggest that while there is an initial decrease in sarcomere length with a cutting injury, 

such as that potentially seen in muscle splitting, over time, the muscle will return 

towards normal sarcomere lengths through the removal of sarcomeres in-series, 

resulting in shorter fascicle lengths (Baker & Hall‐Craggs, 1978).  

Milder components of surgical procedures may yield fewer changes in muscle 

characteristics as they result in less damage to the musculature. The impact of 

aponeurotomy, or detachment of the aponeurosis of a muscle, on the passive 

mechanical properties of the lower back was explored by Zwambag et al. (2018). The 

intervention involved retraction of the L5/L6 multifidus tendon insertion over the left FJ 

(Zwambag et al., 2018). No changes in the passive mechanical properties of the 

multifidus muscle were seen. However, it should be noted that the affected area was 

small, and the tissue collection was not isolated to only affected muscle fibers. Further, 

it is possible that the fibers did not contract significantly due to support from surrounding 

musculature (Zwambag et al., 2018).   
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3 Methods 

3.1 Surgical Procedure & Conditions 

3.1.1 Animals and Surgery 

This study was conducted using an Animal Utilization Protocol (#3847) that was 

approved of by the University of Guelph Animal Care Committee. The full timeline for 

the protocol and associated animal care is herein described further. Thirty-one sexually 

mature, male Sprague-Dawley rats were housed in groups of 3 to 4 animals under 

identical environmental conditions. After an acclimatization period of 8 days, rats within 

each group were randomly assigned to one of the following conditions: control, sham 

(multifidus resection) or clamp (multifidus resection with facet clamp) (Table 3.1) (Fig. 

3.1). An additional four animals were also used for a dose response test. Two animals 

underwent the same procedure as the clamp animals, while the other two had the same 

hemostatic forceps set to the maximal clamp level. None of these four animals were 

included in the statistical tests. 

Table 3.1 Group characteristics 

Group Number Initial Mass (g) (+/- SD) 

Control 7 292.7 +/- 27.0 

Sham 12 293.3 +/- 23.2 

Clamp 12 282.7 +/- 18.2 
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Control rats (n = 7) underwent no procedures and were age matched to the 

surgical animals. The sham (n = 12) and clamp (n = 12) animals underwent surgical 

procedures after the acclimatization period. These animals were injected with the non-

steroidal anti-inflammatory drug carprofen (dose = 5mg/kg body mass) at a minimum of 

20 minutes prior to surgery. This class of anti-inflammatory drug acts by blocking the 

activity of cyclooxygenase enzymes which inhibits the production of prostaglandins, 

thereby reducing the inflammatory response (Stoeling, 1991). 

 

Figure 3.1. A total of 9 groups of 3-4 rats were operated on. For groups of 3, each animal was 
randomized to one of the experimental groups. For groups of 4, animals were randomized to one 
of the two surgical groups. Both surgical groups had the left L5/L6 facet joint exposed and the left 
multifidus partially resected. 

 

All surgical animals were then anesthetized under a constant flow of 0.5 L/min of O2 

with gaseous isoflurane at 5% for induction and 1-2% for maintenance. After induction, 
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the animals were shaved dorsally and the L1, L5 and L6 spinous processes as well as 

the iliac crests were marked using a permanent marker (Figure 3.2). It should be noted 

that the spinous processes of the lumbar spine are extremely prominent and are 

palpable through the skin. Further, the L6 process is easily distinguished from the 

sacrum spinous processes which are not palpable.  

A mixture of the local analgesics Marcaine-Lidocaine (0.5mg and 2mg/kg body mass 

respectively) was injected sub-cutaneously along the planned incision site. These drugs 

act to block neural impulses leading to sensory anesthesia and skeletal muscle 

paralysis around the injected area (Stoeling, 1991). The final preparatory step was to 

sterilize the skin using a 3-step solution: soap, alcohol and a tincture.  

 

Figure 3.2. Landmarking of a surgical animal using permanent marker. The iliac crests and L6 
spinous process were identified initially due to their prominence from other surrounding 
structures. 
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Opening of the animal began with a 5 cm longitudinal incision which was made in 

the posterior skin and subcutaneous vascular tissue from L1 to S1, slightly left of the 

midline (Figure 3.3 A). A 2 cm longitudinal incision was then made through the lumbar 

aponeurosis and thoracolumbar fascia, taking care to not disrupt the paraspinal muscles 

(Figure 3.2 B and C).  

 

Figure 3.3 Surgical approach through posterior trunk fascial layers. A) Initial incision from L1 to 
S1 just left of the midline. B) Incision and clearing of loose vascular tissue deep to the skin. C) 
Incision through the aponeurosis and thoracolumbar fascia exposing the underlying erector 
spinae muscle belly.  
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The following protocol was adapted from Zwambag, Hurtig, Vernon, & Brown 

(2018). After the incision through the thoracolumbar fascia, blunt dissection was 

performed in the fascial plane between the erector spinae and multifidus muscles until 

the left L5-L6 FJ was located. The L5-L6 multifidus tendon was severed to expose the 

joint (Figure 3.4 A). For the sham group, hemostatic forceps were placed around the 

joint with no applied force for 3 minutes. For the clamp group, the hemostatic forceps 

were placed around the joint and locked to the first locking level for 3 minutes (Figure 

3.4 B). The forceps were modified using foil tape to ensure that the minimum distance 

between the forceps tips was 1mm. 

 

Figure 3.4. The facet joint protocol. A) The multifidus tendon overlying L5-L6 facet joint capsule 
has been severed. B) Hemostatic forceps are applied around the L5-L6 facet joint. Foil tape is 
used along the one edge of the forceps to ensure the closing distance between the tips is 1mm. 
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Following the FJ clamp both the MR and FC groups underwent a partial 

multifidus resection. A second incision was made in the thoracolumbar fascia, just left of 

the spinous processes, from L1 to L6. The spinous process attachment of multifidus 

was severed along the lumbar spine (Figure 3.5).  The incision was then cleaned of any 

dried vascular tissue and washed with additional Lidocaine-Marcaine solution. Finally, 

the skin was closed with 35W staples (Figure 3.6).  A step-by-step surgical guide and 

checklist with additional details for this procedure can be found in Appendix 8.1. 

 

Figure 3.5. The left multifidus muscle is detached along the spinous processes of L1 to L6. 
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Figure 3.6. A) The two incisions for the zygapophyseal joint clamp and multifidus resection are 
shown. B) Skin closure using 35W surgical staples which will be removed 7-10 days post-
operatively. 

 

3.1.2 Post-Operative Care 

All animals were maintained in standard housing conditions for 28 days post 

operatively and their wounds and general health checked twice daily. The surgical 

staples were removed at 7 days post-operation. At the end of the 28-day period, all 

animals were sacrificed using carbon dioxide asphyxiation followed by cervical 

dislocation in accordance with the university’s guidelines set by the Animal Care 
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Committee. Immediately after sacrifice, animals were skinned and placed in 10% 

phosphate buffered formalin and fixed over a period of 72 hours.  

3.2 Muscle Cross-Sectional Area 

3.2.1 Dissection & Definition of Muscles 

After an initial 48-hour fixation period, the following muscles were dissected 

bilaterally: erector spinae (ES), multifidus (MU), caudal extensors (CE), gluteus 

superficialis (GS), gluteus medius (GME), gluteus minimus (GMI) and biceps femoris 

(BF). The first step in dissection of the fixed animal involved the removal of any external 

fascia (Figure 3.6). Following this, the ES, MU and CE along with the glutes and lower 

limb were carefully dissected away from the spine and pelvis (Figure 3.7 A and B). ES, 

MU and CE were then separated from the gluteal muscles (Figure 3.7 C). The CE 

portions of both the ES and MU were removed from the other muscles. The MU and ES 

were then separated from each other and the ES was further trimmed to only include 

the region between the 13th thoracic and the 2nd caudal vertebrae (Figure 3.8). As the 

deep muscles fibres were often not properly fixed, the muscles and dissected skeleton 

were placed back into the formalin solution for an additional 24 hours.  
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Figure 3.7. Posterior view of a rat that has been fixed whole in formalin. A) The superficial fascia 
that surrounds the posterior trunk muscles has been split and dissected away from the paraspinal 
muscles. B) The fascia and muscles, which include latissimus dorsi and the posterior aspect of 
the abdominal wall, that insert into it are retracted to provide a better view of the insertion of the 
erector spinae muscle group. C) The abdominal wall and posterior fascia have been dissected 
away. The abdominal cavity is exposed laterally to the erector spinae.  

 

Figure 3.8. Posterior elements from formalin fixed rats. A) Paraspinal muscles, including 
multifidus, the erector spinae and quadratus lumborum along with caudal extensors and the hind 
limb. The superficial tissue (right) is properly fixed after 48 hours in 10% formalin, however, the 
deeper tissue (left) is poorly fixed. B) Labelled muscles for the superficial structures of the 
posterior trunk including the paraspinal muscles and hind limb musculature. The T13 level was 
indicated on the erector spinae and multifidus muscle prior to dissection and the thoracic 
portions were removed prior the measurement of the muscle architecture parameters.   C) 
Paraspinal muscles and the caudal extensors without the hindlimb after an additional 24 hours in 
10% formalin. The tissue is now properly fixed, as seen through the colour change from pink to 
brown.  
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Figure 3.9. Analyzed components of the paraspinal muscles. The erector spinae muscle belly was 
severed at the T13 level and dissected down to the iliac spine and L6. Multifidus was trimmed to 
include its belly between T13 and S1. The caudal extensors included bellies from longissimus and 
multifidus and was sectioned between the S1 and 2nd Caudal vertebra (Ca2). Rat outline adapted 
from Howell (1926). 

 

GS was peeled away from the gluteal complex and separated from the tensor fascia 

latae muscle, based on visible differences in fibre direction, and trimmed of excess 

fascia (Figure 3.9). GME and GMI were separated by isolating their fibres along central 

tendons. Finally, BF was isolated from the posterior thigh.  
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Figure 3.10. Superficial gluteal and hindlimb muscles. Gluteus superficialis and biceps femoris 
muscles were separated away from the tensor fascia latae based on fiber orientation. 

 

3.2.2 Measures & Calculations 

Following the full 72-hour fixation period, each muscle was carefully trimmed of any 

excess connective tissue, dabbed dry and had its mass measured using a weigh scale 

(to 0.00g). This mass was normalized to post-euthanasia body mass. Next, a 

representative fascicle length was measured using digital calipers (to 0.00mm). For MU, 

fascicles cranial to the L4-L6 section, which was set aside for histology, were dissected 

out from the fascia. For the ES, iliocostalis fascicles were selected from the remaining, 

non-histological muscles sample. The CE muscles had their longest identified fascicle 

measured. GS had a muscle fascicle along its tensor fascia latae border measured. The 

GME, GMI and BF muscles had fascicles from their deep portions measured. 
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 For the GME and GMI, pennation angles were measured from the central tendon to 

the muscle fibres using a manual protractor (to 0 degrees). For all other muscles, 

pennation angles were considered to be zero. Density for formalin fixed mammalian 

tissue was assumed to be 1.112 g/cm3 (Ward & Lieber, 2005).  Cross-sectional area 

(CSA) was calculated using the measured mass, fascicle lengths and pennation angles 

for each muscle (Equation 3.1).  

𝐶𝑆𝐴 (𝑚𝑚2) =  
𝑚 (𝑔) ∙ 𝑐𝑜𝑠𝑖𝑛𝑒 𝜃

𝜌 (
𝑔

𝑚𝑚3)  ∙ 𝐹𝐿(𝑚𝑚)
 

Equation 3.3. Modified calculation of cross-sectional area for fixed tissue modified from Brown, 
Banuelos, Ward, & Lieber (2010). The original calculation used normalized fascicle lengths which 
were not calculated here due to a lack of sarcomere length measurements. The CSA is the product 

of the muscle mass (m) and the cosine of the pennation angle (θ) divided by the density (ρ) 

multiplied by the fascicle length (FL).  

 

3.3 Muscle Histology 

3.3.1 Preparation and Processing of Muscle  

The L4 to L6 regions of ES and MU muscles from each animal were trimmed using a 

scalpel and razor blade to less than 1.5cm in length after the muscle architecture 

parameters had been measured. These samples were infiltrated with paraffin wax (the 

protocol is listed in detail in Appendix 8.2.1). The processed muscles were then 

embedded into paraffin wax blocks, taking care to ensure that the majority of muscle 

fibres were aligned perpendicular to the cutting plane. Finally, each block of muscle was 

serially sectioned (5 μm) on a microtome (ON 12804, Leica) and loaded onto glass 

microscope slides (Fisherbrand Superfrost PLUS, Fisher Scientific) to yield multiple 
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representative cross-sections. Using an autostainer (ST5010, Leica) one section was 

stained using Hematoxylin and Eosin (Appendix 8.2.4) for visualization of muscle cell 

structure and the other was stained using Picrosirius red with a Fast green counterstain 

(Appendix 8.2.7) to allow for the visualization of the MU injury and quantification of 

muscle collagen content as described below. Notably, the Picrosirius red stains collagen 

fibres red, allowing for distinction of injury through higher levels of collagen. All sections 

were cover slipped (coverslip = Fisherbrand™ Microscope Cover Glass, Fisher 

Scientific, sealant = Thermo Scientific™ Richard-Allan Scientific™ Cytoseal™ XYL) on 

an automatic coverslipper (CV5030, Leica).  

3.3.2 Measurement & Analysis of Collagen Content 

Collagen content was measured in the MU and ES muscles by comparing the 

amount of red stained collagen tissue with the total amount of stained tissue. Picrosirius 

red-Fast green stained muscle sections were imaged on a light microscope at 600x 

magnification using Eclipse software (© Nikon 2020). For each MU, 3 images were 

taken from the lateral, middle and medial portions of the muscle where possible. Some 

images were taken at different depths due to problems including processing artifacts 

and sectioning damage. If the MU was from a surgical animal, the area with high 

amounts of collagen formation due to injury (Figure 3.11) had three additional images 

taken. The ES group was broken down into iliocostalis (IC) and longissimus (LG) 

sections with 3 images taken per region from the lateral, middle and medial portions 

where possible. Some images were taken from sections at different depths along the 

cranio-caudal axis due to problems including processing artifacts and sectioning 
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damage.  Images were then analyzed in Image J (version 1.38, © National Institutes of 

Health). Colour thresholds were set to 0-23 and 186-255 on a 255-point scale, which 

isolated the red spectrum in each image (Fig 12). The saturation threshold was 10-255 

to exclude pure white pixels and the brightness threshold was 1-255 to exclude pure 

black pixels. To account for shrinkage of the myocytes in each section from histological 

processing, the percentage of red pixels was calculated in reference to the whole image 

rather than the area of the myocytes (Equation 3.2).  

 

Figure 3.11. Two PSR-FG multifidus muscles imaged at 600x. A) Healthy multifidus muscle tissue 
showing little intercellular collagen (red). B) Injured multifidus muscle, not at the site of injury 
showing increased intercellular collage (red).  

 

 

Figure 3.12. Thresholding of the red intercellular tissue in Image J for the same 600x multifidus 
section seen in Figure 3.11A. The selected area here is shown in solid red. Hue, saturation and 
brightness are custom set to each image to best capture the red-stained tissue.  
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𝑪𝒐𝒏𝒕𝒆𝒏𝒕 (%) =  
𝑹𝒆𝒅 𝑨𝒓𝒆𝒂 (𝑷𝒊𝒙𝒆𝒍𝒔)

𝑻𝒐𝒕𝒂𝒍 𝑨𝒓𝒆𝒂 (𝑷𝒊𝒙𝒆𝒍𝒔)
∗ 𝟏𝟎𝟎% 

Equation 3.4. Collagen Content Equation 

 

3.4 Facet Joint Angles  

3.4.1 Micro-Computed Tomography Scanning  

After the musculature had been dissected from the skeleton, the lumbopelvic 

units, which included the spine from L3 to Ca2, were scanned using a SKYSCAN 1278 

system (© Bruker 2020). Each unit was placed with the spine lined up along the 

rotational axis of the system. The unit remained stationary while the scanner rotated 

about it at steps of 0.250 degrees with 12 frames averaged for each step.  

3.4.2 Analysis of Facet Joint Transverse Plane Angles & Tropism  

 Joint angles were measured in Image-J (Version 1.38, National Institute of 

Health). Using CTAn software (© Bruker 2020), the L6 and L5 vertebral bodies were 

identified within the transverse plane. The middle of the joint within the transverse plane 

was defined as the distance between the first section with the appearance of either the 

left or right L5 inferior articular processes and the last appearance of both the left and 

right L6 superior articular processes. This image was then taken for further analysis 

described below.  

A reference line was drawn along the posterior aspect of the vertebral body 

(Figure 3.13). A second line was then drawn passing between the ventral and dorsal 

openings of the FJ. The transverse angle (TrA) was then measured as the acute angle 
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in between these two lines. This was done for both the right and left FJ. Angles closer to 

0 degrees indicate a more ventral orientation while angles closer to 90 degrees reflect a 

more sagittal orientation to the FJ within the transverse plane. Tropism was calculated 

as the right TrA subtracted from the left TrA. Positive tropism indicates a more sagittal 

orientation for the left FJ.  

 

Figure 3.13. Labelled screen capture from Image J analysis of FJ transverse angle measurement. 
The acute angle is taken in between the posterior vertebral body reference line and the joint 
reference line. The joint reference line is drawn so that it passes through the dorsal and ventral 
openings of the joint. Shown here for the left FJ. 

 

3.5 Bone & Cartilage Histology 

3.5.1 Histological Processing of the Bone & Cartilage 

After the relevant musculature was removed and CT scans were completed, the 

lumbopelvic units were cleaned of remaining soft tissue. Samples were placed in a 
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series of Cal Ex II (Fisher Scientific) baths for 48 hours to demineralize the samples. 

Following an initial 48-hour bath, the lumbopelvic unit was sectioned into the L4-L5 and 

L5-L6 vertebral units by cutting the L4, L5 and L6 vertebral bodies in half. The vertebral 

units were then placed in an additional 4, 48-hour baths of Cal X II, for a total 

demineralization period of 10 days.  

 After demineralization, the units were then taken for paraffin infiltration (the 

protocol is listed in detail in Appendix 8.2.2) (Wai, 2019; Wai, Vickaryous, Bent, & Clark, 

2020). Serial sectioning in the transverse plane was used to determine the location of 

the center of each joint in the transverse plane. The center was characterized by an 

absence of the L5/L6 intervertebral disc, well defined superior and inferior articular 

processes that were separate and a lack of complete fusion of the inferior articular 

processes of L5, which occurs as the articular processes join with the spinous process. 

The center of each experimental joint was sectioned at 5 µm thickness in the coronal 

plane and floated onto Fisherbrand™ Superfrost Plus slides (Fisher Scientific). A 

minimum of 40 sections were collected per FJ center. Single sections were stained with 

Safranin-O/Fast Green/Hematoxylin in an auto-stainer (ST5010, Leica) with the protocol 

seen in Appendix 8.2.5 (Wai, 2019; Wai et al., 2020).  All sections were cover slipped 

(coverslip = Fisherbrand™ Microscope Cover Glass, Fisher Scientific, sealant = Thermo 

Scientific™ Richard-Allan Scientific™ Cytoseal™ XYL) on an automatic coverslipper 

(CV5030, Leica).  
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3.5.2 Osteoarthritis Grading of the Facet Joint  

Each Safranin-O/Fast Green/Hematoxylin-stained FJ section was imaged on a light 

microscope using Eclipse software (© 2020 Nikon Corporation) at 100x magnification. 

Two naïve observers were trained on the 24-point OARSI scale prior to evaluating any 

experimental joints. Both observers were blinded to both the animal group and joint 

side. Joint grades were assigned in integers from 0 to 6 (Table 3.2). Grades refer to the 

amount of degeneration or damage seen within the cartilage of a joint. Each grade 

value is meant to reflect increasing severity of degeneration associated with disease 

processes such as OA. Joint stages were scored in integers from 0 to 4 with 0 

representing no visible damage, 1 representing <25% of the joint showing damage, 2 

representing 25%-49%, etc. Stages were assigned as the total area experiencing any 

level of degeneration. In other words, if half the joint surface had a grade of 0.5 and the 

other half had a grade of 2, then 100% of the joint surface was affected and as such, 

the joint was provided with a stage of 4. For this analysis, the superior and inferior 

articular processes were evaluated separately. The two observers’ grades and stages 

were averaged for the single joint sections and then multiplied to obtain the OARSI 

score for the articular process. The whole joint score was calculated as an average of 

the superior and inferior articular process scores. 
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Table 3.2. Grading chart of osteoarthritis scoring for the lumbar FJs adapted from Glasson, 
Chambers, Berg, & Little (2010). Descriptions are from Glasson, Chambers, Berg, & Little (2010). 
Facet examples for grades 0, 0.5 and 2 are from Zwambag et al. (2018). Knee examples from 
grades 1,3,4,5 are from (Glasson et al., 2010). The facet joint example for grade 6 is taken from 
(Henry et al., 2012). 

Grade Description Example 
0 Normal Tissue  

▪ Dark safranin-o staining throughout the tissue  
▪ No signs of fibrillation or fissures  

 

0.5 Staining Change 
▪ Loss of safranin-o staining  
▪ No structural changes  

 

1 Fibrillation 
▪ Small fibrillations without loss of cartilage  

 

2 Clefts & Loss of Surface Lamina 
▪ Vertical clefts and erosion to the layer 

immediately below the superficial layer 
▪ Some loss of surface lamina  

 

3 Mild Erosion 
▪ Vertical clefts and erosion to the calcified 

cartilage extending to <25% of the articular 
surface  

 

4 Low Degree of Erosion  
▪ Vertical clefts and erosion to the calcified 

cartilage extending to 25-50% of the articular 
surface 

 

5 Medium Degree of Erosion 
▪ Vertical clefts and erosion to the calcified 

cartilage extending to 50-75% of the articular 
surface 

 

6 High Degree of Erosion 
▪ Vertical clefts and erosion to the calcified 

cartilage extending to >75% of the articular 
surface 
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3.6 Statistical Analysis 

All statistical tests were run in RStudio (Version 1.3.1056, RStudio, PBC) and α 

was set to 0.05. Normality was assessed by evaluating quantile-quantile plots 

generated from linear models of the data. Animal final mass, change in mass and 

transverse plane tropism were evaluated by running one-way analysis of variance 

(ANOVA) tests with condition (control, sham, clamp) as the independent variable.  

For the muscle architecture variables, transverse plane facet joint angles and OA 

24-point scores, mixed model two-way ANOVAs were run. Fixed factors included the 

within animal side (left/surgery, right/contralateral) and between animal condition with 

individual animals acting as a random factor. Side was not defined as a repeated factor. 

Muscle collagen content was also evaluated with mixed model two-way ANOVAs. Fixed 

factors were side and condition with individual animals and image (3 images per muscle 

per animal) acting as random factors.  

If only main effects were statistically significant, a post-hoc analysis was 

conducted using paired t-tests. If an interaction between side and condition was 

statistically significant, Tukey adjusted mean separation procedures were used to 

generate pairwise comparisons.  
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4 Results 

4.1 Highlights 

1. No significant differences in animal mass were seen between conditions  

2. The multifidus muscle saw significant differences in muscle architecture, 

specifically a decrease in mass and fascicle lengths, but not cross-sectional area 

(CSA) for both the sham and clamp groups as compared with the controls 

3. No clear or differences were seen between conditions or sides of the body 

(surgery/left vs. contralateral/right) within the facet joint OA pathology as 

measured by the 24-point OARSI scoring system.  

4. No significant differences were seen between conditions or side of the body 

(surgery vs. contralateral) for the transverse plane facet joint angle measures. 

 

4.2 Surgical and Post-Operative Observations  

4.2.1 Animal Mass 

The animal presurgical mass (also referred to as the initial mass), post surgical 

mass (also referred to as the final mass) and change in mass means +/- SEM can be 

seen in Table 4.1. No effect of surgical condition (control, sham, facet clamp) was found 

for the final mass (p = 0.8226) or for the change in mass (p = 0.9542) (Fig 4.1).  
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Table 4.1 Animal masses (mean +/- SD) separated by condition. The change in mass is the final 
mass - initial mass. 

Condition Initial Mass (g) Final Mass (g) Change in Mass (g) 

Control 292.71 +/- 26.95 394.14 +/- 67.64 101.42 +/- 42.09 

Sham 293.33 +/- 23.18 394.83 +/- 87.70 101.50 +/- 66.33 

Facet Clamp 282.42 +/- 18.18 378.08 +/- 52.72 95.67 +/- 36.88 

  
A 

 

B 

 

Figure 4.1 Animal masses separated by condition. A) Final mass and B) Change in mass (final -
initial mass). Y-axes have different scales and ranges. No main effects were seen for either final 
mass or change in mass.  
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4.2.2 Complications 

Two procedural complications occurred over the course of this thesis. Despite 

continuous monitoring of animal vital signs and level of consciousness, one animal 

experienced overexposure to isoflurane and did not recover from the surgical 

procedure. Some surgical animals (exact number not recorded) from both the sham and 

injury groups showed signs of post-operative bleeding through post-mortem appearance 

of hematomas around the surgical site (Fig. 4.2). These animals were included in the 

main analysis.  

One animal was treated with antibiotics for 7 days, after consultation with the 

university veterinarian due to a swelling around the surgical site. It was agreed that the 

treatment was ineffective at resolving the swelling after this period. Dissection of this 

animal after euthanasia showed a large hematoma over the surgical site. This animal 

was included in the main data set along with the other animals that showed signs of 

post-surgical hematomas. 

 

Figure 4.2 A) Example of a typical dorsal view of a surgical animal. B) Example of a surgical 
animal that presents with hematoma. C) Close up of hematoma. 
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4.3 Muscle Architecture 

4.3.1 Normalized Muscle Mass 

P-values from the mixed-model wo-way ANOVA can be found in table 4.2. The 

Multifidus muscle (MU) (Fig. 4.3A) had a main effect of side (left surgery/right 

contralateral, p < 0.0001), but not condition (control/sham/clamp, p = 0.7968). There 

was no interaction between side and condition for MU (p = 0.0698). Post-hoc analysis 

using paired t-tests showed that the left/surgical side was smaller than the 

right/contralateral side for the clamp (p = 0.0083) and sham (p = 0.0175) groups. No 

main effects or interactions were seen for the erector Spinae (ES) (Fig. 4.3B), caudal 

extensor (CE) (Fig. 4.3C), gluteus superficialis (GS) (Fig. 4.4A), gluteus Medius (GME) 

(Fig. 4.4B) or gluteus Minimus (GMI) (Fig. 4.4C)  muscles  The biceps femoris muscle 

(BF) (Fig. 4.4D) saw no main effects of side (p = 0.3491) or condition (p = 0.2819) but 

did have a significant interaction between side and condition (p = 0.0185). However, 

post-hoc analysis showed no differences. Means and standard errors (SEM) for 

normalized muscle mass can be found in Table 4.3.  

Table 4.2 P-values for repeated measures two-way ANOVAs of normalized muscle mass. 
Significant values (p < 0.05) are highlighted 

Muscle Effect of Side Effect of Condition 
Interaction Between 

Side & Condition 

Multifidus < 0.0001 0.7968 0.0698 

Erector Spinae 0.2375 0.2710 0.3979 

Caudal Extensors 0.3723 0.2746 0.4376 

Gluteus Superficialis 0.7422 0.3397 0.1517 

Gluteus Medius 0.2574 0.2593 0.3636 

Gluteus Minimus 0.3729 0.9292 0.3636 

Biceps Femoris  0.3491 0.2819 0.0185 
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A Multifidus 

 

B Erector Spinae 

 

C Caudal Extensors 

  

Figure 4.3 Normalized masses (% Final Mass) for the paraspinal muscles: A) Multifidus, B) Erector Spinae and C) Caudal Extensors.  
Please note that the graphs have different maximums, minimums and ranges. Left is the surgical side of the body while right is the 
contralateral side. Multifidus saw a significant main effect of side, with post-hoc analysis showing left-right differences (*) for Sham and 
Clamp groups. 
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A Gluteus Superficialis 

 

B Gluteus Medius 

 

C Gluteus Minimus 

 

D Biceps Femoris  

 

Figure 4.4 Normalized masses (% Final Mass) for gluteal and thigh muscles: A) Gluteus superficialis, B) Gluteus medius, C) Gluteus 
minimus and D) Biceps femoris. Left is the surgical side of the body while right is the contralateral side. Please note that the graphs 
have different maximus, minimums and ranges. A significant interaction between side and condition was seen for Biceps femoris, with 
no differences upon post-hoc analysis.  
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Table 4.3 Normalized muscle masses (% final mass) (mean +/- SEM) separated by condition and side. 

Condition Side MU ES CE GS GME GMI BF 

Control 

Left 1.12 +/- 0.13 5.67 +/- 0.40 2.16 +/- 0.21 1.07 +/- 0.10 2.28 +/- 0.25 0.63 +/- 0.06 4.33 +/- 0.42 

Right 1.20 +/- 0.21 5.51 +/- 0.37 2.24 +/- 0.29 0.98 +/- 0.10 2.23 +/- 0.15 0.65 +/- 0.14 4.30 +/- 0.38 

Sham 

Left 0.89 +/- 0.04* 5.35 +/- 0.23 2.55 +/- 0.17 1.08 +/- 0.05 2.39 +/- 0.12 0.64 +/- 0.09 4.37 +/- 0.22 

Right 1.13 +/-0.08 5.65 +/- 0.34 2.32 +/- 0.19 1.02 +/- 0.09 2.26 +/- 0.15 0.63 +/- 0.09 4.52 +/- 0.19 

Clamp 

Left 0.90 +/- 0.08* 5.29 +/- 0.19 2.36 +/- 0.20 0.90 +/- 0.08 2.17 +/- 0.11 0.58 +/- 0.07 4.41 +/- 0.22 

Right 1.21 +/-0.07 5.42 +/- 0.22 2.28 +/- 0.19 1.02 +/- 0.09 2.13 +/- 0.11 0.68 +/- 0.08 4.02 +/- 0.27 

* = significant difference (p < 0.05) between left and right sides within a condition  
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4.3.2 Fascicle Lengths 

P-values from the repeated measures two-way ANOVA can be found in table 4.4. 

MU (Fig. 4.5A) had a main effect of side (left surgery/right contralateral, p < 0.0001), but 

not of condition (control/sham/clamp, p = 0.7968). There was an interaction between 

side and condition (p = 0.0003). Post-hoc analysis showed smaller lengths for the 

left/surgical muscle when compared with the right/contralateral for the clamp (p < 

0.0001) and sham groups (p = 0.0001). Additionally, the left/surgical MU had smaller 

lengths for both the sham (p = 0.0302) and clamp (p = 0.0008) groups as compared 

with the control group. No main effect of side or condition or interactions were seen for 

ES (Fig. 4.5B), CE (Fig. 4.5C), GS (Fig. 4.6A), GME (Fig. 4.6B) or BF (Fig.4.6D). GMI 

(Fig. 4.6C) saw no main effects for side (p = 0.2066) or condition (p = 0.6157).  There 

was a significant interaction between side and condition (p = 0.0352). There were no 

significant differences upon post-hoc analysis. Means and SEMs can be found in Table 

4.5. 

Table 4.4 P-values for repeated measures two-way ANOVAs of fascicle lengths. Significant values 
(p < 0.05) are highlighted 

Muscle Effect of Side Effect of Condition 
Interaction Between 

Side & Condition 

Multifidus < 0.0001 0.7968 0.0003 

Erector Spinae 0.1094 0.7635 0.4441 

Caudal Extensors 0.3822 0.6522 0.7302 

Gluteus Superficialis 0.3528 0.6001 0.1732 

Gluteus Medius 0.3470 0.7886 0.0937 

Gluteus Minimus 0.2066 0.6157 0.0352 

Biceps Femoris  0.3500 0.9566 0.0806 
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A Multifidus 

 

B Erector Spinae 

  
 

C Causal Extensors 

 

Figure 4.5 Fascicle lengths (mm) of paraspinal muscles: A) Multifidus, B) Erector Spinae and C) Caudal extensors. Left is the surgical 
side of the body while right is the contralateral side. Please note that the graphs have different maximums, minimums and ranges. 
Multifidus had main effects of side and condition as well as an interaction between side and condition. Post-hoc analysis showed 
significance between left-right sides (*) for the Sham and Clamp groups as well as differences between the Control-Sham and Control-
Clamp left side (#) fascicle lengths. 
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A Gluteus Superficialis 

 

B Gluteus Medius 

 

C Gluteus Minimus  

 

D Biceps Femoris 

 

Figure 4.6 Fascicle lengths (mm) of gluteal and thigh muscles: A) Gluteus superficialis, B) Gluteus medius, C) Gluteus minimus and D) 
Biceps femoris. Left is the surgical side of the body while right is the contralateral side. Please note that the graphs have different 
maximums, minimums and ranges. No significant main effects or interactions were seen.  
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Table 4.5 Muscle fascicle lengths (mm) (mean +/- SEM) separated by condition and side. Significant values are highlighted. 

Condition Side MU ES CE GS GME GMI BF 

Control 

Left 10.99 +/- 0.97†,$ 17.44 +/- 0.35 24.48 +/-1.12 15.19 +/- 0.60 17.09 +/- 1.35 11.75 +/- 0.52 33.95 +/- 1.14 

Right 11.16 +/- 0.61 17.29 +/- 0.66 23.50 +/- 1.23 14.83 +/- 1.08 19.58 +/- 1.21 9.76 +/- 0.32 36.35 +/- 1.33 

Sham 

Left 8.44 +/- 0.37*,† 16.47 +/- 0.60 25.05 +/- 0.68 14.80 +/- 0.65 18.72 +/- 0.83 10.04 +/- 0.44 35.29 +/- 0.88 

Right 11.47 +/- 0.50 17.55 +/- 0.53 24.06 +/- 0.89 16.52 +/- 0.64 18.88 +/- 0.95 10.29 +/- 0.58 34.23 +/- 1.35 

Clamp 

Left 7.45 +/- 0.32*,$ 17.29 +/- 0.66 24.76 +/- 0.63 15.95 +/- 0.89 18.57 +/- 0.79 10.40 +/- 0.59 34.56 +/- 0.99 

Right 11.76 +/- 0.55 18.09 +/- 0.61 24.89 +/- 0.71 15.96 +/- 0.47 17.59 +/- 0.91 10.75 +/- 0.41 34.94 +/- 0.88 

* = significant difference (p < 0.05) between left and right sides within a condition 

†, $ = significant difference (p < 0.05) between groups that share a symbol 
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4.3.3 Pennation Angle  

No angles were measured for the non-pennate muscles and zero was used as 

the angle for the CSA calculation. GME (Fig. 4.7A) saw no main effects of side (left 

surgery/right contralateral, p = 0.5977) or condition (control/sham/clamp, p = 0.5226). 

Additionally, there was no interaction between side and condition (p = 0.0614). GMI 

(Fig. 4.7B) saw no main effects of side (p = 0.3146) or condition (p = 0.9940) and there 

was no interaction between the two (p = 0.4200). Means and SEMs can be found in 

Table 4.6 for GME and GMI. 

A 

 

B 

 

Figure 4.7 Pennation angles (⁰) for A) Gluteus medius and B) Gluteus minimus. Left is the surgical 

side of the body while right is the contralateral side. Please note that the graphs have different 
maximums, minimums and ranges. No significant main effects or interactions were seen. 
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Table 4.6 Pennation angles (⁰) (mean +/- SEM) of the GME and GMI separated by condition and 

side.  

Muscle Side Control Sham Clamp 

GME Left 23.29 +/- 1.82 24.75 +/- 2.78 28.50 +/- 2.49 

Right 23.57 +/- 1.51 28.33 +/- 2.37 26.33 +/- 2.32 

GMI Left 28.71 +/- 2.76 31.75 +/- 1.58 29.67 +/- 1.76 

Right 26.43 +/- 1.39 26.83 +/- 1.82 31.50 +/- 2.81 

 

 

4.3.4 Cross-Sectional Area 

P-values from the repeated measures two-way ANOVA can be found in table 4.7. 

MU (Fig. 4.8A) had a main effect of side (left surgery/right contralateral, p < 0.0001), but 

not of condition (control/sham/clamp, p = 0.5366). There was no significant interaction 

between side and condition (p = 0.0901). Paired t-tests showed no significant 

differences between left and right sides for control (p = 0.8108), sham (p = 0.1633) and 

clamp (p = 0.0589). No main effect of side or condition as well as no interactions were 

seen for ES (Fig. 4.8B), CE (Fig. 4.8C), GS (Fig. 4.9A), GME (Fig. 4.9B) or GMI (Fig. 

4.9C). BF (Fig. 4.9D) showed no main effects of side (p = 0.3053) or condition (p = 

0.7978). An interaction between side and condition was seen (p = 0.0276), but post-hoc 

analysis revealed no significant differences. Means and SEMs can be found in Table 

4.8. 
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Table 4.7 P-values for repeated measures two-way ANOVAs of fascicle lengths. No values < 0.05 
were found. 

Muscle Effect of Side Effect of Condition 
Interaction Between 

Side & Condition 

Multifidus < 0.0001 0.5366 0.0901 

Erector Spinae 0.4907 0.8209 0.3933 

Caudal Extensors 0.3841 0.6522 0.3990 

Gluteus Superficialis 0.8600 0.6163 0.2221 

Gluteus Medius 0.2559 0.6097 0.7815 

Gluteus Minimus 0.2461 0.5212 0.1435 

Biceps Femoris  0.3053 0.7978 0.0276 
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A Multifidus 

 

B Erector Spinae 

 

C Caudal Extensors 

 

Figure 4.8 Cross sectional area (mm2) for paraspinal muscles: A) Multifidus, B) Erector Spinae and C) Caudal extensors. Left if the 
surgical side of the body while right is the contralateral side. Please note that the graphs have different maximums, minimums and 
ranges. Multifidus had a main effect of side, but not significant differences with post-hoc analysis.  
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A Gluteus Superficialis 

 

B Gluteus Medius  

 

C Gluteus Minimus 

 

D Biceps Femoris  

 

Figure 4.9 Cross Sectional Area (mm2) for gluteal and thigh muscles: A) Gluteus superficialis, B) Gluteus medius, C) Gluteus minimus 
and D) Biceps femoris. Left is the surgical side of the body while right is the contralateral side. Please note that the graphs have 
different maximums, minimums and ranges. No significant main effects or interactions were found. 
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Table 4.8 Muscle cross-sectional areas (mm2) (mean +/- SEM) separated by condition and side. All SEM values are x10-3. No values < 
0.05 were found. 

Condition Side MU ES CE GS GME GMI BF 

Control 

Left 0.09 +/- 7.6 0.29 +/- 18 0.08 +/- 9.7 0.06 +/- 5.2 0.12 +/- 22 0.04 +/- 4.1 0.12 +/- 13 

Right 0.10 +/- 13 0.29 +/- 14 0.09 +/- 10 0.06 +/- 7.5 0.10 +/- 11 0.05 +/- 13 0.11 +/- 12 

Sham 

Left 0.10 +/- 4.8 0.29 +/- 19 0.09 +/- 5.2 0.07 +/- 3.5 0.11 +/- 8.8 0.05 +/- 7.5 0.11 +/- 8.3 

Right 0.09 +/- 5.6 0.29 +/- 15 0.09 +/- 6.3 0.06 +/- 4.6 0.10 +/- 12 0.05 +/- 8.0 0.12 +/- 8.2 

Clamp 

Left 0.11 +/- 7.1 0.29 +/- 20 0.09 +/- 5.9 0.05 +/- 4.6 0.09 +/- 6.8 0.04 +/- 6.3 0.12 +/- 6.6 

Right 0.09 +/- 6.8 0.27 +/- 15 0.08 +/- 6.6 0.06 +/- 5.5 0.10 +/- 7.2 0.05 +/- 6.3 0.10 +/- 7.5 
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4.4 Muscle Histology  

4.4.1 Multifidus 

The MUs had three distinct presentations. The control left MU and every right MU 

showed thin intra-muscular collagen outside of the individual myocytes (Fig 4.10A). The 

injured left MUs showed two distinct regions: an area with some thickening of intra-

muscular collagen (Fig 4.10B) and a scar region which was classified by small 

myocytes with poor morphology and large amounts of collagen (Fig 4.10C). The scar 

region comprised less than 25% of the tissue in the surgically injured MU muscles and 

was directly next to the injury site.  

MU percent red stain (Fig. 4.11, Table 4.9) saw main effects for both side (left 

surgery/right contralateral, p < 0.0001) and condition (control/sham/clamp, p = 0.0397). 

There was also an interaction between side and condition (p < 0.0001). The left/surgical 

muscles had greater amounts of collagen when compared with the right/contralateral 

muscles for both the sham (p < 0.0001) and clamp (p < 0.0001) groups. This increase 

was also seen in the left/surgical muscles of the sham (p = 0.0041) and clamp (p = 

0.0050) groups as compared with the control group.  
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A 

 

B 

 

C 

 

Figure 4.10 Representative images of multifidus muscle cross-sections imaged at a magnification 
of 600x. A) Healthy multifidus from a control animal with minimal intra-muscular collagen. B) 
Image from the lateral aspect of a surgical animal’s left multifidus that shows some thickening of 
the intra-muscular collagen (seen in red). C) Image from the medial aspect of a surgical animal’s 
left multifidus that shows the scar tissue caused by the surgical injury. 

 

Table 4.9 Multifidus and erector spinae muscle collagen content (%) (mean +/- SEM) separated by 
region, condition and sides. Scar tissue was not included in statistical analysis. 

Muscle  Side Control Sham Clamp 

Multifidus Scar --------------------- 36.50 +/- 1.50 40.28 +/- 3.40 

Left 9.08 +/- 0.88†, $ 17.29 +/- 1.5*,† 16.89 +/- 1.11*,$ 

Right 7.38 +/- 0.70 8.53 +/- 0.65 8.75 +/- 0.52 

Iliocostalis Left 8.74 +/- 0.92 8.28 +/- 0.97 9.34 +/- 0.69* 

Right 7.43 +/- 0.42 7.92 +/- 0.56 7.88 +/- 0.45 

Longissimus Left 8.08 +/- 0.77 8.31 +/- 0.78 11.24 +/- 0.85 

Right 7.01 +/- 0.53 8.98 +/- 0.77 9.48 +/- 0.54 

-------- = no scar tissue present to measure from 
* = significant difference (p < 0.05) between left and right sides within a condition  

†, $ = significant difference (p < 0.05) between groups that share the same symbol 
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A 

 

B 

 
 

Figure 4.11 Percentage of multifidus that is stained with picrosirius red compared with the total amount of stained tissue. Left is the 
surgical side of the body while right is the contralateral side. Please note that the graphs have different maximums, minimums and 
ranges. Data points grouped together in a single line do not represent results that are equal, rather this is a limitation of the resolution 
for this graph. A) Includes samples from the non-scar region of the left multifidus for the sham and clamp groups. Significant main 
effects for side and condition were seen with a significant interaction between side and condition. Post-hoc analysis showed 
differences between the left and right sides for the sham and clamp groups (*). Significant differences were also seen between the 
control and sham as well as the control and clamp groups for the left joint. B) Scar tissue was not included in statistical analysis but is 
shown here for reference. 
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4.4.2 Erector Spinae 

The ES was divided into two muscles: longissimus and iliocostalis (Table 4.9). 

The longissimus from both left and right sides in all groups showed similar amounts of 

intramuscular collagen (Fig 4.12A). Longissimus (Fig 4.12B) had no main effects for 

side (left surgery/right contralateral, p = 0.1379) or condition (control/sham/clamp, p = 

0.1376). There was no interaction between side and condition (p = 0.0740). The 

iliocostalis portion of ES showed similar amounts of collagen upon observation but saw 

a slight shift in the background stain colour from teal to green (Fig 4.12B). This 

difference in background colour is thought to be an artifact of histological processing as 

this is a consistent difference across animals and the green-yellow tone appears in the 

center of the cross-section.  Iliocostalis had a main effect of side (p = 0.0121), but not 

condition (p = 0.8905) and no interaction between side and condition (p = 0.3983) (Fig 

4.14). Post-hoc analysis showed greater collagen content in the left/surgical iliocostalis 

as compared with the right/contralateral muscle in the clamp group (p = 0.0316), but not 

the control (p = 0.1141) or sham (p = 0.6288) groups.   

A 

 

B 

 

Figure 4.12 Representative images of muscle cross-sections for the erector spinae muscles: A) 
Longissimus and B) Iliocostalis. Both muscles show small amounts of intra-muscular collagen, 
but B) shows a more yellow-tinged green background stain.    
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Figure 4.13 Percentage of longissimus tissue that is stained with picrosirius red compared with the total amount of stained tissue. Left 
is the surgical side of the body while right is the contralateral side.  No significant main effects or interactions were seen.  

 

Figure 4.14 Percentage of iliocostalis tissue that is stained with picrosirius red compared with the total amount of stained tissue. Left is 
the surgical side of the body while right is the contralateral side.  There was a main effect of side and post-hoc analysis revealed a 
significant difference between the left-right side for the clamp group.  
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4.5 Facet Joint Transverse Plane Orientation  

No major differences were seen for the sham or clamp animals as compared with 

the control animals (Fig 4.15). No main effects of side (left surgery/right contralateral, p 

= 0.6287) or condition (control/sham/clamp, p = 0.3479) were seen for the transverse 

facet joint plane angles (Fig. 4.17A). Additionally, no interaction between side and 

condition was seen (p = 0.0908). Tropism was not significantly different between 

conditions (p = 0.0908) (Fig. 4.17B). Means and SEM can be found in Table 4.10. 

A 

 

B 

 

C 

 

Figure 4.15 Transverse sections from micro-CT scans for A) Control, B) Clamp and C) Dose 
Response Animal. Left is the surgical side of the body while right is the contralateral side.  The 
left L5-6 facet joints are located on the left sides of each image. No change is visible for the A) 
Control animal. B) Some thickening of the left joint is visible along the inferior articular process 
(red arrow). C) The dose response animal shows clear degeneration of the left L5/L6 facet joint 
(red arrow) along with a potential fracture along the midline joining the left and right sides. The 
fracture (yellow-orange arrow) appears to have allowed for the inferior L5 articular process to 
slide into the vertebral canal.  
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A 

 

B 

 

C 

 

D 

 

E 

 

F 

 

Figure 4.16 3D reconstructed micro-CT scans from a clamp animal (A-C) and a dose response 
animal (D-F). Left is the surgical side of the body while right is the contralateral side. The images 
span L4 to S2 within the lumbopelvic region. The L5-6 facet joint is located between the cranial 
ends of the ilia, which articulate with the sacrum. Pictures are of the original scanned image (A,D) 
or the thresholded image (B,C,E,F). The views are either dorsal (A,B,D,E) or latero-dorsal (C,F).The 
left L5-6 facet joint is indicated with a red arrow. The left L4/L5 facet joint is indicated with a 
yellow-orange arrow for the dose response animal, which presents with osteophyte formation. 

 

The dose response animals that underwent severe clamping showed profound 

signs of degeneration at the L5/L6 level for the left joint (Fig 4.15). This difference can 

also be seen with 3D reconstruction (Fig 4.16). Further, osteophyte formation on the left 

side at the L4/L5 level is also visible for the severely clamped dose response animal as 

indicated by the yellow-orange arrow (Fig 4.16).  
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A 

 

B 

 

Figure 4.17 Transverse plane measurements: A) Transverse plane facet joint angle and B) Tropism 
(Left – Right transverse plane facet joint angles). Left is the surgical side of the body while right is 
the contralateral side.  Please note that the graphs have different maximums, minimums and 
ranges. No significant main effects or interactions were seen. 

 

Table 4.10 Facet transverse plane joint angles (mean +/- SEM) separated by condition. 

Angle  Control Sham Clamp 

Left TPJA (⁰) 57.84 +/- 1.72 54.05 +/- 2.45 58.88 +/ 2.31 

Right TPJA (⁰) 54.44 +/- 1.31 58.23 +/- 1.87 60.00 +/- 2.08 

Tropism (⁰) 3.39 +/- 1.59 -4.18 +/- 2.38 -1.11 +/- 1.95 
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4.6 Osteoarthritis Scores  

No significant main effect of side (left surgery/right contralateral, p = 0.8908) or 

condition (control/sham/clamp, p = 0.4281) and no significant interaction between side 

and condition was found (p = 0.7163) for the OA scores (Fig 4.18). No consistent signs 

of degeneration were visible for the Safranin-O/Fast Green/Hematoxylin stained serial 

sections from the control, sham or clamp groups (Fig 4.19). The two dose response 

animals that experienced the increased clamp force showed clear signs of cartilage 

degeneration and fractured inferior articular processes of L5 (Fig 4.20). Means and 

SEM for the OA scores can be found in Table 4.11. 

 

Figure 4.18 OARSI scores for the L5/L6 facet joints. Left is the surgical side of the body while right 
is the contralateral side. No significant main effects or interactions between side and condition 
were seen.  
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Figure 4.19 L5-6 Facet joint sections stained with safranin-O/Fast Green/Hematoxylin. Images of 
left (A,C,E,G) and right (B,D,F,H) L5-6 Facet joint sections stained with safranin-O/Fast 
green/Hematoxylin. Left is the surgical side while right is the contralateral. A/B) Control. C/D) 
Sham. E/F) Clamp. G/H) Dose response. The dose response joints show a complete loss of the 
cartilage in the left surgical side (G) as well as a loss of surface integrity of the superior articular 
processes of L6 (H) as indicated with yellow-orange arrows.   
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Figure 4.20 L5-6 facet joint sections imaged at 20x that were stained with Safranin-O/Fast 
Green/Hematoxylin for the two (A and B) severely clamped dose response animals. Left is the 
surgical side of the body while right is the contralateral side. The left and right sides of the images 
corresponded with the left and right sides of the animal. Both animals present with the left L5 
inferior facet showing signs of fracture through the lack or normal purple-blue bone tissue (red 
arrows). Additionally, the right facet joint shows signs of fibrillation and loss of surface integrity 
of the L6 superior articular process (yellow-orange arrows).  

 

Table 4.11 OARSI 24-point scores (mean +/- SEM) for the L5-6 facet joints. The severe dose 
response animals are presented individually without mean or SEM. 

Side Control Sham Clamp 
Dose 

Response 
Severe (#1) 

Dose 
Response 

Severe (#2) 

Left 1.15 +/- 0.15 0.77 +/- 0.13 0.86 +/- 0.14 1.25 6.5 

Right 1.13 +/- 0.24 0.93 +/- 0.27 0.76 +/- 0.19 2.5 2.75 
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5 Discussion 

This thesis sought to explore the impacts of multifidus muscle (MU) injury with and 

without the addition of a mechanical facet joint (FJ) injury on FJ degeneration and 

lumbo-gluteal muscle characteristics. The surgery was performed on sham animals (MU 

injury) and clamp animals (MU and FJ injury) with comparisons also being drawn to 

age-matched control animals that did not undergo surgery. The methodology was 

designed to address the four main objectives previously listed in the introduction to this 

thesis:  

1) To induce unilateral multifidus muscle injury with or without a corresponding 

mechanical injury to the L5/L6 facet joint in male rats.  

 

2) To quantify muscle damage through muscle architecture measurements and 

histology-based collagen content quantification. 

 
3) To quantify facet joint degeneration through histological staining of the joint 

surface and analysis of the joint morphology through micro-computed 

tomography scans.  

 
4) To compare the effects of multifidus muscle damage alone to the effects of 

simultaneous multifidus muscle and facet joint damage on the above-mentioned 

parameters.  
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It was expected that MU muscle injury would cause a decrease in the cross-

sectional area (CSA) and the fibre length while increasing the collagen content of the 

injured muscle. While a decrease in the fibre length and increase in collagen content 

was seen, there was no change in the CSA for the injured MU for the surgical groups 

(sham and clamp). Changes were also expected in the surgical groups for the 

paraspinal and gluteal muscle CSAs, but not for the collagen content or fibre lengths. 

This expectation was not met as no changes were seen for any of the non-injured 

muscles in the surgical groups. The prediction that there would be no differences 

between the surgical groups (sham and clamp) for the fibre lengths and CSAs was 

seen. The MU muscle injury was expected to cause an increase in L5/L6 facet joint 

degeneration as compared with the control animals, but no additional degeneration was 

seen in the sham surgical group. Further, it was predicted that the L5/L6 FJ injury in the 

clamp group would lead to increased OA degeneration and a shift in the transverse 

plane angle to a sagittal orientation, but no differences were seen between the clamp 

surgical group and the sham group or age-matched controls.  

 

5.1 Interpretation of Results and Comparison to the Literature 

5.1.1 Quantifying Multifidus Muscle Damage   

Scars are an important part of the healing process after an injury. After injury, the 

infiltration of fibroblasts and generation of collagen filaments is a key process alongside 

myocyte regeneration in muscle tissue (Allbrook, Baker, & Kirkaldy-Willis, 1966).  The 

surgery for this thesis resulted in an increase in the estimated intra-muscular collagen 
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content for the injured left MU muscle. While the greatest amount of collagen was within 

the scar area, there were also increases in collagen outside of this observable area. 

Interestingly, models that use tenotomy alone do not appear to cause an increase in 

collagen content. Sato et al., (2014) found collagen content to be 12.10 +/- 4.08 μg/mg 

(mean +/- SD) in healthy rat supraspinatus muscles from the shoulder while 

tenotomized animals had similar contents of 11.79 +/- 4.52 as μg/mg at 8 weeks after 

surgery. An increase in collagen content to 22.80 +/- 7.93 μg/mg was seen with the 

addition of the botulinum toxin (Sato et al., 2014), although it should be noted that these 

differences disappeared at 16 weeks due to an increase in the collagen content of the 

control group (which experienced neither a tenotomy or injection). This disappearance 

of prior differences may have been due to age related changes. Consideration of the 

results of this thesis in the context of these findings by Sato et al 2014 may suggest that 

some of the increase in collagen outside of the immediate scar area was due to 

possible denervation during the surgical injury of the multifidus muscle. (Sato et al., 

2014) 

The ability to identify localized/regionalized changes within a small muscle such as 

multifidus through the use of histological methods in this thesis may be an advantage 

over other techniques such as the hydroxyproline assays used by Sato et al. (2014), 

which only provide total collagen content for the muscle. However, the inconsistency of 

shrinkage and poor processing quality of the muscle due to dehydration during the 

histological processing is concerning. Changes in the processing steps, such as 

minimizing the time spent in alcohol and warm wax (see appendices for exact 
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procedures), could improve paraffin-based muscle sections. Additionally, the use of a 

rocking platform may promote better penetration of the fixatives into the muscle tissues. 

Penetration would also be improved through dissection of muscle sections prior to the 

fixation process as this reduces the volume ratio of tissue to fixative. However, whole 

animal fixation was used for this thesis to allow for the measurement of muscle 

architecture parameters.  Alternatively, there is potential for improvement in section 

quality, including elimination of cell shrinkage, with the use of flash frozen samples 

sectioned on a cryostat. Therefore, while the technique used to measure collagen 

content in this thesis was sensitive enough to show regional changes within the muscle, 

additional improvements can be implemented to ensure future results are more 

comparable to standard tests such as hydroxyproline assays.  

While the histology provided regional effects within the muscle, the muscle 

architecture was used to determine whole muscle functional effects. There was a 

significant decrease in muscle mass and fascicle length of the injured multifidus muscle 

for the sham and clamp groups, but this did not correspond to a change in the cross-

sectional area (CSA). This lack of change in CSA is likely due to the simultaneous 

decrease in the mass and fascicle length which are part of the numerator and 

denominator of the CSA calculation (Eq. 3.1), respectively. The conclusion based on 

these results alone would be that the muscle did not experience a change in its force 

generating capability.  

However, this conclusion must be questioned given the observable changes within 

the injured multifidus muscle in the picrosirius red/fast green sections. The increase in 
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collagen and changes in the myocytes (such as loss of typical morphology and 

decrease in size) suggest that the muscle may be dysfunctional. The functional state of 

the muscle can only be estimated due to the lack of other techniques such as muscle 

stimulus. It follows that injured muscles may require other measures besides those 

included in the muscle architecture analysis that allow for the separation of collagen and 

fat-mass from the real muscle mass as well as characterizing the cells within the 

effected tissue. Therefore, it is recommended that interpretations of CSA results for this 

thesis should be contextualized with the other data.  

It was expected that the surgical procedure would cause multifidus muscle to retract 

away from the spinous processes, thereby creating a noticeable separation between the 

muscle belly and processes. This was based on observations from canine 

supraspinatus muscle tenotomies (Safran et al., 2005) including large retractions in the 

muscle away from its released attachment, that was followed by eventual fibrosis of the 

muscle (Safran et al., 2005). It must be noted that Safran et al., (2005) concluded that 

with time the stiffening from fibrosis would eventually prevent surgical reattachment. 

However, Safran et al., (2005) used a surgical membrane that prevented spontaneous 

reattachment of the muscle. In contrast, the injured MU in the current thesis was not 

prevented from potentially reattaching to the spinous processes with the addition of a 

surgical membrane. Rather, the MU was close enough to the spinous processes that, 

despite the reduction in fascicle length for the sham and clamp groups, the scarring was 

able to rejoin the multifidus muscle and spinous processes.  
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5.1.2 Effect of Multifidus Damage on Surrounding Musculature  

There were no consistent changes for the muscle architecture of any of the non-

injured muscles for the sham and clamp animals when compared with the controls. 

Changes were specifically expected for the contralateral multifidus and erector spinae in 

the sham and clamp surgical groups as compared with the controls due to their 

proximity and similar functions to the injured MU muscle. The lack of adaptation we saw 

may be due to the size differences between the MU and ES. Both the MU and ES 

primarily perform spine extension (Moore et al., 2015), but in the rats for this thesis, the 

erector spinae mass was approximately 5 times greater and the CSA was three times 

greater than that of the multifidus muscle. This reflects a much greater capacity for force 

production with the ES compared to the MU and therefore it is possible that the ES and 

contralateral multifidus may not have needed to adapt significantly to support the spinal 

column. As the MU injury was expected to have effects in adjacent musculature, such 

as the ES and caudal extensors (CE), the gluteal muscles (GS, GME and GMI) were 

also included in the analysis due to them being located just caudal of the multifidus 

muscle. The biceps femoris muscle was included as a control muscle. Like the ES 

muscles, none of these more distant muscles experienced any adaptations for the sham 

or clamp surgical groups. 

Skeletal muscle has multiple elements that contribute to its passive mechanical 

function including components of the extra-cellular matrix (primarily collagen). 

Zwambag, Hurtig, Vernon, & Brown, (2018) expected shifts in the passive mechanical 

properties of the paraspinal muscles with their L5/L6 FJ injury. This expectation was 
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primarily due to the dorsal surgical approach which required an incision through the 

thoracolumbar fascia and ES aponeurosis. Previous work has shown that damage to 

the thoracolumbar fascia and erector spinae aponeurosis can lead to changes in the 

mechanics of surrounding passive tissues (Bishop et al., 2016). However, Zwambag et 

al., (2018) did not see any changes in the passive properties of bundles of fibres or 

single fibres, suggesting that the effects of incision through the fascia and aponeurosis 

were localized to those tissues. The injury in this thesis was more severe than the injury 

performed by Zwambag et al., (2018). Both the results from (Zwambag et al., 2018) and 

this thesis suggest that in a rodent model, the degree of injury-induced alterations are 

likely localized to the affected tissue.  

 

5.1.3 The Impact of Injury on Facet Joint Degeneration and Morphology 

There were no clear signs of facet joint degeneration for the experimental animals as 

evaluated by OARSI scoring of histological sections, regardless of surgical group (sham 

or clamp) or side (left/surgical or right/contralateral). This contradicts the results seen by 

Zwambag et al., (2018) who reported mild joint degeneration (loss of proteoglycans) 

with a less muscularly-invasive procedure. Notably, Zwambag et al., (2018) did not use 

the 24-point OARSI scale to quantify facet joint degeneration but did describe observing 

mild histological changes within the joint cartilage. However, the observed changes 

described by (Zwambag et al., 2018) were not apparent in the joints studied in the 

current thesis.  
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The combination of fibrosis and dysfunction of the left, injured multifidus muscle in 

our model may have played a role in limiting facet joint degeneration. As described 

above, it was observed that a strong piece of scar tissue had filled the space between 

the partially retracted MU and the spinous processes. Theoretically, this additional scar 

tissue could cause an increase in whole spine stiffness, which was not measured in this 

thesis. Changes in stiffness may lead to altered joint motion, impacting the interaction 

between joint surfaces. If, as a result of the stiffness, contact between the surfaces 

became more limited, this could lead to less shear forces. Importantly, increased shear 

forces between joint surfaces that have been shown to promote cartilage fibrillation 

(Carter et al., 2004; Vincent et al., 2012). However, as no in vivo or in vitro 

measurements of joint motion or spine stiffness were performed, this is only 

speculation. Additionally, the exact nature of the impact of immobilization on a joint is 

not straightforward. Brandt (2003) addresses this complexity in their review, where 

canine models show decreased proteoglycan content with immobilization, but do not 

show increased risk of other OA hall markers such as fibrillation or osteophyte 

formation. If the rat FJs in this thesis work were indeed immobilized, it may be that the 

timeline for this work was not sufficient to capture changes in the proteoglycan content 

of the cartilage.  

While Zwambag et al., (2018) described mild degeneration in the FJs, Henry et al. 

(2012) reported extremely severe OA development in the clamped facet joints. It was 

thought that the difference in results between these two studies may have been due to 

differences in muscle damage during surgery. Zwambag et al., (2018) described a 
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minimally invasive posterior approach, with only three major incisions being made 

through the skin, thoracolumbar fascia and multifidus tendon that overlies the L5/L6 FJ. 

Henry et al., (2012) did not provide extensive descriptions of their surgical procedure, 

but it was purported that they did significantly more muscular damage than Zwambag et 

al., (2019). Based on the lack of facet joint OA observed in this thesis, differences in 

surgical damage to the multifidus muscle may be ruled out as a source of the disparity 

in FJ degeneration severity.  

 More severe clamping in the dose response animals in this thesis did show 

increases in L5/L6 facet joint degeneration as well as bony damage. The bony injury 

created in the dose response animals was severe enough to be seen on micro-

computed tomography cross-sections and 3-dimensional reconstructions of the joints. 

This damage was characterized by bony remodeling on the injured/left FJ and FJ 

degeneration in the contralateral/right joint. Interestingly, the degeneration in the 

contralateral FJ was more prevalent on the superior L6 surface. This increased 

degeneration on the superior facet surface of the caudal vertebrae matches previous 

observations in human cadavers (Tischer et al., 2006). Observation of the two cartilage 

surfaces shows differences in chondrocyte and cartilage matrix content. In control 

animals, the L5 inferior articular process showed greater magnitudes of cartilage matrix, 

while the L6 superior articular process contained higher levels of chondrocytes. The 

greater cartilage matrix for the inferior process may provide some resiliency to joint 

degeneration. Additionally, the development of an osteophyte at the L4/L5 left facet joint 

was also visible.  These preliminary data are closer to the results of Henry et al. (2012), 
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in that severe OA was present. However, bony damage was not described by Henry et 

al. (2012); rather, they described cartilage degeneration with a lack of bony injury 

following their procedure.  

The results of this thesis show that the cartilage damage described by Henry et al. 

(2012) is not a consequence of muscle damage or bony damage to the L5-6 FJ. One 

other possible source of the cartilage damage seen by Henry et al. (2012) may have 

been the rupture of the L5-6 FJ capsule. If the capsule was ruptured, this would lead to 

a loss of synovial fluid within the joint. Synovial fluid acts as a lubricant, reducing friction 

between the joint surfaces. Punctured capsules have been examined in a longer post-

surgery timeline, where Kim et al. (2015) saw OA at 12 weeks after a lumbar FJ capsule 

puncture in rats. Therefore, damage to the capsule could lead to increased friction, 

thereby promoting OA.  

Additionally, even minimally invasive procedures lead to some bleeding. If the 

capsule was ruptured, infiltration of blood into the joint space could also have 

contributed to the observed OA through promotion of chondrocyte apoptosis (Lotz, 

2010; Marker et al., 2006). Yet, it must be acknowledged that despite the care taken in 

both this thesis and by Zwambag et al. (2018) to not disrupt the L5/L6 FJ capsule, there 

is the potential for damage in any surgery. Indeed, the lack of exploration regarding the 

integrity of the facet joint capsule post-surgery is a blind spot in all these works.  

 There are many experiments that could be performed in an attempt to determine 

what differences occurred between the two surgical procedures developed by Zwambag 
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et al. (2018) and Henry et al. (2012). This thesis was one attempt bridge the gap 

between these studies. However, the fields of pain and biomechanics often seek to 

answer very different questions, resulting in different experimental designs and models. 

This rodent model of FJ OA is currently being transitioned from its original use as an OA 

model that leads to pain. This thesis and the work by Zwambag et al. (2018) have 

sought to apply this model to the question of how OA develops and its potential to 

impact other anatomical/biomechanical systems. Further, pain is not always present in 

individuals who show FJ degeneration in medical imaging (S. Ko et al., 2014). Milder 

models such as what has been created by Zwambag et al., (2018) and further 

developed by the current thesis may better reflect the most common process of OA 

development within the FJs.  

 

5.2 Limitations  

The surgical procedure used herein was designed with the intention of striking a 

balance between creating enough muscular damage to trigger joint destabilization 

without completely disabling the dorsal trunk musculoskeletal system. However, the 

amount of damage that was created may not be comparable to current spinal 

procedures performed in humans. Open spinal fusion surgeries require greater levels of 

muscle resection to expose the surface of the vertebrae (Malakoutian et al., 2016), 

involving not only the multifidus muscle, but also portions of longissimus and iliocostalis. 

Further, these procedures are bilateral in nature whereas this rodent surgery was 

unilateral. The unilateral nature of this procedure was designed to allow for a set of 
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control muscles within the surgical animals, measured as the right (contralateral) 

muscles. Modeling future surgeries after current orthopedic procedures would provide 

greater insight into the mechanisms behind the development of post-surgery 

complications such as adjacent segment disease.  

The post-surgery time frame of 28 days was chosen because the primary goal of this 

thesis was to explore why differences were observed between the results from Henry et 

al. (2012) and Zwambag et al. (2018). The age of these rats is equivalent to 20 year old 

humans (Sengupta, 2013) and as such they may have greater healing and regenerative 

capabilities than an older model. Due to these healing effects, it may take longer for OA 

to develop from more mild procedures such as the one described by Zwambag et al. 

(2018) and further developed in the current thesis. A longer post-surgery time may have 

allowed for more noticeable changes in the FJ cartilage. Additionally, the raters for the 

OA 24-point scale were naïve to both the scale itself as well as cartilage histology. The 

raters were provided with descriptions of the grade levels (table 3.2) and had the entire 

scoring system explained, but they lacked the benefit of experience using this scale. 

The dose response animals, which experienced severe degeneration that was very 

clear on visual inspection of the histological slides, still only resulted in a maximum joint 

OARSI value of 6 out of 24. It is possible that individuals who are more familiar with 

cartilage histology and the histological presentation of arthritis would have yielded 

alternative results for these dose-response animals. The 24-point OARSI scale may 

also be limited in evaluating the type of damage seen in the dose response animals. 

These scores are typically used for post-traumatic and spontaneous OA in weight 
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bearing joints such as the knee and hip which have much greater ranges of motion that 

experience high degrees of loading than the FJ. However, upon review, the scale was 

accurate in rating the experimental clamp, sham and control animals.  

 The paraspinal muscles including the erector spinae and quadratus lumborum 

were unintentionally grouped together in the erector spinae muscle architecture 

measurements. While initially non-intentional, this was kept consistent throughout the 

protocol as the quadratus lumborum was difficult to identify and separate during 

dissections. It is possible that this grouping of the paraspinals may have masked 

underlying shifts in muscle architecture measures, such as mass. This may have been 

especially important for the multifidus-adjacent longissimus muscle. It must be noted 

that the original intention of the protocol was to measure the erector spinae as a single 

unit. This grouping would have also potentially masked any underlying changes in the 

longissimus muscle. It is therefore recommended that any further work in this area 

separate out each paraspinal muscle to explore if there is a greater change in medial 

muscles, adjacent to the injury, as opposed to the more lateral muscles such as 

iliocostalis and quadratus lumborum.  

 Further, some muscles, particularly from the erector spinae group, were removed 

from the histological analysis. This was due to histological processing artifacts. These 

artifacts presented as flaking muscle fibres upon sectioning, primarily located within the 

central portion of the erector spinae. The poor processing results were most likely due 

to the limitations of diffusion within the large tissue samples being used. Future 

histology work of the erector spinae muscles should include separation of the 
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longissimus and iliocostalis muscles from each other. Additionally, changes in the 

processing protocols, such as the addition of a rocking platform and optimizing of 

solution temperature can better facilitate penetration of processing solutions into the 

muscle tissue.  

 It was expected at the start of this thesis work that the lengths of muscle 

sarcomeres would be measured, but the laser diffractor malfunctioned during 

preliminary testing and was not repaired in time. These measurements would allow for 

the normalization of fascicle lengths to help account for differences in limb position 

during fixation. As a muscle lengthens, so do its fascicles and sarcomeres. Sarcomere 

length normalization changes both the fascicle lengths and the physiological cross-

sectional areas (Brown & Gerling, 2012). This is important as there were high levels of 

variability in the measured fascicle lengths for this thesis work. Some of that variability is 

likely due to sampling errors with selecting the same region of the muscle for its 

representative fascicle length. Larger muscles, such as the ES, have a variety of fibre 

lengths based on the depth as well as the cranio-caudal and medio-lateral positions. 

This is often due to large attachment areas. Specifically, the ES spans from the ilium, 

sacrum and lower lumbar vertebrae to the thoracic vertebrae and ribs.  Normalization of 

fascicle length using sarcomere length would have likely reduced this variability. 

Additionally, measurements of multiple fascicle lengths could also have helped to 

minimize variability.  

 The micro-computed tomography scans had single cross-sections selected for 

each joint to obtain transverse plane joint angles. These images were centered based 
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on the ends of the joint, defined as the middle section between the last view of both the 

superior and inferior articular processes of L6 and L5 respectively. While care was 

taken in placing the lumbo-pelvic units within the scanner, perfect alignment of the units 

was not possible. As a result, asymmetry can be seen in the scans, particularly with the 

ilia, which surround the L5/L6 facet joints and are located further from the axis of 

rotation. It is not known how this may have affected the results. Yet, this concern of 

deviation from machine axis has not been acknowledged in the human literature (Boden 

et al., 1996; Chadha et al., 2013; Ghandhari et al., 2018; H. Y. Ko & Park, 1997; 

Schleich et al., 2016; Zhou et al., 2018), so it is unknown if this deviation is a flaw 

inherent to this measure.  

 

5.3 Future Areas of Investigation  

Future areas of investigation should focus on the following main areas/questions: 

1. How do fibrosis, the amount of muscle damage and muscle function affect the facet 
joints?  

The unilateral multifidus muscle injury did not cause clear facet joint degeneration. A 

procedure with full multifidus resection would explore the role of fibrosis in post-surgery 

spine stability or use of a membrane that prevents reattachment as performed by Safran 

et al., (2005) could prevent the reattachment of the multifidus muscle as seen in this 

thesis. As noted in the limitations section, muscular damage is not isolated to the 

multifidus muscle. Therefore, further experiments exploring damage to the erector 

spinae group are also warranted. Importantly, impaired function of the paraspinal 
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muscles should be evaluated non-surgically. This new procedure could be done using 

injections of long-term paralysis agents such as botulinum toxin. The paralysis would 

prevent the stabilizing effect of the injected paraspinal muscles without a direct injury 

that may result in systemic inflammation. Overall, muscle paralysis may better model 

non-traumatic development of facet joint osteoarthritis.  

 

2. What is the nature of the relationship between facet joint and intervertebral disc 
degeneration?  

Like the chicken and the egg, the relationship between intervertebral disc and facet 

joint degeneration has been debated. The intervertebral discs were not examined in this 

work due to the transverse sectioning of the histology samples, whereas discs are 

traditionally evaluated in the sagittal plane. If a reliable model of facet degeneration in 

rodents can be developed, the intervertebral disc must be included. This work would 

require multiple time points, including measurements of the intervertebral discs prior to 

an established time point that shows signs of osteoarthritis in the facet joint. This more 

extensive protocol would allow for the determination of which joint within the 3-joint 

complex is first to start degeneration as well as if initiation of degeneration in one leads 

to later degeneration in others.  

3. Are there sex-based differences in rodent facet joint degeneration?  

This thesis as well as the works by Henry et al., (2012) and Zwambag et al., (2018) 

have only studied male Sprague-Dawley rats. Recent work by Mosley et al., (2020) has 

shown sex-based differences in the biomechanical properties of the intervertebral discs, 
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which include torsional stiffness and range. Additionally, Mosley et al., (2020) saw 

differences in pain measures, where males had correlations with other study variables 

such as intervertebral disc height while females did not. Further, the effects of estrogen 

on cartilage are dependent on dose and duration of experiment. Richette et al. (2003) 

note in their review that while serum hormone levels of 17ß estradiol do not correlate 

with OA in the finger but did have a positive correlation with OA in the knee. Further, the 

addition of estrogen after menopause through hormone replacement therapy does 

appear to reduce rates of moderate to severe knee and hip OA (Richette et al., 2003). 

Ovariectomized rats experience the same protective effect, but intra-articular 

administration of supraphysiological levels of estrogen has the opposite effect, leading 

to cartilage degeneration (Richette et al., 2003). It follows that differences in facet joint 

degeneration should also be evaluated in female rats with different hormone statuses.  

 
4. How does muscle and joint quality within the lumbar spine change over the course of 

the human lifespan? 

Longitudinal studies are the most difficult and expensive, yet rewarding, type of 

study. Zwambag et al., (2018) sought to see if bone and joint damage led to changes 

within the adjacent paraspinal muscles. This thesis proposed that muscle damage may 

lead to joint degeneration. However, neither work showed any significant changes at a 

28-day post-surgery time point.  A cross-sectional study has shown a correlation 

between smaller multifidus muscle cross-sectional area and facet joint degeneration 

from human medical imaging (Yu, Jiang, Li, Zhang, & Liu, 2017), but the application of 

these results are limited due to the lack of use of repeated measures. It is 
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recommended that a long-term study should be done where multiple sessions of 

magnetic resonance imaging are done over the course of the participants’ adult lifespan 

to track changes within the lumbar spine.  
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6  Conclusion 

There is no clear impact of unilateral multifidus muscle injury with or without 

corresponding facet joint clamping on the characteristics of adjacent spinal musculature 

or the morphology and quality of the L5/L6 facet joints, 28 days after surgery.  The 

effects of surgical injury, including increases in intra-muscular collagen and decreases 

in mass and fascicle length, are localized to the injured muscle, which in this work was 

the left lumbar multifidus. The increase in collagen was seen both in the medial injured 

area of the multifidus muscle as well as the non-injured lateral portion as measured 

through histological images. The addition of a mild facet joint clamp did not cause 

degeneration or osteoarthritis in the injured or contralateral L5/L6 facet joints but 

increases in clamp force did lead to noticeable cartilage degeneration in additional 

(dose-response) animals.  A lack of trends in the transverse plane facet joint angles 

may be due to a lack of consistent alignment of the lumbo-pelvic units within the micro-

computed tomography scanner. Future work in this area should focus on the 

establishment of a rodent model that produces consistent results for muscle and joint 

degeneration.  
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8 Appendices 

8.1 Rodent Surgical Guide 

The following is a step-by-step guide for performing a lumbar multifidus resection and 
L5/L6 zygapophyseal clamp surgery on rats. The information provided has been 
sourced from Derek Zwambag, the University of Guelph Animal Care Committee 
Guideline 1 (2008) and notes taken over the course of this thesis.  

8.1.1 Pre-operative Preparation of the Surgeon and Room 

• Put gloves on. 
 

• To prepare the operative surface, tape a clean pee-pad cotton side up to the table. 
Place a sterilized metal sheet on top of the pad. 
 

• To ensure the animal stays warm, turn on the heat lamp and place relatively close 
to the surface of the metal plate to warm it. If a heating puck is available, this can be 
placed under the metal plate for the course of the procedure. If neither a lamp nor 
puck is available, an electronic heating pad should be placed under the pee-pad, but 
care must be taken to ensure it does not heat excessively.  
 

• Turn on the bead sterilizer to allow it to warm up. All surgical instruments must be 
placed in the sterilizer for a minimum of 15 seconds. Care must be taken in 
removing the instruments as they will be extremely warm to the touch. The tools 
should then be placed on the metal sheet and allowed to cool prior to use.  
 

• Animals should be given a sub-cutaneous injection of carprofen (5 mg/kg of body 
mass) approximately 30 minutes prior to the procedure. Carprofen is a non-steroidal 
anti-inflammatory (NSAID) which is used as a pre-emptive analgesic. If the animals 
are difficult to handle, and a successful injection is unlikely, then they may be 
temporarily induced using isoflurane. Allow the animal to recover fully prior to re-
inducing them for the main procedure.  
 

• Ensure the surgeon and anyone else in the room is wearing a lab coat/surgical 
scrubs, surgical mask and surgical cap/hair net. This is intended to prevent 
additional contamination of the animal. If any individual in the room has a rodent 
allergy, N95 masks are recommended to minimize irritation. If the surgical suite has 
poor air quality, a respirator with biological filters is also recommended to minimize 
exposure to anesthetic gas.  

8.1.2 Pre-operative Preparation of the Animal 

• Induce the animal at 5% isoflurane in the induction chamber. The animal will go 
through several phases, including an excitement stage, prior to losing 
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consciousness. The animal can be removed from the chamber once they have lost 
their righting reflex. This can be seen if the chamber is rotated so that the animal 
lays on their side and does NOT attempt to make themselves prone and/or stand up.  
 

• Please note: the following must be done quickly to ensure the animal does not 
awaken. Turn the isoflurane off and disconnect the tube from the chamber. 
Reconnect the tube to the mouthpiece, ensuring a tight seal. Remove the animal 
from the chamber and place the mouthpiece over the snout. Set the concentration of 
isoflurane to around 1.5% for maintenance.  
 

• The animal must be evaluated for level of consciousness. The goal is to maintain the 
animal within the surgical plane. The first reflex that must be checked is the tail 
pinch. If the animal does not respond, then the toe pinch may also be checked. If 
both tests elicit a negative response, the animal is within the surgical plane. If one of 
the tests elicits a positive response, the isoflurane should be gradually increased. 
Most animal should be in the surgical plane between 1-2% isoflurane. 
 

• Using clippers, the animal must be shaved. Fur should be removed in an area wider 
than the intended surgical area. However, caution should be taken to not shave an 
excessive amount as this will impact the animal’s ability to maintain its body heat.  
 

• Palpation of the animal will provide landmarks for the surgery. The iliac crests 
should be palpated on the lower torso. In between the iliac crests, the L5 and L6 
spinous processes can be felt. L6 is identifiable through both its location and the 
prominence of the spinous process. The S1 process is much less noticeable if 
palpated caudally to L6. L1 can be found by counting the processes cranially from 
L6.  
 

• At this point the animal should be injected with a local anesthetic mixture of 
lidocaine-Marcaine (2mg-0.5mg/kg body mass) along the intended incision site from 
L1 to L6. Use approximately 2/3 of the intended dose for this step. The rest of the 
drug will be used prior to closure. 
 

• Change gloves. 
 

• The skin must be sterilized in 3 steps. The first is a chlorhexidine or povidone soap 
which is applied to sterile gauze. Gentle, circular scrubbing motions should be made 
over the shaved skin to remove debris such as skin and dirt. A large amount of foam 
should NOT develop. The second solution is 70% alcohol. A sterile sheet of gauze 
can be soaked in the solution and folded in half. Using one side of the gauze, begin 
in the middle of the surgical site and wipe towards the fur. Repeat in the opposite 
direction with the other side of the gauze. If the site is large, a second sheet may be 
required to ensure the whole surface is covered. The final step is a tincture of either 
chlorhexidine or povidone iodine solution. The same gauze method should be used 
with this solution. After this step, the skin is considered sterile.  



129 

 

 

 

• Change gloves. And place an open piece of gauze as a drape over the animal’s 
head and shoulders. This is to provide you with a sterile purchase to rest your non-
dominant hand on. Remember, any area you did not clean with the solution is 
considered unsterile.  

 

 

8.1.3 Peri-operative Care 

• The skin incision can be made with a scalpel (blade #15 or 22 is recommended). 
The incision should be made laterally to the spine (~5 mm). Rodent skin is relatively 
thick, so adequate pressure must be applied to make a full thickness cut. Forceps 
can be used to lift the skin while the incision is being made. As few cuts as possible 
should be done to ensure a clean edge for the healing process. The incision can be 
extended using scissors as well.  
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• Clear away any vascular tissue lying deep to the skin by making an additional 
incision if needed. This tissue will appear relatively pink, lose and disorganized with 
its vasculature.  
 

 

 

• Deep to the vascular tissue is the thoracolumbar fascia which has horizontally 
oriented blood vessels. A careful incision must be made here. It may be easiest to 
use the scissors to first make a small hole and then extend the incision. 
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• Deep to the thoracolumbar fascia is the erector spinae aponeurosis, which is 
avascular. The incision for this step should be made along the transition point 
between the erector spinae and multifidus. This is visible as a change in the tendon 
colouring lateral to the spine. When in doubt, go slightly lateral. Multifidus has fibers 
which attach to the aponeurosis and will bulge outwards if the incision is too medial.  

 

 

• Blunt dissection between the erector spinae and multifidus should be possible 
using a probe or closed scissors. Multifidus tendons should be visible along the 
lateral aspect of the muscle belly. The tendons can be followed to the joint, which 
should be in a similar location to the marks made on the skin.  
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• Using scissors or the scalpel, clear away the L5/L6 multifidus tendon to expose the 
joint for clamping.  

 

 

• Place the hemostatic clamp around the joint. The clamp should be set to a 
minimum compression distance of 1 mm using foil tape wrapped around the one 
side of the forceps. To know if you’re on the joint, gentle clamp onto the joint and 
wiggle it. If you’re on bone the whole spine will shift. For the clamp group, lock the 
forceps on the joint for 3 minutes. For the sham group, simply hold the forceps open 
around the joint for 3 minutes.  
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• To resect multifidus, make a second incision in the erector spinae aponeurosis 
next to the midline. Using a scalpel or scissors, sever the spinous process 
attachments from L1 to L6. Carve down and along the spinous processes to sever 
as many attachments as possible. Scissors may be advantageous here as the 
clamping of them can help to crush any vasculature and minimize bleeding. If there 
is excessive bleeding, blood can be flushed with extra saline and clotting can be 
encouraged by taking sterile gauze and pressing it into the wound. Do NOT dab the 
gauze, instead place and HOLD.  

  

 

• Prior to closure, trim extra vasculature tissue that is dried out and may catch in the 
closed incision. Additionally, gavage (spray) the extra lidocaine-Marcaine mixture 
into the incision.  
 

• To close, pinch the skin and staple shut using 35W skin staples.  
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• Turn off the isoflurane and remove the mouthpiece from the rat. Place the animal in 
a recovery cage lined with paper towel as they may urinate and defecate. The 
animal may take a while to wake up and will be extremely groggy and 
uncoordinated. If the animal appears to be sleeping after a large period, gentle 
rubbing along the back and sides of the stomach may help to wake the animal up. 
Place the animal back in the housing cage only when they are fully awake and 
coordinated.  

8.1.4 Post-operative Care 

• The animals should be checked frequently for the first 24 hours post-operatively. 
Ensure that there is minimal swelling and discharge.  
 

• Animals must be checked twice daily post-operatively to ensure compliance with 
the AUP. There should be minimal changes in behavior such as grooming, rearing, 
play fighting and eating. Record any changes on the animal care sheet and notify 
the appropriate personal listed as contacts.  
 

• Staples should be removed 7-10 days after the procedure. Assistance may be 
required. Wrapping the rats may help to restrain them and reduce stress levels.  
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8.1.6 Zygapophyseal Clamp and Multifidus Resection Checklist 

Date: ___________________ 

Animal Code: _______________  Surgical Condition: Sham or Clamp  

Set up  

 Put gloves on  

 Tape pee pad down 

 Sterilize metal sheet  

 Turn on lamp 

 Sterilize tools  

 Sub-Q injection of Carprofen 

Pre-operative 

 Pull tools out to cool  

 Induce animal at 5% isoflurane in chamber 

 Transition animal to maintenance at ~1.5% isoflurane  

 Shave animal 

 Palpate and mark L6, L5, Iliac Crests and L1  

 Inject Lidocaine-Marcaine mixture along intended incision 

 Sterilize skin with 3 step solutions  

Peri-Operative 

 Use tail and foot pinches to ensure animal is in surgical plane 

 Swap out gloves  

 Make initial incision  

 Clear vascular tissue 

 Incision through thoracolumbar aponeurosis 

 Incision through the thoracolumbar fascia  

 Locate L5/L6 zygapophyseal joint  

 Sham clamp or full clamp for 3 minutes  

 Second incision in thoracolumbar fascia  

 Detach multifidus from spinous processes 

 Trim excess and dried vascular tissue  

 Gavage excess lidocaine-Marcaine mixture into the wound  

 Close skin  

 Inject saline sub-Q 
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8.1.7 Additional Page for Surgical Notes 
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8.2 Histology – Processing, Serial Sectioning and Staining Protocols  

The following information includes serial sectioning instructions for the facet joint and 
staining protocols used in this thesis to analyze bone and muscle samples under light 
microscopy. All samples were processed and embedded in paraffin wax as described 
below; however, some stain may be applicable to use with frozen sections.  

 

8.2.1 Processing of Skeletal Muscle for Paraffin Infiltration  

From Jodi Morrison at the Ontario Veterinary College Histology Suite  

Table 8.1 Processing steps for Paraffin Infiltration of formalin fixed skeletal muscle 

Step Reagent Duration Temperature (⁰C) 

1 Isopropanol (70%) 45 30 

2 Isopropanol (85%) 45 30 

3 Isopropanol (90%) 45 30 

4 Isopropanol (95%) 45 30 

5 Isopropanol (100%) 45 30 

6 Isopropanol (100%) 45 30 

7 Xylene 45 30 

8 Xylene 45 30 

9 Xylene 45 30 

10 Paraffin 45 62 

11 Paraffin 45 62 

12 Paraffin 45 62 
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8.2.2 Processing of Demineralized Bone for Paraffin Infiltration  

From Valerie Wai (Wai, 2019; Wai et al., 2020).  

Table 8.2 Processing steps for paraffin infiltration of demineralized bone 

Step Reagent Duration (min) Temperature (⁰C) 

1 Formalin (10%) 2 35 

2 Processing Water 2 - 

3 Ethanol (70%) 45 35 

4  Ethanol (80%) 45 35 

5  Ethanol (95%) 45 35 

6 Ethanol (100%) 45 35 

7  Ethanol (100%) 45 35 

8 Ethanol (100%) 45 35 

9 Xylene 45 35 

10 Xylene 45 35 

11 Xylene 45 35 

12  Paraffin 45 62 

13 Paraffin 45 62 

14  Paraffin 45 62 
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8.2.3 Serial Sectioning of the Facet Joint  

1. Preparing the Joint for Sectioning 

a. After placing the lumbopelvic unit in the Cal Ex II (Fisher Scientific) for a 
minimum of 48 hours to soften the bone, coronally cut the bone between 
the L5-L6 and L6-S1 facet joints  

b. Place a second coronal cut in between the L4-L5 and L5-L6 facet joints 
(ensure there is a way to indicate directionality, some tissue dyes may be 
used to mark the caudal side of the joint)  

c. Place segment in an oversized tissue cassette and continue 
demineralization (up to 10 days with multiple baths) and eventual 
processing of tissue (See 1.1.2 for additional details) 

2. Sectioning  

a. Begin sectioning at the caudal end of the joint at the desired thickness (the 
serial sectioning for this thesis was completed at 5 μm). 

b. Pick up as many sections as possible as soon as the entire cross section 
of the joint begins appearing in the ribbons. 

c. Keep track of the location of each section, either through the exact micron 
distance or the number of rotations. Look for an identifiable landmark that 
can be seen on the block while sectioning. 

d. Complete sectioning once the inferior articular process has completely 
disappeared on the sectioning block.  

3. Determining the Region of Evaluation  

a. Identify the ends of the joint, this will be where the superior articular 
process appears and where the inferior articular process disappears  

b.  Determine the distance value of the approximate center of the joint.  

c. Determine the approximate cutting distance to the center of the joint from 
a recognizable anatomical landmark that was identified during the cutting 
process.  
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8.2.4 Hematoxylin and Eosin Stain for Muscle and Bone  

A basic stain which should allow for different structures to be distinguished visually.  
Adapted by Valerie Wai (Wai, 2019; Wai et al., 2020)

1. Xylene (2 min) 
2. Xylene (2 min) 
3. Xylene (2 min) 
4. 100% isopropanol (2 min) 
5. 100% isopropanol (2 min) 
6. 100% isopropanol (2 min) 
7. 70% isopropanol (2 min) 
8. Deionized water (2 min)  
9. Modified Harris Hematoxylin (10 min) 
10. Rinse in deionized water until water runs 

clear  
11. Acid Alcohol Solution (1% HCl, 70% 

isopropanol)  
a. For muscle: 6-10 dips  
b. For bone: 1-2 dips  

12. Rinse in running deionized water (~30 
seconds)  

13. Dip in ammonium hydroxide until denim 
blue  

14. Rinse in running deionized water (~30 
seconds or until clear) 

15. 70% isopropanol (6 dips)  
16. Eosin solution 

a. For muscle: 15 seconds  
b. For bone: 1 minute 

17. 100% isopropanol (2 min) 
18. 100% isopropanol (2 min) 
19. 100% isopropanol (2 min) 
20. Xylene (2 min) 
21. Xylene (2 min) 
22. Xylene (2 min) 
23. Mount coverslips  

Hematoxophilic:  

• Substances which are attracted to 
hematoxylin, tend to be basophilic (Chan, 
2014) 

• Stains nucleus, rough endoplasmic 
reticulum, ribosomes (Chan, 2014) 

• Should appear blue in colour  

• Immature bone has a stronger affinity for 
hematoxylin than mature bone (Ross & 
Pawlina, 2011) 

Eosinophilic: 

• Substances which are attracted to eosin, 
these tend to be acidophilic cellular 
components (Chan, 2014) 

• Stains cell membranes, myofilaments, 
proteins (ex. Hemoglobin), nucleolus 
(Chan, 2014) 

• Should appear pink in colour 

 

Figure 8.1. Hematoxylin and Eosin stain 
of a demineralized rat facet joint with 
surrounding paraspinal muscles. The 
marrow has stained a deep purple, the 
cartilage a lighter purple with the bone 
and myocytes staining pink. Purple 
spinal cord remnants are also seen in 
the lower portion of the image. 
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8.2.5 Safranin-O, Fast Green & Hematoxylin Stain  

Use to distinguish cartilage from bone as well as degree of proteoglycan content.  
JMD Histology and Histologics Inc., 2013. Adapted by Valerie Wai. (Wai, 2019; Wai et 
al., 2020)

1. Xylene (2 min) 
2. Xylene (2 min) 
3. 100% alcohol (2 min) 
4. 95% alcohol (2 min)  
5. Running water (5 min)  
6. Harris hematoxylin (3 min)  
7. Water (1 dip)  
8. 1% acid alcohol (1-2 dips)  
9. Blue in ammonium water (30 sec)  
10. Rinse in water (1 min)  

11. Stain in 0.2% Fast green (3 min) 
12. 1% acetic acid (2 dips)  
13. Water (2 dips)  
14. 0.025% Safranin-O (5 min & 30 sec)  
15. Rinse in water (30 sec)  
16. 95% alcohol (30 sec)  
17. 100% alcohol (1 min)  
18. 100% alcohol (2 min)  
19. 100% alcohol (2 min)  
20. Xylene (2 min)  
21. Xylene (5 min)  

Hematoxophilic: Should 
appear blue in colour 

Safranin-O: Should appear 
red/orange in colour 

Fast Green FCF: Should 
appear blue in colour  

Trouble Shooting Tips: If the bone (not the cartilage), appears purple/pink instead of blue, check the 
Safranin-O. This stain is set up for Saf-O provided by Sigma-Alderich and not Fisher. The stain provided 
by Fisher appears much darker at the same concentration and will impact your results 

 

 

Figure 8.2 Rat facet joint stained with Safranin-O, Fast Green and Hematoxylin. The cartilage has 
stained pink-red while the bone is coloured blue purple.   
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8.2.6 Sirius Red Stain for Collagen 

Adapted from John A. Kiernan (IHC World, 2013) 
 

1. Xylene (2 min) 
2. Xylene (2 min) 
3. Xylene (2 min) 
4. 100% isopropanol (2 min) 
5. 100% isopropanol (2 min) 
6. 100% isopropanol (2 min) 
7. 70% isopropanol (2 min) 
8. Rinse in running water (2 min)  
9. Harris Hematoxylin (8 min)  
10. Wash in running water (10 min)  
11.  0.1% picrosirius red (60 min)  

12. Acidified water wash (30 sec)  
13.  Acidified water wash (30 sec)  
14.  Shake water from slides  
15. 100% isopropanol (2 min) 
16. 100% isopropanol (2 min) 
17. 100% isopropanol (2 min) 
18. Xylene (2 min) 
19. Xylene (2 min) 
20. Xylene (2 min) 
21. Mount coverslips  

Picrosirius Red: 0.5 g Sirius red (aka Direct Red 80) with 500 ml saturated aqueous solution of picric 
acid 

Acidified Water: 5 ml acetic acid (glacial) with 1 L distilled water 

Hematoxophilic: Should 
appear blue in colour 

Sirius Red: Should appear 
red/orange in colour 

Picric Acid: Should appear 
yellow in colour 

 

 

Figure 8.3 A surgically injured rat multifidus muscle containing yellow colour myocytes and red 
inter-cellular collagen that has thickened due to injury. 
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8.2.7 Picrosirius Red and Fast Green Stain for Collagen 

Adapted from protocols by Segnani et al. (2015) and Virginia Gutierrez 
(https://www.researchgate.net/post/Is_there_any_protocol_for_Sirius_red_fast_green_F 
CF_staining_for_paraffin_embedded_kidney_sections)  

1. Xylene (2 min) 
2. Xylene (2 min) 
3. Xylene (2 min) 
4. 100% isopropanol (2 min) 
5. 100% isopropanol (2 min) 
6. 100% isopropanol (2 min) 
7. 70% isopropanol (2 min) 
8. Rinse in running water (2 min)  
9. Incubate in solution I (15 min)  
10. Incubate in solution II (15 min) 

11. Dip in water once  
12.  Wash in water (30 sec)  
13.  100% isopropanol (2 min) 
14.  100% isopropanol (2 min) 
15.  100% isopropanol (2 min) 
16.  Xylene (2 min) 
17.  Xylene (2 min) 
18.  Xylene (2 min) 
19. Mount coverslip 

Solution I: 0.01% Fast Green FCF in saturated picric aqueous solution  

Solution II: 0.04% Fast Green FCF/0.1% Sirius red in saturated picric aqueous solution  
 

Hematoxophilic: Should 
appear blue in colour 

Picrosirius Red: Should appear 
red/orange in colour 

Fast Green: Should appear 
blue/green in colour 

 

Figure 8.4 A) Rat erector spinae muscle stained with picrosirius red and fast green. The myocytes 
are colour green while the intra-cellular collagen is coloured red. B) A rat L5/L6 facet joint. The 
cartilage has stained red while the bone has stained a dark teal. The myocytes and bone marrow 
have stained light green 


