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ABSTRACT 
THE EFFECT OF BPA AND BPS ON ANTI-MULLERIAN HORMONE AND ITS 

RECEPTOR ON EARLY EMBRYONIC DEVELOPMENT 
 

Angela Saleh               Advisor(s): 
University of Guelph, 2019                  Laura Favetta 
 

Exposure to endocrine-disrupting chemicals (EDCs), such as Bisphenol A (BPA) 

and Bisphenol S (BPS), is widespread and has consequences on embryonic 

development. Preliminary evidence revealed that women undergoing IVF treatment had 

urinary BPA levels associated with low serum Anti-Mullerian hormone (AMH), however a 

functional relationship between the two has not been characterized. This study evaluated 

the effects of BPA and BPS on preimplantation embryo development through analysis of 

AMH and its receptor (AMHRII), apoptosis and sex ratio. These parameters were 

assessed in an in vitro bovine model after bisphenol exposure during oocyte maturation. 

Analyses occurred at the oocyte stage and during cleavage and blastocyst stages. Our 

findings show that BPA and BPS alter AMH and AMHRII levels which may contribute to 

increased DNA fragmentation and developmental arrest. This study reveals that BPS 

exerts its effects to a greater extent post-fertilization and therefore may not be a safer 

alternative to BPA. 
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1 

INTRODUCTION & LITERATURE REVIEW 

 
Introduction 

Epidemiological studies in the last few decades support a strong link between 

environmental chemical exposure and adverse effects on reproductive health. Both males 

and females suffer the consequences of impaired fertility and increased risk of disease 

(Messerlian et. al, 2018). One such environmental chemical, that is well-known for its 

endocrine disrupting effects, is the plasticizer Bisphenol A (BPA). BPA is commonly 

studied for its estrogenic capabilities although it has been reported to have several 

physiological effects independent of its action on the estrogen receptor. BPA has been 

detected in various biological tissues and was found in the urine of 92% of study 

participants surveyed in the United States from a sample size of greater than 2000 

individuals in the National Health and Nutrition Examination Survey (Calafat et. al, 2008; 

Pelch et. al, 2019). With increasing evidence of the risks of BPA exposure, there has been 

a shift towards the use of newer analogs. These analogs, such as Bisphenol S (BPS), are 

thought to be safer alternatives and so their use remains unregulated (Herrero et. al, 

2018). Like BPA, BPS is used to form epoxy resins in plastics and is most well-known for 

its use in thermal paper such as receipts (Rochester & Bolden, 2015; Liao et. al, 2012a).  

Environmental exposure to bisphenols is hazardous to the reproductive health of 

all vertebrate species. In mice, fetal BPA exposure has been associated with aberrations 

in oocyte meiotic prophase and increased levels of recombination (Susiarjo et. al, 2007). 

In rodents, BPS exposure has been associated with oxidative stress and morphological 

changes in the male reproductive system. BPS exposure in zebrafish resulted in 
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endocrine and reproductive abnormalities, and in pigs resulted in altered meiotic cycle in 

oocytes (Herrero et. al, 2018). Additionally, in cows, exposure of in vitro oocytes to BPA 

showed altered meiosis and spindle abnormalities (Ferris et. al, 2015). In humans, BPA 

has been detected in follicular fluid, fetal serum and amniotic fluid (Eichenlaub-Ritter & 

Pacchierotti, 2015). These data support the necessity to further investigate the 

reproductive toxicity of bisphenols in order to provide better guidelines for their everyday 

use.  

In our experiments, we use the bovine experimental model as a translational model 

for humans. In many important aspects of embryo development, such as oocyte 

maturation, epigenetics, and zygotic genome activation, bovine embryos are more similar 

to human embryos than many other mammals, including rodents. Bovine fertility is also 

similar to humans with respect to hormonal regulation, selection of a dominant follicle and 

ovulation (Leidenfrost et. al, 2011). One hormone that is valuable for the assessment of 

reproductive success in women is anti-Müllerian hormone (AMH). AMH has a great 

sensitivity to ovarian aging and a strong relationship to the ovarian reserve. Some studies 

hypothesize that AMH levels can predict oocyte quality and fertilization, as it plays a 

fundamental role in oocyte maturation and follicular development (Borges et. al, 2017). 

Due to the clear threat that BPA and BPS pose during the environmental-sensitive 

preimplantation embryo developmental stage, and the proven importance of AMH in this 

developmental window, it logically follows that there may exist a link between bisphenol 

exposure and altered AMH expression. Investigating this key link is therefore crucial in 

order to fully understand the possible mechanisms through which bisphenols elicit their 

disruptive effects during early development. This information will not only further our 
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understanding of these endocrine disrupting chemicals’ mechanisms of action, but it will 

also provide greater insight to AMH’s role in fertility, and in turn have the potential to 

improve assisted reproductive technologies and mammalian reproduction as a whole.  

 

Oogenesis & Folliculogenesis 

The primary characteristic of the female ovary is the maturation and release of a 

mature oocyte for fertilization and embryo formation (McGee & Hsueh, 2000). An oocyte, 

and its surrounding cumulus cells, mature and grow within follicles in the ovary. In the 

prenatal ovary, there are approximately 6-7 million oogonia, however, most are lost 

through the process of apoptosis or follicular atresia (Fox, 2013). After birth, there are 

only approximately two million primordial follicles remaining as a female’s ovarian reserve 

(Cox & Tavok, 2019). In humans, and several other species, the process of producing 

these oogonia, called oogenesis, occurs solely during fetal development. At the end of 

gestation, the developing oocytes, known as primary oocytes, are arrested at prophase I 

of the first meiotic division (Arujo et. al, 2014). Oocytes remain arrested at this stage until 

puberty. Eventually, these oogonia leave the quiescent pool of primordial follicles and 

begin to develop through the process of folliculogenesis. 

During follicular growth, primary follicles are stimulated hormonally to increase the 

layers of granulosa cells surrounding the oocyte, which express FSH receptors (Gilbert, 

2000; Cox & Tavok, 2019). This increase in granulosa cells, from a single layer to multiple 

layers, contributes to the formation of the secondary follicle. Gonadotropin releasing 

hormone (GnRH) produced in the hypothalamus acts on the anterior pituitary to stimulate 

the release of luteinizing hormone (LH) and follicle stimulating hormone (FSH). LH acts 
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on the theca cells of growing follicles to support the production of estrogen and oocyte 

development (Gilbert, 2000). FSH acts on its receptors within the granulosa cells to 

promote follicle growth and cell proliferation. 

Secondary follicles contain small fluid-filled vesicles which fuse together to form a 

single cavity, called the antrum, leading to the formation of mature Graafian follicles (Fox, 

2013). The antrum becomes filled with hormones and proteins that support the growth of 

the follicle (Gilbert, 2000). During this process, the follicle develops internal and external 

theca cell layers as well as a layer of granulosa cells that develops directly surrounding 

the oocyte, known as cumulus cells (Arujo et. al, 2014). Cumulus cells are essential for 

communication with the oocyte through gap junctions to provide nutrients and support 

development (Telfer & McLaughlin, 2007).  

During oocyte maturation, primary oocytes extrude a polar body, completing the 

first meiotic division which forms the secondary oocyte. Within the Graafian follicles, 

meiosis in the secondary oocyte arrests at metaphase II of the second meiotic division 

and is only completed if fertilization takes place (Fox, 2013). Due to the preovulatory LH 

surge that acts on the LH receptors in follicular granulosa cells, ovulation can occur, and 

the oocyte is released for fertilization. Hence, meiotic resumption is first stimulated 

through the estradiol-estrogen receptor system (Liu et. al, 2017). The increased LH levels 

cause an increased pressure within the follicle resulting in degradation of the follicle wall, 

rupturing of the follicle and formation of the corpus luteum (Gilbert, 2000). 

 
Oocyte Competence 

An oocyte that is able to complete maturation and successfully undergo 

fertilization, cleavage and subsequent blastocyst development is considered to be a 
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competent oocyte (Assidi et. al, 2008). The earliest indicator of oocyte competence is the 

oocyte’s ability to resume meiotic division when arrested in prophase I. In order to reach 

metaphase II, an oocyte must be fully grown so that it may attain the necessary size to 

form a metaphase plate (Sirard et. al, 2006). Additionally, a developed and large oocyte 

will possess the ability to synthesize and store proteins and RNA, which are necessary 

for nuclear maturation and cytoplasmic modifications (Romao et. al, 2010). A study 

analyzing oocyte competence with respect to in vitro fertilization (IVF), demonstrated that 

oocyte diameter is positively correlated with the number of oocytes that reach metaphase 

II and the number of oocytes that were successfully fertilized, developing to the blastocyst 

stage (Anguita et. al, 2007). 

Oocyte diameter, however, is not the only morphological factor used to analyze 

oocyte competence. For certain mammals, such as humans and cattle, there are 

numerous morphological factors that are commonly evaluated, including zona pellucida 

thickness, meiotic spindle, cumulus cell expansion, shape of the polar body and 

evaluation of the cytoplasm (Labrecque & Sirard, 2014). The quality of the cumulus cells 

is one important factor for consideration as the cumulus cells transfer energetic substrates 

and mRNAs to the oocyte that are necessary for development (Gilbert et. al, 2015). 

Additionally, the appearance of a granular cytoplasm or a cytoplasm with various 

anomalies is indicative of poor oocyte quality (Mikkelsen and Lindenberg, 2001). 

While all important factors for consideration, generally morphological features lack 

consistency and objectivity and therefore have not been largely successful in predicting 

oocyte competence. One novel method used on human oocytes is biopsy of the polar 

body. Analysis of the transcriptome of the polar body has been discovered to have a high 
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level of similarity to the metaphase II oocyte and can therefore provide insight into the 

oocyte’s maturation status (Reich et. al, 2011). 

Clinical assessment of oocyte competence will typically encompass oocyte 

development to the blastocyst stage only, thus it considers oocyte competence solely 

during maturation (Gilbert et. al, 2015). Contrary to this, the literature has deemed the 

follicle from which the oocyte originates as the most effective determinant of the oocyte’s 

ability to succeed in embryo production (Blondin et. al, 2012). In cows, the ideal follicle 

diameter for commercial uses is between 7-10 mm, with follicles greater than 10 mm 

having the greatest embryo production abilities in vivo (Blondin et. al, 2012). For humans, 

on the other hand, follicles between 12-19 mm have been determined to yield the greatest 

number of mature oocytes during IVF treatments (Abbara et. al, 2018). 

Oocytes taken from small, immature follicles have been demonstrated to have little 

to no developmental competence in comparison to fully grown follicles (Blondin et. al, 

2012). Furthermore, the presence of a dominant follicle has been shown to have a 

negative influence on oocyte competence of surrounding follicles. The dominant follicle 

was associated with a reduction in certain transcripts in the geminal vesicle (GV) oocytes 

(Labrecque & Sirard, 2014). 

In addition to the importance of follicle development, the quality and growth of the 

granulosa cells within the follicle is a key element to oocyte competence. Assessment of 

the cumulus cells surrounding the oocyte has specifically been used as an adequate 

marker for oocyte quality. Communication between the oocyte and its cumulus cells is 

critical for successful embryo production. Cumulus cells produce numerous paracrine 

factors that influence oocyte maturation and transfer transcripts to the oocyte that are 
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necessary for its development. Additionally, cumulus cells can be used as indicators of 

the oocyte’s stage of maturation through the analysis of various genes within the cumulus 

cells. (Feuerstein et. al, 2012). This communication and support provided by the cumulus 

cells demonstrate their importance during oocyte maturation. 

While oocyte competence relies greatly on the oocyte itself, it can also be 

determined by the oocyte’s ability to cleave after fertilization and develop to the blastocyst 

stage. This ability is initially determined by follicular factors and the growth of the oocyte, 

however, once the embryonic genome is activated there are a variety of additional factors 

to consider (Sirard et. al, 2006). This transition from a maternal-dominant genome to a 

zygote/embryo-dominant genome is known as the maternal to zygotic transition (MZT) or 

the maternal to embryonic transition (MET). Therefore, during early embryonic 

development, the success of the oocyte to cleave and develop is dependent on the 

maternal transcripts, whereas the ability to reach the blastocyst stage is mainly dependent 

on the activation of the embryonic genome (Langley et. al, 2014). The final stage for 

assessing oocyte competence involves the blastocyst’s ability to implant into the uterus 

and produce viable progeny (Blondin et. al, 2012). 

 

Early Embryonic Development 

In vivo, once a mature oocyte has ruptured from its follicle, it enters the oviduct 

where it can be fertilized within hours of ovulation. At this point, each of the haploid 

genomes from the sperm and oocyte come together to contribute to the diploid embryonic 

genome. Upon entry of the spermatozoon, the oocyte becomes activated and extrudes a 

second polar body (Brevini & Pennarossa, 2013). Typically, 24 hours after fertilization the 
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first cleavage event occurs which results in each blastomere of a 2-cell embryo 

possessing a copy of the embryonic genome. 

After the 8-cell stage, blastomeres enter a process known as compaction. The 

precise onset of this process occurs at different stages in various species. In the mouse 

embryo, compaction occurs around the 8-cell stage, whereas in humans and bovine this 

process occurs later in development, typically between the 16-32 cell stages (Hasley et. 

al, 2017). During this process, cells transform from round-shaped with distinct outlines, to 

more flattened shapes held tightly together, which makes the number of cells more 

difficult to define, as is seen in the morula stage (Ducibella & Anderson, 1975). 

Compaction is mediated through the E-cadherin/catenin system which forms tight 

junctions between the cells and thus plays a significant role in communication between 

the blastomeres (Fleming et. al, 2000). This process is well-defined in the mouse embryo; 

however, it is less understood in other mammalian species.  

These cleavage events occur as the embryo travels through the oviduct towards 

the uterus for implantation. Cleavage stage embryos exhibit successive cell divisions 

without cellular growth, resulting in an increase in cell number exclusive from an increase 

in size (Palmer & Kaldis, 2016). Finally, the embryo reaches the blastocyst stage, which 

is characterized by trophectoderm (TE) cells, which line the blastocoel cavity, and the 

inner cell mass (ICM).  

During the process of compaction, cells begin to undergo polarization. Contact 

between the cells allows them to communicate in order to determine their orientation 

along the cleavage plane of the embryo. At this point, communication between the cells 

occurs via interlocking desmosomes and gap junctions as the flattening of these cells 
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maximizes contact, forming tight seals between cells (Hasley et. al, 2017; Palmer & 

Kaldis, 2016). Subsequent cell divisions that are either symmetric or asymmetric, result 

in the formation of the two distinct cell types necessary for the TE and ICM development 

(Hasley et. al, 2017). Actin and microtubules transport these polarized cells so that their 

orientation and symmetry play a role in their localization. This forms two layers: the inner 

layer consisting of the cells of the inner cell mass and the outer layer consisting of the 

cells of the trophectoderm (Palmer & Kaldis, 2016). 

While the trophectoderm cells are epithelial in phenotype and form the placenta 

upon implantation, the ICM are non-epithelial cells which segregate to form the embryo-

proper upon implantation (Fleming et. al, 2000). Associated with the development of these 

components of the blastocyst, there is an increase in ATP production and use. This is 

thought to be linked to the Na+/K+ ATPase, which allows ions to be transported across 

the trophectoderm and water to enter the blastocoel cavity. Examination of human and 

bovine embryos found that increased sodium transport is associated with expansion of 

the blastocoel cavity and therefore expansion of the blastocyst itself before hatching 

(Houghton et. al, 2003). Human blastocysts that have fully developed and expanded can 

contain more than 200 cells (Hasley et. al, 2017). Once the blastocyst has completed its 

development within the oviduct, it releases proteases which allow it to hatch from the zona 

pellucida and implant into the uterus to begin fetal development (Brevini & Pennarossa, 

2013). 

 
Maternal to Embryonic Transition (MET) 

As mentioned previously, MET is the stage of development when the embryonic 

genome becomes activated and the embryo no longer depends solely on the maternal 
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genome. Although the spermatozoa provide DNA and allow for activation of the oocyte, 

their function is limited in early embryogenesis (Li et. al, 2013). During the early embryonic 

cleavage stages, development is completely reliant on maternal mRNAs and proteins 

found within the oocyte. Before ovulation, the oocyte grows in size and accumulates 

various maternal effect genes and mRNAs, which subsequently permit fertilization and 

initiation of cleavage in the embryo (Palmer & Kaldis, 2016). Thus, these early 

developmental stages occur mostly with the absence of de novo transcription (Langley 

et. al, 2014). 

Upon activation of the embryonic genome, there is a global wave of transcription 

that facilitates the degradation of maternal mRNAs and proteins and alternatively 

promotes the synthesis of proteins required by the developing embryo (Palmer & Kaldis, 

2016). In human embryonic development, this transition typically occurs around the 4-8 

cell stage (Li et. al, 2013). In cattle, the activation of the embryonic genome occurs 

between the 8-16 cell stages (Sirard et. al, 2006). 

There have been greater than 10,000 genes associated with changes during MET, 

all of which are still being investigated. While many of these genes are from maternal 

storage and are typically translated for support of the early embryo, they are often 

degraded as the embryonic transcripts increase (Li et. al, 2013). This increase in proteins 

translated by the embryonic genome is essential to the development of the 

preimplantation embryo. Due to the necessity of maternal to embryonic transition for 

subsequent cellular divisions, the point in which MET occurs is when an embryo is most 

susceptible to cellular arrest (Hasley et. al, 2017). Additionally, research has shown that 
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inhibition of RNA polymerase II and III before MET in mice results in arrest of the embryo 

at the 2-cell stage and the inability to develop further (Golbus et. al, 1973).  

Contrary to this, studies have found that the mouse embryo is in fact capable of 

transcription at the 1-2 cell stages, however, it is very limited. Activation of the embryonic 

genome is an extremely complex process and it is thought that these early signs of 

transcription suggest MET occurs in multiple steps, beginning from the very early 

cleavage stages (Kanka, 2003).  

In addition to these transcription events and the loss of maternal transcripts, 

chromatin remodeling also plays a key role in embryonic genome activation (EGA). 

Chromatin remodelling within the embryo allows for specific patterns of gene expression. 

Alterations to the structure of the chromatin (e.g. acetylation) are critical to the 

development of the embryo (Li et. al, 2013; Kanka, 2003). 

The EGA is a significant point in embryonic development, however, with such 

drastic changes and integral processes occurring, there is a great deal about this process 

that is yet to be understood. From loss of maternal genes, to large scale methylation 

events, genomic imprinting and simply the concept of combining two pronuclei, there are 

countless avenues to be pursued to attain further understanding of this transitionary 

stage.  

 
In Vitro Fertilization (IVF) 

In vitro fertilization (IVF) is a process whereby ova are aspirated transvaginally and 

are fertilized in laboratory conditions. These fertilized oocytes are incubated and matured 

with cellular divisions closely monitored, until the embryo is ready to be transferred into 

the uterus for implantation (Porta & Last, 2019). In July 1978, the first child to be 
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conceived via IVF was born. Robert Edwards and Patrick Steptoe were the first to aspirate 

mature follicles and produce an embryo in vitro, leading to the birth of the first IVF child 

(Coughlan et. al, 2011). 

For IVF, exogenous gonadotropins are used to stimulate follicle recruitment to 

attain multiple oocytes for fertilization. Oocytes can then be fertilized by two main 

methods. The first is conventional IVF, in which the sperm are introduced into the medium 

containing the matured oocytes. The second method is known as Intracytoplasmic Sperm 

Injection (ICSI), a process that involves the injection of a single spermatozoon directly 

into a single mature oocyte (Eftekhar et. al, 2012). 

As infertility becomes more commonly diagnosed, the need for assisted 

reproductive technologies (ARTs) has increased in both humans and farm animals 

(Sejian et. al, 2010). As part of IVF procedures, embryo quality can be evaluated before 

transfer. One important example is the use of preimplantation genetic diagnosis, in which 

a biopsy of the embryo is taken and analyzed for genetic defects such as Huntington’s 

disease, haemophilia, and aneuploidy (Coughlan et. al, 2011). 

In order to ensure that the embryo is being developed in conditions that closely 

resemble those in vivo, research pertaining to in vitro culture conditions is extensive. 

Hormones and amino acid concentrations, as well as pH and CO2 levels, are all taken 

into consideration at each stage of oocyte maturation and embryo production (Quinn & 

Cooke, 2004). In bovine IVF procedures, hormones such as estrogen, LH and FSH are 

included into the oocyte maturation medium in order to aid oocyte development to meiosis 

II. Another medium, used for fertilization, includes heparin to permit capacitation of the 
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sperm and optimize fertilization. Finally, presumptive zygotes are moved to a medium that 

supports development to the blastocyst stage (Parrish, 2014). 

 
Endocrine Disrupting Compounds (EDCs) 

Endocrine disrupting chemicals (EDCs) are defined as any substance in the 

environment, in food supply or in manufacturing that can alter the body’s normal 

endocrine system function (Porta & Last, 2019). The endocrine system is responsible for 

all hormonal regulation in the body and allows for hormone secretion and transport. These 

hormones are carried to their target where they can bind to their receptors and elicit their 

effects (Darbre, 2015). Therefore, endocrine disruptors possess the ability to impact 

hormone synthesis, transport and receptor binding. 

Endocrine disruptors can function through a variety of mechanisms. The most 

commonly reported effect of EDCs is their ability to alter steroid hormone function, 

specifically thyroid hormones, estrogens and androgens. As these hormones are 

endogenous and act on a variety of targets and receptors, EDCs can alter their function 

through multiple different pathways (Gore, 2007). 

These chemicals are found in countless products ranging from 

dichlorodiphenyltrichloroethane (DDT) in pesticides, phthalates or chemical plasticizers 

in food containers, and parabens in cosmetic products (Gore, 2007). In addition to their 

wide-spread exposure risk, endocrine disrupting chemicals typically possess a long half-

life, so they are difficult to metabolize and eliminate from the body (Diamanti-Kandarakis 

et. al, 2009). Accumulation of EDCs within the endocrine system has been linked to 

numerous pathologies, including obesity, cancer and reproductive disfunctions. Even 
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very low, but chronic, doses of exposure have been shown to impact animal health (Porta 

& Last, 2019). 

 

Bisphenol A (BPA) 

In a toxicological screening of greater than 300 endocrine disrupting chemicals, 

performed by the United States Environmental Protection Agency, Bisphenol A (BPA; 2,2-

bis(4-hydroxyphenol) propane) was deemed the third highest priority due to its 

toxicological consequences (Vandenberg & Catanese, 2014). BPA is one of the highest 

volume chemicals produced globally, with an estimated 5-6 billion pounds produced 

worldwide every year (Nachman et. al, 2013). This chemical is predominantly used in the 

production of polycarbonate plastics and epoxy resins. Therefore, BPA is used in an 

extensive variety of products such as food and water containers, dental sealants, receipts 

and the inner lining of aluminum cans (Li et. al, 2015).  

Due to its versatility, BPA exposure can occur through inhalation, absorption 

through the skin, and the most common route, ingestion (Souter et. al, 2013).  Studies 

have shown that BPA is readily absorbed and metabolized through the skin, contributing 

substantially to human exposure (Zalko et. al, 2011). Cashiers have a 2-fold increase of 

BPA levels in their urine when compared to individuals using gloves, due to regular 

handling of receipts (Lee et. al, 2018).  

BPA is a phenol compound that forms ester bonds which are easily broken when 

exposed to denaturing conditions such as extreme hot or cold, and acidic or basic 

compounds (Rubin, 2011). This is why BPA easily leaches into foods and/or beverages 
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held within plastic containers, a process that is aggravated when these containers are 

heated, cooled, or used for long periods of time (Souter et. al, 2013).  

 

Toxicology and Metabolism  

While it was originally thought that BPA is rapidly metabolized and excreted from 

the body, current data reveal that BPA’s half-life is much longer than originally thought, 

and that BPA can in fact be stored long-term within areas of the body (Rubin, 2011). 

Metabolism of BPA in the liver occurs through glucuronidation or sulfonation of the free 

bisphenol A molecule and elimination through the urine in its inactive form. As 

glucuronidation is the major method of BPA metabolism, bisphenol A-glucuronide is 

typically used as a biomarker for BPA exposure (Dekant & Volkel, 2007). 

Evidence in literature for the dose at which BPA can elicit its negative effect is 

controversial and varies between species, sex, age and health status. Both in vivo and in 

vitro studies have examined the implications of BPA on numerous receptors, signalling 

pathways and hormonally regulated processes (Rubin, 2011).  

Based on several studies, including a 90-day experiment on rats and a previously 

set no adverse effect level (NOAEL) of 25 mg/kg x body weight/day, Health Canada 

deemed the provisional tolerable daily intake (pTDI) of BPA as 25 µg/kg x body 

weight/day. In 2007, using further research in rats and mice, they concluded a NOAEL of 

5 mg/kg x body weight/day for systemic effects and a NOAEL of 50 mg/kg x body 

weight/day for developmental toxicity. Around this time, the European Food Safety 

Authority (EFSA) also concluded a tolerable daily intake (TDI) of 50 µg/kg x body 
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weight/day and an oral reference dose (RfD) of 50 µg/kg x body weight/day was set by 

the US Environmental Protection Agency (Health Canada, 2008).  

While there is great variability in these reference doses, numerous studies done 

between 2007 and 2013 on both humans and experimental animals, have determined an 

in vivo dosage of 50 mg/kg/day and an in vitro dosage of 50 μg/mL as equivalent to the 

lowest adverse effect level (LOAEL) accepted in the literature (Peretz et al., 2012). While 

these doses were initially derived through experimentation on mice, studies in bovine 

embryos with much lower exposure levels (1 and 10 ng/mL) observed significant 

reductions in blastocyst rates (Choi et. al, 2016). Additionally, in vitro experiments on 

bovine sperm use treatment doses of up to 200 ug/mL, a dose much larger than the 

LOAEL dose of 50 ug/mL (Lukacova et. al, 2015; Peretz et. al, 2012). Several studies 

have reported negative implications of BPA at doses much lower than the LOAEL, 

especially in relation to reproductive health (Siracusa et. al, 2018). In a review performed 

by Vandenberg et. al, (2013) assessing greater than 200 low-dose BPA publications, they 

determined that BPA has reproducible and consistent consequences at levels of 1-4 

orders of magnitude below the above-mentioned LOAEL.  

 

BPA Pathophysiology 

BPA is a ubiquitous substance and therefore it is able to easily enter circulation 

and elicit its effect in vivo. In addition to this, the widespread exposure of BPA has led to 

its detection in the blood, urine, and even perspiration of humans (Genuis et. al, 2012). 

Concentrations as high as 100ng/g have even been found in the placentas of pregnant 
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women. These concentrations were proven to be toxic to the reproductive organs of the 

offspring (Schonfelder et. al, 2002).  

Through this access to, and accumulation in, numerous areas of the body, BPA is 

able to elicit its endocrine disrupting effects. While BPA exposure has been linked to 

obesity, cancer, liver damage and neurological effects, the most widely reported 

endocrine disrupting effects of Bisphenol A are in relation to its impact on steroid 

hormones (Genuis et. al, 2012; Rubin, 2011). In vivo and in vitro evaluations have 

displayed BPA disruption of the function of nuclear receptors and their substrates. BPA 

alters nuclear hormone receptors such as the estrogen receptor, androgen receptor, 

human pregnane X receptor and thyroid hormone receptor (Li et. al, 2015). Thus, BPA 

can lead to impairment of ovarian and uterine function, reduction of oocyte and sperm 

quality and additional alterations in steroidogenesis (Siracusa et. al, 2018). 

 

BPA and Reproductive Health  

The ability of BPA to act as an endocrine disruptor of estrogen and androgen 

function has warranted great concern for the reproductive health and fertility of both sexes 

in humans and animals. A cohort study assessing males undergoing IVF treatments found 

that higher urinary BPA levels were associated with lower sperm count, concentration and 

motility (Lassen et. al, 2014). Additionally, several studies have reported decreased 

sperm number, increased apoptosis and alteration in the morphology of seminiferous 

tubules, when exposed to varying durations and doses of BPA, in multiple different 

species (Goldstone et. al, 2015; Barbonetti et. al, 2016; Qi et. al, 2014). Finally, exposure 
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of Leydig cells to low doses of BPA resulted in decreased cell proliferation and decreased 

testosterone production (Siracusa et. al, 2018).  

While numerous studies have examined the effect of BPA on male reproductive 

health, the largest concern for the endocrine disrupting effects of BPA is in relation to its 

function as a xenobiotic estrogen, and the implications in female reproduction. As a 

xenobiotic estrogen, BPA is able to mimic estrogen and act on estrogen receptors to 

generate both genomic and non-genomic effects (Balakrishnan et. al, 2010; Swedenborg 

et. al, 2009). 

The presence of BPA in the reproductive tissue of women has also increased 

concern for the implications on female reproductive health. Studies revealed that 

increased BPA exposure reduces the number of ovarian follicles as well as sex hormone 

levels (Patel et, al, 2017).  

Studies conducted in mice found that BPA exposure was associated with 

increased ovarian cysts (Fernandez et. al, 2010). A case-control study in women also 

found that higher urinary BPA levels were associated with increased risk for polycystic 

ovarian syndrome (PCOS) (Akin et. al, 2015). In addition, BPA was found to adversely 

affect follicle formation and the onset of meiosis in fetal ovaries (Siracusa et. al, 2018).   

BPA detection within the follicular fluid explains the potential impact on oocyte 

maturation and embryo development. Ikezuki et. al, (2002) found an average 

concentration of 2.4 ng/mL of BPA in the follicular fluid of women. The detection of high 

levels of BPA in follicular fluid is thought to contribute to reduced oocyte quality (Ikezuki 

et al., 2002). 
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Several studies have associated BPA exposure to decreased oocyte quality and 

impaired maturation and fertilization capability. A study by Ferris et. al, (2015) showed 

that bovine oocytes exposed to 30ng/mL of BPA in vitro, displayed increased spindle 

abnormalities and decreased maturation. BPA-treated oocytes had a reduced ability to 

reach metaphase II. Oocytes that did reach metaphase II had disrupted spindle 

morphologies with flattened spindles and unorganized spindle poles (Ferris et. al, 2015). 

Furthermore, when BPA-matured oocytes were fertilized and developed to the blastocyst 

stage, cleavage and blastocyst rates were significantly reduced (Ferris et. al, 2016; 

Kahlon et. al, 2016).  

Exposure of mouse oocytes to BPA also showed spindle abnormalities and 

misalignments and the inability to resume meiosis. Oocytes that were able to avoid 

meiotic arrest typically were unable to align chromosomes at the spindle equator (Lenie 

et. al, 2008). In porcine studies, oocytes that were able to fully mature and develop into 

embryos had increased levels of arrest at the 4-cell stage, increased reactive oxygen 

species, and increased mitochondrial and DNA damage (Guo et. al, 2017).  

 

Mechanisms of Action 

As mentioned previously, the most well-known function of BPA is its ability to mimic 

estrogen. The phenol structure of BPA, with hydroxyl groups on either side of the 

molecule, allows it to function as an estrogen agonist (Figure 1) binding to estrogen 

receptors (Pouzaud et. al, 2018; Akingbemi et. al, 2004).   
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Figure 1. Bisphenol A (BPA), 17ß-estradiol (E2), and diethylstilbestrol (DES) chemical 
structures. Modified from Akingbemi et. al, 2004.  

 
BPA is able to bind to both nuclear and membrane estrogen receptors, however 

with a reduced affinity in comparison to estradiol (Balakrishnan et. al, 2010). While BPA 

affinity for the estrogen receptors may be reduced, evidence has shown that 

xenoestrogens may act additively with endogenous estrogen to multiply their effects 

(Gore, 2007; Silva et. al, 2002). 

Numerous studies describe the impact of BPA on nuclear estrogen receptors alpha 

and beta (ERα and ERß) with deleterious consequences. In addition to this direct action 

on gene expression, BPA also has non-genomic effects on membrane-bound receptors 

and multiple cellular signalling pathways (Blumberg et. al, 2011).  

As antagonism of the estrogen receptors does not block certain BPA effects, 

additional signalling pathways were thought to be involved (Prossnitz and M. Barton, 

2011). BPA has also been shown to act on the transmembrane G protein coupled 
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estrogen receptor 1 (GPER) with a much higher affinity than the estrogen receptors. 

GPER mediates rapid non-genomic effects of estradiol and while it is unrelated to ERα 

and ERß, it can activate secondary messengers that also regulate gene expression 

(Pouzaud et. al, 2018; Carmeci 1997). A study assessing the effect of environmentally 

relevant BPA doses on zebrafish oocyte found that BPA was associated with meiotic 

arrest. While meiosis failed to resume when oocytes were treated with inhibitors of ERs, 

the effect of BPA was attenuated when the oocytes were incubated with a GPER antibody 

(Fitzgerald et. al, 2015; Horwitz & McGuire, 1978). 

Finally, in addition to the ERα, ERß and GPER, BPA may also act on the estrogen-

related receptor gamma (ERRγ). EERs are a family of receptors that are closely related 

to the estrogen receptors in their DNA-binding and ligand-binding domains, however 

estradiol is not a ligand of these receptors. Instead, these receptors bind to estrogen 

response elements within ER target genes. These receptors are highly expressed in the 

brain during mammalian development as well as in several adult tissues (Pouzaud et. al, 

2018; Takayanagi et, al, 2006).  

In a study that cultured human oocytes in medium supplemented with BPA, ERRγ 

expression increased in comparison to immature, uncultured oocytes as well as in 

comparison to control-cultured oocytes (Brieno-Enriquez et. al, 2011). Thus, ERRγ may 

play a key role in the BPA-mediated alterations during oocyte maturation and 

development.  

 
Bisphenol S (BPS)  

As BPA use became more regulated due to increasing evidence of its health 

consequences, newer analogs were developed as replacements, including Bisphenol S 
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and F (BPS; 2,2-bis [4-hydroxyphenol]sulfone and BPF; 2,2-bis [4-

hydroxyphenol]methane). These BPA analogues have been detected in food, household 

dust, lake water, thermal paper and most importantly, in human biological specimen 

(Pelch et. al, 2019). Currently, products labelled “BPA-free” typically contain BPA 

analogues, and while they have previously been deemed as safe alternatives, there is 

little evidence supporting this (Vandenberg & Catanese, 2014). Current evidence 

suggests that BPS is the most commonly used replacement for BPA. In countries where 

BPS has been used as a substitute for greater than 10 years, populations were found to 

possess BPS exposure levels even greater than that of BPA (Chen et. al, 2015; Nevoral 

et. al, 2019).  

Similar to BPA, BPS has been reported to act on the estrogen receptor (Liao et. 

al, 2012a). The structure of BPS also consists of two phenol rings similar to BPA and is 

therefore thought to elicit similar effects (Figure 2) (Rochester and Bolden, 2015). 

Although the literature is limited, there is evidence of endocrine disrupting properties of 

BPS in both human and animal exposure.  

Using a fetal testes model, Eladak et. al (2015) found that BPS had a greater 

inhibitory effect on testosterone secretion in the fetal testes than BPA did at the same and 

lower doses. Additionally, BPS had lowered basal testosterone levels in cultured human 

fetal testes and showed antiandrogenic effects at doses as low as 10 nmol/L (Eladak et. 

al, 2015).  

In females, exposure to BPS induced abnormal uterine growth in exposed mice, 

at both low and high doses (Owens &Ashby, 2002). A review assessing multiple in vivo 

and in vitro studies on BPS, reported that BPS exposure in zebrafish resulted in 
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alterations in plasma estrogen and disrupted reproduction through reduced egg 

production and increased embryo malformations. An additional study performed on 

zebrafish showed that BPS treatment increased the ratio of females to males, decreased 

body length and altered testosterone and estradiol concentrations (Rochester & Bolden, 

2015). Finally, zebrafish exposed to low doses of BPS showed altered regulation of their 

hypothalamic-pituitary-gonad axis and impaired offspring development (Ji et, al, 2013).  

BPS-treated pig oocytes presented alterations in meiotic cell cycle, disrupted 

tubulin fibre formation, changes in the supply of maternal mRNA and disrupted cumulus 

cell expansion (Zalmanova et. al, 2017). On the other hand, when BPS effect on bovine 

theca and granulosa cells were tested, no effects were seen except when high, non-

physiologically relevant doses were used (Campen et, al, 2018).  

While research in humans is limited, a study that exposed first trimester trophoblast 

cells to BPS resulted in the inhibition of early placentation process, epigenetic changes 

and altered gene expression (Basak & Duttaroy, 2017). Research in several species 

demonstrate the concern for BPS exposure to reproductive health (Ji et. al, 2013; 

Campen et. al, 2018; Zalmanova et. al, 2017), suggesting the necessity of further 

understanding of its implications.  
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Figure 2. Chemical Structure of Bisphenol S (Rochester and Bolden, 2015). 

 

Anti-Müllerian Hormone (AMH)  

Anti-Müllerian hormone (AMH), a member of the transforming growth factor-ß 

(TGF-ß) family of glycoproteins, was first isolated in Sertoli cells of males. AMH or 

Müllerian-inhibiting substance (MIS), functions primarily during fetal development in the 

differentiation of the Müllerian and Wolffian ducts (Behringer, 1994). Little-to-no 

expression of AMH in the female fetus allows for the development of the Müllerian ducts, 

which differentiate to form the uterus and fallopian tubes. Alternatively, high levels of AMH 

in the male fetus induce regression of the Müllerian ducts. This allows the Wolffian ducts 

to develop and differentiate into the epididymis and vas deferens (Speroff et. al, 1999). 

While AMH levels decline in males after birth, the opposite occurs in females. Near 

the end of gestation, AMH expression in females increases as it begins to be produced 

by the granulosa cells of the growing ovarian follicles (Anderson et. al, 2012). AMH is 

continually expressed by the follicles until they grow to about 4-7 mm in size and are able 

to respond to FSH stimulation (Figure 3) (La Marca et. al, 2010). The highest expression 

of AMH by the growing follicles occurs in late pre-antral and small antral follicles. This 



 

 

 
 

25 

expression declines with FSH stimulation, in the stages before ovulation (Peluso et. al, 

2014). 

 

 

         
 
Figure 3. Anti-Müllerian Hormone expression during follicle development (La Marca et. 
al, 2010). 

 
Studies have found that AMH correlates to the number of oocytes present and 

therefore, can act as a marker of the ovarian reserve (Visser et. al, 2005). The granulosa 

cells surrounding the antral follicles secrete AMH into the follicular fluid and into blood 

circulation (Peluso et. al, 2014). Therefore, serum AMH levels can be assessed clinically, 

and are especially useful in IVF treatments where it has been determined that serum AMH 

correlates highly with the antral follicle count, number of oocytes retrieved and pregnancy 

outcomes (Yilmaz et. al, 2013). Furthermore, AMH has been deemed a reliable marker 

of ovarian reserve because, unlike other commonly used ovarian reserve markers, AMH 

expression does not fluctuate throughout the menstrual cycle (Fleming et. al, 2015). 

Peak levels of AMH occur in females at puberty, when there are about 400,000 

primordial follicles in the reserve and declines until menopause is reached and the ovarian 
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reserve is diminished (Anderson et. al, 2012; McGee and Hsueh, 2000). AMH expression 

does not only represent the ovarian reserve in humans, but research has shown that AMH 

levels in the plasma and follicular fluid of cattle also correlates significantly with the antral 

follicle count (Stojsin-Carter et, al, 2016).  

The highest AMH expression by the granulosa cells of the follicle are produced 

from the cells closest to the oocyte, which develop into the cumulus cells (Peluso et. al, 

2014). Therefore, alterations in AMH expression may give great insight into oocyte 

maturation and early embryonic development both in vivo and in vitro.  

 

Anti-Müllerian Hormone Receptor (AMHR) 

The gene for Anti-Müllerian hormone receptor type II (AMHRII) was first cloned in 

1994 from male Sertoli cells and was linked to AMH signalling while studying a mutation 

in a male patient with persistent Müllerian duct syndrome. The human AMHRII is divided 

into i) an extracellular domain, that binds to the ligand; ii) a short single transmembrane 

domain and iii) an intracellular domain. The latter two domains are responsible for 

serine/threonine kinase activity (Josso & Clemente, 2003).  

As mentioned, AMH belongs to the TGF-ß family of glycoproteins and therefore 

functions by binding to a heterodimeric receptor on the cell surface, in this case AMHRI 

and AMHRII components. Once AMH binds to its receptor, AMHR2II activates the 

downstream transcription factors called SMADs. Phosphorylated SMADs can alter gene 

transcription, apoptosis and regression of the Müllerian duct in the male fetus (Anttonen 

et. al, 2011). There are 3 subcategories of SMAD transcription factors that are all apart 

of TGF-ß signalling, however, SMAD-1, SMAD-5 and SMAD-8 are the chief participants 



 

 

 
 

27 

in AMH/AMHRII signalling, with SMAD-4 as a common mediating factor (Poole et. al, 

2016; Kristensen et. al, 2014). 

As the TGF-ß family signalling is critical for follicle development and 

communication between oocyte and granulosa cells, AMH and its receptor play key roles 

during these processes. Specifically, AMHRII expression was greatest in bovine 

granulosa cells isolated from follicles of about 5-8mm in diameter. This matches the 

follicle diameter in which peak AMH expression was previously mentioned to occur (Poole 

et. al, 2016; La Marca et. al, 2010). In addition, when AMHRII levels were assessed in 

different subspecies of cattle, AMHRII expression in granulosa cells was linked to oocyte 

number, correlating AMH function to the follicle stage (Stojsin-Carter et, al, 2016). 

 

Endocrine Disrupting Chemicals: Implications on AMH 

With such a significant link between AMH and early follicle development, it follows 

that alterations to AMH expression and signalling may in turn have repercussions on 

follicle growth and ultimately the ovarian reserve.  

In a study assessing women’s exposure to the endocrine disrupting chemicals 

known as polychlorinated biphenyls (PCBs), Whitworth et. al (2015) found there was a 

decrease in AMH levels in women with higher plasma PCB levels. Additionally, the 

endocrine disrupting chemical methoxychlor was shown to inhibit folliculogenesis and 

alter AMH expression rat ovaries (Uzumcu et. al, 2006). Urinary BPA levels in women 

undergoing fertility treatments were correlated to a decreased antral follicle count, and 

therefore decreased ovarian reserve (Souter et. al, 2013). Evidently, endocrine disruptors 
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may severely impact follicle growth and maturation through altering AMH and can likely 

impact oocyte maturation and competency.  

 

Apoptosis & Embryonic Arrest 

Apoptosis, typically referred to as programmed cell death, is a multi-step process 

in which a cell commits suicide (Figure 4). This process begins with plasma membrane 

blebbing, phosphatidylserine exposure and nuclear shrinkage. This is followed by 

chromatin condensation, formation of apoptotic bodies and reactive oxygen species 

(ROS) and phagocytosis of the cell. These processes are mediated by cysteinyl 

aspartate-specific proteases, called caspases (Kitazumi & Tsukahara, 2010). Caspases 

can be separated into initiator caspases, which initiate apoptosis, and effector caspases, 

that execute apoptosis. In mammals, caspase-9 initiates apoptosis by associating with 

mitochondrial cytochrome c to form the apoptosome complex. Activation of caspase-9 

and permeabilization of the mitochondrial outer membrane, activates the effector 

caspases, caspase-3 and caspase-7, which allows for DNA fragmentation and cell 

shrinkage (Brentnall et. al, 2013).  

 



 

 

 
 

29 

                     

Figure 4. Apoptosis cascade summary (Pizem & Andrej, 2003). 

 
Apoptosis is a key regulatory process in development and tissue homeostasis, 

especially during embryonic development. During the preimplantation stages, developing 

embryos will undergo cell death that can either be necessary for normal development or 

pathological (Leidenfrost et. al, 2011).  

In human and porcine embryos, apoptosis has been detected in developing 

embryos as early as the 2-cell stage, however, only through the early apoptosis indicator 

of phosphatidylserine (PS) externalization (Bakri et. al, 2016). Final stages of apoptosis, 

where DNA fragmentation occurs, can be detected using the terminal deoxynucleotidyl 

transfer-mediated dUTP nick end-labeling (TUNEL) assay. In bovine embryos, the 

TUNEL assay has only been able to detect DNA fragmentation from the 8-cell stage 

onwards. In several studies in cattle, mouse and human, cell death is almost always 
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detected at the blastocyst stage, and the amount of fragmentation correlates to the cell 

number and quality of the blastocyst (Hao et. al, 2003).  

While baseline levels of apoptosis at the blastocyst stage are necessary for the 

removal of damaged or unwanted cells, apoptosis may be increased to pathological levels 

by environmental stressors or exposure to xenobiotic chemicals. Oocyte exposure to 

endocrine disruptors, such as bisphenol A, resulted in increased percentages of DNA 

damage and apoptosis in blastocysts, as well as increased reactive oxygen species, 

which may in turn contribute to the induction of apoptosis (Ferris et. al, 2016; 

Chatzicharalampous et. al, 2018). Additionally, embryos produced in vitro have greater 

incidences of apoptosis, which contributes to the increased embryo loss during in vitro 

production. Studies have shown that human preimplantation embryos display high levels 

of apoptosis and developmental arrest during the first week of in vitro development (Hao 

et. al, 2003).  

Embryo developmental arrest is a concept that is closely linked to cellular 

senescence. Cellular senescence is a stable form of cell cycle arrest that is associated 

with aging and/or in response to DNA damage (Betts & Madan, 2008; Li et. al, 2018). 

Senescence in vitro is defined by proliferating somatic cells that irreversibly terminate 

their ability to replicate after a fixed number of population doublings (Favetta et. al, 

2007a).  Senescent cells in a developing embryo are non-proliferative and might 

eventually die via apoptosis in the late developmental stages (Li et. al, 2018). Permanent 

embryonic arrest, however, may occur at early cleavage stages in which apoptosis has 

not been detected and therefore may also be independent of apoptosis (Betts & Madan, 

2008). Studies have also shown that premature cellular senescence may occur when 
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there is increased oxidative stress. Cultured embryos with significantly greater levels of 

intracellular ROS display increased percentages of permanent embryo arrest (Favetta et. 

al, 2007b).  

While senescence has been suspected of playing a role in normal programmed 

development and may be detected in many different locations throughout an embryo, it 

is more commonly associated with pathological conditions (Storer et. al, 2013). Whether 

developmental arrest occurs due to “normal” development, suboptimal developmental 

conditions, or due to exposure to external factors such as EDCs, we need a better 

understanding of the causes and mechanisms of this arrest. 
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RATIONALE & HYPOTHESIS 

In humans, infertility is typically defined as the lack of conception after one year of 

sexual intercourse without contraception. A recent study determined roughly 11-16% of 

couples in Canada experience infertility and the use of assisted reproductive technology 

has increased significantly over the past 10 years (Bushnik et. al, 2012). While many of 

these cases may be due to genetic, infectious or anatomical irregularities, in recent years 

there has been an increasing concern for the impact of hormonal disruption by endocrine 

disrupting chemicals on male and female fertility (Damjin et. al, 2009).  

Reproductive success relies on countless factors such as proper endocrine 

function, a sustainable environment for oocyte maturation and embryo development, and 

a variety of signalling pathways and transcription factors. Despite significant progress in 

the field of human fertility, there are still cases of infertility with unknown or under-

considered origins. Recently there has been an increased interest on the effects of 

environmental factors on all aspects of human and animal health. There is evidence in 

the literature providing insight into the daily risks of toxin exposure.  

As the use of endocrine disrupting chemicals has increased in products such as 

food containers, medical equipment and personal care products, human and animal 

exposure has increased as well. As steroid hormone receptors are a major target of 

endocrine disruptors, chemicals that target these hormones play a major role in 

reproductive disfunctions. One of the most commonly used endocrine disrupting 

chemicals is Bisphenol A (BPA), an agonist of the estrogen receptor. This plasticizer is 

present in countless products making exposure widespread and chronic (Rubin, 2011). 
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As its toxicity became better understood, BPA is now commonly replaced by its analogs, 

such as BPS. Thus, the need to ensure that these replacements are safe is evident.  

While the most commonly reported mechanism of action of BPA is through its 

function as a xenobiotic estrogen, research from our lab suggests it may act through 

additional routes such as altering micro-RNA or gap junction expression (Apps et. al, 

unpublished; Sabry, 2019). Documented research has also shown that BPA can have 

genomic effects through its affinity for the G-protein coupled estrogen receptor (GPER1) 

(Pouzaud et. al, 2018; Carmeci 1997). While the possible effects of BPA are countless, 

one common conclusion in the literature is that BPA does in fact have consequences on 

fertility and embryonic development.  

Previous experiments from our laboratory showed that BPA affects oocyte 

maturation and embryonic development, impairs spindle formation, alters gene 

expression levels, increases apoptosis in blastocysts and skews blastocyst sex ratio 

(Ferris et. al, 2015; Ferris et. al, 2016). While research on the effects of BPS are limited, 

there is great concern for BPS exposure as it is used increasingly and without regulation 

(Eladak et. al, 2015). The very few studies that have assessed the impact of BPS 

treatment on oocyte maturation, have determined similar effects to that of BPA, including 

altered meiotic cell cycle, changes in estrogen receptors and failure of tubulin fibre 

formation (Zalmanova et. al, 2017). Thus, it is clear that BPA and BPS have serious 

implications on early embryonic development and there is need for greater understanding 

of these effects.  

When assessing oocyte competence, a component that is well-established in the 

literature for its importance in supporting oocyte competence, is AMH and its receptor. 
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AMH regulates oocyte maturation and affects communication with its surrounding 

cumulus cells (Poole et. al, 2016). AMH also has a significant role as a marker of fertility 

and it is an indicator of ovarian reserve (Yilmaz et. al, 2013). As BPA affects oocyte 

competence and AMH is a main factor during oocyte maturation, the relationship between 

AMH and endocrine disrupting chemicals warrants further investigations.  

Thus, the hypothesis of my project is: BPA and/or BPS affect oocyte 

competence and induce changes in AMH and AMHRII at the mRNA and protein 

levels during oocyte maturation & early embryo development. 

The hypothesis was tested through the following objectives: 

1. Quantify mRNA and protein expression of AMH and its receptor (AMHRII) in 

bovine cumulus-oocyte complexes, denuded oocytes and their corresponding 

cumulus cells, after maturation in 0.05 mg/mL of BPA or BPS in vitro. 

2. Quantify changes in blastocyst AMH and AMHRII expression after BPA and BPS 

treatment (0.05 mg/mL), as well as the effect of these treatments on blastocyst 

development and sex ratio. 

3. Quantify the level of apoptosis and embryonic arrest, during maternal-to-

embryonic transition and development to the blastocyst stage, after treatment with 

0.05 mg/mL of BPA and BPS.  
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CHAPTER ONE: THE EFFECT OF BPA AND BPS ON AMH AND AMHR2II 
EXPRESSION IN BOVINE IN VITRO MATURED OOCYTES 
 
1.1 Abstract 

Exposure to endocrine-disrupting chemicals, such as Bisphenol A (BPA) and 

Bisphenol S (BPS), has repercussions on oocyte maturation. Previously, our laboratory 

demonstrated that exposure of in vitro produced bovine oocytes to BPA resulted in 

spindle abnormalities, altered meiosis, and decreased blastocyst rates. Similar effects of 

BPS, however, have not yet been thoroughly investigated. Anti-Müllerian Hormone (AMH) 

is a marker of ovarian reserve and plays critical roles in oocyte development and 

communication with cumulus cells. Upon this basis, we decided to investigate alterations 

in AMH, and its receptor (AMHRII) at the mRNA and protein level in bisphenol-treated 

oocytes. Bovine oocytes, collected as COCs, denuded oocytes and their corresponding 

cumulus cells, were matured in vitro in four groups: control, vehicle, BPA, and BPS. AMH 

and AMHRII mRNA levels were measured using quantitative real-time PCR and protein 

levels were quantified by western blotting. At the mRNA level, AMH expression was 

significantly decreased (p<0.01) in BPA-treated COCs and oocytes, however, no 

significant changes occurred in any BPS treated groups. Contrarily, AMHRII expression 

was significantly increased (p<0.01) in BPS treated COCs and BPA treated cumulus cells. 

Western blotting analyses showed that AMH protein expression significantly decreased 

(p<0.05) in BPA-treated oocytes and cumulus cells, but not COCs. AMHRII protein 

expression was significantly increased (p<0.05) in BPA-treated COCs, oocytes and 

cumulus cells. No significant effects were seen at the protein level in groups treated with 



 

 

 
 

36 

BPS. These findings suggest that BPA, and BPS to a lesser extent, can alter AMH and 

AMHRII expression which may have substantial impact on oocyte development.  
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1.2 Introduction 

The success of an oocyte in completing its maturation, and eventual development 

into an embryo, is reliant on its earliest stages of development. During the process of 

folliculogenesis, an oocyte growing within the follicle becomes surrounded by increasing 

layers of granulosa cells. These cells eventually differentiate into mural and cumulus cells 

(Arujo et. al, 2014). Cumulus cells in particular have an important function in oocyte 

maturation as they are situated directly around the oocyte. This close proximity allows 

them to communicate with the oocyte in order to provide nutrients and to transfer protein 

and transcripts (Telfer & McLaughlin, 2007; Zhou et. al, 2016). 

Receptors within these cells, such as FSH receptors, also allow for progression of 

oocyte maturation and follicle growth (Cox & Tavok, 2019). An important receptor within 

the cumulus cells is the anti-Müllerian hormone receptor (AMHRII). In the cumulus cells, 

anti-Müllerian hormone (AMH) acts through its receptor to progress oocyte growth until 

the antral follicle stage. Therefore, as members of the TGF-ß family, AMH and its receptor 

are also important for communication between the oocyte and surrounding cumulus cells, 

and thus, alterations of either AMH or AMHRII may have consequences on this vital 

communication (Poole et. al, 2016). 

Such alterations may have multiple causes, including hormonal disruptions by 

endocrine disrupting chemicals (EDC). The well-known and widespread EDC known as 

Bisphenol A (BPA), is a ubiquitous compound that is associated with numerous 

reproductive disorders. While the general use of BPA is still widespread, it is slowly 

decreasing over the past 10 years, as it has been proven to have health consequences 
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for humans and animals. BPA has more recently been replaced in plasticizers by its 

analogs, such as Bisphenol S (BPS) (Rubin, 2011; Nevoral et. al, 2019).  

Particularly, BPA and BPS treatment of in vitro matured bovine and porcine 

oocytes has shown the capabilities of these bisphenols to disrupt or even diminish oocyte 

maturation and meiotic progression (Ferris et. al, 2015; Guo et. al, 2017). BPA effects on 

oocyte maturation have been widely studied, however knowledge of the effects of BPS is 

still lacking. 

As BPA and BPS can evidently impact oocyte maturation, it is important to uncover 

their mechanisms of action. Studies have reported bisphenols’ effects on spindle and 

tubulin fibre formation, oxidative stress and on the estrogen receptor, however, these 

findings are not always conclusive and do not explain all the consequences of BPA 

exposure (Ferris et. al, 2015; Guo et. al, 2017). Therefore, our study investigating a 

possible role of bisphenols on AMH and its receptor during oocyte maturation and early 

embryonic development can highlight a parallel mode of action of BPA and/or BPS 

compared to the more traditional and well-studied avenues.   

While a direct link between BPA and AMH has not been established yet, 

epidemiological studies in fertility clinics have shown that women possessing greater 

levels of urinary BPA, also had a decreased antral follicle count, indicative of a smaller 

ovarian reserve, which is linked to low AMH expression. As AMH is a gold-standard 

marker of ovarian reserve, we could speculate that BPA may have an effect on the ovarian 

reserve and the oocytes maturing within this reserve, through the alteration of AMH 

(Souter et. al, 2013). Thus, assessment of the effects of BPA, and its analogs, on AMH 

expression and function may give some insight into altered oocyte maturation as well as 
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provide a clinical tool for assessing additional causes of infertility and diminished ovarian 

reserve. 
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1.3 Materials and Methods  

Experimental design 

 

Figure 5. AMH and AMHRII quantification outline in in vitro matured bovine oocytes. Brief 
outline of objective 1 measurements. 

 

Oocyte aspiration and in vitro maturation  

Bovine (Bos taurus) ovaries from a local abattoir (Cargill Meat Solutions, Guelph, 

ON, Canada) were aspirated to retrieve the cumulus oocyte complexes (COCs) from 

within the follicles, into a vacutainer tube with 1 mL of incubated collection medium. This 

Treatment groups:
Control 

Vehicle (0.1 % ethanol)
BPA (0.05 mg/mL in 0.1 % ethanol)
BPS (0.05 mg/mL in 0.1 % ethanol)

- 30 collected as mature COCs
- 30 mature COCs denuded for individual oocytes

- Corresponding cumulus cells collected from the 30 
denuded oocytes

Total RNA extraction and 
reverse transcription from 
each of the groups above 

(pools of 30)

mRNA quantification by 
qPCR

Total protein extracted 
from each of the groups 

above (pools of 30)

Protein quantification by 
western blotting

In vitro maturation (60 
oocytes per group)
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medium consisted of 1M HEPES 52 (Sigma Aldrich, Oakville, Canada; H3375)-buffered 

Ham's F-10 (Sigma Aldrich N6635) supplemented with 2% steer serum (Cansera 

International Inc., Etobicoke, Canada), heparin (2 IU/mL) (Sigma Aldrich H3149), sodium 

bicarbonate, and penicillin/streptomycin (1%) (Gibco, 15140-122). Under a dissecting 

microscope, COCs were collected and washed in a 35 mm Nunc dish containing serum 

in vitro maturation medium (S-IVM) consisting of HEPES buffered TCM199 (Sigma 

Aldrich M4530) supplemented with 2% steer serum and sodium pyruvate (Sigma Aldrich 

P4562). Oocyte quality was assessed and those oocytes with a dark cytoplasm and tightly 

packed cumulus cells were selected, washed again in S-IVM, and were randomly divided 

between the four treatments in groups of 60 COCs.  

Each group of COCs was washed in a 4-well Nunc dish with the first two wells 

consisting of S-IVM supplemented with hormones (S-IVM + H) prepared as follows: 10 

μL of LH (1 μg/mL – NIH, California, United States; AP117438), 12.6 μL of FSH (0.5 

μg/mL - Follitropin V; Vetoquinol, Quebec, Canada; 00867357), 10 μL of Estradiol (1 

μg/mL – Sigma Aldrich E2785), and 800 μL of Fetal Bovine Serum (FBS) (10% - Gibco, 

Whitby, Canada 12483-020). After two washes in S-IVM + H, the groups were then 

washed in the second two wells of the 4-well plate in S-IVM + H with the treatment added.  

The treatment groups were prepared as follows: the control group contained S-

IVM + H alone, the vehicle group contained 2.5 μL of 0.1% ethanol, and BPA and BPS 

groups contained 2.5μL of BPA (Sigma Aldrich 239658) and BPS (Sigma Aldrich 43034) 

dissolved in 0.1% ethanol for a final concentration of 0.05 mg/mL.  

After being washed twice in their respective treatment groups, the 60 oocytes were 

then placed in micro-drops of 80 μL of the S-IVM + H + treatment that was covered with 
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mineral oil (Sigma Aldrich M5310). These drops were then placed in an incubator at 

38.5°C in 5% CO2 to mature for 24 hours.  

After 24 hours, 30 COCs were removed and washed three times in sterile 

phosphate buffered saline (PBS) (Multicell, Wisent Bioproducts, Quebec, Canada; 311-

010) with 0.01% polyvinyl alcohol (PVA) (Sigma Aldrich P8136) in 4-well dishes and 

placed in a tube to be snap-frozen in liquid nitrogen. The remaining 30 COCs were 

transferred into a well containing 500μL of hyaluronidase from Bovine Testes (Sigma; 

H3506-1G) for enzymatic and mechanical removal (via micropipette) of the cumulus cells. 

These oocytes were then washed 3 times in PBS + 0.01% PVA and placed in a tube to 

be snap-frozen in liquid nitrogen as well.  

Finally, the remaining cumulus cells were immediately removed from the 

hyaluronidase after being stripped from the oocytes, placed in a 1.5 mL tube with PBS + 

0.01% PVA and centrifuged at 10,000 rpm for 5 mins to pellet the cells. The pellet was 

washed once more in fresh PBS + 0.01% PVA to ensure removal of hyaluronidase and 

snap-frozen in liquid nitrogen. A minimum of three biological replicates were collected, 

and the frozen tubes were stored in a -80°C freezer until used.  

 

Dose response curves and in vitro embryo production 

In order to ensure the LOAEL dose of 0.05 mg/mL (Peretz et al., 2012) was 

physiologically relevant, dose response curves were performed for both BPA and BPS. 

Rather than maturing oocytes in the previously mentioned 4 groups, COCs were matured 

in 6 groups: Control, Vehicle, 0.0005 mg/mL (100x less than LOAEL), 0.005 mg/mL (10x 

less than LOAEL), 0.05 mg/mL (LOAEL) and 0.5 mg/mL (10x greater than LOAEL).  
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In vitro maturation (IVM) and fertilization (IVF): 

The above-mentioned method of collection was performed and COCs were 

matured in 80μL droplets of each of the 6 treatment groups. After maturation at 38.5°C in 

5% CO2, COCs were washed twice in 600μL of HEPES with Bovine Serum Albumin (BSA) 

(Sigma Aldrich A8806) and twice in 600μL of BSA-supplemented IVF TALP (Tyrode 

albumin lactate pyruvate). From this last wash, COCs were placed in 80μL droplets of the 

same IVF-TALP + BSA and protected under mineral oil in an incubator at 38.5°C and 5% 

CO2.  

Two straws of Bos taurus semen (Semex, Guelph, ON), were thawed in a water 

bath at measured at 37°C and emptied into a 5 mL tube. After assessment of motility in 

the sample, 80μL of sperm was pipetted to the bottom of two tubes containing 1.5 mL of 

HEPES Sperm TALP supplemented with 15% BSA and incubated at 38.5°C and 5% CO2 

for 45 minutes. Following the swim-up protocol, the motile sperm were aspirated from the 

top of each tube, centrifuged for 6 minutes, and resuspended in IVF TALP fertilization 

media supplemented with 15% BSA. Subsequently, the sperm suspension was added 

into each IVF droplet at a concentration of 1 x 106 sperm cells/mL/drop. Oocytes were 

incubated with the sperm at 38.5°C and 5% CO2 in the treatment groups for 18 hours.  

In vitro culture (IVC): 

After 18 hours of incubation with the sperm, oocytes were considered presumptive 

zygotes (PZs). Presumptive zygotes were mechanically stripped of any remaining 

cumulus cells and sperm, then washed 3 times in HEPES Sperm TALP in a 4-well Nunc 

dish. In the remaining well, the PZs were washed in Synthetic Oviductal Fluid (SOF) 

medium supplemented with freshly prepared sodium pyruvate, essential and non-
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essential amino acids (Sigma Aldrich M5550; Sigma Aldrich M7145), Gentamicin (Sigma 

Aldrich G1272), 15% BSA and 2% FBS. PZs were then placed in 30μL droplets of the in 

vitro culture medium (IVC medium) and covered with mineral oil in a low oxygen (5% O2) 

incubator during the cleavage stages and development up to day-8 blastocysts. Cleavage 

and blastocyst rates were recorded ~40 hours and 8 days, respectively, post-fertilization.  

 

RNA Extraction and Reverse Transcription 

From each of the four treatment groups (Control, Vehicle, BPA and BPS), total 

RNA was extracted from the frozen COCs, denuded oocytes and cumulus cells using the 

Qiagen RNeasy Plus Micro Kit (Qiagen, Toronto, ON) following a modified version of the 

protocol from the manufacturer. As the level of RNA extracted from these samples is too 

low to quantify, the groups were all extracted as similar groups of 30 COCs, 30 denuded 

oocytes and corresponding cumulus cells per tube.  

To each sample, 350μL of Buffer RLT Plus was added and the tubes were vortexed 

for 30 seconds. This contains detergents that allow the genomic DNA to bind to the gDNA 

Eliminator spin column. Samples were then transferred to a gDNA Eliminator spin column 

placed in a 2 mL collection tube and centrifuged for 30 seconds at 10,000 rpm. As the 

genomic DNA bound to the spin column, it was eliminated from the sample. The spin 

column was then discarded and 350μL of 70% ethanol was added to the flow-through. 

This solution was transferred to a RNeasy MinElute spin column placed in a 2 mL 

collection tube. The ethanol allowed the RNA to bind to the RNeasy MinElute spin column. 

The RNeasy MinElute column and tube were centrifuged for 15 seconds at 10,000 rpm 

and the resulting flow-through was discarded as the RNA was bound to the column.  
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Into the same column, 700μL of Buffer RW1 was added and the tube was 

centrifuged for 15 seconds at 10,000 rpm. Buffer RW1 removes biomolecules such as 

proteins that are non-specifically bound to the membrane. Again, the flow-through was 

discarded after centrifugation, and 500μL of Buffer RPE was added to the column. Buffer 

RPE removes traces of salts in the column and washes the membrane-bound RNA. The 

column containing the sample and Buffer RPE was centrifuged for 15 seconds at 10,000 

rpm. The flow-through was again discarded and 500μL of 80% ethanol was added to the 

column to wash the membrane. This was centrifuged for 2 minutes at 10,000 rpm and the 

collection tube, along with the flow-through, was discarded. Next, the column was placed 

in a new 2 mL collection tube and centrifuged at 13,000 rpm for 5 minutes to dry the 

membrane. Finally, the column was transferred to a new 1.5 mL collection tube and 17μL 

of RNase-free water was added directly to the center of the spin column membrane. This 

was centrifuged for 1 minute at 13,000 rpm to elute the RNA. 

As RNA levels in oocytes are low, concentrations were not measured in order to 

avoid wasting the little RNA present. To assure reproducibility, all samples were reversed 

transcribed consistently in groups of 30. RNA was reverse transcribed into 

complementary DNA (cDNA) by adding 4μL of QuantaBio qScript cDNA SuperMix (VWR, 

Mississauga, Canada; 95048) to the 16μL of RNA that was eluted. The tubes were placed 

in a T100 Thermal Cycler (BioRad, Mississauga, ON) for the reaction to take place. 

Samples were stored at -20°C until needed for qPCR use. Additionally, a group of 300 

oocytes was reverse transcribed and diluted to a concentration of 3 oocytes/μL in order 

to function as a calibrator for each qPCR plate and to perform standard curves. 
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Quantitative Polymerase Chain Reaction (qPCR) 

Quantitative real-time polymerase chain reaction (qPCR) was used to measure 

AMH and AMHRII mRNA expression profiles using a CFX96 Touch Real-Time PCR 

Detection System (BioRad). Four biological replicates were analyzed for each target and 

housekeeping gene listed in Table 1. Glyceradehyde-3-phosphate dehydrogenase 

(GAPDH) and peptidylprolyl isomerase A (PPIA) were used as housekeeping genes 

based on previous studies performed in our laboratory showing that these reference 

genes are not affected by the treatments (Ferris et. al, 2016; Kahlon, 2016).  

Each mRNA target was amplified using SsoFast EvaGreen supermix (Biorad 

1725201). Each master mix contained 5μL of EvaGreen, 2μL of RNase-free water and 

1μL of a working dilution of the forward and reverse primers (25 μM) to obtain the final 

volume of 8μL. After pipetting the master mix into each well, 2μL of cDNA was added to 

the well and analyzed using the following protocol: 95°C for 5 minutes to activate the 

EvaGreen, followed by 44 cycles of denaturation at 95°C for 10 seconds, annealing at 

60°C for 10 seconds and elongation at 72°C for 10 seconds. After the 44 cycles, the 

samples underwent acquisition of fluorescence at 95°C for 10 seconds, ending with the 

melt curve acquisition from 72-95°C by 0.5°C increments and the final plate reading.  

A standard curve was created for each primer set using oocyte cDNA from a group 

of 300 oocytes as mentioned above. Seven serial dilutions were used to determine the 

efficiency of each primer set. Efficiency values were accounted for in the gene expression 

analysis of the qPCR results. The same cDNA was used as a calibrator to control for 

inter-run variation. Additionally, all samples were run in technical triplicates on each plate. 
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Table 1. qPCR Primers 

Gene 
Reference 

Name 

Gene Full 
Name 

Product 
Size 
(bp) 

GenBank 
Accession # 

Primer Sequence – Forward 
and reverse (5’-3’) 

Efficiency 
(%) 

References 

AMH Anti-Müllerian 
Hormone 

270 NM_173890.1 F: CAGGGAAGAAGTCTTCAGCA 
R: AAGGTGGTCAAGTCACTCAG 

104.4 - Stojsin-Carter et. 
al, 2016 

AMHRII Anti-Müllerian 
Hormone 
Receptor Type 
II 

163 NM_001205328.1 F: GTGCTTCTCCCAGGTCATAC 
R: AATGTGGTCATGCTGTAGGC 

101.5 - Stojsin-Carter et. 
al, 2016 

GAPDH Glyceraldehyde-
3-phosphate 
dehydrogenase 

153 NM_001034034.2 F: TTCCTGGTACGACAATGAATTTG 
R: GGAGATGGGGCAGGACTC 

99.5 - Ferris et. al, 
2016 
 

PPIA Peptidylpropyl 
isomerase A 

111 NM_178320.2 F: TCTTGTCCATGGCAAATGCTG 
R: TTTCACCTTGCCAAAGTACCAC 

103.7 - Ferris et. al, 
2016 

 

Western Blotting 

Quantification of AMH and AMHRII protein in COCs, denuded oocytes and 

cumulus cells in each of the four treatment groups was performed by western blotting. 

For all blots, beta actin (Cell Signalling Technology, Whitby, Canada; 4967) was used as 

a loading control and densitometry measures performed using the Bio-Rad Image Lab 

software were analyzed as a ratio to beta actin expression. Beta actin was selected as a 

loading control as studies in the literature have determined that its expression is not 

altered by BPA treatment (Boucher et al, 2014). Refer to the Appendix for all materials 

used in this protocol.  

Protein Extraction and Gel Preparation: 

 Sample groups were thawed from the -80°C freezer and lysed using 20μL of a 

solution consisting of radioimmunoprecipitation assay (RIPA) buffer and protease 

inhibitors (Biotool, Florida, United States; B14001 and B15001). This was followed by a 

freeze-thaw cycle in liquid nitrogen, repeated 4 times. Then, the tubes were placed in a 

water bath sonicator for 30 minutes followed by centrifugation at 12,000 at 4°C for 10 

minutes. The protein was isolated by aspiration of the supernatant and the pellet was 
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discarded. Equal volumes of 3X reducing buffer with β-mecaptoethanol (Sigma Aldrich 

M6250) were added to each tube and samples were either stored in -80°C overnight or 

used right away. Polyacrylamide gels (12%) were prepared using Bio-Rad standard gel 

recipes and kept in a 4°C refrigerator until needed. Gel cassettes were wrapped in moist 

paper towels and stored for a maximum of 24 hours before use.  

Running and Transfer: 

 Proteins containing reducing buffer and β-mecaptoethanol were heated at 90°C 

for 6 minutes to denature disulfide bonds and reduce tertiary and quaternary proteins. 

During this time, 1X running buffer was diluted from a 5X stock containing Tris, Glycine, 

SDS and water. Samples were run on the 12% gel in an Invitrogen wet transfer western 

blot apparatus (Invitrogen, Burlington, ON) at 125V for 2 hours. The gel was then placed 

in a transfer chamber full of cold 1X transfer buffer prepared from a 25X stock of Tris, 

Glycine and water and was run at 25V for 3 hours in order to transfer the protein onto 

nitrocellulose paper (Biorad 1620115).  

Antibody Incubation and Imaging:  

After the transfer, nitrocellulose blots were washed twice in Tris buffered saline pH 

7.6 with 0.1% Tween (Thermo Fisher Scientific, Whitby, Canada; BP337) (TBST) for ten 

minutes per wash. Blots were then ponceau stained to ensure the protein had transferred. 

Next, the blots were blocked for 1 hour in 5% skim milk in TBST and the primary 

antibodies were prepared. Primary antibodies were incubated on the blots at 4°C 

overnight; AMH at 1:500 (Abcam, Cambridge, United States; ab229212) and AMHR2 

1:2000 (Abcam; ab197148).  
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The next day, the primary antibody was removed, blots were washed three times 

in TBST and the secondary antibody, antirabbit IgG HRP-linked antibody (Cell signaling 

Technology, Whitby, Canada; 70745), was incubated on the blots at 1:5000 for one hour. 

The blots were then washed three times in TBST and incubated with Clarity Western ECL 

Blotting Substrate (Bio-Rad 170-5060) for 5 minutes. After this, the blots were imaged on 

a ChemiDoc XRS + Imaging System (Bio-Rad) and relative protein quantification was 

measured. 

 

Statistical Analyses 

Statistical analyses were performed on all data sets using GraphPad Prism 6 and 

SPSS statistics softwares. qPCR expression levels were measured and normalized 

relative to the housekeeping genes using the delta delta Ct method. Western blot protein 

expression levels were normalized as a ratio to the loading control expression levels. 

Before assessing statistical differences, each set of data were analyzed for 

normality using Kolomogorov-smirnov and Shapiro wilk tests. If the data were normally 

distributed, one-way analysis of variance (ANOVA) was used. If the data were not 

normally distributed, a Kruskal-wallis test was used. There was a minimum of three 

biological replicates analyzed per data set. Statistical significance was defined as a p-

value less than 0.05 (p<0.05). Tukey’s post-hoc test was also used on significant data 

sets to compare differences between each treatment group.  
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1.4 Results  

Dose response curves 

COCs matured for 24 hours in vitro were treated with BPA or BPS in serial 

dilutions. They were then fertilized and cultured to the blastocyst stage. Both cleavage 

and blastocyst rates were recorded for four biological replicates with each biological 

replicate consisting of 55-75 oocytes per group (Figures 6 and 7). Cleavage was 

assessed at 40 hours post fertilization, while blastocyst development was recorded at 8 

days post fertilization. Treatment groups included: Control, Vehicle (0.1% ethanol), 

0.0005 mg/mL (100x less than LOAEL), 0.005 mg/mL (10x less than LOAEL), 0.05 mg/mL 

(LOAEL) and 0.5 mg/mL (10x greater than LOAEL). The cleavage and blastocyst rates 

of each dose were compared to the control and vehicle groups.  

Bisphenol A: 

In Bisphenol A (BPA) treated oocytes, the cleavage rate was significantly reduced 

in the 0.05 mg/mL group (p<0.01) and the 0.5 mg/mL group (p<0.01) (Figure 6). Fertilized 

oocytes in the 0.5 mg/mL group did not show signs of cleavage and therefore this dose 

was considered lethal to the oocytes. No significant effects occurred in doses lower than 

the LOAEL (0.05 mg/mL). Blastocyst rates were significantly reduced in the 0.05 mg/mL 

(p<0.01) and 0.5 mg/mL (p<0.01) treatment groups, with no blastocysts produced at the 

highest dose.  

Bisphenol S: 

 In Bisphenol S (BPS) treated oocytes, the cleavage rate was significantly reduced 

only in the 0.5 mg/mL treatment group (p<0.01) (Figure 7). Despite the significant 

reduction, a small percentage of embryos cleaved at this high dose, suggesting that BPS 
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may not be lethal for the oocytes at the equivalent dose to the lethal dose of BPA. No 

blastocysts were obtained in any of the biological replicates when oocytes were treated 

with 0.5 mg/mL of BPS. Only this high dose had significantly reduced blastocyst rates in 

comparison to the control and vehicle groups (p<0.01). Moving forward, the 0.05 mg/mL 

dose of BPA and BPS was used for all experiments.  

 

 

 

Figure 6. Dose response curves of Bisphenol A (BPA) exposure in vitro. (A) Cleavage 
rate, (B) blastocyst rate over cleaved embryos, (C) blastocyst rate over total embryos. 
Oocytes matured in standard maturation media (Control), media + 0.1% ethanol 
(Vehicle), media + BPA 100X less than LOAEL (0.0005 mg/mL), media + BPA 10X less 
than LOAEL (0.005 mg/mL), media + BPA at LOAEL (0.05 mg/mL) or media + BPA 10X 
greater than LOAEL (0.5 mg/mL). *p<0.01 indicates statistical significance, error bars 
represent +/- SEM. 
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Figure 7. Dose response curves of Bisphenol S (BPS) exposure in vitro. (A) Cleavage 
rate, (B) blastocyst rate over cleaved embryos, (C) blastocyst rate over total embryos.  
Oocytes matured in standard maturation media (Control), media + 0.1% ethanol (Vehicle, 
media + BPS (0.0005 mg/mL), media + BPS (0.005 mg/mL), media + BPS (0.05 mg/mL) 
or media + BPS (0.5 mg/mL). *p<0.01 indicates statistical significance, error bars 
represent +/- SEM. 

 
 
mRNA expression in BPA and BPS treated oocytes 

AMH and AMHRII mRNA were quantified by qPCR in COCs, oocytes and cumulus 

cells in four biological replicates for each sample type. Relative quantification to GAPDH 

and PPIA reference genes was implemented. The effect of BPA and BPS on the mRNA 

levels of AMH and AMHRII in comparison to control and vehicle groups are displayed in 

Figures 8, 9 and 10.  
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AMH mRNA expression was significantly reduced (p<0.01) in BPA treated COCs, 

however, this effect was not seen in BPS treated COCs. On the other hand, AMHRII 

mRNA expression was increased in BPA and BPS treated COCs, however this effect was 

only statistically significant (p<0.01) in the BPS treatment group (Figure 8). 

In denuded oocytes, AMH mRNA expression was again significantly reduced 

(p<0.01) in the BPA group in comparison to the control group. AMHRII expression 

appeared to increase in BPA and BPS treated oocytes, however these increases were 

not significant (Figure 9).  

Finally, there were no significant changes in the AMH mRNA levels in BPA and 

BPS treated cumulus cells. There was, however, a significant increase (p<0.01) in 

AMHRII mRNA levels in cumulus cells when treated with BPA, but this was not seen with 

BPS treatment (Figure 10). 
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Figure 8. AMH (A) and AMHRII (B) mRNA levels in COCs after maturation for 24 hours 
in 0.05 mg/mL of BPA or BPS. Quantification is relative to housekeeping genes GAPDH 
and PPIA. *p<0.01 indicates statistical significance, error bars represent +/- SEM (n = 4). 

 
 
 

 

Figure 9. AMH (A) and AMHRII (B) mRNA levels in oocytes after maturation for 24 hours 
in 0.05 mg/mL of BPA or BPS. Quantification is relative to housekeeping genes GAPDH 
and PPIA. *p<0.01 indicates statistical significance, error bars represent +/- SEM (n = 4). 
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Figure 10. AMH (A) and AMHRII (B) mRNA levels in cumulus cells after maturation for 
24 hours in 0.05 mg/mL of BPA or BPS. Quantification is relative to housekeeping genes 
GAPDH and PPIA. *p<0.01 indicates statistical significance, error bars represent +/- SEM 
(n = 4). 
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Protein expression in BPA and BPS treated oocytes 

AMH and AMHRII protein levels were quantified in COCs, oocytes and cumulus 

cells in a minimum of three biological replicates. AMH and AMHRII proteins were 

quantified relative to the levels of the loading control, ß-actin. The effect of BPA and BPS 

on the protein expression of AMH and AMHRII in comparison to control and vehicle 

groups are displayed in Figures 11, 12 and 13. 

In COCs, AMH protein levels were not significantly altered in any of the treatment 

groups, however, AMHRII expression was increased in BPA and BPS-treated COCs 

(Figure 11). This increase was only statistically significant (p<0.05) in the BPA treatment 

group. When assessing the protein expression in denuded oocytes, AMH expression was 

significantly reduced (p<0.05) in oocytes when exposed to BPA and AMHRII expression 

was significantly increased (p<0.05) after BPA exposure (Figure 12). While there was a 

trend towards increased AMHRII expression in denuded oocytes after exposure to BPS 

(p=0.112), this increase was not statistically significant. Finally, the same trend of 

significance was observed in cumulus cells matured with BPA and BPS (Figure 13). There 

was a significant decrease in AMH protein expression (p<0.05) and a significant increase 

in AMHRII expression (p<0.05) in cumulus cells treated with BPA.   
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Figure 11. Western blot of AMH and AMHRII protein expression in COCs. A) 
Densitometric analyses of AMH expression relative to ß-actin expression. B) Western blot 
image of AMH expression and corresponding ß-actin expression. C) Densitometric 
analyses of AMHRII expression relative to ß-actin expression. D) Western blot image of 
AMHRII expression and corresponding ß-actin expression. BPA and BPS treatments are 
at doses of 0.05 mg/mL. Error bars represent +/- SEM (n = 4). 
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Figure 12. Western blot of AMH and AMHRII protein expression in Oocytes. A) 
Densitometric analyses of AMH expression relative to ß-actin expression. B) Western blot 
image of AMH expression and corresponding ß-actin expression. C) Densitometric 
analyses of AMHRII expression relative to ß-actin expression. D) Western blot image of 
AMHRII expression and corresponding ß-actin expression. BPA and BPS treatments are 
at doses of 0.05 mg/mL. Error bars represent +/- SEM (n = 4). 

 

 

                

Figure 13. Western blot of AMH and AMHRII protein expression in Cumulus cells. A) 
Densitometric analyses of AMH expression relative to ß-actin expression. B) Western blot 
image of AMH expression and corresponding ß-actin expression. C) Densitometric 
analyses of AMHRII expression relative to ß-actin expression. D) Western blot image of 
AMHRII expression and corresponding ß-actin expression. BPA and BPS treatments are 
at doses of 0.05 mg/mL. Error bars represent +/- SEM (n = 3).
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1.5 Discussion 

This study aims to address the ability of Bisphenol A and S to impact oocyte 

maturation, and thus competence, by affecting anti-Müllerian hormone (AMH) and its 

receptor (AMHRII). Achievement of this goal was attempted through the use of qPCR and 

western blotting to quantify AMH and AMHRII mRNA and protein levels, respectively.  

AMH is a well-known marker of the ovarian reserve and an important member of 

the TGFß family of glycoproteins (Visser et. al, 2005). While AMH, and its type II receptor, 

have been well established as critical players in follicle development and oocyte-cumulus 

cell communication, disruption of this signalling process by EDCs has not been 

characterized.  

Before assessing any alterations in mRNA and protein levels, the treatment dose 

of BPA and BPS, in which to mature the oocytes, was determined using a dose-response 

curve. The endpoints were the cleavage and blastocyst rates of fertilized oocytes matured 

in the US Environmental Protection Agency LOAEL dose of 0.05 mg/mL (derived from 50 

mg/kg x body weight/day), a dose 10 times greater (0.5 mg/mL), 10 times lower (0.005 

mg/mL) and 100 times lower (0.0005 mg/mL). 

These dose response experiments showed that the dose greater than the LOAEL, 

for both BPA and BPS, was lethal to the oocytes and therefore did not allow for analysis 

of the developmental effects of these compounds. Additionally, doses less than the 

LOAEL did not have significant effects on cleavage and blastocyst rates and therefore 

were unlikely to be physiologically relevant. While BPA effects at the LOAEL dose were 

detected at the cleavage and blastocyst stages, BPS did not display a similar effect. 

Despite no effects seen at 0.05 mg/mL of BPS, this dose was used for both treatment 



 

 

 
 

60 

groups, as BPS is used in the manufacturing industry at the same dose of BPA (Liao et. 

al, 2012b), confirming that the LOAEL dose has valuable in vivo translational implications. 

In addition, a higher dose of BPS did show developmental effects, but to the extent of 

being lethal as blastocyst development was completely inhibited.  

mRNA and protein analyses of AMH and AMHRII levels in BPA and BPS-treated 

oocytes displayed opposing effects with AMH expression typically decreased and AMHRII 

typically increased. Quantitative PCR data displayed significant reductions in AMH levels 

in BPA-treated cumulus-oocyte complexes (COCs) and denuded oocytes, however, this 

effect was not seen in cumulus cells or with BPS treatment. One plausible explanation for 

these results may be that the high toxicity of BPA destroys mRNA transcripts of AMH in 

the oocyte. AMH is not directly produced in the oocyte, it is produced by the surrounding 

cumulus cells (Peluso et. al, 2014). Therefore, AMH transcripts within the oocyte would 

likely be transported from the cumulus cells. BPA toxicity may be degrading the AMH 

within the oocyte and for the denuded oocytes there were no surrounding cumulus cells 

to supplement the oocyte.  

Markedly, as the total AMH expression in COCs was also reduced, it is possible 

that BPA also impacts the transport of AMH from the cumulus cells, into the oocyte. It is 

known that AMH is critical for oocyte-cumulus cell interaction, thus it is also possible that 

this transport is impaired due to BPA’s action on additional factors such as gap junctions 

between the cumulus cell and oocyte, which also allow for transport of compounds into 

the oocyte (Telfer & McLaughlin, 2007; Dumesic et. al, 2015).  

This effect might not have been observed in the cumulus cells because AMH is 

produced directly by cumulus-granulosa cells (Peluso et. al, 2014). We can speculate that 
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cumulus cells increased the AMH transcripts produced in order to compensate for the 

loss due to BPA treatment. Thus, AMH mRNA levels in cumulus cells would not have 

appeared altered by BPA treatment because of a compensatory production mechanism.  

Once a follicle reaches the end of pre-antral development, AMH expression is at 

its peak, however, this expression begins to decline as the follicle reaches the antral stage 

and FSH stimulation becomes dominant (Peluso et. al, 2014). Therefore, FSH can act as 

an inhibitor of AMH expression (Peluso et. al, 2014). In support of this concept, a study 

that cultured human cumulus cells with FSH, in order to inhibit AMH stimulation, found 

significant increases in AMH mRNA expression (Convissar et. al, 2017). These results 

demonstrate the ability of cumulus cells to increase AMH transcripts in order to 

compensate for loss due to inhibitory factors. This would support the observations in 

cumulus cells treated with BPA which did not present the same significant reductions in 

AMH mRNA expression as seen in the COCs and denuded oocytes of the same treatment 

group.  

Contrary to AMH mRNA changes, AMHRII mRNA levels were significantly 

increased in BPS-treated COCs, and in BPA-treated cumulus cells. While there was an 

increase observed in AMHRII mRNA in BPA and BPS-treated oocytes, variability in the 

expression levels resulted in lack of a significant p-value. Similar increases in AMHRII 

and decreases in AMH expression were observed at the protein level as well. In oocytes 

and cumulus cells there were significant decreases in AMH protein expression after BPA 

treatment, however not after BPS treatment. Additionally, there was a significant increase 

in AMHRII protein expression in COCs, oocytes and cumulus cells after BPA treatment 

only.  
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While it is possible that the AMHRII mRNA expression increased in order to 

compensate for the decreased AMH transcripts, alternative considerations may be 

feasible. The primary role of AMH in fetal development is pro-apoptotic. AMH acts on the 

AMHR type II in order to promote cell cycle arrest and apoptosis of the Müllerian ducts in 

the male fetus (Kim et. al, 2014). While AMHRII has primarily been associated with 

apoptosis in this respect, it may have a more wide-spread association with apoptosis in 

other tissues as well.  

A study that assessed AMH and AMHRII expression in granulosa cell tumors found 

that tumor cells were associated with low AMH mRNA levels. Additionally, they observed 

increased AMHRII expression in these tumor cells. They also showed that this increase 

was associated with increased apoptosis via positive correlation to caspase-3 expression 

(Anttonen et. al, 2011). AMHRII expression has also been linked to increased apoptosis 

in Müllerian duct tumors, ovarian cancer and endometriosis tissue (Namkung et. al, 2012; 

Pieretti-Vanmarcke et. al, 2006).   

These data suggest a possible association between pathological conditions and 

increased AMHRII as a potential mechanism for stimulation of apoptosis to remove 

affected cells. As pathological conditions are not limited to tumor formation but may also 

be the result of endocrine disrupting compounds, this association may be relevant to the 

observed increases in AMHRII expression with BPA treatment. This is a likely possibility 

as numerous studies have associated BPA with increased apoptosis in various tissues 

types including germ cells, osteocytes, and blastomeres (Hwang et. al, 2013; Urriola-

Munoz et. al, 2014; Hao et. al, 2003; Ferris et. al, 2016).  
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Alternatively, BPA may be stimulating an increase in AMHRII expression through 

a transcription factor called steroidogenic factor 1 (SF-1). The promoter region of AMHRII 

has multiple binding sites for transcription factors produced by gonadal supporting cells, 

such as SF-1 (Josso & Clemente, 2003). Studies have demonstrated that SF-1 is the only 

transcriptional activator of AMH that is a proven activator of AMHRII transcription (Josso 

& Clemente, 2003). Therefore, alterations in SF-1 signalling may result in consequences 

to AMHRII transcription. Numerous studies have associated BPA with altered 

steroidogenesis and altered expression of steroidogenic gene expression in the gonads. 

Specifically, a study assessing the effects of low-dose BPA exposure in mice found 

increased expression and promoter activity of the steroidogenic gene Cyp11a1, a gene 

whose expression is under the control of SF-1 (Lan et. al, 2015). Thus, there is some 

evidence that allows us to speculate a potential connection between BPA and alterations 

of the AMH receptor through SF-1.  

Based on the results presented in this chapter, BPS does not appear to exhibit the 

same potency as BPA in respect to affecting AMH and AMHRII expression. qPCR results 

did display a significant increase in AMHRII mRNA expression in COCs exposed to BPS 

and a similar increasing trend in AMHRII mRNA in BPS-treated oocytes. Similarly, there 

were non-significant increases in AMHRII protein expression in COCs and oocytes in 

comparison to the control groups. Although our data are inconclusive, they suggest that 

BPS may be exhibiting the same effects as BPA, but at a reduced potency, or through 

different mechanisms than BPA. Our findings do not allow us to determine whether BPS 

is indeed a safer alternative to BPA.  
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It is important to note that most studies have been unable to detect AMH 

expression in oocytes. A study assessing mouse oocytes cultured in vitro found AMH 

mRNA only in cumulus cells but not in oocytes (Zhang et. al, 2014). Additionally, a study 

using immunohistochemistry staining of ovary samples of multiple mammal species 

observed AMH expression in the cells surrounding the oocyte in human and caprine 

ovaries, however, they did not see this restriction in the porcine ovary (Almeida et. al, 

2018).  

To our knowledge, this is the first study that has detected substantial mRNA and 

protein expression of AMH in denuded bovine oocytes. The relative protein quantification 

of AMH in denuded oocytes is less than the COCs and cumulus cells, AMH mRNA 

expression, however, it is in the same range as that of the COCs and cumulus cells. The 

study performed by Zhang et. al (2014) on mouse oocytes analyzed AMH mRNA levels 

through reverse transcription PCR (RT-PCR) and agarose gel. As our study used 

quantitative PCR, a method shown to be more sensitive and precise in comparison to 

traditional RT-PCR,  it is possible this may account for the lack of AMH detection in 

oocytes observed in their study (Kuang et. al, 2018). Contrary to the existing literature of 

AMH mRNA in oocytes, experiments on human oocytes have detected AMHRII mRNA, 

at substantial levels, within the oocyte as well as the cumulus cells (Zhang et. al, 2014). 

In support of our hypothesis, BPA is associated with changes in AMH and AMHRII 

expression in bovine oocytes. Our data suggest that BPA may alter oocyte maturation 

through increases in AMHRII expression, in order to promote apoptosis and reduce 

oocyte quality.  
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In summary, this study enhanced our understanding of the possible mechanisms 

of action of BPA in relation to its effects on early embryonic development. While studies 

have found clear associations between BPA exposure and reduced oocyte quality and 

embryogenesis, the specific mechanism in which BPA elicits these effects remains 

unclear. With AMH and its receptor playing such critical roles in the oocyte, our results 

strengthen the evidence of the endocrine disrupting ability of BPA. Based on our 

observations, BPS did not exhibit effects to the same extent as BPA, however, BPS 

exposure did have significant effects on AMH at the mRNA level and therefore may also 

play a role in disruption of AMH function. While this relationship needs further 

characterization, our results give further insight into the importance of AMH in oocyte 

competence and support and effect of bisphenols on both AMH and its receptor.   
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CHAPTER TWO: THE EFFECT OF BPA AND BPS ON EARLY EMBRYO 
DEVELOPMENT AND AMH AND AMHRII EXPRESSION IN IN-VITRO 
PRODUCED BLASTOCYSTS 
 
2.1 Abstract 

There is increasing evidence supporting the connection between Bisphenol A 

exposure and altered embryonic development. Previously, our laboratory demonstrated 

that in vitro exposure to BPA was associated with decreased blastocyst rates, increased 

apoptosis and a skew in the blastocyst sex ratio. Recent studies have also suggested 

that BPS is a disruptor of early embryo development; however, this data is still 

inconclusive. Anti-Müllerian Hormone (AMH) has a key role in oocyte maturation and is 

necessary for fetal sexual differentiation. This study aims to investigate the impact of BPA 

and BPS on embryo development through assessment of embryonic arrest, apoptosis, 

sex ratio and AMH and AMHRII expression. Bovine oocytes matured in vitro in four 

groups: control, vehicle, BPA, and BPS, were fertilized and developed to day-8 

blastocysts. Developmental rates measuring 2-4 cell, 8-16 cell and blastocyst rates were 

taken at the appropriate times. Arrested embryos were collected as day-8 arrested 2-4 

cells, 8-16 cells and morulas. Blastocyst sex ratio was assessed by qPCR detection of 

two genes exclusively present in males. Apoptosis rates in blastocysts and arrested 

embryos were determined using TUNEL staining. AMH and AMHRII expression were 

assessed in blastocysts by immunofluorescence. BPA exposure was associated with a 

significant decrease in cleavage rates and blastocyst rate. A skew towards female 

blastocysts produced and a significant increase in developmental arrest at the 2-4 cell 

stage were also observed. Immunofluorescence detection of AMH and AMHRII in 

blastocysts showed a significant increase in both proteins following BPA and BPS oocyte 
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exposure. A significant increase in TUNEL staining observed in 2-4 cells, 8-16 cells and 

blastocysts, in both BPA and BPS treatment groups suggests increased DNA degradation 

due to apoptosis. These results suggest that BPA and BPS exposure have significant 

detrimental effects on embryonic development.  
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2.2 Introduction 

Early embryonic development is a complex process encompassing oocyte 

maturation and fertilization, embryo cleavage and embryonic genome activation resulting 

in blastocyst formation and implantation (Assidi et. al, 2008). Thus, alterations to any of 

these key stages may affect the success of the embryo. Endocrine disrupting compounds 

(EDCs) such as Bisphenol A and Bisphenol S, represent a possible source of early 

embryonic disruption.  

Bisphenol A has been demonstrated to alter oocyte maturation through its ability 

to alter spindle formation, reduce meiotic progression and affect oocyte quality (Ferris et. 

al, 2015). Compromised oocyte quality may reduce fertilization rates and consequently 

blastocyst formation. Additionally, BPA has been linked to disruption at different pre-

implantation developmental stages. Porcine oocytes exposed to BPA before fertilization 

showed increased levels of arrest at the 4-cell stage, increased reactive oxygen species 

(ROS) detection and increased DNA damage (Guo et. al, 2017). 

DNA damage is a commonly used marker of apoptosis as DNA fragmentation is 

one of the points of no return in the process of apoptosis (Blank & Shiloh, 2007). TUNEL 

analysis has been used to detect apoptosis in humans, cattle and several other 

mammalian blastocysts. A low percentage of apoptosis has been detected in nearly all 

embryos demonstrating the necessity of apoptosis, at basal levels, to achieve correct 

blastocyst development (Leidenfrost et. al, 2011). Therefore, as a part of normal 

development, the presence of baseline DNA damage levels is standard, however, 

increases in apoptosis may be pathological. In our laboratory, we previously showed that 

blastocysts produced from oocytes exposed to BPA during maturation, displayed a 
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significant increase in apoptosis (Ferris et. al, 2016). No data are available on the effects 

of BPS exposure to apoptotic levels.  

In addition to causing increased embryonic arrest and apoptosis, EDCs may have 

a more significant effect on specific stages of early development, such as during the 

maternal to embryonic transition (MET). Once the embryonic genome is activated, gene 

expression patterns are altered. Therefore, it is important to assess these changes before 

and after this transition. AMH expression in particular is typically assessed at the oocyte 

stage or much later in development. AMH expression, and activation of the AMHRII, have 

not yet been evaluated during blastocyst development, or in relation to EDC exposure. 

Gene expression changes that have been detected after EDC exposure are in relation to 

sex ratio. A study that exposed oocytes to Bisphenol A found an increase in female 

blastocysts in comparison to controls (Ferris et. al, 2016). This is an effect that has been 

observed with numerous other EDCs as well, suggesting that endocrine disruptors alter 

sex ratio (Ishihara et. al, 2007; Ferris et. al, 2015).  

As BPA has been proven to have detrimental effects during development, further 

studies are needed to investigate whether BPS may exhibit the same effects or is, indeed, 

a better and safer alternative. 
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2.3 Materials and Methods 

Experimental Design 

 

Figure 14. Brief Material and Methods outline of objectives 2 and 3, including 
assessments of blastocysts sex ratio, AMH/AMHRII expression, apoptosis and embryonic 
arrest. 

 
Oocyte collection, IVF and IVC 

 Oocytes were collected, matured and fertilized following the same protocol 

described in detail in chapter one. COCs were aspirated from bovine (Bos taurus) ovaries 

obtained from a local abattoir (Cargill Meat Solutions, Guelph, ON, Canada). Under a 

dissecting microscope, COCs were collected and washed in a 35 mm Nunc dish 

Treatment groups:
Control 

Vehicle (0.1 % ethanol)
BPA (0.05 mg/mL in 0.1 % ethanol)
BPS (0.05 mg/mL in 0.1 % ethanol)

In vitro fertilization (IVF) and culture (IVC)

Blastocyst sex ratio 
analysis

Quantification of 
DDX3Y/USP9Y by 

qPCR

AMH/AMHRII 
analysis

Immunofluorescence and 
confocal microscopy in 

blastocysts

Apoptosis analysis in 
blastocysts and 

arrested embryos

Quantification via 
TUNEL staining of 
DNA fragmentation

In vitro maturation 
(IVM) of 60-80 oocytes 

per treatment group
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containing serum in vitro HEPES buffered TCM199 maturation media (S-IVM) with 2% 

steer serum and sodium pyruvate (SIGMA P4562). Oocyte quality was assessed and 

those with a dark cytoplasm and tightly packed cumulus cells were selected, washed in 

S-IVM, and randomly divided between the four treatments in groups of about 60-80 

COCs.  

Each group of COCs were washed in 4-well Nunc dishes with the first two wells 

consisting of S-IVM supplemented with hormones (S-IVM + H) and the second two wells 

containing S-IVM + H with the corresponding treatment added. After these washes, 

oocytes were placed in micro-drops of 80μL of the S-IVM + H + treatment, covered in 

mineral oil, and placed in an incubator at 38.5°C in 5% CO2 to mature for 24 hours. 

Mature COCs were washed twice in 600μL of HEPES with Bovine Serum Albumin 

(BSA) and then twice in 600μL of BSA-supplemented IVF TALP. From the last wash, 

COCs were placed in 80μL droplets of the same IVF-TALP + BSA and covered in mineral 

oil in an incubator at 38.5°C and 5% CO2. Two straws of Bos taurus semen acquired from 

Semex (Guelph, ON), were thawed in a water bath at 37°C and emptied into a 5 mL tube. 

To attain the best quality sperm via the swim-up method, 80μL of sperm was pipetted to 

the bottom of two tubes containing 1.5 mL of HEPES Sperm TALP with 15% BSA added 

and incubated at 38.5°C and 5%s CO2 for 45 minutes. After completion, the motile sperm 

are pelleted and resuspended in in IVF TALP. The sperm suspension was added to each 

droplet containing the COCs at a concentration of 1 x 106 sperm cells/mL/drop. Oocytes 

were incubated with the sperm at 38.5°C and 5% CO2 in the treatment groups for 18 

hours.  
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After 18 hours, oocytes were mechanically stripped of any remaining cumulus cells 

and sperm, washed 3 times in HEPES TALP, and the remaining presumptive zygotes 

(PZs) were washed in supplemented Synthetic Oviductal Fluid (SOF) medium. PZs were 

then placed in 30μL droplets of the IVC medium, covered in mineral oil, and incubated in 

a low oxygen (5% O2) incubator during the cleavage stages and development to day-8 

blastocysts. 

 

Developmental and arrested rates 

 Developmental rates were measured at key points based on time points outline in 

literature (Van Soom et. al, 1992):  

• Cleavage rate at 40-45 hours post-fertilization 

• 2-4 cells at about 45-50 hours post-fertilization  

• 8-16 cells at about 75-80 hours post-fertilization  

• Blastocyst rate at Day-8 post-fertilization  

 

The number of embryos arrested at the 2-4 cell stage, the 8-16 cell stage, and the 

morula stage, were counted on day-8 post-fertilization in order to determine the rates of 

embryonic arrest at several developmental stages. All the rates were calculated as a 

percentage over the number of cleaved zygotes.  

 

Determination of sex ratio via qPCR 

Quantitative real-time polymerase chain reaction (qPCR) was used to measure 

AMH and AMHRII mRNA expression profiles using a CFX96 Touch Real-Time PCR 
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Detection System (BioRad). Four biological replicates were performed for each gene and 

the housekeeping genes listed in Table 2. Glyceradehyde-3-phosphate dehydrogenase 

(GAPDH) and peptidylprolyl isomerase A (PPIA) were used as housekeeping genes 

based on previous analyses performed in our laboratory, showing that these genes were 

not affected by bisphenol exposure (Ferris et. al, 2016; Kahlon, 2016; Stojsin-Carter et. 

al, 2016).  

Each mRNA target was amplified using SsoFast EvaGreen supermix (Biorad 

1725201). Each master mix consisted of 5μL of EvaGreen, 2μL of RNase-free water and 

1μL of a working dilution of the forward and reverse primers (25 μM) to produce the 

master mix of 8μL. After pipetting the master mix into each well, 2μL of cDNA was added 

to the well and analyzed using the following protocol: 95°C for 5 minutes to activate the 

EvaGreen, followed by 44 cycles of denaturation at 95°C for 10 seconds, annealing at 

60°C for 10 seconds and elongation at 72°C for 10 seconds. After the 44 cycles, the 

samples underwent acquisition of fluorescence at 95°C for 10 seconds, to acquire the 

melting curve from 72-95°C and the final plate reading.  

Previous experiments from our laboratory assessing RNA-based blastocyst 

sexing, proved that three transcripts are consistently expressed in all male embryos 

tested and not in females (Hamilton et. al, 2012). We selected two of these genes, DDX3Y 

and USP9Y, in order to determine the sex ratio of blastocysts in each of the four treatment 

groups, via qPCR. Test qPCR plates were run using testes cDNA and ovarian cDNA to 

ensure the genes were only expressed in male samples. Blastocysts that expressed both 

of the two exclusively male transcripts selected were classified as male, and blastocysts 

that did not express these transcripts were classified as female. Blastocysts that 
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expressed one of the two transcripts were excluded from the results, as the sex 

determination was considered inconclusive.  

A standard curve was established for each of the primer sets using testes cDNA.  

1μg/μL of testes RNA was reverse transcribed for the standard curves. Seven serial 

dilutions (50 ng, 25ng, 12.5 ng, 6.25ng, 3.125ng, 1.56ng, 0.78ng) were used to determine 

the primer efficiencies, which were then used for all qPCR analyses. The same testes 

cDNA sample was used as a positive control and 1μg/μL of ovarian RNA was reverse 

transcribed to be used as a negative control for all biological replicates. All samples were 

run in technical triplicates on each plate. RNA was extracted, reverse transcribed and 

analyzed from a single blastocyst. GAPDH mRNA expression was used to ensure that 

the RNA was indeed extracted from each blastocyst, as GAPDH was previously shown 

to be expressed in both female and male bovine blastocysts. The amount of RNA from a 

single blastocyst is minute and might at times be lost during the extraction process 

(Hamilton et. al, 2012). Therefore, to ensure blastocysts were not mistakenly deemed as 

female because of lack of expression of the two male transcripts, any blastocyst with no 

GAPDH mRNA present was eliminated from the analysis.  

 

Table 2. qPCR primers for sex ratio determination. 

Gene  Gene Full 
Name 

Product 
Size 
(bp) 

GenBank 
Accession # 

Primer Sequence – Forward 
and reverse (5’-3’) 

Efficiency 
(%) 

References 

DDX3Y DEAD (Asp-
Glu-Ala-Asp) 
box polypeptide 
3, Y-linked  

225  NM_001172595.1  F: GGACGTGTAGGAAACCTTGG 

R: GCCAGAACTGCTACTTTGTCG 

101.5  Hamilton et. al, 
2012 

USP9Y Ubiquitin-
specific 
peptidase 9, Y-
linked  

285 NM_001145509.1  

 

F: GCCAGATGACCAAGAAGCCCCA  

R: 
GGACTGTAAGGCCTAATAGCCTGGT 

101.1  Hamilton et. al, 
2012 
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GAPDH Glyceraldehyde-
3-phosphate 
dehydrogenase 

153 NM_001034034.2 F: TTCCTGGTACGACAATGAATTTG 
R: GGAGATGGGGCAGGACTC 

99.5 - Ferris et. al, 
2016 

PPIA Peptidylpropyl 
isomerase A 

111 NM_178320.2 F: TCTTGTCCATGGCAAATGCTG 
R: TTTCACCTTGCCAAAGTACCAC 

103.7 - Ferris et. al, 
2016 

 

Immunofluorescence detection of AMH and AMHRII 

Blastocysts were stained with a specific antibody for AMH and AMHRII and 

visualized under confocal microscopy in order to localize and quantify AMH and AMHRII. 

COCs were used, in addition to blastocysts, as positive controls as the presence of AMH 

and AMHRII has been confirmed in the literature by immunofluorescence in COCs 

(Demiray et, al, 2017). Semiquantitative analyses was performed using the ImageJ 

software. On this software each Hoeschst-stained nuclei (blue) were separated and 

counted, and the mean expression of Alexa Fluor-488 (green) surrounding or within each 

nucleus were quantified for every blastocyst. An average of the fluorescent levels 

surrounding or within the nuclei was calculated as the total relative quantification for each 

blastocyst. This was done for 10 blastocysts in each treatment group, analyzing separate 

blastocysts for AMH and AMHRII. All buffer preparations are listed in the Appendix. 

After 8 days of culture in a low oxygen incubator (5% O2), blastocysts were fixed 

in 4% paraformaldehyde (PFA) for 20 minutes at room temperature and then stored in 

1% PFA in PBS at 4°C. Fixed embryos were blocked in 1X PBS supplemented with 0.1% 

Triton X-100 (Sigma-Aldrich; 9002-93-1) and 5% normal donkey serum (NDS) (Sigma-

Aldrich; D9663) for 1 hour at room temperature. Embryos were then washed in 1X PBS 

for 20 minutes in a dark, humidified chamber between 37-38°C. Next, embryos were 

incubated with the primary antibody, either AMH (Abcam ab229212) or AMHR2 (Abcam 
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ab197148) at a 1:50 dilution, overnight at 4°C. Primary antibodies were diluted in antibody 

dilution buffer containing 1X PBS, 0.005% Triton X and 0.5% NDS.  

The next day, embryos were washed three times in the antibody dilution buffer (30 

minutes per wash and incubation in a dark, humidified chamber at 37-38°C). After three 

washes, blastocysts were incubated in Donkey anti-Rabbit IgG (H+L) Highly Cross-

Adsorbed Secondary Antibody, Alexa-Fluor 488 (Invitrogen, Thermo Fisher Scientific; 

A21206) at a 1:200 dilution in antibody dilution buffer. Embryos were incubated in the 

secondary antibody for 1 hour in a dark, humidified chamber at 37-38°C. After 1 hour, 

blastocysts were incubated for 45 minutes in bisbenzimide H 33258 (Hoechst) nuclear 

stain (Sigma-Aldrich; B2883-25MG) in a dark, humidified chamber at 37-38°C. 

Blastocysts were washed again three times for 30 minutes in antibody dilution buffer in a 

dark, humidified chamber at 37-38°C to decrease background fluorescence.  

Blastocysts were then mounted onto slides with Vectashield antifade mounting 

medium (MJS BioLynx Inc., Brockville, Canada; VECTH1000) and drops of Vaseline on 

the coverslip were used to avoid flattening the blastocysts on the slide. Blastocysts were 

mounted in groups of five with each of the four treatment groups on separate slides. Slides 

were sealed with nail polish and stored at 4°C until imaged, then kept at -20°C for long-

term storage. Embryos were imaged using an Olympus FV1200 Confocal Microscope at 

a 20X and/or 40X objective with laser wavelengths of 405 nm for Hoechst (blue) and 488 

nm for Alexa-Fluor 488 (green) using the Fluoview software.  

  

TUNEL  
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Terminal deoxynucleotidyl transferase dUTP nick end labeling (TUNEL) is a 

method of detecting apoptosis through the labelling of 3’-hydroxyl termini in double-strand 

DNA breaks. This is done through a fluorescent label and observation via fluorescent 

microscopy. The Roche In Situ Cell Death Detection Kit, Fluorescein was used following 

the Manufacturer’s instructions. For each blastocyst or arrested embryo, ImageJ software 

was used to count the number of cells by detection of the number of stained nuclei (blue). 

The number of cells with apoptosis were counted manually based on observation of the 

TUNEL label (green) and apoptosis rates were taken as a ratio of the number of apoptotic 

cells over the total number of cells.  

After 8 days of culture in a low oxygen incubator (5% O2), blastocysts and arrested 

embryos were washed three times in 0.5 mL of PBS with 1% PVA (PBS/PVA) and then 

fixed in 4% paraformaldehyde (PFA) for 20 minutes at room temperature. The embryos 

were then stored in 1% PFA in PBS for storage at 4°C. In a 4-well Nunc dish, embryos 

were washed three times in 0.5 mL of PBS/PVA and permeabilized in 0.5 mL of Triton X 

solution (0.5% Triton X in 1X PBS) for 1 hour at room temperature. After 40 minutes, the 

embryos used for the positive control were removed, washed twice in 0.5 mL of PBS/PVA 

and incubated in a solution of DNase I (Thermo Fisher Scientific, EN0521) for the 

remaining 20 minutes in a dark, humidified chamber at 37-38°C. 

After 1 hour, all embryos were washed twice in 0.5 mL of PBS/PVA, except for the 

positive controls which remained in the DNase I. After this, all embryos, including the 

positive controls, were transferred to a micro-well dish (10μL wells), with each well 

containing 10μL of the TUNEL reaction mixture (1-part enzyme + 9-parts FITC label). The 

negative control embryos were placed in a well containing 10μL of the FITC label only, 
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without the enzyme. Embryos were incubated in the TUNEL solution for 1 hour in a dark, 

humidified chamber at 37-38°C.  

After 1 hour, the embryos were washed twice in 10μL of Triton X solution at room 

temperature for 5 minutes each wash. They were then washed once in 10μL of PBS/PVA 

at room temperature. From there, the embryos were washed in 10μL of RNase buffer at 

room temperature and transferred into 10μL of RNase A (Thermo Fisher Scientific; 

EN0531) solution. Embryos were incubated in the RNase A for 1 hour in a dark, humidified 

chamber at 37-38°C in order to digest nuclear RNA. Embryos were then washed twice in 

10μL of RNase buffer and incubated in 10μL of Hoechst stain solution for 30 minutes in 

a dark, humidified chamber at 37-38°C. After 30 minutes, embryos were mounted onto 

slides using the same protocol mentioned above and imaged using an Olympus FV1200 

Confocal Microscope at 20X or 40X objectives with laser wavelengths of 405 nm for 

Hoechst (blue) and 488 nm for the TUNEL FITC label (green) using the Fluoview 

software. 

 

Statistical Analyses 

Statistical analyses were performed on all data sets using GraphPad Prism 6 and 

SPSS statistics softwares. For embryo sexing data, qPCR expression levels were 

measured and normalized relative to the housekeeping genes. As blastocyst sex was 

determined based on the presence or absence of mRNA expression, statistical analyses 

were performed using a Chi-Squared Post Hoc test for nominal/categorical variables to 

compare the average number of male and female blastocysts per group.  
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Developmental rates, arrested rates, apoptotic rates and immunofluorescence 

rates were first assessed for normality using Kolomogorov-smirnov and Shapiro wilk 

tests. If the data were normally distributed, One-way analysis of variance (ANOVA) was 

used and if the data were not normally distributed, a Kruskal-wallis test was used. A 

minimum of four biological replicates were analyzed per data set. Statistical significance 

was defined as a p-value less than 0.05 (p<0.05). Tukey’s post-hoc test was also used 

on significant data sets to compare the differences between each treatment group.
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2.4 Results 

Cleavage and Blastocysts Rates 

In vitro matured COCs exposed to BPA or BPS treatment were fertilized and 

cultured up to the blastocyst stage. Both cleavage and blastocyst rates were recorded for 

six biological replicates (Figure 15). Treatment groups included: Control, Vehicle (0.1% 

ethanol), BPA (0.05 mg/mL) and BPS (0.05 mg/mL). The cleavage and blastocyst rates 

of each dose were compared to the control and vehicle groups.  

Exposure of GV oocytes to 0.05 mg/mL of BPA for 24 hours resulted in a significant 

decrease (p<0.01) of both cleavage and blastocyst rates (Figure 15). This significant 

decrease in blastocyst rate was maintained when the ratio was taken as a percentage of 

cleaved embryos (Figure 15B) and as a percentage of the total fertilized oocytes (Figure 

15C). This effect was not observed, however, when oocytes were exposed to the same 

dose of BPS.  
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Figure 15. Cleavage and Blastocyst rates after 24-hour exposure to either 0.05 mg/mL 
of BPA or BPS during maturation. (A) Percentage of cleaved zygotes at 40-45 hours post-
fertilization. (B) Percentage of blastocysts developed at day-8 post-fertilization out of total 
cleaved zygotes. (C) Percentage of blastocysts developed at day-8 post-fertilization out 
of total fertilized oocytes. Error bars represent +/- SEM (n = 6). 

 
 
Developmental Rates 

Developmental rates were measured at different stages as a ratio of the number 

of embryos at the 2-4 cell or at the 8-16 cell stage versus the number of cleaved zygotes 

(Figure 16A/B), or the total number of oocytes (Figure 16C/D). Embryos at the 2-4 cell 

stage were counted at about 45-50 hours post-fertilization and those at the 8-16 cell stage 

at about 75-80 hours post-fertilization. 
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Oocytes exposed to 0.05 mg/mL of BPA during maturation displayed a significantly 

lower percentage (p<0.01) of embryos reaching the 2-4 cell and the 8-16 cell stages when 

measured as a ratio to the total number of oocytes (Figure 16C/D). There was also a 

significant decrease (p<0.05) in 8-16 cell embryos at 75-80 hours post-fertilization when 

measured as a ratio of the total cleaved oocytes (Figure 16B). The bars representing the 

number of embryos at the 2-4 cell stage over the number of cleaved embryos are all at 

100% as the 2-4 cell embryos at 45-50 hours post-fertilization is equivalent to the 

cleavage rate. Significant effects were observed only following BPA exposure, not BPS 

(Figure 16).  
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Figure 16. Percentage of embryos at the 2-4 cell and 8-16 cell stages of development. 
(A) Embryos that reached the 2-4 cell stages at 45-50 hours post-fertilization as a 
percentage of total cleaved zygotes. (B) Embryos that reached the 8-16 cell stages at 75-
80 hours post-fertilization as a percentage of total cleaved zygotes. (C) Embryos that 
reached the 2-4 cell stages at 45-50 hours post-fertilization as a percentage of total 
oocytes. (D) Embryos that reached the 8-16 cell stages at 75-80 hours post-fertilization 
as a percentage of total oocytes. Error bars represent +/- SEM (n = 4). 
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Sex Ratio 

Thirty blastocysts in each experimental group were categorized as either male or 

female based on the presence or absence of the mRNAs for the male transcripts DDX3Y 

and USP9Y. The percentage of male and female blastocysts in control, vehicle, BPA and 

BPS treatment groups were calculated based on mRNA results (Figure 17). Blastocysts 

developed from oocytes exposed to 0.05 mg/mL of BPA or BPS were compared to control 

and vehicle groups. 

As shown in Figure 15, there was about a 50:50 ratio of male to female blastocysts 

observed in the control and vehicle treatment groups. The vehicle group had a slightly 

greater percentage of blastocysts expressing DDX3Y and USP9Y mRNA, i.e. male 

blastocysts, however, this difference from the control group was not statistically 

significant. The BPS exposure group also displayed about a 50:50 ratio of male to female 

blastocysts produced. qPCR analysis was unable to detect these male transcripts in 

greater than 75% of blastocysts developed from oocytes exposed to BPA, resulting in a 

greater number of female blastocysts in the BPA group than in any other group (Figure 

17).  

Chi squared analysis of the sex ratio determined that the number of female 

blastocysts in the BPA treatment group was significantly higher than the number of male 

blastocysts. Additionally, statistical analyses revealed that there was a significant 

increase in the percentage of female blastocysts in the BPA treatment group in 

comparison to the control and vehicle treatment groups. Consequently, statistical 

analyses also demonstrated that there was significantly fewer males in the BPA-exposed 

group in comparison to the other three treatment groups. Therefore, there was a skew 
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towards female blastocyst production in embryos produced from BPA exposed oocytes. 

This same effect was not observed in the BPS exposure group.  

  

 

Figure 17. Percentage of male (black) and female (grey) blastocysts produced from 
oocytes matured for 24 hours in either BPA (0.05 mg/mL) or BPS (0.05 mg/mL). Data 
were obtained through presence or absence of DDX3Y and USP9Y transcripts detected 
via qPCR (n = 31). 
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Immunofluorescence 

 AMH and AMHRII protein amount was quantified as the total immunofluorescence 

present in each blastocyst measured by the ImageJ software. Figures 18 and 19 display 

the average AMH fluorescence levels in 10 blastocysts per treatment group and the 

protein localization in the blastocysts taken by Olympus FV1200 Confocal Microscope at 

a 40X objective, respectively. Figures 20 displays the average AMHRII fluorescence 

levels in 10 blastocysts per treatment group and Figure 21 displays the protein localization 

in the blastocysts taken by Olympus FV1200 Confocal Microscope at a 40X objective.  

 

Anti-Müllerian Hormone 

 Oocytes exposed to 0.05 mg/mL of BPA and BPS were matured, fertilized and 

cultured to the blastocyst stage. Images taken on the Fluoview software localize AMH 

expression (green) in both the cytoplasm and nucleus of each blastomere (Figure 18). 

Immunofluorescence analysis of the blastocysts showed a significant increase (p<0.05) 

in AMH protein expression in comparison to control and vehicle groups (Figure 19).  
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Figure 18. AMH immunofluorescence results in blastocysts. Blastocysts were fixed and 
stained with AMH antibody bound by Alexa Fluor-488 conjugated secondary antibody 
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(green). Hoechst stain was used as the nuclei counterstain (blue). Column A is the nuclear 
stain, column B reflects the AMH expression, and column C is an overlay of both the blue 
and green channels. The last two rows represent the positive control (bovine COC) and 
the negative control (blastocysts cultured in Alexa Fluor-488 without primary antibody).  

 
 
 
 

 
Figure 19. Relative quantification of AMH protein levels in blastocysts (n = 10) determined 
by immunofluorescence measure. Bars represent the mean intensity of AMH in each 
blastocyst determined by intensity of Alexa Fluro 488-conjugated antibody measured with 
the ImageJ software. *p<0.05 represents statistical significance. Error bars indicate +/- 
SEM.
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Anti-Müllerian Hormone Receptor 

Oocytes exposed to 0.05 mg/mL of BPA and BPS were matured, fertilized and 

cultured to the blastocyst stage. Images taken on the Fluoview software show AMHRII 

expression (green) solely confined to the cytoplasm, surrounding each of the nuclei 

(Figure 20). Immunofluorescence analysis of the blastocysts showed a significant 

increase (p<0.05) in AMHRII protein levels in comparison to control and vehicle groups 

(Figure 21).  
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Figure 20. AMHRII localization in blastocysts. Fixed blastocysts were stained with 
AMHRII antibody bound by Alexa Fluor-488 conjugated secondary antibody (green). 
Hoechst stain was used as the nuclear counterstain (blue). Column A is the nuclear stain, 
column B reflects AMHRII localization and amount, and column C is an overlay of both 
channels. The last two rows represent the positive control (bovine COCs) and the 
negative control (blastocysts cultured in Alexa Fluor-488 without primary antibody).  
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Figure 21. Relative quantification of AMHRII protein levels in blastocysts (n = 10) 
determined by immunofluorescence. Bars represent the mean intensity of AMHRII in each 
blastocyst determined by intensity of Alexa Fluro 488-conjugated antibody measured by 
ImageJ software. *p<0.05 represents statistical significance. Error bars represent +/- 
SEM.  

 
 

Arrested Rates  

 Oocytes exposed to 0.05 mg/mL of BPA or BPS during maturation, were fertilized 

and cultured to the blastocyst stage. Eight days after fertilization, the percentage of 

embryos arrested at the 2-4 cell stage, 8-16 cell stage and morula stage were recorded. 

These results showed a significantly (p<0.05) higher percentage of embryos arrested at 

the 2-4 cell stage when exposed to 0.05 mg/mL of BPA during oocyte maturation (Figure 

22). Additionally, there was a significantly higher percentage of total embryonic arrest 

after BPA exposure (Figure 23). This effect was not observed in the BPS treated group.  
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Figure 22. Embryo arrest rates at three developmental stages: 2-4 cells (black), 8-16 
cells (dark grey) and morula (light grey). Oocytes were matured in 0.05 mg/mL of either 
BPA or BPS and fertilized. Arrest rates were counted on day 8 post-fertilization as a 
percentage of arrested embryos over cleaved embryos. *p<0.05 represents statistical 
significance and error bars represent +/- SEM (n=8). 

 
 

 
Figure 23. Percentage of total embryonic arrest at day-8 post-fertilization. *p<0.05 
represents statistical significance and error bars represent +/- SEM (n=8).
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TUNEL 

 Results displayed in this section were performed by terminal deoxynucleotidyl 

transferase dUTP nick end labeling (TUNEL) and are representative of the presence DNA 

fragmentation reflecting the amount of apoptosis in arrested 2-4 cells, arrested 8-16 cells 

and blastocysts. 

 

DNA Fragmentation in 2-4 Cells 

The TUNEL assay performed on arrested 2-4 cells displayed positive staining for 

DNA fragmentation in arrested 2-4 cells exposed to 0.05 mg/mL of BPA or BPS during 

oocyte maturation (Figure 24). There was no DNA fragmentation detected in the control 

and vehicle arrested 2-4 cells. While not present in all BPA and BPS exposed embryos, 

there was a statistically significant increase (p<0.05) in the average percentage of DNA 

fragmentation in these groups in comparison to the control and vehicle groups (Figure 

25).  

 

 
 
 
 
 
 
 
 
 
 



 

 

 
 

94 

                           

                           

                           

                           

                           

                           
Figure 24. TUNEL assay of DNA fragmentation in arrested 2-4 cells. Column A is the 
nuclear counterstain (Hoechst), column B is the FITC-labelled DNA fragmentation, 
column C is an overlay of both. The last two rows display the negative and positive 
controls of the TUNEL assay.   
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Figure 25. Average DNA fragmentation in arrested 2-4 cells via TUNEL assay. 
Percentage of DNA fragmentation in each embryo determined as a ratio of the number of 
cells with DNA fragmentation to the total number of cells in the arrested embryos. *p<0.05 
represents statistical significance and error bars represent +/- SEM (n=15).  

 

DNA Fragmentation in 8-16 Cells 

The TUNEL assay performed on arrested 8-16 cells displayed positive staining for 

DNA fragmentation in arrested 8-16 cells exposed to 0.05 mg/mL of BPA or BPS during 

oocyte maturation (Figure 26). While not displayed in the images below, DNA 

fragmentation was detected in the control and vehicle arrested 8-16 cells, however, not 

to the extent of that in the BPA and BPS exposed groups. Statistical analyses revealed 

that there was a significantly larger (p<0.05) percentage of DNA fragmentation in the BPA 

and BPS exposed groups in comparison to the control and vehicle groups (Figure 27). 
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Figure 26. TUNEL assay of DNA fragmentation in arrested 8-16 cells. Column A is the 
nuclear counterstain (Hoechst), column B is the FITC-labelled DNA fragmentation, 
column C is an overlay of both. The last two rows display the negative and positive 
controls of the TUNEL assay. 
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Figure 27. Average DNA fragmentation in arrested 8-16 cells via TUNEL assay. 
Percentage of DNA fragmentation in each embryo determined as a ratio of the number of 
cells with DNA fragmentation to the total number of cells in the arrested embryos. *p<0.05 
represents statistical significance and error bars represent +/- SEM (n=20).  

 

DNA Fragmentation in Blastocysts 

The TUNEL assay performed on day-8 blastocysts displayed positive staining for 

DNA fragmentation in all treatment groups (Figure 28). All blastocysts were collected on 

day-8 of development to maintain a consistent collection time point, therefore blastocysts 

at varying stages of development were analyzed and imaged. Blastocysts exposed to 

0.05 mg/mL of BPA or BPS during oocyte maturation had a statistically significant 

(p<0.05) greater percentage of DNA fragmentation in comparison to control and vehicle 

groups (Figure 29).  
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Figure 28. TUNEL assay of DNA fragmentation in day-8 blastocysts. Column A is the 
nuclear counterstain (Hoechst), column B is the FITC-labelled DNA fragmentation, 
column C is an overlay of both. The last two rows display the negative and positive 
controls of the TUNEL assay. 

 
 

 

Figure 29. Average DNA fragmentation in day-8 blastocysts via TUNEL assay. 
Percentage of DNA fragmentation in each embryo determined as a ratio of the number of 
cells with DNA fragmentation to the total number of cells in each blastocyst. *p<0.05 
represents statistical significance and error bars represent +/- SEM (n=12). 
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vehicle groups showed no signs of apoptosis via DNA fragmentation in their arrested 2-4 

cell embryos.  

 

 

Figure 30. Ratio of DNA fragmentation to embryonic arrest. DNA fragmentation (light 
grey) is shown as a percentage of the total embryos that arrested (dark grey) at the 2-4 
cell stage (A) and the 8-16 cell stage (B).
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2.5 Discussion 

This study aimed to address the ability of Bisphenol A and S to impact bovine early 

embryonic development through alterations in anti-Müllerian hormone (AMH) and its 

receptor (AMHRII), as well as through cellular arrest and apoptosis.  

After fertilization of oocytes matured in BPA and BPS, cleavage and blastocyst 

rates were assessed. We observed a significant decrease in both cleavage and blastocyst 

rates after BPA exposure, however, this effect was not observed in the BPS treated group. 

These observations resemble those obtained in the dose response curves outlined in 

Chapter One, further supporting these results.  

As EDC exposure occurred solely during oocyte maturation, we can speculate that 

the outcomes occurred due to reductions in oocyte competence. Oocyte maturation is an 

important phase of embryo development that determines the oocyte’s ability to integrate 

the male genome and develop into an embryo (Conti & Franciosi, 2018). Therefore, the 

impact of EDCs during this critical stage of development is likely to reduce oocyte 

fertilization capacity and embryo development (Ferris et. al, 2016).  

In addition to decreased cleavage and blastocyst development, embryos in the 

BPA and BPS-treated groups also had impaired ability to reach the appropriate 

developmental stages in a timely manner. BPA exposure resulted in a significant 

decrease in embryos reaching the 2-4 cell stage at the typical 45-50 hours post-

fertilization, as well as the 8-16 cell stage at the typical 75-80 hours post-fertilization 

(timing according to bovine in vitro embryo production in RHBL lab, Department of 

Biomedical Sciences, University of Guelph). Additionally, a significant increase in the 



 

 

 
 

102 

percentage of developmental arrest, specifically arrest at the 2-4 cell stage, was detected 

on day-8 post-fertilization in the BPA-treated group. 

Similar to the reduction in cleavage and blastocysts rates, these effects are likely 

due to diminished oocyte quality. Embryos were not directly exposed to BPA, exposure 

occurred solely during oocyte maturation. One of the most commonly reported sources 

of embryonic arrest is oocyte chromosomal abnormalities and aneuploidy. Mammalian 

oocyte exposure to BPA has been shown to result in spindle abnormalities, chromosome 

misalignments and aneuploidy (Can et. al, 2005; Ferris et. al, 2015; Hunt et. al, 2003).  

Thus, it is possible that the BPA exposure is causing alterations in chromosome 

development, resulting in either a delay in cleavage or in developmental arrest. In support 

of this, studies have also found an association between BPA exposure and delayed cell 

cycle progression during oocyte maturation (Can et. al, 2005). It is possible that disrupted 

oocyte competence leads to reduced developmental capability after fertilization. Further 

evaluation of BPA effects on chromosome alignment and induction of aneuploidy will give 

greater insight into the observed inability of embryos to reach the appropriate cleavage 

stages in a timely manner (Van Soom et. al, 1992).  

Previously, our laboratory reported a skew towards female blastocyst production 

after oocyte exposure to BPA, through qPCR analyses of testis specific protein Y (TSPY) 

(Ferris et. al, 2016). We were able to reproduce these results in blastocysts through qPCR 

analysis of DDX3Y and USP9Y transcripts. We observed no significant alterations in the 

sex ratio in BPS-treated group. 

Sex ratio is a known indicator of embryo quality, stress exposure and reproductive 

hazards (James, 1998). In control environments, a ratio of about 50% males to 50% 
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females is typical, however skews in this ratio have been observed in altered 

environmental conditions. Studies have found that circumstances such as hyperglycemia, 

oxidative stress and altered culture conditions can skew sex ratio (Gutierrez-Adan et. al, 

2001; Rubessa et. al, 2011). Additionally, studies assessing exposure to EDCs such as 

dioxin and BPA, found significant decreases in male offspring and blastocysts, 

respectively (Ishihara et. al, 2007; Ferris et. al, 2015). 

The exact mechanism of action through which BPA affects sex ratio is not yet 

understood. The first important question to ask is whether EDCs induce a decrease in 

male blastocyst production or an increase in female blastocyst production. A study 

assessing spermatozoa exposure to EDCs such as BPA, dioxins and diazinon, found that 

there was a significant reduction in viable Y spermatozoa in comparison to X 

spermatozoa, which they predicted is the likely cause of a female-biased sex ratio (Son 

et. al, 2018). In our study, BPA exposure occurred during oocyte maturation, not during 

fertilization, therefore sperm was not directly exposed to the BPA before fertilization, 

however, it may have been exposed upon entry into the oocyte.  

Previous experiments in our laboratory exposed oocytes to lower doses of BPA 

(15 and 30 ng/mL) and determined by ELISA that the oocytes uptake about 1.69-2.48 

ng/mL of BPA (Ferris et. al, 2015). Studies have also shown that BPA has been detected 

in the follicular fluid of growing follicles and therefore in the granulosa cells within the 

follicle (Ikezuki et. al, 2002). Therefore, it is possible that spermatozoa exposure to BPA, 

while travelling through cumulus cells in order to fertilize the oocyte, resulted in X-bearing 

spermatozoa being more resistant to BPA and consequently more successful in 

fertilization. The above-mentioned ELISA experiments performed previously in our 
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laboratory demonstrated that bovine oocytes matured in vitro with 30 ng/mL of BPA 

uptake an average of 2.48 g/mL of BPA (Ferris et. al, 2015). Therefore, sperm exposure 

to BPA may have also occur upon entry into the oocyte. Future studies would be needed 

to further assess BPA uptake in the cumulus cells of an oocyte, determine if BPA 

becomes sequestered in the cytoplasm of an oocyte upon exposure, and determine if the 

spermatozoa are in fact exposed to the BPA during fertilization in order to support these 

speculations.  

An alternative possibility is that BPA exposure may function in altered sex-ratios 

at the oocyte level. It has already been observed that BPA can alter oocyte competence, 

meiosis and chromosomes function in oocytes. Oocyte competence also encompasses 

the integration of the male genome after fertilization in order to develop to the zygotic 

stage (Conti & Franciosi, 2018). If BPA is altering sex ratio, it may function during this 

critical stage of development by altering Y chromosome function or integration with oocyte 

DNA. This could be determined by assessing the presence of one or two X chromosomes 

at the blastocyst stage. It is also possible that the Y chromosome was integrated, but 

mutated. As DDX3Y and USP9Y are Y-chromosome linked genes, this would explain the 

lack of detection of their mRNAs in blastocysts in the BPA-treated group. 

Further research into DDX3Y and USP9Y has also revealed that they may be 

related to AMH expression during male embryonic development. AMH is a TFGß 

glycoprotein that is produced by the Sertoli cells in the male developing gonads. Studies 

have determined that mutations in DDX3Y result in “Sertoli-cell only syndrome”. In this 

syndrome, only production of Sertoli cells occurs in the gonads, resulting in androgen 

insensitivity and increased AMH expression (Lan et. al, 2013). Additionally, the USP9Y 
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gene is an essential regulator of the TGFß signalling cascade and SMAD ubiquitination 

(Gueler et. al, 2012; Muttukrishna et. al, 2007; Koglsberger et. al, 2016). Therefore, 

altered USP9Y expression may also result in altered AMH expression and downstream 

signalling.  

Future studies should aim to assess the levels and functions of the steroidogenic 

factor 1 (SF1). AMH expression was previously shown to be under the control of a DNA 

fragment including a single estrogen receptor half-site that is recognized by SF1 (De 

Santa Barbara et. al, 1998). In conjunction with SF1 expression, SOX9 is also produced 

by the SRY gene on the Y chromosome. SF1 and SOX9 have both been shown to act as 

transcriptional regulators of AMH. In mice, SOX9 was shown to be essential for initiating 

AMH expression (Ohnesorg & Sinclair, 2013). Additionally, both SOX9 and AMH are 

necessary for male development and decreased SOX9 is associated with sex reversal. 

Studies showed that absent or diminished SF1 function results in undifferentiated gonads 

and embryonic arrest. Lack of SF1 might be the cause of the embryonic arrest observed 

in our experiments (Ohnesorg & Sinclair, 2013). Finally, studies have shown that 

exogenous estrogen can override the presence of the SRY gene and block the male 

transcription factor SOX9 from entering the nuclei of male somatic cells and permitting 

the upregulation of key female genes resulting in ovarian development of XY embryos 

(Pask et. al, 2010). This study suggests that the estrogenic effects of BPA may also result 

in these same effects and contribute to the observed skew in sex ratio.  

Typically, Anti-Müllerian hormone is assessed in two major areas of embryonic 

development. The first area is the growing ovarian follicles, as AMH is produced by 

granulosa cells. The second, and more widely known area of development is during fetal 
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gonad sexual differentiation, as AMH is also produced by Sertoli cells in the early male 

testes. Müllerian ducts are developed during embryonic development of both male and 

females, however they are unable to differentiate and develop in the male fetus, due to 

AMH production and resulting regression of the Müllerian ducts (Behringer, 1994). 

Thus, AMH is undetected in female fetuses until the ovaries and their follicles are 

developed. Because of this, AMH expression at the blastocyst stage has not been 

studied. However, we showed that AMH, and its type II receptor, are expressed in 

blastocysts, and that this expression is significantly increased after exposure to BPA and 

BPS. To our knowledge, this is the first study to display AMH and AMHRII expression in 

bovine preimplantation embryos. 

AMH expression in humans has been detected not only in the testes but also in 

the brain and in ten other tissues, even if at a lesser extent than in the testes and ovary 

(NCBI gene ID:268). Therefore, AMH presence in blastocysts may be due to reasons 

other than promoting sexual differentiation. Measuring AMH in blastocysts, still does not 

confirm that AMH transcription and translation actually occur within the blastocyst.  

An alternative possibility for these observed results is tied to the membership of 

AMH in the TGF-ß family of glycoproteins. The TGF-ß signalling pathway is known to be 

involved in cell division, differentiation and apoptosis. It has also been suggested that the 

TGF-ß family, including their downstream effectors, SMAD proteins, are involved in 

preimplantation embryo development (Li et. al, 2012). As SMAD proteins are also 

downstream effectors of AMHRII, their presence at the blastocyst stage support the 

possibility of AMHRII expression at this developmental stage. There are still many 

unanswered questions such as how and why AMH expression is important in bovine 
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blastocysts and whether this is a peculiarity of the bovine species or is reproducible in 

other mammalian species. These results set the ground for additional functions of AMH 

during embryonic development, outside of sexual differentiation. 

AMH and its receptor have alternative roles in tumor suppression and apoptosis, 

and therefore they may act in different ways still unknown. Further studies should 

investigate whether AMH and AMHRII are present in blastocysts of other mammalian 

species and, in parallel, functional analysis of downstream effectors, such as SMAD 

proteins, should be measured in blastocysts. The study here is laying the foundation for 

future functional studies to further elucidate these results.  

The correlation between BPA and increased AMH and AMHRII levels has been 

observed in other experimental models. A study assessing BPA exposure in adult rats, 

found that low-dose exposure was associated with increased AMH expression in the 

testes (Siracusa et. al, 2018). Increased AMHRII expression has been correlated to 

increased apoptosis measured by increased Caspase 3 levels (Anttonen et. al, 2011).  

We also detected increased DNA fragmentation, indicative of increased apoptosis, 

in blastocysts obtained in both BPA- and BPS-treated groups. The increase in DNA 

fragmentation resembled the increase in AMHRII expression observed in blastocysts in 

BPA and BPS treatment groups. Future studies should assess other players in the 

apoptotic cascade of events to support the TUNEL data and clearly link the increase in 

DNA fragmentation to apoptosis.  

Additionally, as the apoptotic increase was observed in arrested 2-4 cells and 8-

16 cells in the BPA and BPS groups, it would be relevant to measure AMHRII expression 
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in these groups. This would strengthen the link between increased AMHRII levels and 

apoptosis during early embryonic development.  

In summary, our study enhanced our understanding of the relationship between 

bisphenols and AMH function during preimplantation embryo development. Because 

AMH and AMHRII function in both developmental arrest and apoptosis, we need further 

investigations to functionally link AMH to bisphenols and characterize their mechanism of 

action during development. 
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GENERAL DISCUSSION 

This thesis is one of the few reports that have investigated the association between 

EDCs, particularly BPA and BPS, and the function of AMH in reproductive success. The 

aim of the work described here, was to investigate the ability of BPA and BPS to alter 

early embryo development through changes in AMH and AMHRII, two critical components 

in embryogenesis. 

Successful embryo development relies heavily on the early stages of development, 

beginning with oocyte maturation. AMH in particular is a critical player in follicular 

progression to the antral stage. Production of AMH by the granulosa cells within the follicle 

allows for communication with the oocyte in order to stimulate growth (Dumesic et. al, 

2015). When exposing bovine COCs to 0.05 mg/mL of BPA and BPS during maturation, 

we observed a decrease in AMH and an increase in AMHRII mRNA and protein levels. 

From this pattern we can speculate that BPA may possibly bind to the AMHRII and 

stimulate its expression.  

As we also observed a significant increase in AMHRII expression in COCs 

exposed to BPS, it is possible that BPS may act on the AMH receptor as well. The 

molecular structures of BPA and BPS are very similar, with both molecules containing 

two phenol groups on either end, however, BPS contains a sulfur molecule rather than a 

carbon molecule at the center of its structure (Rochester & Bolden, 2015).  Due to these 

structural differences, BPS is more heat stable and sunlight-resistant than BPA, and 

therefore is thought to be less likely to leach from the manufactured product. However, 

due to the possession of identical phenol groups, BPS has been shown to have a similar 

estrogenic potency not only to BPA, but also to estradiol (Rochester & Bolden, 2015). 
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Therefore, based solely on structure, BPA and BPS would conceivably act similarly on 

the AMH receptor. Alternatively, the observed pattern may also suggest a compensatory 

effect: as AMH is reduced in response to BPA exposure, AMHRII increases. This 

compensatory effect likely stems from the cumulus cells as AMH is produced by these 

cells.  

AMH mRNA levels were not reduced in BPA-treated cumulus cells however at the 

protein level there was a significant reduction in AMH. This observation suggests that 

BPA may be damaging the protein to a greater extent than the mRNA transcripts or 

reducing translation of the mRNA. Protein turnover is a balance between the rate of 

synthesis and the rate of degradation. Studies in BPA-exposed rats show that BPA can 

increase the rate of protein degradation through oxidative stress, and thus may explain 

the reductions in AMH protein in oocytes (Balakrishnan, 2016).  

However, when under stressful conditions, a cell will typically limit mRNA 

translation to conserve energy and resources. This would account for the observed 

reductions in AMH protein levels and not mRNA levels (Pakos-Zebrucka et. al, 2016). In 

addition, studies have observed that COCs treated with BPA during maturation result in 

disrupted cumulus cell expansion. This disruption has been associated with aberrant 

gene expression in cumulus cells, which may explain the observed changes in AMH 

levels after BPA exposure (Sabry et. al, 2019).  

Studies suggest that AMH expression may act as a marker of oocyte competence 

and fertilization potential (Devic Pavlic et. al, 2019). As AMH is necessary for proper 

oocyte maturation, decreased AMH due to BPA exposure may be indicative of disrupted 

oocyte maturation. Investigations of AMH and AMHRII expression during follicle growth, 
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in vivo and in vitro, revealed that AMH levels produced by growing follicles is higher than 

that of nongrowing follicles. Additionally, they observed that growing follicles which 

generated metaphase II oocytes, secreted greater levels of AMH than follicles with GV 

oocytes (Xu et. al, 2016). In support of this, previous experiments in our laboratory 

exposing in vitro bovine oocytes to BPA, observed increases in spindle abnormalities and 

reduced ability of oocytes to mature to metaphase II (Ferris et. al, 2015). The mechanism 

through which BPA causes these effects remains unclear, however, based on the study 

of Xu et. al (2016), and the well-established importance of AMH in oocyte maturation, we 

can speculate that BPA may be impairing meiotic progression through reduction of AMH.  

Environmental factors can reduce oocyte quality and fertilization potential, 

resulting in significant consequences to developmental capacity. Oocyte competence 

involves the ability of an oocyte to resume meiosis, integrate sperm DNA and develop to 

the blastocyst stage. Our observations indicate that this process is impaired by oocyte 

exposure to BPA, because cleavage and blastocysts rates were significantly reduced. 

Additionally, fertilized oocytes in the BPA-treated group were unable to reach the 2-4 cell 

and 8-16 cell stages in a timely manner. These effects however were not observed in the 

BPS-treated groups.  

These findings suggest that BPA may be delaying or even inhibiting embryo 

development. This idea has been observed previously in mice embryos that were found 

to be delayed in cleavage and in reaching the morula stages after BPA exposure in vivo 

(Xiao et. al, 2011). Studies have found that slow cleavage progression is associated with 

reductions in blastocyst development and imply poor developmental competence (Chi et. 

al, 2001). In vitro experiments also found that blastomeres that divide faster were 
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associated with increased likelihood of developing to the blastocyst stage (Kong et. al, 

2016).  

Disruption of first cleavage may also indicate that BPA alters maternally derived 

genes. Bovine early embryo development relies on the maternal genome until the 8-16 

cell stage when the embryonic genome is activated. BPA induced impairment of 

maternally derived genes, especially those necessary for early cleavage, may explain the 

observed delays in development, as well as the reduced blastocyst production (Tesfaye 

et. al, 2010). This possibility is exemplified by Dnmt1, a maternal transcript with important 

roles regulating DNA methylation prior to the EGA (Laing et. al, 2016). In vitro studies 

have shown that Dnmt1 levels are reduced as a result of BPA exposure (Kahlon, 2016). 

Therefore, it is possible that BPA alters maternal-effect genes which are critical to early 

cleavage, and in turn result in the observed delay or inhibition of development.  

In addition to simply delaying developing, our results demonstrate that BPA 

exposure can completely arrest preimplantation development. A significant increase in 

embryos arrested at the 2-4 cell stage, after oocyte exposure to BPA, indicates that BPA 

worsens cellular arrest. Contrarily, we did not observe the same increases in embryo 

arrest in the BPS treatment group as observed in the BPA group. A commonly reported 

cause of development arrest is high levels of reactive oxygen species (ROS). Embryos 

exposed to oxidative stress during development are associated with increased protein 

oxidation and DNA fragmentation (Favetta et. al, 2007). BPA is associated with oxidative 

stress in numerous tissues and has also been reported to increase ROS during embryo 

development (Wu et. al, 2011; Yuan et. al, 2019). Higher levels of ROS have been 

correlated with increased probability of embryo failure (Bain et. al, 2011). Therefore, BPA-
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induced ROS production may be the source of increased embryonic arrest and reduced 

blastocyst rates.  

EDCs have also been shown to promote oxidative stress through the estrogen 

receptors. As xenoestrogens, BPA and BPS may therefore act on estrogen receptors to 

increase ROS as well (Silvestris et. al, 2017). This is supported by studies in human 

fertility clinics, wherefore women suffering from infertility, that also had high levels of 

urinary BPA, were able to successfully conceive after treatment to reduce ROS. These 

women were given a 1-carbon cycle (1-CC) supplement, containing antioxidants shown 

to counteract oxidative stress induced by EDCs. This treatment resulted in spontaneous 

pregnancies in several cases. Intriguingly, serum AMH levels were also increased after 

1-CC supplementation, however, they were still low in comparison to those without 

impaired fertility (Silvestris et. al, 2017). This study reveals that ROS production may play 

a large role in BPA-induced reductions in fertility. It also supports the potential connection 

between bisphenols and AMH function.  

In addition to increases in oxidative damage, increased stress during embryonic 

development is also associated with apoptosis. Studies have shown that damaged or 

abnormal cells will be eliminated through programmed cell death, which allows for 

preservation of neighboring cells (Betts & King, 2001). Our lab has previously shown that 

bovine oocytes exposed to 0.03mg/mL of BPA during maturation result in an increased 

proportion of apoptosis at the blastocyst stage (Ferris et. al, 2016). Through analysis of 

DNA fragmentation, we observed the same effect after treatment with 0.05 mg/mL of BPA 

as well as BPS.  
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Additionally, we observed increased DNA fragmentation in arrested 2-4 cells and 

8-16 cells after BPA and BPS treatment. Interestingly, increases in DNA fragmentation in 

the BPS treatment group was greater than or equal to that observed in the BPA group, 

both in arrested embryos and in blastocysts. Experiments exposing mice to varying doses 

of BPS, established that BPS doses greater than 10 ug/kg induces developmental arrest 

and significantly increases oxidative stress (Nourian et. al, 2017). Therefore, BPS is 

associated with increases in oxidative damage and DNA fragmentation which may be 

associated with an increase in apoptosis.   

While we only observed a significant increase in development arrest in the BPA-

treated group, we detected a greater proportion of arrested embryos in the BPS group, 

showing high levels of DNA fragmentation. These results suggest that both BPA and BPS 

can induce developmental arrest through increased apoptosis by different means. 

We can speculate that an alternative cause of increased apoptosis following BPS 

exposure is linked to BPS-induced early development. Recent studies have shown that 

in vitro exposure of oocyte to BPS can result in early cleavage events, opposite to the 

developmental delays that we speculated to occur with BPA treatment (Sabry et. al, 

2019). If BPS does in fact support abnormal early development, this may explain the 

significant apoptosis increase observed. Experiments on human embryos with abnormal 

early cleavage demonstrated that short or sped-up cytokinesis was associated with 

decreased blastocyst production and survival (Burrel et. al, 2014). Additionally, in bovine 

preimplantation embryos, Leidenfrost et. al, (2011) found that fast developing embryos 

were associated with increased levels of apoptosis-related gene transcripts. Therefore, it 
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is likely that through increasing the speed of embryo development, BPS may be 

increasing DNA fragmentation and apoptosis.   

Induction of apoptosis may occur through a variety of mechanisms and our results 

allow us to speculate that AMH and AMHRII play a role. In our experiments, BPA- and 

BPS-induced DNA fragmentation in blastocysts was associated with increases in AMH 

and AMHRII protein. During embryonic development, the primary role of AMH is 

apoptosis and regression of the Müllerian ducts in males. Therefore, we speculate that 

increased AMH and AMRHII in blastocysts, after BPA and BPS exposure, play a 

functional role in promoting apoptosis.  

Studies have shown specific AMH and AMHRII functions in endometrial tissue as 

well as in the ovary. AMH function in the endometrium has been associated with inhibition 

of cellular proliferation as well as increased apoptosis (Signorile et. al, 2014). In the ovary, 

AMH has been associated with inhibition of ovarian cancer proliferation and metastasis. 

Furthermore, AMHRII expression positively correlated to apoptosis of granulosa cell 

tumors (Zhang et. al, 2018; Anttonen et. al, 2011). This provides evidence that AMH and 

AMHRII can encourage programmed cell death outside of their typical role in the 

regression of Müllerian ducts.  

While these data sustain a connection between AMH and apoptosis, evidence of 

a functional link between bisphenols and AMH is still lacking. A possible association may 

be found via through the estrogen receptor (ER). BPA and BPS have been shown to have 

estrogenic effects, acting on both ERα and ERß, as well as estrogen related receptors 

such as GPER1 and EERy (Pouzaud et. al, 2018). While the estrogenic effects of BPA 

are well characterized in literature, BPS is thought to have a lower affinity for the ER in 
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comparison to BPA. However, BPS can still act on ERs and has been shown to increase 

estradiol production in bovine granulosa cells, which would have implications on oocyte 

development (Campen et al, 2018).  

In the ovary, estrogens mediate the majority of their effects through ERs, which 

then induce complex binding to an estrogen-response element (ERE) or a steroidogenic 

factor 1 (SF-1) response element. This is connected to AMH production in granulosa cells 

because the AMH promoter contains an ERE half-site and 2 SF-1 binding sites (Grynberg 

et. al, 2012). Therefore, estrogenic effects on EREs or SF-1 can alter AMH expression 

acting at these promoter sites.  

 A study assessing this relationship, found that increased estradiol exposure down-

regulates AMH expression. Additionally, Grynberg and colleagues (2012) found that lower 

levels of estradiol can stimulate AMH transcription via ERa, however this is prevented 

when ERE or SF-1 binding sites on the AMH promoter are mutated (Grynberg et. al, 

2012). Therefore, if BPA and/or BPS estrogenic action can induce the activation of AMH 

promoter regions, this would explain the increase in AMH protein observed in blastocysts. 

Similar to AMH, SF-1 has implications in sexual differentiation. SRY on the Y 

chromosome induces the transcription of SOX9 and SF-1, which stimulate the formation 

of Sertoli and Leydig cells in the male embryo (Sekido & Lovell-Badge, 2008). Sertoli cells 

in turn transcribe AMH to cause regression of the Müllerian ducts and development of 

male organs. While the SRY gene has been detected during preimplantation embryo 

development, as early as the 4-8 cell stage in bovine embryos, SOX9, SF-1 and AMH 

have only been detected after implantation (Gutierrez-Adan et. al, 1997; von Schalburg 
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et. al, 2011). While still being investigated, the current understanding of SF-1 and SOX9 

function in relation to AMH production in XY gonads can be observed in Figure 31.  

 

 

Figure 31. Genetic pathway of mammalian gene expression in XY gonads. Dashed lines 
are hypothesized interactions and solid lines are known interactions. Modified by: Knower 
et. al, 2003 

 
SF-1 and SOX9 have been shown to work together in order to alter AMH 

transcription. SOX-9 specifically has been shown to significantly increase AMH 

transcripts. Therefore, if BPA can be shown to alter SOX-9 or SF-1, this may explain our 

observed increase in AMH protein in blastocysts (Ohnesorg & Sinclair, 2013). While this 

may be an area requiring further investigations, this speculation falters in one aspect: we 

observed AMH expression in all blastocysts and therefore its expression cannot be limited 

to those possessing the Y chromosome. However, this can be explained by studies 

reporting that SRY does not directly regulate AMH expression, although AMH is 

downstream of SRY in the male testes. In fact, SF-1 was shown to have greater effects 

on AMH expression by acting as a direct activator of AMH (Giuili et. al, 1997). As 

previously mentioned, SF-1 response elements function in the AMH promoter region of 
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AMH transcripts in the ovarian granulosa cells (Grynberg et. al, 2012). Therefore SF-1 is 

not limited to males and may indeed account for our observations.  

When AMH binds to AMHRII it activates downstream transcription factors called 

SMAD proteins. While SMAD 1 and 5 convey the genomic effects of AMH, SMAD 4 is an 

essential mediating factor. When activated, receptor-mediated SMADs form homomeric 

and heteromeric complexes with SMAD 4 and translocated from the cytoplasm to the 

nucleus to regulate transcription (Poole et. al, 2016; Kristensen et. al, 2014). In bovine 

embryos, studies have shown that SMAD 4 is of maternal origin and is necessary for 

preimplantation development. Knock-out of SMAD 4 resulted in a lower percentage of 

embryos developing to the 8-16 cell stage and the blastocyst stage. SMAD 4 mRNA was 

also shown to decrease after the 8-16 cell stage, the stage of EGA (Lee et. al, 2014). 

These data support a functional role of AMHRII during preimplantation embryo 

development, explaining the presence of AMHRII protein at the blastocyst stage. 

Additionally, a very recent study suggests that BPA and BPS are able to induce SMAD 

activation (Jung et. al, 2019). This may offer another explanation for the presence and 

increase in AMHRII levels in blastocysts in the BPA and BPS groups.  

Altered blastocyst sex ratio in vitro may indicate disruptive oocyte competence and 

poor embryo quality. Blastocyst sex ratio may be skewed due to increased stress, 

suboptimal growth environments, and exposure to toxins (Ishihara et. al, 2007). After 

fertilization, embryos differ only in their sex chromosomes. Therefore, all sex differences 

in the offspring stem from alterations in transcription during preimplantation embryo 

development (Bermejo-Alvarex et. al, 2011). Therefore, shifts in sex ratio at the blastocyst 

stage, must be the result of transcriptional changes.  
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EDCs have been shown to alter sex ratio, typically resulting in a skew towards 

increased female blastocyst number (Ishihara et. al, 2007; Ferris et. al, 2015). In our 

experiments, a significant skew in sex ratio was only observed in the BPA treatment 

group. The exact cause of this skew has yet to be explained. Previous studies report that 

male embryos metabolize glucose at a higher rate than females and therefore benefit 

from high glucose environments, whereas females do not (Tiffin et. al, 1991; Jimenez et. 

al, 2003). Therefore, male embryos would rely more heavily on mitochondrial function and 

display increased oxidative phosphorylation. Such increases would likely result in 

increased production of ROS. As BPA also increases oxidative stress, it is possible that 

the oxidative damage is much higher in male embryos following BPA treatment, resulting 

in greater rates of embryonic arrest (Tsunoda et. al, 2013). This could explain the 

observed skew towards female blastocysts.  

Alternatively, we could speculate that transcripts from the X and Y chromosomes 

are being altered by BPA exposure directly. Embryo sexing is typically performed by the 

detection of exclusively male or female genes. If BPA was causing mutations in the Y 

chromosome, or impairing X-chromosome inactivation, male transcripts may be under-

expressed, or not expressed at all (Bermejo-Alvarex et. al, 2011). BPA-exposure studies 

in mice revealed that BPA altered the expression of X chromosome inactivation regulating 

factors (Kumamoto & Oshio, 2013). These data support the notion that BPA-altered X-

chromosome inactivation might play a role in skewed sex ratio.  

  The results obtained in this thesis support the working hypothesis that BPA and 

BPS can alter oocyte maturation and early embryo development through changes in AMH 

and AMHRII expression. These findings have implications on fertility, especially in 
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humans, because of the widespread and chronic human exposure to BPA and BPS. As 

AMH is already used as a biomarker of oocyte competence and ovarian reserve in human 

fertility, a better understanding the environmental factors altering AMH can provide 

valuable insight to improve embryo developmental potential. Higher quality in vitro 

embryo production has clinical implication in fertility clinics’ business and success.
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SUMMARY AND FUTURE DIRECTIONS 

Exposure of in vitro bovine oocytes to the LOAEL-equivalent dose of BPA and BPS 

(0.05 mg/mL) resulted in both short-term and long-term developmental effects. In Chapter 

1 the implications of bisphenol exposure on oocyte maturation were demonstrated 

through alterations in AMH and AMHRII mRNA and protein levels. At both the mRNA and 

protein level there was a significant decrease in AMH levels and a significant increase in 

AMHRII levels. While the majority of significant observations occurred following BPA 

treatment, in Chapter 2 we showed that BPS exposure can have significant downstream 

consequences in embryo development. In fact, both the BPA and BPS treatment were 

associated with increased AMH and AMHRII protein levels in blastocysts. These findings 

support a link between bisphenols and AMH during preimplantation development. 

Additionally, embryos in the BPA and BPS treated groups displayed reduced 

developmental capacity and increased DNA fragmentation. These results support 

concerns for the use of BPS as a replacement for BPA.  

Research shows that BPA toxicity occurs in a U-shaped manner (Kinch et. al, 

2015). This means that the greatest toxic effects of BPA are observed at very low and 

very high doses. Therefore, repeating these experiments at significantly lower doses may 

further support our results. Future studies should also involve more functional analyses 

of the interaction between bisphenols and AMHRII. This can be done by assessing the 

effects of BPA and BPS on downstream transcription factors of AMHRII, such as SMAD 

proteins. As bisphenols are widely known for their estrogenic effects, future studies could 

investigate the link between BPA and BPS and AMHRII by the use of an ER or AMHRII 

antagonists. If the observed increase in DNA fragmentation is in fact associated with the 
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increased AMHRII, as speculated, then antagonism of the AMHRII would mediate these 

effects. Alternatively, if our observations are in fact due to the estrogenic abilities of BPA 

and BPS, then antagonism of the ERs would provide support for this notion. In addition 

to investigating receptor-ligand dynamics, firm evidence of a functional role of BPA on the 

AMH promoter, would provide insight into AMH transcriptional regulation and how it may 

be altered by bisphenols.  

As AMH is produced by granulosa cells, future studies should assess the effects 

of BPA and BPS on AMH in granulosa cells. We observed a reduction in AMH protein 

levels in cumulus cells treated with BPA, therefore, function studies are now essential to 

outline the “how”. Cumulus cell-oocyte interaction is fundamental for proper oocyte 

maturation. Studies show that the presence of cumulus cells during in vitro fertilization 

improves fertilization and blastocyst development (Zhou et. al, 2016). If these benefits 

exist in part because of AMH production in the cumulus cells, BPA disruption of AMH 

production in granulosa cells by can have significant detrimental effects. 

While not studied directly in our experiments, SF-1 is a possible mediating factor 

between BPA and AMH. Future investigations should assess if and how SF-1 function on 

the AMH promoter is altered after BPA exposure, as well as the implications that this 

might have during pre-implantation development. There are several transcription factors 

that are associated with SF-1 in the regulation of AMH (Ohnesorg & Sinclair, 2013). 

Further investigation of the role of these factors and how they are affected by EDCs can 

provide significant insight into EDC-induced sex ratio skew and sexual differentiation as 

a whole. BPA has been hypothesized to function through a variety of mechanisms, 

however while no definitive answer has been found, a bulk of scientific literature agrees 
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on its detrimental implications on health and development. Not only are these detrimental 

effects of BPA significant to human fertility, the cattle industry is also impacted. Increased 

understanding of the mechanisms of action of BPA may give rise to possible methods of 

improving embryo production. This would provide significant benefits to the dairy industry 

as well as the improvement of mammalian fertility as a whole. Further investigations are 

necessary to clearly outline these mechanisms and to prevent the disrupting effects of 

bisphenols on early embryo development. 



 

 

 
 

124 

REFERENCES 

 
1. Abbara, A., Vuong, L. N., Ho, V. N. A., Clarke, S. A., Jeffers, L., Comninos, A. N., 

Salim, R., Ho, T., Kelsey, T. W., Trew, G. H., Humaidan, P., Dhillo, W. S. (2018). 
Follicle Size on Day of Trigger Most Likely to Yield a Mature Oocyte. Front 
Endocrinol (Lausanne), 9, 193. doi: 10.3389/fendo.2018.00193. 

2. Akingbemi, B., Sottas, C., Koulova, A., Klinefelter, G. and Hardy, M. (2004). 
Inhibition of Testicular Steroidogenesis by the Xenoestrogen Bisphenol A Is 
Associated with Reduced Pituitary Luteinizing Hormone Secretion and Decreased 
Steroidogenic Enzyme Gene Expression in Rat Leydig Cells. Endocrinology. 145, 
592-603. doi:10.1210/en.2003-1174. 

3. Akin, L., Kendirci, M., Narin, F., Kurtoglu, S., Saraymen, R., Kondolot, M., Kocak, 
S., Elmali, F. (2015). The endocrine disruptor bisphenol A may play a role in the 
aetiopathogenesis of polycystic ovary syndrome in adolescent girls. Acta 
Paediatrica, 104(4). doi: 10.1111/apa.12885 

4. Almeida, F., Costermans, N., Soede, N. M., Bunschoten, A., Keijer, J., Kemp, B., 
& Teerds, K. J. (2018). Presence of anti-Müllerian hormone (AMH) during follicular 
development in the porcine ovary. PloS one, 13(7), e0197894. 
doi:10.1371/journal.pone.0197894 

5. AMH anti-Mullerian hormone [Homo sapiens (human)] - Gene - NCBI. (n.d.). 
Retrieved October 27, 2019, from https://www.ncbi.nlm.nih.gov/gene/268. 

6. Anderson, R., Nelson, S., & Wallace, W. (2012). Measuring anti-Müllerian hormone 
for the assessment of ovarian reserve: When and for whom is it indicated? 
Maturitas, 71(1), 28-33. doi:10.1016/j.maturitas.2011.11.008 

7. Anguita, B., Jimenez-Macedo, A. R., Izquierdo, D., Mogas, D., Mogas, T., Paramio, 
M. T. (2007). Effect of oocyte diameter on meiotic competence, embryo 
development, p34 (cdc2) expression and MPF activity in prepubertal goat oocytes. 
Theriogenology, 67(3), 526-536. 

8. Anttonen, M., Färkkilä, A., Tauriala, H., Kauppinen, M., MacLaughlin, D. T., Unkila-
Kallio, L., Bützow, R., Heikinheimo, M. (2011). Anti-Müllerian hormone inhibits 
growth of AMH type II receptor-positive human ovarian granulosa cell tumor cells 
by activating apoptosis. Laboratory Investigation  91, 1605–1614, 
doi:10.1038/labinvest.2011.116 

9. Araujo, V. R., Gastal, M. O., Figueiredo, J. R., Gastal, E. L. (2014). In vitro culture 
of bovine preantral follicles: a review. Reprod. Biol. Endocrinol., 12, 78. 
doi: 10.1186/1477-7827-12-78 

10. Assidi, M., Dufort, I., Ali, A., Hamel, M., Algriany, O., Dielemann, S., Sirard, M. A. 
(2008). Identification of potential markers of oocyte competence expressed in 
bovine cumulus cells matured with follicle-stimulating hormone and/or phorbol 
myristate acetate in vitro. Biol Reprod. 79(2), 209-22. doi: 
10.1095/biolreprod.108.067686.  

11. Bain, N. T., Madan, P., Betts, D. H. (2011) The early embryo response to 
intracellular reactive oxygen species is developmentally regulated. Reproduction, 
Fertility and Development 23, 561-575. 



 

 

 
 

125 

12. Bakri, N. M., Ibrahim, S. F., Osman, N. A., Hasan, N., Jaffar, F. H. F., Rahman, Z. 
A., Osman, K. (2016). Embryo apoptosis identification: Oocyte grade or cleavage 
stage?, Saudi Journal of Biological Sciences, 23(1), S50-S55, ISSN 1319-562X, 
https://doi.org/10.1016/j.sjbs.2015.10.023 

13. Balakrishnan, B., Henare, K., Thorstensen, E. B., Ponnampalam, A. P., & Mitchell, 
M. D. (2010). Transfer of bisphenol A across the human placenta. American 
Journal of Obstetrics and Gynecology, 202(4). doi:10.1016/j.ajog.2010.01.025  

14. Balakrishnan, N. (2016). Effect of BPA on protein lipid profile in serum of albino 
rats and impact of vitamin E and thyronorm in BPA induced albino rats. 
International Journal of Science and Research, 907-911, doi:10.21275/10011804 

15. Barbonetti, A., Castellini, C., Giammarco, N. D., Santilli, G., Francavilla, S., & 
Francavilla, F. (2016). In vitro exposure of human spermatozoa to bisphenol A 
induces pro-oxidative/apoptotic mitochondrial dysfunction. Reproductive 
Toxicology, 66, 61–67. doi: 10.1016/j.reprotox.2016.09.014 

16. Basak, S., & Duttaroy, A. (2017). Cellular effects of the endocrine disrupters 
(Bisphenol-S & A): Impact on the growth and development of the first trimester 
trophoblast cells. Placenta, 57, 253. doi:10.1016/j.placenta.2017.07.104 

17. Behringer, R. R. (1994). 5 The in Vivo Roles of Müllerian-inhibiting Substance. 
Current Topics in Developmental Biology, 171-187. doi:10.1016/s0070-
2153(08)60550-5 

18. Bermejo-Alvarez, P., Rizos, D., Lonergan, P., & Gutierrez-Adan, A. (2011). 
Transcriptional sexual dimorphism during preimplantation embryo development 
and its consequences for developmental competence and adult health and 
disease, Reproduction, 141(5), 563-570.   

19. Betts, D. H., & King, W. A. (2001). Genetic regulation of embryo death and 
senescence. Theriogenology, 55(1), 171–191. http://doi.org/10.1016/S0093- 
691X(00)00453-2 

20. Betts, D. H., & Madan, P. (2008). Permanent embryo arrest: molecular and cellular 
concepts. Molecular human reproduction, 14(8), 445–453. 
doi:10.1093/molehr/gan035 

21. Blank, M. & Shiloh, Y. (2007). Programs for cell death: apoptosis is only one way 
to go. Cell Cycle, 6(6), 686-695.  

22. Blondin, P., Vigneault, C., Nivet, A. L., Sirard, M. A. (2012). Improving oocyte 
quality in cows and heifers - What have we learned so far? Anim Reprod, 9(3), 
p.281-289 

23. Blumberg, B., Iguchi, T. and Odermatt, A. (2011). Endocrine disrupting chemicals. 
Steroid Biochem. and Molec. Biol. 127(1–2),1-3. ISSN 0960-0760, 
https://doi.org/10.1016/j.jsbmb.2011.07.012. 

24. Boucher, J. G., Boudreau, A., Atlas, E. (2014). Bisphhenol A induces differentiation 
of human preadipocytes in the absence of glucocorticoid and is inhibited by an 
estrogen-receptor antagonist. Nutrition & Diabetes, 4, e102. 

25. Borges, E., Braga, D. P. A. F., Setti, A., de Cassia Figueira, R., Iaconelli Jr, A. 
(2017). The predictive value of serum concentrations of anti-Mullerian hormone for 
oocyte quality, fertilization, and implantation. JBRA Assisted Reproduction, 21(3), 
176-182, doi: 10.5935/1518-0557.20170035.  



 

 

 
 

126 

26. Brentnall, M., Rodriguez-Menocal, L., De Guevara, R. L., Cepero, E. and Boise, L. 
H. (2013). Caspase-9, caspase-3 and caspase-7 have distinct roles during intrinsic 
apoptosis. BMC Cell Biol. 14(1) 

27. Brevini T. A. L. and Pennarossa G. (2013) Early Embryo Development. In: 
Gametogenesis, Early Embryo Development and Stem Cell Derivation. Springer 
Briefs in Stem Cells. Springer, New York, NY 

28. Brieño-Enríquez, M. A., Reig-Viader, R., Cabero, L., Toran, N., Martínez, F., Roig, 
I., Garcia Caldés, M. (2012). Gene expression is altered after bisphenol A 
exposure in human fetal oocytes in vitro. Molecular Human Reproduction, 18(4), 
171–183.   

29. Burrel, V., Klooster, K., Barker, C. M., Pera, R. R., Meyers, S. (2014). Abnormal 
early cleavage events predict early embryo demise: sper oxidative stress and early 
abnormal cleavage. Scientific Reports, 4, 6598.  

30. Bushnik, T., Cook, J. L., Yuzpe, A. A., Tough, S., & Collins, J. (2012). Estimating 
the prevalence of infertility in Canada. Human reproduction (Oxford, 
England), 27(3), 738–746. doi:10.1093/humrep/der465 

31. Calafat, A. M., Ye, X., Wong, L-Y, Reidy, J. A., Needham, L. L. (2008). Exposure 
of the U.S. population to bisphenol A nd 4-tertiary-octylphenol: 2003-2004. Environ 
Health Perspect, 116(1); 39-44. 

32. Campen, K. A., Lavallee, M., Combelles, C. M. H. (2018). The impact of bisphenol 
S on bovine granulosa and theca cells. Reprod Dom Anim. 
53, 450– 457. https://doi-org.subzero.lib.uoguelph.ca/10.1111/rda.13130. 

33. Can. A., Semiz, O., Cinar, O. (2005) Bisphenol-A induces cell cycle delay and 
alters centrosome and spindle microtubular organization in oocytes during meiosis. 
Mol Hum Reprod. 11, 389–396. 

34. Carmeci, C., Thompson, D. A., Ring, H. Z., Francke, U., & Weigel, R. J. (1997). 
Identification of a Gene (GPR30) with Homology to the G-Protein-Coupled 
Receptor Superfamily Associated with Estrogen Receptor Expression in Breast 
Cancer. Genomics, 45(3), 607– 617. https://doi.org/10.1006/geno.1997.4972. 

35. Chatzicharalampous, C., Jeelani, R., Ghoniem, K., Najeemuddin, S., Joshi, N., 
Morris, R. T., A. Awonuga, Abu-Soud, H. M. (2018). Bisphenol a exposure 
negatively impacts embryo development through a mechanism that involves zinc 
depletion, reactive oxygen species overproduction and induction of 
apoptosis. Fertility and Sterility, 110(4), e172. 
doi:10.1016/j.fertnstert.2018.07.510. 

36. Chen, Y., Shu, L., Qiu, Z., Lee, D. Y., Settle, S.J., Que Hee, S., Telesca, D., Yang, 
X. and Allard, P. (2016) Exposure to the BPA-Substitute Bisphenol S Causes 
Unique Alterations of Germline Function. PLoS Genet 12(7): e1006223. 
https://doi.org/10.1371/journal.pgen.1006223. 

37. Chi, L., DeJesus, E., McCaffery, C., Grifo, J. A., Berkeley, A. S., & Krey, L. C. 
(2001). Developmental potential and blastocyst formation rate in human embryos 
with early stage development delay, arrest, or with multinucleated blastomere 
(MNB). Fertility and Sterility, 76(3), S183-S183. doi:10.1016/S0015-
0282(01)02541-9 



 

 

 
 

127 

38. Conti, M. and Franciosi, F. (2018). Acquisition of oocyte competence to develop 
as an embryo: integrated nuclear and cytoplasmic events, Human Reproduction 
Update, 24(3), 245–266, https://doi.org/10.1093/humupd/dmx040 

39. Convissar, S., Armouti, M., Fierro, M. A., Winston, N. J., Scoccia, H., Zamah, A. 
M., & Stocco, C. (2017). Regulation of AMH by oocyte-specific growth factors in 
human primary cumulus cells. Reproduction (Cambridge, England), 154(6), 745–
753. doi:10.1530/REP-17-0421 

40. Coughlan, C., Ledger, B., & Ola, B. (2011). In-vitro fertilization. Obstetrics, 
Gynaecology & Reproductive Medicine, 21(11), 303-310. 
doi:10.1016/j.ogrm.2011.09.005 

41. Cox, E. and Takov, V. (2019). Ovarian Follicle Development. Embryology. 
https://www.ncbi.nlm.nih.gov/books/NBK532300/. 

42. Damjan, B., Marjan, R., Krivograd, K. A. (2011) Negative impact of endocrine-
disrupting compounds on human reproductive health. Reproduction, Fertility and 
Development 23, 403-416. 

43. Darbre, P. D. (2015). What Are Endocrine Disrupters and Where Are They Found? 
Endocrine Disruption and Human Health, 3-26. doi:10.1016/b978-0-12-801139-
3.00001-6. 

44. Dekant, W., Völkel, W. (2008). Human exposure to bisphenol A by biomonitoring: 
Methods, results and assessment of environmental exposures. Toxicology and 
Applied Pharmacology, 228(1), 114-134, ISSN 0041-008X, 
https://doi.org/10.1016/j.taap.2007.12.008.  

45. Demiray, S. B., Yilmaz, O., Goker, E. N. T., Tavmergen, E., Calimlioglu, N., 
Sezerman, U., Soykam, H. O., Oktem, G. (2017). Expression of the bone 
morphogenetic protein-2 (BMP2) in the human cumulus cells as a biomarker of 
oocytes and embryo quality. Journal of Human Reproductive Sciences, 10(3), 194-
200. doi:10.4103/jhrs.JHRS_21_17 

46. De Santa Barbara, P., Bonneaud, N., Boizet, B., Desclozeaux, M., Moniot, B., 
Sudbeck, P., Scherer, G., Poulat, F., Berta, P. (1998). Direct interaction of SRY-
related protein SOX9 and steroidogenic factor 1 regulates transcription of the 
human anti-Müllerian hormone gene. Molecular and cellular biology, 18(11), 
6653–6665. doi:10.1128/mcb.18.11.6653 

47. Dević Pavlić, S., Tramišak Milaković, T., Panić Horvat, L., Čavlović, K., Vlašić, H., 
Manestar, M., Radojčić Badovinac, A. (2019). Genes for anti-Müllerian hormone 
and androgen receptor are underexpressed in human cumulus cells surrounding 
morphologically highly graded oocytes. SAGE open medicine, 7, 
2050312119865137. doi:10.1177/2050312119865137 

48. Diamanti-Kandarakis, E., Bourguignon, J., Giudice, L. C., Hauser, R., Prins, G. S., 
Soto, A. M., Zoeller, T., Gore, A. C. (2009). Endocrine-Disrupting Chemicals: An 
Endocrine Society Scientific Statement. Endocrine Reviews, 30(4), 293-342. 
doi:10.1210/er.2009-0002 

49. Ducibella, T., & Anderson, E. (1975). Cell shape and membrane changes in the 
eight-cell mouse embryo: Prerequisites for morphogenesis of the blastocyst. 
Developmental Biology, 47(1), 45-58. doi:10.1016/0012-1606(75)90262-6. 



 

 

 
 

128 

50. Dumesic, D. A., Meldrum, D. R., Katz-Jaffe, M. G., Krishner, R. L., Schoolcraft, W. 
B. (2015). Oocyte environment: follicular fluid and cumulus cells are critical for 
oocyte health. Fertility and Sterility, 103(2), 303-316.  

51. Eftekhar, M., Mohammadian, F., Yousefnejad, F., Molaei, B., & Aflatoonian, A. 
(2012). Comparison of conventional IVF versus ICSI in non-male factor, 
normoresponder patients. Iranian journal of reproductive medicine, 10(2), 131–
136. 

52. Eichenlaub-Ritter, U., Pacchierotti, F. (2015). Bisphenol A effects on mammalian 
oogenesis and epigenetic integrity of oocytes: a case study exploring risks of 
endocrine disrupting chemicals. Biomed Res Int., 2015, 698795.  

53. Eladak, S., Grisin, T., Moison, D., Guerquin, M., N'Tumba-Byn, T., Pozzi-Gaudin, 
S., Benachi, A., Livera, G., Rouiller-Favre, V., Habert, R. (2015). A new chapter in 
the bisphenol A story: Bisphenol S and bisphenol F are not safe alternatives to this 
compound. Fertility and Sterility, 103(1), 11-21. 
doi:10.1016/j.fertnstert.2014.11.005. 

54. Favetta, L. A., Madan, P., Mastromonaco, G. F., St John, E. J., King, W. A., & 
Betts, D. H. (2007). The oxidative stress adaptor p66Shc is required for permanent 
embryo arrest in vitro. BMC developmental biology, 7, 132. doi:10.1186/1471-
213X-7-132; a. 

55. Favetta, L. A., St John, E. J., King, W. A., Betts, D.H. (2007). High levels of p66shc 
and intracellular ROS in permanently arrested early embryos. Free Radic Biol Med. 
42, 1201–1210; b. 

56. Fernandez, M., Bourguignon, N., Lux-Lantos, V., Libertun, C. (2010). Neonatal 
exposure to bisphenol A and reproductive and endocrine alterations resembling 
the polycystic ovarian syndrome in adult rats. Environmental Health Perspectives, 
118(9), 1217+.  

57. Ferris, J., Favetta, L. A., King W. A. (2015). Bisphenol A exposure during oocyte 
maturation in vitro results in spindle abnormalities and chromosome misalignment 
in Bos Taurus. 
Cytogenet. Genome. Res. doi:10.1159/000381321  

58. Ferris, J., Mahboubi, K., Maclusky, N., King, W. A., & Favetta, L. A. (2016). BPA 
exposure during in vitro oocyte maturation results in dose-dependent alterations to 
embryo development rates, apoptosis rate, sex ratio and gene expression. 
Reproductive Toxicology, 59, 128-138. doi:10.1016/j.reprotox.2015.12.002. 

59. Feuerstein, P., Puard, V., Chevalier, C., Teusan, R., Cadoret, V., Guerif, F., 
Houlgatte, R., Royere, D. (2012). Genomic Assessment of Human Cumulus Cell 
Marker Genes as Predictors of Oocyte Developmental Competence: Impact of 
Various Experimental Factors. PLoS ONE 7(7): e40449. 

60. Fitzgerald, A. C., Peyton, C., Dong, J., and Thomas, P. (2015). Bisphenol A and 
Related Alkylphenols Exert Nongenomic Estrogenic Actions Through a G Protein-
Coupled Estrogen Receptor 1 (Gper)/Epidermal Growth Factor Receptor (Egfr) 
Pathway to Inhibit Meiotic Maturation of Zebrafish Oocytes1. Biol. Reprod., 93(6). 

61. Fleming, R., Seifer, D. B., Frattarelli, J. L., & Ruman, J. (2015). Assessing ovarian 
response: Antral follicle count versus anti-Müllerian hormone. Reproductive 
BioMedicine Online, 31(4), 486-496. doi:10.1016/j.rbmo.2015.06.015. 



 

 

 
 

129 

62. Fleming, T. P., Papenbrock, T., Fesenko, I., Hausen, P., & Sheth, B. (2000). 
Assembly of tight junctions during early vertebrate development. Seminars in Cell 
and Developmental Biology, 11(4), 291-299. doi:10.1006/scdb.2000.0179. 

63. Fox, S. I. (2013). Human physiology 13th edition. 
64. Genuis, S. J., Beesoon, S., Birkholz, D., & Lobo, R. A. (2012). Human excretion of 

bisphenol A: blood, urine, and sweat (BUS) study. Journal of environmental and 
public health, 2012, 185731. doi:10.1155/2012/185731 

65. Gilbert, I., Macaulay, A., Robert, C. (2015). Oocyte developmental competence 
and embryo quality: distinction and new perspectives. Anim. Reprod., 12(3), 397-
407. 

66. Gilbert, S. F. (2000). Oogenesis. Developmental Biology. 6th edition. Sunderland 
(MA): Sinauer Associates.  

67. Golbus, M. S., Calarco, P. G. and Epstein, C. J. (1973), The effects of inhibitors of 
RNA synthesis (α-amanitin and actinomycin D) on preimplantation mouse 
embryogenesis. J. Exp. Zool., 186, 207-216. doi:10.1002/jez.1401860211 

68. Goldstone, A. E., Chen, Z., Perry, M. J., Kannan, K., & Louis, G. M. B. (2014). 
Urinary Bisphenol a and Semen Quality: The Life Study. Annals of 
Epidemiology, 24(9), 700. doi: 10.1016/j.annepidem.2014.06.087 

69. Gore, A. C. (2007). Endocrine-Disrupting chemicals from basic research to clinical 
practise. Totowa, NJ: Humana Press. 

70. Grynberg, M., Pierre, A., Rey, R., Leclerc, A., Arouche, N., Hesters, L., Catteau-
Jonard, S., Frydman, R., Picard, J-Y., Fanchin, R., Veitia, R., di Clemente, N., 
Taieb, J. (2012). Differential Regulation of Ovarian Anti-Müllerian Hormone (AMH) 
by Estradiol through α- and β-Estrogen Receptors, The Journal of Clinical 
Endocrinology & Metabolism, 97(9), E1649–E1657  

71. Gueler, B., Sonne, S. B., Zimmer, J., Hilscher, B., Hilscher, W., Graem, N., Rajpert-
De Meyts, E., Vogt, P. H. (2012). AZFa protein DDX3Y is differentially expressed 
in human male germ cells during development and in testicular tumours: new 
evidence for phenotypic plasticity of germ cells. Hum. Reprod., 27(6), 1547-1555.  

72. Guo, J., Zhao, M., Shin, K., Niu, Y., Ahn, Y., Kim, N., & Cui, X. (2017). The possible 
molecular mechanisms of bisphenol A action on porcine early embryonic 
development. Scientific Reports, 7 doi:10.1038/s41598-017-09282-2 

73. Gutiérrez-Adán, A., Behboodi, E., Murray, J. D., & Anderson, G. B. (1997). Early 
transcription of the SRY gene by bovine preimplantation embryos. Molecular 
Reproduction and Development, 48(2), 246-250. doi:10.1002/(SICI)1098-
2795(199710)48:2<246::AID-MRD12>3.0.CO;2-W 

74. Gutiérrez-Adán, A., Lonergan, P., Rizos, D., Ward, F. A., Boland, M. P., Pintado, 
B., & de la Fuente, J. (2001). Effect of the in vitro culture system on the kinetics of 
blastocyst development and sex ratio of bovine embryos.  

75. Hamilton, C. K., Combe, A., Caudle, J., Ashkar, F. A., Macaulay, A. D., Blondin, 
P., King, W. A. (2012). A novel approach to sexing bovine blastocysts using male-
specific gene expression. Theriogenology, 77, 1587-1596. 

76. Hamilton, C.K., Revay, T., Domander, R., Favetta, L.A., King, W.A., 2011. A Large 
expansion of the HSFY gene family in cattle shows dispersion across Yq and 
Testis-specific expression. PLoS One 6, e17790.  



 

 

 
 

130 

77. Hao, Y., Lai, L., Mao, J., Im, G., Bonk, A., Prather, R. S. (2003). Apoptosis and In 
Vitro Development of Preimplantation Porcine Embryos Derived In Vitro or by 
Nuclear Transfer. Biology of Reproduction, 69(2), 501–
507, https://doi.org/10.1095/biolreprod.103.016170 

78. Hasley, A., Chavez, S., Danilchik, M., Wühr, M., Pelegri, F. (2017) Vertebrate 
Embryonic Cleavage Pattern Determination. Vertebrate Development. Advances 
in Experimental Medicine and Biology, 953.  

79. Health Canada. Health Risk Assessment of Bisphenol A from Food Packaging 
Applications. Published; August 2008. Archived: June 24, 2013. Bureau of 
Chemical Safety Food Directorate Health Products and Food Branch. 
https://www.canada.ca/content/dam/hc-sc/migration/hc-sc/fn-an/alt_formats/hpfb-
dgpsa/pdf/securit/bpa_hra-ers-eng.pdf 

80. Herrero, Ó., Aquilino, M., Sánchez-Argüello, P., & Planelló, R. (2018). The BPA-
substitute bisphenol S alters the transcription of genes related to endocrine, stress 
response and biotransformation pathways in the aquatic midge Chironomus 
riparius (Diptera, Chironomidae). PloS one, 13(2), e0193387. 
doi:10.1371/journal.pone.0193387 

81. Horwitz, K. B. and McGuire, W. L. (1978). Actinomycin D prevents nuclear 
processing of estrogen receptor. J. Biol. Chem. 

82. Houghton, F. D., Humpherson, P. G., Hawkhead, J. A., Hall, C. J., & Leese, H. J. 
(2003). Na+, K+, ATPase activity in the human and bovine preimplantation embryo. 
Developmental Biology, 263(2), 360-366. doi:10.1016/j.ydbio.2003.07.01 

83. Hunt, P. A., Koehler, K. E., Susiarjo, M., Hodges, C. A., Ilagan, A., Voigt, R. C., 
Thomas, S., Thomas, B. F., Hassold, T. J. (2003). Bisphenol A exposure causes 
meiotic aneuploidy in the female mouse. Curr Biol. 13, 546–553.  

84. Hwang, J. K., Min, K. H., Choi, K. H., Hwang, Y. C., Jeong, I-K., Ahn, K. J., Chung, 
H-Y., Chang, J. S. (2013). Bisphenol A reduces differentiation and stimulates 
apoptosis of osteoclasts and osteoblasts. Life Sciences, 93(9-11), 367-372. 
https://doi.org/10.1016/j.lfs.2013.07.020. 

85. Ikezuki, Y. (2002). Determination of bisphenol A concentrations in human 
biological fluids reveals significant early prenatal exposure. Hum Reprod, 17, 
2839-2841. 

86. Ireland, J.J., Zielak-Steciwko, A.E., Jimenez-Krassel, F., Folger, J., Bettegowda, 
A., Scheetz, D., Walsh, S., Mossa, F., Knight, P.G., Smith, G.W., Lonergan, P., 
Evans, A.C.O. (2009). Variation in the ovarian reserve is linked to alterations in 
intrafollicular estradiol production and ovarian biomarkers of follicular 
differentiation and oocyte quality in cattle. Biol. Reprod. 80, 954–964.  

87. Ishihara, K., Warita, K., Tanida, T., Sugawara, T., Kitagawa, H., & Hoshi, N. (2007). 
Does Paternal Exposure to 2,3,7,8-Tetrachlorodibenzo-pDioxin (TCDD) affect the 
Sex Ratio of Offspring? Journal of Veterinary Medical Science, 69(4), 347–352. 
http://doi.org/10.1292/jvms.69.347 

88. James, W. (1998). Was the widespread decline in sex ratios at birth caused by 
reproductive hazards? Human Reproduction, 13(4), 1083-1084.  

89. Ji, K., Hong, S., Kho, Y., & Choi, K. (2013). Effects of Bisphenol S Exposure on 
Endocrine Functions and Reproduction of Zebrafish. Environmental Science & 
Technology, 47(15), 8793-8800. doi:10.1021/es400329t 



 

 

 
 

131 

90. Jiménez, A., Madrid-Bury, N., Fernandez, R., Pérez-Garnelo, S., Moreira, P., 
Pintado, B., Gutiérrez-Adan, A. (2003). Hyperglycemia-induced apoptosis affects 
sex ratio of bovine and murine preimplantation embryos. Molecular Reproduction 
and Development, 65, 180– 187. doi:10.1002/mrd.10286 

91. Josso, N., Clemente, d. C. (2003). Transduction pathway of anti-Müllerian 
hormone, a sex-specific member of the TGF-β family. Trends in Endocrinology & 
Metabolism, 14(2), 91-97. ISSN 1043-2760, https://doi.org/10.1016/S1043-
2760(03)00005-5. 

92. Jung, N., Maguer-Satta, V., & Guyot, B. (2019). Early steps of mammary stem cell 
transformation by exogenous signals; effects of bisphenol endocrine disrupting 
chemicals and bone morphogenetic proteins. Cancers, 11, 1351, 
doi:10,3390/cancers11091351 

93. Kahlon, N. (2016). The Effects of Oocyte Exposure to Bisphenol A On Early Bovine 
Embryo Development (Master’s thesis). Retrieved from The Atrium 

94. Kan̆ka, J. (2003). Gene expression and chromatin structure in the pre-implantation 
embryo. Theriogenology, 59(1), 3-19. doi:10.1016/S0093-691X(02)01267-0 

95. Kim, J. H., MacLaughlin, D. T., & Donahoe, P. K. (2014). Müllerian inhibiting 
substance/anti-Müllerian hormone: A novel treatment for gynecologic 
tumors. Obstetrics & gynecology science, 57(5), 343–357. 
doi:10.5468/ogs.2014.57.5.343 

96. Kinch, C. D., Ibhazehiebo, K., Jeong, J-H., Habibi, H. R., Kurrasch, D. M. (2015). 
Low-dose exposure to bisphenol A and replacement bisphenol S induced 
precocious hypothalamic neurogenesis in embryonic zebrafish. PNAS, 112(5), 
1475-1480.  

97. Knower, K. C., Kelly, S. E., & Harley, V. R. (2003). Turning on the male--SRY, 
SOX9 and sex determination in mammals. Cytogenetic and genome research, 101 
3-4, 185-98. 

98. Kitazumi, I. and Tsukahara, M. (2011), Regulation of DNA fragmentation: the role 
of caspases and phosphorylation. The FEBS Journal, 278: 427-441. 
doi:10.1111/j.1742-4658.2010.07975.x 

99. Koglsberger, S., Cordero-Maldonado, M. L., Antony, P., Forster, J. I., Garcia, P., 
Buttini, M., Crawford, A., Glaab, E. (2016). Gender-specific expression of ubiquitin-
specific peptidase 9 modulates tau expression and phosphorylation: possible 
implications for tauopathies. Mol Neurobiol., 54(10), 7979-7993. 

100. Kong, X., Yang, S., Gong, F., Lu, C., Zhang, S., Lu, G., & Lin, G. (2016). The 
relationship between cell number, division behavior and developmental potential 
of cleavage stage human embryos: A time-lapse study. PloS One, 11(4), 
e0153697; e0153697-e0153697. doi:10.1371/journal.pone.0153697 

101. Kristensen, S. G., Andersen, K., Clement, C. A., Franks, S., Hardy, K., Andersen, 
C. Y. (2014). Expression of TGF-beta superfamily growth factors, their receptors, 
the associated SMADs and antagonists in five isolated size-matched populations 
of pre-antral follicles from normal human ovaries, Molecular Human Reproduction, 
20(4), 293–308.  

102. Kuang, J., Yan, X., Genders, A. J., Granata, C., & Bishop, D. J. (2018). An overview 
of technical considerations when using quantitative real-time PCR analysis of gene 



 

 

 
 

132 

expression in human exercise research. PloS one, 13(5), e0196438. 
doi:10.1371/journal.pone.0196438 

103. Kumamoto, T. & Oshio, S. (2013). Effect of fetal exposure to bisphenol A on brain 
mediated by X-chromosome inactivation. The Journal of toxicological sciences. 38. 
485-494. 10.2131/jts.38.485. 

104. Laing, L. V., Viana, J., Dempster, E. L., Trznadel, M., Trunkfield, L. A., Uren 
Webster, T. M., Santos, E. M. (2016). Bisphenol A causes reproductive toxicity, 
decreases dnmt1 transcription, and reduces global DNA methylation in breeding 
zebrafish (Danio rerio). Epigenetics, 11(7), 526–538. 
doi:10.1080/15592294.2016.1182272 

105. La Marca, A., Sighinolfi, G., Radi, D., Argento, C., Baraldi, E., Carducci Artenisio, 
A., Stabile, G., Volpe, A. (2010). Anti-Müllerian hormone (AMH) as a predictive 
marker in assisted reproductive technology (ART), Human Reproduction Update 
16(2),113–130, doi:10.1093/humupd/dmp036 

106. Labrecque, R. and Sirard, M. A. (2014). The study of mammalian oocyte 
competence by transcriptome analysis: progress and challenges. Molecular 
Human Reproduction, 20(2), 103–116. 

107. Lan, H-C., Lin, L-W., Yang, Z-J., Lin, J-H. (2015). Low-dose Bisphenol A 
Activates Cyp11a1 Gene Expression and Corticosterone Secretion in Adrenal 
Gland via the JNK Signaling Pathway. Toxicological Sciences. 148(1), 26- 
34. https://doi.org/10.1093/toxsci/kfv162 

108. Lan, K-C., Chen, Y-T., Chang, C., Chang, Y-C., Lin, H-J., Huang, K-E., Kang, H-
Y. (2013). Patients accounts for increasing anti-Mullerian hormone expression via 
impaired androgen receptor signalling. PLoS ONE, 8(10), e76303, 
https://doi.org/10.1371/journal.pone.0076303 

109. Langley, A. R., Smith, J. C., Stemple, D. L., Harvey, S. A. (2014). New insights into 
the maternal to zygotic transition. Development, 141,3834-
3841; doi: 10.1242/dev.102368  

110. Lassen, T. H., Frederiksen, H., Jensen, T. K., Petersen, J. H., Joensen, U.N., Main, 
K. M., Skakkebaek, N. E., Juul, A., Jorgensen, N., Andersson, A. M. (2014). 
Urinary bisphenol A levels in young men: association with reproductive hormones 
and semen quality. Environ Health Perspect, 122(5); 478-484. 

111. Lee, I., Kim, S., Kim, K., Kim, S., Park, S., Lee, H., Jeong, Y., Lim, J., Moon, H., 
Choi, K. (2018). Bisphenol A exposure through receipt handling and its association 
with insulin resistance among female cashiers. Environment International, 117, 
268-275, ISSN 0160-4120, https://doi.org/10.1016/j.envint.2018.05.013. 

112. Lee, K. B., Zhang, K., Folger, J. K., Knott, J. G., & Smith, G. W. (2014). Evidence 
supporting a functional requirement of SMAD4 for bovine preimplantation 
embryonic development: a potential link to embryotrophic actions of 
follistatin. Biology of reproduction, 91(3), 62. doi:10.1095/biolreprod.114.120105 

113. Leidenfrost, S., Boelhauve, M., Reichenbach, M., Güngör, T., Reichenbach, H-D., 
Sinowatz, F., Wolf, E., Habermann, F. A. (2011). Cell Arrest and Cell Death in 
Mammalian Preimplantation Development: Lessons from the Bovine Model. PLoS 
ONE 6(7): e22121. https://doi.org/10.1371/journal.pone.0022121 

114. Lenie, S., Cortvrindt, R., Eichenlaub-Ritter, U., & Smitz, J. (2008). Continuous 
exposure to bisphenol A during in vitro follicular development induces meiotic 



 

 

 
 

133 

abnormalities. Mut.Res.-Genetic Toxicology and Environmental 
Mutagenesis, 651(1-2), 71-81. doi:10.1016/j.mrgentox.2007.10.017 

115. Li, G., Khateeb, K., Schaeffer, E., Zhang, B., & Khatib, H. (2012). Genes of the 
transforming growth factor-beta signalling pathway are associated with pre-
implantation embryonic development in cattle. Journal of Dairy Research, 79(3), 
310–317. doi: 10.1017/s0022029912000210 

116. Li, L., Lu, X., & Dean, J. (2013). The maternal to zygotic transition in mammals. 
Molecular aspects of medicine, 34(5), 919–938. doi:10.1016/j.mam.2013.01.003 

117. Li, L., Wang, Q., Zhang, Y., Niu, Y., Yao, X., Liu, H. (2015) The Molecular 
Mechanism of Bisphenol A (BPA) as an Endocrine Disruptor by Interacting with 
Nuclear Receptors: Insights from Molecular Dynamics (MD) Simulations. PLOS 
ONE 10(3), e0120330. https://doi.org/10.1371/journal.pone.0120330 

118. Li, Y., Zhao, H., Huang, Z., Tang, J., Zhang, S., Li, Y., Liu, X., He, L., Ju, Z., Lui, 
K. O., Zhou, B. (2018). Embryonic senescent cells re-enter cell cycle and 
contribute to tissues after birth. Cell research, 28, 775-778. 

119. Liao, C., Liu, F., Alomirah, H., Loi, V. D., Mohd, M. A., Moon, H. B., Nakata, H., 
Kannan, K. (2012a). Bisphenol S in urine from the United States and seven Asian 
countries: occurrence and human exposures. Environ Sci Technol, 46(12), 6860–
6 

120. Liao C., Liu, F., Kannan, K. (2012). Bisphenol S, a new bisphenol analogue, in 
paper products and currency bills and its association with bisphenol A residues. 
Environ Sci Technol, 46(12), 6515-22.  

121. Liu, W., Xin, Q., Wang, X., Wang, S., Wang, H., Zhang, W., Yang, Y., Zhang, Y., 
Zhang, Z., Wang, C., Xu, Y., Duan, E. and Xia, G. (2017). Estrogen receptors in 
granulosa cells govern meiotic resumption of pre-ovulatory oocytes in mammals. 
Cell Death Dis., 8(3), e2662. doi: 10.1038/cddis.2017.82. 

122. Lukáčová, J., Jambor, T., Knazicka, Z., Tvrda, E., Kolesarova, A., Lukac, N. 
(2015). Dose- and time-dependent effects of bisphenol A on bovine spermatozoa 
in vitro. Journal of environmental science and health. Part A, Toxic/hazardous 
substances & environmental engineering. 50. 669-76. 
10.1080/10934529.2015.1011963. 

123. McGee, E. A. and Hsueh, A. J. W. (2000). Initial and Cyclic Recruitment of Ovarian 
Follicles.  Endocrine Reviews, 21(2), 200–214, 
https://doi.org/10.1210/edrv.21.2.0394  

124. Messerlian, C., Williams, P. L., Ford, J. B., Chavarro, J. E., Minguez-Alarcon, L., 
Dadd, R., Braun, J. M., Gaskins, A. J., Meeker, J. D., James-Todd, T., Chiu, Y-H., 
Nassan, F. L., Souter, I., Petrozza, J., Keller, M., Toth, T. L., Calafat, A. M., Hauser, 
R. (2018). The environmental and reproductive health (EARTH) study: a 
prospective preconception cohort. Human Reproduction, 1-11. 

125. Mikkelsen, A. L. (2001). Morphology of in-vitro matured oocytes: Impact on fertility 
potential and embryo quality. Human Reproduction, 16(8), 1714-1718. 
doi:10.1093/humrep/16.8.1714 

126. Monniaux, D., Baril, G., Laine, A.L., Jarrier, P., Poulin, N., Cognie, J., Fabre, S., 
2011. Anti-Mullerian hormone as a predictive endocrine marker for embryo 
production in the goat. Reproduction 142, 845–854.  



 

 

 
 

134 

127. Muttukrishna, S., Yussoff, H., Naidu, M., Barua, J., Arambage, K., Suharjono, H., 
Sathanandan, M. (2007). Serum anti-Mullerian hormone and inhibin B in disorders 
of spermatogenesis. Fertility and Sterility, 88(2), 516-518. 

128. Nachman, R. M., Fox, S. D., Golden, W. C., Sibinga, E., Veenstra, T. D., 
Groopman, J. D., & Lees, P. S. J. (2013). Urinary free bisphenol A and bisphenol 
A-glucuronide concentrations in newborns. The Journal of Pediatrics, 162(4), 870-
872. doi:10.1016/j.jpeds.2012.11.083 

129. Namkung, J., Song, J. Y., Jo, H. H., Kim, M. R., Lew, Y. O., Donahoe, P. K., 
MacLaughlin, D. Y., Kim, J. H. (2012). Müllerian Inhibiting Substance Induces 
Apoptosis of Human Endometrial Stromal Cells in Endometriosis, The Journal of 
Clinical Endocrinology & Metabolism, 97(9), 3224–3230, https://doi-
org.subzero.lib.uoguelph.ca/10.1210/jc.2012-1538 

130. Nevoral, J., Kolinko, Y., Moravec, J., Žalmanová, T., Hošková, K., Prokešová, Š., 
Klein, P., Ghaibour, K., Hošek, P., Štiavnická, M., Řimnáčová, H., Tonar, Z., Petr, 
J., & Králíčková, M. (2018). Long-term exposure to very low doses of bisphenol S 
affects female reproduction, Reproduction, 156(1), 47-57.  

131. Nourian, A., Soleimanzadeh, A., Shalizar Jalali, A., & Najafi, G. (2017). Effects of 
bisphenol-S low concentrations on oxidative stress status and in vitro fertilization 
potential in mature female mice. Veterinary Research Forum, 8(4), 341-345.  

132. Ohnesorg, T., Sinclair, A. H. (2013). Sex determination, human. Brenner’s 
Encyclopedia of Genetics. 401-404. https://doi.org/10.1016/B978-0-12-374984-
0.01402-9 

133. Owens, J. W. and Ashby, J. (2002). Critical review and evaluation of the 
uterotrophic bioassay for the identification of possible estrogen agonists and 
antagonists: in support of the validation of the OECD uterotrophic protocols for the 
laboratory rodent. Crit Rev Toxicol, 32, 445–520. 

134. Pakos-Zebrucka, K., Koryga, I., Mnich, K., Ljujic, M., Samali, A., & Gorman, A. M. 
(2016). The integrated stress response. EMBO reports, 17(10), 1374-1395. doi: 
10.15252/embr.201642195 

135. Palmer, N. and Kaldis, P. (2016). Chapter One - Regulation of the Embryonic Cell 
Cycle During Mammalian. Preimplantation Development. Current Topics in 
Developmental Biology, Academic Press, 120, 1-53, 
https://doi.org/10.1016/bs.ctdb.2016.05.001. 

136. Parrish J. J. (2014). Bovine in vitro fertilization: in vitro oocyte maturation and 
sperm capacitation with heparin. Theriogenology, 81(1), 67–73. 
doi:10.1016/j.theriogenology.2013.08.005 

137. Pask, A. J., Calatayud, N. E., Shaw, G., Wood, W. M., & Renfree, M. B. (2010). 
Oestrogen blocks the nuclear entry of SOX9 in the developing gonad of a 
marsupial mammal. BMC Biology, 8, 113-113. doi:10.1186/1741-7007-8-113 

138. Patel, S., Brehm, E., Gao, L., Rattan, S., Ziv-Gal, A., Flaws, J. A. (2017). Bisphenol 
A Exposure, Ovarian Follicle Numbers, and Female Sex Steroid Hormone Levels: 
Results From a CLARITY-BPA Study, Endocrinology, 158(6), 1727–1738.  

139. Pelch, K., Wignall, J. A., Goldstone, A. E., Ross, P. K., Blain, R. B., Shapiro, A. J., 
Holmgren, S. D., Hsieh, J. H., Svoboda, D., Auerbach, S. S., Parham, F. M., 
Masten, S. A., Walker, V., Rooney, A., Thayer, K. A. (2019). A scoping review of 



 

 

 
 

135 

the health and toxicological activity of bisphenol A (BPA) structural analogues and 
functional alternatives. Toxicology, 424(Complete) doi:10.1016/j.tox.2019.06.006 

140. Peluso, C., Fonseca, F. L. A., Rodart, I. F., Cavalcanti, V., Gastaldo, G., 
Christofolini, D. M., Barbosa, C. P. and Bianco, B. (2014). AMH: An ovarian reserve 
biomarker in assisted reproduction. Clinica Chimica Acta, 437, 175-182, ISSN 
0009-8981, https://doi.org/10.1016/j.cca.2014.07.029. 

141. Peretz, J., Craig, Z. R., & Flaws, J. A. (2012). Bisphenol A inhibits follicle growth 
and induces atresia in cultured mouse antral follicles independently of the genomic 
estrogenic pathway. Biology of Reproduction, 87(3), 63; 63-63. 
doi:10.1095/biolreprod.112.101899  

142. Pieretti-Vanmarcke, R., Donahoe, P. K., Pearsall, L. A., Dinulescu, D. M., Connolly, 
D. C., Halpern, E. F., Seiden, M. V., MacLaughlin, D. T. (2006). Mullerian Inhibiting 
Substance enhances subclinical doses of chemotherapeutic agents to inhibit 
human and mouse ovarian cancer. Proc. Natl. Sci. USA, 103(46), 17426-17431. 
Doi: 10.1073/pnas.060795103.  

143. Pižem, J. & Cör, Andrej. (2003). Detection of apoptotic cells in tumour paraffin 
sections. 37. 225-232+269. 

144. Poole, D. H., Ocón-Grove, O. M., & Johnson, A. L. (2016). Anti-müllerian hormone 
(AMH) receptor type II expression and AMH activity in bovine granulosa 
cells. Theriogenology, 86(5), 1353-1360. 
doi:10.1016/j.theriogenology.2016.04.078 

145. Porta, M. and Last, J. M. (2019). Endocrine-disrupting chemicals. A Dictionary of 
Public Health. 

146. Pouzaud, F., Thierry-Mieg, M., Burga, K., Vérines-Jouin, L., Fiore, K., Beausoleil, 
C., Michel, C., Rousselle, E. P. (2018). Concerns related to ED-mediated effects 
of bisphenol A and their regulatory consideration. Molecular and Cellular 
Endocrinology, 475(Complete), 92-106. doi:10.1016/j.mce.2018.02.002 

147. Prossnitz, E. R., & Barton, M. (2011). The G-protein-coupled estrogen receptor 
GPER in health and disease. Nature Reviews Endocrinology, 7(12), 715+.  

148. Qi, S., Fu, W., Wang, C., Liu, C., Quan, C., Kourouma, A., … Yang, K. (2014). 
BPA-induced apoptosis of rat Sertoli cells through Fas/FasL and JNKs/p38 MAPK 
pathways. Reproductive Toxicology, 50, 108–116. doi: 
10.1016/j.reprotox.2014.10.013 

149. Quinn, P., & Cooke, S. (2004). Equivalency of culture media for human in vitro 
fertilization formulated to have the same pH under an atmosphere containing 5% 
or 6% carbon dioxide. Fertility and Sterility, 81(6), 1502-1506. 
doi:10.1016/j.fertnstert.2004.02.093 

150. Reich, A., Klatsky, P., Carson, S., Wessel, G. (2011). The transcriptome of a 
human polar body accurately reflects its sibling oocyte, J Biol Chem, 286, 40743-
40749.  

151. Rochester, J. R., & Bolden, A. L. (2015). Bisphenol S and F: A Systematic Review 
and Comparison of the Hormonal Activity of Bisphenol A Substitutes. 
Environmental Health Perspectives. doi:10.1289/ehp.1408989 

152. Romão, G. S., Araújo, M. C. P. M., de Melo, A. S., Navarro,Paula Andrea de 
Albuquerque Salles, Ferriani, R. A., & dos Reis, R. M. (2010). Oocyte diameter as 



 

 

 
 

136 

a predictor of fertilization and embryo quality in assisted reproduction 
cycles. Fertility and Sterility, 93(2), 621-625. doi:10.1016/j.fertnstert.2008.12.124  

153. Rubessa, M., Boccia, L., Campanile, G., Longobardi, V., Albarella, S., Tateo, A., 
Zicarelli, L., Gasparrini, B. (2011). Effect of energy source during culture on in vitro 
embryo development, resistance to cryopreservation and sex 
ratio. Theriogenology, 76(7), 1347-1355. 
doi:10.1016/j.theriogenology.2011.06.004 

154. Rubin, B. S. (2011). Bisphenol A: An endocrine disruptor with widespread 
exposure and multiple effects. Journal of Steroid Biochemistry and Molecular 
Biology, 127(1-2), 27-34. doi:10.1016/j.jsbmb.2011.05.002 

155. Sabry, R. (2019). The effects of BPA and BPS on microRNAs during bovine oocyte 
maturation and early embryo development. (Master’s thesis). Retrieved from The 
Atrium. 

156. Scheetz, D., Folger, J.K., Smith, G.W., Ireland, J.J., 2012. Granulosa cells are 
refractory to FSH action in individuals with a low antral follicle count. Reprod. Fertil. 
Dev. 24, 327.  

157. Schonfelder, G., Wittfoht, W., Hopp, H., Talsness, C. E., Paul, M., Chahoud, I. 
(2002). Parent bisphenol A accumulation in the human maternal-fetal-placental 
unit. Environmental Health Perspectives, 110(11), A703+. 

158. Sejian, V., Meenambigai, t. v., Chandirasegaran, M., Naqvi, S. M. K. (2010). 
Reproductive technology in farm animals. New advances and findings: a review. 
Journal of Biological Sciences, 10(7), 686-700.  

159. Sekido, R., Lovell-Badge, R. (2008). Sex determination involved synergistic action 
of SRY and SF1 on a specific Sox9 enhancer. Nature, 453, 930-934.  

160. Signorile, P., G., Petraglia, F., & Baldi, A. (2014). Anti-Mullerian hormone is 
expressed by endometriosis tissue and induces cell cycle arrest and apoptosis in 
endometriosis cells. Journal of Experimental & Clinical Cancer Research, 33(1). 

161. Silva, E., Rajapakse, N., Kortenkamp, A. (2002). Something from “nothing” – eight 
weak estrogenic chemicals combined at concentrations below NOECs produce 
significant mixture effects. Environ Sci Technol, 36, 1751–1756. 

162. Silvestris, E., Cohen, M., Cornet, D., Jacquesson-Fournols, L., Clement, P., 
Chouteau, J., Schneider, M., Besnard, t., menezo, Y. (2017). BioResearch, 6.1, 
104-109.  

163. Siracusa, J. S., Yin, L., Measel, E., Liang, S., & Yu, X. (2018). Effects of bisphenol 
A and its analogs on reproductive health: A mini review. Reproductive 
Toxicology, 79(Complete), 96-123. doi:10.1016/j.reprotox.2018.06.005 

164. Sirard, M. A., Francois, R., Blondin, P., Robert, C. (2006). Contribution of the 
oocyte to embryo quality. Theriogenology, 65,126–136. 
doi:10.1016/j.theriogenology.2005.09.020   

165. Song, W., Mohamed, E. A., Pang, W., Kang, K., Ryu, D., Rahman, M. S., & Pang, 
M. (2018). Effect of endocrine disruptors on the ratio of X and Y chromosome-
bearing live spermatozoa. Reproductive Toxicology, 82(Complete), 10-17. 
doi:10.1016/j.reprotox.2018.09.002 

166. Souter, I., Smith, K. W., Dimitriadis, I., Ehrlich, S., Williams, P. L., Calafat, A. M., & 
Hauser, R. (2013). The association of bisphenol-A urinary concentrations with 
antral follicle counts and other measures of ovarian reserve in women undergoing 



 

 

 
 

137 

infertility treatments. Reproductive Toxicology, 42, 224-231. 
doi:10.1016/j.reprotox.2013.09.008 

167. Speroff, L., Glass, R. H., & Kase, N. G. (1999). Clinical gynecologic endocrinology 
and infertility (6th ed.). Philadelphia, PA: Lippincott Williams & Wilkins. 

168. Stojsin-Carter, A. S., Mahboubi, K., Costa, N. N., Gillis, D. J., Carter, T. F., Neal, 
M. S., Favetta, L. A., King, W. A. (2016). Systemic and local anti-mullerian 
hormone reflects differences in the reproduction potential of zebu and european 
type cattle. Animal Reproduction Science, 167(Complete), 51-58. 
doi:10.1016/j.anireprosci.2016.02.003. 

169. Storer, M., Mas, A., Robert-Moreno, A., Pecoraro, M., Ortells, M., Di Giacomo, V., 
Yosef, R., Pilpel, N., Krizhanovsky, V., Sharpe, J., Keyes, W. M. (2013). 
Senescence is a developmental mechanism that contributes to embryonic growth 
and patterning. Cell, 155(5), 1119-1130. doi:10.1016/j.cell.2013.10.041 

170. Susiarjo, M., Hassold, T. J., Freeman, E., Hunt, P. A. (2007). Bisphenol A exposure 
in utero disrupts early oogenesis in the mouse. PLoS Genetics, 3(1). 

171. Swedenborg, E., Pongratz, I., & Gustafsson, J. (2010). Endocrine disruptors 
targeting ERβ function. International Journal of Andrology, 33(2), 288-297. 
doi:10.1111/j.1365-2605.2009.01025.x 

172. Takayanagi, S., Tokunaga, T., Liu, X., Okada, H., Matsushima, A., Shimohigashi, 
Y. (2006). Endocrine disruptor bisphenol A strongly binds to human estrogen 
related receptor gamma (ERRgamma) with high constitutive activity. Toxicol. Lett. 
167, 95e105. 

173. Telfer, E. E., & McLaughlin, M. (2007). Natural history of the mammalian 
oocyte. Reproductive BioMedicine Online, 15(3), 288-295. doi:10.1016/S1472-
6483(10)60341-0  

174. Tesfaye, D., Regassam A., Rings, F., Ghanem, N., Phatsara, C., Tholen, E., 
Herwig, R., Un, C., Schellander, K., Hoelker, M. (2010). Suppression of the 
transcription factor MSX1 gene delays bovine preimplantation embryo 
development in vitro. Reproduction, 139(5), 857-870. 

175. Tiffin, G.J., Rieger, D., Betteridge, K.J., Yadav, B.R. & King, W.A. (1991). Glucose 
and glutamine metabolism in pre-attachment cattle embryos in relation to sex and 
stage of development. Journal of Reproduction and Fertility, 93, 125–132. 

176. Tsunoda, S., Kimura, N., & Fujii, J. (2013). Oxidative stress and redox regulation 
of gametogenesis, fertilization, and embryonic development. Reproductive 
medicine and biology, 13(2), 71–79. doi:10.1007/s12522-013-0170-0 

177. Urriola-Munoz, P., Lagos-Cabre, R., Moreno, R. D. (2014) A Mechanism of Male 
Germ Cell Apoptosis Induced by Bisphenol-A and Nonylphenol Involving ADAM17 
and p38 MAPK Activation. PLoS ONE 9(12), e113793. 
doi:10.1371/journal.pone.0113793 

178. Uzumcu, M., Kuhn, P. E., Marano, J. E., Armenti, A. E., Passantino, L. (2006). 
Early postnal methoxychlor exposure inhibits folliculogenesis and stimulates anti-
Mullerian hormone production in the rat ovary. J Endocrinol, 191, 549-558. 

179. Van Soom, A., Van Vlaenderen, I., Mahmoudzadeh, A. R., Deluyker, H., de Kruif, 
A. (1992). Compaction rate of in vitro fertilized bovine embryos related to the 
interval from insemination to first cleavage. Theriogenology, 38(5), 905-919.  



 

 

 
 

138 

180. Vandenberg, L. N., Ehrlich, S., Belcher, S.M., Ben-Jonathan, N., Dolinoy, D. C., 
Hugo, E. R., Hunt, P. A., Newbold, R. R., Rubin, B. S., Saili, K. S., Soto, A. M., 
Wang, H. & vom Saal, F. S. (2013) Low dose effects of bisphenol A, Endocrine 
Disruptors, 1, 1. doi: 10.4161/endo.26490  

181. Vandenberg, L., & Catanese, M. (2014). Casting a wide net for endocrine 
disruptors. Chemistry & Biology, 21(6), 705-706. 
doi:10.1016/j.chembiol.2014.06.002 

182. Visser, J. A., Jong, F. H., Laven, J. S., & Themmen, A. P. (2005). Anti-Mullerian 
hormone: A new marker for ovarian function. Reproduction, 131(1), 1-9. 
doi:10.1530/rep.1.00529 

183. von Schalburg, K. R., Yasuike, M., Yazawa, R., de Boer, J. G., Reid, L., So, S., 
Robb, A., Rondeau, E. B., Phillips, R. B., Davidson, W. S., Koop, B. F. (2011). 
Regulation and expression of sexual differentiation factors in embryonic and 
extragonadal tissue of Atlantic salmon. BMC Genomics, 12, 31. 

184. Whitworth K., Baird, D., Steiner, A. Z., Bornman, R., Travlos, G. S., Wilson, R. E., 
Longnecker, M. P. (2015). Anti-Müllerian hormone and lifestyle, reproductive, and 
environmental factors among women in rural South Africa. Epidemiology, v.26, 
p.429, doi: 10.1097/EDE.0000000000000265 

185. Wu, M., Xu, H., Shen, Y., Qiu, W., & Yang, M. (2011). Oxidative stress in zebrafish 
embryos induced by short-term exposure to bisphenol A, nonylphenol, and their 
mixture. Environmental Toxicology and Chemistry, 30(10), 2335-2341. 
doi:10.1002/etc.634 

186. Xiao, S., Diao, H., Smith, M. A., Song, X., Ye, X. (2011). Preimplantation exposure 
to bisphenol A (BPA) affects embryo transport, preimplantation embryo 
development, and uterine receptivity in mice. Reproductive Toxicology, 32(4), 434-
441. 

187. Xu et al 2016 à Xu, J., Xu, F., Letaw, J., Park, B., Searles, R., Ferguson, B. (2016). 
Anti-Mullerian hormone is produced heterogeneously in primate preantral follicles 
and is a potential biomarker for follicle growth and oocyte maturation in vitro. 
Journal of Assisted Reproduction and Genetics, 33(12), 1665-1675. 
doi:10.1007/s10815-016-0804-3.  

188. Yilmaz, N., Uygur, D., Inal, H., Gorkem, U., Cicek, N., & Mollamahmutoglu, L. 
(2013). Dehydroepiandrosterone supplementation improves predictive markers for 
diminished ovarian reserve: Serum AMH, inhibin B and antral follicle 
count. European Journal of Obstetrics and Gynecology, 169(2), 257-260. 
doi:10.1016/j.ejogrb.2013.04.003 

189. Yuan, J., Kong, Y., Ommati, M. M., Tang, Z., Li, H., Li, L., . Wang, J. (2019). 
Bisphenol A-induced apoptosis, oxidative stress and DNA damage in cultured 
rhesus monkey embryo renal epithelial marc-
145 cells. Chemosphere, 234(Complete), 682-689. 
doi:10.1016/j.chemosphere.2019.06.125 

190. Zalko, D., Jacques, C., Duplan, H., Bruel, S., Perdu, E. (2011). Viable skin 
efficiently absorbs and metabolizes bisphenol A. Chemosphere, 82(3), 424-430, 
ISSN 0045-6535, https://doi.org/10.1016/j.chemosphere.2010.09.058. 

191. Žalmanová, T., Hošková, K., Nevoral, J., Adámková, K., Kott, T., Šulc, M., 
Kotikova, Z., Prokesova, S., Jilek, F., Kralickova, M., Petr, J. (2017). Bisphenol S 



 

 

 
 

139 

negatively affects the meotic maturation of pig oocytes. Scientific 
Reports, 7 doi:10.1038/s41598-017-00570-5 

192. Zhang, T., Deng, L., Xiong, Q., Su, S., & Gu, J. (2018). Anti-Mullerian hormone 
inhibits proliferation and induces apoptosis in epithelial ovarian cancer cells by 
regulating the cell cycle and decreasing the secretion of stem cell factor. Oncology 
Letters, 16(3), 3260+.  

193. Zhang, Y., Shao, L., Xu, Y., Cui, Y., Liu, J., Chian, R. C. (2014) Effect of Anti-
Mullerian Hormone in Culture Medium on Quality of Mouse Oocytes Matured In 
Vitro. PLoS ONE 9(6), e99393. https://doi.org/10.1371/journal.pone.0099393 

194. Zhou, W., Fang, F., Zhu, W., Chen, Z., Du, Y., Zhang, J. (2016). Bisphenol A and 
ovarian reserve among infertile women with polycystic ovarian syndrome. Int. J. 
Environ. Res. Public Health. 14(18). doi:10.3390/ijerph14010018 



 

 

 
 

140 

APPENDIX I 

 
All reagents were prepared in the Laboratory  
 
IVF and IVC Reagents: 
 
Table 3. HEPES/Sperm TALP Components 

 
Chemical 

 
HEPES/SP Salts 

Sodium Chloride - NaCl 14.25 g 28.5 g 

Potassium Chloride – KCl 0.59 g 1.18 g 

Sodium Phosphate Monobasic (MW = 137.99) 0.12 g 0.24 g 

Calcium Chloride – CaCl2 0.735 g 1.47 g 

Magnesium Chloride 0.5 g 1.01 g 

Water 500 mL 1000 mL 

 
 
Table 4. IVF TALP Components 

 
Component 

 
mM 

 
mg/L 

Sodium Chloride - NaCl 114 6669 

Potassium Chloride – KCl 3.2 238.4 

Sodium Phosphate Monobasic (MW = 137.99) 0.4 55.2 

Calcium Chloride – CaCl2 2 222.2 

Magnesium Chloride 0.6 101.65 

Sodium Bicarbonate 25 2100 

Sodium Lactate 10 1.416 

Volume 
Sodium Pyruvate 1 mL  

Gentamicin 100 μL  

Heparin 1 Ml  
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Western Blot Reagents: 
 
Table 5. 12% Gel Recipe (BioRad) 

Solution Components Volume 
MQ Water 3.3 mL 
30% Acrylamide 4 mL 
1.5M Tris 2.5 mL 
10% SDS 100 μL 
10% ammonium persulfate 100 μL 
TEMED 4 μL 

 
 
Table 6. TRIS solutions for gel preparation 

Component 1M TRIS 1.5M TRIS 
Tris 12.12 g 18.16 g 
MQ Water 80 mL 80 mL 
HCl To pH 6.8 To pH 8.8 

 
 
Table 7. RIPA Buffer 

Reagent Concentration Volume/Mass 
Tris-HCl 50 mM 5 mL of 1M 
Triton X-100 1% 1 mL 
Na-deoxycholate 0.5% 0.5 g 
SDS 0.1% 1 mL of 10% 
NaCl 15 mM 3 mL of 5 M 
EDTA 2 mM 0.4 mL of 0.5 M 

 
 
Table 8. 5X Tris-Glycine Buffer (1L Running Buffer) 

Component Volume 
Tris 15.1 g 
Glycine 72.1 g 
20% SDS 5 mL 
MQ Water 955 mL 

 

Table 9. 1X Towbins Transfer Buffer (1L) 

Component Volume 
Tris 3.02 g 
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Glycine 14.0 g 
Methanol 200 mL 
MQ Water 800 mL 

 
 
Table 10. 10X TBST 

Component Volume 
Tris 24.2 g 
NaCl 80.0 g 
HCl To pH 7.6 
MQ Water 1 L 
Tween-20 1 mL 

 
 

Table 11. Reducing Buffer Preparation 

Component Volume 
20% SDS 1 mL 
Glycerol 1 mL 
1M Tris HCl 05 mL 
Bromophenol Blue 10 mg 
MQ Water 9 mL 

 
 
Immunofluorescence Reagents: 
 
Table 12. Blocking Solution 

Component Volume (Concentration) 
1X PBS 20 mL 
Triton X-100 20 μL (0.1%) 
Donkey Serum (NDS) 1 mL (5%) 

 
 
Table 13. Antibody Dilution Buffer 

Component Volume (Concentration) 
1X PBS 50 mL 
Triton X-100 2.5 μL (0.005%) 
Donkey Serum (NDS) 25 μL (0.05%) 

 


