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ABSTRACT 

NUCLEOSOME ASSEMBLY PATHWAYS, RRM3P AND PHOSPHORYLATION OF 

CAF-I CONTRIBUTE TO THE MAINTENANCE OF SILENT CHROMATIN AT THE 

FLO GENES IN SACCHAROMYCES CEREVISIAE 

 

Hollie Rowlands       Advisor: 

University of Guelph, 2019      Professor K Yankulov 

     Predominantly, studies of gene repression in S. cerevisiae focus on Sir2p-dependent silencing 

at the telomeres and the mating type loci. The FLO genes are heavily repressed in laboratory 

yeasts by a Sir2p-independent mechanism that is not well understood. Chromatin Assembly 

Factor I (CAF-I) plays a central role in the reassembly of H3/H4 histones during DNA 

replication. Two kinases, Cyclin Dependent Kinase (CDK) and Dbf4-Dependent Kinase (DDK), 

are known to phosphorylate the Cac1p subunit of CAF-I, but their role in the regulation of CAF-I 

activity is not well understood. In this thesis, I analysed the FLO genes, which encode cell-

surface proteins and participate in the formation of floccules and biofilm. I report that the 

mutations in histone chaperones, the helicase RRM3 and Histone Deacetylases cause de-

repression of the FLO genes and reconstitute flocculation. This is linked to increased histone 

acetylation at the promoter of FLO1, but not the promoter of FLO11. Additionally the histone 

deacetylase inhibitor Nicotinamide or growth under starvation conditions enhances flocculation 

in strains compromised in chromatin maintenance. These effects are linked to variegated 

expression FLO11 and elevated expression of all FLO genes. Simultaneous mutations of both 

CDK and DDK target sites of CAF-I lead to growth retardation, significant cell cycle defects, 

altered cell morphology and increased sensitivity to DNA damage. Two of these mutants also 

show the reconstitution of flocculation and expression of FLO genes, but do not re-capitulate the 



 

 

 
 

 

transient losses in HML silencing or losses in sub-telomeric silencing observed in cac1Δ mutants. 

An additional mutant causes defects in silencing at the sub-telomere, but not at HML or the FLO 

genes. I provide detailed analysis of the repression of FLO genes and propose that a gain in 

epigenetic silencing is a major contributing factor for the loss of flocculation in laboratory 

budding yeast strains. I have also shown that the role of Rrm3p in silencing extends beyond 

interaction with CAF-I at sub-telomeric replication forks. In addition, dysfunctional CAF-I 

produces severe phenotypes, and locus-specific loss of silencing phenotypes which reveal a 

possible role of CAF-I in the coordination of DNA replication, chromatin reassembly and cell 

cycle progression.  
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CHAPTER I: INTRODUCTION 

I.1 EPIGENETICS 

 

I.1.1 Epigenetic regulation of gene expression 

Epigenetics is the study of inheritable patterns of gene expression, which are dependent on the 

chromatin structure and independent of DNA sequence. The transcriptionally silent or active 

state of a locus is determined by whether DNA is packaged into heterochromatin or euchromatin, 

respectively [1,2]. The heritability of these chromatin structures confers an epigenetically 

regulated continuum of gene expression patterns and plays a critical role in developmental 

processes [3–5]. The effects of epigenetic heritability can be seen in the imprinting of genes, in 

the inactivation of one X chromosome in female mammals and in the silencing/activation of 

multiple genes during cellular differentiation [5–7]. In addition, a variety of genetic disorders, 

including cancer, have roots in epigenetic de-regulation [3,7,8]. 
 

I.1.2 The nucleosome: the repeating subunit of chromatin 

The building blocks of chromatin are the nucleosomes [1]. The core of the nucleosome is an 

octamer composed of a tetramer or two histone H3-H4 dimers and two histone H2A-H2B dimers 

[9,10]. Histone proteins are highly basic and contain the conserved “histone fold,” which allows 

them to interlock with other histones in the nucleosome [11,12]. Double-stranded DNA wraps 

approximately 1.7 times around the histone core, resulting in a compact structure of supercoiled 

DNA and proteins [9,10]. The N-terminal tails of the histones protrude from the nucleosome core 

and are subjected to a variety of complex post-translational modifications; this includes the 

addition of methyl, phosphate, acetyl and other groups to the lysine, arginine and serine residues 

of the tails [10,13]. The nature of the PTMs depends largely on the type of modification, the 

amino acid that is being modified and its position on the histone tail [10,14–17]. These 

modifications contribute to a variety of highly specific interactions with histone modifying 

enzymes, nucleosome remodeling factors and multiple transcription, replication and DNA repair 

factors. As such, they mediate the majority of DNA-based processes [18–21]. These complex 

histone modifications are generally referred to as the “histone code” due to the predictable and 

highly specific effects specific PTMs have on DNA-based processes [3,8,18]. Importantly, many 

histone modifications are stably inherited through mitosis and meiosis, facilitating maintenance 

of the epigenetic state, despite the necessity to completely remodel the nucleosomes to facilitate 

DNA replication. Post-translational modifications to histones, along with DNA methylation 

status, are considered to be the primary factors which confer the epigenetic state [2,10]. 

 

In addition to post-translational modifications to histones, gene expression in metazoans is 

regulated by cytosine methylation. DNA methylation occurs by the activity of DNA 

methyltransferases (DNMT); these enzymes act primarily on CpG islands [5,22]. DNA 

methylation at the promoter sequence of genes is predominantly associated with inactive genes 

or elements. In keeping with this, a recent study identified that abolition of DNMT1 methylation 

results in aberrant initiation from origins of replication [23].  
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I.1.3 Transmission of the epigenetic state: histone transfer at the replication fork 

As mentioned previously, the epigenetic state is heritable through multiple cell divisions, 

therefore mechanisms must exist to transmit and preserve the epigenetic state. Indeed, extensive 

studies have revealed an elaborate mechanism of disassembly and reassembly of nucleosomes in 

a DNA replication-coupled manner [24–28].  

 

 

 

 

 

 

The mechanism of nucleosome reconstitution at the replication fork is not well understood. 

However, information is available about the affinity of different chaperones for histone proteins; 

based on this information, I propose the following model (Fig. I.1). The Facilitates chromatin 

transcription (FACT) histone chaperone disassembles histones H2A-H2B as dimers from the 

original DNA strands, ahead of the advancing replication fork (Fig. I.1) [29–31]. Anti-silencing 

factor 1 (Asf1p) then removes dimers of H3-H4 from the nucleosome [32–34]. Both Asf1p and 

FACT associate ahead of the replication fork by physical interaction with subunits of the 

replicative helicase Cdc45-MCM-GINS (CMG) [33,35]. These “recycled” histones are 

transported behind the replication fork by FACT and Asf1p. Additionally, newly synthesized 

histones are transported to the replication fork in complex with FACT and Asf1p, for 

incorporation into the newly formed nucleosomes. Histones H3 and H4 are deposited on the 

nascent DNA by another chaperone, CAF-I (Chromatin Assembly Factor I) (Fig. I.1) [36–38]. 

Histone chaperone Repressor of Ty1 Transposition 106 (Rtt106p) has been shown to physically 

interact with both CAF-I and H3/H4 [39–42], and as such is hypothesized to mediate the transfer 

Figure I.1. Model for nucleosome disassembly and reconstitution at the replication fork. Histone chaperones 
FACT and Asf1p, which associate with the CMG replicative helicase, disassemble H2A/H2B and H3/H4, 
respectively, as dimers from ahead of the replication fork. These “recycled” histones are transferred behind the 
fork where they are assembled into new nucleosomes. FACT and Asf1p also bring newly synthesized histones to 
the replication fork. CAF-I associates with PCNA behind the replication fork and accepts both “recycled” and 
newly synthesized H3/H4 from Asf1p, in a process mediated by Rtt106p, and assembles them onto the DNA 
strands. FACT then assembles two dimers of H2A/H2B. The “recycled” histones in each nucleosome are used as 
templates by histone modifying enzymes, which confer the same modifications to the newly synthesized 
histones. Arrows denote the direction of movement of histones. 
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of H3/H4 dimers from Asf1p to CAF-I. Whether H3/H4 dimers are reconstituted into a tetramer 

prior to being assembled into the new nucleosomes is unknown and is discussed further below. 

CAF-I accepts both “recycled” H3/H4 newly synthesized H3/H4 for assembly onto the new 

DNA strands. Some controversy exists with respect to the exact composition of each newly-

formed nucleosome. I propose that a combination of “recycled” and newly synthesized H3/H4 

dimers is incorporated into each nucleosome. Because the “recycled” histones retain their post-

translational modifications they are used as templates by readers, writers and erasers, which 

confer the same modifications to the newly synthesized H3/H4 (Fig. I.1). In this way, the 

reassembly of nucleosomes behind the replication fork is semi-conservative with respect to 

histone modifications. This allows the preservation of pre-existing epigenetic marks on both 

DNA strands, in the same way that the sequence of DNA is maintained by a semi-conservative 

replication. Following the assembly of the [H3-H4]2 tetramer, two dimers of H2A and H2B are 

assembled. As the only characterised chaperone for H2A and H2B histones, it is hypothesized 

that FACT assembles the H2A-H2B dimers (Fig. I.1) [29,30,43].  

I.1.3.1 Assembly of H3/H4 by CAF-I 

The yeast Chromatin Assembly Factor I, or CAF-I, complex is a heterotrimer of three Chromatin 

Assembly Complex (Cac) proteins, Cac1p, Cac2p and Cac3p [44]. Of these three subunits, 

Cac1p is the largest and is required for CAF-I association with the replication fork and histones 

[38,45,46]. Strains with deleted CAC1 (cac1Δ) show both increased sensitivity to ultraviolet 

light, sensitivity to DNA damage and decreased frequency of naturally occurring epigenetic 

changes at the telomeres [19,44,47]. The function of CAF-I at the replication fork is to accept 

histone proteins from upstream chaperones and re-assemble nucleosomes, using newly supplied 

and recycled histones, onto the newly-synthesized DNA strands (Fig. I.1) [24,25,27,36].  

CAF-I associates at the replication fork by interaction with the eukaryotic replication clamp 

proliferating cell nuclear antigen (PCNA), by a PCNA interacting peptide (PIP) domain on its 

Cac1p subunit [27,45]. The interaction of CAF-I with PCNA at the replication fork contributes to 

the maintenance of silencing [27,45,48]. Silencing defects have been observed in mutants of 

CAF-I or PCNA that reduce or abolish the interaction of Cac1p with the Interdomain Connecting 

Loop (IDCL) on PCNA [48,49].  In addition, the C terminus of Cac1p contains a winged-helical 

domain, which allows  tight DNA binding [50]. This winged-helical domain is exposed due to a 

conformational change in Cac1p when in complex with histones [51] and is likely to contribute 

to their assembly onto DNA.  

Homologues of yeast CAF-I (yCAF-I) can be found across eukaryotes; this includes the highly 

similar human CAF-I (hCAF-I) which is a heterotrimer of the three subunits p160, p50 and p40 

[37]. Unlike its yeast counterpart, CAF-I in metazoans is essential [38]. This likely reflects a lack 

of redundancy in nucleosome assembly pathways in eukaryotes and the requirement for CAF-I in 

developmental processes, such as differentiation [52–54]. The three (p160, p50 and p40) hCAF-I 

subunits are homologous to the yCAF-I subunits Cac1p, Cac2p and Cac3p, respectively [44]. 

With such a high degree of homology, it is likely that information from studies of yCAF-I will be 

applicable to hCAF-I as well.  

I.1.3.2 Assembly of H3/H4: dimers vs tetramers 

The precise fate of the “recycled” tetramer of H3-H4 histones (originating from the parental 

strand of DNA) during nucleosome reassembly has not been established. Several different 
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models for this exist, varying from the random assembly of dimers of H3/H4 into nucleosomes, 

to the concerted assembly of complete tetramers onto each DNA strand. Earlier models suggest 

that the (H3-H4)2 tetramer is split into two dimers that are uniformly distributed to the two new 

DNA strands [34], while more recently it has been proposed that the tetramers remain intact and 

are randomly distributed between the DNA strands. Either of these mechanisms would support a 

semi-conservative model for nucleosome reconstitution. Recent studies have shown that Asf1p 

physically interacts with a dimer of H3-H4 at a position that disrupts the interface of the tetramer 

[34,55,56]. This observation is consistent with the former hypothesis. However, the observation 

that H3/H4 tetramers are broken into dimers by Asf1p does not preclude their re-association 

prior to assembly into nucleosomes by CAF-I.  

In contrast with Asf1p, Kim et al. (2016) [56] showed that the association of CAF-I with H3/H4 

is by interaction of its Cac1p subunit with the DNA-binding surface of the (H3-H4)2 tetramer. 

More recent data shows that two CAF-I complexes are associated with each tetramer [46,51]. 

Therefore CAF-I may accept dimers of H3-H4 and assemble tetramers at the time of their 

assembly into new nucleosomes.  

Rtt106p is capable of binding (H3-H4)2 as tetramers, although there is some controversial 

evidence about whether the affinity is higher for tetramers or dimers of H3-H4 [41]. Rtt106p 

physically interacts with CAF-I and with H3-H4 [41,42], and as such has been hypothesized that 

Rtt106p may mediate the transfer of histones between Asf1p and CAF-I [57]. In addition, genetic 

studies show that CAC1 or RTT106 mutants have overlapping effects on silencing at HMR and 

HML [40], indicating that they are likely to be involved in the same pathway of nucleosome 

assembly. It is thus possible that Rtt106p contributes to nucleosome assembly by facilitating the 

formation of H3-H4 tetramers prior to deposition by CAF-I.  

Interestingly, none of the identified H3-H4 histone chaperones is essential in yeast and many 

mutants with deletions in multiple histone chaperone genes are viable, indicating that there is 

significant redundancy in nucleosome reassembly pathways. Analyses using mutants which lack 

different histone chaperones have been used as a tool to determine the role of individual histone 

chaperones in nucleosome assembly. In addition, in vitro studies have been conducted to 

elucidate the mechanism of nucleosome assembly through evaluation of the binding affinities of 

different chaperones for histones. Through these experiments, CAF-I, Asf1p, Hir1p, and 

Rtt106p, as well as some other factors, have been identified as chaperones for histones H3 and 

H4 [24,42,49]. It has also been reported that Mcm2 can chaperone (H3-H4)2 tetramers or may 

co-chaperone H3-H4 dimers with Asf1p [58], however any contribution core replisome 

components to nucleosome assembly pathways in vivo has not been determined. These findings 

likely reflect the redundancy in H3-H4 assembly pathways that exists in yeast and leaves open 

the possibility that complex regulation of multiple different pathways for H3-H4 assembly may 

contribute to the maintenance and plasticity of the epigenetic state. Taken together, our current 

knowledge of nucleosome assembly does not provide enough information to clearly determine 

the fate of “recycled” (H3-H4)2 tetramers in the wake of DNA replication and illustrates the need 

for further research on nucleosome assembly pathways.  

I.1.4 Position Effect Variegation and Telomere Position Effect 

The state of chromatin is not static. In fact, histone turnover occurs continually, meaning that 

there is a substantial replication-independent exchange of histones in non-dividing cells [34,59–

61]. Furthermore, in dividing cells the post-replication reassembly of nucleosomes, and 
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subsequent inheritance of the state of chromatin, are not as stringent as the inheritance of DNA 

sequence. Extensive transitions between the silent and active states of genes are seen during the 

development of metazoan organisms and in response to environmental cues [18,62–66]. 

Therefore, the understanding of these complex processes relies directly on our understanding of 

epigenetic conversions.  

At certain genomic positions, the state of chromatin is known to convert between active and 

silent states. These known sites of epigenetic changes can be used to study the mechanisms 

behind conversions of the epigenetic state, which are likely to be applicable to epigenetic 

changes in general [2,21,67]. For example, sites of infrequent, natural changes between 

heterochromatin and euchromatin, followed by inheritance of the acquired state, have been 

identified in a variety of organisms. Epigenetic switching such as this occurs at loci adjacent to 

heterochromatin boundaries and is referred to as Position Effect Variegation (PEV) [2,67–70]. 

The first example of PEV was found in a study of translocations of the white gene in Drosophila 

melanogaster. D. melanogaster eyes appear red when the white gene is active, while its 

inactivation results in the easily distinguished white coloured facets [67]. Positional-effect 

variegation was observed when a translocation of the white gene resulted in it being positioned 

adjacent to a block of centromeric heterochromatin; the associated phenotype was eyes bearing a 

combination of red and white clusters of facets. This phenotype resulted from fluctuations 

between the active and silent state of the white gene due to the adjacent heterochromatin 

boundary formed by the centromere [67]. Since its initial characterisation in D. melanogaster, 

this “variegation” phenotype has been observed in many other eukaryotes, including humans, 

yeast, and the pathogens Plasmodium falciparum and Trypanosoma brucei [2,71–73]. When 

epigenetic conversions occur in regions adjacent to a heterochromatin boundary formed by the 

telomeres, it is referred to as Telomere Position Effect (TPE). TPE has been studied most 

extensively in Saccharomyces cerevisiae. The cluster of rDNA genes is another known site of 

PEV in this organism, and both TPE and rDNA variegation have been seen in many other 

eukaryotes [2,67,69,74,75]. The rDNA region is comprised of about 1-2Mb of repeating gene 

clusters which include the 5S and 35S ribosomal genes (Fig. I.2A). Each cluster also includes an 

Autonomously Replicating Sequence (ARS), each of which is a potential site for the origin for 

DNA replication, and binding sites for ARS binding factor 1 (Abf1p) and Rap1p; this promotes 

Sir2p activity at the rDNA repeats [74,76]. Only a subset of the rDNA repeats is active in a cell 

at a given time, and the subset of active repeats varies from cell to cell [76]. Because of the 

highly repetitive nature of these regions, it is advantageous to maintain heterochromatinization to 

prevent hyper-recombination and loss rDNA. However, the rDNA genes are also highly-

transcribed, meaning that a subset of genes must be accessible to transcription to facilitate the 

synthesis of ribosomal proteins.  
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The establishment and maintenance of the state of chromatin in yeast has been studied most 

extensively at the HM loci and sub-telomeres. One model for the mechanism of establishment of 

silent chromatin at the sub-telomeres is the “spreading model” [2,77]. This model is best 

illustrated by the actions of sirtuins at the sub-telomere [78] (Fig. I.3). In yeast, Rap1p 

(Repressor activator protein 1) binds tightly to the TG1-3 repeats of the telomere. Sir4p (Silent 

information regulator) associates with Rap1p, and forms a complex with the Histone 

DeACetylase (HDAC) Sir2p, which deacetylates Histone H4 at lysine 16 (H4K16) in the 

adjacent sub-telomeric nucleosome [79]. The deacetylated histones within the nucleosome are 

bound by Sir3p, which in turn recruits an additional Sir4p-Sir2p complex; subsequently Sir2p de-

acetylates the next adjacent nucleosome. This cyclical process results in the “spreading" of 

heterochromatic marks down the chromosome (Fig. I.3A) [21,77]. Acetylation provides a 

physical barrier to the otherwise-tight association of DNA with the globular domains of histone 

proteins and is thus considered a universal mark of euchromatin. Therefore, de-acetylation of 

histones by Sir2p establishes heterochromatic marks at the locus. This spreading of 

heterochromatic marks is a simplistic mechanism for the establishment of silent chromatin; 

however, the complete silencing of all genes along a chromosome is undesirable for the cell.  

The spreading of sirtuins is thought to be challenged in two respects. First, by competition 

between silent loci for a limited pool of sirtuins [2]. In addition, the actions of HDACs are 

directly countered in the cell by Histone Acetyltransferases (HATs) [79,80]. The HAT 

Something About Silencing 2 (Sas2p) Acetylates H4K16, challenging the establishment of 

heterochromatin by sirtuins (Fig. I.3B). In this way, Sas2p and Sir2p spreading directly 

counteract each other, maintaining a balance between heterochromatin and euchromatin at sub-

telomeric loci [79,81].  

Figure I.2. Programmed replication fork pausing at the rDNA locus prevents collision with DNA replication. A. 
The rDNA locus is 1-2Mb of repeating subunits. Each subunit contains 5S ribosomal gene, a Replication Fork 
Barrier (RFB), an origin of replication (ARS) and the 35S ribosomal gene cassette. B. When DNA replication 
originates from active origins of replication, the rightward moving replication fork moves in the same direction 
as transcription. However, the leftward moving fork is paused by tight binding of Fob1p to the RFB. This 
prevents collision with the advancing transcription machinery from the 5S gene.  Arrows denote the direction 
of transcription (grey) or DNA replication (yellow). 
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I.1.5 Maintenance of silencing at the HMR/HML loci 

The mating-type HML and HMR loci (collectively referred to as HM) are non-sub-telomeric loci 

that are highly repressed. HML and HMR contain constitutively silent copies of the alpha and a 

genes, respectively, which encode transcription factors that regulate the expression of receptors 

and pheromones involved in the mating of haploid yeast cells [82]. Gene conversion events 

result in “copying” of the a or alpha gene sequences to the active MAT locus, allowing for 

changes in the mating type of haploid cells. Like sub-telomeric genes, silencing at the HM loci 

depends on Sir2p, but is enhanced by the presence of cis-acting DNA elements that flank 

HML/HMR loci and promote continuous recruitment of Sir1-4 to the region [75,77,83]. The E 

and I silencers flank HM loci and contain binding sites for ORC (Origin Recognition Complex), 

Rap1p and Abf1p (ARS binding factor 1); these factors recruit Sir1p, Sir4p and Sir3p to the 

region to maintain heterochromatin. The HMR-E element is the best characterised of these 

silencing elements. Sir2p recruitment to this position is facilitated by association of Sir3p/Sir4p 

with Rap1p, and by binding of Sir1p to components of the ORC which in turn recruits 

Sir3p/Sir4p [75,77,78,84]. Sir2p associates with the Sir3p/Sir4p, de-acetylates adjacent H4K16 

by the same spreading mechanism seen at the telomeres.  

I.1.6 Sir-independent silencing at the FLO loci 

The sub-telomeres, rDNA repeats and silent HML/HMR loci are all well-characterised models for 

the establishment and maintenance of silent chromatin. However, Sir2-regulated loci represent 

only a subset of the silent chromatin domains in the yeast genome. The FLO genes encode lectin-

like cell-cell adhesins that facilitate biofilm formation, pseudohyphal growth and adhesion to 

substrates. They are sub-telomeric genes, located 20-40kb from the telomeres [85,86]. In wild 

Figure I.3. The “spreading model” for formation of heterochromatin at the sub-telomere. A. Sir4p/Sir3p 
associate with Rap1p which binds tightly to the telomeric repeats. Sir2p associates with the complex and 
deacetylates Histone H4 Lysine 16 on the adjacent sub-telomeric nucleosome. This de-acetylated nucleosome 
is then bound by another Sir3p/Sir4p complex, which recruits Sir2p to deacetylate the next adjacent 
nucleosome. This process continues cyclically resulting in the spreading of deacetylation across the 
chromosome. B. The spreading of Sir2p is challenged by Sas2p, which acetylates H4K16. This prevents the 
continuous spreading of heterochromatic marks. 
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and industrial yeasts, the expression of the FLO genes results in clustering and sedimentation of 

cells to the bottom of vessels. However in laboratory strains the FLO genes are heavily 

repressed, most likely due to a long term passive selection that favours planktonic growth [87]. 

The loss of FLO gene expression has been attributed in part to an inactivating mutation in FLO8, 

a transcription factor for the FLO genes in the Ras/cAMP/PKA signalling cascade [88,89]. 

However, a number of other signalling pathways have also been implicated in FLO gene 

regulation [90,91], and there are no mutations present in the FLO genes themselves. Instead, the 

loss of expression of these genes has been linked to recruitment of the HDACs Hda1p (Histone 

deacetylase 1), Rpd3 (Reduced Potassium Uptake 3), Hst1p (Homologue of Sir Two) and Hst2p 

by the Tup1p/Cyc8p (dTMP-UPtake 1/Cytochrome C) suppressor complex [87,92].  

The Tup1p/Cyc8p corepressor complex regulates genes required for diverse cellular pathways; 

this includes glucose-repressed genes [93], genes involved in stress response pathways [94] and 

some DNA repair processes [95]. Tup1p/Cyc8p is recruited by binding of transcription 

repressors to specific genetic elements in the target gene promoters [96] and associates with 

Histones H3 and H4 in adjacent nucleosomes.  Interestingly, the Tup1p/Cyc8p repressor 

complex can also associate with de-acetylated histone tails [97], and recruit additional HDACs to 

further enhance silencing [98,99]. This is reminiscent of the “spreading model” (discussed 

earlier) at Sir2p-regulated loci and may be indicative of a conserved mechanism for the 

establishment of silent chromatin. While the FLO1, FLO5, FLO9 and FLO10 genes are tightly 

repressed in laboratory yeasts, FLO11 naturally fluctuates between the active and silent state. 

Like the sub-telomeres, conversions in the epigenetic state of FLO11 is position-dependent, 

however it is also dependent on the FLO11 promoter [88,100]. 

While it is understood that epigenetic mechanisms make a significant contribution to the 

regulation of the FLO genes, our understanding of these processes, especially in laboratory 

yeasts, is very limited. However, information from studies of wild and industrial yeasts has 

identified HDACs Rpd3, Hda1p, Hst1p, the histone methyltransferase complex 

Set1p/COMPASS and the chromatin remodeller Ino80/Swr1p as regulators of the FLO genes 

[87,88,90,91,101]. In keeping with these findings, it has recently been shown that Hda1p, Hst1p, 

Hst2p and Rpd3p are negative regulators of FLO1 in the laboratory strain S288C [87,88]. 

Importantly, repression of the FLO genes seems to be independent of Sir2p. In fact, at the time of 

publication of this thesis, the only paper suggesting a link between Sir2p and the FLO genes 

indicates that Sir2p may be required for FLO11 expression in wine yeasts [102], although it 

seems likely that this finding may be due to epistatic effects that result from recruitment of 

HDACs to other loci following the establishment of H4K16 deacetylation by Sir2p. Interestingly, 

despite being required for maintenance of the epigenetic state, no studies have identified a role 

for histone chaperones in regulation of the FLO genes. Together this information suggests that 

regulation of the FLO genes is Sir2p-independent and indicates the need for further investigation 

into the mechanism of epigenetic regulation at these loci. 

I.2 DNA REPLICATION 

In eukaryotes, DNA replication initiates at numerous origins of replication (in yeast these are 

Autonomous Replicating Sequences; ARS) that are interspersed across the chromosome. These 

origins are pre-assembled in early G1 phase and are activated during S-phase via 

phosphorylation. Two key regulators of the cell cycle, the kinases CDK (Cyclin-dependent 

kinase; Cdc28p) and DDK (Dbf4p-dependent kinase; Cdc7p-Dbf4p) are essential for initiation of 
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DNA replication at the onset of S phase [103–105]. Following the activation of origins, two 

replication forks are established, traveling in opposite directions, and the process of elongation 

commences [104,106].  

I.2.1 The replication fork 

A significant number of proteins are required for the synthesis of DNA and for replication-

associated processes. These include factors involved in nucleosome disassembly and 

reconstitution. CAF-I and other histone chaperones are active at the replication fork, providing a 

link between DNA replication and nucleosome remodelling [25,27,61]. Due to the significance 

of the number of factors and processes associated with the replication fork, the focus of this 

section will be only on those areas that are central to this thesis. 

I.2.2 PCNA as the central replication clamp 

The central factor working behind the replication fork is the homotrimeric replication clamp 

Proliferating Cell Nuclear Antigen (PCNA). The PCNA complex forms a ring around double 

stranded DNA on the leading and lagging strands [107]. PCNA slides along DNA as the 

replication fork progresses; it acts as a clamp that recruits, coordinates and facilitates the 

activities of a number of proteins [108]. The presence of PCNA at the replication fork 

significantly improves the processivity of replication factors [109]; for this reason it is 

unsurprising that PCNA is essential across eukaryotes. As with many other essential proteins, 

PCNA structure and its function are well conserved amongst eukaryotes [26,107]. Due to their 

similarity in function and structure, PCNA is often considered to be the eukaryotic equivalent to 

the E. coli β-sliding clamp protein [107].  

In its central role at the replication fork, PCNA interacts with proteins involved in key DNA-

associated processes, such as DNA replication and repair [110,111]. PCNA-interacting proteins 

often have a PIP box [(Q/M)XX(I/L/M)XX(F/Y)(F/Y)], a domain which facilitates their 

association with the PCNA homotrimer. This domain is highly conserved and was originally 

described in D. melanogaster as a consensus sequence resembling the p21 (an anti-cyclin 

dependent kinase factor) PCNA-binding domain [112–114]. This common PIP box domain 

suggests that competition between PIP-box proteins likely exists for the limited number of PIP-

binding sites on PCNA. PIP-interacting proteins associate with the back face of the PCNA 

homotrimer at the Interdomain Connecting Loop (IDCL), which exists at the interface between 

the PCNA subunits; each PCNA homotrimer has three IDCL available for interaction with PIP 

proteins [115]. Recent evidence indicates that two PCNA trimers may be active at the replication 

fork, thus allowing for a larger number of protein interactions [116]. Additionally, a second 

binding site has been identified on the front face of PCNA that does not require a PIP sequence 

for PCNA-interaction [117]. The PCNA-binding protein Rev1p has been shown to physically 

interact with the PIP on Polymerase η [115], potentially providing a secondary hub for indirect 

association of factors with PCNA at the replication fork. Taken together, these findings indicate 

that PCNA can mediate the simultaneous association of a vast number of factors behind the 

replication fork.    

I.2.3 Replication fork stalling and the role of Rrm3p 

The progression of the replication fork is not a continuous process. Replication forks often 

encounter difficult-to-replicate sequences, DNA secondary structures, tightly bound proteins and 

other lesions that cause stalling or pausing of the advancing replication machinery. When 
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replication forks stall due to DNA damage or breakage, repair pathways are initiated; many 

factors involved in these processes interact with PCNA at the replication fork [108,118,119]. At 

some loci, programmed pausing of DNA replication is used to facilitate multiple processes that 

must occur on DNA at the same time [2,119–121]. These programmed pauses are best illustrated 

at the rDNA loci. As mentioned earlier, the rDNA region consists of repeating sequences of 

elements that include the 35S and 5S ribosomal genes and ARS sequences for the initiation of 

DNA replication (Fig I.2A). When bi-directional DNA replication initiates from these origins, 

the rightward moving replication fork progresses smoothly through the region. However, the 

progression of the leftward moving replisome is in the opposite direction of the movement of 

transcription at the 5S gene (Fig. I.2B). Tight binding of the protein Fob1p to a replication fork 

barrier (RFB) sequence pauses DNA replication at this position, preventing collision of the 

replication fork with transcription machinery on the 5S gene (Fig. I.2B) [122].   

The rDNA Recombination Mutation (Rrm3p) helicase was named for its initial characterisation 

as a protein necessary for suppression of recombination of rDNA genes [122,123]. It is highly 

related to the Petite Integration Family 1 (Pif1p) family of helicases, which are associated with 

DNA repair processes [113]. Rrm3p is a 5’-3’ DNA helicase that removes tightly bound proteins, 

like Fob1p, from ahead of paused replication forks [111,119,122,124]. The actions of Rrm3p are 

antagonised by the Fork Protection Complex (FPC) and Pif1p, which stabilize the paused 

replisome [103,124,125]. Rrm3p has a PIP box domain and is believed to interact with PCNA on 

the lagging strand [111,113]. The helicase activities are necessary, but not essential, for the un-

stalling of replication forks; rrm3Δ mutants display the previously mentioned increases in 

recombination, as well as prolonged (but not infinite) replication fork pausing [118,123].  

Outside of its role in rDNA replication, Rrm3p is required at other protein pausing sites in the 

genome. This includes inactive origins of replication (at which the pre-RC must be removed to 

allow fork progression), highly transcribed genes and the sub-telomeres [119,121]. A recent 

study also shows that Rrm3p works to restrict the activation of replication origins through a 

physical interaction with the Orc5p component of the ORC; this action is independent of its 

helicase domain [126], and suggests that Rrm3p may have a greater role in DNA replication than 

was previously known. 

I.2.4 Dynamics at a paused fork: a mechanism for programmed nucleosome 

remodelling 

As described in [2,57] is plausible that this influx of repair-associated factors at a paused 

replication fork has effects on nucleosome assembly pathways. The model shown in Figure I.4 

suggests that the pausing of a replication fork presents a physical barrier to disassembly of 

nucleosomes ahead of the replication fork by FACT and Asf1p. I propose that at a paused 

replication fork, CAF-I is still actively assembling nucleosomes. However due to the disruption 

in nucleosome disassembly ahead of the replication fork, the pool of available histones is limited 

to newly synthesized H3-H4 (Fig. I.4). The resulting (H3-H4)2 tetramers (composed only of 

newly-synthesized H3-H4) lack the PTMs normally provided by “recycled” H3-H4. This 

represents a significant loss of the epigenetic information, which would normally signal for the 

recruitment of histone modifying complexes to the nucleosome (Fig. I.4). In this way, the 

pausing of a replication fork could pre-dispose loci to changes in the epigenetic state, by 

modulating CAF-I based nucleosome reassembly [2].  
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I.3 CELL CYCLE REGULATION 

Cells that are destined to undergo mitotic cell division must leave G1 phase with successfully 

replicated organelles and enter S phase, in which DNA replication occurs [127,128]. Following 

this, cells enter G2 phase, in which they undergo a series of checks to ensure they will be able to 

divide successfully and without the propagation of damaged DNA [129]. Eukaryotic cells that 

have successfully completed these phases of the cell cycle enter M phase (mitosis) in which 

cellular division occurs [127].  

In S. cerevisiae the transitions between G1 and S phase and G2 and M phase are the two critical 

checkpoints in the progression of the cell cycle [127,130]. The progression of eukaryotic cells 

through the cell cycle is regulated by cyclin proteins, which in turn control the activities of 

Cyclin Dependent Kinases (CDKs) [129]; mutants of these proteins often show cell-cycle arrest 

phenotypes [130–133]. The addition of phosphate groups to proteins is one of the most prevalent 

mechanisms of protein regulation and can have diverse effects on their activity and binding 

affinities [128,131].  

I.3.1 DDK is required for the initiation of DNA replication 

In S. cerevisiae, DDK regulates the initiation of DNA replication from origins with bound pre-

replication complexes (pre-RC). It is believed that DDK also prevents the formation of new pre-

replication complexes at these sites during S phase [134]. CDC7 or DBF4 mutants are incapable 

of transition from G1 to S phase [109,110]. In agreement with this, DDK phosphorylates the 

Figure I.4. Model for epigenetic conversions at a paused replication fork. A. At a paused replication fork, 
nucleosome disassembly is interrupted due to the presence of a protein barrier. CAF-I accepts and assembles 
only newly synthesized H3/H4 into the new nucleosomes. The loss of epigenetic marks that would normally be 
provided by the “recycled” histones leaves the locus open to an epigenetic change. The Rrm3p helicase 
associates with PCNA on the lagging strand to remove the tightly bound protein ahead of the fork. Arrows 
denote direction of movement of histones. 
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serine and threonine residues of a number of proteins that are directly involved in the firing of 

origins of  DNA replication, most likely through binding of the Dbf4p cyclin to components of 

the [134,136,137]. 

More recent studies show that the role of DDK extends beyond the initiation of DNA replication. 

In particular, DDK phosphorylation of CMG replicative helicase is required for the association 

of Tof1p-Csm3p (TOposomerase I-interacting factor; chromosome segregation in meiosis) at a 

paused replication fork [103]. Tof1p-Csm3p are components of the fork protection complex, 

which stabilises the replisome during programmed fork arrest [124]. In addition, DDK 

phosphorylation of H3 at Threonine 45 is a mark associated with sites of replication fork 

stalling/arrest [138]. These findings indicate that DDK phosphorylates multiple targets at a 

paused replication fork, and leaves open the possibility of additional DDK targets during fork 

arrest, including those involved in nucleosome assembly pathways. In keeping with this idea, 

Gerard et al., (2006) report that DDK phosphorylation of the p150 subunit of hCAF-I promotes 

its association with PCNA.  

I.3.2 Regulation of multiple cell cycle checkpoints by CDK 

CDK is arguably the most prominent regulator the cell cycle in eukaryotic cells. The cyclin-

dependent kinase Cdc28p (CDK) is regulated by Cln and Clb cyclins [129,132]. CDK is required 

for multiple cell cycle checkpoints and is also a major kinase during S phase [132,139]. CDK 

phosphorylates a significant number of substrates throughout the cell cycle, and is often referred 

to as the “Master Regulator” of the cell cycle [140]. 

In fact, CDK is required for progression through the Start checkpoint, the point in G1 to S 

transition at which cells become committed to cell division [105,128,129,132]. At the G1 to S 

phase transition, Cdc28p is regulated by the Cln cyclins. Interestingly, it has also been observed 

that Cdc28p is present in cells only concomitantly with the Cln cyclins [128,129]. The Clb 

cyclins and Cdc28p are essential for the G2 to M transition checkpoint [132], indicating that 

Cdc28p associates with different types of cyclins depending on the phase of the cell cycle. 

Therefore, control of Cdc28p is complex and its kinase activity necessitates the activities of both 

the Clb and Cln cyclins.  

 
I.4 HYPOTHESES AND OBJECTIVES 

 

       I.4.1 Hypothesis #1 

 

Data leading to hypothesis #1 

The similarity in location between sites of DNA replication stalling and sites of epigenetic 

switching suggests that the pausing of a replication fork could pre-dispose a locus to epigenetic 

changes. Dynamic changes in the association of factors with the paused replisome are required to 

facilitate the association of repair proteins, which remove lesions ahead of the replication fork 

and allow for the progression of replication. This leaves open the possibility of their interaction 

with other factors at the replication fork, such as those involved in nucleosome assembly 

pathways. I hypothesize that CAF-I remains associated with a paused replication fork, and that 

its continued assembly of nucleosomes at these positions leaves the locus open to a change in the 

chromatin state. If this is the case Δrrm3 strains should show in an increase in epigenetic 
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switching at the sub-telomeres, as the duration of replication fork pausing is exacerbated in these 

strains [119,121,122,141]. However, data from our lab show that rrm3Δ  strains display a 

decrease in epigenetic conversions at the sub-telomeres, a phenotype shared with cac1Δ strains 

[21,142]. This genetic interaction between CAC1 and RRM3 suggests that the association of 

CAF-I with a paused replication fork may depend on Rrm3p. However, follow-up studies show 

evidence for competition between Rrm3p and Cac1p for PCNA-binding, in a yeast two-hybrid 

system [19]. These conflicting findings suggest the need for further studies of the relationship 

between CAF-I and Rrm3p, in vivo.  

  

Hypothesis  

CAF-I and Rrm3p collaboratively associate with PCNA at paused replication forks 

Objectives 

1. Develop a system for analysis of the association of CAF-I with replication forks. 

2. Evaluate the association of CAF-I and Rrm3p with a paused replication fork in a 

euchromatic region, at early S phase. 

3. Assess the association of CAF-I and Rrm3p with a paused replication fork at late S phase, 

adjacent to the heterochromatin boundary at the chromosome VII-L telomere.  

4. Examine the relationship between replication fork pausing and epigenetic conversions and 

the role of CAF-I and Rrm3p in these processes 

 

      I.4.2 Hypothesis #2 

 

Data leading to hypothesis #2 

As discussed earlier, CAF-I plays a key role in DNA replication. We therefore expect that cell 

cycle control must also be exerted over the activities of CAF-I.  We (and others) have previously 

identified five phosphorylated serine residues on Cac1p [47,143,144]. These results suggest that 

serine residues 94 and 515 of Cac1p are phosphorylated by CDK, while residues 501, 503 and 

238 may be phosphorylated by DDK; the kinase affiliations were determined based on the 

consensus peptide target sequences of these kinases [47]. Sites were also identified on the Cac3p 

subunit, but were not evident for Cac2p [47,143]. Studies of hCAF-I show that it is also 

regulated by phosphorylation, though a high degree of phosphorylation is seen on the p60 

subunit (homologous to yeast Cac2p) of this protein, which is in contrast with yeast [145]. DDK 

phosphorylation of the human p150 subunit, homologous to yeast Cac1p, has also been observed 

and promotes the association of hCAF-I with PCNA [146]. 

Previous work from the Yankulov lab has been conducted using Cac1p mutants with single 

serine-to-alanine mutations that preclude phosphorylation at each these five sites, or by 

expressing CAC1 in temperature sensitive mutants of CDC7 or CDC28. These studies showed 

that CDK does phosphorylate Cac1p at S94 and S515 and promotes the association of Cac1p 

with chromatin [47]. DDK was confirmed to phosphorylate S503 in vitro; however, results for 

S501 and S238 were inconclusive. In addition, co-immunoprecipitation experiments show that 

mutation of the S238 DDK phosphorylation site results in a modest decrease in association of 

Cac1p with PCNA [47]. No defects in telomeric silencing were observed for any of these single 

mutants. Together, these data indicate that CDK, and likely also DDK, regulate CAF-I during the 
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cell cycle, by phosphorylation of its Cac1p subunit. However, these experiments do not address 

the possibility of redundancy between phosphorylation sites on CAF-I and further work is 

needed to refine the role of CDK and DDK in regulation of CAF-I and sub-telomeric silencing.  

Hypothesis 

Phosphorylation of Cac1p by DDK and CDK is necessary for the association of CAF-I with 

PCNA and with a paused replication fork  

Objectives 

1. Determine the effects of CDK and DDK phosphorylation on the interaction of CAF-I with 

PCNA. 

 

2. Analyse the effects of mutations at CDK and DDK phosphorylation sites on CAF-I on the 

maintenance of silencing. 

 

3. Analyse the effects of Cac1p phosphorylation on the association of CAF-I with a paused 

replication fork. 

 

     I.4.3 Hypothesis #3 

 

Data leading to Hypothesis #3 

To address the interaction between CAF-I and Rrm3p (see Data Leading to Hypothesis #1), I 

attempted to establish a system for the study of the association of CAF-I and Rrm3p with a site 

of inducible replication fork pausing in a euchromatic region of Chromosome III. These assays 

were ultimately unsuccessful, and I was unable to provide support for the hypothesis that a 

PCNA-based interaction exists between CAF-I and Rrm3p at a paused replication fork. 

However, in generating yeast strains for the study of the role of Rrm3p in silencing, I discovered 

that RRM3 genetically interacts with both CAC1 and ASF1 and deletion of any two of these 

factors together results in silencing defects at the FLO genes (Chapter III). This finding provides 

strong evidence that the role of Rrm3p in regulation of silencing is broader than originally 

hypothesized and extends beyond its interaction with PCNA at the replication fork. Based on 

these findings I re-focused my research to study the effects of Rrm3p and histone chaperones on 

regulation of the FLO genes.  

 

Hypothesis 

Histone chaperones and Rrm3p regulate the repression of the FLO genes and flocculation.  

 

Objectives 

1. Determine the effects of deletion of RRM3 and histone chaperones on repression of the FLO 

genes in laboratory yeasts. 

 

2. Determine if changes in histone acetylation contribute to the reconstitution of flocculation 

phenotypes in laboratory yeast with mutations in CAC1, RRM3, ASF1 and HIR1. 
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CHAPTER II: Epigenetic regulation of flocculation in S. cerevisiae 
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Yankulov. Accepted manuscript (Epigenetics and Chromatin). 
 

II.1 ABSTRACT 

Gene silencing in S. cerevisiae has served as a paradigm for understanding complex epigenetic 

phenomena in other eukaryotes. Many of the studies on gene repression in this organism have 

been focused on the SIR-dependent silencing at the telomeres and the mating type loci. Here we 

analysed the FLO genes, which encode cell-surface proteins and participate in the formation of 

floccules and biofilm. Flocculation in laboratory yeast strains has been lost via continuous 

passive selection for planktonic growth, but the molecular basis of this phenotype is not well 

understood. We report that mutations in histone chaperones, the helicase RRM3 and Histone 

Deacetylases cause de-repression of the FLO genes and reconstitute flocculation. We show that 

the loss of repression is linked to an increased histone acetylation at the promoter of FLO1, but 

not the promoter of FLO11, and that the histone deacetylase inhibitor Nicotinamide enhances 

flocculation in strains compromised for chromatin maintenance. We demonstrate that these 

effects are linked to variegated expression FLO11 and elevated expression of all FLO genes. We 

propose that FLO gene variegation could be a general strategy for adaption in wild type yeasts. 

In summary, we provide detailed analysis of the repression of FLO genes and propose that a gain 

in epigenetic silencing is a major contributing factor for the loss of flocculation in laboratory 

budding yeast strains.  
 

II.2 INTRODUCTION  
 

The non-sexual aggregation of single cell organisms into clusters is referred to as flocculation or 

biofilm [147,148]. In industrial yeast strains flocculation is a highly desired phenotype and in 

many cases can be activated by starvation, exposure to ethanol and/or other stressors [147,148].  
 

The key regulators of flocculation in S. cerevisiae are the FLO genes. They are positioned 20-40 

kb away from the telomeres and encode lectin-like cell surface proteins [88,149]. The genes 

contain multiple internal repeats and share significant homology with FLO genes in other yeast 

species [149,150]. FLO1 acts as a regulator of biofilm formation [151] while FLO11 is known to 

control the switch between planktonic and filamentous growth [88]. Other members of the family 

include FLO5 (paralogous to FLO1), FLO9 and FLO10 [152,153] . In lab strains the FLO genes 

are repressed by the Tup1/Cyc8 complex via long-range chromatin remodelling [87]. FLO1, 

FLO5, FLO9 and FLO10 are subject to tight repression in lab strains, whileFLO11 reversibly 

switches between active and silent states, a feature reminiscent of sub-telomeric genes [2,88]. 
 

FLO expression and flocculation is regulated by a wide variety of mechanisms including the 

MAPK, TORC, SNF1 and RIM101 signalling cascades [90,91].  Chromatin structure plays a 

major role in the regulation of flocculation, but details are often missing. For example, screens in 

the ∑1278b strain (unlike S288C, ∑1278b displays various dimorphic transitions) have shown 

that flocculation and filamentous growth are suppressed by mutations in components of the 

histone deacetylase Rpd3, the acetyl-transferase SAGA or the Ino80/Swr1p chromatin remodeler 

[90,91]. In industrial yeasts the Set1/COMPASS histone methyl transferase and the RPD3, 

HDA1 and HST1 deacetylases have been implicated in the repression of FLO genes [87,88,101]. 
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Finally, a mutation in Histone H4 (H4S47C) lead to depression of FLO1 and flocculation [154]. 

Importantly, the major regulators of gene silencing in S. cerevisiae, the SIR genes, have not been 

pulled out in any of these screens. Instead, it has been shown that in laboratory strains the FLO 

genes are repressed by the HST1 and HST2 paralogs of the SIR2 histone deacetylase [88]. 

Moreover, in wine yeasts SIR2 is required for the expression of FLO11 while the acetyl 

transferase SAS2 represses the transcription of FLO5 [102].  

 

Several histone chaperones are involved in the epigenetic transmission and maintenance 

chromatin structure in S. cerevisiae [57,155]. The histone chaperones ASF1 and FACT are 

involved in both the disassembly and reassembly of nucleosomes during DNA replication. CAF-

I is believed to play a central role in the re-assembly of H3/H4 tetramers behind the forks while 

ASF1 and Rtt106 participate in the delivery of new H3 and H4 histones [57]. On the other hand, 

the HIR and NAP1 chaperones operate in a replication-independent manner, but their precise 

role is not clear. No reports have linked the repression of FLO genes to histone chaperones [57]. 

However, there is solid evidence for replication-coupled chromatin assembly factors contributing 

to gene silencing at the sub-telomeres and the mating type HMR/HML loci 

[19,21,44,57,156,157]. In addition, we have shown that Rrm3p, a DNA helicase that removes 

tightly bound proteins ahead of  replication forks, has a role in the mechanism of epigenetic 

conversions at the sub-telomere [19].  

 

Interestingly, many laboratory S. cerevisiae strains contain functional copies of the FLO genes 

but do not normally flocculate, most likely because of the extensive passive selection against 

flocculation in favor of planktonic growth [147,158]. I have recently noticed that mutations in 

various histone chaperones promote flocculation-like phenotypes. In this Chapter, we report our 

extensive analyses of these observations.  

  

II.3 RESULTS  
 

II.3.1 Flocculation-like phenotypes in laboratory strains. 

While analysing epistatic interactions of histone chaperones with the RRM3 helicase, we noticed 

that some mutant strains produced clusters in liquid cultures. This was surprising as all mutations 

were in haploid BY4742 or W303 backgrounds, which do not flocculate under normal laboratory 

conditions. We systematically compared these and other phenotypes of all strains listed 

Appendix 1, Table 1.  

No flocculation-like phenotypes were observed in any of the single deletion mutants in BY4742 

and W303 genetic backgrounds, thus reiterating the notion that these laboratory strains have lost 

the ability to form biofilm (Fig. II.1A). On the other hand, when liquid cultures were grown on a 

spinning wheel visible clusters of cells were observed in strains with combinations of double 

deletions of cac1, asf1, hir1 and rrm3. As already mentioned, CAC1, ASF1 and HIR1 encode for 

histone chaperones engaged in the assembly of nucleosomes [57] while RRM3 encodes a 

helicase that relieves replication pausing [111]. Cell clusters were apparent by eye (Fig. II.1A) 

and the cultures formed pellets shortly after removal from the wheel (Fig. II.1B). The levels of 

sedimentation of these laboratory strains were comparable to the sedimentation of a wildtype 

beer strain with a well documented flocculation phenotype (Hornindal 1) [159] (Fig. II.1B) 
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.  

 

 

It has been reported that in feral and industrial strains flocculation is often accompanied by 

altered colony morphology, stronger adhesion to agar and cell cycle arrest [151]. However, we 

found that the flocculating strains formed even, lustre colonies, like the ones formed by non-

flocculating strains (Fig. II.1C) with no evidence of stronger adhesion to agar as compared to the 

isogenic wild type strains (not shown). We also found no correlation between growth rates of the 

strains, their progression through the cell cycle (Appendix 2, Fig.1) and flocculation (Fig. II.1A). 

Furthermore, individual isolates of some strains displayed various levels of flocculation as 

judged by observation of clusters (not shown) while growth rates were the same.  

We concluded that double deletion mutants in the BY4742 and W303 laboratory strains promote 

cell aggregation, but not a full display of other flocculation-related phenotypes observed in some 

wildtype S. cerevisiae strains.  

II.3.2 Recombination of FLO genes, spontaneous mutations and sensitivity to DNA 

damage do not correlate to flocculation-like phenotypes. 

Prior studies have reported variations in the number of intragenic repeats of FLO genes of 

industrial yeasts and have suggested that homologous recombination and length variations could 

have phenotypic and evolutionary implications [150,160]. In addition, it has been previously 

reported that cac1∆ and rrm3∆ strains have elevated spontaneous mutation rates and sensitivity 

Figure II.1. Flocculation-like phenotypes in laboratory strains. A. Liquid cultures were poured in Petri dishes 
and pictures taken using a digital camera. B. Liquid cultures were grown on a spinning wheel and rested for 10 
min before pictures were taken. Arrows indicate pellets formed in flocculent cultures. C. Pictures of colonies 
were taken by an inverted microscope at 2.5 x magnification.  
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to DNA damage [19,21,44]. For this reason, analysis of the length of FLO genes in the 

laboratory strains was performed, as in Gemayel et al., (2010) [150]. We also looked at the 

frequency of spontaneous mutations as measured by the canavanine resistance fluctuation assay 

[21] and at the sensitivity to DNA damage as measured by exposure to Methyl Methane 

Sulfonate (MMS).  Length variation occurred only in FLO10 in the cac1∆asf1∆ strain, but not in 

any of the FLO genes in any of the flocculating laboratory strains (Appendix 2 Fig. 2). The 

canavanine resistance assay measures the rate of spontaneous loss-of-function mutations in the 

CAN1 arginine transporter gene and was performed only in the strains that do not already harbor 

the can1-100 mutation. These limited-in-scope assays indicated a modest increase in 

spontaneous mutation rates in rrm3∆tof1∆ and cac1∆tof1∆, which do not flocculate. In all other 

strains, the mutation rates were indistinguishable from the wildtype BY4742 strain (Appendix 2, 

Fig. 3). Finally, there was no correlation between sensitivity to MMS (Appendix 2, Fig. 4) and 

flocculation of the strains. 

 

We concluded that the flocculation in our laboratory strains is not related to the sensitivity to 

DNA damage and/or increased spontaneous mutation rate that have been previously reported in 

some of these single mutants and additionally cannot be attributed to length variation in the FLO 

genes in the flocculant double mutants.  

 

II.3.3 Elevated expression of FLO genes in flocculating strains. 

In wild and industrial yeasts, the FLO genes are repressed in planktonic cultures and active in 

flocculating ones [88,151]. We asked if the flocculation phenotype in our strains could be 

attributed to the elevated expression of the FLO genes. RNA was isolated from four flocculating 

and four non-flocculating strains and analysed by qRT-PCR with primers specific for each of 

FLO1, FLO9, FLO10 and FLO11. Because of the highly repetitive nature and the high degree of 

homology between the FLO genes, the primers for FLO5 amplify three conserved regions within 

this gene and the FLO9 primers also have binding affinity for a region of FLO1. Three to five 

independent experiments were performed with each strain/primer combination and the measured 

amounts in the mutants were compared to the expression of the FLO genes in the isogenic 

BY4742 strain. The analyses showed no significant increase in the expression of FLO1 and FLO9 

and a 2-3-fold increase in FLO10 and FLO11, respectively, in the non-flocculating single 

deletion mutants cac1∆, asf1∆, rrm3∆ and hir1∆ compared to BY4742 (Fig. II.2). On the other 

hand, the expression of all FLO genes was 4-12-fold higher in the flocculating double deletion 

mutants. The FLO5 primers detected 10-80-fold increase in the abundance of FLO5 mRNA (Fig. 

II.2). While the overexpression of FLO genes in flocculating strains was consistently observed, 

the magnitude of effects differed between individual experiments (Fig. II.2). While we cannot 

provide an exact explanation for these fluctuations, we suspect that FLO gene expression varies 

in individual cultures and that this variation could be an important component in the 

adaptation/flocculation strategy of the cells; this is consistent with my finding that the extent of 

flocculation differs between individual isolates of the same cultures, as described above. 

Regardless of the nature of these variations, we observed a consistent correlation between the 

flocculation phenotype and  higher expression of the FLO genes.  
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II.3.4 Hyper-acetylation of Histones H3 and H4 at the FLO loci in the flocculating 

strains.  

Earlier studies have shown that the repression of FLO1 is dependent on the HDA1 and RPD3 

histone deacetylases and that FLO1 de-repression is associated with hyperacetylation of Histones 

H3 and H4 at its promoter [87,92]. While the mutants we have analysed so far do not encode 

histone deacetylases, we reasoned that their effects could nevertheless be mediated by 

hyperacetylation of Histones H3 and H4 at the FLO genes promoters. We addressed this question 

by Chromatin-Immuno-Precipitation (ChIP) with anti-H3, anti-H3K9AC and anti-H4AC antibodies 

followed by quantitative PCR with primers for the promoter regions of FLO1 and FLO11. 

Consistent with earlier observations, at the FLO1 promoter the flocculating strains produced 2-

11 times higher signal with the anti-H3AC antibody and 3-6 times higher signal anti-H4AC 

antibodies, as compared to the BY4742 strain (Fig. III.3A). However, there was no difference in 

Figure II.2. Elevated FLO gene expression. Total 
RNA was isolated from the strains shown on the 
horizontal axis. The abundance of FLO mRNA 
was measured by qRT-PCR and normalized to 
ACT1. Signals were normalized to data from 
BY4742 and plotted. Each bar represents the 
average value three to five independent 
biological replicas with each strain/primer pair. 
Asterisks indicate a significant difference 
between the average signals from mutant 
strains as compared to BY4742 at p < 0.05. 
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the acetylation of histones at the FLO11 promoter between the flocculating strains and BY4742 

(Fig. 3B). We suspect that we were not able to detect difference in H3/H4 acetylation at the 

FLO11 promoter because FLO11 switches between active and silent states [88] thus producing a 

higher basal signal in ChIP experiments. Additionally, it remains possible that my RT-qPCR (see 

above) and the Flo11p-GFP (see below) analyses are sensitive enough to reveal transient 

increases in FLO11 expression (which may be due to modest or temporary acetylation changes 

that are not readily detected by ChIP assays) due to the persistence of FLO11 mRNA and GFP in 

the cells.  

II.3.5 Epistatic interactions of CAC1 and ASF1 with HDA1 

We reasoned that if histone chaperones and RRM3 are indeed playing a central role in the 

maintenance of repressive chromatin at the FLO genes, then RRM3, CAC1, ASF1 and HIR1 

might genetically interact the histone deacetylases HDA1 or RPD3 to promote flocculation 

phenotypes. We created haploid cac1∆hda1∆, asf1∆hda1∆, hir1∆hda1∆ strains, however we 

were not able to produce a rrm3Δhda1Δ strain or any double deletion mutants with RPD3 with 

any of the other gene. Importantly, in the cac1∆hda1∆ and asf1∆hda1∆ strains we observed 

moderate and severe flocculation, respectively (Fig. II.4). However, we did not observe 

flocculation in the hir1Δhda1Δ strain. This observation strengthens the notion that replication-

coupled chromatin assembly plays a role in the repression at the FLO genes in laboratory strains.  

 
 

 

 

Figure II.3. Histone H3/H4 
hyperacetylation at FLO gene loci. 
Chromatin extracts from the strains 
shown below the horizontal axis were 
immunoprecipitated with antibodies 
against Histone H3, acetylated 

Histone H3 (H3
AC

) and acetylated 

Histone H4 (H4
AC

). The precipitated 
DNA was amplified with primers for 
the promoter regions of ACT1, FLO1 
and FLO11. The signals were 
normalized to ACT1 and then to the 
anti-H3 immunoprecipitates and 
plotted. The bars represent the 
average of two to three independent 
experiments with each strain/primer 
pair. * denotes difference between 
the average signals from mutant 
strains as compared to W303 at p < 
0.05. 

Figure II.4 Epistatic interactions between CAC1, ASF1, 
HIR1 and HDA1. Saturated liquid cultures (strains shown 
on top) were poured in Petri dishes and pictures were 
taken by using a digital camera. 
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II.3.6 Flocculation in single deletion mutants is enhanced by Nicotinamide (NAM) 

and nitrogen starvation.  

NAM is a potent competitive inhibitor of NADH+-dependent histone-deacetylases [161]. Cells 

exposed to NAM display reduced silencing of sub-telomeric genes and at the mating type loci 

[162]; however its effect on flocculation has not been reported. The observed genetic interactions 

in Fig. II.1 prompted us to test if flocculation is affected by NAM. Liquid cultures of various 

strains were seeded at low density and grown to saturation in the presence of 0, 2- and 5-mM 

NAM. The cultures were then rested for 30 minutes and the rate of sedimentation in the NAM-

treated relative to the non-treated samples was measured. Three cultures per strain were scored 

on three different days. Flocculation was further confirmed by light microscopy as in Fig. II.1. 

Sedimentation scores are shown in Supplemental Table 2 and the results are summarized in 

Figure 5. In the presence of 5 mM NAM we observed 3-4 times faster sedimentation rates in 

cac1∆ and asf1∆ strains and 2 times faster sedimentation rates in hir1∆, rtt106∆ and hda1∆ 

strains in both W303 and BY4742 background (Fig. II.5A). The rrm3∆ and rpd3∆ strains showed 

less than 2-fold faster rates. The rpd3∆ strains were analysed only in the BY4742 background.  

All other strains tested, including BY4742, W303, hst1∆, sir2∆, tof1∆, gcn5∆ or the already 

flocculating double deletion mutants showed no apparent detectable increase in sedimentation 

rates in the presence of NAM (not shown).  

 

 
 

 

Growth under starvation conditions is also known to promote flocculation phenotypes. We 

therefore grew the single CAC1, ASF1, RRM3 and HIR1 mutants in nitrogen-deplete liquid 

medium. This treatment resulted in flocculation of the CAC1, ASF1 and HIR1 mutants, but the 

not RRM3 mutant or the wildtype BY4742 (Fig. II.5B). 

 

These experiments lead to the conclusion that the maintenance of repressive heterochromatin at 

the FLO gene loci is already compromised in cac1∆, asf1∆, hir1∆, rtt106∆ and hda1∆ mutants 

and can be revealed by exposure to NAM or under nitrogen-limiting conditions.  

Figure II.5. Nitrogen starvation and 
Nicotinamide (NAM) induce flocculation. A.  
The strains shown under the horizontal axis 
were grown overnight in the presence of 0 
(control), 2- and 5-mM Nicotinamide (NAM). 
Sedimentation rates were calculated as the 
time needed for the clearance of the upper 

50% of the culture (T
S50

) in the NAM treated 

samples divided by T
S50 

in the corresponding 
NAM-free cultures. The bars represent the 
average of 2-3 measurements with each strain. 
Error bars show standard error. The lack of 
apparent error bars in the BY4742 and W303 
bars represent no that no detectable 
difference in sedimentation in the presence of 
NAM was observed for all replicates 
performed. B. Cells were grown in low 
nitrogen liquid medium for two days, then 
poured in Petri dishes and pictures were taken 
with a digital camera. 
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  II.3.7 Variegation and loss of FLO11 silencing in a flocculating strain.  

It has been previously demonstrated that a wild type yeast strain expresses FLO11 in a 

variegated fashion that can be observed by tagging FLO11 with a GFP reporter. In these assays, 

wildtype strains  produce patches of GFP+ and GFP- cells when grown on a solid substrate [88]. 

Additionally it has been shown that expression of FLO11 contributes to filamentous growth 

[163]. We tagged the genomic FLO11 with GFP as in Lenhart et al. (2019) [163] and tested the 

expression pattern of Flo11p-GFP in a flocculating (cac1∆rrm3∆) and two non-flocculating 

laboratory (cac1∆ or rrm3∆) strains in the W303 genetic background. Briefly, cells were 

dispersed, serially diluted in 96-well plates and incubated without shaking for 24 hours. Sparsely 

populated wells with isolated cell clusters were then analysed by fluorescent microscopy. In 

cac1∆, rrm3∆ and the control W303 strains she observed a very low number of isolated GFP+ 

cells (Fig. II.6A). In contrast, the flocculating cac1∆rrm3∆ displayed clusters of cells with 

various levels of green fluorescence as well as cells with no apparent fluorescence (Fig. II.6A). 

  

Because cell clusters do not allow for precise focusing and measurement of the GFP signals, the 

strains were grown in suspension for 24 hours, dispersed by vigorous vortexing/pipetting and 

spread on microscope slides. GFP signals were acquired for both individual GFP+ and GFP- 

cells and used for the measurement of GFP+ signals in individual cells and for the calculation of 

the percent of GFP+ cells in each strain. In agreement with the observations in cell clusters (Fig. 

II.6A), these measurements showed that the signals from individual cac1∆rrm3∆ cells 

significantly vary, but on average were substantially higher than the signals in cac1∆, rrm3∆ or 

the control W303 strains (Fig. II.6B). We suspect that the difference in the detected levels of 

FLO11 mRNA (Fig. II.2) and Flo11p-GFP (Fig. II.6) could be caused by stabilization of the 

protein by tagging it with GFP or could be related to the levels of translation. Next, the percent 

of GFP+ cells (defined as cells that have 3 times higher green fluorescence as compared to the 

average fluorescence from the GFP- cells) was calculated. Based on these criteria, the results 

show about 45% GFP+ cells in the cac1∆rrm3∆ strain as compared to 8, 9 and 4 % in the cac1∆, 

rrm3∆ and W303 strains, respectively.  

  

We concluded that flocculation in cac1∆rrm3∆ is accompanied by a loss of FLO11 in about half 

of the cells in the culture. We also concluded that the expression of Flo11p-GFP varies between 

individual cells. Finally, because large patches of GFP+ and GFP- cells were not observed in the 

cell clusters (Fig. II.6A, left panel), we suspect that the conversion rates between active and 

silent FLO11 are high and can not be assessed by the methods that have been used in the past for 

the analysis of conversion rates at the telomeres [21].   
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Figure II.6. Variegated expression of FLO11-GFP. A. Cell clusters (left hand and middle panels) were produced 

by serial dilution of liquid cultures in 96-well plates and incubated for 24 hours without shaking. Cell 

suspensions were also dispersed and spread on slides (right hand panel). Images were taken with a Leica DM 

6000B microscope and processed with Velocity
TM

 software. B. GFP signals in at least 50 individual cells were 

acquired and plotted. C. The number of cells that display at least 3 times higher GFP signals relative to the 

signal in GFP- cells in B were calculated and plotted. 
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II.3.8 Correlation of repression of FLO genes and the sub-telomeric and the mating 

type loci.   
Next, data from earlier publications [19,21,40,88,157] was analysed to compare flocculation 

phenotypes and FLO gene expression to the level of gene silencing at the telomeres and the 

mating type loci (Table II.1). Consistent with earlier observations [40,88] and this study, SIR3 

was required only for gene silencing at the sub-telomeres and the mating type loci and had no 

effect on the expression of FLO genes. At the same time, the single and double deletions of 

histone chaperones and RRM3 seemed to have a similar magnitude of effect on all these loci. For 

example, single deletions of CAC1, ASF1, HIR1 and RRM3 do not or only transiently de-repress 

the mating type loci [19,21,40,157], moderately reduce the repression of FLO genes (this thesis) 

and moderately reduce gene silencing at the telomeres [19,21]. In comparison, double deletions 

of these genes cause a measurable loss of silencing at the mating type loci [19,21,40,157], 

significant de-repression of the FLO genes (this thesis) and severe loss of silencing at the 

telomeres [19,21]. 

 

Strain  Floccu-

lation   

Increase in 

FLO gene 

expression  

Silencing at the VIIL 

telomere (%FOAR cells) 

Silencing at the HML/HMR 

mating type loci 

BY4742  no  n/a 66% (Jeffery et al. 

(2013)) [21] 

no loss (Huang et al. (2007)) 

[40] 

sir3∆  no  < 1x  < 0.1% Loss (Huang et al. (2007)) 

[40] 

cac1∆  no  1-2 x 5 % (Wyse et al. 

(2016)) [19] 

no loss (Huang et al. (2007); 

Jeffery et al. (2013)),  

[21,40]; transient loss (Janke 

et al. (2018)) [157] 

rrm3∆  no  1-2 x 10 % (Wyse et al. 

(2016)) [19] 

no loss (Appendix 2, Fig. 5) 

asf1∆  no  1-2 x 9 % (Jeffery et al. 

(2013))  [21] 

no loss (Huang et al. (2007))  

[40]; transient loss (Janke et 

al. (2018))  [157] 

hir1∆  no 1-2 x 53 % (Jeffery et al. 

(2013))  [21] 

no loss  Jeffery et al. (2013)) 

[21] 

cac1∆asf1∆  yes  > 5x < 1 % (Jeffery et al. 

(2013))  [21] 

Loss (Huang et al. (2007); 

Jeffery et al. (2013))  [21,40] 

Table II.1. Comparison of the levels of repression at the FLO loci, VII-L telomere and the mating type loci. 
Data from this thesis and [Halme et al. (2004); Huang et al. (2007); Jeffery et al. (2013); Wyse et al. (2016); 
Janke et al. (2018); 19,40,70,164,172] was used to compare the magnitude of de-repression in different 
mutants. The de-repression of FLO genes is based on the data in Figure II.2 and expressed as the average fold 
increase in the expression of FLO1, FLO5, FLO9, FLO10, FLO11 in the mutants relative to BY4742. The sub-
telomeric gene repression was measured by the routine TPE (Telomere Position Effect) assay (Gottschling et al. 

(1990) [19] and is displayed as per cent of FOA
R
 (5-Floroorotic acid resistant) cells, which carry URA3 adjacent 

to the VIIL telomere. The repression of mating type loci is measured by the expression of a GFP reporter 
inserted in HMR [40,70]; by the CRASH assay [157], which measure transient expression from the HML locus; or 
by measurement of the mating efficiency (Appendix 2, Fig. 3). “No loss” means less than 0.01% GFP+ cells and 
“loss” means more than 10% GFP+ cells. The terms “transient” and “strong” are used exactly as in [164]. “n/a” 
indicates that data was not available in any of the listed sources. 
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II.4 DISCUSSION  

 

Here we report the partial reconstitution of flocculation in laboratory yeast strains, which have 

lost this phenotype by continuous passive selection for planktonic growth [147]. The precise 

reasons for the loss of flocculation are not clear. It has been reported that in the W303 and 

BY4742 strains FLO8 (a transcription factor for the FLO genes [89]) harbors an inactivating 

point mutation [158]. Here we show that, in addition to this and possibly other gene mutations, 

the loss of flocculation is due to a significant gain in FLO gene silencing by epigenetic means. 

We show flocculation phenotypes can be reconstituted by the deletion of histone chaperones, 

histone deacetylases and a DNA helicase that relieves replication pausing (Fig. II.1, Table II.1). 

While the involvement of histone chaperones is not far fetched, the role of the helicase RRM3 

calls for a special consideration. It encodes a DNA helicase dispensable for DNA replication 

over most of the genome, but is necessary to relieve pausing at sites of tightly bound proteins 

[141]. Such pausing sites are frequent in the sub-telomeric regions and at the mating type loci 

[141], but direct evidence for replication pausing at the FLO genes is not available [Dr. Ivessa, 

personal communication with KY]. It remains possible that the epistatic interactions of RRM3 

with CAC1 and ASF1, but not HIR1 (Fig. II.1, Fig. II.4) reflect the susceptibility of the FLO loci 

to replication pausing and subsequent chromatin perturbation in the absence of chaperones. In 

this line of thought, both CAF-I and Rrm3p physically interact with the replication fork clamp 

PCNA through a conserved PIP (PCNA-Interacting Peptide) motif [27,110,165,166]. These 

cac1∆hir1∆  yes  > 5x < 1 % (Jeffery et al. 

(2013))  [21] 

Loss (Jeffery et al. (2013)) 

[21] 

cac1∆rrm3∆

  

yes  > 5x < 0.1% (Wyse et al. 

(2016)) [19] 

Loss (Appendix 2, Fig. 5) 

asf1∆rrm3∆  yes  > 5x < 0.1% (Wyse et al. 

(2016)) [19] 

Loss (Appendix 2, Fig. 5) 

hir1∆rrm3∆  no  > 5x 11 % (Wyse et al. 

(2016)) [19] 

no loss (Appendix 2, Fig. 5) 

orc5-1 yes  > 5x < 1 % (Jeffery et al. 

(2013))  [21] 

Loss (Fox et al. (1995)) [164] 

sas2∆   no n/a 4 % (Jeffery et al. 

(2013))  [21] 

no loss (Appendix 2, Fig. 5) 

tof1∆ no n/a 26% (Wyse et al. 

(2016)) [19] 

n/a 

mcm5-461  no n/a 4 % (Jeffery et al. 

(2013))  [21] 

n/a  

bob1-1cdc7∆ no n/a 3 % (Jeffery et al. 

(2013))  [21] 

n/a  

cac1∆tof1∆  no n/a n/a n/a 

cac1∆sas2∆  no n/a n/a n/a 

tof1∆rrm3∆  no n/a n/a n/a 

hda1∆ no n/a n/a n/a 

hst1∆ no n/a n/a n/a 

rpd3∆ no n/a n/a n/a 
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findings may indicate that Rrm3p modulates the association of CAF-I with PCNA and 

exacerbates the compromised reassembly of chromatin at paused replication forks [57]. Further 

studies will be required to refine the role of Rrm3p in these processes and its precise contribution 

to replication-coupled assembly of chromatin.  

 

On the other hand, apparent flocculation phenotypes were observed in the cac1∆hir1∆ strain and 

in the hir1∆ strain when exposed to NAM. It remains possible that these effects are related the 

unclear roles of HIR and Asf1p in replication-coupled assembly of nucleosomes in the absence 

of CAF-I [49] or that flocculation is due to some extent to actions of CAF-I and Asf1p in 

replication-independent chromatin maintenance. Together, this study presents a detailed genetic 

analysis of the regulation of FLO gene expression. It is possible that other genes that are 

regulated by the Tup1p/Cyc8p repressor complex and Hda1p [167] share similar means of 

regulation. 

 

Most of the studies on gene repression in budding yeast have focused on SIR-dependent silencing 

at sub-telomeric and mating type loci [2,77]. At these positions gene silencing is executed by cis-

acting silencers that serve as an assembly point of the Sir3/4 proteins, which recruit the Sir2p 

histone deacetylase and initiate the spreading of histone deacetylation away from the silencers 

[77]. As previously mentioned, FLO genes are silenced by the binding of the Tup1p/Cyc8p and 

Sfl1p repressors upstream of the promoters of these genes and utilize the HDA1, HST1 and 

RPD3 but not the SIR2 histone deacetylases [87,88,167]. It can be said, within the limitations of 

our current knowledge, that the regulation of the FLO genes and the regulation of gene silencing 

at the telomeres and the mating loci represent different mechanisms. At the same time, multiple 

studies have linked SIR-dependent gene silencing to various DNA replication factors and histone 

chaperones (reviewed in Rowlands et al., 2017 [57]). The findings in this thesis were compared 

to previously published studies (Table II.1). The deletions of individual genes or combination of 

genes show a similar trend of loss of silencing at the mating type loci and sub-telomeres and the 

loss of repression of the FLO genes. We also found that treatment of select mutants with NAM 

or growth under nutrient-limited conditions increases flocculation and decreases silencing at the 

mating HMR locus (Fig. II.5, data not shown). These correlation analyses support the idea that 

despite the difference in the mechanisms that establish repression, all these loci share similar 

requirement for histone chaperones and RRM3 (Table II.1).  

 

Another similarity worth mentioning is that sub-telomeric genes, partially de-repressed mating 

loci and at least FLO11 are meta-stable, meaning that they infrequently switch between active 

and silent state [2,147]. Here we have shown that the elevated expression of FLO11 in a 

flocculating laboratory strain reflects a wide range of the abundance of Flo11p in individual 

cells. We are not certain if FLO11 alone or all FLO genes variegate. However, it is tempting to 

speculate that if all FLO genes variegate, they would provide a wide repertoire of cells adhesion 

patterns, which in turn would aid the adaptation in response to changes in the environment. It is 

also possible that the varying abundance of Flo11p-GFP we observe reflects a competition 

between all FLO genes for regulatory transcription and chromatin factors and that this 

competition is key to the variegated expression of these genes.  

 

In summary, this Chapter highlights the FLO genes as attractive loci for future investigation of 

epigenetic silencing in S. cerevisiae. It broadens the mechanistic repertoire of gene repression in 
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S. cerevisiae and emphasizes the general role of chromatin transmission and maintenance in 

regulation of gene expression. Another very interesting, but unexplored, theme in this study is 

the notion that the loss of flocculation in laboratory strains could have taken place via an 

epigenetically-based evolution driven by passive selection for planktonic growth. This aspect of 

adaptation and evolution is rarely studied. Therefore, the findings in this chapter indicate that 

flocculation in yeasts can provide an excellent system for addressing this issue in future studies. 

Finally, the adverse effects of yeast pathogens like C. albicans and C. glabrata are linked to 

dimorphic transitions, which involve host genes homologous to the FLO genes in S. cerevisiae 

[147,168]. Hence, our study might indirectly shed light on the epigenetic basis of this significant 

health problem. 

 

II.5 MATERIALS AND METHODS 
 

II.5.1 Yeast strains 

The strains used in this study are listed in Table 1, Appendix 1. All assays were conducted with 

haploid strains in BY4742 and W303 background. Double deletion mutants were produced by 

routine mating and sporulation. Cells were routinely grown on YPD  30°C except for 

temperature-sensitive mutants which were maintained at 23°C. Liquid cultures were grown on a 

spinning wheel, not a shaker, to better reveal flocculation. Growth rates of all cultures were 

measured in ThermoScientific Multiskan G0 instrument. For studies of the effects of NAM, 3mL 

cultures were grown in YPD in the presence of 0, 2 or 5mM NAM for two days. Nitrogen-

limiting conditions were achieved by growing cells in SC medium containing 0.1% Yeast 

Nitrogen. 

 

II.5.2 Assessment of flocculation phenotypes 

Flocculation was determined by visual observation of cell clusters (Fig. II.1) and cell aggregation 

was confirmed by light microscopy. Sedimentation rates were estimated by resting culture tubes 

and measuring the time needed for the clearance of the upper 50% of the culture (TS50). The 

measurement of sedimentation rates in the presence of Nicontinamide (NAM) was conducted by 

dividing the TS50 for the cultures grown in NAM divided by TS50 in the corresponding NAM-free 

cultures.  

 

II.5.3 RT-qPCR 

RNA was isolated with TRIzolTM solution according to manufacturer’s directions, except that 

samples were vortexed for 5 minutes (30 seconds on, 30 seconds off) in the presence of equal 

volume glass beads and precipitated with ethanol. RNA concentration and purity was determined 

by ThermoScientific NanoDrop 8000. cDNA synthesis was performed using Applied Biosystems 

High-capacity cDNA Reverse Transcription Kit. Quantitative PCR was carried out using Applied 

Biosystems StepOneTMPlus thermocycler and PowerUpTM SYBR® Green Master Mix. 6.25ng of 

cDNA was added to each reaction and each sample was analyses in triplicates. Quantitative 

expression values were determined using the ΔΔCq method, wherein the average Cq for each 

FLO gene was normalised to Cq values for ACT1. The ΔCq values for each strain/primer 

combination were normalised to ΔCq values obtained for BY4742 cells and fold expression was 

calculated as 2-ΔΔCq and shown in a bar graph format. Three to five independent experiments 

were performed with each strain/primer combination and average values, standard deviations and 
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t-tests were calculated in Microsoft Excel®. Primer sequences are listed in Appendix 1 Table 2; 

primer efficiencies were between 95-110%. 

 

II.5.4 Chromatin immunoprecipitation 

ChIP assays were performed using the native method, as follows. 50 mL cultures were grown to 

OD600~ 0.8, pelleted and washed once in 1mL of LB buffer (20mM Tris pH 7, 5mM EDTA, 

140mM NaCl). Cells were resuspended in 300μL LB plus 1.5X protease inhibitors (G 

BioSciences ProteaseArrestTM Yeast/Fungal) and lysed with 500μL of glass beads for 18 cycles 

of 30s ON / 30s OFF with a VWR® Pulsing Vortex Mixer. Lysates were spun at 13000 rpm for 

15 minutes, the supernatant was removed and the pellet resuspended in 500μL of MNB (200 mM 

CaCl2, 20mM Tris pH 7.5, 140mM NaCl, 1X protease inhibitors). 4U of MNase was added and 

the samples were incubated for 5 minutes at 37°C followed by the addition of 1/10 volume of 

STOP (25mM EDTA, 100mM EGTA, 140mM NaCl). Lysates were diluted to 150μg of DNA in 

1.1 mL IP buffer (50 mM Tris pH 7.5, 10mM EDTA, 140 mM NaCl, 1X protease inhibitors, 

0.5% TX-100, 0.15% Deoxycholic acid) and pre-cleared for 1 hour with 50μL of Protein A 

Sepharose® 4B (Invitrogen.) 250μL of the pre-cleared lysates were dispensed to tubes 

containing the relevant antibodies (Millipore 07-352 , 06-866 and 17-10046 or control antibody 

(rabbit serum; Millipore 17-10046)) and incubated overnight, followed by addition of 40μL of 

Protein A Sepharose® and a further incubation for 1 hour. The beads were washed twice with IP 

buffer, once with IP buffer plus 360 mM NaCl, once with LiCl buffer (0.25M LiCl, 1mM EDTA, 

10mM Tris pH 7.5, 0.5%TX-100) and once TE containing 0.2% TX-100, then resuspended in 

100μL TE with 0.2% TX-100 plus 1μg of RNase A and incubated at 37°C for 1 hour, then 

overnight at 65°C in the presence of 1% SDS followed by 2 hours at 37°C in the presence of 

Proteinase K. DNA was purified using the GenepHlowTM Gel/PCR kit and eluted into 100μL of 

10 mM Tris. 5μL of this sample were analysed by qPCR with primers for the ACT1, FLO1 or 

FLO11 promoters using PowerUpTM SYBR® Green 2X MasterMix (Applied Biosystems) and 

Applied Biosystems StepOne PlusTM thermocycler with StepOne Software. Three technical 

replicates were used to calculate a “fold over background” for each of the Histone H3, H3AC and 

H4AC immunoprecipitations, normalized to ACT1 and then to signals from IPs with rabbit serum, 

using the formula 2^(CtIPserum-CtIP). The relative histone acetylation at each of these positions 

was determined by normalising the values from the H3, H3AC and H4AC immunoprecipitations to 

those from Histone 3. The results represent the average of 2 to 3 biological replicas for each 

strain/gene combination. Average values, standard deviations and t-tests were calculated in 

Microsoft Excel®. Primer sequences are listed in Appendix 1 Table 2; primer efficiencies were 

between 95-110%. 

 

II.5.5 Fluorescence microscopy 

Cell clusters were produced by serially diluting cells in 96-well plates and growing them without 

shaking for 24 hours. Images were taken directly from the wells. Individual cells were also 

examined by vigorously mixing liquid cultures and spreading them on slides. All images were 

taken with a Leica DM 6000B microscope with bright field or with the 469 nm filter. Images 

were processed and over-layered with VolocityTM software. The quantification of GFP signals 

was conducted by subtracting the background pixel values (ROI with no cells) from the pixel 

values of identical ROI centred over isolated GFP+ or GFP- cells. For calculation of the percent 

of GFP+ cells in Fig. 6B, only cells with 3 times higher signal as compared to the average signal 

in GFP- cells were counted.   
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II.5.6 Analysis of FLO gene length variation 

DNA from saturated liquid cultures was isolated and subjected to PCR with primers flanking 

FLO1, FLO5, FLO9, FLO10 and FLO11. Primer sequences were exactly as in [151] and are 

listed in Appendix 1, Table 3.  

 

II.5.7 Analysis of cell cycle 

Exponentially growing cultures (OD600=1.0) were harvested, fixed in Ethanol and stained with 

propidium iodine as in [47]. Absorbance was measured by FC500 flow cytometer (Beckman-

Coulter) and analysed was performed by FCS express 6 Plus software.   
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CHAPTER III: Phosphorylation of CAF-I allows for locus-specific regulation 

of silencing. 

Hollie Rowlands, Kholoud Shaban, Ashley Cheng, Barret Foster and Krassimir Yankulov. In 

review (Cell Cycle, August 2019). 

 

III.1 ABSTRACT 

Chromatin Assembly Factor I (CAF-I) plays a central role in the reassembly of H3/H4 histones 

during DNA replication. In S. cerevisiae CAF-I is not required for viability while its loss is 

associated with reduced gene silencing and increased sensitivity to DNA damage. Two kinases, 

Cyclin Dependent Kinase (CDK) and Dbf4-Dependent Kinase (DDK), are known to 

phosphorylate the Cac1p subunit of CAF-I, but their role in the regulation of CAF-I activity is 

not well understood. In this study we systematically mutated the phosphorylation target sites of 

these two kinases. We show that concomitant mutations of both CDK and DDK target sites of 

CAF-I lead to growth retardation and significant cell cycle defects, to altered cell morphology 

and increased sensitivity to DNA damage. Surprisingly, two of these mutations also result in the 

reconstitution of flocculation, a phenotype that is lost in most laboratory strains, and in the 

expression of FLO genes; neither of these mutants were compromised in silencing at HML or the 

Chromosome VII-L telomere. Interestingly, a third mutant is compromised in sub-telomeric 

silencing but does not show silencing defects at HML or at the FLO genes. We conclude that 

dysfunctional CAF-I produces severe phenotypes, which reveal a possible role of CAF-I in the 

coordination of DNA replication, chromatin reassembly and cell cycle progression. Our study 

highlights the role of phosphorylation of Cac1p by CDK and a putative role for DDK in the 

transmission and re-assembly of chromatin during DNA replication and suggests that 

phosphorylation of CAF-I is a mechanism to regulate heterochromatin in a locus-specific 

manner. 

 

III.2 INTRODUCTION 

 

Chromatin Assembly Factor I (CAF-I) is a histone chaperone that reassembles H3/H4 tetramers 

in the wake of the replication forks [57,155]. It is composed of three subunits (Cac1p, Cac2p and 

Cac3p) and is highly conserved across eukaryotes [24,38,169,170]. Recent studies have shown 

that the Cac1p subunit is required for the interaction with histones and the tetramerization of 

H3/H4 as well as for their deposition onto DNA [51,89,171].  CAF-I associates with the 

replication fork via an interaction of Cac1p with the replication sliding clamp, PCNA 

(Proliferating Cell Nuclear Antigen) [27] and communicates with other chaperones such as 

Asf1p, Rtt106p and the replicative helicase CMG (Cdc45-MCM-GINS) [57,155]. It is believed 

that CAF-I, together with other histone chaperones and histone modifying enzymes, plays a 

central role in the transmission of the epigenetic states after the passage of the fork [57]. 

However, mechanistic insights into the action of CAF-I at different loci are limited [57,155]. 

 

In mammalian cells CAF-I is essential [38], yet in budding yeast its destruction leads to only 

marginal loss of fitness, de-repression of sub-telomeric genes and  transient loss of silencing at 

the mating type loci [21,157,172]. Loss of CAF-I has also been linked to lower frequency of 

epigenetic switches at the telomeres [19,21] and to increased sensitivity to UV light and other 

mutagens [44]. It is not clear what factors and mechanisms regulate these diverse phenotypes. 
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It is well established that in both mammalian and yeast cells CAF-I is phosphorylated by CDK 

(Cyclin Dependent Kinase, Cdc28p) and most likely by DDK (Dbf4-Dependent Kinase, Cdc7p-

Dbf4p) [47,143,146,173]. Both kinases are essential and regulate key events at the onset of DNA 

replication [174,175]. The phosphorylation of Cac1p by CDK has been linked to the loading of 

CAF-I on chromatin; however, the role of the phosphorylation by DDK remains enigmatic 

[47,146]. However, we have previously shown  that phosphorylation of Cac1p at S238 (a 

putative DDK site) causes a modest reduction in its association with PCNA [47].  To better 

understand the role of phosphorylation of CAF-I by CDK and DDK, I introduced multiple point 

mutations at the phosphorylation sites of Cac1p. Unlike the complete deletion of CAC1, some of 

these mutants displayed severe loss of fitness and altered morphology. The follow-up 

characterisation of these mutants showed that phosphorylation of Cac1p by the CDK and DDK 

kinases may be involved in regulation of the expression of the FLO genes and of flocculation. 

 

III.3 RESULTS 

 

III.3.1 Growth analysis of Cac1p phosphorylation-deficient mutants 

To better understand the functional significance of the phosphorylation of CAF-I by CDK and 

DDK we produced combinations of serine-to-alanine mutations in the phosphorylation sites in 

Cac1p as outlined in Fig. IV.1B (see also Appendix 3 Table 1). The S94A and S515A mutations 

are confirmed sites of phosphorylation by CDK while the S238A, S501A and S503A mutations 

alter putative targets of DDK [47,173]. These CAC1 mutants were expressed in cac1∆ cells as C-

terminally FLAG-tagged proteins under the control of the native CAC1 promoter from a low 

copy plasmid (pRS315).  

 

In agreement with earlier studies [47,49,172] cac1∆ cells expressing no Cac1p, wildtype Cac1p 

or any single serine-to-alanine substitutions in the DDK kinase target sites showed little 

difference in their growth rates (Fig. III.1C). The same applies to mutants with double/triple 

substitutions in the putative DDK target sites. The single serine-to-alanine substitutions in the 

CDK target sites (S94, S515) moderately reduced growth. Remarkably, mutations at both CDK 

target sites (S94A-S515A) or at one CDK target site in combinations with a S238A substitution 

(S94A-S238A and S238A-S515A) caused more than three-fold decrease in the doubling times of 

the exponentially growing cultures. We followed up on these phenotypes by analysing the cell 

cycle distribution of cells in single and double S94A, S238 and S515A mutants. In Figure III.1D, 

we show that the single S515A and the double S94A-S515A had a slight increase in proportion 

of cells in G2/M. In contrast, the cells harboring the S94A-S238A and S238A-S515A mutations 

produced a lower proportion of cells in G2/M.  These observations suggested that the S94A-

S515A mutant may operate by a different mechanism as compared to the S94A-S238A and  
S238A-S515A mutants 
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Figure III.1. Mutations of the phosphorylation sites of CAC1. A. Sequence of Cac1p. The sites of 
phosphorylation are show in bold/underline. B. Single, double and triple mutations analysed in this study. “*” 
depicts CDK phosphorylation sites; “^” depicts putative DDK phosphorylation sites. C. Growth curves of the 
cac1∆ strain expressing pRS315-CAC1 with the indicated serine-to-alanine mutations. One of three 
independent experiments with all strains grown in parallel in the same 96 well plate is shown. D. Cell cycle 
analysis. Exponentially growing cells (shown below the graphs) were stained with propidium iodide and the 
DNA content was analysed and plotted. G1 ad G2/M peaks are shown above the graphs. 
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. 

 Figure III.2. Protein and plasmid stability in CAC1 mutants. A. Expression of mutant Cac1p proteins. 
Exponentially growing cells were boiled in the presence of SDS and urea and equal amounts of the extracted 
proteins were analysed by Western blot with anti-FLAG or and anti-actin antibodies. B. Plasmid loss in CAC1 
mutants. Plasmid loss per generation in BY4742 and cac1∆ strains harboring the pRS315-CAC1 plasmid with the 
CAC1 mutations shown on the horizontal axis and a control mcm5-1 strain harboring pRS315 was measured 
and calculated as in Kramer et al. (2002) [176] and plotted. 
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Next, we asked if the growth rates could be caused by reduced stability of the proteins or 

maintenance of the expressing plasmids. In Figure III.2A we show that most mutant Cac1p 

proteins were expressed at comparable levels as judged by anti-FLAG Western blotting. 

However, the S94A-S238A and S238A-S515A double mutants were less abundant (Fig. III.2A). 

Interestingly, neither of these Cac1p mutants showed apparent instability, as assessed by 

cycloheximide chase assay (Appendix 3, Fig. 1). We considered the possibility that the stability 

of the expressing plasmids could contribute to the reduced abundance of these proteins. Plasmid 

maintenance was tested by a routine mini-chromosome stability assay as in Tye (1999) and 

Kramer et al. (2002) [176,177]. Briefly, cac1∆ and isogenic BY74742 cells harboring the 

expression plasmids (pRS315; LEU2 ARS4 CEN4) were selected on SD leu- plates, grown in 

liquid non-selective medium for 20 generations and then spread on SC and SD leu- plates. The 

proportion of leu+ cells was used to calculate the loss of plasmid per generation as in [176]. In 

the wildtype BY4742 strain all plasmids were lost at 1-3% per generation (Fig. III.1B). Similar 

rates were observed for all single mutants in the cac1∆ cells. In the double/triple mutants 

plasmid loss was increased to 4-5% loss per generation (Fig. III.2B). For comparison, the loss 

rate in the control mcm5-1 (Mini-Chromosome Maintenance 5-1) strain [178] was 27% per 

generation (Fig. III.2B). These results showed that plasmid maintenance was affected in the 

double deletion mutants, but plasmid instability did not correlate to the reduced level of mutant 

proteins or reduced growth rates in the mutant strains. For example, the S501A-S503A mutant 

showed 4% loss per generation as compared to about 5% in the S94A-S515A, S94A-S238A and 

S238A-S515A mutants, but grew three times faster than them. On the other hand, the mcm5-1 

mutant grows at higher rates as compared to these three CAC1 mutants (not shown) but has 

about 5 times higher rates of plasmid loss. 

 

We concluded that phosphorylation-deficient Cac1p produces negative effects that are not 

revealed by its destruction. We reasoned that the characterisation of these dominant negative 

effects would provide details on the regulation and function of CAF-I.  

 

III.3.2 Association with PCNA, sensitivity to DNA damage and spontaneous 

mutation rates  

Previous studies have demonstrated that mutations in individual phosphorylation sites do not 

alter the association of Cac1p with PCNA. Nevertheless, the strong phenotypes of certain double 

CAC1 mutants prompted me to test their association with PCNA. In keeping with previous 

findings, no substantial effects on PCNA association were observed in any of the mutants (Fig. 

III.3A). 
 

It is known that the deletion of CAC1 increases the sensitivity to DNA damage and produces 

higher rates of spontaneous mutations [21,44]. We tested if the CAC1 mutants suppressed or 

exacerbated these phenotypes. All strains were grown to mid-exponential phase and aliquots 

were spotted on plates containing 0.005%, 0.01% and 0.02% Methyl Methane Sulfonate (MMS). 

As shown earlier, cells without CAC1 were sensitive to 0.01% MMS (Fig. III.3B). Similar 

sensitivity was seen in the slowly growing S94A-S515A, S94A-S238A and S238A-S515A while 

none of the other mutants was sensitive to this DNA damaging agent (Fig. III.3B).  

 

The canavanine resistance fluctuation assay [21] was used to measure the frequency of 

spontaneous mutations in the mutant strains. Canavanine is a translation inhibitor and is 

internalized by the CAN1 transporter. Consequently, mutations in CAN1 produce canavanine 
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resistance. In wildtype cells the rates of forward CAN1 mutations is about 3x10-7 [179,180]. In 

cac1∆ cells the rates moderately increase to 1-3x10-6 [21,181]. While reproducing these earlier 

observations, there was no significant differences between any of the mutants and the cells 

expressing wild type CAC1 (Fig. III.3C).  

 

We concluded that the phosphorylation of Cac1p minimally affects the binding of Cac1p to 

PCNA or the rate of spontaneous mutations in the cells. At the same time, the lack of 

phosphorylation of Cac1p at positions S94, S238 and S515 regulates CAF-I activity in DNA 

repair.   

 
Figure III.3. Characteristics of CAC1 mutants. A. Association with PCNA. Co-immunoprecipitation experiments 

were performed using exponentially growing cultures of cac1Δ cells complemented with CAC1 mutant 

plasmids. Western immunoblotting was performed with antibodies specific to PCNA and to the FLAG tag on 

CAC1. B. MMS sensitivity. Exponentially growing cac1∆ cells harboring pRS315-CAC1 with the indicated serine-

to-alanine mutations were serially diluted and spotted on SD leu- plates containing 0.005%, 0.01% and 0.02% 

MMS. Spots containing equal number of cells are shown. One of two independent experiments is shown. C. 

Spontaneous mutation rates in CAC1 mutants as measured by canavanine resistance assay. Four independent 

liquid cultures originating from isolated single colonies on agar plates were grown for each strain (shown at the 

bottom) and 10
7 

cells were spread on SD leu- plates containing 60 µg/ml canavanine (Sigma). Plates were 

incubated for three days and Can
R
 colonies were counted and plotted using the “stock” graph by MSExcel©. 
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III.3.3 Flocculation-like phenotypes and expression of FLO genes 

We noticed that the slowly growing S94A-S238A and S238A-S515A (but not the S94A-S515A) 

mutants were forming visible clusters in liquid cultures and were settling faster than the other 

strains (Fig. 4A). When these aggregates were dispersed by vigorous vortexing we observed 

multiple elongated/enlarged cells (Fig. 4B). None of the single serine-to-alanine mutants or other 

double/triple mutants, including S94A-S515A, displayed a similar phenotype.  These traits were 

reproducible upon multiple transformations of two different cac1∆ strains - (cac1::KanMX, 

BY4742 background) and ZGY450 (cac1::LEU2, W303 background). The phenotype is 

Figure III.4. Flocculation in S94A-S238A and S238A-S515A mutants. A. BY4742 and cac1∆ cells expressing 
mutant CAC1 as shown were grown in liquid cultures, the tubes then were rested for 5-10 min and 
photographed. Arrows indicate strains showing flocculation phenotypes B. Pictures of the exponentially 
growing cells at 63 x magnification. C. RNA was isolated from exponentially growing cac1∆ mutants (shown on 
the horizontal axis) and the abundance of FLO1, FLO5, FLO9, FLO10 and FLO11 was measured by qRT-PCR and 
plotted. Two of three independent experiments are shown.  
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reminiscent of flocculation, which is frequently observed in industrial strains but rarely seen in 

laboratory strains such as S288C or W303 [147,149,158].  

Flocculation in budding yeasts is regulated by the FLO genes, which encode carbohydrate-

binding proteins. The FLO proteins mediate cell-to-cell contacts and are expressed upon 

exposure to ethanol and other stressors [147]. The FLO genes contain multiple internal repeats. It 

is known that in industrial yeasts they undergo intergenic recombination events, which contribute 

to length variation and diversified flocculation phenotypes [147,150,160]. To better understand 

the flocculation-like appearance of the S94A-S238A and S238A-S515A mutants, we looked at 

possible length variations and measured the levels of expression of all FLO genes in them.      

The analysis of length variation was performed by my colleague exactly as in [150] and showed 

that all FLO genes maintain the length seen in BY4742 (Appendix 3, Fig. 2). We therefore 

focused on the measurement of the abundance of FLO gene mRNA in the single S94A, S238A 

and S515A and the double S94A-S238A, S238A-S515A and S94A-S515A mutants. Two 

representative experiments are shown in Fig. III.4C. We noticed modest (up to 2-fold) increase 

in the expression of FLO genes in the S238A mutant and much higher (2-10 fold) increase in the 

S94A-S238A and S238A-S515A mutants (Fig. III.4C). While this trend was preserved in three 

independent measurements of all FLO genes, the magnitude of the increase in individual FLO 

genes varied considerably. We have observed similar variations in FLO gene expression in other 

flocculating strains (see Chapter II). We have also seen variations in the extent of flocculation 

between biological replicates of these strains. While we cannot definitively rule out experimental 

variations, we suspect that an oscillating expression of FLO genes and variable cell adhesion 

properties could be an intrinsic feature that provides for multiple aggregation options of the cell 

culture.  

 

Despite the variations in the magnitude of increase, we concluded that de-repression of the FLO 

genes, and not their intragenic recombination, was causing flocculation in the S94A-S238A and 

S238A-S515A mutants. In Chapter II we reached a similar conclusion about the cause of 

flocculation in strains that harbor a deletion of CAC1 in conjunction with deletions of any of 

ASF1, HIR1, RRM3 and HDA1 genes. 

 

III.3.4 Analysis of silencing at Sir2p-regulated loci 

Previous studies have shown that the deletion of CAC1 does not affect the mating efficiency in 

the mutants [172]. Similar assays were performed and showed that none of my CAC1 mutants 

produced detectable loss of mating efficiency (Appendix 2, Fig. 3). The silencing of the mating 

loci was also tested by a recombinant HMR locus, which expresses GFP upon loss of silencing 

[42]. The deletion of CAC1 does not allow the expression of GFP from this position, however a 

double cac1∆asf1∆ deletion does [42,47]. Appendix 3, Figure 4 shows that cac1∆asf1∆ cell 

display GFP signals, but there was no detectable GFP in any of the single and double CAC1 

mutants.  

 

 



 

 

38 
 

 

 

 

 

Figure III.5. Analysis of silencing at Sir2p-regulated loci. A. CAC1 wildtype and mutant plasmids were 
expressed in a cac1∆ strain harbouring the CRASH HML:CRE RFP/GFP reporter cassettes. Colonies were grown 
for 5-7 days and imaged using a Zeiss AxioZoom V16 microscope with ZEN blue software. Representative 
photos are shown for each strain. B. The number of green segments was counted for 4-5 colonies from each 
strain, except for strains with empty vector (pRS315) in which the extent of the green signal made it impossible 
to identify individual segments. Average values are shown with error bars denoting standard error. Statistical 
analysis was performed to identify significant changes from wildtype CAC1, where * indicates a p<0.05 and ** 
indicates p<.005. C.  Sub-telomeric silencing was assessed using a URA3 reporter at the Chr VIIL telomere. 
Colonies were selected for 100% active URA3 by growth on SD-URA, then allowed to grow in non-selective 
media for 2 days. Bars show the average proportion of colonies growing on SD URA- or SD+FOA for 3 individual 
replicates. Error bars show standard error. A significant difference in %FOAR or %URA3+ relative to the wildtype 
is denoted with * (p<0.05).  
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 Next, we used a highly sensitive CRASH assay [157,182] to look for transient de-repression of 

HML. Cells harbouring the HML alpha1∷CRE and LoxPRFPLoxP/GFP CRASH cassettes 

normally express RFP; however transient de-repression of HML will result in expression of CRE 

and subsequent loss of RFP that causes an irreversible switch to GFP expression [182]. In this 

way, even very transient loss-of-silencing events result in the formation of a green segment in an 

otherwise red colony that can be easily observed by fluorescence microscopy. We expressed the 

CAC1 mutants in a cac1Δ strain harbouring these constructs. Figure IV.5A shows representative 

images from each of the tested mutants. Figure IV.5B shows the average number of segments 

observed in 4-5 colonies from each strain, except for the cac1Δ strain with pRS315 in which the 

extent of the GFP expression in the colonies made it impossible to adequately determine the 

number of individual segments. Briefly, we found an average of 6.5 segments in cac1Δ cells that 

were complemented with wildtype CAC1, which is in keeping with what is observed in wildtype 

cells (Fig. IV.5A). There was a small increase in the number of segments observed for the S94A-

S515A, S94A, S515A mutants. The S238A, S94A-S238A and S238A-S515A mutants showed 

approximately 4 times higher (22-26 segments) numbers of segments than that of wildtype CAC1 

(Fig. IV.5B). However, none of these mutants showed de-repression of HML to the extent of 

what was observed in cac1Δ colonies harbouring only the empty pRS315 vector (Fig. III.5A). 

We therefore concluded that Cac1p phosphorylation at S94, S515 and, to a slightly greater extent 

S238, do not substantially contribute to the maintenance of silencing at HML by CAF-I.  

 

We followed up these analyses by assessing the maintenance of sub-telomeric silencing. For 

these analyses, I expressed the CAC1 mutants in a cac1Δ strain with a URA3 reporter adjacent to 

the Chromosome VII-L telomere. Briefly, colonies were selected for initial 100% URA3 

expression by growth on solid media lacking uracil, then allowed to grow with no selection for 

the expression state of URA3 for 2 days. Following this, cultures were serially diluted and 

spotted onto SD-LEU, SD LEU-/URA- and SD +5-FOA. In this system, the formation of 

heterochromatin at Chromosome VII-L telomere results in repression of URA3, allowing cells to 

grow in the presence of FOA. The proportion of colonies on plates containing 5-FOA (%FOAR) 

relative to non-selective media can be used to determine the effects of different mutations on the 

ability to establish and maintain sub-telomeric heterochromatin. We have previously shown that 

none of the single serine-to-alanine mutations on CAC1 cause significant detriments in sub-

telomeric silencing, however deletion of CAC1 results in significant reduction in FOAR in this 

assay [21].  We found no significant changes of silencing in any of the single mutants, or the 

S94A-S238A and S238A-S515A relative to a strain expressing wildtype CAC1. However, there 

was a modest reduction in FOAR in the S94A-S515A mutant, although these effects were not to 

the extent of what was observed in cac1Δ cells harbouring only the pRS315 vector.  

 

We concluded that S94, S238 and S515 phosphorylation do not significantly contribute to the 

maintenance of silencing at HML, and that simultaneous phosphorylation of S94 and S515 may 

contribute to the maintenance of silent chromatin at the sub-telomere. Importantly, these findings 

are in contrast with my observations that the S94A-S238A and S238A-S515A mutants de-

repress the FLO genes and the S94A-S515A mutant showed a small detriment in silencing at the 

sub-telomere that was not observed at HML (Fig. III.3). This suggests that different 

phosphorylation patterns on Cac1p may be used to regulate the maintenance of silent chromatin 
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at individual, specific, loci and is in opposition to traditional models that favour a more universal 

mechanism for the maintenance of silencing by CAF-I.   

 

III.3.5 Flocculation phenotype in a bob1-1cdc7∆cac1∆ strain  

Our lab has previously shown that Cac1-S503 is phosphorylated by recombinant DDK in vitro, 

however were unable to conclude that DDK phosphorylates S238 or S501, despite being a 

putative kinase for these positions [47]. It has been previously established that all of these 

positions are phosphorylated in vivo using mass spectrometry [143,144]. Here we present 

evidence suggesting that the phosphorylation of Cac1p-S238 in conjunction with the 

phosphorylation of Cac1-S94 or Cac1-S515 has a profound effect on the activity of CAF-I. We 

hypothesized that we could reproduce the phenotypes of the S94A-S238A and S238A-S515A 

mutants by single S94A and S515A mutants in a strain lacking DDK. As mentioned, DDK is an 

essential kinase, but a secondary mutation in MCM5 named bob1-1 bypasses the requirement for 

DDK thus allowing genetic experiments in a cdc7∆ background [183]. We mated the bob1-

1cdc7∆ and cac1∆ strains and successfully produced a haploid bob1-1cdc7∆cac1∆ strain. 

Unfortunately, it displayed a strong flocculation phenotype that was not reversed by the 

expression of wildtype CAC1 or any of the CAC1 mutants; additionally, expression of S94A, 

S515A or the S94A-S515A mutants failed to enhance the flocculation phenotype in this strain. 

This inconclusive outcome leaves open the question of whether DDK is indeed the kinase that 

phosphorylates Cac1-S238, or the possibility that multiple kinases are phosphorylating Cac1p at 

this position.  

 

III.4 DISCUSSION 

 

While essential in mammalian cells, CAF-I is dispensable in S. cerevisiae where its destruction 

is known to cause loss of silencing and variegation at the telomeres, transient de-repression of 

the mating type loci and increased sensitivity to DNA damage [21,44,157]. This is a surprisingly 

mild phenotype for a factor with a postulated central role in the reassembly of nucleosomes 

behind the replication forks [57,146]. In this study we show that the presence of dysfunctional 

CAF-I leads to more prominent and severe phenotypes. In particular, we show that mutations at 

the two CDK phosphorylation sites on Cac1p (S94A-S515A) cause severe reduction of growth 

rate, but not sensitivity to DNA damage. The consequences of mutating either one of these sites 

in a combination with a S238A mutation are even more intriguing and interesting. The S94A-

S238A and S238A-S515A mutants also have severe growth defects, but additionally display 

altered morphology, slow progression through S-phase, sensitivity to DNA damage and de-

repression of the FLO genes. Together, these observations suggest that the function of CAF-I 

extends beyond reassembly of nucleosomes at the replication fork and could involve the 

coordination of chromatin re-assembly with DNA replication and the progression through S-

phase of the cell cycle. To our knowledge such a role has not been previously assigned to CAF-I. 

However, cell cycle defects are not unheard of for cells with impaired H3/H4 assembly 

pathways, based on the previous finding that cac1Δasf1Δ mutants are significantly slowed in 

their progression through G2/M following activation of the DNA Damage Checkpoint [171]. 

Based on previous work from our lab [47] and the current study, we propose that this novel role 

of CAF-I in progression through earlier parts of the cell cycle is mediated by the phosphorylation 

of Cac1p by CDK and potentially by DDK. 
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While it is well established that both yeast and mammalian CAF-I are phosphorylated in vivo 

[47,143], it is not clear how these phosphorylation events regulate its activity. Furthermore, it is 

not clear precisely how CAF-I functions at the replication fork. Earlier studies have indicated 

that the majority of “recycled” H3/H4 tetramers are transmitted to the new DNA strands without 

being split [184,185]. Other evidence indicates that Asf1p, which disassembles H3/H4 tetramers 

ahead of the fork, interacts with H3/H4 in a manner that disrupts the interface of the tetramer 

[34] and that two CAF-I complexes interact with each tetramer [46,51]. These findings indicate 

that the tetramers must be split prior to their deposition and that CAF-I may form tetramers of 

H3/H4 at the time of assembly onto DNA.  However, recent evidence points out that un-split 

H3/H4 tetramers can be ferried by the CMG helicase thus providing alternatives in the 

transmission of the old H3/H4 histones [58]. Some researchers have suggested that CAF-I 

assembles only newly synthesized histones while the “recycled” ones are transmitted by different 

means [186]. A recent review has put forward the idea of more than one mode of transmission of 

H3/H4 and alternative mechanisms at elongating or paused replication forks [155]. It is possible 

that phosphorylation of CAF-I could contribute to these alternative mechanisms. For example, it 

has been recently shown that the replicative clamp PCNA and CAF-I are continuously recycled 

during elongation [157]. A failure to disassemble/recycle PCNA and CAF-I leads to transient 

loss of silencing at the mating type loci and to higher retention of CAF-I away from replication 

forks [157]. It is possible that the phosphorylation of CAF-I is involved in these processes. Our 

understanding of the regulation and activities of CAF-I and other chaperones behind the fork 

remains limited, thus multiple scenarios are possible. This conflicting information highlights the 

need to address these questions in the future.  

 

The role of DDK at the advancing replication fork is another open, and very interesting, 

question. It is known that upon arrest of the replication fork DDK phosphorylates the MCM 

helicase and the Fork Protection Complex FPC (Mrc1/Tof1p/Csm3p) [103]. Another study has 

demonstrated that during replication stress DDK phosphorylates Histone H3 at position T45 

[138]. These DDK activities are different from its essential role during the initiation of DNA 

replication [187] and during meiosis [188]. Our lab has previously shown that in vitro Cac1p-

S503 is phosphorylated by DDK and identified two other residues (S501 and S238) as putative 

targets for DDK [47]. In this study we attempted, but failed, to provide in vivo evidence that 

DDK is indeed the kinase for Cac1-S238. Nevertheless, it is tempting to speculate that Cac1p-

S238 is another target of DDK that can be phosphorylated upon replication stress. The apparent 

extension of S-phase and the increased sensitivity of the S94A-S238A and S238A-S515A to 

DNA damage support this hypothesis.  

 

A very intriguing aspect of this study is the gain of flocculation-like phenotypes in the S94A-

S238A and S238A-S515A strains and the loss of repression of the FLO genes in them. 

Flocculation refers to the formation of large cell aggregates and is reminiscent of biofilm 

formation by other microorganisms. Increased expression of FLO11 in S. cerevisiae is required 

for pseudohyphal growth and biofilm formation [85,189]. In industrial yeast strains flocculation 

can be readily activated by starvation, by exposure to ethanol and by other stressors [147,148]. 

On the other hand, S288C and other laboratory strains of S. cerevisiae do not flocculate, most 

likely because of the prolonged passive selection in favor of planktonic growth [147,158]. In 

Chapter 2 we have shown that deletion of CAC1 in conjunction with the deletions of RRM3, 

HDA1, ASF1 or HIR1 lead to apparent flocculation, but also to loss of mating efficiency. Our 
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finding that phosphorylation of CAC1 by DDK may contribute to the regulation of expression 

FLO11 expression is consistent with the previous observation that in C. albicans Cdc7p and 

Dbf4p are required for the repression of filamentous growth, a pathway that requires activation 

of the ASL genes (orthologous to the FLO genes) [190].  In the current study the S94A-S238A 

and S238A-S515A strains did not show de-repression of the mating type loci to a level where 

loss of mating can be detected. The addition of S94A or S515A also did not enhance the modest 

defects in silencing at the HML locus caused by mutation at S238, as determined by the highly 

sensitive CRASH assay (Fig. III.5A,B). Importantly, the effects of all tested CAC1 mutations on 

HML silencing were nowhere near to the extent of the transient de-repression observed in cac1∆ 

cells (Fig. III.5A) [157]. I conclude that the loss of silencing at the mating type and FLO loci is 

different in the S94A-S238A and S238A-S515A strains as compared to the double deletion 

cac1∆rrm3∆, cac1∆asf1∆, cac1Δhir1Δ, cac1∆hda1∆ and asf1∆rrm3∆.  

 

Another very important finding is that the S94A-S515A, but not the S238A-S515A or S94A-

S238A mutants, has a modest effect on silencing at the sub-telomere (Fig. III.5C). None of these 

mutants had a substantial effect on silencing at HML. These findings strongly suggest that 

specific phosphorylation patterns on Cac1p may be used to regulate maintenance of silencing by 

CAF-I at specific loci. This is in opposition to current models, which favour the idea of a 

universal mechanism for the maintenance of silencing at all loci. Our findings indicate that the 

maintenance of silent chromatin at DNA replication is significantly more complex than we had 

previously understood and may involve a co-ordinated cross-talk between multiple cyclin-

dependent kinases. This complexity is not revealed by the destruction of CAF-I alone, 

highlighting the need for further studies of CAF-I phosphorylation. Further investigation of these 

phenotypes would provide valuable details on the function of CAF-I and on the coordination 

between DNA replication, chromatin re-assembly and progression through the cell cycle.   

 

III.5 MATERIALS AND METHODS 

 

III.5.1 Yeast strains, growth conditions and site directed mutagenesis 

Strains used in this study are listed in Appendix 1, Table 2. All experiments were performed with 

a cac1∆ (MATa cac1::KanMX his3Δ1 leu2Δ0 lys2Δ0 ura3Δ0) and an isogenic BY4741 strains 

obtained from NECC. ZGY450 (MATa cac1::LEU2 hmr::GFP) and ZGY450 (MATa 

cac1::LEU2 asf1::KanMX6 hmr::GFP) strains were used for the analysis of the expression of 

GFP from a recombinant HMR and were a gift from Dr. Z. Zhang [40]. For the CRASH assay, 

mutants were expressed in JRY803 (kindly donated by J. Rine), as described below. All strains 

were routinely grown at 30°C in SC and SD drop-out media, as appropriate. Growth rates of all 

cultures were measured in ThermoScientific Multiskan G0 instrument. 

 

All mutations were introduced by site-directed mutagenesis in the pRS315-CAC1 plasmid, which 

harbors a 2.1 kb fragment containing the CAC1 promoter and the open reading frame c-

terminally fused to three FLAG epitopes [47]. All mutations have been confirmed by DNA 

sequencing.  

 

Flocculation-like phenotypes were determined by visual observation of sedimentation and 

clustering of cells in liquid cultures and confirmed by light microscopy. 
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III.5.2 Plasmid stability assay 

BY4742 or isogenic cac1∆ cells harboring the pRS315-CAC1 plasmid with the mutations shown 

on the horizontal axis were selected in SC-leu medium, then transferred to non-selective SC 

medium and grown for 20 generations. The cell suspensions were serially diluted and spotted on 

SD Leu- and SC to measure the proportion of cells that have maintained the plasmid. 

Calculations of loss per generation were as in [176]. 

 

III.5.3 CRASH assay  

The CRASH assay was performed as in Dodson and Rine (2015) [157]. Briefly, cac1∆ cells with 

a CRE expression cassette in HML mating type locus and an RFP/GFP switch reporter 

harbouring CAC1 wildtype or mutant plasmids were grown on SD Leu- agar plates containing 

300μg/mL hygromycin to select for the initial 100% RFP positive state. A single colony from 

this plate was grown overnight in SD Leu- liquid medium, then serially diluted and plated on SD 

Leu-/Ade-/Trp- solid medium containing 1% agar such that fewer than 100 colonies were on 

each plate. Colonies were imaged after 5-7 days growth using a Zeiss AxioZoom V16 

microscope equipped with a 1X objective lens at 3X continuous magnification using a 

Hamamatsu Camera and Zen software. The number of de-repression events for each mutant was 

quantified by counting the number of green segments for 4-5 individual colonies from each 

strain, apart from cac1Δ harbouring the empty pRS315 vector, where the extent of the GFP 

signal made accurate counts impossible. Graphs and statistical analyses were produced using 

Microsoft Excel® ; error bars show standard deviation, as determined using Excel®.  

  

III.5.4 Analysis of sub-telomeric silencing 

CAC1 plasmids were expressed in a cac1Δ strain with a URA3 reporter integrated at the 

Chromosome VII-L telomere, as described previously [21]. Three colonies from each strain were 

selected for initial 100% URA3 expression by growth on SD Leu-/Ura-. Colonies were grown in 

liquid SD Leu- for 2 days to allow for switches in the state of chromatin at URA3. Cultures were 

serially diluted and spotted onto SD Leu-, SD Leu-/Ura- and SD Leu-/+ 1mg/mL 5-FOA then 

allowed to grow for 5 days. The %FOAR and %URA3+ colonies were calculated as a ratio of the 

number of colonies growing in the presence of FOA, or absence of Ura, relative to the number of 

colonies on SD Leu-, respectively. Graphs and statistics were completed using MS Excel®. Bars 

show the average of three independent biological replicates from a representative experiment. 

Error bars show standard deviation. 

 

III.5.4 Analysis of FLO gene length variation  

DNA was isolated from saturated cultures and analysed by PCR with primers flanking FLO1, 

FLO5, FLO9, FLO10 and FLO11 as in [151]. Control reactions used primers binding interior to 

the yeast ACT1 gene. Primer sequences and the coordinates in the S. cerevisiae genome are listed 

in Appendix 1.  

  

III.5.5 Methyl Methanesulfonate (MMS) sensitivity assay  

Exponential cultures were serially diluted, and 5μl were spotted onto on SD LEU- plates 

containing 0.005%, 0.01% and 0.02% MMS (Sigma). Plates were incubated for 3-6 days and 

photographed with a digital camera. 
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III.5.6 Canavanine resistance assays  

Assays were conducted by serially diluting liquid cultures in a 96 well plate. Four wells 

containing isolated single colonies were chosen for each strain; colonies (about 107 cells) were 

suspended into 200 μl liquid medium and spread onto SD Arg- plates containing 60 µg/ml 

canavanine (Sigma-Aldrich). The plates were incubated for three days and the number of CanR 

colonies were counted and plotted using “stock” graph by MSExcel©.  

 

III.5.7 Flow cytometry  

Analysis was performed using FC500 flow cytometer (Beckman-Coulter) with MXP software. 

Exponentially replicating cells were fixed with 70% ethanol and stained using propidium iodide 

as described previously [47]. Analysis was performed using FCS Express 6 Plus software. 

 

III.5.8 RT-qPCR 

Cells were grown to OD600=0.8 and total RNA was isolated with TRIzolTM solution according to 

manufacturer’s directions, except that samples were vortexed for 5 minutes (30 seconds on, 30 

seconds off) in the presence of equal volume of glass beads and precipitated with Ethanol. Total 

RNA concentration and purity was determined by ThermoScientific NanoDrop 8000. cDNA 

synthesis was performed using Applied Biosystems High-capacity cDNA Reverse Transcription 

Kit, according to manufacturer’s instructions. Quantitative PCR was carried out using Applied 

Biosystems StepOneTM Plus thermocycler and PowerUpTM SYBR® Green 2X Master Mix. 

6.25ng of cDNA was added to each reaction. Relative expression values were determined using 

the ΔΔCq method, wherein the average Cq for each FLO gene was normalised to Cq values 

obtained from ACT1 primers. These ΔCq values were then normalised to ΔCq obtained for cells 

expressing wildtype CAC1, and fold expression was calculated as 2-ΔΔCq and shown as a bar 

graph using Microsoft Excel®. Primer sequences are listed in Appendix 1 Table 2; primer 

efficiencies were between 95-110%. 
 

 III.5.9 Co-Immunoprecipitation 

Co-immunoprecipitation experiments were performed as in Jeffery et al., (2015), except that 

immunoprecipitation was performed using Rat anti-DYKDDDDK antibody from SinoBiological 

and eluted with purified FLAG peptide (SinoBiological). Quantification was performed using 

ImageJ. The signal from each measurement was normalised to a background measurement taken 

immediately adjacent to the band on the same blot. Cac1p and PCNA bands were from the same 

blot, cut in half and probed in parallel with anti-FLAG or anti-PCNA antibodies, respectively. To 

control for differences in the efficiency of elution, the PCNA data was normalised to the quantity 

of Cac1p. The numbers for the wildtype CAC1 were set to 1 and the data from each mutant was 

expressed relative to the wildtype value and plotted in MS Excel®. Bars show the average of 2-3 

biological replicates. Error bars show standard deviation.  Primer sequences are listed in 

Appendix 1 Table 2; primer efficiencies were between 95-110%.                               
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CHAPTER IV: DISCUSSION 
 

IV.1 SUMMARY OF MAJOR FINDINGS 

 

CAF-I, Asf1p and other histone chaperones are heavily implicated in the maintenance of silent 

chromatin in eukaryotic cells. More recently, my lab has shown that CAF-I is required for the 

mechanism of naturally occurring epigenetic conversions at the sub-telomeres [21]; interestingly, 

the Rrm3p helicase was also identified in these experiments [19]. The sub-telomeres, rDNA loci 

and silent mating cassettes are all well characterised Sir2p-regulated loci [2]. Traditionally, 

studies of the establishment and maintenance of silencing have been conducted at these 

positions. The FLO genes are positioned approximately 20-40kb from the telomeres, and are 

normally heavily repressed in laboratory yeasts [85,86]. They are regulated by Tup1p/Cyc8p 

repressor complex which recruits Hda1p and RPD3L HDACs [87,191]. , silencing at these loci is 

independent of Sir2p. In this thesis, I show that histone chaperones, Rrm3p and phosphorylation 

of CAF-I contribute to the maintenance of repressive chromatin at the FLO genes (Chapter II 

Fig.1,2). Specifically, asf1Δcac1Δ, asf1Δrrm3Δ, cac1Δrrm3Δ and cac1Δhir1Δ mutants show 

flocculation phenotypes that correlate with increased expression of the FLO genes as observed 

by RT-qPCR and fluorescence microscopy experiments using a GFP reporter integrated at 

FLO11 (Chapter II Fig, 1,2,6). Additionally, chromatin immunoprecipitation experiments 

indicate that the FLO1 promoter is hyperacetylated in these mutants (Chapter II Fig. 3). 

However, no significant changes in acetylation were observed at the FLO11 promoter, most 

likely due to naturally occurring variegation of FLO11 (Chapter II Fig. 3). While single 

mutations in CAC1, ASF1, HIR1 or RRM3 do not cause a significant de-repression of the FLO 

genes, flocculation phenotypes can be observed when these strains are challenged with growth in 

the presence of nicotinamide, a potent inhibitor of HDACs or growth in nitrogen-limiting 

conditions (Chapter II, Fig. 2, 5). In support of this, mutation of HDA1 in combination with 

CAC1 or ASF1 induces flocculation phenotypes (Chapter II Fig. 4). 

 

Previous work from my lab has shown that Cac1p is phosphorylated at serines 94 and 515 by 

CDK; S503 is phosphorylated in vitro by DDK and S238 and S501 have been identified as 

phosphorylated residues that are putative targets of DDK based on known kinase consensus 

sequences [47]. Serine-to-alanine mutations at any one of these sites have no effect on silencing 

or variegation at the sub-telomeres. However, S94A or S515A mutations result in reduced 

association of Cac1p with chromatin [47]. To further investigate the effects of phosphorylation 

of CAF-I, I systematically mutated CAC1 at two or more of these phosphorylated residues 

(Appendix 3 Table 1). Three of these (S94A-S238A, S94A-S515A and S238A-S515A) mutants 

had dominant negative phenotypes, showing a significantly slowed growth rate that is not 

observed in cac1Δ mutants Surprisingly, the S94A-S238A and S238A-S515A mutants also 

reconstitute flocculation phenotypes; this phenotype correlates with increased expression of the 

FLO genes, and sensitivity to DNA damage (Chapter III Fig. 3,4). Importantly, unlike cac1Δ 

mutants, significant silencing defects were not observed at the HML locus or at the sub-telomeres 

in the presence of either of these two Cac1p mutants (Chapter III Fig. 5). However, the S94A-

S515A mutant showed reduced silencing at the sub-telomere, but not at HML or any of the FLO 

genes (Chapter III Fig. 3.5). 
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IV.2 RECOMMENDATIONS FOR FUTURE RESEARCH  

 

The FLO genes encode lectin-like cell-to-cell adhesins that are required for biofilm formation, 

pseudohyphal growth and adhesion to substrates. Laboratory strains of yeast do not normally 

show flocculation phenotypes, most likely due to long-term passive selection for planktonic 

growth. Interestingly, none of the FLO genes (or their associated promoters) have inactivating 

mutations in laboratory strains, but the FLO1, FLO5, FLO9 and FLO10 members of the FLO 

gene family are heavily repressed by heterochromatin. An additional mutation in FLO8, a 

transcription factor that activates FLO gene expression in the Ras/cAMP/PKA pathway, also 

contributes to reduced FLO gene expression in laboratory strains [88]. Together, these 

observations indicate that both genetic and epigenetic evolution have resulted in loss of the 

expression of FLO genes in laboratory yeasts.  

 

Sub-telomeric genes are subject to natural, but infrequent, conversions between the active and 

silent chromatin states. The sub-telomeres are also sites of tight protein binding that are barriers 

to replication fork progression and result in pausing of the replisome. Similar epigenetic 

conversions are also observed at the rDNA repeats, at which programmed replication fork 

pausing events prevent collision of the transcription and replication machinery.  I hypothesize 

that the pausing of replication forks pre-disposes adjacent loci to epigenetic changes, due to 

modulations in CAF-I-based assembly of nucleosomes. To date, no naturally occurring 

fluctuations in the state of chromatin have been observed at any of FLO1, FLO5, FLO9 or 

FLO10; however, FLO11 undergoes position- and promoter-dependent variegation. Like FLO11, 

the promoters of the other FLO genes contain sites for tight binding of the Tup1p/Cyc8p 

repressor complex [87,192,193]. Tightly bound proteins are known impediments to replication 

fork progression, making it very likely that pausing of the replisome occurs at these positions. 

The FLO genes are also Polymerase II transcribed genes, which have been identified as sites of 

replication fork pausing and Rrm3p enrichment [119]. In addition, the highly repetitive nature of 

the sequence of the FLO genes [86] is likely to slow progression of the replisome. Taken 

together, this data points to the FLO genes and their promoters as sites of replication pausing and 

stalling. Here, I show that, like other loci associated with pausing/stalling of the replication fork, 

Asf1p, CAF-I, HIR and Rrm3p all contribute to the mechanism that promotes the maintenance of 

silent chromatin at the FLO genes.  

 

The Yankulov lab has previously developed an assay to quantify the frequency of epigenetic 

conversions at the sub-telomere [21]. This assay uses a URA3 reporter, integrated adjacent to the 

Chromosome VII-L telomere. It has been empirically determined that when grown under non-

selective conditions, wildtype cells will reach an equilibrium in which 30% of cells have silent 

and 70% active state after approximately 1-2 days growth [21]. Despite the variegation observed 

at FLO11 [88], and having similar Tup1/Cyc8p binding in their promoters [92], to date no 

studies have investigated the frequency of variegation (if any) at any of the other FLO genes. 

Because of intensive selection for silent chromatin at the FLO genes, it is possible that 

variegation would not be detected in laboratory yeast strains. However, the use of URA3 or GFP-

based reporter system in wildtype yeasts may reveal that fluctuations in the state of chromatin 

occur at the FLO1, FLO5, FLO9 and FLO10 genes. The “CRASH” assay is a highly sensitive 

system developed by Dodson and Rine (2015) [182] that uses a CRE reporter at the HML locus 
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to identify transient changes in the state of chromatin by irreversible changes from the expression 

of RFP to GFP. Modification of this system may reveal that transient changes in the state of 

chromatin are occurring at the silent FLO genes as well and would allow for more intensive 

analyses of the effects of mutations in individual histone chaperones, chromatin modifying 

enzymes, and other factors in the maintenance of heterochromatin at these genes. 

 

Unlike the other FLO genes, FLO11 does undergo position-dependent and promoter-dependent 

variegation [88]. Assays with a GFP reporter placed at FLO11, conducted by my colleague, 

showed a significant increase in GFP expression in a cac1Δrrm3Δ mutant; modest increases in 

expression were also observed in cac1Δ or rrm3Δ mutants alone. Importantly, the mutation of 

CAC1 or RRM3 results not just in loss of silencing but in a loss of variegation at the sub-

telomeres [19,21]. More extensive studies using this GFP reporter should be conducted to further 

characterise the mechanism by which CAF-I, other histone chaperones, and Rrm3p, regulate the 

maintenance of heterochromatin at the FLO genes and if they contribute to the mechanism of 

epigenetic conversions at FLO11 as well.  

 

In characterising the role of CDK and DDK in regulation of CAF-I, I identified two CAC1 

mutants that reconstitute flocculation phenotypes. S94A-S238A and S238A-S515A are unique 

amongst the mutants evaluated in this thesis in that they have mutations in both CDK (S94 or 

S515) and DDK (S238) sites. The flocculation phenotypes observed in these strains are 

consistent with increased FLO gene expression, as assessed by RT-qPCR. However, silencing 

defects at the HML locus are very modest with respect to what is observed in cac1Δ mutants. 

This finding is surprising given that cac1Δ mutants show genome-wide loss of silencing 

phenotypes [32,45,194] and suggests that phosphorylation of CAF-I is a mechanism for the 

regulation of silencing in a locus-specific manner. Importantly, I have limited my analyses of 

CAF-I phosphorylation to the five serine residues my lab has previously characterised on Cac1p; 

in addition to the five serines evaluated in this thesis, a number of other phosphorylation sites 

have been annotated on Cac1p, many of them attributed to CDK phosphorylation [143,144,195]. 

It is possible that CDK phosphorylation at other positions contributes the regulation of the FLO 

genes as well, or that studies of these additional phosphorylated residues (possibly in 

combination with S238 or other DDK sites) will reveal more loci at which the state of chromatin 

is regulated by differential phosphorylation patterns on CAF-I.  

 

Serine 238 is situated adjacent to the PIP domain that facilitates interaction of CAF-I with PCNA 

[47]. As such, it seems likely that phosphorylation of S238 regulates association of CAF-I with 

PCNA, and in turn with the replication fork. We have previously shown that this mutant has a 

reduced association with PCNA using a yeast-two hybrid system, albeit to a small extent [47]. 

The amino acid sequence at this position matches the consensus sequence for DDK. However, 

my lab has been unable to confirm that DDK phosphorylates S238 by in vitro or in vivo 

techniques. It is also possible that the effects we have observed are related to structural changes 

in Cac1p induced by our serine-to-alanine mutations; unfortunately, all of the phosphorylated 

residues lie in a disordered region of Cac1p that it has not been possible to solve the crystal 

structure for [46,50], making it difficult to accurately predict any effects of the S23A or other 

mutations on Cac1p structure. However, the inability of the single S94A, S515A or S94A-S515A 

mutants to enhance flocculation phenotypes observed in the cac1Δ cdc7Δ bob1-1 strain point to 

the possibility that DDK does not phosphorylate S238, or that multiple kinases phosphorylate 
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this position. In keeping with this idea, NetPhos 3.1 [196], a software that predicts protein 

phosphorylation based on known kinase consensus sequences, predicts that PKA also 

phosphorylates Cac1p at S238 (data not shown). Mass spectrometry analysis of Cac1p 

phosphorylation in the cdc7Δ bob1-1 background may provide more information about whether 

Cac1p is phosphorylated by another kinase at S238.  

 

The reason for the significant slowed growth in the S94A-S515A mutant remains elusive. Unlike 

cac1Δ mutants, this mutant shows no sensitivity to DNA damage; it also has minimal defects in 

silencing at the mating type loci. This mutant showed a small reduction in sub-telomeric 

silencing; however, this was not to the extent of silencing defects in cac1Δ mutants and therefore 

cannot explain the severe effects on growth rate I have observed. It is well established that the 

maintenance of silencing by CAF-I requires its PCNA-based association with the replication fork 

[27] and co-immunoprecipitation experiments indicate that the S94A-S515A mutant is not 

significantly impaired in its association with PCNA in vivo. Therefore, these phenotypes in the 

S94A-S515A are likely to be independent of the role of CAF-I in DNA replication. Previous 

studies have determined that CAF-I and Asf1p contribute to passage of the DNA damage 

response checkpoint in G2/M. Upon induction of a double strand break, cac1Δasf1Δ mutants are 

severely slowed in progression through G2/M, with minimal defects observed in asf1Δ or cac1Δ 

mutants alone [32]. Cell cycle analysis of the S94A-S515A mutant shows a higher proportion of 

cells in G2/M relative to the wildtype, which is consistent with the observations in these studies. 

Therefore, it is possible that CDK phosphorylation of CAF-I at these positions contributes to the 

regulation of CAF-I in DNA damage repair pathways. However, significantly more work is 

required to characterise the molecular basis of the growth defects observed in this mutant. As 

previously discussed, the S94A and S515A mutations result in de-repression of the FLO genes 

when combined with a mutation at S238A. Interestingly, my analyses of the cell cycle 

distribution of these mutants reveals very different phenotypes, with the S94A-S238A and 

S238A-S515A mutants showing significant proportion of cells in G1, whereas the S94A-S515A 

mutant shows a modest skew towards G2/M arrest. These paradoxical effects would likely result 

in extreme growth defects in a S94A-S238A-S515A mutant, due to slowed progression through 

multiple stages of the cell cycle.  

 

IV.2.1 A new model for the role of Rrm3p in epigenetic conversions 

The initial objective of this research was to characterise the relationship between CAF-I and 

Rrm3p at a paused replication fork. However, in the process of generating mutant strains for the 

genetic characterisation of the CAF-I – Rrm3p interaction, I discovered that RRM3 interacts 

genetically with ASF1 as well. This is based on the observation that both cac1Δrrm3Δ and 

asf1Δrrm3Δ strains reconstitute flocculation phenotypes. This finding suggests that the effects on 

TPE observed in RRM3 mutants are not specifically related to a PCNA-based interaction of 

CAF-I and Rrm3p behind the replication fork. Instead, it is possible that the genetic relationship 

between RRM3 and CAC1 is epistatic, and that Rrm3p contributes to the mechanism of 

epigenetic conversions by affecting the transfer of “recycled” histones from Asf1p to CAF-I. To 

remove tightly bound proteins ahead of the replication fork, Rrm3p must translocate past the 

CMG helicase (with which Asf1p and FACT associate); the mechanism by which this occurs is 

unknown. This leaves the possibility that Rrm3p may disrupt the association of Asf1p and FACT 

with the CMG helicase at a paused fork (Fig. V.1A). In the model I presented in Chapter I, I 

have proposed that at a paused replication fork CAF-I is assembling only new synthesized 
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H3/H4 behind the fork, due to obstruction of the disassembly of pre-existing nucleosomes by 

Asf1p and FACT (Fig. I.5; reproduced as Fig. V.1A). In the updated model I am proposing, there 

would be a transient loss of bound histone chaperones ahead of the replication fork, such that 

there is a period of time between the resumption of replication and dissociation of Rrm3p, and 

the reassociation of Asf1p and FACT with CMG (Fig. 1B). This would prolong the period in 

which “recycled” H3/H4 are not being transferred behind the replication fork for assembly by 

CAF-I. The outcome of these effects would be the continued assembly of nucleosomes 

containing only newly synthesized histones, after the resumption of replication (Fig. 1B). This 

would result in a longer stretch of assembled nucleosomes that have not retained the epigenetic 

marks from the “recycled” H3/H4 and increase the probability of an epigenetic conversion.  

 

When replication forks pause for any reason, there is an influx of repair factors which are 

recruited to relieve the pause. While programmed replication pauses can be beneficial in some 

cases, the fact remains that the pausing of a replication fork, if not relieved, can have disastrous 

effects. The continuous pausing of a replication fork can result fork collapse, defined as the 

complete disassembly of the replisome [57]. The outcomes of this are significant, and can range 

from gross deletion or duplication of large chromosomal regions, to loss of entire chromosomes 

or to cell death due to the inability to complete replication [105,197]. Preventing errors such as 

these would be particularly important in higher eukaryotes, given that many more genes in these 

organisms are essential and mutations can lead to aggressive diseases such as cancers that 

compromise the health and survival of the entire organism. The model I am proposing suggests 

that the association of repair factors is favoured over those involved in nucleosome disassembly 

to prevent loss of genetic material when replication forks pause. This idea implies that gross 

rearrangements of the core replisome are promoted, at the possible expense of maintenance of 

the pre-existing chromatin state. By nature of the fact that they convert between the active and 

silent state, the sub-telomeres, and other loci associated with both conversions of the epigenetic 

state and replication fork pausing, generally do not contain essential genes. This means that 

inactivation of these genes is easily tolerated. Additionally, the activated expression of genes in 

these positions has been linked to the ability of single-celled organisms to adapt to their external 

environment [68,73,198]. The plasticity of chromatin marks and multiplicity of chromatin 

remodelling factors means that post-replicative changes in the epigenetic state could also 

compensate for the inactivation of a specific gene. On the other hand, gross changes in DNA 

sequence are significantly more difficult, and at times impossible, to repair and can result in 

permanent loss of genes [197].   
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Figure IV.1. Model for the mechanism of epigenetic conversions at a paused replication fork. A.  Histone 
chaperones FACT and Asf1p, which associate with the CMG replicative helicase, disassemble H2A/H2B and 
H3/H4, respectively, as dimers from ahead of the replication fork. These “recycled” histones are transferred 
behind the fork where they are assembled into new nucleosomes. FACT and Asf1p also bring newly synthesized 
histones to the replication fork. CAF-I associates with PCNA behind the replication fork and accepts both 
“recycled” and newly synthesized H3/H4 from Asf1p, in a process mediated by Rtt106p, and assembles them 
onto the DNA strands. FACT then assembles two dimers of H2A/H2B. The “recycled” histones in each 
nucleosome are used as templates by histone modifying enzymes, which confer the same modifications to the 
newly synthesized histones. B-C. New model for the role of Rrm3p in epigenetic conversions. B. At a paused 
replication fork, nucleosome disassembly is interrupted due to the presence of a protein barrier. CAF-I accepts 
and assembles only newly synthesized H3/H4 into the new nucleosomes. Rrm3p associates with PCNA and es 
to the front of the replication fork to remove the protein barrier, resulting in dissociation of Asf1p and FACT 
from the replicative helicase. C. After removal of the tightly bound protein, Rrm3p dissociates from the DNA in 
front of the replication fork. replication resumes, however Asf1p and FACT do not immediately re-associate 
with CMG. This results in a longer tract of assembled nucleosomes containing only newly synthesized H3/H4, 
increasing the probability of an epigenetic conversion. In all figures, arrows denote direction of movement of 
histones, or Rrm3p (purple). 
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The clearance of any type of lesion that is causing the replisome to pause would necessitate 

association of factors ahead of the fork. Both programmed and incidental replication fork 

pausing is conserved across eukaryotes. While Rrm3p itself seems to be unique to S. cerevisiae, 

it is highly related to the conserved Pif1 helicases, which unwind G-quadruplex structures, and 

R-loops that form in the wake of transcription [199–201]. G-quadruplex formation represents an 

additional cause of replication fork pausing at the sub-telomeres that is conserved across 

eukaryotes [121,202]. The highly similar helicase FANCJ works at replication forks paused by 

G-quadruplexes in metazoans, and has been linked to epigenetic instability in chicken embryos 

[203]. Presumably the association of any helicase with a paused replication fork would 

necessitate the rearrangement or dissociation of pre-existing factors, such as Asf1p and FACT, to 

some respect. This could be due to the necessity of translocation ahead of the fork, as is the case 

for Rrm3p, or perhaps due to direct association ahead of the replication fork facilitated by the 

CMG helicase, cyclin-dependent kinases and/or components of the FPC. This leaves open the 

possibility that similar effects on the association of FACT and Asf1p occur at replication forks 

stalled in other eukaryotes, or by other types of replication barriers, as well. In this way, 

modulation of FACT and Asf1p association with the replication fork in favour of repair helicases 

could represent a universal mechanism for the promotion of epigenetic conversions that spans 

many different mechanisms of replication fork pausing and is conserved across eukaryotes.  

 

If my proposed model is correct, ChIP-sequencing experiments may show a reduced occupancy 

of Asf1p and FACT at sites of replication fork pausing. More transient dissociations may be 

revealed by over-expression of proteins such as Fob1p (a factor that tightly binds DNA to 

facilitate programmed replication pausing at the rDNA repeats [122]) to exacerbate pausing at 

these positions. The addition of Rrm3p or other repair helicases to an in vitro chromatin 

assembly system may challenge the association of Asf1p and FACT, but not CAF-I with DNA 

and in vitro assays may reveal that repair helicases compete with Asf1p and FACT for 

association with CMG. While it is understood that Rrm3p is present at a paused replication fork, 

no kinases have been identified that regulate its helicase activities. DDK has been implicated in 

the phosphorylation of components of the FPC and Histone H3T45 [103,138] at a paused 

replication fork; in addition, some studies indicate that Cdc7p contributes to the maintenance of 

silencing [47,204]. It therefore seems likely that DDK phosphorylates other factors, including 

Rrm3p, at a paused replication fork as well. DDK, or another kinase, may indirectly contribute to 

the mechanism of epigenetic conversions by regulating the translocation of Rrm3p to the front of 

the replication fork. If this is the case, studies of Rrm3p regulation could reveal phosphorylated 

residues that are required for removal of proteins ahead of the replication fork and epigenetic 

conversions, but not necessarily association with PCNA. Expression of RRM3 with serine-to-

glutamate mutations, which mimic constitutive phosphorylation, at these positions would be 

expected to reduce association of Asf1p and FACT with chromatin, the replication fork and with 

CMG.  

 

IV.3 SIGNIFICANCE 

 

Post-translational modifications to histones are a critical mechanism for the regulation of gene 

expression in eukaryotic cells. These PTMs are heritable through multiple cellular divisions, 

resulting in maintenance of the pre-determined state through many generations of cells.  

Importantly, these post-translational modifications are also plastic, allowing for programmed 
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gene expression changes that are required for many cellular processes, and for the response of 

single celled organisms to changes in the extracellular environment.  

 

In metazoans, global changes to the state of chromatin are required for cellular differentiation. 

Histone chaperones have been heavily implicated in these gene expression changes [52–54]. In 

fact, CAF-I is essential in metazoans, and knockdown of hCAF-I results in reversion of 

embryonic stem cells to a 2-cell like state [205]. Gross changes in the epigenetic state also 

facilitate the formation of cancerous cells [7,206]. However, studies of these processes in 

metazoans are often complicated by the fact that many epigenetic factors are essential. For this 

reason, yeast cells, which can exist as haploids and are viable in the absence of many of these 

factors can be readily used as model for the study of histone chaperones and the epigenetic state. 

Due to the highly conserved nature of epigenetic factors and processes, studies in yeast are likely 

to be applicable to other eukaryotic cells as well. 

 

A network of cyclin-dependent kinases regulate transitions through different phases of the cell 

cycle, DNA replication and repair, chromosome segregation and many more essential processes 

[104,145,207–210]. Therefore, our understanding of cyclin-dependent kinases during all aspects 

of the cell cycle is critical. The CDK and DDK kinases are regulate the initiation of DNA 

replication at the start of S phase and additional factors throughout S phase and other parts of the 

cell cycle [104,138,209,211]. In this thesis, I have shown that cross-talk between the CDK, and 

an additional kinase (possibly DDK) via phosphorylation of CAF-I allows for the precise 

regulation of the state of chromatin at different loci. This finding indicates that cell cycle 

regulation of histone chaperones is far more complex than we had previously understood and 

highlights the need to further our understanding of how nucleosome assembly/disassembly 

pathways are regulated. It seems likely that regulation of CAF-I by multiple kinases contributes 

to the mechanism that allows changes in the expression of specific genes in response to the 

extracellular environment. If this mechanism is conserved, CAF-I phosphorylation-driven 

heterochromatin formation at specific subsets of genes could contribute to the determination of 

cell-fate during cellular differentiation in metazoans as well.  

 

The expression of the FLO genes in laboratory yeasts is regulated in part by an inactivating 

mutation in FLO8, and in part by the establishment of repressive chromatin at the FLO adhesin 

genes [86,88,153]. Epigenetic modifications are heritable through multiple cellular generations, 

and, like DNA sequence changes, directly affect the expression of genes. Therefore, it stands to 

reason that, under pressure for the selection of specific traits, changes in either the sequence of 

DNA or the state of chromatin at a specific gene would facilitate establishment of the desired 

phenotype. Laboratory yeast strains have undergone heavy selection for specific traits, such as 

planktonic growth, that facilitate the ease of laboratory manipulations. Here, I show that histone 

chaperones contribute to the maintenance of repressive chromatin at the FLO genes. This strong 

maintenance of heterochromatin at the FLO genes, facilitated by components of nucleosome 

disassembly/assembly pathways, represents the first direct evidence that evolutionary changes in 

gene expression can also be driven by selective pressure for the state of chromatin. It also 

implies that the basis for evolutionary changes in gene expression may extend beyond changes in 

DNA sequence at other loci as well.  
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APPENDIX 1 

 

Strains and primers used in this thesis 

 

Table 1. Strains used in Chapter II 

Strain Genotype Reference 

BY4742 MATα his3Δ1 leu2Δ0 lys2Δ0 ura3Δ0  Open Biosystems 

BY4742 

flo11::GFP 
MATα his3Δ1 leu2Δ0 lys2Δ0 ura3Δ0  flo11::GFP 

This study 

W303-1a 
MATa leu2-3,112 trp1-1 can1-100 ura3-1 ade2-1 

his3-11,15 
NA 

W303-1b 
MATα leu2-3,112 trp1-1 can1-100 ura3-1 ade2-1 

his3-11,15 
NA 

W303 

flo11::GFP W303 MATa flo11::KanMX This study 

asf1∆ BY4742 asf1::KanMX Open Biosystems 

asf1∆ 

flo11::GFP 
W303 MATa asf1::HIS3 flo11::GFP 

This study 

asf1∆cac1∆  

hmr::GFP 
W303 MATa cac1::LEU2 

asf1::KanMX6 hmr::GFP 
Huang et al., 2005 [42] 

asf1∆hda1∆ MATa his3Δ1 leu2Δ0 ura3Δ0 asf1::HIS3 

hda1::KanMX This study 

asf1∆hst1∆ MATa his3Δ1 leu2Δ0 ura3Δ0 asf1::HIS3 

hst1::KanMX This study 

asf1∆rrm3∆ 
MATα his3Δ1 leu2Δ0 lys2Δ0 ura3Δ0 

rrm3∆::KanMX asf1∆::HIS3 
Wyse et al., 2016 [19] 

cac1∆ BY4742 cac1::KanMX  Open Biosystems 

W303 cac1∆ W303 cac1::KanMX This study 

cac1∆ 

flo11::GFP 
W303 MATa URA3-VIIL cac1::LEU2  

flo11::GFP This study 

cac1∆ 

hmr::GFP W303 MATa cac1::LEU2 hmr::GFP 
Huang et al., 2005 [42] 

cac1∆hda1∆ MATα his3Δ1 leu2Δ0 ura3Δ0 cac1::LEU2 

hda1::KanMX This study 

cac1∆rrm3∆ 
MATa ade2-1 his3-11,15 leu2-3, 112 trp1-1 ura3-

1 can1-100 cac1∆::LEU2 rrm3∆::TRP1 
Wyse et al., 2016 [19] 

cac1∆rrm3∆ 

flo11::GFP 
W303 MATa cac1::LEU2 rrm3::TRP1 

flo11::KanMX This study 
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cac1∆rrm3∆ 

hmr::GFP 
W303 MATa cac1::LEU2 

rrm3::KanMX6 hmr::GFP 
Huang et al., 2005 [42] 

cac1∆rtt106∆  

hmr::GFP W303 MATα rtt106::kan cac1::leu2 URA3-VIIL 
Huang et al., 2005 [42] 

cac1Δsas2Δ  
his3Δ1 leu2Δ0 lys2Δ0 ura3Δ0 cac1∷LEU2 

sas2∷KanMX  
Wyse et al., 2016 [19] 

cac1Δtof1Δ  
MATα his3Δ1 leu2Δ0 lys2Δ0 ura3Δ0 cac1∷LEU2 

tof1∷KanMX 
Wyse et al., 2016 [19] 

English 1 wildtype brewing yeast Gallone et al., 2016 

[212] 

gcn5∆ BY4742 gcn5::KanMX Open Biosystems 

hda1∆ BY4742 hda1::KanMX GE Dharmacon 

hERL3  
MATa lys2∆202 leu2∆1 ura3-52::hphMX4 

ada4::URA3-yEGFP-TELVIIL 

McLaughlan et al., 

2012 [213] 

hir1∆ BY4742 hir1::KanMX Open Biosystems 

hir1∆hda1∆ MATα his3Δ1 leu2Δ0 ura3Δ0 hir1::HIS3 

hda1::KanMX This study 

hir1∆rrm3∆ 
MATα his3Δ1 leu2Δ0 ura3Δ0 rrm3∆::KanMX 

hir1∆::HIS3 
Wyse et al., 2016 [19] 

Hornindal 1 wildtype brewing yeast Preiss et al., 2016 [159] 

Hornindal 2 wildtype brewing yeast Preiss et al., 2016 [159] 

hst1∆ BY4742 hst1::KanMX GE Dharmacon 

JLY030 MATα W303 cac1::LEU2 
Linger and Tyler, 2005 

[214] 

LPY11 
MATa sir2::HIS3 leu2-3,112 trp1-1 can1-100 

ura3-1 ade2-1 his3-11,15 

Koch and Pillus, 2009 

[215] 

orc5-1 orc5-1:KanMX  Gift from J. Rine 

pif1::KanMX BY4742 pif1::KanMX Open Biosystems 

PIY125  
MATα lys2∆202 leu2∆1 his3∆200 ura3-

52::URA3-yEGFP 
Loney et al., 2009 [216] 

PKY117 
MATa hir1::HIS3 URA3-VIIL 

Kaufman et al., 1998 

[217] 

PKY950 
MATa ade2-1 ura3-1 his3-11,15 trp1-1 leu2-

3,112 URA3- VIIL cac1∷LEU2 asf1∷HIS3 

Krawitz et al., 2002 

[49] 

PKY969 MATa  leu2-3,112 trp1-1 can1-100 ura3-1 ade2-

1 his3-11,15 cac1::hisG hir1::HIS3 URA3-VIIL  

Sharp et al., 2001 [172] 

rif1::KanMX BY4742 rif1::KanMX Open Biosystems 

ROY1246 MATα W303 asf1::HIS5+ Tyler et al., 1999 [25] 
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rpd3Δ   
MATa his3Δ1 leu2Δ0 lys2Δ0 ura3Δ0 

rpd3::KanMX 
This study 

rrm3::HIS3 
YPH499 ∆rrm3:HIS3 URA3-VIIL-tel 

Gift from A. Ivessa 

rrm3::TRP1 ∆rrm3:TRP1 YPH499 (Mata, ura3-52, lys2-801, 

ade2-101, rpl-∆63,his3∆200, leu2∆1 
Gift from A. Ivessa 

rrm3∆ BY4742 pif1::KanMX Open Biosystems 

rrm3∆ 

flo11::GFP rrm3::HIS3 flo11::KanMX This study 

rrm3∆hda1∆ MATα his3Δ1 leu2Δ0 ura3Δ0 rrm3::HIS3 

hda1::KanMX This study 

rrm3Δtof1Δ   
MATα  his3Δ1 leu2Δ0 ura3Δ0 rrm3∷HIS3 

tof1∷KanMX 
Wyse et al., 2016 [19] 

rtt106∆ BY4742 rtt106::KanMX Open Biosystems 

rtt109::LEU2 
MATα, ura3-52, his3∆ leu2-3-112, trp1-289, 

YLL002W::leu2 
Open Biosystems 

sas2Δ  BY4742 pif1::KanMX Open Biosystems 

tof1∆ BY4742 tof1::KanMX Open Biosystems 

wildtype 

hmr::GFP  
W303 MATa cac1::LEU2 hmr::GFP + pRS313-

CAC1-FLAG 
This study 

yng1∆ BY4742 yng1::KanMX Open Biosystems 

 

Table 2. Strains used in Chapter III 

Strain Genotype Reference 

asf1∆cac1∆  

hmr::GFP W303 MATa cac1::LEU2 asf1::KanMX6 hmr::GFP 

Huang et al., 

2005 [42] 

cac1∆ BY4742 cac1::KanMX  
Open 

Biosystems 

cac1∆ 

hmr::GFP W303 MATa cac1::LEU2 hmr::GFP 

Huang et al., 

2005 [42] 

bob1-

1cdc7Δcac1 

Δ 

W303 RAD+, Mata, bob1-1, ∆bar1::HisG, ∆Cdc7::Cg his3 

cac1::KanMX 

Gift from H. 

Masai 

JRY790 
 lys2∆ hmlα2∆::CRE 

ura3∆::pGPD:loxP:yEmRFP;tCYC1:hygMX:loxP:yEGFP:tA

DH1 

Janke et al., 

2018 [157] 

JRY803 lys2∆ hmlα2∆::CRE 

ura3∆::pGPD:loxP:yEmRFP:tCYC1:hygMX:loxP:yEGFP:tA

DH1 cac1∆::URA3K. lactis 

Janke et al., 

2018 
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      Table 3. Primers used in this thesis 
Primer 

Set F sequence R sequence Application Reference 

FLO1 

promoter TGTGGAACCTTCTACAGTACTTCGG TTTGAGTGCCTTTCAACAATTTCAGACTT ChIP 

Church et al., 

2017 [92] 

FLO11 

promoter 
GGGATTCAAGGCATCATCGC TCGAACACGGACATTCCTCA 

ChIP This study 

ACT1 CTCCACCACTGCTGAAAGAGAA 
CCAAGGCGACGTAACATAGTTTT 

ChIP, RT-

qPCR 

Smukalla et 

al., 2008 [151] 

FLO1 

gene ACTGTCACTGGAACCAATGGC  CCTGAAGATGATGATGACAAACTGG RT-qPCR This study 

FLO5 

gene  GTGAGGGTTTGATTACTACAACTACCG TGCTGATTAGACCTTCACTGG RT-qPCR This study 

FLO1 

(and 

FLO9) 

genes TCCAACCAGTGAAGGTTTGGTT AGCTGGTGATTTGTCCTGAAGA RT-qPCR This study 

FLO10 

gene TGACCGGCCTATTTTTGCTATC CTGCATCAGCATAACCATAGGCCAT RT-qPCR This study 

FLO11 

gene GGCACATGGACCAGCAAAATAT GTGTGGCATAAACTTCAAAAGTGGC RT-qPCR This study 

FLO1 

complete ATCGCTATATGTTTTTGGCAGTCTTTA 
TTAAATAATTGCCAGCAATAAGGACG length 

variation 

Verstrepen et 

al., 2005 [218] 

FLO5 

complete GCACACCACTGCATATTTTTGGTAA 
TTAAATAATTGCCAGCAATAAGGACG length 

variation 

Verstrepen et 

al., 2005[218] 

FLO9 

complete TTATTGTTTACTACTAGCCATCGTCACA 
TTAAATAATTGCCAGCAATAAGGACG length 

variation 

Verstrepen et 

al., 2005 [218] 

FLO10 

complete CTGAATATAGCGCTTCCCAGGTT GGCAATGAAAATACTAATACCACTATTGGTT 

length 

variation 

Verstrepen et 

al., 2005 [218] 

FLO11 

complete CACTTTTGAAGTTTATGCCACACAAG 
TTAGAATACAACTGGAAGAGCGAGTAGC length 

variation 

Verstrepen et 

al., 2005 [218] 
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APPENDIX 2 

 
Figure 1. Analysis of growth. A. Growth rate analysis. Cells were serially diluted and grown in 96-well plates at 
30⁰C. Optical density measurements were taken using Multiscan G0 (ThermoFisher). B. Analysis of cell cycle 
distribution. Exponentially replicating cells were fixed with ethanol, and DNA was quantified by staining with 
propidium iodide followed by flow cytometry. Analysis was performed using FlowJoTM 10. 

Figure 2. Analysis of FLO gene length 
variation. Genomic DNA was isolated 
from saturated liquid cultures and 
amplified by PCR with primers flanking 
the FLO1, FLO5, FLO9, FLO10 and FLO11 
genes. The PCR fragments were analysed 
on 1% agarose gels. Primer sequences are 
listed in Appendix 1 Table 3. 



 

 

72 
 

 

Figure 4. Measurement of spontaneous 
mutation rates. A. three to four 
independent liquid cultures originating 
from isolated single colonies on agar 
plates were grown for each strain (shown 

at the bottom) and 10
7 

cells were spread 
on YPD plates containing 60 µg/ml 
canavanine (Sigma). Plates were 

incubated for three days and Can
R
 

colonies were counted and plotted using 
the “stock” graph by MSExcel©. B. Counts 

of Can
R
 colonies. 

Figure 3. Assay for sensitivity to 
DNA damage. Exponentially 
replicating cultures were serially 
diluted and plated on YPD, or 
YPD containing 0.005%, 0.01% 
or 0.02%, as indicated. Plates 
were incubated at 30⁰C for 3-5 
days and then photographed. A 
bold-typed strain name 
indicates that the strain is 
flocculant.  
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Figure 5. Mating efficiency of flocculating 
mutants. Exponentially replicating cultures 
were mixed with wildtype cells of the 
opposite mating type, allowed to mate for 3 
hours. Mating efficiency was calculated as a 
proportion of diploid colonies (based on 
ability to grow on appropriate selective 
media), relative to the number of colonies 
on YPD. Average values for 3 replicates are 
shown. Error bars show standard error. 
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APPENDIX 3 

 

  
 

 

 

Figure 1. Analysis of Cac1p mutant stability by 
cycloheximide-chase. Exponential cultures were 
incubated for 0, 1, 2.5 and 5 hours in the presence 
of 5µg/mL cycloheximide. Samples were taken at 
indicated times and analysed by Western 
immunoblotting. 
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Figure 2. Analysis of FLO gene length variation. Genomic DNA was isolated from saturated liquid cultures of 
the strain expressing the indicated CAC1 mutants and amplified by PCR with primers flanking the FLO1, FLO5, 
FLO9, FLO10 and FLO11 genes. The PCR fragments were analysed on 1% agarose gels. Primer sequences and 
coordinates of the amplified fragments are listed in Appendix 1 Table 3. 
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Figure 3. Mating efficiency. cac1∆ (MATα) cells 
harboring pRS315-CAC1 plasmids shown along 
the horizontal axis were serially diluted in 96-

well trays, mixed with 10
5
 BY4742 (MATa 

met15Δ0) cells and incubated for 4 hours. Cells 
were spotted on SC-leu and SC-leu-met plates 
and incubated for 3 days. Mating efficiency was 
calculated as the number of leu+ colonies 
divided by the number of leu+met+ colonies and 
plotted. The average value of three independent 
measurements are shown. 

Figure 4. Expression of GFP from HMR. Pictures of cac1∆asf1∆ (ZGY450) and cac1∆ (ZGY450) cells carrying 
pRS315-CAC1 with the indicated CAC1 were taken with a Leica DM 6000B microscope with bright field or the 

469 nm filter and processed with Volocity
TM

 software.  
Details: cac1∆asf1∆ (ZGY450) and cac1∆ (ZGY450) carry a GFP expression cassette inserted in the HMR locus. 
GFP is not expressed in wildtype cells or cac1∆ cells. The strains and the expression of GFP are described in 
(Huang et al. 2005 [42]; Jeffery et al. 2013 [21]). 
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Table 1. CAC1 mutations analysed in Chapter III 

Mutated Serine(s) (to Alanine) Kinase(s) 

S94 CDK 

S238 DDK (putative) 

S501 DDK (putative) 

S503 DDK 

S515 CDK 

21S94, S238 CDK, DDK (putative) 

S94, S515 CDK 

S238, S501 DDK (putative) 

S238, S503 DDK (putative) 

S238, S501, S503 DDK (putative) 

S501, S503 DDK (putative) 

S238, S515 DDK (putative), CDK 

 

 

 

 


