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ABSTRACT 

Scratching the surface: Diversity among the first sequenced extrachromosomal 
genomes of parasites in the suborder Adeleorina (Apicomplexa)  

with a focus on Hepatozoon species. 

Alexandre Nikolai Léveillé  
University of Guelph, 2019 

Advisor: Dr. John Robert Barta 

The Apicomplexa are a large protozoan phylum of obligate parasites that infect a wide 

range of invertebrate and vertebrate hosts. Within the Apicomplexa, the suborder Adeleorina is 

composed of some of the least understood and most biologically diverse parasites in the phylum. 

The occurrence of a biological process called syzygy characteristically unifies the members of 

the Adeleorina within the order Eucoccidiorida. The breadth and diversity represented by this 

group pose challenges for taxonomic classification. Investigations into the biodiversity of the 

Adeleorina, specifically its most biologically diverse genus Hepatozoon, were advanced in this 

study by generating and analyzing DNA sequences from all three genomes, nuclear, apicoplast 

and mitochondrial, typically found in apicomplexan protists. To accomplish this objective, new 

molecular tools and methods were developed. Strongly conserved regions of adeleorinid 

mitochondrial genomes were identified and these largely invariant regions were exploited to 

generate polymerase chain reaction (PCR) primers that assisted in the amplification and 

subsequent sequencing of a wide range of adeleorinid mitochondrial genomes. Additionally, a 

novel approach for ‘data mining’ parasite sequences in mixed-DNA high throughput sequence 

data was investigated. This method assisted in sequencing understudied targets, such as the 

apicoplast genome, that otherwise would have been challenging to amplify using traditional PCR 

techniques. The data reported in this thesis were the first complete extrachromosomal genome 

sequences to be reported from members of the suborder Adeleorina; in total, 48 newly generated 

sequences from 12 adeleorinid taxa were reported: 19 (11 complete and 8 partial) mitochondrial 



genome sequences, 8 (2 complete and 6 partial) apicoplast genome sequences and 21 

(1 complete and 20 partial) nuclear ribosomal RNA gene unit sequences. These novel data were 

compared with publically available data from closely and more distantly related apicomplexan 

parasites. Data generated in the course of this thesis have approximately doubled the number of 

known apicomplexan mitochondrial genome configurations, including the longest apicomplexan 

mitochondrial genome to be sequenced to date. This thesis provides much needed baseline 

sequence data, including associated methodologies and molecular tools, to support future 

molecular investigations on the extrachromosomal genomes and the evolution of the biologically 

diverse members of the suborder Adeleorina. 
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1. Introduction 
Biodiversity around the world is in a state of decline. This is an unfortunate truth that 

brings up the importance of conservation, changes in policies, and the need to document and 

understand as much as possible about the natural world (Naeem et al., 2009). Although most are 

small and often inconspicuous, parasitic organisms are highly diverse and can be found 

ubiquitously all over the world. The study of parasites is biologically important but also offers 

additional facets for understanding the biodiversity of other organisms. This is because many 

parasites co-evolve with their hosts and often rely on their hosts’ diet and predator-prey 

relationships to complete their lifecycles. Thus the study of parasite biology could provide 

insights on ecosystems, food webs and evolution on both small and large scales.  

The Apicomplexa are a highly diverse group of protozoan parasites. The breadth of 

known apicomplexan taxa is still being uncovered but it is possible that there are apicomplexan 

species that infect organisms from every phylum of the biological kingdom Animalia (Perkins et 

al., 2000). Apicomplexan organisms from certain groups such as some of the haemosporinids 

(i.e. the malarial parasites, e.g. Plasmodium spp.) and certain coccidia (e.g. Eimeria spp., 

Toxoplasma gondii) have been heavily scrutinized, however most taxa remain understudied. The 

suborder Adeleorina is likely the most biologically diverse and yet one of the least studied 

groups of apicomplexan parasites. Furthermore, several members of the Adeleorina infect 

wildlife with many adeleorinid coccidia found in herptiles (amphibia and reptiles). Dwindling 

numbers of herptiles around the world have researchers focused on finding the cause for their 

decline (McCallum, 2007; Gibbons et al., 2007). Providing a better understanding of the 

parasites that infect these organisms may provide additional knowledge towards understanding 

the cause of this crisis.  

In this thesis, investigations into the biodiversity of the Adeleorina, specifically its most 

biologically diverse genus Hepatozoon, were advanced by generating and analyzing a large 

number of novel DNA sequences from multiple genetic loci. All three genomes typically found 

in apicomplexan protists (nuclear, apicoplast and mitochondrial) were sampled from several 

adeleorinid taxa during the course of this work.  
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In Chapter 2, the literature was reviewed to define the current knowledge of the diversity 

of the members of the Adeleorina and the molecular data that were available from this group 

compared to other apicomplexan groups. Gaps of knowledge identified by this review were used 

to define the research objectives and hypotheses pursued in this study. In Chapter 3, the first 

complete adeleorinid mitochondrial genome sequence was reported from Hepatozoon 

catesbianae. In Chapter 4, lifecycle details and molecular data from a biologically unique 

adeleorinid, Klossiella equi, were used to investigate its relationship to other members of the 

Adeleorina. In Chapter 5, a high-throughput next-generation sequencing approach was used to 

generate multiple nuclear and extrachromosomal sequences, including the first complete 

adeleorinid apicoplast genome sequence, from Hepatozoon canis, a parasite of veterinary 

importance. In Chapter 6, multi-locus sequences uncovered 2 genotypically distinct sympatric 

Hepatozoon species from infections that corresponded with the description of Hepatozoon 

griseisciuri, a parasite believed to be closely related to the type species of the genus Hepatozoon. 

In Chapter 7, multi-locus sequences helped reinforce the differentiation of 2 sympatric 

Hepatozoon spp., H. catesbianae and H. clamatae, infecting ranid frogs and uncovered a third 

previously unidentified Hepatozoon species. In Chapter 8, the research objectives and 

hypotheses of this study were analyzed and tested using the data reported in Chapters 3 to 7 

with the addition of data reported briefly in Appendices 5 and 6. In Chapter 9, general 

conclusions and suggestions for future research were briefly discussed. Additional studies not 

pertaining to the scope of this thesis were included in Appendices 7 to 11. 

Importantly, the data reported in this thesis were the first complete extrachromosomal 

genome sequences to be reported from members of the suborder Adeleorina; in total, 48 newly 

generated sequences from 12 adeleorinid taxa were reported: 19 (11 complete and 8 partial) 

mitochondrial genome sequences, 8 (2 complete and 6 partial) apicoplast genome sequences and 

21 (1 complete and 20 partial) nuclear ribosomal RNA gene unit sequences. These novel data 

were compared with publically available data from closely and more distantly related 

apicomplexan parasites. During the execution of the experimental work described herein, new 

molecular tools and methods were developed. Strongly conserved regions of adeleorinid 

mitochondrial genomes were identified and these regions were exploited to generate universal-

targeting polymerase chain reaction (PCR) primers that assisted in the amplification and 

subsequent sequencing of adeleorinid mitochondrial genomes of bewildering diversity. 
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Additionally, a novel approach for ‘data mining’ parasite sequences in mixed-DNA high 

throughput sequencing data was investigated. Critically, this thesis provides much needed 

baseline sequence data, including associated methodologies and molecular tools, to support 

future molecular investigations on the extrachromosomal genomes and the evolution of the 

biologically diverse members of the suborder Adeleorina. 
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2. Review of the literature 

2.1 Phylum Apicomplexa Levine, 1970 

2.1.1 History 

The Apicomplexa Levine, 1970 are a 

large protozoan phylum of obligate parasites 

that are found in a wide range of invertebrate 

and vertebrate hosts (Levine, 1970, 1988; 

Perkins et al., 2000). The phylum 

Apicomplexa was named in an attempt to 

provide a more descriptive name for the 

previously named Sporozoa Leukart, 1879 

(Levine, 1970). All known members of the 

Apicomplexa are parasitic and several are 

recognized as significant disease agents 

causing malaria (e.g. Plasmodium spp.), piroplasmosis (e.g. Babesia spp.) and coccidiosis (e.g. 

Toxoplasma gondii and Eimeria spp.) (Levine, 1970, 1988; Perkins et al., 2000). The first 

reported apicomplexan parasite was the rabbit coccidium Eimeria stiedai, observed by Antony 

van Leeuwenhoek in 1674, but it would be another ~200 years before Lindemann (1865) 

provided a formal description (reviewed in Levine, 1988). It was not until the etiological agent of 

human malaria (now Plasmodium spp.) was identified by Charles Louis Alphonse Laveran 

(1880) that protozoa, and specifically the Apicomplexa, were recognized as being capable of 

causing serious disease (Levine, 1988; Perkins et al., 2000). Apicomplexan parasites were 

suddenly recognized with more importance and rapidly became the most intensely studied group 

of protozoa (Perkins et al., 2000). 

2.1.2 Classification and Structure 

The classification of apicomplexan parasites remained only loosely defined until 

techniques were developed to permit subcellular structures to be observed. Organisms of this 

group were grouped together only after the invention of the electron microscope, which provided 

sufficient resolution to view a group of structures called the ‘apical complex’, from which the 

 
Figure 2.1: Basic lifecycle of apicomplexan parasites. 
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phylum’s name is derived. The apical complex is a network of sub-cellular organelles present in 

all apicomplexan parasites and is centrally involved in association with host cell membranes, 

invasion into target cells, and establishment of a parasitophorous vacuole within infected cells 

that is suitable for growth and replication of the parasite (reviewed in Perkins et al., 2000).  

2.1.3 Basic apicomplexan lifecycle  

All apicomplexan lifecycles, regardless of differences in stages formed, involve the same 

basic replicative and developmental cycles: gametogony, sporogony and merogony (See Figure 

2.1). Some parasites have monoxenous lifecycles and rely on a single metazoan host to complete 

their lifecycle, whereas others have heteroxenous lifecycles that require interaction with 2 or 

more metazoan hosts to complete all 3 developmental cycles. It is exclusively within the 

definitive host that sexual reproduction occurs. Macrogamonts (female) and microgamonts 

(male) undergo gametogony to produce macrogametes and microgametes that fuse to form a 

zygote. The zygote is the only diploid stage, the first division that occurs after its formation is 

meiotic and all other stages of the lifecycle are haploid (reviewed in Perkins et al., 2000). The 

zygote will develop into an oocyst, which is typically robust and thick-walled allowing it to be 

shed into the external environment and survive there for some time. By the process of 

sporogony, oocysts will form sporozoites that are often contained within sporocysts. Sporogony 

can occur in the definitive host but typically occurs in the external environment. Sporulated 

oocysts are infective to intermediate hosts (or to definitive hosts in monoxenous lifecycles) and 

enter the host by ingestion. In the case of heteroxenous blood parasites such as piroplasms, 

haemosporinids, haemogregarines (see Section 2.1.4), infective stages (either sporozoites or 

merozoites) are transmitted directly from the haematophagous definitive host to the intermediate 

host, utilizing various modes of transmission. Sporozoites, or in some cases merozoites, will then 

invade cells of a target tissue and begin a process of asexual replication (schizogony) where the 

parasite nucleus of the parasite is replicated multiple times followed by fission; this process is 

called merogony. A merogonic cycle produces many merozoites, often contained within a 

meront, that leave the original host cells and invade new cells. These merozoites will either 

undergo further rounds of merogony or differentiate into gamonts. In heteroxenous lifecycles, 

either the meront or gamont are infective to the definitive hosts and are transmitted when it 

consumes infected cells within the intermediate host (reviewed in Perkins et al., 2000).  
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2.1.4 Taxonomy  

Levine (1988) reviewed of the progress in taxonomy of the Apicomplexa, and this is still 

the most recent comprehensive review of the phylum. As of 1987, the phylum contained 4516 

named species and 339 genera (Levine, 1988). There have since been many more species 

described and there are likely many more that have yet to be identified. This has and will 

continue to become more feasible with the progression of more advanced molecular sequencing 

technologies (Levine, 1988; Perkins et al., 2000). For the purpose of simplicity, the majority of 

apicomplexan organisms can be classified in 7 major groups (sensu lato): the gregarines (e.g. 

Gregarina spp., Monocystis spp.), the cryptosporids (Cryptosporidium spp.), the adeleorinids 

(e.g. Hepatozoon spp., Adelina spp.), the piroplasms (e.g. Theileria spp., Babesia spp.), the 

haemosporinids (e.g. Plasmodium spp., Haemoproteus spp.), the sarcocystids (‘tissue coccidia’; 

e.g. Sarcocystis spp., Toxoplasma gondii) and the eimeriids (plus related groups; ‘gut coccidia’; 

e.g. Eimeria spp., Isospora spp. Lankesterella spp.,) (see Figure 2.2). It is important to note that 

these groups do not entirely reflect the current recognized taxonomy of the Apicomplexa and 

some are of different taxonomic rankings. These major groups (sensu lato) are based on 

molecular phylogenetic analyses reported by Carreno et al. (1999) and Barta et al. (2012). Of 

these groups, the biology and diversity of some have been more heavily scrutinized than the 

others (i.e. haemosporinids, sarcocystids and eimeriids) because they infect humans and 

economically important animals. However, the Adeleorina continue to be one of the least studied 

of the apicomplexan groups, despite a wide range of identified hosts with many species infecting 

wildlife throughout the world (see Table 2.1).   
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Figure 2.2: Major apicomplexan groups with breakdown of the suborder Adeleorina.  
Left: Phylogenetic tree (not to scale) depicting hypothesized branching order of the 7 major apicomplexan groups 
(sensu lato) based on the molecular phylogenetic results of Carreno et al. (1999), Barta and Thompson (2006) and 
Barta et al. (2012). Right: The 7 families of the Adeleorina separated by heteroxenous and monoxenous lifecycles.  

 
2.2 Suborder Adeleorina Léger and Duboscq 1910 

The Adeleorina is a suborder composed of some of the least understood and most biologically 

diverse parasites in the Apicomplexa. The breadth and diversity represented by this group pose 

challenges in taxonomic classifications (reviewed in Barta, 2000). The occurrence a biological 

process called syzygy characteristically unifies the members of the Adeleorina within the order 

Eucoccidiorida Léger & Duboscq, 1910. Syzygy is the association of microgamonts and 

macrogamonts prior to gametogony. The gamonts then initiate gametogony to form 

microgametes and macrogametes within the same host cell. This leads to fertilization, oocyst 

formation and subsequent sporogony. It can be surmised that this process makes fertilization 

more efficient, with fewer, often non-motile, microgametes being sufficient. In the case of 

heteroxenous parasites with non-synchronized lifecycles, syzygy ensures that microgamonts and 
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macrogamonts are both present and at the same stage of development, which would increase 

success of fertilization. Adeleorinid microgamonts typically produce one to four microgametes 

during gametogony (reviewed in Barta, 2000). This is in contrast to the lifecycle of eimeriid 

coccidia, where hundreds of motile microgametes are produced and must seek out non-motile 

macrogametes located within other nearby cells (Upton, 2000). In addition, some members of the 

Adeleorina have lifecycles that involve two forms of merogony in the intermediate host. Primary 

merogony forms type I meronts that produce large merozoites destined to undergo further rounds 

of merogonic development. This is followed by secondary merogony that forms type II meronts 

that produce smaller merozoites that are interpreted to be the progenitors of gamonts. (Barta, 

1991, 2000; Siddall and Desser, 1991). 

The Adeleorina are organized into 7 named families including parasites with homoxenous and 

heteroxenous lifecycles (Levine, 1977; Barta, 2000; see Figure 2.2, Table 2.1). The majority of 

the identified taxa have heteroxenous lifecycles and many are commonly referred to as 

‘haemogregarines’ because they form long fusiform ‘gregarine-like’ gamonts (and sometimes 

meronts) within the blood cells of various vertebrate hosts (see Figure 2.3). The morphological-

ambiguity of these haemogregarine gamonts has caused many of these parasites to be incorrectly 

identified and classified over time. In order to understand the diversity of the Adeleorina and the 

challenges associated with these parasites, the biology of each family will be discussed in detail. 

Table 2.1: Families of the Adeleorina 

Family Included genera a Definitive hosts a Intermediate hosts a 

Hepatozoidae Hepatozoon Mites, ticks, dipteran 
insects 

Amphibians, reptiles, 
mammals, birds 

Karyolysidae Karyolysus, Hemolivia Mites, ticks Amphibians and reptiles 

Haemogregarinidae Haemogregarina, Desseria, Cyrilia Leeches Amphibians, reptiles, fish 

Dactylosomatidae Babesiosoma, Dactylosoma Leeches Amphibians, fish,  
(possibly) reptiles 

Adeleidae 
Adelea, Adelina, Klossia,  

Orcheobius, Chagasella, Ithania,  
Rasajeyna, Ganapatiella 

Various arthropods, 
molluscs None 

Legerellidae Legerella Various invertebrates None 
Klossiellidae Klossiella Mammals None 

a Summarized from the information to follow. 
 



 

 9 

 
Figure 2.3: Micrographs of gamont stages from sampled haemogregarine-type adeleorinids. 
The intraerythrocytic (or intraleukocytic [*]) gamonts of sampled Hepatozoon spp. and other adeleorinids. 
Scale bar = 10 µm. Gad Baneth provided the original micrograph of H. canis and John R. Barta provided the 
original micrograph of B. stableri. The source materials used to generate all other micrographs are detailed 
in Table 2.3. 

2.2.1 Family Hepatozoidae Wenyon, 1926 

The family Hepatozoidae lacks defined biological characteristics. The group is made up 

of a single genus, Hepatozoon, composed of an assortment of species that are so biologically 

diverse that many hypothesize that it is paraphyletic (Ball and Oda, 1971; Siddall, 1995; Smith 

and Desser, 1997; Barta et al., 2012; Karadjian et al., 2015). Like other haemogregarines, the 

majority of Hepatozoon spp. have been described based on the appearance of 

haemogregarine-type gamonts in the blood of their vertebrate intermediate hosts (Smith, 1996; 

reviewed in Barta, 2000). The need to subdivide the genus Hepatozoon has been proposed 

previously (see Smith and Desser, 1997). Karadjian et al. (2015) initiated taxonomic revisions 

based on a combined analysis of the biology of multiple haemogregarines and a large-scale 

phylogenetic analysis of adeleorinid 18S rDNA sequences. As a result, Karadjian et al. (2015) 

described a new genus, Bartazoon, to hold all species within the “Haemogregarines Type 4” 

clade in their phylogenetic tree. However, Maia et al. (2016) argued that this wide of a 
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reassignment of Hepatozoon spp. was problematic and premature given the current availability 

of molecular data for the haemogregarines.1 

Genus Hepatozoon Miller, 1908 

Hepatozoon spp. are heteroxenous apicomplexan parasites that use a wide range of 

vertebrates as intermediate hosts, including amphibians, reptiles, mammals and some birds 

(Smith, 1996; Baneth et al, 2003). There is no biologically unique characteristic that is currently 

associated with Hepatozoon species (Smith, 1996). However, the genus is generally 

characterized by the formation of large, thick-walled, polysporocystic oocysts found within the 

tissues of blood-feeding invertebrate definitive hosts (i.e. dipteran insects, mites, and ticks) that 

are transmitted to a vertebrate intermediate host through ingestion of the definitive host (Smith 

1996; Barta, 2000). Although leeches, fleas and sucking lice have been reported to be associated 

with Hepatozoon spp., none have been confirmed to act as definitive hosts (Smith, 1996). The 

type species, Hepatozoon muris (Balfour, 1906) Wenyon, 1926 (syn Leucocytozoon muris 

Balfour, 1906; Hepatozoon perniciosum Miller, 1908), infects the leukocytes of the laboratory 

rat intermediate hosts, Rattus norvegicus domesticus Berkenhout, 1769, and utilizes the mite host 

Laelaps (Echinolaelaps) echidnina Berlese, 1887 as definitive host (Miller, 1908). Another well-

described example, Hepatozoon catesbianae (Stebbins, 1904) Desser et al., 1995, undergoes 

sexual replication in the digestive tract of the culicine mosquito definitive host, Culex territans 

Walker, 1856. Consumption of a mosquito containing mature, infective oocysts allows for 

transmission to various ranid frog intermediate hosts (e.g. Rana (Aquarana) catesbeiana Shaw, 

1802 and Rana (Aquarana) clamitans Latreille, 1801) (Desser et al., 1995).  

 Lifecycle of Hepatozoon catesbianae Stebbins, 1904 

A blood-feeding C. territans mosquito ingests erythrocytes containing gamonts from an 

infected ranid frog host (e.g. R. catesbeiana). Gamonts are released into the gut and migrate to 

the Malpighian tubules. Microgamonts and macrogamonts enter Malpighian tubule cells and 

associate in syzygy in a shared parasitophorous vacuole. After gametogenesis, two biflagellated 

microgametes are released, one of which will fertilize the now mature macrogamete. The 

resulting zygote forms a large spherical oocyst that matures to contain numerous sporocysts, 

                                                
1 This issue will be briefly revisited in the discussion section of Chapter 6. The use of the genus name 
“Hepatozoon” will be maintained for all Hepatozoidae taxa referenced throughout this review. 
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each containing 4 sporozoites. Sporozoites are only transmitted to a frog when it ingests an 

infected mosquito containing sporulated oocysts. Once ingested, sporozoites are released from 

the oocyst into the gut, attain the circulation and ultimately enter parenchymal cells of the liver 

where they undergo merogony. Merozoites released from meronts in the liver enter the 

bloodstream and invade erythrocytes. Merozoites then develop into gamonts and remain dormant 

until ingested by a feeding mosquito (Desser et al., 1995).  

2.2.2 Family Karyolysidae Wenyon, 1926 

The family Karyolysidae is composed of two genera: Karyolysus spp. and Hemolivia spp. 

These parasites infect the erythrocytes and other cells of amphibian and reptilian intermediate 

hosts. Syzygy, gametogony, sporogony and primary merogony occur in parasitic acarine 

definitive hosts (i.e. mites and ticks). Like with the Hepatozoon spp., these parasites are 

transmitted to an intermediate host by way of ingestion of an infected definitive host. Unlike 

Hepatozoon spp., instead forming dormant polysporocystic oocysts, these parasites release 

motile sporozoites (called sporokinetes) that migrate in the tissues of the definitive host and 

initiate primary merogony. The resulting merozoites are infective to intermediate hosts. Because 

they share acarine definitive hosts and have similar biology to Babesia spp. and Theileria spp., it 

has been proposed that Karyolysus spp. and Hemolivia spp. could be sister taxa to the piroplasms 

(reviewed in Barta, 2000).  

Genus Karyolysus Labbé, 1894 

Karyolysus spp. undergo merogony within the endothelial cells of lizard intermediate 

hosts followed by formation of typical haemogregarine-type gamonts within circulating 

erythrocytes. Blood-feeding mites are the definitive hosts. The type species, Karyolysus lacertae 

(Danilewsky, 1886) Reichenow, 1913, infects the wall lizard, Podarcis (syn Lacerta) muralis 

Laurenti, 1768, as the intermediate host and female Ophionyssus saurarum Oudemans, 1901 

mites as definitive hosts (Svahn 1975; Barta, 2000; Hassl, 2012; Haklová-Kočíková et al., 2014; 

Karadjian et al., 2015).  
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 Lifecycle of Karyolysus lacertae Reichenow, 1913 

Karyolysus lacertae undergoes merogony in the endothelial cells of the lizard, P. muralis, 

resulting in small merozoites that enter erythrocytes and develop into gamonts. Female O. 

saurarum mites feed on the lizard and ingest gamonts that become freed in the gut epithelium, 

where syzygy, gametogony, fertilization and sporogony occur. Resulting sporozoites 

(sporokinetes) migrate to developing mite ova and invade the mite larvae. Merogony within the 

larvae form meronts, containing 20 to 30 merozoites, which are infective to lizards when they 

ingest the infected larval mites (Svahn, 1975; Barta, 2000; Hassl, 2012, Haklová-Kočíková et al., 

2014). 

Genus Hemolivia Petit, Landau, Baccam and Lainson, 1990 

Hemolivia spp. are similar to Karyolysus spp., but differ with the formation of distinctly 

large, star-shaped oocysts that form in the intestinal epithelium of a tick definitive host (Petit et 

al., 1990; Barta, 2000; Boulard et al., 2001). Intermediate hosts have been identified as 

amphibians and reptiles (Karadjian et al., 2015). The type species, Hemolivia stellata Petit, 

Landau, Baccam and Lainson, 1990, infects the marine toad, Rhinella marina (syn Bufo 

marinus) Linnaeus, 1758, as intermediate host and the tick, Amblyomma rotondatum Koch, 

1844, as the definitive host (Petit et al., 1990; Barta, 2000; Boulard et al., 2001). 

 Lifecycle of Hemolivia stellata Petit, Landau, Baccam and Lainson, 1990 

Hemolivia stellata undergoes merogony in the endothelial cells of R. marina resulting in 

small merozoites that enter erythrocytes and develop into gamonts. Gamonts circulating in 

erythrocytes are ingested by A. rotondatum and invade the intestinal epithelium to initiate 

syzygy. Gametes fuse and form star-shaped oocysts that will then mature to produce many 

motile sporozoites (sporokinetes). These sporokinetes invade many tissues in the tick and 

undergo merogony to form many infective merozoites. Toads become infected when they ingest 

an infective tick (Petit et al., 1990; Barta, 2000; Boulard et al., 2001). 

2.2.3 Family Haemogregarinidae Léger, 1911 

The family Haemogregarinidae lacks defining biological characteristics. The group is 

composed of 3 genera, Haemogregarina spp., Cyrilia spp. and Desseria spp. Haemogregarina 

spp. form the largest genus, with over 300 named species, but many of these species have been 
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assigned to the genus due to a lack of knowledge about their complete lifecycle and will likely 

become reassigned to genera in other families once this information is known (reviewed in Barta, 

2000). This lack of clarity stirred Mohammed and Mansour (1959) to suggest that species for 

which sporogonic development is known be identified as Haemogregarina spp. (sensu stricto). 

Remaining species were identified as Haemogregarina spp. (sensu lato). This conservative 

approach is likely to reduce the number of taxonomic revisions required at later dates when more 

information on particular species become available (see Siddall, 1995). 

Genus Haemogregarina Danilewsky, 1885 

Haemogregarina spp. (sensu stricto) are characterized by utilizing leeches as definitive 

hosts where gametogenesis and sporogony occur intracellularly. Sporogony produces 8 

sporozoites that then invade extraintestinal tissues. Merogony occurs in the leech and merozoites 

are infective to intermediate hosts by salivary transmission. In the intermediate host, primary 

merogony occurs within internal organs followed by characteristic intraerythrocytic secondary 

merogony (Siddall, 1995). The type species, Haemogregarina stepanowi Danilewsky, 1885, was 

the first described haemogregarine (Levine, 1988). However, of the more than 300 named 

Haemogregarina spp., only Haemogregarina balli Paterson and Desser, 1972 has been 

successfully transmitted from its definitive host, the leech Placobdella ornata 2 Verrill, 1872 to 

its intermediate host the common snapping turtle, Chelydra serpentina Linnaeus, 1758, and 

therefore provides the most detailed lifecycle example (Siddall and Desser, 1990, 1991; Barta, 

2000).  

 Lifecycle of Haemogregarina balli Paterson and Desser, 1972 

An infected P. ornata leech feeding on the blood of a freshwater turtle (e.g. C. 

serpentina) injects merozoites within salivary secretions from its proboscis into the turtle’s 

bloodstream. These merozoites invade cells of the liver, lung and spleen and begin 

pre-erythrocytic merogony. Pre-erythrocytic meronts yield around 18 merozoites that return to 

the bloodstream to invade erythrocytes (Siddall and Desser, 1990, 1991). Immature erythrocytic 

meronts are large serpentine-like and folded over in cells (Paterson and Desser, 1976). 

                                                
2 The genus Placobdella has recently undergone taxonomic revisions and P. ornata has since been redescribed (see 
Moser et al., 2012). It is uncertain if the leech host of H. balli identified by Siddall and Desser (1990) would 
currently retain the name P. ornata. 
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Erythrocytic meronts will mature and produce 8 merozoites that will go on to enter other 

erythrocytes and either initiate further rounds of merogony or differentiate into 

haemogregarine-type gamonts. Microgamonts and macrogamonts ingested by a blood-feeding 

leech are released from erythrocytes and enter gut epithelial cells where they associate in syzygy. 

Gametogenesis produces 4 aflagellate microgametes, one of which will fertilize the associated 

macrogamete. The zygote will form an oocyst that, once sporulated, contains 8 sporozoites. 

Sporozoites migrate to the anterior-end of the leech where they undergo merogony within the 

salivary glands giving rise to meronts containing hundreds of merozoites. These merozoites enter 

the proboscis of the leech and are injected into turtles during subsequent feedings (Siddall and 

Desser, 1990, 1991). 

Genus Desseria Siddall, 1995 

Established by Siddall (1995), the genus Desseria includes 40 species that infect leeches 

as definitive hosts and various fish as intermediate hosts. The type species is Desseria 

myoxocephali Fantham, Porter & Richardson, 1942 that infects Myoxocephalus spp. Tilesius, 

1811 sculpins and the leech Malmiana scorpii Malm, 1863 (Siddall, 1995). These parasites differ 

from those of Haemogregarina spp. (sensu stricto) because they do not undergo intraerythrocytic 

merogony (Siddall, 1995). However, there remains some confusion in this distinction. Siddall 

(1995) reassigned Haemogregarina fragilis to the genus Desseria, renaming it Desseria fragilis. 

Smit et al. (2003) reported having observed a D. fragilis infection in horned blennies 

(Parablennius cornutus) with intraerythrocytic meronts undergoing division thereby excluded it 

from the genus Desseria. In addition, they observed that D. fragilis had identical patterns of 

development and morphology to the common fish parasite Haemogregarina bigemina. It was 

concluded that both parasites were the same and that they should both be reassigned as H. 

bigemina (see Smit et al., 2003). 

Genus Cyrilia Lainson, 1981 

Lainson (1981) established this genus to accommodate the type species, Cyrilia lignieresi 

(Laveran, 1906) Lainson, 1981, that infects an eel-like freshwater fish, Synbranchus marmoratus 

Bloch, 1795, and the leech Haementeria lutzi Pinto, 1920. This genus is distinguished from 

Haemogregarina spp. (sensu stricto) by producing 16 or more sporozoites during sporogony in 

the definitive leech host (Siddall, 1995). 
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2.2.4 Family Dactylosomatidae Jakowska and Nigrelli, 1955 

The Dactylosomatidae are a group of heteroxenous parasites that produce 

characteristically small gamonts that do not distort the erythrocytes of poikilothermic vertebrate 

intermediate hosts. Species in this group do not produce typical haemogregarine-type gamonts. 

The species in this group are characterized by the production of 4-16 merozoites, by 

simultaneous exogenous budding, during intraerythrocytic merogony. All known definitive hosts 

are hematophagous leeches. This family includes two genera: Dactylosoma spp. Labbé, 1894 and 

Babesiosoma spp. Jakowska and Nigrelli, 1956 (Jakowska and Nigrelli, 1956; Barta, 1991, 

2000). 

Genus Babesiosoma Jakowska and Nigrelli, 1956 

Babesiosoma spp. are recognized by a cruciform structure of 4 budding merozoites that 

can be observed in certain erythrocytes where intraerythrocytic merogony is occurring. These 

cruciform meronts give Babesiosoma a similar appearance to the piroplasm Babesia, and it was 

thus named to describe its “Babesia-like” appearance (Jakowska and Nigrelli, 1956; Barta, 1991, 

2000). Intermediate hosts have been described as animals with contact to water and include 

frogs, toads, newts and fish. Definitive hosts, when known, have been described as 

haematophagous leeches (reviewed in Barta, 1991, 2000). The type species, Babesiosoma jahni 

(syn Dactylosoma jahni) Nigrelli, 1929, infects the newt, Notophthalmus viridescens (syn 

Triturus viridescens) Rafinesque, 1820, as intermediate host, but a definitive host has not been 

identified (Nigrelli, 1929; Jakowska and Nigrelli, 1956; Barta, 1991, 2000). Babesiosoma 

stableri Schmittner and McGhee, 1961, is currently the only species with a completely described 

lifecycle. The intermediate hosts are ranid frogs (i.e. Rana spp.) and bufonid toads (e.g. Anaxyrus 

[syn Bufo] americanus Holbrook, 1836) of eastern North America. The definitive host is a 

glossiphoniid leech, Desserobdella picta Verrill, 1872, that feeds exclusively on amphibians 

(Barta, 1991, 2000). 

 Lifecycle of Babesiosoma stableri Schmittner and McGhee, 1961 

A feeding D. picta leech injects merozoites into the bloodstream of Rana sp. It is not 

known if pre-erythrocytic development occurs, but primary intraerythrocytic merogony begins 

when merozoites enter erythrocytes. Nuclear division forms a binucleate meront that undergoes a 



 

 16 

second nuclear division to form a tetranucleate or cruciform meront (Barta and Desser, 1986, 

1989; Barta, 1991). As previously mentioned, this cruciform meront is characteristic of 

Babesiosoma species (Jakowska and Nigrelli, 1956; Barta, 1991, 2000). The four developing 

merozoites mature, leave their host cell and invade other erythrocytes. They will either repeat 

another round of primary merogony or initiate secondary merogony. Secondary merozoites also 

form binucleate followed by tetranucleate meronts. Emerging merozoites will invade other 

erythrocytes and either repeat secondary merogony or mature into gamonts (Barta and Desser, 

1986; Barta, 1991). Gamonts are freed from erythrocytes when ingested by a feeding leech. 

Microgamonts and macrogamonts associate in syzygy in the leech blood meal crop. Paired 

gamonts mature into microgametes and macrogametes and then fuse to form an ookinete; details 

have not been reported on microgamete formation. The ookinete then enters an intestinal 

epithelium cell and initiates sporogony. The oocyst enlarges and forms 8 sporozoites by 

peripheral budding. The sporozoites leave the epithelium and migrate to the leech’s salivary 

glands where they undergo merogonic replication. This merogony is similar to what occurs in 

frog erythrocytes (i.e. through formation of tetranucleate meronts). Resulting merozoites will 

either undergo another round of merogony or enter the ductules of the salivary glands and be 

injected into other frogs during subsequent blood meals (Barta and Desser, 1989; Barta, 1991). 

Genus Dactylosoma Labbé, 1894: 

Dactylosoma spp. are differentiated from Babesiosoma spp. by the formation of a higher 

number (6-16) of merozoites during intraerythrocytic merogony (Jakowska and Nigrelli 1956; 

Barta, 1991, 2000). These merozoites are formed by simultaneous exogenous budding and are 

often arranged on one side of the maturing meront. This causes meronts to have a “hand-like” 

appearance from which the genus derives its name (Jakowska and Nigrelli 1956; Manwell, 1964; 

Barta, 1991, 2000). Intermediate hosts consist of aquatic vertebrates, mostly ranid frogs and 

toads, but also other amphibia, fish and possibly reptiles. Definitive hosts, where they are known, 

are glossiphoniid leeches (Jakowska and Nigrelli 1956; Manwell, 1964; Barta 1991, 2000). To 

date, the lifecycles of Dactylosoma spp. have not been well described. The type species, 

Dactylosoma ranarum Lankester, 1882, was the first described intraerythrocytic apicomplexan 

parasite and parts of its lifecycle have been observed in some detail (Barta, 1991). The 

intermediate host is the edible frog, Pelophylax esculentus (syn Rana esculenta) Linnaeus, 1758 
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(Barta et al., 1987; Barta, 1991). The natural definitive host has not been identified but is 

believed to be the European glossiphoniid leech, Batracobdella algira Moquin-Tandon, 1846. 

Sporogonic development was confirmed in an experimental North American glossiphoniid leech 

host, D. picta although transmission was not demonstrated (Barta et al., 1989; Barta, 1991). 

 Lifecycle of Dactylosoma ranarum Lankester, 1882: 

Dactylosoma ranarum has two morphologically distinct cycles of merogony that take 

place in the erythrocytes of the P. esculentus frog host. Early merogony is characterized by large 

trophozoites and meronts that can produce up to 16 merozoites by simultaneous exogenous 

budding. Primary merozoites enter new erythrocytes and initiate further rounds of primary 

merogony or enter secondary merogony. Secondary merogony is defined by small, densely 

stained meronts that produce 6 budding merozoites. Secondary merozoites again enter new 

erythrocytes and develop into characteristically small gamonts (Barta et al., 1987; Barta, 1991). 

Observations on gamete or zygote formation have not been reported. Oocysts, without a wall, are 

found within the epithelial cells of the intestine of the experimental leech host D. picta. Oocysts 

form up to 30 or more sporozoites by exogenous budding (Barta, 1991, 2000).  

2.2.5 Family Adeleidae Mesnil, 1903 

The Adeleidae are composed of monoxenous parasites that are currently known to infect 

invertebrates exclusively. Summarized in Table 2.2 are the characteristic morphological features 

and an example species for each of the genera in this group. 
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Table 2.2: Genera of the Adeleidae 

Genus Characteristic features of genus a Example species a Host a Affected host 
tissue a 

Adelea 
Oocyst: ovoid with thin oocyst wall,  

6-100+ flattened sporocysts,  
each with 2 sporozoites 

Adelea ovata  
Schneider, 1875 

Stone centipede: 
Lithobius forficatus 

Linnaeus, 1758 
Intestine 

Adelina Oocyst: similar to Adelea spp. but 
sporocysts are spherical 

Adelina cryptocerci  
Yarwood, 1937 

Woodroach: 
Cryptocercus punctulatus 

Scudder, 1862 
Adipose tissue 

Klossia 

Oocyst: large (40 to 180 µm), 
containing up to 160 spherical 

sporocysts, each with 4 sporozoites; 
Gamont: Spherical  

Klossia helicina  
Schneider, 1875 

White-lipped snail:  
Cepaea hortensis 

Müller, 1774 

Epithelial cells 
of (mollusc) 

kidney 

Orcheobius 
Oocyst: 25 or more sporocysts,  

each with 4 sporozoites; 
Gamont: elongate 

Orcheobius herpobdellae  
Schuberg and Kunze, 1906 

Leech:  
Erpobdella octoculata  

Linnaeus, 1758  
Testes 

Chagasella Oocyst: 3 sporocysts,  
each with 4 or more sporozoites 

Chagasella ganapatii 
Narasimhamurti and Kalavati, 

1968 

Termite: 
Odontotermes obesus 

Rambur, 1842 
Intestine 

Ithania Oocyst: 1-4 sporocysts, each with  
9-33 elongate sporozoites 

Ithania wenrichi 
Ludwig, 1947 

Giant crane fly: 
Tipula abdominalis 

Say, 1823 

Gastric ceca 
and midgut of 

larvae 

Rasajeyna 
Oocyst: double layered oocyst wall, 
up to 18 sporocysts, each with single 

sporozoite 

Rasajeyna nannyla 
Beesley, 1977 

Crane fly: 
Tipula paludosa 
Meigen, 1830 

Midgut of 
larvae 

Ganapatiella 

Oocyst: many sporocysts,  
each with 2 sporozoites; 

Distinct feature: gametogony forms  
8 microgametes (from each 

microgamont) during syzygy.  

Ganapatiella odontotermi 
Kalavati, 1977 

Termite:  
Odontotermes obesus 

Rambur, 1842 

Adipose 
tissues 

Gibbsia Oocyst: 4 elongate sporocysts, each 
with single sporozoite 

Gibbsia archiuli 
Levine, 1986 

Garden millipede: 
Archiulus moreleti 

Lucas, 1860 
Blood cells 

a Summarized from Levine, 1977 and Barta, 2000 

2.2.6 Family Legerellidae Minchin, 1903 

The Legerellidae are a group of monoxenous adeleorinid parasites of invertebrates. These 

parasites differ from members of the family Adeleidae because the former do not form typical 

oocysts containing sporocysts. Instead, the members of the Legerellidae form oocysts that 

contain naked sporozoites. This group contains a single genus, Legerella Mesnil, 1900. An 

example species, Legerella hydropori Vincent, 1927, infects the Malpighian tubules of the 

ground beetle, Hydroporus palustris Linnaeus, 1761 (see Barta, 2000).  
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2.2.7 Family Klossiellidae Smith and Johnson, 1902  

This group is unique among the adeleorinids because it is composed of monoxenous 

species that infect vertebrates, principally mammals (Taylor et al., 1979; Barta, 2000). Given the 

group’s unique host affinity, it is possible that the members of the Klossiellidae may not be 

monophyletic with the other members of the Adeleorina (see Section 2.5, Hypothesis One). 

Genus Klossiella Smith and Johnson, 1902  

The Klossiellidae contains a single genus, Klossiella, and the type species, Klossiella 

muris Smith and Johnson, 1902, undergoes all of its development in the kidney tissue of the 

mouse, Mus musculus Linnaeus, 1758. Other than unique host specificity, Klossiella spp. are 

characterized by the formation of polysporocystic oocysts that do not have a thick-protective 

oocyst wall. The oocyst wall is instead thin and disintegrates after sporulation is complete. The 

sporocyst is the resistant form that is shed in the urine (Taylor et al., 1979; Barta, 2000). Another 

example species, Klossiella equi Baumann, 1946, infects the kidney tissue of wild and domestic 

equids (e.g. Equus ferus caballus Linnaeus, 1758).  

 Lifecycle of Klossiella equi Baumann, 1946 

Merogony is reported to occur in the endothelial cells of the Bowman’s capsule and the 

epithelial cells of the proximal tubule (Vetterling and Thompson, 1972). Merozoites move 

further down the tubule and develop into macrogamonts and microgamonts associating in syzygy 

(in parasitophorous vacuoles) within the epithelial cells of the thick limb of Henle’s loop. 

Microgametes and macrogametes fuse to form zygotes that develop into oocysts; details on 

microgamete formation have not been described. Intracellular oocysts undergo sporogony and 

develop into polysporocystic thin-walled oocysts (Baumann, 1946; Seibold and Thornson, 

1955a; Vetterling and Thompson, 1972; Gardiner et al., 1988). The oocysts rupture and release 

thick-walled sporocysts into the urine. Transmission is presumed to occur through the ingestion 

of infective sporocysts by susceptible equids grazing on pasture (Reinemeyer et al., 1983; 

Reppas and Collins, 1995; Ballweber et al., 2012).3  

                                                
3 Details on the lifecycle of K. equi will be re-examined in Chapter 4. 
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2.3 Taxonomic challenges of the Adeleorina: 

The taxonomy of protozoa and specifically protozoan parasites has been typically based 

on comparisons of their morphological features. Primarily, variations in stages of the lifecycle, 

mechanisms of infection and host-parasite relationships have commonly been considered. Small 

variations among specimens can indicate different species within a genus and more distinct 

differences can define separate genera, families or orders. However, confounding observations 

can cause certain parasites to be classified incorrectly or imprecisely. The presence of 

morphologically similar gamonts in infected erythrocytes is common to various haemogregarine 

blood parasites (i.e. Haemogregarina spp., Desseria spp., Cyrilia spp., Hepatozoon spp., 

Karyolysus spp., and Hemolivia spp.). Correct generic assignment requires knowledge of the 

gametogonic and sporogonic development within their invertebrate definitive hosts. This can be 

challenging, especially when the definitive host is a mosquito or a small mite, and even more 

difficult if the invertebrate definitive host is not known. This requirement precludes assignment 

of a particular parasite to the appropriate genus based solely on morphological features of blood 

smear specimens, although a blood smear can readily demonstrate patent infections with a 

haemogregarine parasite (Barta, 1989, 2000; Siddall, 1995; Smith, 1996; Smith and Desser, 

1997). As well, certain Dactylosoma, Haemogregarina and Hepatozoon species seem to have a 

low host specificity for either or both of their invertebrate and vertebrate hosts (Barta et al., 

1987; Desser et al. 1995; Smith, 1996; Smith and Desser, 1997; Siddall and Desser, 2001; Rubini 

et al., 2009; Giannelli et al., 2017). Issues of homoplasy, a lack of knowledge regarding the 

complete lifecycle and intraspecific variability can pose problems in properly classifying various 

parasites (Barta, 1989; Siddall, 1995; Smith, 1996; Smith and Desser, 1997) and make it difficult 

to properly identify or describe species based on morphological features alone (e.g. Kim et al., 

1998). Thus, classifications based on morphological features alone are no longer sufficiently 

rigorous or discerning for use as the definitive taxonomy for apicomplexan parasites, particularly 

in groups like the Adeleorina where many parasites have few, or largely overlapping, 

morphological features. The concept of incorporating molecular sequences in conjunction with 

morphological and biological analyses has the potential to provide greater taxonomic accuracy 

and stability (e.g. Karadjian et al., 2015).  
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2.3.1 Case study: Species distinction of Hepatozoon clamatae and Hepatozoon catesbianae 

Hepatozoon spp. are probably more taxonomically challenging than any of the other 

adeleorinid genera (Barta, 1989; Siddall, 1995; Smith, 1996; Smith and Desser, 1997; Barta et 

al., 2012; Karadjian et al., 2015). Low host specificity for either or both their invertebrate and 

vertebrate hosts as well as subtle differences in the morphology of species makes them difficult 

to identify and differentiate. For example, two Hepatozoon species, H. catesbianae and 

Hepatozoon clamatae (Stebbins, 1905) Smith, 1996, both infect the same ranid frog intermediate 

hosts and also share the same mosquito definitive host (C. territans). However, H. clamatae has 

been shown to infect bullfrogs (R. catesbeianae), green frogs (R. clamitans) and northern leopard 

frogs (Rana [Aquara] pipiens Schreber, 1782) whereas H. catesbianae only infects bullfrogs and 

green frogs but not northern leopard frogs (Kim et al., 1998). These two species have 

indistinguishable lifecycles and their gamonts are morphology similar. Currently, the species are 

differentiated by a morphological difference involving the presence or absence of cytopathologic 

modification of the intermediate hosts’ erythrocytes. Specifically, H. clamatae gamonts cause 

marked fragmentation to the host erythrocyte nuclei whereas H. catesbianae gamonts displace, 

but leave intact, the nuclei of the erythrocytes (see Figure 2.3; Desser et al., 1995; Kim et al., 

1998; Boulianne et al., 2007).  

Kim et al. (1998) maintained a species distinction between these two parasites based on 

these cytopathological features and suggested that sequences from quickly evolving genetic loci 

could provide the quantitative data needed to further differentiate them. Kim et al. (1998) 

amplified nuclear ribosomal internal transcribed spacer 1 (ITS-1, see Section 2.4.2.2) sequences 

from morphologically-identified H. clamatae and H. catesbianae samples collected in Ontario. 

The ITS-1 target had been selected based on prior reports of its success in differentiating closely 

related species in other apicomplexan groups (e.g. Cryptosporidium spp.; Cai et al., 1992). The 

authors were unsuccessful at finding consistency between species cytopathology and ITS-1 

sequence differences. Despite these issues, they continued to hypothesize that H. clamatae and 

H. catesbianae were distinct species (Kim et al., 1998). Boulianne et al. (2007) evaluated 

Hepatozoon spp. from frogs collected in Nova Scotia with the goal of obtaining molecular data 

to support this species distinction. They collected 8 geographically diverse parasite samples, 3 

samples morphologically-identified as H. catesbianae and 5 samples morphologically-identified 
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as H. clamatae and amplified ITS-1 sequences from each sample. Comparisons of the 8 

sequences found 6 single nucleotide differences (SNDs) between the ITS-1 sequences of H. 

clamatae and H. catesbianae, accounting for a 4.7% pairwise difference in the ITS-1 region 

(Boulianne et al., 2007). Boulianne et al. (2007) completed a phylogenetic analysis of Nova 

Scotia Hepatozoon isolates (their data) with Ontario isolates (data of Kim et al., 1998) and 

showed that 3 of the Ontario ITS-1 isolates that were identified as H. clamatae ITS-1 sequences 

were H. catesbianae ITS-1 sequences; the authors suggested that the parasites may have been 

misidentified in the former study. These observations reinforce the importance of accurately 

identifying species morphologically before using samples for sequencing; this is particularly 

important with naturally acquired infections obtained from wild-caught animals that may harbour 

multiple parasite species in their blood. Boulianne et al. (2007) concluded that ITS-1 sequences 

provided useful characters for differentiating closely related species of apicomplexan parasites. 

Generating additional molecular data from these Hepatozoon spp. could assist in determining if 

the ITS-1 is taxonomically relevant molecular target or if another target (see Section 2.4.1) could 

provide better data for determining if these parasites are truly separate species. 4 

2.4 Molecular and phylogenetic analyses in the Adeleorina 

Due to discrepancies in morphology, additional data are required to complement the 

information provided by the life histories and morphology of adeleorinid parasites. Being able to 

compare DNA sequences will allow for clarification where morphological features are 

uninformative or where life history details are lacking. Molecular comparisons between parasites 

can be performed either by comparing the structure and features of whole genomes or by 

comparing elements of specific target sequences where the application of pairwise alignments 

and subsequent phylogenetic analyses can be used to infer evolutionary history. 

2.4.1 Loci for molecular targeting: Overview of apicomplexan genomes 

Most members of the Apicomplexa typically have 3 genomes: a nuclear genome, an 

apicoplast genome, and a mitochondrial genome. Each of these genomes offers unique loci for 

molecular analyses.  

                                                
4 This topic will be revisited in Chapter 7 and will be used to test Hypothesis Two (see Section 2.5). 
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2.4.1.1 Nuclear genomes of the Apicomplexa 

The nuclear genome has only been sequenced from a handful of apicomplexan species. 

The genome is arranged in various numbers of chromosomes within the nucleus. The genome 

size and number of chromosomes vary widely among the genomes that have been sequenced to 

date. The nuclear genome of Toxoplasma gondii is one of the largest with a total length of 87 

Mbp (mega base pairs) and it is composed of 11 chromosomes (Ajioka et al., 2001). The 

genomes of Eimeria tenella and Plasmodium falciparum are also large, with total lengths of 60 

Mbp and 23 Mbp respectively. Both genomes have 14 chromosomes and there are about 5300 

gene-coding regions identified in P. falciparum (Shirley, 2000; Gardner et al., 2002). The 

smallest apicomplexan nuclear genome sequenced to date is from the piroplasmid Babesia 

microti; it is only 6.5 Mpb in total length and has 3 chromosomes with 3500 gene-coding regions 

identified (Cornillot et al., 2012). Currently, complete nuclear genome sequences are not 

available from any of the adeleorinid parasites. Generating a complete nuclear genome sequence 

is challenging due to the large sequence size and variability in chromosome number and 

arrangement. This would be optimized by the utilization of high-throughput next generation 

sequencing (NGS) technologies, but these methods can be cost prohibitive and highly 

labour-intensive during annotation of a novel genome. This approach would also require 

isolating pure parasite DNA (separated from host DNA), which is difficult to accomplish with 

blood parasites such as the haemogregarines that are often at a very low parasitaemia, and where 

amplification in the invertebrate host is impossible without extensive animal husbandry and 

without complex experimental transmission experiments. 

2.4.1.2 Mitochondrial genomes of the Apicomplexa 

Apicomplexan mitochondrial genomes sequenced to date have a wide variability in 

structure and gene order. Apicomplexan mitochondrial genomes are of reduced size, most are 

around 6,000 to 7,000 base pairs (bp) in length, although a few are longer, and are known to 

possess only three protein-coding sequences (CDS): cytochrome c oxidase subunit I (COI), 

cytochrome c oxidase subunit III (COIII), and cytochrome b (CytB), as well as large subunit 

(LSU) and small subunit (SSU) ribosomal RNA gene fragments scattered throughout. The 

genome structure has been reported as highly diverse and has been observed in several structural 

forms (i.e. circular-mapping, with either truly circular or linear-concatemers, or linear, with 
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terminal inverted repeats) (Hikosaka et al., 2010; 2011a; 2011b; Lin et al., 2011; Feagin et al., 

2012; Liu et al., 2012; Ogedengbe et al., 2013).  

Comparisons of mitochondrial genome structures and their gene configuration may also 

be useful for studying apicomplexan group relationships. These structural features tend to be 

conserved among members of one apicomplexan group but differ from the other groups. A 

summary of currently known mitochondrial genomes from the major apicomplexan groups 

(sensu lato) is presented in Figure 2.4. The haemosporinids and eimeiriids have the most 

numerous publicly available mitochondrial genome sequences. The organization and structure of 

all of the available mitochondrial genome sequences from the haemosporinids (e.g. Plasmodium 

spp., Leucocytozoon spp. and Haemoproteus spp.) are conserved. They are circular-mapping 

(predominantly as linear-concatemers where known), about 6,000 bp in size and all have the 

same genome organization (Feagin, 2000; Perkins, 2008; Hikosaka et al., 2011b). Like the 

haemosporinids, the organization and structure of all available mitochondrial genome sequences 

from the eimeriids (and related groups; e.g. Eimeria spp., Lankesterella spp., Isospora spp., 

Cyclospora spp.) are also conserved. These genomes are all about 6,000 bp in size, circular 

mapping (as linear-concatemers so far as is known) and have the same genome organization. 

This genome organization is unique to the group (Lin et al., 2011; see Ogedengbe, 2015). The 

choleoeimeriids (a sister group to the eimeiriids) have been found to have mitochondrial 

genomes that are similar to those of the eimeiriids with only a minor difference in genome 

configuration (Choleoeimeria sp. [GenBank Acc. No. KT203395]; Barta lab unpub. obs.). The 

piroplasmids are divergent from the previous two groups. Many available mitochondrial genome 

sequences from the piroplasmids (e.g. Theileria parva [NC_011005], Babesia bigemina 

[AB499085], Babesia gibsoni [AB685184], Babesia caballi [AB499086], Babesia bovis 

[AB499088]) are around 6,000 bp in size and have a conserved genome organization that is 

unique to this group. However, these genomes are linear (monomeric) and incorporate terminal 

inverted repeats (Hikosaka et al., 2010). Furthermore, several members of the group have been 

found to have highly divergent mitochondrial genomes, notably Theileria equi 

(ACOU01000010) and Babesia microti (NC_031328). These species have mitochondrial 

genomes that do not resemble any other apicomplexans, they have longer sequence lengths 

(9,001 bp and 11,009 bp, respectively) and the latter was found to have multiple copies with four 

distinct “flip-flop” arrangements observed among genome copies (Hikosaka et al., 2010, 2012).  
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Complete mitochondrial genome sequences are not currently available for the 

sarcocystids (Gjerde, 2013; Seeber et al., 2014; Ogedengbe, 2016). Partial 

mitochondrion-mapping sequence fragments have been reported but attempts to sequence a 

complete mitochondrial genome from Toxoplasma gondii and related sarcocystids have all been 

complicated by the presence of many CytB and COI pseudogenes scattered throughout the 

nuclear genomes of these parasites (Ossorio et al., 1991; Gjerde, 2013; Ogedengbe, 2016). 

Mitochondrial genomes have been reported to be absent in Cryptosporidium spp. (Abrahamsen 

et al., 2004; Xu et al., 2004) and have not been identified from the few gregarines subjected to 

 
Figure 2.4: Examples of known apicomplexan mitochondrial genomes. 
Known mitochondrial genome sequences from the major apicomplexan groups (sensu lato) are illustrated (in 
linear forms) with the phylogenetic positions shown in Figure 2.2. All 3 protein coding sequences (CDS; 
cytochrome c oxidase subunit 1 [COI], cytochrome c oxidase subunit 3 [COIII] and cytochrome b [CytB]) are 
identified along with a few of the well-conserved fragmented ribosomal RNA genes (rDNA; LSUA, LSUE, 
LSUF, LSUG, SSUA, SSUB). The starting regions of the circular mapping genomes (haemosporinids and 
eimeriids) were reassigned to begin with the COI CDS. This start was chosen to provide a common starting 
point for all sequences and to provide consistency with the linear sequences of the piroplasmid examples. Note: 
Several members of the piroplasmids have divergent mitochondrial genome sequences but were not included for 
brevity (see Hikosaka et al., 2010, 2012). Initial genome images were produced using Geneious 
(www.geneious.com; Kearse et al., 2012). 
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whole genome sequencing attempts (e.g. Templeton et al., 2010). Prior to the current work, 

mitochondrial genome sequences had not been reported from a member of the Adeleorina. 

2.4.1.3 Apicoplast genomes of the Apicomplexa  

The apicoplast is a non-photosynthetic chloroplast-like organelle that has been found in 

most of the major apicomplexan groups (sensu lato). The apicoplast is believed to have been 

acquired by secondary endosymbiosis of a photosynthetic algal protist (Lang-Unnasch et al., 

1997; Nair and Striepen, 2011; Sato, 2011). Data provided by Lang-Unnasch et al. (1997) 

suggest that all apicoplasts have a single ancestral origin. Although thought to originate from a 

photosynthetic organism, the apicoplast is not capable of performing photosynthesis. Many of 

the functional genes thought to have been encoded by the ancestral apicoplast have been 

translocated to the apicomplexan nuclear genome, and the remaining genes encoded by the 

apicoplast genome are strictly related to housekeeping functions such as DNA replication, 

transcription and translation (Wilson et al., 1996; Martin and Herrmann, 1998; Lim and 

McFadden, 2010). Typically, apicoplast genomes are circular, about 35 kilobases in size and 

comprise various ribosomal RNA encoding genes as well as other eubacterial gene replication 

factors (Wilson et al., 1996; Cai et al., 2003). Complete apicoplast genomes have been 

sequenced from the haemosporinids (e.g. Plasmodium falciparum [NC_001799], Wilson et al., 

1996), the eimeriids (e.g. Eimeria tenella [AY217738], Cai et al., 2003), the sarcocystids (e.g. 

Toxoplasma gondii [U87145], Dzierszinski et al., 1999), and the piroplasmids (e.g. Theileria 

parva [NC_007758] Gardner et al., 2005). The apicoplast genome seems to be absent in 

Cryptosporidium parvum (Zhu et al., 2000) and Gregarina niphandrodes (Toso and Omota, 

2007). Prior to the current work, complete apicoplast genome sequences have not been reported 

from a member of the Adeleorina.5 

2.4.2 Molecular target selection for the Adeleorina 

Each of the apicomplexan genomes provides unique molecular targets for studying 

members of the phylum. Ideally, targets used for molecular analyses should be relatively short 

sequences, generally 500 to 800 bp in length, that are easier to generate, and have relatively 

universal occurrence in the group of interest. This allows for straightforward PCR reactions with 
                                                
5 Details on the apicoplast genome will be revisited in Chapter 5. 
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primers that can target the range of organisms under study. The chosen target should have 

enough sequence variability to support genus-level or species-level differentiation, but should be 

conserved enough to generate consistent results with minimal intraspecific variability (Ferri et 

al., 2009).6 DNA barcoding is a concept that focuses on the pursuit of an ideal molecular marker 

that could provide a species-level identification from a wide-range of organisms. Hebert et al. 

(2003) proposed the concept and suggested the use of the mitochondrial COI target as a universal 

molecular barcode for identifying various animal species. The application of this method has 

since expanded to many other phyla. Hebert et al., (2003) also proposed the establishment of a 

global bioidentification system, now known as the Barcode of Life Database 

(http://www.boldsystems.org), to support this barcode-based form of taxon identification. The 

mitochondrial COI has shown promise as a molecular target for some apicomplexan groups (e.g. 

Eimeria spp.; Ogedengbe et al., 2011) however there are several other molecular targets that 

have been applied widely to studies of taxa in the Apicomplexa. 

2.4.2.1 The nuclear 18S ribosomal RNA gene 

The nuclear 18S ribosomal RNA (rRNA) gene (rDNA) target is a popular molecular 

target with many apicomplexan sequences available on public databases. Prior to this study, it 

was the only widely available sequence for the adeleorinid parasites and yet the depth of these 

data remains limited (see Maia et al., 2016). The gene is around 2000 bp in length and contains 

well-conserved regions that allow for universal amplification in a wide range of organisms and 

facilitates targeting of previously unsequenced organisms (see Medlin et al., 1988). These 

conserved regions are interspersed among variable regions that provide the sequence diversity 

necessary for the study of relationships among distantly-related organisms such as the major 

groups of the Apicomplexa (see Barta et al., 2012). Given its popularity and wide availability on 

public databases, the 18S rDNA target remains useful for phylogenetic analyses (see Section 

2.4.3) of the Apicomplexa and remains the most representative database of sequences available 

for the Adeleorina (Mathew et al., 2000; Barta et al., 2012; Kvičerová et al., 2014; Karadjian et 

al., 2015).  

                                                
6 Note: The distance between the intraspecific variation versus the interspecific variation observed from a molecular 
target is commonly referred to as the ‘barcoding gap’ and is used to assess the effectiveness of the target to 
distinguish species from a group of interest (e.g. see Čandek and Kunter, 2015). 
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However, working with apicomplexan 18S rDNA sequences can be problematic. The 

relatively conserved nature of the gene can pose challenges with studying closely related species 

because 18S rDNA phylogenetic analyses have a tendency to produce short branch lengths (Zhao 

et al., 2001; Morrison et al., 2004). Among the Adeleorina, 18S rDNA sequences attributed to 

Hepatozoon catesbianae and Hepatozoon clamatae (from Barta et al., 2012) only had 2 to 4 

single nucleotide differences (SNDs) (0.1-0.2% pairwise difference; personal observations). To 

complicate matters further, some apicomplexan nuclear genomes contain multiple, divergent 

copies of the ribosomal genes that result in high genetic divergence among paralogues within 

individual species (McCutchan et al., 1988; Goethert et al., 2006). Though the 18S rDNA is a 

useful molecular target, the exclusive use of this target can result in molecular phylogenetic 

analyses that do not resolve clear evolutionary histories among closely related taxa (see 

Ogedengbe et al., 2011; Ogedengbe et al., 2018). Among the Adeleorina, intraspecific variation 

has been found to be problematic with 18S rDNA molecular studies of Hepatozoon canis (e.g. 

Gabrielli et al., 2010).7 Finally, the various universally conserved primer target regions of the 

18S rDNA (e.g. the universal eukaryotic primers reported by Medlin et al., 1988) are useful for 

targeting novel unsequenced taxa, but can also result in the amplification of unintended targets 

originating from the host or a co-infecting parasite. This is a challenge with haemogregarine 

samples because they are often isolated from host blood-samples resulting in a mixed host-

parasite DNA isolate. Barta et al. (2012) were unable to amplify the 18S rDNA of H. 

catesbianae as a single amplicon when using universal eukaryotic primers. This was because the 

contaminating ranid-host DNA would amplify preferentially over the parasite DNA. Instead, the 

authors had to generate two overlapping amplicons, each produced by combining a flanking 

eukaryotic-universal primer with an internal apicomplexan-specific primer.  

2.4.2.2 The nuclear ribosomal internal transcribed spacers 

The nuclear ribosomal internal transcribed spacers 1 and 2 (ITS-1/ITS-2) are non-coding 

spacer sequences that span in between the genes of the nuclear rDNA unit sequence (i.e. 18S-

ITS1-5.8S-ITS2-28S) of eukaryotes. These targets have been widely used for studies in various 

eukaryotic groups (e.g. fungi; Schoch et al., 2012) because they are short hyper-variable 

sequences that are flanked by the higher-conserved rDNA regions, which facilitates universal 

                                                
7 Discussed in Chapter 5. 
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targeting. Among the Apicomplexa, ITS-1 sequences have been studied in various groups. 

Apicomplexan ITS-1 sequences vary in length (~100-500 bp) and differ greatly across the major 

groups of Apicomplexa (pers. obs.). The reliability of the use of ITS-1 sequences for studying 

various groups of the Apicomplexa seems to vary between studies. For example, Hoffman et al. 

(1997) found no differences between 20 ITS-1 isolates from Toxoplasma gondii sequences and 

stated that it was useful for differentiating T. gondii from another related parasite, Neospora 

caninum. In contrast, Barta et al. (1998) found ITS-1 sequences from 5 different strains of 

Eimeria maxima to be highly variable and had several sites of polymorphisms. Hepatozoon 

species infecting ranid frogs were evaluated using ITS-1 sequences (Kim et al., 1998; Boulianne 

et al., 2007; discussed previously in Section 2.3.1).  

The extrachromosomal genome sequences of the Apicomplexa are believed to be derived 

from bacterial genomes and have unique molecular target properties. Instead of the genes of 

interest being spread out across several chromosomes, they are focused within a single molecule. 

The genomes replicate by mitotic division exclusively and their organelles passed on to the 

zygote by the maternal line, which means that gene crossover events are rare. Apicomplexan 

extrachromosomal genes typically do not contain introns and do not undergo post-transcriptional 

modifications. All of these factors could reduce intraspecific variation among extrachromosomal 

sequences and provide more consistency in molecular phylogenetic studies (Clayton, 1982; 

Feagin, 1994). 

2.4.2.3 The apicoplast ribosomal RNA gene sequences  

The apicoplast genome has structure and organization that are well conserved in many 

apicomplexan taxa. Despite this, the encoded gene sequences seem to diverge considerably 

among them (see Chapter 5). The apicoplast genome is 6 times larger in size and has about 10 

times the encoded gene targets over the mitochondrial genome, and may thus offer useful targets 

for the molecular analyses of many apicomplexans. However, this genome remains understudied 

in the phylum due to the larger size, which makes it more challenging and costly to sequence. 

Lang-Unnasch et al. (1998) amplified and sequenced a ~1,000 bp region of the apicoplast 16S 

rDNA from 10 apicomplexan species, including H. catesbianae, and suggested that an apicoplast 

genome is present in Hepatozoon species and likely in other members of the Adeleorina.  
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2.4.2.4 The mitochondrial COI gene target 

Mitochondrial genome targets, specifically the COI CDS, are commonly used for DNA 

barcoding in various eukaryotic groups. As discussed in Ogedengbe et al. (2018), COI CDS 

sequences are more quickly evolving than the nuclear 18S rDNA, “with a sequence divergence 

rate of 1% to greater than 2% per million years”. This rate of divergence is thought to be suitable 

for delimiting closely related taxa (Hebert et al., 2003; Zhao et al., 2013; Ogedengbe et al., 

2018). Among the Apicomplexa, mitochondrial COI sequences have been reported to be suitable 

for distinguishing several groups of closely related species (e.g. Eimeria spp. [Ogedengbe et al., 

2011] and Sarcocystis spp. [Gjerde 2013b, 2014]), because the sequences had considerable 

interspecific sequence variation and comparatively low intraspecific sequence variation.  

Conversely, as discussed in Ogedengbe et al. (2018), the rapid rate of sequence 

divergence of the COI CDS is thought to make this target unsuitable for inferring more ancient 

relationships during phylogenetic studies of apicomplexan taxa due to substitution saturation8, 

particularly in the third codon position. A suggested solution to this problem is the use of a 

multiple-locus approach (see McCracken and Sorenson, 2005; Ogedengbe et al., 2018; Swain, 

2018) using multiple genes from a single species, such as phylogenetic analyses that use 

combined 18S rDNA and COI CDS sequences, to help improve the resolution for both internal 

(i.e. major groups) and terminal branches (i.e. closely related species). This approach is thought 

to be effective even when there are few representative taxa for a group (Ogedengbe et al., 2018; 

Swain, 2018). 

2.4.3 Phylogenetic analyses of the Adeleorina  

Phylogenetic analyses of the adeleorinids were first performed using morphology or 

biology-based models. Such models were utilized in studies reported by Barta (1989), Siddall 

(1995), and Smith and Desser (1997), and evaluated for the presence or absence of selected 

morphological or biological characters in the taxa of interest. The state of each character was 

assigned a numerical value (e.g. “erythrocytic merogony: absent (0), present (1)” in Siddall 

[1995]). These phylogenetic analyses produced trees that estimated the evolutionary 

                                                
8 Substitution saturation: “When sequences in a multiple alignment have undergone so many multiple substitutions 
that apparent distances largely underestimate the real genetic distances” (from Philippe et al., 2011).  
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relationships among the evaluated taxa. In summary, morphometric phylogenetic trees suggested 

that members of the Adeleorina have a basal association to the piroplasms (Barta, 1989) and that 

the Hepatozoidae were paraphyletic and seemed to have a basal association to the other 

heteroxenous adelerorinids (Outgroup: Klossia) (Siddall, 1995; Smith and Desser, 1997). These 

types of studies continue to be important but are now less commonly applied in apicomplexan 

studies because they require in depth knowledge of all of the details of complete lifecycles. The 

character assignments and the weighting of those characters can introduce biases to any 

phylogenetic analysis. Additionally, a lack of character homology or the presence of homoplastic 

characters within taxa can also pose challenges. Molecular phylogenetics using suitable genetic 

loci can offer alternate hypotheses that can either lend support or challenge morphological 

character-based phylogenetic hypotheses (see Pisani et al., 2007). 

In molecular phylogenetic analyses, character matrices are the alignment of homologous 

sequences. An evolutionary model is applied to weigh the likelihood of the various base 

substitutions. Lang-Unnasch et al (1997) found that phylogenetic trees generated from the 

apicoplast 16S rDNA target showed H. catesbianae to have a strong basal association to 

Plasmodium-Babesia clades. In trees generated from a nuclear-encoded rRNA target, H. 

catesbianae had a weak basal association with the coccidian clades (Lang-Unnasch et al., 1997). 

Mathew et al. (2000) used limited 18S rDNA sequences to evaluate the phylogenetic relationship 

of Hepatozoon spp. with other members of the Apicomplexa and found that the Hepatozoon spp. 

had a weak basal association to the haemosporinids. Over time, the public database of 

adeleorinid 18S rDNA sequences has grown, and molecular phylogenetic models became more 

robust. Barta et al. (2012) found the Adeleorina to be monophyletic with no basal association to 

the piroplasms or the haemosporinids. As with previous morphological phylogenetic studies, 

studies reported by Barta et al. (2012), Kvičerová et al. (2014) and Karadjian et al. (2015) found 

both Hepatozoidae and Karyolysidae to be paraphyletic; members of both families were 

intermingled on the resulting phylogenetic tree. As more sequences become available, the 

evolutionary relationships among the various adeleorinid taxa will likely become clearer. Once 

this point has been reached, it is expected that a systematic revision of the members of the 

Adeleorina will be necessary (Maia et al., 2016).9  

                                                
9 This topic will be revisited in Chapter 6. 
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2.5 Research objectives and hypotheses  

The information compiled throughout this literature review was used to define the 

following research objectives and associated hypotheses. 

Primary Objective: To amplify and sequence extrachromosomal genome sequences, along with 

nuclear ribosomal DNA sequences, from multiple adeleorinid parasites. 

The difficulties found with the taxonomy of adeleorinid parasites bring up the importance of 

using molecular analyses to provide additional reference points for the identification and 

classification of these parasites. Using extrachromosomal and nuclear genome sequences, I seek 

to apply whole genome sequence comparisons, pairwise sequence analyses, and molecular 

phylogenetics to instigate a better understanding of the diversity among adeleorinid parasites and 

to test the following hypotheses. 

Hypothesis One: Members of the Klossiellidae truly belong among the Adeleorina.  

This will be tested by amplifying mitochondrial and nuclear 18S rDNA sequences from 

Klossiella equi. A molecular phylogenetic tree analysis of 18S rDNA sequences will then be 

used to estimate the phylogenetic position of K. equi among adeleorinid and other apicomplexan 

parasites, following the methods of Barta et al. (2012). Histological observations of K. equi 

lifecycle stages will also be evaluated for homology to other adeleorinid parasites. 

Prediction: Both molecular and morphological analyses will confirm that Klossiella equi, and 

thus the genus Klossiella, has been assigned correctly to the Adeleorina.10 

Hypothesis Two: Mitochondrial sequence targets will provide better support for adeleorinid 

species differentiation than currently sequenced nuclear ribosomal targets. 

To test this, the following secondary objective will be pursued: 

Secondary Objective: Provide additional data to the findings of Kim et al. (1998) and Boulianne 

et al. (2007) to help determine the species distinction between Hepatozoon catesbianae and 

Hepatozoon clamatae. This will be done by generating short mitochondrial gene sequences, with 

targets to be determined, from samples of each morphotype and comparing them for differences. 

                                                
10 This hypothesis will be tested in Chapter 4. 
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If differences are found, samples containing single genotypes will be used for further sequencing 

of mitochondrial, nuclear and apicoplast targets.11 

Prediction: Mitochondrial sequences generated from ranid-infecting Hepatozoon spp. will be 

superior to nuclear 18S rDNA and ITS-1 sequences for supporting species differentiation.  

Hypothesis Three: The structure and gene configuration of the mitochondrial genomes from 

various adeleorinid parasites will be conserved but will differ from those of other major 

apicomplexan groups (e.g. haemosporinids, eimeriids, piroplasms). 

To test this, complete mitochondrial genome sequences from various sampled adeleorinid 

parasites will be compared among each other and to complete mitochondrial genome sequences 

currently available from other major apicomplexan groups. 

Prediction: As observed among haemosporinid, eimeriid, and most piroplasm taxa (see Figure 

2.4) that share structures within groups but differ between groups, the mitochondrial genomes of 

various adeleorinid taxa will show conservation in their genome structure and the configuration 

of their constituent CDS and rDNA components. The mitochondrial genomes of the adeleorinids 

will show differences of structure and major rearrangement events that differentiate them from 

other major apicomplexan groups, just as these groups also differ from each other.12 

  

                                                
11 Hypothesis Two and the Secondary Objective will be investigated in Chapter 7. 
12 To be discussed throughout this thesis and re-examined as whole in Chapter 8. 
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2.6 Brief overview of experimental methods 

In order to accomplish the outlined objectives and test the hypotheses, the following 

experimental methods will be pursued. 

Sample collection and DNA isolation:  

Herptiles will be collected under license (University of Guelph AUP #2532, Ontario 

Wildlife Scientific Collector’s Authorization #APK-2014-16) from the following regions of 

southern Ontario: the Algonquin Park Wildlife Research Station (45°35'N 78°31'W) and the 

areas around Guelph Ontario (e.g. 43°32'N 80°11'W).13 Road-killed rodents will be periodically 

collected in Guelph and screened for the presence of adeleorinid parasites.14 Parasites of interest 

that are not readily available in our sampling location will be generously provided by 

collaborators from various locations across the world. A summary of sample collection, 

associated collaborators and the experimental outcomes of each project are listed in Table 2.3. 

The parasite DNA (along with the host DNA) will be extracted from blood and tissue samples 

using a DNAzol reagent according to the manufacturer’s protocol (Thermo Fisher Scientific, 

Waltham, Massachusetts). After isolation, the mixed host and parasite DNA will be quantified 

spectrophotometrically using a Nanodrop 2000 instrument (Thermo Fisher Scientific). 

Target amplification and sequencing: 

Initially, various publicly available apicomplexan mitochondrial genome sequences will 

be compared to find highly conserved regions that will be used to produce 

pan-Apicomplexa-targeting primers (likely containing ambiguous nucleotides) that will 

hopefully bind to adeleorinid mitochondrial genomes and allow for amplification by polymerase 

chain reaction (PCR). After much trial and error, eventually a PCR amplification reaction will 

succeed and the first sequence will be produced. All PCR amplicons will be sequenced by 

Sanger sequencing. From there, additional primers will be designed to gradually “primer-walk” 

around the remainder of the mitochondrial genome sequence; this is assuming that the genome 

will be circular-mapping.15 

                                                
13 These samples were collected for the projects described in Chapter 3, Chapter 7, and Chapter 8 
14 These samples were collected for the project described in Chapter 6. 
15 These methods will be described in greater detail in Chapter 3. 
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As more adeleorinid mitochondrial genome sequences become available, regions of 

conservation between them will be sought to generate more robust pan-Apicomplexa PCR 

primers that bind to mitochondrial targets. This will allow for more ease of amplifying and 

sequencing additional mitochondrial genomes going forward.16 

If the aforementioned methods fail to produce sequences, there remains the option to 

attempt to generate novel adeleorinid sequences using high throughput next generation 

sequencing (NGS) techniques. These methods can be more cost-prohibitive than PCR/Sanger 

sequencing and NGS can generate a large amount of data that require labour-intensive analyses. 

However, the breadth of sequencing data that can be output by this approach would potentially 

allow for generating multiple sequences of interest without the need of selective targeting 

protocols (as are involved with PCR techniques).17 

Molecular phylogenetics: 

Molecular phylogenetic analyses will be carried out with previously publicly available 

and newly generated nuclear 18S rDNA sequences. These sequences will be aligned following 

the staggered sequence alignment methods described by Barta, 1997. The resulting aligned 

dataset will be used to generate a Bayesian inference phylogenetic consensus tree using the 

MrBayes plugin (v3.2.1; Huelsenbeck and Ronquist 2001; Ronquist et al., 2012) within 

Geneious (version 6.1 or later, www.geneious.com; Kearse et al., 2012) with a general time-

reversible (GTR) substitution model (for 18S rDNA) or codon (M1) model (for mitochondrial 

CDS) plus invariant proportion plus gamma distributed rate variation (6 categories; GTR+I+G) 

with 1,000,000 Markov chain iterations. Trees will be rooted using an appropriate taxonomic 

outgroup. 18  

                                                
16 These methods will be described in greater detail in Chapter 4. 
17 These methods will be described in greater detail in Chapter 5. 
18 These methods will be revisited in greater detail in Chapter 4. 
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2.7 Foreseen limitations 

• The de novo targeting, amplification and sequencing of these previously unsequenced 

adeleorinid genomes will be labour-intensive and challenging. It is likely that there will not 

be enough time to problem solve through each of the proposed collection targets. 

• Collection of some of the target species may be unsuccessful and the recovery of 

single-species infection samples that do not contain other apicomplexan parasites will also be 

difficult (particularly for the Secondary Objective). 

• The parasite DNA will likely be at an infinitesimally small proportion compared to the host 

DNA in extracted samples. This may cause inhibition within PCR reactions and pose a 

potential challenge for selective targeting.  

• Samples of DNA sent from other researchers will undergo potentially damaging conditions 

while in transit. 

• The mitochondrial genomes of the adeleorinid taxa may be divergent from the other 

apicomplexan groups or absent entirely. Generating appropriate universal primers to target 

these novel sequences will be challenging and, if the genome is lacking, impossible. 
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Table 2.3: Sample collection records of adeleorinid parasites of interest 

Parasite of interest Intermediate host Definitive host Locations 
reported 

Sample Source 
(location) 

Experimental 
Outcome References 

Hepatozoon catesbianae 

Frogs - Rana spp. 
(R. clamitans a, R. catesbeiana a, 
[R. pipiens a, R. septentrionalis a,  

R. sylvatica a]) 

Mosquito 
(Culex territans;  
Culex pipiens) 

North America Collected 
(Ontario, Canada) 

Sequences generated 
see Chapters 3 and 7 

Desser et al., 1995;  
Harkness et al., 2010 

Hepatozoon clamatae 
Frogs - Rana spp. 

(R. clamitans a, R. catesbeiana a, R. pipiens a, 
[R. septentrionalis a, R. sylvatica a]) 

Mosquito 
(Culex territans;  
Culex pipiens)  

North America Collected 
(Ontario, Canada) 

Sequences generated 
see Chapter 7 

Kim et al., 1998;  
Harkness et al., 2010 

Hepatozoon sipedon 
Snakes: subfamily Natricinae 

(e.g. Nerodia sipedon a, 
Thamnophis spp. a) 

Mosquitoes 
(Culex territans;  
Culex pipiens) 

North America Collected 
(Ontario, Canada) 

Sequence amplifications 
were unsuccessful 

Smith et al., 1994; 
Smith et al., 1996 

Hepatozoon sp. Brown spotted pit viper 
(Protobothrops mucrosquamatus a) Not known Not previously 

reported 

NGS data provided by  
Dr. A.S. Mikheyev 

(Japan) 

Sequences generated  
see Appendix 6 Not previously reported 

Hepatozoon canis Domestic and wild dogs 
(e.g. Canis lupus familiaris a) 

Tick 
(Rhipicephalus sanguineus) 

Temperate zones 
worldwide 

DNA provided by  
Dr. G. Baneth 

(Israel) 

Sequences generated 
see Chapter 5 Baneth et al., 2007 

Hepatozoon felis Domestic and wild cats 
(e.g. Felis catus a) 

Not identified  
(likely a tick) 

Temperate zones 
worldwide 

DNA provided by  
Dr. G. Baneth 

(Israel) 

Sequence amplifications 
were unsuccessful Baneth et al., 2013 

Hepatozoon griseisciuri Eastern grey squirrel 
(Sciurus carolinensis a) 

Mite 
(Haemogamasus reidi) North America Collected 

 (Ontario, Canada) 
Sequences generated 

see Chapter 6 Clark, 1958 

Karyolysus spp. European lizards 
(e.g. Lacerta viridis a; Podarcis muralis a) 

Mite 
(Ophionyssus saurarum) Europe 

DNA provided by  
Dr. V. Majláhová 

(Slovakia; Hungary) 

Sequence amplifications 
were unsuccessful Haklová-Kočíková et al., 2014 

Haemogregarina balli 
Freshwater turtles 

(e.g. Chelydra serpentina a,  
Chrysemys picta a) 

Leech 
(Placobdella ornata) North America Collected 

 (Ontario, Canada) 
Sequences generated 

See Appendix 5 
Paterson and Desser, 1976; 
Siddall and Desser, 2001 

Haemogregarina sp. Alligator snapping turtle 
(Macrochelys temminckii a) Not identified Texas, USA 

DNA provided by  
Dr. A.R. Alhaboubi 

(Texas, USA) 

Sequences generated 
See Appendix 5  Alhaboubi et al., 2017 

Babesiosoma stableri 
Frogs: Rana spp. 

(R. septentrionalis a, R. clamitans a,  
R. catesbeiana a) 

Leech 
(Desserobdella picta) North America Collected 

 (Ontario, Canada) 
Sequence amplifications 

were unsuccessful Barta, 1991 

Adelina tenebrionis  None Black beetle 
(Heteronychus arator a) New Zealand 

Host provided by  
Dr. P.J. Gerard 
(New Zealand) 

Parasite recovery was 
unsuccessful Malone and Dhana, 1988 

Klossia helicina None Snail 
(Cepaea spp. a) Germany Snails collected  

(Ontario, Canada) 
Parasite not found in 

sampled Ontario snails Schneider, 1875 

Klossiella equi None Domestic and wild equids 
(e.g. Equus ferus caballus a) 

Hungary; 
North America 

Collected 
(Ontario, Canada) 

Sequences generated 
see Chapter 4 

Baumann, 1946; 
Seibold and Thorson, 1955 a, b 

a hosts sampled 
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3. The complete mitochondrial genome sequence of Hepatozoon 
catesbianae (Apicomplexa; Coccidia; Adeleorina), a blood parasite of 
the green frog, Rana clamitans 

(The contents of this chapter have been published as follows: Alexandre N. Léveillé, Mosun E. 
Ogedengbe, Mian A. Hafeez, Hsiang-Hsien (A.) Tu, and John R. Barta. 2014. The complete 
mitochondrial genome sequence of Hepatozoon catesbianae (Apicomplexa: Coccidia: 
Adeleorina), a blood parasite of the green frog, Lithobates (formerly Rana) clamitans. Journal of 
Parasitology. 100: 651–656. doi: 10.1645/13-449.1) 

3.1 Abstract 

A complete mitochondrial genome for the blood parasite Hepatozoon catesbianae 

(Alveolata; Apicomplexa; Coccidia; Adeleorina; Hepatozoidae) was obtained through PCR 

amplification and direct sequencing of resulting PCR products. The mitochondrial genome of H. 

catesbianae was 6397 base pairs (bp) in length and contained 3 protein-coding genes 

(cytochrome c oxidase subunit I [COI]; cytochrome c oxidase subunit III [COIII]; and, 

cytochrome B [CytB]). Sequence similarities to previously published mitochondrial genomes of 

other apicomplexan parasites permitted annotation of 23 putative fragmented rDNA in the 

mitochondrial genome of H. catesbianae, 14 fragmented large subunit (LSU) ribosomal RNA 

gene (rDNA) and 9 fragmented small subunit (SSU) rDNA. Sequences corresponding to 

fragmented rDNA RNA5, RNA8, RNA11 and RNA19 of Plasmodium falciparum were not 

identified in the mitochondrial genome sequence of H. catesbianae. Although the presence of 3 

protein-coding regions and numerous putative fragmented rDNA are features typical for 

apicomplexan mitochondrial genomes, the mitochondrial genome of H. catesbianae possessed a 

structure and gene organization that was distinct among the Apicomplexa. This is the first 

complete mitochondrial genome sequence obtained from any apicomplexan parasite in the 

suborder Adeleorina. 

3.2 Introduction 

Hepatozoon spp. are heteroxenous apicomplexan parasites (suborder Adeleorina) that use 

a wide range of vertebrates as intermediate hosts, including amphibians, reptiles, birds and some 

mammals (Smith, 1996; Baneth et al., 2003). Hepatozoon species are characterized by the 

formation of large thick walled polysporocystic oocysts found within the tissues of blood-feeding 

invertebrate definitive hosts such as dipteran insects, ticks, leeches, mites, lice and fleas that 
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facilitate transmission of the parasite to a vertebrate intermediate host through ingestion of the 

definitive host (Smith, 1996; Barta, 2000). Hepatozoon catesbianae undergoes sexual replication 

in the gut epithelium of a culicine mosquito (Culex territans) definitive host. Consumption of a 

mosquito containing mature, infective oocysts allows for transmission to the green frog (Rana 

clamitans), the intermediate host. Asexual replication then occurs in the hepatocytes of the liver. 

Resulting merozoites enter erythrocytes and develop into large crescent-shaped gamonts that 

remain until they are consumed by blood-feeding mosquitos. Fully developed gamonts usually 

displace the nucleus of the host laterally (Desser et al., 1995; Smith, 1996; Barta, 2000). 

Unfortunately, the presence of these morphologically similar gamonts in infected erythrocytes is 

common to various haemogregarine sensu lato blood parasites in the genera Haemogregarina, 

Karyolysus, Desseria, Cyrilia or Hepatozoon. Assignment to these genera requires knowledge of 

the sporogonic development of these haemogregarines within their invertebrate definitive hosts. 

This requirement precludes assignment of a particular parasite to the appropriate genus by 

morphological features of blood smear specimens (Barta, 2000), although a blood smear can 

demonstrate patent infections with a haemogregarine parasite (Desser et al., 1995; Smith, 1996). 

As well, certain Hepatozoon species seem to have a low host specificity for either or both their 

invertebrate and vertebrate hosts. These pleomorphic characteristics make it difficult to properly 

identify or describe species based solely on morphological features alone (Desser et al., 1995; 

Smith, 1996). 

Mitochondrial genes seem to be useful in phylogenetic comparisons because many are 

conserved across organisms that use oxidative phosphorylation as a means of respiration. The 

mitochondrial gene encoding cytochrome c oxidase subunit I (COI) has sufficient sequence 

variability to effectively delineate recent speciation events and may complement more slowly 

diverging nuclear genes such as the 18S rDNA (Ogedengbe et al., 2011; Pawlowski et al., 2012). 

A recent molecular phylogenetic analysis of adeleorinid parasites using 18S rDNA sequences 

suggested that the genus Hepatozoon is more genetically divergent than previously thought and 

that the genus itself may be paraphyletic (Barta et al., 2012).  It is possible that mitochondrial 

genetic loci may be able to address these open questions by acting as a source of phylogenetically 

informative sequences such as COI and cytochrome B (CytB). 
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Formerly, mitochondrial genome sequences have been available for malarial parasites and 

a few other apicomplexan parasites (e.g. Feagin, 1994; Hikosaka et al., 2011a; Feagin et al., 

2012). Recently, the genome sequences have become available for piroplasms (i.e. Babesia and 

Theileria spp., Hikosaka et al., 2010) and monoxenous coccidia (various Eimeria spp., Hikosaka 

et al., 2011a; Lin et al., 2011), thus providing better insight into the genome evolution, 

organization and gene order. Apicomplexan mitochondrial genomes sequenced to date have a 

wide variability in structure and gene order (Gray et al., 2004; Hikosaka et al., 2011b). 

Apicomplexan mitochondrial genomes have a reduced size (only 6-7kb) and are known to 

possess only 3 protein-coding sequences (CDS): cytochrome c oxidase subunit I (COI); 

cytochrome c oxidase subunit III (COIII); and, cytochrome B (CytB). For parasites in the genus 

Hepatozoon, limited sequence data has been obtained for nuclear ribosomal loci such as 18S 

ribosomal RNA gene (rDNA) (Barta et al., 2012) or ITS-1 sequences (Boulianne et al., 2007), but 

no Hepatozoon sp. mitochondrial DNA sequences have been published to date. The purpose of 

this study was to obtain a complete mitochondrial genome sequence for H. catesbianae, a blood 

parasite of the green frog, Rana clamitans. 

3.3 Materials and methods 

3.3.1 Biological samples and DNA extraction 

Green frogs, Rana clamitans Latrielle, 1801, were collected by hand from the Speed 

River, Guelph, Ontario (43 ̊32'51.12"N, 80 ̊11'51.98"W, Elevation: 311 m ASL). In the 

laboratory, blood was collected by puncturing the maxillary facial vein using the methods 

described by Forzàn et al. (2012). A non-heparinized capillary tube was used to collect the blood 

as it pooled on the surface of the skin. Captured frogs were then returned to their environment. A 

small portion of each blood sample was smeared on a glass slide. Air-dried thin blood films were 

stained with a modified Wright’s stain and then micrographs of gamonts were taken with a Provis 

AXT70TRF Digital Photomicroscope (Olympus, Center Valley, Pennsylvania) using bright-field 

illumination at 400× magnification (Figure 3.1). 
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Figure 3.1: Intraerythrocytic gamonts of Hepatozoon catesbianae within 
nucleated erythrocytes of Rana clamitans.  
(A) Mature gamonts measured 23.4 ±2.32 (18.5 to 27.1) µm by 5.2 ±0.52 (4.2 to 
6.2) µm (n=20) and were found adjacent to an intact host erythrocyte in all cases. 
(B) Immature gamonts were found in a few frogs, indicating a recent invasion of 
the erythrocytes by merozoites. Scale bar = 10 µm. 

 

DNA was extracted from the collected blood samples using a DNAzol BD kit according 

to the manufacturer’s protocol (BIOShop, Molecular Research Center, Inc., USA). After 

isolation, DNA was quantified spectrophotometrically using a Nanodrop 2000 instrument 

(Thermo Scientific, Wilmington, Delaware). The resulting DNA sample contained both host and 

parasite DNA. 

3.3.2 PCR amplification 

Standard PCR was carried out in a MJ Mini thermal cycler (Bio Rad, Hercules, 

California) in a 50µl reaction containing 1× PCR buffer, 2U Platinum Taq Polymerase 

(Invitrogen, Carlsbad, California), 0.8 mM dNTPs, 4 mM MgCl2, 0.5 µM of each amplification 

primer (see Table 3.1) and 100-200 ng DNA template (mixed frog/parasite DNA from infected 

R. clamitans). The PCR reaction profile consisted of an initial melt at 95ºC for 10 min followed 

by 40 amplification cycles (denature at 95ºC for 30 sec, anneal at ~50ºC [varied depending on 

primers used] for 15 sec and extension at 72ºC for ~1min/1kb of expected amplification product 

length) and then terminated with a final extension of 72ºC for 10 min to complete any partial 

products. Annealing temperatures were chosen based on Primer3 (Untergrasser et al., 2012) 
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implemented from within the primer characteristics provided by Geneious Pro (Version 6.1 and 

later, available from http:\\www.geneious.com\). 

Table 3.1: PCR amplification primers and resulting amplicons used for sequencing the complete 
mitochondrial genome of Hepatozoon catesbianae. 

Amplicon Size (bp) Primer names Primer Sequences Anneal 
Temperature 

Fragment 1 2277 
Hep_COB_1F 5'-TGGTTTATGACCGTCAGGCT-3' 

50ºC 
Hep_COB-1797R 5'-AGGTGCTCAGGGTCTTACCG-3' 

Fragment 2 1466 
Hep_CO3_182F 5'-GCGTCGGAATCCTTCTGTCA-3' 

50ºC 
Hep_COB_164R 5'-GCAATTGCGACCAAAAACCCA-3' 

Fragment 3 4366 
Hep_COB_1020F 5'-GTAGATCAATAACATCCATGT-3' 

45ºC 
Hep_COB-1038R 5'-CTGCATACTATATAAGCGGA-3' 

 

3.3.3 PCR product purification 

The PCR products were separated electrophoretically using a submarine 0.8% agarose gel 

with 1× TAE buffer and 5 µL of ethidium bromide dye (10mg/ml, w/v). An appropriate DNA 

size standard ladder (BIO Basics, Markham, Ontario, Canada) was used to determine product 

fragment lengths. Gels were then examined using an ultraviolet transilluminator and DNA bands 

of expected sizes were excised using a sterile scalpel. DNA was extracted from the gel slice using 

the QIAquick Gel Extraction Kit (QIAGEN, Toronto, Canada) according to the manufacturer’s 

instructions. 

3.3.4 Primer design 

All PCR and sequencing primers were developed using Primer3 executed from within 

Geneious Pro. No degenerate primers for apicomplexan mitochondrial CytB were available so 

primers were designed based on an alignment of 36 CytB sequences from apicomplexan parasites 

of various groups (haemosporinids, piroplasms, tissue coccidia and enteric coccidia, data not 

shown). Regions of high sequence identity were used to generate pan-Apicomplexa degenerate 

primers CytB_400F (5'-CCWDRNGGWCAAATGAGYT-3') and CytB_812R 

(5'-TACCAYTCHGGHAYDATDTG-3'). This primer pair was designed to amplify a 412 base pairs 

(bp) fragment within the mitochondrial CytB gene from a wide range of Apicomplexa. Sequence 

data obtained from DNA fragments amplified using the CytB_400F/CytB_812R primer pair was 

then used to design outward-facing (inverse) primers CytB_H_510R 



 

 43 

(5'-AAGCGTCGGATTGGATACGT-3') and CytB_H_540F (5'-CCATTCGTAGTGCTCGGACTG-3'). These 

primers would be expected to amplify nearly the entire mitochondrial genome of H. catesbianae 

less the small region (30 bp) between the amplification primers. Using the 

CytB_H_540F/CytB_H_510R primer pair, a ~6.5 kB fragment was amplified weakly but there 

was evidence of multiple smaller amplification products as well. Sequencing of the resultant PCR 

amplification products were found to contain numerous shorter fragments that interfered with 

successful sequencing by primer walking along the length of the near complete mitochondrial 

genome.  Instead, three pairs of Hepatozoon-specific PCR primers (Table 3.1) were designed to 

amplify three overlapping fragments (Fragments 1, 2 and 3, Table 3.1; Figure 3.2) that generated 

high quality sequences and collectively spanned the entire mitochondrial genome of H. 

catesbianae. 

3.3.5 Fragment sequencing and analysis 

DNA from the 3 amplified mitochondrial genome fragments was then submitted for 

sequencing in both directions with the forward and reverse amplification primers using an ABI 

Prism 7000 Sequence Detection System (Applied Biosystems Inc., Foster City, California) by the 

Molecular Biology Unit of the Laboratory Services Division, University of Guelph (Guelph, 

Ontario, Canada). Chromatograms received from sequencing reactions were imported and 

assembled into contigs using the De Novo Sequence Assembler within Geneious. For the longer 

fragments, internal sequence primers (Table 3.2) were designed to generate complete sequences 

of both strands by primer-walking. Ultimately, complete, high quality contigs based on double-

stranded sequencing of each of the 3 PCR amplification products were obtained. These 3 

fragments overlapped one another by a minimum of 163 bp (Fragments 1 and 2) and by up to 

1,284 bp (Fragments 1 and 3) to produce the complete mitochondrial genome of H. catesbianae 

(see Figure 3.2); overlapping regions showed 100% pairwise sequence identity in all cases. 
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Table 3.2: Additional sequencing primers used for sequencing the complete mitochondrial genome of 
Hepatozoon catesbianae. 

Fragment Primer name Primer Sequence Position from 
genome origin (bp) 

1 

Hep_COB-1797R 5'-AGGTGCTCAGGGTCTTACCG-3' 219 →200 
Hep_COB_1F 5'-TGGTTTATGACCGTCAGGCT-3' 4,340 → 4,359 

Hep_COB_1020F 5'-GTAGATCAATAACATCCATGT-3' 5,333 → 5,353 
Hep_COB_1101R 5'-GGTAGCCAATTACCTCAGT-3' 5,413 → 5,395 

2 

Hep_CO3_182F 5'-GCGTCGGAATCCTTCTGTCA-3' 3,037 → 3,056 
Hep_COB_-655F 5'-ATACAGTGGCGTGACGAGC-3' 3,685 → 3,703 
Hep_COB_-484R 5'-TGTCGACAGCAGTATTGTTTGGT-3' 3,855 → 3,833 
Hep_COB_164R 5'-GCAATTGCGACCAAAAACCCA-3' 4,502 → 4,482 

3 

Hep_COB_1696F 5'-GAGCGACTCGTAAGACACCG-3' 6,040 → 6,059 
Hep_COB-1799F 5'-ACTTCCCTGTGTAGATAGCGGT-3' 222 → 243 
Hep_COI_850F 5'-GATACTGGCTATGGGATGTA-3' 1,430 → 1,411 
Hep_COI_400F 5'-GGATATGGACCAGGTTGGAC-3' 1,888 → 1,869 

Hep_COB-1550R 5'-GAGGATGGAGTAGTGGTAGTAT-3' 2,749 → 2,728 
Hep_COB-1038R 5'-CTGCATACTATATAAGCGGA-3' 3,301 → 3,282 
Hep_COB_1020F 5'-GTAGATCAATAACATCCATGT-3' 5,333 → 5,353 

3.3.6 Sequence data assembly and annotation of rDNA subunit 

Three long open reading frames (ORFs) supposed to represent CDS regions were 

identified using an ORF search utility within Geneious with a mold/protozoan mitochondrial 

translation table (transl_table 4) to guide the search; these ORFs were translated using the same 

translation table and the resulting amino acid sequences were searched against the public 

sequence databases using the BLASTp algorithm to confirm the identities of these 3 CDS. In 

addition, transmembrane predictions for each translation product were made using a Hidden 

Markov Model (HMM) within Geneious and compared to the transmembrane predictions for the 

corresponding products from Plasmodium falciparum (M76611), Eimeria mitis (KF501573) and 

a Hepatocystis sp. (FJ168565). 

Regions demonstrating similarity to small and large subunit fragmented rDNA were 

sought using sequence comparisons to fragmented rDNA previously annotated in Plasmodium 

gallinaceum (AB250690), P. falciparum (M76611, Feagin et al., 2012), Leucocytozoon sabrazesi 

(AB299369) and Eimeria tenella (HQ702484). Mauve genome alignments were performed in 

order to estimate the location of the common sequence structures (progressiveMauve algorithm, 

Darling et al., 2010). All annotated fragmented rDNA sequences were extracted from each of the 

publicly available annotated genome sequences noted above and these fragments were aligned 
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pairwise, where possible, to the H. catesbianae genome sequence. Any fragmented rDNA that 

aligned with H. catesbianae mitochondrial genome with a pairwise sequence identity below 60% 

were excluded from further analysis. Putative fragmented rDNA annotations follow the 

nomenclature of Feagin et al. (2012) in their annotation of the mitochondrial genome of 

Plasmodium falciparum (M76611).  

3.4 Results 

3.4.1 Microscopic observations of intraerythrocytic gamonts 

Intraerythrocytic gamonts of H. catesbianae were observed within nucleated erythrocytes 

of a number of R. clamitans with parasitaemias that ranged from <1% to ~5%. Mature gamonts 

were broadly fusiform lightly basophilic bodies with a wide anterior end that narrowed 

posteriorly to a short recurved posterior (Figure 3.1 A). A central nucleus of diffuse chromatin 

was evident as well as a number of smaller basophilic granules within the cytoplasm of mature 

gamonts. Slight sexual dimorphism of gamonts was noted; macrogamonts (Figure 3.1 A) were 

slightly more basophilic than microgamonts and the nuclei of macrogamonts were more compact 

and stained more darkly than those of microgamonts. Gamonts measured an average of 23.4 

(18.5 to 27.1) µm by 5.2 (4.2 to 6.2) µm (n=20). Gamonts of H. catesbianae were found adjacent 

to a displaced, but intact, host cell nucleus in all cases. In a few frogs, immature gamonts 

resulting from recent invasion of erythrocytes by merozoites were observed (Figure 3.1 B). The 

morphologically similar parasite Hepatozoon clamatae (Stebbins 1905) Smith (1996) was 

observed infrequently infecting frogs at the same locality.  Infections with the latter parasite 

could be distinguished readily by the fragmentation of the nuclei of infected erythrocytes. In a 

few of the sampled animals, a small number of sporozoites of Lankesterella minima (Chaussat, 

1850) Nöller, 1912, an eimeriid coccidium with a heteroxenous lifecycle, were observed infecting 

Green frogs concurrently. Blood from frogs infected by more than 1 hemoparasite was not used 

for generating sequence data from H. catesbianae.  
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3.4.2 Complete mitochondrial genome sequence 

The complete mitochondrial genome of H. catesbianae had a unit length of 6,397 bp with 

an overall G+C content of 38.5% (GenBank Acc. No. KF894962; Figure 3.2). The 

mitochondrial genome organisation consisted of three CDS: COI, COIII and CytB; and the G+C 

content of these CDS was 37.0% for COI, 35.7% for COIII and 35.7% for CytB. As in other 

apicomplexan mitochondrial genomes, many putative fragmented rDNA were identified; 14 

fragmented large ribosomal subunit (LSU) M76611 and 9 fragmented small subunit (SSU) rDNA 

were identified. Each putative fragmented rDNA had sequence similarity to a fragmented rDNA 

that had been functionally annotated in the mitochondrial genome of P. falciparum (M76611, see 

Feagin et al., 2012). Fragmented rDNA encoding RNA5, RNA8, RNA11 and RNA19 in the P. 

falciparum mitochondrial genome were not identified in H. catesbianae (Tables 3.3, 3.4). 

 
Figure 3.2: Annotated complete mitochondrial genome sequence Hepatozoon catesbianae.  
The genome is illustrated in linear form but the actual structure of the genome is not known. Three overlapping PCR 
fragments (Fragments 1, 2 and 3) were used to generate the complete genome sequence; overlap regions 
demonstrated 100% sequence identity between PCR products. Three protein-coding regions (CDS; cytochrome c 
oxidase subunit I [COI], cytochrome c oxidase subunit III [COIII] and cytochrome B [CytB]) were encoded by the 
mitochondrial genome of H. catesbianae. Numerous putative fragmented rDNA were detected in the genome 
between the CDSs; fragmented rDNA nomenclature follows Feagin et al. (2012). Initial genome image was produced 
in Geneious (www.geneious.com; Kearse et al., 2012). 
 

The COI CDS of the H. catesbianae mitochondrial genome was 1,452 bp in length (bp 

2,245→794). A possible signal motif CCATTTAATTTCCA was located just upstream of the 

CDS  that starts with an ATA start codon (transl_table 4 - Mold Protozoan Mitochondrial). The 

proposed stop codon, TGA, is not typical of the mold protozoan mitochondrial translation table 

but is used by the bacterial translation table (transl_table 11). The COIII CDS is 741 bp in length 

(bp 2,943→3,683) and the CytB CDS was 1,113 bp in length (bp 4,396→5,508). An identical 

motif (TTTATTGCTATCTATTT) is found preceding both the COIII CDS and the CytB CDS 

and ran directly into a TTA start codon for both sequences. This motif may represent a signal 

motif (sensu Feagin, 1992). The COIII CDS had a TAA stop codon whereas the CytB CDS 

concludes at a TAG stop codon (Table 3.3). Interestingly, the first 55 bp both the CytB CDS and 

COIII CDS immediately following these possible signal motifs are also identical. This 70 bp 
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duplicated region at the start of the CytB CDS was in the middle of the 166 bp overlap of 

fragments 1 and 2. In order to confirm that this was not an experimental error, a 1,730 bp PCR 

fragment was generated spanning the entire region and subsequently sequenced in both directions 

(4,320→6,049 bp; data not shown). Sequencing confirmed that this duplication was present in 

both COIII CDS and CytB CDS. The repeat regions were upstream of the first transmembrane 

regions predicted by HMM for the H. catesbianae CytB and COIII amino acid sequences (AA) 

(see Supplementary Figure S3.1). 

Table 3.3: Features associated with the protein coding regions of the mitochondrial genome of H. catesbianae. 

Protein coding region Sequence 
size (bp) 

Sequence 
position (bp) Proposed signal motif a Translation 

start codon 
Translation 
stop codon 

Cytochrome c oxidase 
subunit I (COI) 1578 2,245 → 668 

CCATTTAATTTCCA 
(Position: 2,266 → 2,253) 

ATA TAG 

Cytochrome c oxidase 
subunit III (COIII) 741 2,943 → 3,683 

TTTATTGCTATCTATTT 
(Position: 2,928 → 2,944) 

TTA TAA 

Cytochrome b (CytB) 1113 4,396 → 5,508 
TTTATTGCTATCTATTT 
(Position: 4,381→ 4,397) 

TTA TAG 

a Note: Bolded bases within each motif indicate mirror repeats. 
 

The translations of COI, CytB and COIII had 66.7%, 62.1% and 47.3% sequence 

identities with the corresponding translation products of various haemosporinid parasites (a 

species of Hepatocystis, Haemoproteus and Plasmodium, respectively). Transmembrane 

predictions using HMM showed that the H. catesbianae COI AA had the same 12 

transmembrane regions predicted for COI AA of P. falciparum (M76611), E. mitis (KF501573) 

and a Hepatocystis sp. (FJ168565) (see Supplementary Figure S3.2). Likewise, the CytB AA 

had 10 transmembrane regions and the COIII AA had 6 transmembrane regions predicted for the 

corresponding translation products of these same apicomplexan parasites (see Supplementary 

Figures S3.3, S3.4, respectively). 
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Table 3.4: Annotation of fragmented rDNA in H. catesbianae were based on comparison with the 
following mitochondrial genome sequences of related Apicomplexa: Plasmodium falciparum (M76611), 
Plasmodium gallinaceum (AB250690), Leucocytozoon sabrazesi (AB299369) and Eimeria tenella 
(HQ702484). 

Fragmented rDNA a rRNA subunit Position from genome origin (bp) 
SSUA SSU Not found 
SSUB SSU 6,059 - 6,172 
SSUD SSU 349 - 396 
SSUE SSU 3,691 - 3,729 
SSUF SSU 5,563 - 5,617 
LSUA LSU 6,201 - 6,321 
LSUB LSU 3,863 - 3,891 
LSUC LSU 5,922 - 5,943 
LSUD LSU 2,610 - 2,689 
LSUE LSU 40 - 229 
LSUF LSU 5,647 - 5,754 
LSUG LSU 2,328 - 2,433 
RNA1 LSU 2,484 - 2,567 
RNA2 LSU 607 - 672 
RNA 3 LSU 517 - 583 
RNA 5 SSU Not found 
RNA6 LSU 5,988 - 6,022 
RNA 8 SSU Not found 
RNA9 SSU 4,140 - 4,190 

RNA10 LSU 235 - 336 
RNA 11 LSU Not found 
RNA12 SSU 2,269 - 2,327 
RNA13 LSU 3,998 - 4,027 
RNA14 SSU 6,023 - 6,053 
RNA 15 -- 6,173 – 6,199 
RNA17 SSU 2,862 - 2,918 
RNA18 LSU 5,618 - 5,642 
RNA 19 SSU Not found 

a Nomenclature follows Feagin et al. (2012) 
 

3.5 Discussion 

3.5.1 Remarks on the intraerythrocytic gamonts 

Measurements of mature intraerythrocytic gamonts correspond to the dimensions 

(22.09±1.22 × 5.19±0.52 µm) provided by Desser et al. (1995) and the lack of fragmentation of 

the host erythrocyte nucleus was in concordance with the species description of H. catesbianae in 

ranid hosts (Boulianne et al., 2007). 

3.5.2 Remarks on the complete mitochondrial genome sequence of H. catesbianae 

Amplification of a near-complete mitochondrial genome of H. catesbianae using inverse 

primers proved problematic compared with eimeriid coccidia (e.g. Eimeria spp. by Lin et al., 
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2011; Ogedengbe et al., 2013). Generating high quality sequence required the amplification of 3 

smaller, overlapping fragments of the mitochondrial genome of H. catesbianae.   

The mitochondrial genome length established in the present study (6,397 bp) was similar 

to mitochondrial genomes of other apicomplexan parasites (e.g., Feagin et al., 2012). The 

physical structure of the mitochondrial genome copies of H. catesbianae remains unknown and 

examining related apicomplexan parasites provides little guidance. Among apicomplexan 

protists, mitochondrial genome structures are highly diverse, with several structural forms 

(circular, linear or linear-concatenated) being reported (Gray et al., 2004; Hikosaka et al., 2010; 

Hikosaka et al., 2011a, 2011b; Lin et al., 2011; Feagin et al., 2012; Liu et al., 2012; Ogedengbe et 

al., 2013). 

A potential stem-loop structure AGTTAAAAGAACCTATTTACATAGGTTCTTTATACT 

(underlined nucleotides potentially involved in base pairing) with no sequence similarity to other 

sequences from Apicomplexa in GenBank was identified in a non-coding region. For numbering 

purposes, this structure has been designated as the start of the mitochondrial genome sequence 

(bp 1→36 of KF894962). Inverted repeat structures such as these in dsDNA can create cruciform 

hairpin structures and are known to be involved in the initiation of replication and control of gene 

expression in animal mitochondrial genomes (Clayton, 1982; Sinden, 1994; Boulikas, 1996; 

Pearson et al., 1996). It is not known whether this structure plays a role in regulation or 

replication but this possibility may be worth exploring further. 

 
Figure 3.3: Mitochondrial genome configuration of Hepatozoon catesbianae compared with the mitochondrial 
genome configuration of other apicomplexan parasites.  
The start of cytochrome c oxidase subunit I (COI) coding sequence (CDS) was used as a common point of reference. 
The orientation and order of the 3 CDS (COI, cytochrome c oxidase subunit III [COIII] and cytochrome B [CytB]) as 
well as five prominent fragmented ribosomal RNA genes  (rDNA; LSUA, LSUE, LSUF, SSUA and SSUB) are 
mapped onto the primary sequence of each mitochondrial genome. Among the Apicomplexa, the haemosporinids (P. 
falciparum, L. sabrazesi and H. columbae), eimeriid coccidia (E. necatrix and E. mitis) and piroplasms (B. gibsoni 
and T. parva) each have genome structures and configurations that are conserved within each group but differ 
substantively between groups and all differ from the adeleorinid parasite H. catesbianae. Initial genome images were 
produced with Geneious (www.geneious.com; Kearse et al., 2012). 
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3.5.3 Comparison to other sequenced apicomplexan mitochondrial genomes 

All sequenced apicomplexan mitochondrial genomes contain 3 CDSs and many 

fragmented rDNA. However, the order and orientation of the 3 CDSs varies considerably among 

different apicomplexan groups. The genome structure was conserved among closely related 

parasites such as among some of the piroplasms (Hikosaka et al., 2010), among the 

haemosporinids (Hikosaka et al., 2011b) and among the eimeriid coccidia (Hikosaka et al., 2010; 

Lin et al., 2011; Ogedengbe et al., 2013). The mitochondrial genome organization of 

H. catesbianae was dissimilar to all sequenced mitochondrial genomes in the Apicomplexa 

(Figure 3.3). This structurally distinct mitochondrial genome organization is likely to be shared 

by other adeleorinid taxa. To permit comparison among divergent mitochondrial structures, 

mitochondrial genomes of haemosporinids, eimeriid coccidia and piroplasms were linearized 

using the start of the COI CDS as the first base and were compared to H. catesbianae (see Figure 

3.3). The mitochondrial genomes of the haemosporinids (P. falciparum, L. sabrazesi and 

Haemoproteus columbae [NC_012448]) displayed the most overall configuration similarities to 

H. catesbianae. The COIII CDS was in the same orientation as the COI CDS; in contrast, CytB 

CDS appears to be flipped in both location and orientation. The presence of possible signal 

motifs upstream of CDS in mitochondrial genomes has not been well documented although 

Feagin (1992) noted potential “signal motifs” upstream of the 3 CDS found in the P. falciparum 

mitochondrial genome. Our observation of highly conserved imperfect mirror repeats (sensu 

Lang, 2005) immediately upstream of putative start codons for both COIII and CytB was 

suggestive of a transcription regulating sequence (Suplick et al., 1990, Feagin, 1992). Although 

an identical sequence was not found upstream of the proposed COI start codon, there was an 

imperfect mirror repeat within the AT rich region immediately upstream of the start codon for 

that gene as well (Table 3.3). The COIII/CytB motifs and the COI motif have a consensus 

sequence of ‘TTTA(T)…(T)ATTT’ forming a mirror repeat structure. The function of such an 

imperfect mirror repeat, if any, is currently unknown. Similarly, how 2 identical 70 bp regions 

(2,928-2,997 and 4,381-4,450 of KF894962) at the start of COIII and CytB CDS arose is 

unknown. This feature of the H. catesbianae mitochondrial genome was also observed in the 

mitochondrial genome of the closely related adeleorinid parasite Hepatozoon clamatae (see 

Chapter 7). The 18 AA encoded by the repeat region does not seem to affect the transmembrane 

structure of the resulting products. Haemosporinids (e.g., P. falciparum) have AA sequences that 
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are similarly conserved within the start of their COIII and CytB CDSs, especially immediately 

upstream of the first transmembrane region of each translation product (see Supplementary 

Figure S3.1; see Appendix 1). 

Many of the tentatively identified fragmented rDNA locations for H. catesbianae agreed 

with corresponding annotated fragmented rDNA of L. sabrazesi and P. falciparum (see Feagin et 

al., 2012). The putative fragmented LSU and SSU rDNA annotated in the H. catesbianae 

mitochondrial genome were not confirmed functionally (cf. annotations of P. falciparum by 

Feagin et al., 2012). As in all other apicomplexan mitochondrial genomes available, there were 

no sequences corresponding to tRNAs detected in the mitochondrion of H. catesbianae. It is most 

probable that tRNAs requisite for mitochondrial conversion are nuclear-encoded (Gray et al., 

2004).  

3.6 Conclusion 

The novel structure of the mitochondrial genome of H. catesbianae illustrates the value of 

exploring less well-studied apicomplexan parasites. Obtaining primary sequence data and 

discovering a distinct order and orientation of both CDS and putative rDNA illustrates that the 

diversity of mitochondrial genomes available for study within the phylum Apicomplexa has not 

been exhausted by any means. The mitochondrial genome sequence for this adeleorinid blood 

parasite can now be used to design appropriate PCR primers to obtain sequence data for COI (or 

other mitochondrial loci, so-called “DNA barcode” data) from the more than 2000 adeleorinid 

parasites that have been described to date. Should the COI locus be found to be a useful genetic 

target as was found for the eimeriid coccidia (Ogedengbe et al., 2011), DNA barcoding of 

adeleorinid parasites could be used to help define host specificity and perhaps aid in identifying 

invertebrate definitive hosts involved in the complicated lifecycles of these heteroxenous 

parasites (Smith, 1996). Ultimately, resolving the evolutionary relationships among adeleorinid 

parasites and between these parasites and other Apicomplexa or related alveolate taxa (both 

parasitic and free-living protists) may require a species-level molecular marker such as the 

mitochondrial COI locus as well as a more slowly evolving genetic marker such as nu 18S rDNA 

(Ogedengbe et al., 2011; Pawlowski et al., 2012). 
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4. Klossiella equi infecting kidneys of Ontario horses: Lifecycle 
features and multi-locus sequence-based genotyping confirm the 
genus Klossiella belongs in the Adeleorina (Apicomplexa: Coccidia). 

(The contents of this chapter have been published as follows: Alexandre N. Léveillé., Susan K. 
Bland, Karen Carlton, Cédric B. Larouche, Daniel G. Kenney, Emily R. Brouwer, Brandon N. 
Lillie, and John R. Barta. 2019. Klossiella equi infecting kidneys of Ontario horses: Life cycle 
features and multi locus sequence based genotyping confirm the genus Klossiella belongs in the 
Adeleorina (Apicomplexa: Coccidia). Journal of Parasitology. 105: 29-40. doi: 10.1645/18-80) 

4.1 Abstract 

Species in the genus Klossiella Smith and Johnson, 1902 are unique among the suborder 

Adeleorina because they are monoxenous in mammals exclusively, while all other reported 

members of the Adeleorina utilize invertebrates as definitive hosts. Unlike other coccidia, all 

members of the Adeleorina undergo syzygy, the association of microgamonts and macrogamonts 

prior to maturation to gametes and syngamy. Following fertilization, many members of the 

Adeleorina produce thin-walled polysporocystic oocysts. Despite being biologically similar to 

other members of the Adeleorina, the phylogenetic placement of the genus Klossiella has been 

questioned based on its unique host affinity. In the present study, 2 cases of Klossiella equi were 

reported from the kidneys of Ontario horses. Details of the lifecycle as well as mitochondrial and 

nuclear 18S ribosomal DNA (18S rDNA) sequences were analyzed to provide both 

morphological and molecular evidence for the phylogenetic placement of Klossiella equi. 

Initially, various stages of the lifecycle were identified in histological slides prepared from the 

kidney tissue and DNA was isolated from the infected tissue. Polymerase chain reaction and 

Sanger sequencing were used to generate a complete mitochondrial genome sequence (6,569 bp) 

and a partial 18S rDNA sequence (1,443 bp). The K. equi 18S rDNA sequence was aligned with 

various publicly available apicomplexan 18S rDNA sequences. This alignment was used to 

generate a phylogenetic tree based on Bayesian Inference. Multiple K. equi stages were identified 

including meronts, microgamonts, and macrogamonts associating in syzygy as well as thin-

walled oocysts in various stages of sporogonic development. The 18S rDNA sequence of K. equi 

positioned within the monophyletic Adeleorina clade. The mitochondrial genome of K. equi 

contained 3 coding sequences for cytochrome c oxidase I, cytochrome c oxidase III and 

cytochrome b as well as various fragmented ribosomal sequences. These components were 

arranged in a unique order that has not been observed in other apicomplexan mitochondrial 
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genomes sequenced to date. Overall it was concluded that there were sufficient morphological 

and molecular data to confirm the placement of Klossiella equi and the genus Klossiella among 

the Adeleorina. The biological and molecular data obtained from these cases may assist with 

future studies evaluating the prevalence and life history of this seemingly underreported parasite 

and better define the impact of K. equi on the health of domestic and wild equids. 

4.2 Introduction 

 Klossiella equi was first described by Baumann (1946) from the kidney of a horse in 

Hungary. Subsequently, K. equi was reported from donkeys (Akcay and Urman, 1954) and zebra 

(Newberne et al., 1958). Unaware of the previous species description, Seibold and Thorson 

(1955a) independently named Klossiella equi from a donkey in North America; these authors 

later concluded that their parasite and K. equi Baumann 1946 were the same organism (Seibold 

and Thorson, 1955b). Klossiella equi has continued to be identified globally from various 

domestic equids (e.g., Hartman, 1961; Vetterling and Thompson, 1972; Lee and Ross, 1977; 

Karanja et al., 1994; Ballweber et al., 2012). A single case of K. equi in Canada was reported 

from a horse residing in New Brunswick (Austin and Dies, 1981). In most of these cases, 

infection with K. equi was considered non-pathogenic although some alterations to the kidneys of 

infected equids were noted both grossly and histologically in heavy infections (Newberne et al., 

1958; Anderson et al., 1988). Infections are believed to be self-limiting, but some reports of 

chronic infections have been observed in immunocompromised hosts (Reinemeyer et al., 1983; 

Ballweber et al., 2012). Antemortem diagnosis is complicated because the sporocysts found in 

the urine of infected equids are not concentrated easily (Reinemeyer et al., 1983; Reppas and 

Collins, 1995; Ballweber et al., 2012).  

The family Klossiellidae is unique among the suborder Adeleorina Léger, 1911 because 

its single genus, Klossiella Smith and Johnson, 1902, contains well-described species that are 

monoxenous in mammals exclusively (Taylor et al., 1979; Barta, 2000). All other members of the 

Adeleorina utilize invertebrates as definitive hosts (Levine, 1977; Barta, 2000). Unlike other 

coccidia, all members of the Adeleorina undergo syzygy, the association of microgamonts and 

macrogamonts prior to maturation to gametes and syngamy. Following fertilization, many 

members of the Adeleorina produce thin-walled polysporocystic oocysts containing thick-walled 

sporocysts; the latter act as the resilient environmental stage (Levine, 1977; Barta, 2000). In all 
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Klossiella species described to date, gametogony and sporogony occur in kidney tissues (Taylor 

et al., 1979; Barta, 2000). A complete lifecycle for K. equi has not been described from an 

experimentally generated infection. Based on examination of histological preparations from 

naturally infected equids, the lifecycle is believed to be monoxenous with infections initiated by 

ingestion of infective sporocysts from the environment (Gardiner et al., 1988). Tissue stages of 

the lifecycle interpreted as meronts (“schizont” of Vetterling and Thompson, 1972) occur in the 

endothelial cells of the Bowman’s capsule and the epithelial cells of the proximal tubule (PT) 

(Vetterling and Thompson, 1972). This is followed by gamete formation during syzygy within 

the epithelial cells of the thick limb of Henle’s loop leading to the development of fully 

sporulated, polysporocystic thin-walled oocysts (Baumann, 1946; Seibold and Thornson, 1955a; 

Vetterling and Thompson, 1972; Gardiner et al., 1988). The oocysts rupture to release the 

sporocysts liberated in the urine of infected equids and transmission is presumed to occur directly 

through ingestion of these immediately infective sporocysts from the environment (Reinemeyer 

et al., 1983; Reppas and Collins, 1995; Ballweber et al., 2012). Vetterling and Thompson (1972) 

did not believe that sexual development in K. equi involved syzygy; lack of syzygy would raise 

doubts on whether species in the family Klossiellidae are truly members of the Adeleorina. 

Experimental infections could provide valuable information on the morphology and lifecycle of 

these parasites; without such studies, molecular data could provide independent insights into the 

relationships of these unique organisms within the Apicomplexa. Currently, there are no publicly 

available molecular sequences for members of the Klossiellidae. 

Two K. equi cases diagnosed at postmortem provided an opportunity to obtain the first 

sequence data from this genus and histological observations on these cases provided additional 

details on the endogenous development of these poorly understood coccidia. Both details of 

endogenous development and newly generated sequence data (nuclear 18S ribosomal DNA [18S 

rDNA] and a complete mitochondrial genome sequence) strongly support the continued inclusion 

of the genus Klossiella among the Adeleorina. 
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4.3 Materials and methods 

4.3.1 Case material 

The 2 K. equi samples examined in this study were recovered during routine postmortem 

examinations at the Ontario Veterinary College, University of Guelph, Ontario, Canada. Case 1 

was a 4-yr-old castrated male Quarter Horse euthanized for colic in 2016. Case 2 was a 10-yr-old 

female American Paint Horse euthanized for unmanageable pain related to osteoarthrosis of the 

cervical vertebrae in 2017. Antemortem, both horses underwent blood testing with a complete 

blood cell count and biochemistry panel, as well as a urinalysis, as part of their diagnostic 

assessment. There were no identified concerns regarding kidney function. Postmortem, tissues 

from all organs were collected for histopathological examination.  

4.3.2 Histological preparation 

Tissues for histopathology were processed routinely after fixation in 10% buffered 

formalin for 24-48 hr and paraffin embedded. Briefly, 5 µm sections were deparaffinized with 

xylene and rehydrated by a series of graded baths in alcohol and phosphate buffered saline buffer. 

All sections were stained with hematoxylin and eosin, periodic acid–Schiff (PAS) with 

hematoxylin counterstain and vimentin (clone V9; Agilent, Santa Clara, California) by the 

Animal Health Laboratory at the University of Guelph. PAS staining enhanced the brush borders 

of the PT and allowed for differentiation from the thick ascending limb (TAL) and collecting 

ducts. Vimentin immunostaining distinguished collecting ducts from the loop of Henle (LoH) and 

TAL. In addition, PAS staining was found to heighten visualization of the parasites by causing 

the invaded tubule cells to have a notable bright pink color (not shown). 

Histological sections from each case were reviewed by anatomic pathologists (ERB, 

BNL) who are board-certified by the American College of Veterinary Pathologists. Micrographs 

of various K. equi stages were taken with ×40 and ×100 objective lenses using bright-field 

illumination with an Olympus Provis AX70 microscope (Olympus, Tokyo, Japan) fitted with an 

Infinity 3-1C microscopy camera (Lumenera Corp., Ottawa, Canada). 



 

 56 

4.3.3 DNA isolation 

DNA was extracted from frozen Klossiella infected kidney collected at postmortem using 

a DNAzol Reagent according to the manufacturer’s protocol (Thermo Fisher Scientific, Waltham, 

Massachusetts). After isolation, the mixed host and parasite DNA was quantified 

spectrophotometrically using a Nanodrop 2000 instrument (Thermo Fisher Scientific). 

4.3.4 Primer design 

All newly generated polymerase chain reaction (PCR) and sequencing primers were 

developed using Primer3 (Koressaar and Remm, 2007; Untergasser et al., 2012) executed from 

within Geneious (version 6.1 or later, www.geneious.com; Kearse et al., 2012). Two Adeleorina-

specific primers targeting the 18S rDNA (Adel_18S_1000F and Adel_18S_1522R) were 

generated from an alignment of publicly available adeleorinid 18S rDNA sequences. Universal 

apicomplexan mitochondrial primers were generated from alignments of highly conserved 

regions of the mitochondrial genomes of a taxonomically diverse collection of adeleorinid and 

other apicomplexan mitochondrial genomes; conserved regions were identified in both ribosomal 

and coding sequence (CDS) regions. Additional sequencing primers were generated within the 

cytochrome c oxidase subunit I (COI), cytochrome c oxidase subunit III (COIII) and cytochrome 

b (CytB) CDS of K. equi to generate contiguous sequence coverage through these less conserved 

regions (see Tables 4.1, 4.2). 

Table 4.1: PCR amplification and sequencing primers used to amplify the complete mitochondrial genome 
sequence of Klossiella equi. 

Amplicon Size (bp) Primer names Primer Sequences Anneal Temperature a 

Mitochondrial 
Amplicon 1 

(see Figure 4.3) 
1,464 

Api_LSUE_R b 5'-AGGTGCTCAGGGTCTTACCG-3' 
64°C 

Api_LSUF_R 5'-ACCTGTTATCCCCGGCGWA-3' 

Mitochondrial 
Amplicon 2 

(see Figure 4.3) 
6,037 

Haem_RNA14_F 5'-GAAACCTTCCTGAKCGACTC-3' 
62°C 

Api_LSUG_R 5'-AGATAGGGAACAAACTGYCTCAA-3' 

Partial Nuclear 
Ribosomal  
18S rDNA 

1,442 
Medlin_A (F) c 5'-AACCTGGTTGATCCTGCCAGT-3' 

62°C 
Adel_18S_1522R 5'-AYCCTATTTAGCAGGTTAAGGT-3' 

a Estimated for high fidelity PCR using Thermo Fisher Tm calculator for Platinum SuperFi DNA polymerase 
(www.thermofisher.com). 
b Same as “Hep_COB-1797R” from Chapter 3 
c Universal forward primer from Medlin et al., 1988 
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4.3.5 PCR amplification and amplicon isolation 

A portion of the nuclear 18S rDNA of K. equi was amplified using the universal forward 

primer Medlin A (F) (from Medlin et al., 1988) and an Adeleorina-specific reverse primer 

Adel_18S_1522R (Table 4.1). The mitochondrial genome of K. equi was amplified as 2 

overlapping amplicons. After multiple attempts of combining various universal apicomplexan 

mitochondrial genome primers (results not shown), the combination of primers Api_LSUE_R 

and Api_LSUF_R amplified Amplicon 1 (Table 4.1). After sequencing Amplicon 1, outward 

facing primers Api_LSUG_R and Haem_RNA14F located within the first sequence were 

selected to generate Amplicon 2 that overlapped both ends of Amplicon 1 and covered the 

remainder of the mitochondrial genome (see Tables 4.1, 4.2).  

High fidelity PCR was carried out in a MJ Mini thermal cycler (Bio-Rad Laboratories, 

Inc., Hercules, California) in a 25 µl reaction containing 1× Invitrogen Platinum SuperFi PCR 

Master Mix (Thermo Fisher Scientific), 0.5 mM of each amplification primer (see Table 4.1) and 

~200-300 ng of mixed parasite/host DNA template. The PCR reaction profile for high fidelity 

PCR consisted of an initial melt at 98 C for 30 sec followed by 35 amplification cycles (denature 

at 98 C for 10 sec, anneal at ~60 C [specific to primers chosen, see Table 4.1] for 10 sec and 

extension at 72 C for 15-30 sec/1 kb of expected product) terminated with a final extension of 72 

C for 5 min to complete any partial products. Annealing temperatures were chosen using the 

Thermo Fisher Platinum SuperFi DNA polymerase Tm calculator (www.thermofisher.com). The 

PCR products were separated electrophoretically using a submarine 0.8 - 1.4% agarose gel with 

1× TAE buffer (50ml) and 2 µL of ethidium bromide dye (10mg/ml, w/v). The GeneRuler 1kb 

Plus DNA size ladder (Thermo Fisher Scientific) was used to determine the product amplicon 

length. The gel was then examined using an ultraviolet transilluminator and the DNA band of the 

expected size was excised using a new, sterile scalpel. DNA was extracted from the gel slice 

using the QIAquick Gel Extraction Kit (Qiagen, Hilden, Germany) according to the 

manufacturer’s instructions.  
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Table 4.2: Additional sequencing primers used to generate the complete mitochondrial genome sequence of 
Klossiella equi. 

4.3.6 PCR amplicon sequencing and analysis 

The purified PCR amplicons were then sequenced in both directions with the forward and 

reverse amplification primers supplemented with internal sequencing primers (Table 4.2) using 

an Applied Biosystems 3730 DNA Analyzer (Applied Biosystems Inc., Foster City, California) 

by the Molecular Biology Unit of the Laboratory Services Division, University of Guelph 

(Guelph, Ontario, Canada). Chromatograms received from sequencing reactions were imported 

and assembled into contigs using the De Novo Sequence Assembler within Geneious. The 2 

mitochondrial genome sequence contigs overlapped one another by 599 base pairs (bp) and 333 

bp to produce the complete mitochondrial genome of K. equi; overlapping regions showed 100% 

pairwise sequence identity in all cases. 

4.3.7 Annotation and analysis of protein-coding regions 

Open reading frames (ORF) in the assembled mitochondrial genome were identified using 

an ORF search utility within Geneious based on the mold protozoan mitochondrial translation 

table (transl_table 4) guiding the search; identified ORFs were translated using the same 

Amplicon Primer name Primer Sequence Position from start 

Mitochondrial  
Amplicon 1 

Api_LSUE_R 5'-AGGTGCTCAGGGTCTTACCG-3' 1,535→1,554 
Api_LSUG_F 5'-TTGAGRCAGTTTGTTCCCTATCT-3' 1,845→1,867 
Api_LSUF_R 5'-ACCTGTTATCCCCGGCGWA-3' 2,998→2,980 

Mitochondrial 
Amplicon 2 

 

Api_LSUG_R 5'-AGATAGGGAACAAACTGYCTCAA-3' 1,867→1,845 
Api_LSUE_F 5'-GGTAAGACCCTGAGCACCT-3' 1,553→1,535 

Kloss_COIII_230R 5'-CCACCCCAGAAGTATGCAGT-3' 1,014→995    
Haem_RNA18_R 5'-ACCAGGCATGCAATACCGAA-3' 488→469 
Api_RNA17_R 5'-ACCAGCCTGGGATCRWAA-3' 330→313 
Api_SSUE_R 5'-CGTGACGAGCGGTGTGT-3' 6,030→6,046 

Api_RNA10_F 5'-GTAAGGAAWAGGWAAGRTTAACCGC-3' 6,247→6,223 
Kloss_CytB_201F 5'-CGTGAAATAGGAAGTGGTTGGT-3' 5,115→5,136 

Api_RNA8_F 5'-CACYGGATTGGATACCCRG-3' 4,662→4,680 
Kloss_COI_350R 5'-TCCAAATTCAGCTGCGGTTG-3' 4,149→4,168 

COXI_10F a 5'-GGWDSWGGWRYWGGWTGGAC-3' 4,151→4,132 
Toxo_WG_Inv774R b 5'-AATRTATACTTCWGGATGTCC-3' 3,774→3,794 

Api_LSUF_F 5'-GTWCGCCGGGGATAACAGGT-3' 2,979→2,998 
Haem_RNA14F 5'-GAAACCTTCCTGAKCGACTC-3' 2,400→2,419 

Partial Nuclear 
Ribosomal 
18S rDNA 

Medlin_A (F) c 5'-AACCTGGTTGATCCTGCCAGT-3'   1→22 
18S_696R d 5'-TACGAGCYTTYTAACTGCAAC-3' 671→651 

Adel_18S_1000F 5'-AGATACCGTCGTAGTCTTAACT-3' 1,089→1,110 
Adel_18S_1522R 5'-AYCCTATTTAGCAGGTTAAGGT-3' 1,442→1,421 

a 10F primer from Hafeez et al. (2014) 
b M.E. Ogedengbe and J.R. Barta (unpubl. data) 
c Universal forward primer from Medlin et al. (1988) 
d Ogedengbe (2015) 
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translation table and the resulting amino acid sequences were searched against the public 

sequence databases using the DELTA-BLAST algorithm (Altschul et al., 1990; Boratyn et al., 

2012) to identify each ORF in relation to similar protein sequences.  

4.3.8 Annotation of mitochondrial ribosomal DNA sequences 

The fragmented mitochondrial rDNA of K. equi were annotated based on similarity to the 

fragmented rDNA previously annotated in the Plasmodium falciparum mitochondrial genome 

(M76611; Feagin et al., 2012) as outlined by Chapter 3. Any fragmented rDNA that aligned with 

a pairwise sequence identity below 70% were excluded from further analysis. Putative 

fragmented rDNA annotations follow the nomenclature of Feagin et al. (2012) in their annotation 

of the mitochondrial genome of P. falciparum. 

4.3.9 Generation of nuclear 18S rDNA molecular phylogenetic tree 

To assess the phylogenetic position of Klossiella equi within the Apicomplexa, molecular 

phylogenetic analyses were conducted using the newly generated K. equi partial 18S rDNA 

sequence (MH211602) along with a large number of publicly available 18S rDNA sequences 

from apicomplexan and other alveolate taxa (see Suppl. Table 4.1, Appendix 2). Sequences 

were aligned initially using Clustal W (Larkin et al., 2007) implemented from within Geneious. 

The primary alignment was then optimized by eye using a staggered alignment method (Barta, 

1997; Chenna et al., 2003) based on the staggered alignment of Barta et al. (2012). The resulting 

aligned dataset was used to generate a Bayesian inference phylogenetic consensus tree using the 

MrBayes plugin (v3.2.1; Huelsenbeck and Ronquist 2001; Ronquist et al., 2012) within Geneious 

(see Suppl. Dataset). Parameters used within MrBayes were: Substitution model: General time-

reversible (GTR); Rate variation: gamma (6 categories); Chain Length: 1,000,000; Heated chains: 

4; Heated Chain Temp: 0.2; Subsampling Frequency: 1,000; Burn-in Length: 50,000; Random 

Seed: 11,333 (assigned randomly). Several species representing alveolate sister taxa to the 

Apicomplexa were included in the analysis including members of the Dinoflagellata 

(Prorocentrum minimum [AY421791], Lessardia elongata [AF521100], Akashiwo sanguinea 

[EF492486] and Scrippsiella nutricula [SNU52357]) and Chromera velia (DQ174731) a member 

of the Chromerida. Trees were rooted using dinoflagellates as the taxonomic outgroup.  
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4.4 Results 

Equine renal coccidiosis caused by K. equi was identified incidentally in kidney tissues of 

2 Ontario horses following euthanasia to address other clinical issues.  

4.4.1 Histological observations 

Case 1: Histopathological examination of the kidney revealed focal areas of tubular 

degeneration within the medullary rays consisting of epithelial attenuation, apoptotic figures and 

cell sloughing into the tubular lumens. Tubular epithelial regeneration was evident consisting of 

increased mitotic figures, anisocytosis and anisokaryosis. Expanding the interstitium, adjacent to 

some of the affected tubules, were increased numbers of lymphocytes, plasma cells, and rare 

neutrophils. Numerous stages of K. equi were observed in the inner and outer stripe of the outer 

medulla. No inflammatory infiltrates were seen adjacent to TAL containing developing K. equi 

stages nor was tubular necrosis noted in tubules infected by K. equi.  

Case 2: The kidney showed marked segmental tubular necrosis consisting of disruption of 

the tubular basement membrane, luminal debris and peritubular neutrophilic inflammation within 

several presumed proximal tubules extending from the outer cortex to the outer medulla. Case 2 

had fewer visible parasites than Case 1; small numbers of parasites were scattered in the cortex 

(meronts) with additional stages observed in the inner and outer stripe of the outer medulla. There 

was no inflammatory cell visible adjacent to tubules infected with K. equi.  
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Figure 4.1: Micrographs of Klossiella equi life stages observed in histological preparations  

of infected equine kidney. - Caption on following page 
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4.4.2 Observations of lifecycle stages 

The majority of stages comprising the complete endogenous development of K. equi 

could be observed in these cases; merogonic stages were observed from Case 2 exclusively and 

gametogonic and sporogonic stages were observed in both cases. A single meront was observed 

near a glomerulus (Figure 4.1 A) while all other meronts were observed in the PT, within 

epithelial cells (Figure 4.1 B, C) or in the lumen (Figure 4.1 D). Gametogonic (Case 1 [few] and 

Case 2) and sporogonic (Case 1 and Case 2 [few]) stages were observed within epithelial cells 

lining the LoH and the TAL. Stages interpreted as a microgamont and a macrogamont were 

observed together in a parasitophorous vacuole within an epithelial cell of the TAL, the 

microgamont sitting within an infolded pocket of the macrogamont (Figure 4.1 E). Two small 

nuclei were observed and interpreted as developing microgametes in close apposition to a 

macrogamete (Figure 4.1 E). Thin-walled oocysts undergoing sporogony were observed within 

distended epithelial cells lining the LoH and TAL (Figure 4.1 F-J). 

4.4.3 Phylogenetic tree 

The 18S rDNA-based Bayesian tree was rooted using a number of dinoflagellate taxa. 

The single chromerid taxon, Chromera velia, was the sister taxon to the monophyletic 

Apicomplexa. Members of the Apicomplexa resolved into 2 major clades; the first contained 

extracellular and epicellular parasites (gregarines and cryptosporids, respectively) and the second 

was composed of intracellular apicomplexan parasites. Among this second clade of intracellular 

apicomplexan parasites, 1 clade of parasites contains members that typically infect invertebrate 

definitive hosts (i.e., adeleorinids, piroplasms and haemosporinids) and the second clade contains 

parasites that use vertebrates as definitive hosts (i.e., sarcocystids and eimeriids). Exceptionally, 

the monoxenous parasite of equids, K. equi, was found within a large clade of adeleorinid 

parasites (Figure 4.2).   

Caption for Figure 4.1: (A) Meront (arrowhead), containing merozoite nuclei (Nu), associated closely with the 
glomerulus. (B) Meront (arrowhead) within PT epithelial cell. (C) Enlarged meront being everted into the PT lumen. 
(D) Enlarged meront in the lumen of the PT, Nu replicating. (E) Syzygy: Microgamont (Mio) within infold in the 
macrogamont (Mao), inside a parasitophorous vacuole. Two microgametes (Mie) are interpreted as associating with 
a potential macrogamete (Mae). (F) Early sporonts (Sp) within developing oocysts. (G) Sporonts undergoing nuclear 
division to form sporoblasts. (H) Sporont with budding sporoblasts (Sb) within visible oocyst wall (OW) and 
parasitophorous vacuole membrane (PVM). (I) Developing sporocysts within oocyst that retains its OW. (J) Mature 
sporocysts (Sc) containing multiple sporozoites (Sz) were observed within an irregular parasitophorous vacuole in 
which the oocyst wall appeared to be discontinuous; some sporocysts visible in the lumen. Slides stained with 
haematoxylin and eosin; all scale bars = 25 µm. 
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Figure 4.2: Phylogenetic tree generated through Bayesian analysis of nuclear 18S rDNA alignment.  
Near-complete nuclear 18S rDNA sequences were sampled from various members of the Apicomplexa (shown in 
black) and other members of the Alveolata (Chromerida and Dinoflagellata shown in grey). For the Apicomplexa, 
associated definitive hosts defined as either vertebrates (mammals specified for Klossiella) or invertebrates are 
shown in parentheses. Horizontal distance is proportional to hypothesized evolutionary change. Numerical values 
represent the posterior probability value for each node. Trees were generated using a general time-reversible (GTR) 
substitution model with gamma distributed rate variation (6 categories). Trees were rooted using dinoflagellates as 
the taxonomic outgroup. Initial tree image was produced by Geneious (www.geneious.com; Kearse et al., 2012). 
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4.4.4 Complete mitochondrial genome sequence 

The complete mitochondrial genome of Klossiella equi had a unit length of 6,569 bp with 

an overall G+C content of 34.6% (MH203050). The circular-mapping mitochondrial genome 

organization (Figure 4.3) consisted of 3 protein-coding genes (COI, COIII, and CytB; Table 

4.3); the G + C content of these protein-coding genes was 31.2% for COI, 27.6% for COIII, and 

30.7% for CytB. As in other apicomplexan mitochondrial genomes, many putative fragmented 

rDNA were identified: 16 large subunit (LSU) fragmented rDNA; 11 small subunit (SSU) 

fragmented rDNA; and, 8 unassigned fragmented rDNA (Table 4.4). Each putative fragmented 

rDNA had a pairwise identity greater than 70% to a corresponding fragmented rDNA 

functionally annotated previously in the mitochondrial genome of Plasmodium falciparum 

(M76611, see Feagin et al., 2012). The K. equi mitochondrial genome encoded a duplicate, 

slightly truncated, copy of RNA15. The sequence for LSUA was fragmented in 2 pieces with the 

start and the end of the gene occurring at different locations. Sequences identified as SSUE and 

RNA7 overlapped with the 3' end of the CytB CDS. Fragmented rDNA encoding RNA12 and 

RNA16 in the P. falciparum mitochondrial genome were not identified in K. equi (Tables 4.3, 

4.4).  

Table 4.3: Features associated with the protein-coding regions of the mitochondrial genome of Klossiella equi. 

Protein coding region Sequence size 
(bp) Sequence position (bp) Translation 

start codon 
Translation 
stop codon 

Cytochrome c oxidase subunit I (COI) 1,443 4,529 → 3,087 ATG TAA 

Cytochrome c oxidase subunit III (COIII) 747 761 → 1,507 ATG TAA 

Cytochrome b (CytB) 1,302 4,914 → 6,215 ATG TAG 

 

The translated K. equi COI product had a 75% sequence identity with the COI translation 

product of Hepatozoon catesbianae (AIG55088) as well as a 69-70% sequence identity with the 

COI of various Plasmodium species. The K. equi COIII had a 54% sequence identity with the 

COIII translation product of H. catesbianae (AIG55090) and 46-51% sequence identity with the 

COIII translation products of various Plasmodium species and other haemosporinid species. The 

K. equi CytB had 64-70% sequence identity with the CytB translation products of various 

haemosporinid species and only a 67% sequence identity with the CytB of H. catesbianae 

(AIG55089).  
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Figure 4.3: Annotated complete mitochondrial genome sequence of Klossiella equi, illustrated in both 
circular and linear forms.  
Two overlapping PCR products (Amplicons 1 and 2) were used to generate the complete genome sequence; overlap 
regions demonstrated 100% sequence identity between PCR products. Three protein-coding regions (cytochrome c 
oxidase subunit I [COI], cytochrome c oxidase subunit III [COIII], and cytochrome b [CytB]) were encoded by the 
mitochondrial genome of K. equi. Numerous putative fragmented rDNA were detected in the genome; fragmented 
rDNA nomenclature follows Feagin et al. (2012). Initial genome images were produced with Geneious 
(www.geneious.com; Kearse et al., 2012). 
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Table 4.4: Annotation of ribosomal rDNA fragments of the mitochondrial genome of Klossiella equi based on 
comparison with Plasmodium falciparum. 

Fragment a rRNA 
assignment b 

Position from genome 
origin (bp) 

Sequence 
length (bp) 

Pairwise identity to 
Plasmodium falciparum c 

SSUA SSU 374 → 467 94 90.4% - partial 
SSUB SSU 2,550 → 2,436 115 89.7% 
SSUD SSU 503 → 570 68 91.2% 
SSUE SSU 6,066 → 6,028 39 90.2% 
SSUF SSU 2,898 → 2,958 61 97.0% 

LSUA LSU 642 → 683 
302 → 191 

42 
112 

83.7% 
87.8% 

LSUB LSU 4,707 → 4,744 38 73.7% 
LSUC LSU 2,633 → 2,613 21 86.4% 
LSUD LSU 2,151 → 2,069 83 85.5% 
LSUE LSU 1,715 → 1,521 195 91.3% 
LSUF LSU 2,956 → 3,070 115 87.0% 
LSUG LSU 1,771 → 1,876 106 97.2% 
RNA1 LSU 1,921 → 2,006 86 81.6% 
RNA2 LSU 2,858 → 2,810 49 93.9% - partial 
RNA3 LSU 2,377 → 2,303 75 86.7% 
RNA4 -- 6,344 → 6,388 45 82.2% - partial 
RNA5 SSU 4,837 → 4,748 90 78.9% 
RNA6 LSU 628 → 576 53 92.5% 
RNA7 -- 6,208 → 6,127 82 91.5% 
RNA8 SSU 4,621 → 4,706 86 90.7% 
RNA9 SSU 2,158 → 2,196 39 87.5% - partial 

RNA10 LSU 6,304 → 6,219 86 75.3% 
RNA11 LSU 2,693 → 2,746 54 77.2% 
RNA12 SSU Not Found -- -- 
RNA13 LSU 2,868 → 2,897 30 86.7% 
RNA14 SSU 2,393 → 2,433 41 92.7% 

RNA15 -- 4,613 → 4,583 
187 → 160 

31 
28 

93.5% 
92.9% 

RNA16 -- Not Found -- -- 
RNA17 SSU 312 → 351 40 85.0% 
RNA18 LSU 467 → 491 25 100.0% 
RNA19 SSU 1,750 → 1,722 29 76.7% 
RNA20 -- 2,675 → 2,637 39 79.5% 
RNA21 -- 3,072 → 3,093 22 81.8% 
RNA22 -- 1,879 → 1,914 36 83.3% 
RNA23t -- 2,030 → 2,063 34 82.9% 

a Nomenclature follows Feagin et al. (2012) 
b Based on assignment by Feagin et al. (2012) 
c Pairwise identity to corresponding rRNA fragments mapped to the Plasmodium falciparum 
mitochondrial genome (M76611, Feagin et al., 2012). Fragments with a pairwise identity below 70% 
were not annotated on the Klossiella equi mitochondrial genome. 
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4.5 Discussion  

4.5.1 Pathological remarks 

The cases reported in this study demonstrated different phases of K. equi infections in the 

horse kidney. Case 2 was interpreted as an early infection with moderate numbers of merogonic 

stages but only a few gametogonic and sporogonic stages. Case 1 was interpreted as a more 

advanced (well established) infection with an absence of merogonic stages, few gametogonic 

stages, and many sporogonic stages. Despite the numerous stages of K. equi occupying and 

deforming tubule cells, especially in Case 1, antemortem examinations showed no evidence that 

either horse had altered kidney functions. Other than direct damage to infected cells, the 

histopathological lesions observed in kidneys from both Case 1 and Case 2 had no clear 

association with the K. equi infections; other factors, including dehydration and the use of anti-

inflammatory and antibiotic drugs, may have been responsible for the development of the 

observed histopathological lesions. Therefore, the impact of these infections on kidney function 

could not be evaluated in these cases. Additional research is needed to provide a better 

understanding of the pathological effects of K. equi on the kidney. 

4.5.2 Remarks on the K. equi lifecycle 

The meronts (schizonts) reported in the endothelial cells of the Bowman’s capsule and the 

epithelial cells of the PT by Vetterling and Thompson (1972) were not clearly described and were 

difficult to discern in the images they published. The stages identified as meronts in the present 

study were observed near a glomerulus and in the PT, within epithelial cells, and in the lumen. 

The intracellular meront observed near the glomerulus appeared morphologically consistent with 

meronts (schizonts) reported from Klossiella muris in murine glomeruli, reported as “in the 

endothelial cells of glomerular capillaries” (p.63 of Yang and Grice, 1964). There was 

insufficient evidence to identify the particular cell type in which the glomerulus-associated 

meront of K. equi was developing. The meronts observed in the PT were consistent with meronts 

(schizonts) described by Vetterling and Thompson (1972) and Lee and Ross (1977) in the same 

location; however, many were observed in the lumen of the PT as photographed but not described 

by Lee and Ross (1977). As illustrated in Figure 4.1 B-D it appears that the meronts originated in 

PT epithelial cells and may have been everted into the lumen as they enlarged.  
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In the current study, gametogonic and sporogonic stages were observed in the LoH and 

the TAL but not observed in the distal convoluted tubules or collecting ducts as reported by 

Reppas and Collins (1995). Vetterling and Thompson (1972) were not convinced that syzygy 

occurred during infections with K. equi. Our observation of stages we interpreted to be 

microgamonts and macrogamonts associating in syzygy (Figure 4.1 E) support the presence of 

syzygy in the lifecycle of this parasite. Comparable stages were represented in figure 6 of 

Vetterling and Thompson (1972) but were interpreted as a “macrogamete containing a 

microgamete”. Stages that were potentially microgametes and macrogametes were also observed 

in this study (Figure 4.1 E) and were comparable to stages represented in figures 4 and 5 of 

Vetterling and Thompson (1972). The interpreted gametogonic stages from the present study 

were comparable to the gametogonic stages of Haemogregarina balli depicted by electron 

microscopy (figs. 11, 16, 17 of Siddall and Desser, 1990). Future studies of K. equi may benefit 

from the use of electron microscopy to provide better understanding and details of the life 

history. The typically serendipitous discovery of most K. equi cases makes recovering fresh 

tissue samples suitable for electron microscopy challenging. 

The sporogonic stages observed from the currently described K. equi cases were 

consistent with the previous observations of Baumann (1946), Seibold and Thornson (1955a), 

and Vetterling and Thompson (1972). Vetterling and Thompson (1972) could not confirm that an 

oocyst wall formed around developing sporonts. However, we observed a thin oocyst wall within 

the parasitophorous vacuole surrounding various stages of sporogony (Figure 4.1 H, I). Based on 

our observations and those previously reported, we conclude that there is sufficient 

morphological evidence to retain Klossiella equi within the genus Klossiella Smith, 1902 

(Coccidia: Adeleorina). 

4.5.3 Remarks on 18S rDNA and molecular phylogenetics 

The phylogenetic utility of morphological features of protistan parasites has been 

criticized for being subjective or unreliable because of a paucity of reliable characters (see 

Ogedengbe et al., 2018). Application of molecular phylogenetics using suitable genetic loci can 

lend support or challenge morphological character-based phylogenetic hypotheses (Pisani et al., 

2007). To assess the molecular phylogenetic relationship of K. equi with other members of the 
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Adeleorina and the Apicomplexa, a phylogenetic tree based on nuclear 18S rDNA sequences was 

generated. 

The 18S rDNA locus is a popular molecular phylogenetics target with many sequences 

available for a wide variety of apicomplexan organisms including members of the Adeleorina. 

The gene contains well-conserved regions that allow for amplification in a wide range of 

organisms (see Medlin et al., 1988). These conserved regions are interspersed among variable 

regions that provide sequence diversity necessary for the study of relationships among widely 

diverse organisms such as members of the Apicomplexa. The 18S rDNA phylogenetic tree 

generated in this study was similar to other 18S rDNA-based that included adeleorinid taxa (e.g., 

Barta and Thompson, 2006; Barta et al., 2012) and supported the monophyly of the members of 

the Adeleorina (Figure 4.2). Importantly, K. equi was found within this adeleorinid clade, 

providing strong molecular evidence for the placement of the genus Klossiella among the 

Adeleorina.  

It can be proposed that the diverse branches of the adeleorinid taxa may have evolved 

from an ancestral monoxenous parasite that infected an invertebrate. Biological similarities can 

be drawn between members of the genus Klossiella and the monoxenous adeleorinid genus 

Klossia. The type species, Klossia helicina, invades the kidney epithelium of snails; other known 

members of the Adeleorina invade intestinal epithelial cells (Volkmann, 1967). Klossia and 

Klossiella species may have shared a common ancestor that infected similar tissues in an 

ancestral mollusc host. An ancestral parasite that ultimately gave rise to Klossiella species may 

have undergone a host switch through repetitive predation, either purposeful or accidental, of the 

invertebrate host, potentially a mollusc ancestor, by a compatible vertebrate host. It is plausible 

that the switch to a mammalian definitive host happened as a parallel adaptation to the 

development of heteroxenous lifecycles between invertebrate definitive hosts and vertebrate 

intermediate hosts as seen in other Adeleorina.  

The 18S rDNA does present some limitations for phylogenetic analyses because this locus 

may possess limited genetic divergence between homologues among closely related species 

(Zhao et al., 2001; Morrison et al., 2004; Barta et al., 2012). Unusually, multiple rDNA gene 

arrays within the nuclear genomes of some apicomplexan parasites can cause high genetic 
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divergence among paralogues within individual parasites (McCutchan et al., 1988; Goethert et 

al., 2006; see Ogedengbe et al., 2018).  

4.5.4 Remarks on the complete mitochondrial genome sequence of K. equi 

In addition to the 18S rDNA, protein-coding regions of the mitochondrial genome are 

widely regarded as useful genetic targets for studying the diversity of eukaryotes and are 

particularly informative for species-level differentiation (i.e., DNA barcoding, Herbert et al., 

2003). Most apicomplexan mitochondrial genomes are small in length (~6,000 bp) and have 

limited but conserved gene content (i.e., COI, COIII, and CytB) (Feagin, 1994, 2000; Hikosaka et 

al., 2013). Apicomplexan CDS have been shown to be superior to 18S rDNA sequences for 

species-level diagnostics and molecular phylogenetics of the eimeriid coccidia (Ogedengbe et al., 

2011, 2018). Comparing whole apicomplexan mitochondrial genomes can also be biologically 

informative not only because their protein-coding regions can have highly divergent sequences 

but also because the protein-coding genes can be arranged differently between various taxonomic 

groups (e.g., Hikosaka et al., 2013).  

The circular-mapping mitochondrial genome of K. equi (6,569 bp, Figure 4.3) was 

similar in many respects to mitochondrial genomes of other members of the Apicomplexa (e.g., 

Hikosaka et al., 2011a, 2013; Feagin et al., 2012; Chapter 3). The mitochondrial genomes of 

most apicomplexan parasites are circular-mapping; however, such circular-mapping genomes 

have been reported to exist as linear concatemers in Plasmodium species and other Apicomplexa 

(Feagin, 1994, 2000; Hikosaka et al., 2011a, 2013; Feagin et al., 2012). It is not known if the 

mitochondrial genome structure of K. equi is circular or linear concatenated. Currently, there is 

no proposed structure for the apicomplexan mitochondrial genome origin of replication. There 

was a region in the K. equi mitochondrial genome that contained structures suggestive of an 

origin of replication. The proposed region (340 bp, located 6,389-6,569 and 1-160 bp) contained 

2 small inverted repeat sequences (26 bp, located 38-63 bp; 25 bp, located 6,511-6,535 bp) that 

may have the potential to form stem-loop or cruciform structures. Cruciform structures are well-

recognized components of the replication origins of many prokaryotic and eukaryotic genomes 

(Clayton, 1982; Sinden, 1994; Boulikas, 1996; Pearson et al., 1996). For numbering purposes, the 

position of the start of the K. equi genome was assigned in between these 2 inverted repeat 
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sequences. It is not known if these motifs play a role in the K. equi mitochondrial genome 

replication; they may be worth investigating in the future. 

Typical apicomplexan mitochondrial genomes contain 3 CDS as well as various 

fragmented ribosomal genes (Feagin 1994, 2000; Hikosaka et al., 2013). As discussed in 

Chapter 3, mitochondrial genome organization (i.e. the order and orientation of these genome 

components) varies considerably between members of different apicomplexan groups but tends 

to be conserved among members belonging to the same group (e.g., the haemosporinids or 

eimeriids). Consequently, in Chapter 3 it suggested that the mitochondrial genome of H. 

catesbianae, the first complete mitochondrial genome sequenced from an adeleorinid parasite, 

could act as the prototypical genome organization for mitochondrial genomes of other members 

of the Adeleorina. Klossiella equi presents only the second example of a complete mitochondrial 

genome for all of the Adeleorina. Surprisingly, the gene configuration of the K. equi 

mitochondrial genome was dissimilar to that of H. catesbianae as well as all other reported 

apicomplexan genomes; although the 3 CDS are in the same linear order in both genomes, they 

are in divergent directions and the intervening fragmented rDNA vary considerably in order and 

composition. Clearly, members of the Adeleorina do not possess a mitochondrial genome 

organization that is highly conserved.  

Despite the organizational divergence, the mitochondrial genome of K. equi did show 

some similarities to that of H. catesbianae. The mitochondrial genome of K. equi had a 107-bp 

repeat region that spanned 29 bp upstream of and 79 bp into the CDS of both COIII and CytB 

(one C/T mismatch at base pair 83 of the 107 bp region). A similar repeated region (70 bp) was 

observed at the starts of the CDS of COIII and CytB of H. catesbianae (see Chapter 3). In both 

cases, these repeated stretches did not seem to affect the predicted transmembrane folding 

structures of either protein sequences (not shown). There were also common clusters of 

fragmented rDNA that were conserved between the 2 genomes. Two clusters of fragmented 

rDNA (cluster 1 - LSUG, RNA1, RNA23t, LSUD; cluster 2 - SSUF, LSUF, LSUC, RNA14, 

SSUB) mapped closely together in both genomes. These unique clusters have not been reported 

from other sequenced apicomplexan mitochondrial genomes.  

A phylogenetic analysis using mitochondrial sequences was not completed because of the 

paucity of comparative adeleorinid sequences from this organellar genome. Instead, the 
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translation products of the COI, COIII, and CytB genes were searched against the National 

Center for Biotechnology Information (NCBI) database to explore the similarities of the CDS 

translation products of K. equi to mitochondrial CDS products from other apicomplexan 

parasites. The CDS translation products of K. equi were clearly related to the CDS translation 

products of H. catesbianae and various haemosporinid parasites but with considerable and almost 

equal sequence divergence from both.  Unlike the equivocal support provided by the CDS 

translation products, the 18S rDNA phylogenetic tree produced strong evidence for the inclusion 

of K. equi among the Adeleorina. The divergence observed between these 2 mitochondrial 

genome sequences suggests that much genetic diversity remains to be uncovered in the 

mitochondrial genomes of parasites in the Adeleorina.  

4.6 Conclusion 

Our observations of a microgamont and a macrogamont associating in syzygy, as well as 

the formation of many sporocysts within a visible but thin oocyst wall, provided sufficient 

morphological evidence to retain Klossiella equi within the genus Klossiella (Coccidia: 

Adeleorina). Molecular data were obtained from Klossiella equi, a parasite of potential veterinary 

significance, for the first time. The phylogenetic tree generated from 18S rDNA sequences 

confirmed the monophyly of the Adeleorina and inclusion of K. equi within this group as the first 

representative of the genus Klossiella. The complete mitochondrial genome of K. equi showed 

some affinities with the mitochondrial genome of H. catesbianae but, importantly, revealed that 

the possible genetic diversity of the mitochondrial genomes of adeleorinid parasites has only 

begun to be explored. The combined morphological and molecular data confirmed the placement 

of Klossiella equi, and therefore the genus Klossiella, among the Adeleorina. It remains unknown 

whether K. equi infections have a significant impact on the kidney function in infected horses. 

We hope that the biological and molecular data obtained from these cases can assist with future 

studies evaluating the prevalence and life history of this seemingly underreported parasite as well 

as potential health impact of K. equi to domestic and wild equids. 
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5. Next generation sequencing from Hepatozoon canis (Apicomplexa: 
Coccidia: Adeleorina): Complete apicoplast genome and multiple 
mitochondrion-associated sequences 

(The contents of this chapter have been published as follows: Alexandre N. Léveillé, Gad Baneth, 
and John R. Barta. 2019. Next generation sequencing from Hepatozoon canis (Apicomplexa: 
Coccidia: Adeleorina): Complete apicoplast genome and multiple mitochondrion-associated 
sequences. International Journal for Parasitology. 49: 375-387. doi: 10.1016/j.ijpara.2018.12.001) 

5.1 Abstract 

Extrachromosomal genomes of the adeleorinid parasite Hepatozoon canis infecting an 

Israeli dog were investigated using next-generation (NGS) and standard sequencing technologies. 

A complete apicoplast genome and several mitochondrion-associated sequences were generated. 

The apicoplast genome (31,869 bp) possessed two copies of both large subunit (23S) and small 

subunit (16S) ribosomal RNA genes (rDNA) within an inverted repeat (IR) region, as well as 22 

protein coding sequences (CDS), 25 transfer RNA genes (tDNA) and 7 open reading frames 

(ORF) of unknown function. Although circular-mapping, the apicoplast genome was physically 

linear according to NGS data. Unlike other apicoplast genomes, genes encoding ribosomal 

protein S19 and tDNAs for alanine, aspartic acid, histidine, threonine and valine were not 

identified. No complete mitochondrial genome was recovered using NGS data or directed PCR 

amplifications. Eight mitochondrion-associated (215 to 3,523 bp) contigs assembled from NGS 

data encoded a complete cytochrome c oxidase subunit I CDS, a complete cytochrome c oxidase 

subunit III CDS, two complete cytochrome B CDS, a non-coding, pseudogene for cytochrome B 

and multiple fragmented mitochondrial rDNA genes (SSUA, SSUB, SSUD, LSUC, LSUG, 

RNA6, RNA10, RNA14, RNA18). The paucity of NGS reads generating each of the 

mitochondrion-like sequences suggested that a complete mitochondrial genome at typically high 

copy number was absent in H. canis. In contrast, the complete nuclear rDNA unit sequence of H. 

canis (18S rDNA to 28S rDNA, 7,500 bp) had >1000-fold NGS coverage. Multiple divergent 

(from 93.6% to 99.9% pairwise identities) nuclear 18S rDNA contigs were generated (3 types 

with 10 subtypes total). This is the first apicoplast genome sequenced from any adeleorinid 

coccidium and the first mitochondrion-associated sequences from this serious pathogen of wild 

and domestic canids. These newly generated sequences may provide useful genetic loci for high-

resolution species-level genotyping that is currently impossible using existing nuclear rDNA 

targets. 
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5.2 Introduction 

The genus Hepatozoon is home to a group of heteroxenous blood parasites within the 

suborder Adeleorina (reviewed in Smith, 1996; Barta, 2000). The Adeleorina remain a poorly 

understood group of biologically diverse apicomplexan parasites (Siddall, 1995; Barta 1989, 

2000; Smith et al., 2000) with clear association with other apicomplexan parasites but only 

poorly defined relationships among the constitutive adeleorinid taxa (Barta et al. 2012). 

Hepatozoon canis was first observed in the leukocytes of dogs in India and was initially named 

Leucocytozoon canis by James (1905) and later transferred to the genus Hepatozoon Miller 1908 

by Wenyon (1926). The definitive host of H. canis is the ixodid tick, Rhipicephalus sanguineus, 

within which the parasite undergoes sexual maturation, fertilization in the digestive tract and 

sporogony in the haemocoel of infected ticks resulting in the formation of infective oocysts 

(Baneth et al., 2007). Hepatozoon canis may also use Rhipicephalus turanicus or Amblyomma 

ovale as definitive hosts according to Giannelli et al. (2017) and Rubini et al. (2009), 

respectively. Wild and domestic canids act as intermediate hosts and are infected by ingestion of 

a tick containing sporulated oocysts. Merogony occurs within the bone marrow of the canid host. 

Merozoites then enter neutrophils and develop into macrogamonts and microgamonts. Gamonts 

remain dormant in neutrophils and circulate in the bloodstream awaiting ingestion by a blood 

feeding tick host (Baneth et al., 2007). Hepatozoon canis is prevalent in Africa (McCully et al, 

1975; Ezeokoli et al., 1983), Asia (James, 1905; Rajamanickam et al., 1985; Murata et al., 1991; 

Baneth et al., 1996) Europe (Gabrielli et al., 2010; Farkas et al., 2014) and South America 

(O’Dwyer et al., 2001). Hepatozoon canis infections have been reported in North America (Allen 

et al., 2008; Li et al., 2008; Kistler et al, 2014) however another canid-infecting parasite, 

Hepatozoon americanum, is thought to be more prevalent in this geographical location (see 

Vincent-Johnson et al., 1997; Baneth et al., 2000). The molecular differentiation of H. canis and 

H. americanum was confirmed with partial sequences of the nuclear small subunit (18S) 

ribosomal RNA gene (nu-rDNA) sequences (Baneth et al., 2000). Canine hepatozoonosis is a 

recognized as a clinically significant disease with fever, lethargy, myalgia and lameness 

occurring in severe cases (Elias and Homans, 1988). Hepatozoon americanum infections are 

highly pathogenic whereas H. canis infections can be relatively asymptomatic (with low level 
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parasitemia) to severe (with high level parasitemia) (Elias and Homans, 1988; Baneth and 

Weigler, 1997; Little et al., 2009).  

To date, 18S nu-rDNA sequences were the only molecular markers available from 

Hepatozoon spp. infecting canids. Several studies have analysed and compared 18S nu-rDNA 

sequences from various geographic locations (see Gabrielli et al., 2010; Cardoso et al., 2014; 

Farkas et al., 2014). The 18S nu-rDNA sequence is a popular molecular marker because it 

contains regions that are conserved across a wide range of organisms, making it easy to target in 

previously unsequenced taxa. Unfortunately, relatively conserved apicomplexan 18S nu-rDNA 

has been found to produce short branch lengths and difficulty resolving closely related species 

during molecular phylogenetic analyses (Zhao et al., 2001, Morrison et al., 2004). More 

seriously, the nuclear genomes of some apicomplexan parasites contain multiple, divergent 

ribosomal gene copies that result in high genetic divergence among paralogues within individual 

species (McCutchan et al., 1988; Goethert et al., 2006). For these reasons, the exclusive use of 

18S nu-rDNA sequences can result in molecular phylogenetic trees that do not reflect the 

organismal evolutionary history among closely related taxa (see Ogedengbe et al., 2011, 

Ogedengbe et al., 2018). Intraspecific variation has been found to be problematic with 18S nu-

rDNA molecular studies of canine hepatozoonosis (see Little et al., 2009; Gabrielli et al., 2010; 

Farkas et al., 2014; Modrý et al., 2017). Thus, molecular studies of canine hepatozoonosis could 

benefit from access to a wider selection of molecular targets.  

Most members of the Apicomplexa possess two extrachromosomal genomes, apicoplast 

and mitochondrial, found frequently at comparatively high copy number (reviewed in Feagin, 

1994; Wilson and Williamson, 1997). Coding regions of the mitochondrial genome have been 

used widely for generating sequences that are informative at a species-level in a wide variety of 

eukaryotes (i.e. DNA barcoding, Hebert et al. 2003). A complete mitochondrial genome sequence 

(see Chapter 3) and short apicoplast-encoded small subunit (16S) rDNA sequence (Lang-

Unnasch et al, 1998) have been generated from Hepatozoon catesbianae. Despite repeated 

attempts, the methods used for obtaining mitochondrial sequence data from other adeleorinid 

parasites (see Chapters 3 and 4) were unsuccessful with H. canis. 

The present work describes an NGS-based approach to obtain nuclear, apicoplast and 

mitochondrial sequence data from H. canis-infected canine blood. A complete nuclear 
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18S-ITS1-5.8S-ITS2-28S nu-rDNA unit was assembled; variation among the 18S nu-rDNA 

copies included 3 distinct types with 10 unique subtypes identified. The first complete apicoplast 

genome from an adeleorinid coccidium was generated. Finally, multiple 

mitochondrion-associated sequences were assembled from H. canis. These novel sequence data 

may provide phylogenetically informative loci from these genomes that can be exploited in future 

studies. 

5.3 Materials and methods 

5.3.1 Sample collection  

Blood sample (code number 9992) was collected in July 2014 into an EDTA tube by 

venipuncture from a naturally infected mixed-breed dog with canine hepatozoonosis in central 

Israel and submitted to the Baneth laboratory at the Koret School of Veterinary Medicine, 

Hebrew University, Rehovot, Israel, for further evaluation and Polymerase Chain Reaction (PCR) 

analysis. The sample was found to be parasitemic with Hepatozoon sp. gamonts by light 

microscopy of a May-Grunwald Giemsa stained blood smear. 

5.3.2 DNA extraction and sequence-based genotyping of isolate 

DNA was extracted from the blood sample with a commercial purification kit (Illustra 

Blood Genomic Prep Mini Spin Kit; GE Healthcare, Buckinghamshire, UK), according to the 

manufacturer’s instructions.  

Diagnostic PCR was performed with Piroplasmid-F (5ʹ-CCAGCAGCCGCGGTAATTC-3ʹ) and 

Piroplasmid-R (5ʹ-CTTTCGCAGTAGTTYGTCTTTAACAAATCT-3ʹ) primers to amplify and sequence 

an approximately 360 base pair (bp) region of the 18S nu-rDNA of Hepatozoon spp. as 

previously described (Tabar et al., 2008; Baneth et al., 2013). The resultant partial 18S nu-rDNA 

sequence was compared to sequences deposited in GenBank using the Basic Local Alignment 

Search Tool (BLAST; Altschul et al., 1990).  

5.3.3 Library preparation and NGS sequencing 

Initially, multiple attempts were made to generate a mitochondrial genome sequence using 

various combinations of universal primers that target highly conserved regions of most 
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apicomplexan mitochondrial genomes (as described in Chapter 4). After all attempts failed, a 

next generation sequencing (NGS) approach was pursued and 1.4 µg of the DNA sample was 

submitted for whole genome NGS using an Illumina HiSeq 2500 System (Illumina Inc., San 

Diego, California) by the DNA Sequencing and Synthesis Facility of the Centre for Applied 

Genomics, Hospital for Sick Children (Toronto, Ontario, Canada). The DNA library was 

generated with a targeted fragment size of ~550 bp and the sequencing run used one lane to 

produce 126 bp paired-end sequence reads. Reads were assessed for quality and a paired reads 

were linked prior to further analyses within Geneious ([Version 6.1 and later] BioMatters, Ltd., 

Auckland, New Zealand; Kearse et al., 2012). 

5.3.4 Screening and assembly of NGS reads 

The lack of reference sequences and the overwhelming excess of NGS data referable to 

the canine host rather than the H. canis parasite precluded the use of shotgun de novo assembly 

of all read pairs. Instead, paired NGS reads were first screened for similarities to a panel of 

reference organellar sequences from H. catesbianae (KF894962, mitochondrion; AF040972.1, 

apicoplast 16S rDNA), and Klossiella equi (MH203050, mitochondrion). A sequence for the 

complete nu-rDNA unit was assembled by initial reference to existing 18S nu-rDNA sequences 

of H. canis (e.g. AY461378). 

 Apicoplast and nu rDNA unit 

For apicoplast and nu rDNA reference sequences, read pairs generated in the Illumina 

HiSeq NGS run were screened against the reference sequences using the ‘Map to Reference’ 

function within Geneious. A high level of permitted mismatch per read (30%; complete assembly 

parameters in Supplementary Table S5.1, Appendix 3) was set to allow identification of 

putative H. canis homologs in the NGS reads to the assembly target sequences that shared only 

70% identity; paired mates of any hits were also retained for further analysis. Selected NGS reads 

(and their paired mates) were then assembled de novo within Geneious to generate putative H. 

canis-specific assemblies and consensus sequences of the resulting contigs. Contigs were 

searched against publically available sequences using BLAST (Altschul et al., 1990; BLASTn 

from within Geneious); contigs with obvious similarity to vertebrate sequences were discarded.  



 

 78 

Apicomplexa-associated consensus sequences were then used as the assembly seeds for 

repetitive rounds of assembly to reference (Geneious) to extend the contigs until no further 

elongation was possible. During each round of in silico extension of each contig, all reads and 

their paired mates were retained. Finally, the used reads and their mates associated with each seed 

were then de novo assembled using Geneious to produce robust assemblies for each target. After 

de novo assembly with Geneious, a contig alignment of the original reads was retained; this 

permitted the resulting alignment of NGS read pairs to be examined by eye to confirm that all 

reads were mapped correctly with respect to directions and expected distance between mapped 

paired reads. 

In the case of the complete nu-rDNA unit assembly, evidence of multiple divergent copies 

was obvious when the resulting assembly was examined. To limit the final contig to a single 

complete nu-rDNA unit, all paired-end reads contributing to the penultimate assembly were de 

novo assembled one last time using only paired-end reads that mapped with 100% identity to 

generate a single representative sequence for the most abundant complete nuclear 18S-ITS1-

5.8S-ITS2-28S rDNA unit. Identification 

 Assembly and identification of nuclear 18S rDNA variants 

The most abundant 18S nu-rDNA sequence generated as part of the complete ITS1-5.8S-

ITS2-28S rDNA unit was used as reference for a highly permissive (30% mismatches, up to 20% 

gaps permitted) ‘assemble to reference’ (Geneious) with the complete NGS paired read dataset. 

Polymorphic sites within the resulting 18S nu-rDNA assembly were identified using the ‘Find 

Variations/SNPs’ function from within Geneious using a minimum variant frequency cutoff limit 

of 2.5%. Paired reads incorporating variant sites were then examined by eye to identify linked 

polymorphic sites; this process was repeated until complete 18S nu-rDNA variants were 

generated. To confirm each variant, NGS sequences were assembled to each putative variant 

using the ‘Assemble to Reference’ function within Geneious and checked for correct orientation 

(direction) and spacing of all NGS paired reads included in the assembly. Finally, all available 

NGS paired reads were assembled to all generated 18S nu-rDNA variants at low stringency (25% 

mismatch; 20% gaps permitted) to ‘mine’ all paired reads that have reasonable pairwise identities 

to Hepatozoon nu-rDNA. All of these reads were then used to estimate the relative abundance of 

each variant in the H. canis nuclear genome by conducting highly specific assembly to all 
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variants (0% mismatch; no gaps permitted). After removing all reads that assembled to the 

confirmed variants, the remaining reads were de novo assembled (Geneious) to determine if any 

further variants were generated; none were found (data not shown). 

 Assembly of mitochondrion-associated sequences 

Initial screening against mitochondrial reference sequences was conducted as described 

for apicoplast and nu-rDNA unit above using complete mitochondrial genomes or extracted 

coding regions (CDS; cytochrome c oxidase subunit I [COI], cytochrome c oxidase subunit III 

[COIII] and cytochrome B [CytB]) from the H. catesbianae and K. equi reference genomes. 

Additionally, short segments (20-40 bp) from highly conserved portions of the coding regions 

and some fragmented mitochondrial rDNA (LSUE, LSUF, LSUG, SSUB, RNA14, RNA18) 

served as references for screening using the same parameters. The majority of reads mapped to 

these targets originated from the host DNA. Individual reads demonstrating similarity to 

apicomplexan mitochondrial sequences (based on BLAST searches) were extracted along with 

their mates; both were used as new reference sequences to search the dataset for associated NGS 

reads using the ‘map to reference’ function within Geneious (5% mismatch; 20% gaps 

permitted), again retaining all read mates. After each round of screening, all paired reads were de 

novo assembled (Geneious; ‘medium sensitivity/fast’ – 30% mismatch, 15% gaps permitted) to 

produce putative H. canis-specific assemblies and consensus sequences of the resulting contigs. 

These contigs were then used as the assembly seeds for repetitive rounds of map to reference 

assembly (Geneious) to extend the contigs until no further elongation was possible as described 

above.  

Contig sequences for all final assemblies of NGS reads were generated using the ‘Highest 

Quality’ criterion for generating a majority consensus sequence in Geneious; this setting totals 

the quality for each potential base call from the fastq data and, if the total contribution for a 

particular base exceeds 60% of the total, then the base is called. Otherwise, an ambiguous base 

code will be assigned. 

5.3.5 PCR amplification and Sanger sequencing of the mitochondrial CDS regions 

To confirm an NGS-derived mitochondrial protein coding sequences (CDS), PCR was 

used to amplify these CDS directly from mixed host/parasite DNA. Prior to use in PCR, the DNA 
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sample was enriched for parasite DNA by selectively binding and removing the CpG-methylated 

canine host DNA using the NEBNext Microbiome DNA Enrichment Kit (New England Biolabs, 

Ipswich MA, USA). Briefly, 1 µg of mixed host/parasite DNA was enriched following the 

standard kit protocol. The resulting enriched DNA was suspended in 20 µl of TE buffer. PCR 

amplification primers (Table 5.1) were designed to span the CDS sequences (COI, COIII, CytB) 

identified by assembly of NGS reads.  

Table 5.1: PCR amplification and sequencing primers used to confirm the NGS-derived Hepatozoon canis 
mitochondrion-associated CDS sequences. 

Primer name Sequence Anneal temperature a Amplicon size 
H_canis_COI_F 5'-GGTCTGGTATWCTAGTGGAT-3' 

55°C 1,570 bp H_canis_COI_R 5'-GGTTATCTTGAATGGGGCTA-3' 
H_canis_COI_598F b 5'-CTGATCGGAACACTCCCCAT-3' -- -- 
H_canis_COI_890R b 5'-ATCATGTGATGGCCCCARAC-3' -- -- 
H_canis_COIII_F 5'-TGAATATTCTACTTCCATAGCTAGA-3' 

55°C 996 bp H_canis_COIII_R 5'-CCAACCAATACGTATACCGGT-3' 
H_canis_CytB1_F 5'-CAATAGCCCCGGATAGAAGA-3' 

55°C 1,542 bp H_canis_CytB1_R 5'-GCTAGACAGAGAAGAGCCTG-3' 
H_canis_CytB2_F 5'-TCACTCTTCTTTAAGTAAGGCT-3' 

55°C 1,418 bp H_canis_CytB2_R 5'-ACAGGATGAGACCCTCTAGT-3' 
Hcan_CytB_Uni_R b 5'-CCAGCTGGTTTSGATGGTAT-3' -- -- 

a Estimated for high fidelity PCR using Thermo Fisher Tm calculator for Platinum SuperFi DNA polymerase 
(www.thermofisher.com). 
b Sequencing primers 

 

High fidelity PCR was carried out in a MJ Mini thermal cycler (Bio-Rad Laboratories, 

Inc., Hercules, CA, USA) in a 25 µl reaction containing 1× Invitrogen Platinum SuperFi PCR 

Master Mix (Invitrogen, Carlsbad CA, USA), 0.5 mM of each amplification primer (Table 5.1) 

and 0.5 µl of H. canis-enriched DNA template. The PCR reaction profile consisted of an initial 

melt at 98°C for 30 sec followed by 35 amplification cycles (denature at 98°C for 10 sec, anneal 

at 55°C for 10 sec and extension at 72°C for 45 sec [15-30 sec/1 kb of expected product]) and 

then terminated with a final extension of 72°C for 5 min to complete any partial products. 

Annealing temperatures were chosen using the Thermo Fisher Platinum SuperFi DNA 

polymerase Tm calculator (www.thermofisher.com). The PCR product was separated 

electrophoretically using a submarine 1.4% agarose gel with 1× TAE buffer (50 ml) and 2 µL of 

ethidium bromide dye (10 mg/ml, w/v). The GeneRuler 1 kb Plus DNA size ladder (Thermo 

Fisher Scientific, Waltham MA, USA) was used to determine the product length. The gel was 

then examined using an ultraviolet transilluminator and the DNA bands of the expected size 
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(~1000-1500 bp) were excised using a new, sterile scalpel for each band. DNA was extracted 

from the gel slice using the QIAquick Gel Extraction Kit (Qiagen, Hilden, Germany) according 

to the manufacturer’s instructions. 

The purified PCR amplicons were then sequenced in both directions with the forward and 

reverse amplification primers, supplemented with internal sequencing primers when additional 

coverage was needed (Table 5.1), using an ABI Prism 7000 Sequence Detection System 

(Applied Biosystems Inc., Foster City CA, USA) by the Molecular Biology Unit of the 

Laboratory Services Division, University of Guelph (Guelph ON, Canada). Chromatograms 

received from sequencing reactions were imported into Geneious for assembly and analyses. 

5.3.6 Annotation 

 Protein coding regions 

Open reading frames (ORFs) in the assembled apicoplast genome and mitochondrion-

associated sequences were identified using an ORF search utility within Geneious with either a 

bacterial translation table (transl_table 11, for apicoplast) or mold protozoan mitochondrial 

translation table (transl_table 4, for mitochondrion) to guide the search; these ORFs were 

translated using the same translation table, and the resulting amino acid (aa) sequences were 

searched against the public sequence databases using the protein BLAST (BLASTp) and the 

Domain enhanced lookup time accelerated BLAST (DELTA-BLAST) algorithms (Altschul et al., 

1990; Gish and States, 1993; Boratyn et al., 2012) to identify each ORF with respect to similar 

protein sequences. Pairwise analyses of paralogous mitochondrial CDS and translated protein 

sequences were performed in Geneious using the ‘Multiple Align’ tool (CDS: cost matrix: 65%, 

gap open penalty: 12, gap extension penalty: 3; Protein: cost matrix: Blosum62, gap open 

penalty: 12, gap extension penalty: 3). In addition, transmembrane predictions for the translation 

products of the mitochondrial CDS were made using the Hidden Markov Model within Geneious 

and compared to the transmembrane predictions for the corresponding products from H. 

catesbianae (KF894962), Plasmodium falciparum (M76611).  
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 Transfer RNA genes 

Initially apicoplast-encoded transfer RNA (tRNA) gene (tDNA) sequences were identified 

using sequence comparisons to tDNA sequences previously annotated in P. falciparum 

(LN999985) and Eimeria tenella (AY217738) apicoplast genomes. All annotated tDNA were 

extracted from each of the publicly available annotated apicoplast genome sequences noted 

above, and these sequences were aligned pairwise, where possible, to the H. canis apicoplast 

genome sequence. Initial tDNA annotations were compared to entire genome scans with 

tRNAscan-SE software (Version 2.0; Lowe and Chan, 2016) using the general tRNA model 

(tRNAscan [strict]+ EufindtRNA [relaxed]→ Cove) and the TRNA2.cm covariance mode. The 

resulting tDNA sequences were then extracted individually and secondary structure was verified 

using the DNA fold extension within Geneious. Sequence folds were computed using the Turner 

2004 nearest neighbour parameters for RNA folding (Turner and Matthews, 2009) at a 

temperature of 37°C. Sequences identified as transfer RNA that scored <50 on the ‘Cove’ 

parameter of tRNAscan-SE or did not fold properly were labelled as putative.  

 Ribosomal RNA genes 

The complete nuclear ribosomal RNA (nu-rRNA) gene (nu-rDNA) unit sequence (i.e. 

18S-ITS1-5.8S-ITS2-28S region) was annotated by comparison with the same regions of several 

related apicomplexan parasites (i.e. Eimeria tenella [AF026388], Toxoplasma gondii [L25635] 

and Babesia microti [AB190287]). 

Apicoplast rDNA (pl-rDNA) sequences were initially identified based on pairwise 

sequence identity with previously annotated regions of Eimeria tenella (AY217738), 

Leucocytozoon caulleryi (AP013071) and Toxoplasma gondii (NC_001799) apicoplast genome 

sequences. Ribosomal DNA sequences were extracted from each of the publicly available 

annotated apicoplast genome sequences noted above, and these sequences were aligned pairwise 

to the H. canis apicoplast sequence. Initial pl-rDNA annotations were refined by comparison to 

the results of the HMMER software (version 3.0; Finn et al., 2011) searched against the European 

ribosomal RNA database.  

Hepatozoon canis fragmented mitochondrial rDNA (mt-rDNA) were annotated based on 

similarity to the fragmented mt-rDNA annotations previously mapped in P. falciparum (M76611; 
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Feagin et al., 2012) and H. catesbianae (KF894962, Chapter 3) mitochondrial genomes. Any 

fragmented mt-rDNA that aligned with the H. canis mitochondrial sequence with a pairwise 

sequence identity below 70% were excluded from further analysis. Putative fragmented mt-rDNA 

annotations follow the nomenclature of Feagin et al. (2012) applied to the mitochondrial genome 

of P. falciparum. 

5.4 Results  

5.4.1 Confirmation of identity of Hepatozoon canis in blood slides 

Gamonts observed on blood smear matched gamonts of H. canis described by Baneth et 

al. (2007, Figure 5.1). The amplified partial 18S nu-rDNA sequence (346 bp) had 100% pairwise 

identity to a partial H. canis 18S nu-rDNA sequence from an Ethiopian dog (KF646812.1). 

 

Figure 5.1: Micrograph of Hepatozoon canis gamont within canine neutrophil. 
Gamonts observed on blood smear matched gamonts of H. canis described by 
Baneth et al. (2007). Scale bar = 10 µm 

5.4.2 The Hepatozoon canis apicoplast genome 

The raw NGS data comprised 479,147,982 sequence reads (126 bp/read) resulting in 

239,573,991 pairs after setting the sequence pairs using Geneious.  After repeated assembly to 

reference iterations following initial seeding with a partial H. catesbianae apicoplast 16S rDNA 

sequence, a single contig of the complete H. canis apicoplast genome sequence was generated 
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(31,869 bp; MH557086, Figure 5.2). The final assembly utilized 8,604 paired NGS reads with an 

average insert size of 508 bp (range 250-750 bp) and 34±7-fold coverage. Although circular-

mapping, the apicoplast genome of H. canis was found to be linear in structure. Initially a 

circular structure was considered since the 5ʹ and 3ʹ sequence termini overlapped by 79 bp with 

100% pairwise identity. Further analysis revealed the absence of paired reads that spanned across 

the ends of the sequence; the 5ʹ-end was composed exclusively of forward reads and the 3ʹ-end 

was composed entirely of reverse reads (see Supplementary Figure S5.1, Appendix 3). 

The apicoplast genome of H. canis possessed typical inverted repeat (IR) units at each end 

of the genome. The IR units were 4,812 bp exact mirror copies that included a copy of the large 

and small subunit ribosomal RNA coding regions (LSU [23S] and SSU [16S], respectively, 

Table 5.2) as well as 6 tDNA sequences (Table 5.3). The LSU of each IR contained a TA indel 

that varied from 14 to 22 bp in length. A copy length of 16 bp was in the highest abundance of 

reads mapped to both LSU copies (locations: 3,217 - 3,232 bp; 28,637 - 28,652 bp) and was 

chosen to represent the major copy (see Supplementary Assembly Files 

[doi:10.17632/bs2z92449s.1], Figure 5.2). The region of both IR units interior to the ends of the 

LSU genes included the first 46 bp portion of the CDS for ribosomal protein S4 (rps 4; 4,831 → 

4,876 bp) and cysteine desulfurase activator complex subunit (sufB; 27,038 → 26,993 bp).  The 

region of both IR units external to the ends of the SSU genes, encoded at least the first 41 bp of 

the isoleucine tDNA. However, a complete isoleucine tDNA sequence was only found on the 

3ʹ-end of the genome with the remaining 31 bp of its sequence located immediately after the IR 

region; the 3ʹ-end of the genome did not have a complete isoleucine tDNA.  

Table 5.2: Ribosomal RNA (rRNA) gene sequences annotated on the Hepatozoon canis apicoplast genome 
sequence. 
Apicoplast rRNA gene annotations were determined based on pairwise sequence identity with previously annotated 
regions of Eimeria tenella (AY217738), Leucocytozoon caulleryi (AP013071) and Toxoplasma gondii (NC_001799) 
apicoplast genome sequences and followed up by HMMER software (version 3.0; Finn et al., 2011) searched against 
the 5S ribosomal RNA database and the European ribosomal RNA database. Note: Bolded labels correspond to 
annotations in Figure 5.2.  

Apicoplast ribosomal RNA gene Size (bp) Location (bp) 

Small subunit (SSU rRNA, 16S) 1,399 1,591 → 194     
Small subunit (SSU rRNA, 16S) 1,399 30,278 → 31,676 
Large subunit (LSU rRNA, 23S) 2,584 2,131 → 4,714 
Large subunit (LSU rRNA, 23S) 2,584 29,738 → 27,155 
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Figure 5.2: Annotated complete apicoplast genome of Hepatozoon canis.  
The final assembly utilized 8,604 paired NGS reads with an average insert size of 508 bp (range 250-750 bp) and 
34±7-fold coverage (MH557086). Although circular-mapping, the apicoplast genome assembly data provided 
evidence for a linear structure (see Supplementary Figure S5.1, Appendix 3). The genome contained an inverted 
repeat (IR) region (marked by dotted lines), gene content and genome organization most similar to the 
haemosporinid and coccidian apicoplast genomes. The LSU of each IR contained a TA indel (marked by asterisks) 
that varied from 14 to 22 bp in length. A copy length of 16 bp was in the highest abundance of reads mapped to both 
LSU copies (locations: 3,217 - 3,232 bp; 28,637 - 28,652 bp) and was chosen to represent the major copy. Initial 
genome sequence image was generated in Geneious (www.geneious.com; Kearse et al., 2012). 
  



 

 86 

 
 
 
 
 
 
Table 5.3: Transfer RNA (tRNA) gene sequences annotated on the Hepatozoon canis apicoplast genome 
sequence. 
Apicoplast tRNA gene annotations were determined by comparison to tRNA gene sequences previously annotated in 
Plasmodium falciparum (LN999985) and Eimeria tenella (AY217738) and entire genome scans with tRNAscan-SE 
software (Version 2.0; Lowe and Chan, 2016) using the general tRNA model and the TRNA2.cm covariance mode.  
Note: Bolded labels correspond to annotations in Figure 5.2.  
 

Transfer RNA gene Anti-codon Length (bp) Location 
Alanine (tRNA-Ala; A) --- --- Not Found 

Arginine (tRNA-Arg; R) 
UCU 71 

71 
 1,918 → 1,848 a 

 29,951 → 30,021 a 

GCG 77 
77 

   1,927 → 2,003 a b 
    29,942 → 29,866 a b 

Asparagine (tRNA-Asn; N) GUU 72 
72 

 1,689 → 1,760 a 
 30,180 → 30,109 a 

Aspartic Acid (tRNA-Asp; D) --- --- Not Found 
Cysteine (tRNA-Cys; C) GCA 71 5,456 → 5,526 
Glutamine (tRNA-Gln; Q) UUG 71 14,110 → 14,180 
Glutamic Acid (tRNA-Glu; E) UUC 73   6,170 → 6,242 b 
Glycine (tRNA-Gly; G) UCC 71 16,427 → 16,497 
Histidine (tRNA-His; H) --- --- Not Found 
Isoleucine (tRNA-Ile, I) GAU 72 31,764 → 31,835 

Leucine (tRNA-Leu; L) UAG 79 
79 

   1,841 → 1,763 a b 
    30,028 → 30,106 a b 

Lysine (tRNA-Lys; K) UUU 72 6,139 → 6,068 

Methionine (tRNA-Met; M) CAU 

80 
75 
74 
75 
80 

    2,010 → 2,089 a b 
      4,720 → 4,794 a b c 

5,781 → 5,854 
      27,149 → 27,075 a b c 

    29,859 → 29,780 a b 
Phenylalanine (tRNA-Phe; F) GAA 74 14,093 → 14,020 
Proline (tRNA-Pro; P) UGG 72 6,265 → 6,336 

Serine (tRNA-Ser; S) GCU 
UGA 

90 
94 

  5,975 → 6,064 b 
  16,762 → 16,855 b 

Threonine (tRNA-Thr; T) --- --- Not Found 
Tryptophan (tRNA-Trp; W) CCA 71 14,182 → 14,252 
Tyrosine (tRNA-Tyr; Y) GUA 88   5,867 → 5,954 b 
Valine (tRNA-Val; V) --- --- Not Found 
a Located within inverted repeat (IR) regions. 
b Putative tDNA: scored <50 on the ‘Cove’ parameter of tRNAscan-SE or did not fold properly.  
c Mapped as threonine in other apicoplast genomes. 
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Table 5.4: Protein coding sequences annotated on the Hepatozoon canis apicoplast genome sequence. 
Protein coding sequences (CDS) were translated using the bacterial translation table (transl_table 11) and the 
resulting amino acid sequences were searched against the public sequence databases using the BLASTp and 
DELTA-BLAST algorithms (Altschul et al., 1990; Gish and States, 1993; Boratyn et al., 2012) to identify each CDS 
in relation to similar protein sequences. Note: Bolded labels correspond to annotations in Figure 5.2. 

Protein coding sequence Length (bp) Location (bp) 
clp protease ATP-binding subunit (clpC) 2,154 14,288 → 16,441 
cysteine desulfurase activator complex subunit (sufB) 1,404 27,038 → 25,635 
elongation factor Tu (tufA) 1,233 12,616 → 13,848 
ribosomal protein L2 (rpl 2) 774 7,235 → 8,008 
ribosomal protein L4 (rpl 4) 630 6,368 → 6,997 
ribosomal protein L6 (rpl 6) 534   9,876 → 10,409 
ribosomal protein L14 (rpl 14) 360 9,132 → 9,491 
ribosomal protein L16 (rpl 16) 297 8,619 → 8,915 
ribosomal protein L36 (rpl 36) 117 11,037 → 11,153 
ribosomal protein S2 - putative (rps 2) 723 17,836 → 17,114 
ribosomal protein S3 (rps 3) 615 8,012 → 8,626 
ribosomal protein S4 (rps 4) 513 4,831 → 5,343 
ribosomal protein S5 (rps 5) 591 10,420 → 11,010 
ribosomal protein S7 - putative (rps 7) 411 12,172 → 12,582 
ribosomal protein S8 (rps 8) 405 9,488 → 9,892 
ribosomal protein S11 (rps 11) 366 11,153 → 11,518 
ribosomal protein S12 (rps 12) 372 11,799 → 12,170 
ribosomal protein S17 (rps 17) 234 8,912 → 9,145 
ribosomal protein S19 (rps 19) a --- Not found 
RNA polymerase B (rpoB) 3,024 25,146 → 22,123 
RNA polymerase C - subunit C1 (rpoC1) 1,701 22,111 → 20,411 
RNA polymerase C - subunit C2A (rpoC2A) 1,461 20,414 → 18,954 
RNA polymerase C - subunit C2B (rpoC2B) 1,134 18,944 → 17,811 
unknown ORF A (ORF-A) 219 7,006 → 7,224 
unknown ORF B (ORF-B) 267 11,502 → 11,768 
unknown ORF C (ORF-C) 183 13,856 → 14,038 
unknown ORF D (ORF-D) 261 16,539 → 16,799 
unknown ORF E (ORF-E) 228 16,894 → 17,121 
unknown ORF F (ORF-F) 300 25,448 → 25,149 
unknown ORF G (ORF-G) 237 25,623 → 25,387 
a rps19 was found in all other sequenced apicoplast genomes. 

Between the IR regions, twelve tDNA sequences were identified; however, alanine, 

aspartic acid, histidine, threonine and valine tDNA sequences were not found in the H. canis 

apicoplast genome. Five methionine tDNA sequences were identified. Two methionine tDNA 

sequences located within the IR region (4,720 → 4,794 bp and 27,149 → 27,075 bp) were in the 

same location as threonine tDNA sequences in other IR mapping apicoplast genomes. Twenty-

two protein-coding genes and seven hypothetical open reading frames were annotated (Table 

5.4). A coding region for ribosomal protein S19 (rps 19) was not identified. The rps19 coding 
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sequence has been found in all other available apicoplast genomes. The H. canis coding 

sequences for ribosomal protein S2 (rps 2) and ribosomal protein S7 (rps 7) were divergent from 

corresponding sequences found in other apicoplast genomes. The rps 2 and rps 7 were not 

matched by BLASTp or DELTA-BLAST to any other apicomplexan sequences. The rps 2 was 

weakly (19% identity, 94% coverage) matched by BLASTp to the ribosomal protein S2 sequence 

of a Chromerida sp. (YP_003795399.1). The rps 7 was weakly BLASTp matched (23-28% 

identity, 82-94% coverage) to the 30S ribosomal protein S7 sequences of various bacteria (i.e. 

Candidatus sp., OHA07460.1). The H. canis rps 2 and rps 7 coding sequences were therefore 

labelled as putative.  

As observed in other apicoplast genomes, the H. canis coding sequence for RNA 

polymerase C subunit 2 (rpoC2) is interrupted halfway by a stop codon (TAA) (Wilson et al., 

1996; Cai et al., 2003; Imura et al., 2014; Seeber et al., 2014); consequently, the H. canis rpoC2 

coding sequence has been labelled as two coding sequences, rpoC2A and rpoC2B, following the 

convention proposed by Imura et al (2014). The rpoC2B gene sequence also contained the only 

single nucleotide difference (SND) found in the assembly. At position 18,162 bp 19 reads called 

for a thymine and 8 reads called for a cytosine. The SND was located in the third position of a 

codon and both options code for a leucine. The site was marked with the nucleotide ambiguity 

code “Y”. In the H. canis apicoplast genome, there are seven hypothetical open reading frames 

(ORF) that have unknown functions. BLASTp searches of each of the unknown ORF sequences 

found no significant similarities to other protein coding sequences. All other known apicoplast 

genomes also contain ORF sequences for which functions remain unknown. The unknown ORFs 

found in the H. canis apicoplast genome have been assigned alphabetical letters based on the 

order in which they appear in the genome sequence and these letters are not intended to 

correspond to any similarly labelled ORFs in other apicoplast genomes. 

5.4.3 Hepatozoon canis mitochondrion-associated sequences 

A complete mitochondrial genome for H. canis could not be obtained using methods 

successful for the apicoplast genome. Instead, eight sequences were generated that had sufficient 

similarity to other apicomplexan mitochondrial genome sequences to suggest that they were of 

mitochondrial origin (Figure 5.3). All assemblies were generated from paired NGS reads when 

possible, however single reads that paired to reads that mapped outside of the assembly area were 
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retained to improve coverage. Assembly extensions were limited by low coverage depth. In some 

cases, PCR amplifications were utilized to connect paired reads that spanned CDS regions with 

no NGS coverage. All similarities to known apicomplexan mitochondrial sequences were 

annotated accordingly. Mitochondrion-associated sequence 1 (mt-sequence 1) was 3,207 bp in 

length and included a complete COI CDS that was 1479 bp in length and mapped from bases 885 

to 2,363 (Table 5.5). The complete COI coding sequence was confirmed by a 1570 bp PCR 

product that was sequenced in both directions using Sanger sequencing. The final assembly was 

composed of 88 paired and 7 single (on assembly ends) NGS reads and 4 Sanger sequencing 

reads with an overall 1 to 12-fold sequence coverage (MH615002). The amplified complete COI 

CDS sequence, including mapped external and internal PCR primers (see Table 5.1), was also 

deposited to GenBank (MH557087). The COI CDS had a proposed ATG start codon, a proposed 

TAA stop codon and produced a translation product of 492 residues. A DELTA-BLAST search 

of the translated COI protein sequence produced a 67% pairwise identity match (96% query 

coverage) with the mitochondrial COI protein sequence of K. equi (AZL31646), a 65% pairwise 

identity match (94% query coverage) with the mitochondrial COI protein sequence of H. 

catesbianae (AIG55088) and a 58-59% pairwise identity match (94-96% query coverage) to 

various haemosporinid mitochondrial COI protein sequences. Transmembrane predictions 

showed that the H. canis COI translation had the same 12 transmembrane regions predicted for 

the COI protein sequences of H. catesbianae (KF894962) and P. falciparum (M76611). 

However, the H. canis COI translation contained a thirteenth transmembrane region (residues 78 

to 98) not found in the other protein transmembrane predictions. This transmembrane region was 

flanked by short internal and external loop structures and occurred in the same location as a large 

internal or external loop structure in the other protein transmembrane predictions.  

Mitochondrion-associated sequence 2 (mt-sequence 2) was 1,307 bp in length and 

included a complete COIII CDS that was 738 bp in length and mapped from bases 208 to 945. 

The complete COIII coding sequence was confirmed by a 996 bp PCR product that was 

sequenced in both directions using Sanger sequencing. The final assembly was composed of 16 

paired and 5 single (on one assembly end) NGS reads and 2 Sanger sequencing reads with an 

overall 1 to 7-fold sequence coverage (MK214282). The COIII CDS had a proposed ATG start 

codon, a proposed TAA stop codon and produced a translation product of 245 residues. A 

DELTA-BLAST search of the translated COIII protein sequence produced a 35-38% pairwise 
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identity match (96-97% query coverage) to various haemosporinid mitochondrial COIII protein 

sequences, a 37% pairwise identity match (96% query coverage) with the mitochondrial COIII 

protein sequence of K. equi (AZL31645), and a 36% pairwise identity match (96% query 

coverage) with the mitochondrial COIII protein sequence of H. catesbianae (AIG55090). 

Transmembrane predictions showed that the H. canis COIII translation had 6 transmembrane 

regions predicted for the COIII protein sequences of H. catesbianae and P.  falciparum. 

Mitochondrion-associated sequence 3 (mt-sequence 3) was 3,523 bp in length and 

included a complete CytB CDS (CytB-1) that was 1,110 bp in length and mapped from bases 

1,065 to 2,174. The complete CytB-1 coding sequence was confirmed by a 1,542 bp PCR product 

sequenced in both directions using Sanger sequencing. The final assembly was composed of 120 

paired and 7 single (on assembly ends) NGS reads and 3 Sanger sequencing reads with an overall 

1 to 12-fold sequence coverage (MK214283). The CytB-1 CDS had a proposed TTG start codon, 

a proposed TAG stop codon and produced a translation product of 369 residues. A DELTA-

BLAST search of the translated CytB-1 protein sequence produced a 61% pairwise identity 

match (98% query coverage) with the mitochondrial CytB protein sequence of K. equi 

(AZL31647), a 61% pairwise identity match (97% query coverage) with the mitochondrial CytB 

protein sequence of H. catesbianae (AIG55089) and a 58-60% pairwise identity match (95-98% 

query coverage) to various haemosporinid mitochondrial CytB protein sequences. 

Transmembrane predictions showed that the H. canis CytB-1 translation had the same 9 

transmembrane regions predicted for the CytB protein sequences of H. catesbianae and P. 

falciparum. 
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Figure 5.3: Eight mitochondrion-associated sequences of Hepatozoon canis. 
Putative mitochondrion-associated sequences obtained from NGS data supplemented with PCR and amplicon 
sequencing (Genbank accession numbers in parentheses). All three protein-coding genes typical of apicomplexan 
mitochondrial genomes were detected (mt-sequences 1-5); three CytB CDS were detected but only 2 appeared to 
encode a potentially functional CDS. Three small contigs (mt-sequences 6-8) possessed fragmented rDNAs that 
demonstrated sequence similarities to fragmented rDNA regions of apicomplexan mitochondrial genomes. Sequence 
images were generated in Geneious (www.geneious.com; Kearse et al., 2012). 
 

Mitochondrion-associated sequence 4 (mt-sequence 4) was 1,762 bp in length and 

included a complete CytB CDS (CytB-2) that was 1,149 bp in length and mapped from bases 150 

to 1,298. The complete CytB-2 coding sequence was confirmed by a 1,418 bp PCR product and 

sequenced in both directions using Sanger sequencing. The final assembly was composed of 26 

paired and 7 single (on assembly ends) NGS reads and 3 Sanger sequencing reads with an overall 

1 to 8-fold sequence coverage (MK214284). The CytB-2 CDS had a proposed TTG start codon, a 

proposed TAG stop codon and produced a translation product of 382 residues. A DELTA-

BLAST search of the translated CytB-2 protein sequence produced a 60% pairwise identity 

match (97% query coverage) with the mitochondrial CytB protein sequence of K. equi 

(AZL31647), a 59% pairwise identity match (93% query coverage) with the mitochondrial CytB 

protein sequence of H. catesbianae (AIG55089) and a 56-59% pairwise identity match (90-97% 

query coverage) to various haemosporinid mitochondrial CytB protein sequences. 

Transmembrane predictions showed that the H. canis CytB-2 translation had the same 9 

transmembrane regions predicted for the CytB protein sequences of H. catesbianae and P. 

falciparum. The CytB-2 CDS had a 78.8% pairwise identity to the CytB-1 CDS. The translated 
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CytB-2 protein sequence had an 85.6% pairwise identity to the translated protein sequence of 

CytB-1. 

Mitochondrion-associated sequence 5 (mt-sequence 5) was 2,797 bp in in length and 

included a non-coding pseudo-CytB sequence that was 1,120 bp in length and mapped from 

bases 1,435 to 2,554. The final assembly was composed of 94 paired and 6 single (on assembly 

ends) NGS reads with an overall 1 to 11-fold sequence coverage (MK214285). The pseudo-CytB 

CDS was determined to be non-coding due to 1 missense mutation and 3 frameshift mutations. 

Within the pseudo-CytB CDS, the 18th codon (bases 52 to 54) was a TAA stop codon as opposed 

to a CAA glutamine codon that was conserved in both CytB-1 and CytB-2 CDS. Following, there 

was a TT insert at bases 562 and 563, a G insert at base 660 and a T insert at base 715 that caused 

frameshift mutations observed when compared by pairwise alignments to CytB-1 and CytB-2 

sequences. A hypothetical protein translation sequence was generated from a modified pseudo-

CytB CDS edited to remove all frameshift mutations. A DELTA-BLAST search of the 

hypothetical pseudo-CytB protein sequence produced a 59% pairwise identity match (97% query 

coverage) with the mitochondrial CytB protein sequence of K. equi (AZL31647), a 56% pairwise 

identity match (95% query coverage) with the mitochondrial CytB protein sequence of H. 

catesbianae (AIG55089), a 55-57% pairwise identity match (93-94% query coverage) to various 

eimeriid mitochondrial CytB protein sequences, and a 53-56% pairwise identity match (93-97% 

query coverage) to various haemosporinid mitochondrial CytB protein sequences. The pseudo-

CytB CDS had a 73.5% pairwise identity to the CytB-1 CDS and a 73.8% pairwise identity to the 

CytB-2 CDS. The hypothetical pseudo-CytB protein sequence had a 73.3% pairwise identity to 

the translated protein sequence of CytB-1 and a 75.9% pairwise identity to the translated protein 

sequence of CytB-2.   
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Table 5.5: Annotations of Hepatozoon canis mitochondrion-associated sequences.  
Cytochrome c oxidase subunit I (COI), cytochrome c oxidase subunit III (COIII) and cytochrome B (CytB) coding 
sequences (CDS) were translated using the metmt translation table (transl_table 4) and the resulting amino acid (aa) 
sequences were searched against the public sequence databases using the DELTA-BLAST algorithm (Altschul et al., 
1990; Boratyn et al., 2012) to identify each CDS in relation to similar protein sequences. Fragmented mitochondrial 
ribosomal RNA genes (mt-rDNA) were annotated based on similarity to the fragmented the mt-rDNA annotations 
previously mapped in Hepatozoon catesbianae (KF894962) and Plasmodium falciparum (M76611) mitochondrial 
genomes.  
Note: Bolded labels correspond to annotations in Figure 5.3. 

Mitochondrion-
associated sequences CDS Fragmented mt-

rDNA identified a Size (bp) Location (bp) 
% identity to 
Hepatozoon 

catesbianae b 

% identity to 
Plasmodium 
falciparum b  

Mt-sequence 1 
(3,207 bp; MH615002) COI None 1,479  885 → 2,363 63.9 62.2 

Mt-sequence 2 
(1,307 bp; MK214282) COIII None 738 205 → 945 56.6 59.9 

Mt-sequence 3 
(3,523 bp; MK214283) CytB-1 None 1,110 1,065 → 2,174 62.6 62.6 

Mt-sequence 4 
(1,762 bp; MK214284) CytB-2 None 1,149 150 → 1,298 62.5 62.2 

Mt-sequence 5 
(2,797 bp; MK214285) 

Pseudo-CytB 
(non-coding) None 1,120 1,435 → 2,554 63.4 61.5 

Mt-sequence 6 
(976 bp; MH615003) None 

LSUC 22 225 → 246 77.3 77.3 
SSUB 116 252 → 367 75.0 78.0 

RNA14 32 406 → 375 96.8 93.8  

Mt-sequence 7 
(948 bp; MH615004) None 

LSUG 106 343 → 448 91.5 93.5 
RNA10 91 497 → 587 69.6 74.4 
RNA6 36 586 → 621 75.6 77.1  

Mt-sequence 8 
(215 bp; MH615005) None 

SSUA 85 1 → 84 72.7 81.8 
RNA18 25 94 → 118 92.0 90.0 
SSUD 72 120 → 191 81.6 77.8 

a Nomenclature follows Feagin et al. (2012). 
b Analysed in Geneious using the ‘Multiple Align’ tool (cost matrix: 65%, gap open penalty: 12, gap extension 
penalty: 3; www.geneious.com, Kearse et al., 2012) 

 
Mitochondrion-associated sequence 6 (mt-sequence 6) was 976 bp in size and composed 

of 28 paired and 11 single NGS reads with a 1 to 9-fold sequence coverage. Three fragmented 

mt-rDNA (LSUC, SSUB, RNA14) were annotated on mt-sequence 6 (MH615003). 

Mitochondrion-associated sequence 7 (mt-sequence 7) was 948 bp in size and composed of 10 

paired and 16 NGS reads with a 1 to 8-fold sequence coverage. Three fragmented mt-rDNA 

(LSUG, RNA10, RNA6) were annotated on mt-sequence 7 (MH615004). Mitochondrion-

associated sequence 8 (mt-sequence 8)was 215 bp in size and composed of 4 single NGS reads 

with a 1 to 4-fold sequence coverage. Three fragmented mt-rDNA (SSUA, RNA18, SSUD) were 

annotated on mt-sequence 8 (MH615005).  
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Forward and reverse primers were synthesized based on the mitochondrion-associated 

sequences and used in a wide variety of combinations in attempts to connect the mitochondrion-

associated sequences using PCR amplifications. All such attempts to connect the mitochondrion-

associated sequences by PCR were unsuccessful (data not shown).  

5.4.4 Complete nuclear ribosomal DNA unit sequence 

Assembling the nu-rDNA unit sequence was also challenging. As observed with other 

members of the Apicomplexa (see introduction), the nu-rDNA unit of H. canis included several 

divergent copies. Early analysis of an unrefined nu-rDNA unit assembly (6,849 bp; 99% 

consensus; 102,158 paired-end reads; 1854±670-fold coverage) revealed that the small subunit 

18S nu-rDNA sequence contained 20 positions with ambiguity (1.1% of 1,816 bp; 1930±505-fold 

coverage), the 5.8S nu-rDNA sequence contained 2 positions with ambiguity (1.3% of 157 bp; 

770±188-fold coverage) and the large subunit 28S nu-rDNA sequence contained 45 positions 

with ambiguity (1.2% of 3,731 bp; 2176±320-fold coverage). The internal transcribed spacer 

(ITS) sequences were more variable; the ITS1 region contained 40 positions with ambiguity 

(6.8% of 593 bp; 490±174 (min: 136)-fold coverage and the ITS2 region contained 14 positions 

with ambiguity (4.8% of 291 bp; 937±460 (min: 270)-fold coverage). The ITS regions were the 

most variable between nu-rDNA copies, causing them to have the lowest sequence coverage 

depth. Early assemblies revealed the presence of several indels being present among various ITS1 

and ITS2 copies. The initial nu-rDNA unit assembly is available (see Supplementary Assembly 

Files [doi:10.17632/bs2z92449s.1]). No evidence of rDNA sequence belonging to any other 

apicomplexan protist was detected. 

Further rounds of assembly refinements produced a complete nu-rDNA unit sequence 

(7,500 bp) that was generated from 64,298 paired NGS reads (1077±548-fold coverage; average 

insert size 510 bp, range 250-750 bp) containing no positions with ambiguity (MH615006). The 

nu-rDNA unit contained 5 rRNA coding sequences (18S-ITS1-5.8S-ITS2-28S; Table 5.6) and 

represented a reference assembly of the most prevalent copy of the nu-rDNA unit in the NGS 

dataset. As with prior assemblies, the ITS regions composed the areas of lowest sequence 

coverage in the final assembly. The ITS1 had 244±107 (min: 61)-fold sequence coverage and the 

ITS2 had 559±358 (min: 16)-fold sequence coverage.  
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A BLAST search of the 18S nu-rDNA sequence produced a 99% pairwise identity match 

to many 18S nu-rDNA sequences identified as representing H. canis (e.g. AY461378, 

DQ439540, KU893118; 96% query coverage). There are currently no adeleorinid 28S nu-rDNA 

sequences available on GenBank. A BLAST search of the 28S nu-rDNA sequence produced an 

88% pairwise identity match to Sarcocystis singaporensis (AF237617; 74% query coverage) and 

85% pairwise identity match to Cryptosporidium parvum (AF040725; 82% query coverage) 28S 

nu-rDNA sequences. The H. canis 28S nu-rDNA sequence had two large insertions not present in 

C. parvum and three insertions not present in S. singaporensis.  

Table 5.6: Nuclear rRNA gene sequences annotated on the reference sequence of the Hepatozoon canis 
complete rDNA unit sequence. 
Annotations were assigned by comparison with the same regions of several related apicomplexan parasites (i.e. 
Eimeria tenella [AF026388], Toxoplasma gondii [L25635] and Babesia microti [AB190287]). 

Nuclear ribosomal RNA gene Size (bp) Location (bp) 

Small subunit (SSU rRNA, 18S) 1,816    492 → 2,307 
Internal transcribed spacer 1 (ITS1) 593 2,308 → 2,900 
5.8S ribosomal RNA (5.8S rRNA) 157 2,901 → 3,057 
Internal transcribed spacer 2 (ITS2) 291 3,058 → 3,307 
Large subunit (LSU rRNA, 28S) 3,731 3,349 → 7,079 

5.4.5 Multiple variant copies of the small subunit 18S nu-rDNA sequence 

The small subunit 18S nu-rDNA sequence is important in the molecular diagnostics of H. 

canis infections; therefore further analysis was carried out on the ambiguous nucleotides found in 

the original assembly of this region. Ten distinct 18S nu-rDNA sequences were generated for H. 

canis (Table 5.7) belonging to 3 types that had up to 6.4% divergence between types but only up 

to 0.3% divergence among variants within one type (Table 5.8). The type-3 sequences each 

possessed the same 54 bp insert located within unpaired region 33 of the secondary structure 

model of Toxoplasma gondii 18S nu-rDNA (see Clark, 1987; Gagnon et al., 1996).  
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Table 5.7: Ten distinct 18S nu-rDNA sequences were identified for Hepatozoon canis belonging to 3 major 
types.  
Minimum base coverage reflects the prevalence of each subtype in the dataset. Subtype names identify single 
nucleotide differences from the associated major copy. The type-3 sequences each possessed the same 54 bp insert 
that was unique from other 18S nu-rDNA types.  

H. canis 18S nu-rDNA 
subtype 

Length 
(bp) 

Minimum (mean) 
base coverage 

Highest BLAST Match 
(max score; coverage; identity) 

Genbank 
Accession  

Type-1 (major copy) 1,816 692 (1293±391) AY461378.2 - H. canis isolate Spain 2 18S rDNA 
(3208; 96%; 99%) MH615006 

Type-1-C541 1,816 500 (1232±389) AY461378.2 - H. canis isolate Spain 2 18S rDNA 
(3203; 96%; 99%) MK091084 

Type-1-T509 1,816 454 (1234±396) AY461378.2 - H. canis isolate Spain 2 18S rDNA 
(3203; 96%; 99%) MK091086 

Type-1-G1388 1,816 264 (1198±406) AY461378.2 - H. canis isolate Spain 2 18S rDNA 
(3203; 96%; 99%) MK091085 

Type-1-T113-T797-T1382 1,816 147 (988±384) AY461378.2 - H. canis isolate Spain 2 18S rDNA 
 (3192; 96%; 99%) MK091087 

Type-1-T113-T178-A267-
T797-T1382 1,816 101 (902±413) AY461378.2 - H. canis isolate Spain 2 18S rDNA 

 (3182; 96%; 99%) MK091088 

Type-2 (major copy) 1,818 90 (189±70) KU893118.1 - H. canis isolate fox 1-2 18S rDNA 
(3009; 96%; 98%) MK091089 

Type-2- G282 1,818 32 (174±83) KU893118.1 - H. canis isolate fox 1-2 18S rDNA 
(3014; 96%; 98%) MK091090 

Type-3 (major copy) 1,874 176 (345±160) AY461378.2 - H. canis isolate Spain 2 18S rDNA 
 (2119; 95%; 99%) MK091091 

Type-3-T146 1,874 104 (338±158) AY461378.2 - H. canis isolate Spain 2 18S rDNA 
(2113; 95%; 99%) MK091092 

 
Table 5.8: Pairwise sequence identity matrix of Hepatozoon canis 18S nu-rDNA sequence types and subtypes.  
Pairwise identity values were generated in Geneious using the ‘Multiple Align’ tool (cost matrix: 93%, gap open 
penalty: 12, gap extension penalty: 3; www.geneious.com, Kearse et al., 2012). 

H. canis 18S nu-rDNA Type-1 subtypes Type-2 subtypes Type-3 subtypes 
Type-1 subtypes 99.7-99.9% 97.8-97.9% 95.4-95.5% 
Type-2 subtypes  99.9% 93.6-93.7% 
Type-3 subtypes   99.9% 

 
5.5 Discussion 

5.5.1 Remarks on the complete apicoplast genome sequence of H. canis  

The apicoplast genome configuration of H. canis was found to be conserved generally 

with known haemosporinid parasites (e.g. Wilson et al., 1996; Imura et al., 2014; but excluding 

the apicoplast of P. chabaudi chabaudi described by Sato et al., 2013), eimeriid coccidia (e.g. Cai 

et al., 2003) and sarcocystid coccidia (Seeber et al., 2014). With the exception of missing genes 

(tDNAs: alanine, aspartic acid, histidine, threonine and valine; CDS: rps 19) and the highly 

divergent rps 2 and rps 7 CDS, the complement of genes of the apicoplast of H. canis matched 

available apicoplast genomes from other apicomplexan protists. It is not known whether these 

missing genes would have an impact on the function of the apicoplast.  
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Unexpectedly, we could not confirm that the H. canis apicoplast genome had a circular or 

linear-concatenated structure despite the ‘circular-mapping’ nature of its apicoplast genome 

sequence. Substantial NGS paired-read data supported the conclusion that the apicoplast genome 

of H. canis was physically linear (see Supplementary Figure S5.1, Appendix 3).  If the 

apicoplast genome of H. canis was either predominantly in circular form (e.g. Plasmodium 

falciparum, see Williamson et al., 2002) or linear concatemeric form (e.g. Toxoplasma gondii, 

see Williamson et al., 2001), NGS paired-reads should have been detected spanning from the 3'-

end to the 5'-end of the apicoplast genome sequence that we obtained. 

5.5.2 Potential for a barcode-type molecular target within the apicoplast genome 

Despite the conserved structure of many apicoplast genomes, the majority of the genes 

encoded on the apicoplast of H. canis and other apicomplexan parasites have high sequence 

divergence. Most of the genes show too much sequence variation among major apicomplexan 

groups to be useful for universal primer design. As demonstrated by Lang-Unnasch et al (1998), 

the 16S or 23S pl-rDNA sequences contained several conserved regions highly suited for 

phylum-wide primer design. Between these conserved regions are highly variable sequences. 

Therefore, these pl-rDNA targets could be ideal candidates for expanding the molecular tools 

available for studying the Apicomplexa. 

5.5.3 Remarks on the mitochondrion-associated sequences from H. canis 

 Why was there low sequence coverage? 

Attempts to sequence the complete mitochondrial genome of H. canis were unsuccessful. 

It is uncertain why this was the case when there were no issues with generating complete 

sequences of the H. canis apicoplast genome and complete nuclear ribosomal DNA sequence 

from the NGS paired-read dataset; both fold-coverage and overlap among paired reads allowed 

for robust assemblies of both the apicoplast and nuclear ribosomal sequences. Based on 

estimations made by flow cytometry and southern blotting, the mitochondrial genome of several 

Plasmodium species was present at 15 to 150 copies per cell whereas the apicoplast genome was 

present at only 1 to 2 copies per cell (reviewed in Wilson and Williamson, 1997). If a similar 

copy number ratio was conserved in H. canis, the assembly of the mitochondrial genome should 

have had a sequence coverage at least 10-fold that of the apicoplast genome. Since this was not 
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observed, it is possible that H. canis does not encode a separate/discrete complete mitochondrial 

genome. All mitochondrion-associated sequences had similar sequence coverage 1-10 fold over 

their lengths indicating that if a complete mitochondrial genome was present it is at extremely 

low copy number, at least within the intraerythrocytic lifecycle stages (gamonts) contributing to 

the NGS sequence data. Despite assembling 8 mitochondrion-associated sequences totalling 

almost 15 kbp of sequence data confirmed with PCR amplifications covering various CDS 

regions, no evidence of an intact mitochondrial genome was found in H. canis. 

 How does this differ from most other Apicomplexa? 

Apicomplexan parasites are notable for their variation in mitochondrial genome structure. 

Despite this variation, most apicomplexan mitochondrial genomes have been found to be greatly 

reduced in size (frequently 6–7 kbp but some larger) and encode only 3 protein-coding genes: 

cytochrome c oxidase subunit I (COI); cytochrome c oxidase subunit III (COIII); and, 

cytochrome B (CytB). In addition, each mitochondrial genome also contains multiple fragments 

of large and small subunit mt-rDNA scattered throughout each mitochondrial genome (for review 

see Feagin, 1994; Wilson and Williamson, 1997). Thus, most apicomplexan mitochondrial 

genomes could be expected to possess three protein-coding genes plus multiple fragmented mt-

rDNA, usually in a circular-mapping (i.e. physically circular or linear concatemers) 

configuration. Despite conservation of content, the structure and organization of apicomplexan 

mitochondrial genomes can be variable (see Chapter 3). Differences in mitochondrial genome 

structure are most evident between major recognized groups within the Apicomplexa (e.g. 

between haemosporinids and eimeriid coccidia) with limited variation within a major 

apicomplexan group (i.e. among eimeriid coccidia). Mitochondrial genomes from other 

adeleorinid parasite (H. catesbianae and K. equi) both possess a complete circular-mapping 

genome that has COI, COIII and CytB coding sequences plus numerous fragmented mt-rDNA 

(see Chapters 3 and 4). Based on the demonstrated relatedness of H. canis to other adeleorinid 

parasites (e.g. Barta et al., 2012; Karadjian et al., 2015), it would have been reasonable to expect 

that the mitochondrial genome of H. canis would be similar to those of other adeleorinid 

coccidia; clearly this was not observed in the present study.  

The mitochondrion-associated CDS translation products of H. canis were most similar to 

the CDS translation products from the mitochondrial genomes of other adeleorinid coccidia, H. 
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catesbianae and K. equi, as well as various haemosporinid parasites but with considerable and 

almost equal sequence divergence from both (Section 5.4.3; Chapters 3 and 4). The 

considerable genetic divergence observed among the few adeleorinid mitochondrial CDS 

sequences reported to date strongly suggests that diversity among mitochondrial genomes from 

adeleorinid coccidia has only started to be explored.  

 Why was a complete mitochondrial genome not found? 

Complete or partial loss of a ‘typical’ apicomplexan mitochondrial genome has been well 

documented in the Apicomplexa. Cryptosporidium spp. were found to lack a mitochondrial 

genome (Abrahamsen et al., 2004; Xu et al., 2004); similarly, mitochondrial genomes have not 

been identified from the few gregarines subjected to whole genome sequencing attempts (e.g. 

Templeton et al., 2010). Even among the closely related sarcocystid coccidia, attempts to 

sequence a complete mitochondrial genome for Toxoplasma gondii and related sarcocystid 

coccidia have been complicated by the presence of many CytB and COI pseudogenes scattered 

throughout the nuclear genomes of these parasites (Ossorio et al., 1991; Gjerde, 2013; 

Ogedengbe, 2016). There are currently no complete mitochondrial genome sequences available 

for T. gondii and other sarcocystid relatives (Gjerde, 2013; Seeber et al., 2014).  

The lack of a complete mitochondrial genome in some apicomplexan taxa does not 

necessarily result in the loss of the physical organelle. For example, Cryptosporidium parvum 

does retain a mitochondrion-like organelle. This double-membrane bound organelle was smaller 

than typical apicomplexan mitochondria but immunolocalization showed that the organelle 

contained some mitochondrion-associated proteins (see Putignani et al., 2004). Similarly, 

Toxoplasma gondii retains a typical large mitochondrion containing tubular cristae (figs 3 and 5 

from Ferguson et al., 2005). Hepatozoon canis is believed to retain mitochondrion-like organelles 

that have been observed using transmission electron microscopy (e.g. fig 3 from Droleskey et al., 

1993; fig 45 from Baneth et al., 2007; and, figs 11, 13 from Hepatozoon americanum, Cummings 

et al., 2005). Hepatozoon catesbianae, with its typical compact mitochondrial genome (Chapter 

3), has mitochondria with ultrastructural features similar to other coccidia (see figs 12, 21, 22 

from Desser et al., 1995). 
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If a complete mitochondrial genome is not present in H. canis, the 

mitochondrion-associated sequences generated in the present work could be genes of 

mitochondrial origin translocated to the nuclear genome. There were three lines of evidence to 

support this supposition. Although mitochondrion-associated coding regions were identified in 

the present study, most of these coding regions were flanked by extensive non-coding DNA 

sequences with no apparent relationship to any apicomplexan mitochondrial genome. The 

detection of 2 coding and 1 non-coding copies of a CytB CDS with considerable divergence 

among all copies (see Section 5.4.3, Figure 5.3) supports the suggestion of gene transfer to the 

nuclear genome. Finally, multiple PCR-based attempts to link up the mitochondrion-associated 

sequences were conducted; no amplification products were produced suggesting that these 

sequences were not found on a typically compact mitochondrial genome. Therefore, it is 

suggested that H. canis might not encode a complete organelle-localized mitochondrial genome 

and instead at least some mitochondrial genes have been translocated and dispersed throughout 

the nuclear genome. 

5.5.4 Adequacy of nuclear rDNA sequences for molecular diagnosis of canine hepatozoonosis  

The 18S nu-rDNA loci continue to be one of the easiest molecular targets to amplify from 

organisms in the Apicomplexa. The abundance of 18S nu-rDNA sequences available on public 

databases reflects the utility of this genetic locus as a diagnostic target as well as a starting point 

for phylogenetic studies. The 18S nu-rDNA remains an effective locus for initial molecular 

diagnostic protocols and identification of apicomplexan genera. However, considerable 

intraspecific variation was detected among nu-rDNA sequences in the present study. Indeed, 

three major 18S nu-rDNA types, perhaps belonging to independent nu-rDNA array copies, were 

detected in the NGS-based assemblies. Such paralogous copies have been observed in 

Plasmodium spp. (see Gunderson et al., 1987) with stage-specific expression of the various 

paralogues giving rise to distinct 18S rRNA associated with particular lifecycle stages. Divergent, 

paralogous 18S nu-rDNA copies within one apicomplexan species and limited sequence 

divergence of orthologs among species combine to make 18S nu-rDNA less appropriate for 

species delimitation (see Ross et al., 2008) for parasites in the phylum than other loci. All of the 

associated nu-rDNA targets (i.e. 18S, ITS1, 5.8S, ITS2, 28S) that form units with the 18S 

nu-rDNA would likely be subject to the same complications and should be used with care in 
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species-level phylogenetic or taxonomic studies in the Apicomplexa. The diversity observed in 

the NGS-derived rDNA sequences in the present study (see Section 5.4.4 and Supplementary 

Assembly Files) suggest that rDNA sequences are likely to be ineffective for uncovering 

potential cryptic species among the canid-infecting Hepatozoon spp. 

5.6 Conclusion 

The diversity of nu 18S nu-rDNA sequences detected in the present study (10 subtypes 

detected within 3 divergent types) highlights the limited utility of this genetic locus for species 

level identifications. Novel sequences from extrachromosomal genomes may be better suited for 

uncovering the diversity of Hepatozoon spp. causing infections in canids. Despite not sequencing 

a complete mitochondrial genome, the availability of mitochondrion-associated CDS sequences 

from H. canis provides novel genetic targets that may prove useful for uncovering potential 

cryptic species and understanding the genetic diversity of canid-infecting Hepatozoon species. 

Similarly, the sequenced apicoplast genome also offers novel molecular targets that may prove 

useful for molecular phylogenetic applications. The divergence of the putative mitochondrial 

“genome” of H. canis from other adeleorinid coccidia sequenced to date is perplexing but may 

reflect the tremendous biological and genetic diversity displayed by parasites in the Adeleorina.   
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6. Multi-locus sequencing of Hepatozoon cf. griseisciuri infections in 
Ontario eastern grey squirrels (Sciurus carolinensis) uncovers two 
genotypically distinct sympatric parasite species 

 (The contents of this chapter have been submitted for publication as follows: Alexandre N. 
Léveillé, Nahla El Skhawy, John R. Barta. 2019. Multi-locus sequencing of Hepatozoon cf. 
griseisciuri infections in Ontario eastern grey squirrels (Sciurus carolinensis) uncovers two 
genotypically distinct sympatric parasite species. Parasitology Research. In review.) 

6.1 Abstract 

Intra-leukocytic gamonts consistent with the description of Hepatozoon griseisciuri Clark, 

1958 are reported for the first time in Canadian eastern grey squirrels (Sciurus carolinensis 

Gmelin, 1788). Polymerase chain reaction (PCR) amplification and direct Sanger sequencing 

identified a pair of distinct genotypes at both a nuclear and mitochondrial locus; two 18S 

ribosomal RNA gene sequences (rDNA; Genotype A and Genotype B: 1,816 base pairs [bp]; 

98.8 % pairwise identity) and 2 distinct complete mitochondrial genome sequences (Genotype A: 

6,311 bp; Genotype B: 6,114 bp; 89.1 % pairwise identity) were obtained from 3 

H. griseisciuri-infected squirrels sampled in Guelph, Ontario. The genetic content of both 

circular-mapping mitochondrial genomes was conventional for apicomplexan protists; each 

encoded for 3 protein-coding genes (cytochrome c oxidase subunit I [COI]; cytochrome c oxidase 

subunit III [COIII]; and cytochrome B [CytB]), 14 fragmented large subunit rDNA, 10 

fragmented small subunit rDNA and 8 unassigned rDNA. These genotypes, based on sequences 

obtained from a pair of loci from two parasite genomes, confirm the presence of at least two 

Hepatozoon species infecting Ontario eastern grey squirrels, one of which is likely to be 

conspecific with H. griseisciuri. 

6.2 Introduction 

The genus Hepatozoon (Adeleorina) was first erected by Miller (1908) to support the 

description of Hepatozoon muris (syn Hepatozoon perniciosum), an apicomplexan parasite of the 

rodent–mite Laelaps (subgenus Echinolaelaps) echidnina Berlese, 1887, that utilized the 

leukocytes of laboratory rat intermediate hosts. The genus Hepatozoon later expanded to include 

species infecting a vast range of invertebrate definitive hosts (e.g. various dipteran insects, ticks, 

mites, fleas, lice) and vertebrate intermediate hosts (e.g. mammals, amphibians, reptiles, birds) 

(Smith, 1996; Barta, 2000). Given the breadth of hosts associated with Hepatozoon spp., the 
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monophyly of the genus has been put into question (Smith and Desser, 1997; Karadjian et al., 

2015).  

Hepatozoon species have been reported from a number of different sciurid hosts (see 

Clark, 1958) but Hepatozoon griseisciuri is currently the only Hepatozoon species described in 

the eastern grey squirrel, Sciurus carolinensis Gmelin, 1788. First observed in the leukocytes of 

the eastern grey squirrel, Hermann and Price (1955) identified the gamonts as Hepatozoon sciuri 

based on Coles’ (1914) description of a morphologically similar parasite from a Eurasian red 

squirrel (Sciurus vulgaris) in the United Kingdom. Based on the description of additional 

lifecycle stages, Clark (1958) named H. griseisciuri and determined the definitive host of 

H. griseisciuri to be a mite commonly identified at that time as Euhaemogamasus ambulans 

(Thorell, 1872); Redington (1970) later concluded in a comprehensive taxonomic revision that 

the correct identification of this mite definitive host was Haemogamasus reidi Ewing, 1925. 

Clark (1958) concluded that H. griseisciuri could “be distinguished from all other adequately 

known species of Hepatozoon by the fact that the sporocysts regularly contain only 4 large 

sporozoites”. In addition, Clark (1958) found that sporogonic development was possible in 

laboratory reared spiny rat mites, L. echidnina, that are not typically found on eastern grey 

squirrels. Hepatozoon griseisciuri has a two-host lifecycle starting in the squirrel as merogonic 

replication in the tissues (e.g. lung, spleen, liver, bone marrow) followed by gamonts that mature 

in leukocytes (Clark, 1958; Hendricks, 1975; Davidson and Calpin, 1976; Watkins and Nowell, 

1991). The remainder of the lifecycle occurs in blood-feeding H. reidi that ingest gamonts that 

then undergo syzygy, gamete maturation, syngamy and sporogony in this definitive mite host. 

Large, polysporocystic oocysts typical of the genus Hepatozoon mature in the haemocoel of the 

mite definitive host and are presumably ingested by the squirrel host to initiate infection (Clark, 

1958; Redington and Jachowski, 1971, 1972).  

Infections with H. griseisciuri in eastern grey squirrels have been reported throughout the 

geographical range of the host, including the southeastern United States (Herman and Price, 

1955; Clark, 1958; Parker, 1968; Davidson and Calpin, 1976), Rhode Island (Weidanz and 

Hyland, 1958) and Wisconsin (Dorney and Todd, 1959). The parasite has also been reported in 

the United Kingdom where the eastern grey squirrel has been introduced (Britt and Molyneux, 

1979; Watkins and Nowell, 1991). It is unclear if these authors have all reported on the same 
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Hepatozoon species. Perhaps several Hepatozoon species can utilize the eastern grey squirrel as 

an intermediate host. Classically, full characterization of a Hepatozoon sp. required detailed 

observations on parasite development in its definitive host to differentiate it from similar species. 

More recently, molecular data have been used to explore the diversity and relationships among 

Hepatozoon spp. and these data have revealed the existence of putative sibling species (e.g. 

Baneth et al., 2000). Currently the molecular target from the adeleorinid coccidia with the most 

numerous publically available sequences is the nuclear 18S ribosomal RNA (rRNA) gene 

(rDNA). Extrachromosomal genome sequences from the mitochondrion and the apicoplast have 

become available recently from some members of the Adeleorina (Chapters 3, 4, and 5). There 

are currently no publicly available DNA sequences for H. griseisciuri.  

We report the presence of intra-leukocytic gamonts consistent with the description of H. 

griseisciuri in Canadian eastern grey squirrels for the first time and describe the amplification 

and sequencing of 2 unique complete 18S rDNA sequences and 2 unique complete mitochondrial 

genome sequences from 3 infected eastern grey squirrels. These are the first DNA sequences 

reported for this parasite and allude to the presence of a pair of genetically distinct Hepatozoon 

species infecting Ontario eastern grey squirrels.  

6.3 Materials and methods 

6.3.1 Case material 

Three adult road-killed eastern grey squirrels (S. carolinensis) were collected in Guelph, 

ON, Canada, necropsied and found to be infected with Hepatozoon cf. griseisciuri. Squirrel 1 

was collected in June 2017; heart tissue containing coagulated blood was retained for DNA 

extraction. Squirrel 2 was collected in September 2017 and blood, liver and spleen tissues were 

retained and frozen for DNA extraction. Squirrel 3 was collected in March 2018 and fresh 

samples of blood, liver, heart, kidney, spleen and lung tissues were retained for histological 

observation and DNA extraction.  

6.3.2 Histological slide preparation 

During post-mortem examination, free-flowing blood was collected by syringe from the 

hearts of Squirrel 2 and Squirrel 3 and was used to make thin blood smears. Slides were air dried, 
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fixed and stained with eosin and methylene blue (Shandon Kwik-Diff Stain, Thermo Fisher 

Scientific, Waltham MA, USA). Micrographs of gamont stages of H. griseisciuri were taken with 

a ×100 objective lens using bright-field illumination with an Olympus Provis AX70 microscope 

(Olympus, Tokyo, Japan) fitted with an Infinity 3-1C microscopy camera (Lumenera Corp., 

Ottawa, Canada). 

Fresh liver, heart, kidney, spleen and lung tissue collected from Squirrel 3 were processed 

routinely after fixation in 10% buffered formalin for a 24-48 hour period and were paraffin 

embedded. Briefly 5 µm sections were deparaffinized with xylene and rehydrated by a series of 

graded baths in alcohol and phosphate buffered saline buffer. All sections were stained with 

hematoxylin and eosin by the Animal Health Laboratory at the University of Guelph (Guelph 

ON, Canada). 

6.3.3 DNA isolation 

DNA was extracted from frozen blood-rich tissues (Squirrel 1: heart; Squirrel 2: lung; 

Squirrel 3: liver) using a DNAzol reagent according to the manufacturer’s protocol (Thermo 

Fisher Scientific, Waltham MA, USA). After isolation, DNA was quantified 

spectrophotometrically using a Nanodrop 2000 instrument (Thermo Fisher Scientific, Waltham 

MA, USA). 

6.3.4 Primer design 

All existing and newly generated polymerase chain reaction (PCR) and sequencing 

primers (see Tables 6.1, 6.2. 6.3, and 6.4) were developed using the methods described in 

Chapter 4.  

6.3.5 PCR amplification and amplicon isolation 

High fidelity PCR protocols and PCR amplicon isolation were carried out as described in 

Chapter 4. Complete nuclear 18S rDNA sequences were amplified from Squirrel 1 (Genotype 

A) and Squirrel 3 (Genotype B) samples as two overlapping amplicons generated using whole-

gene universal primers Medlin_A and Medlin_B (forward and reverse primers, respectively, from 

Medlin et al., 1988) paired with Adeleorina-specific internal primers Adel_18S_1522R and 
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Adel_18S_1000F respectively (Tables 6.1 and 6.2). A partial 18S rDNA sequence was amplified 

from Squirrel 2 using the Medlin_A and Adel_18S_1522R primer pair. 

Table 6.1: PCR amplification primers used to amplify the nuclear 18S ribosomal RNA sequence and the 
complete mitochondrial genome sequence of Hepatozoon cf. griseisciuri Genotype A. 

Amplicon Size 
(bp) Primer names Primer Sequences 

Anneal 
Temperature a 

Mitochondrial 
Amplicon A1 2,765 

Api_LSUF_F b 5'-GTWCGCCGGGGATAACAGGT-3' 
62°C 

Api_LSUG_R b 5'-AGATAGGGAACAAACTGYCTCAA-3' 
Mitochondrial 
Amplicon A2 3,589 

Api_LSUG_F b 5'-TTGAGRCAGTTTGTTCCCTATCT-3' 
62°C 

Api_LSUF_R b 5'-ACCTGTTATCCCCGGCGWA-3' 
Mitochondrial 
Amplicon A3 761 

Adel_RNA13_R 5'-GCTWACTTCCCGGTCAAAC-3' 
61°C 

Hep_SSUB_F 5'-AGCCTGGTGGTAGTGTCCAT-3' 
Mitochondrial 
Amplicon A4 1,504 

Hep_CytB_391F 5'-CCWTGGGGTCAGATGAGTT-3' 
62°C 

BarHep_COI_274R 5'-CCACTTCRGACGAGCCACA-3' 
Nuclear 18S rDNA  

Amplicon A1 1,375 Medlin_A (F) c 5'-AACCTGGTTGATCCTGCCAGT-3' 
60°C 

Adel_18S_1522R b 5'-AYCCTATTTAGCAGGTTAAGGT-3' 
Nuclear 18S rDNA  

Amplicon A2 794 Adel_18S_1000F b 5'-AGATACCGTCGTAGTCTTAACT-3' 
61°C 

Medlin_B (R) c 5'-GATCCTTCTGCAGGTTCACCTAC-3' 
a Estimated for high fidelity PCR using Thermo Fisher Tm calculator for Platinum SuperFi DNA polymerase 
(www.thermofisher.com). 
b Chapter 4 
c Universal forward and reverse primers from Medlin et al. (1988) 

 
The mitochondrial genome sequence of H. griseisciuri Genotype A was generated from 

Squirrel 1 from 4 overlapping amplicons. The first 2 amplicons were generated by a trial and 

error method that involved using all 4 combinations of forward and reverse primers targeting the 

highly conserved regions LSUF and LSUG (primers: Api_LSUF_F; Api_LSUF_R; 

Api_LSUG_F; Api_LSUG_R; primers cited in Table 6.1). Successful amplifications resulted in 

mitochondrial amplicon A1 generated from Api_LSUF_F and Api_LSUG_R and mitochondrial 

amplicon A2 generated from Api_LSUG_F with Api_LSUF_R (Table 6.1). After sequencing 

mitochondrial amplicon A1 and mitochondrial amplicon A2, primers Adel_RNA13_R and 

Hep_SSUB_F were selected to generate mitochondrial amplicon A3 that would span the LSUF 

region (Table 6.1). Primers Hep_CytB_391F and BarHep_COI_274R were selected to generate 

mitochondrial amplicon A4 to span the LSUG region (Table 6.1).  
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Table 6.2: PCR amplification primers used to amplify the nuclear 18S ribosomal RNA sequence and the 
complete mitochondrial genome sequence of Hepatozoon cf. griseisciuri Genotype B. 

 

Initial attempts to amplify and sequence H. griseisciuri mitochondrial genome sequences 

from Squirrel 2 yielded mixed sequences containing Genotype A as well as a unique sequence, 

Genotype B (results not shown). The new primer HepSq_B_RNA23t_F was designed to target 

Genotype B specifically; this new primer was paired with Api_LSUG_R to generate 

mitochondrial amplicon B1 covering the majority of the mitochondrial genome sequence (Table 

6.2). After sequencing mitochondrial amplicon B1, primer HepSq_B_COIR was designed to 

target Genotype B specifically and paired with Hep_CytB_391F to generate mitochondrial 

amplicon B2 that overlapped both ends of mitochondrial amplicon B1 and completed the 

Genotype B mitochondrial genome sequence (Table 6.2). 

The mitochondrial genotype of Squirrel 3 was identified by targeting a region spanning 

several fragmented rDNA that exhibited considerable variability between the Genotype A and 

Genotype B mitochondrial genomes (Genotype A: 793 bp, Genotype B: 747 bp) of H. 

griseisciuri. This region was targeted with universal primers Api_LSUE_F and Haem_RNA14_F 

(primers cited in Table 6.3). No additional sequencing of the mitochondrial genome from this 

isolate was done.  

Amplicon Size 
(bp) Primer names Primer Sequences 

Anneal 
Temperature a 

Mitochondrial 
Amplicon B1 5,960 

HepSq_B_RNA23t_F 5'-CTAGGCCAATAACCCAAATCTCTG-3' 
62°C 

Api_LSUG_R b 5'-AGATAGGGAACAAACTGYCTCAA-3' 

Mitochondrial 
Amplicon B2 1,282 

Hep_CytB_391F 5'-CCWTGGGGTCAGATGAGTT-3' 
64°C 

HepSq_B_COIR 5'-AGCCATGATTCCAAATAGCAAC-3' 

Nuclear 18S rDNA 
Amplicon B1 1,375 

Medlin_A (F) c 5'-AACCTGGTTGATCCTGCCAGT-3' 
60°C 

Adel_18S_1522R b 5'-AYCCTATTTAGCAGGTTAAGGT-3' 

Nuclear 18S rDNA 
Amplicon B2 794 

Adel_18S_1000F b 5'-AGATACCGTCGTAGTCTTAACT-3' 
61°C 

Medlin_B (R) c 5'-GATCCTTCTGCAGGTTCACCTAC-3' 
a Estimated for high fidelity PCR using Thermo Fisher Tm calculator for Platinum SuperFi DNA polymerase 
(www.thermofisher.com). 
b Chapter 4 
c Universal forward and reverse primers from Medlin et al. (1988) 
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Table 6.3: Sequencing primers used for Sanger sequencing of the nuclear 18S ribosomal RNA sequence and 
the complete mitochondrial genome sequence of Hepatozoon cf. griseisciuri Genotype A. 

Amplicon Primer name Primer Sequence Position from start 

Mitochondrial 
Amplicon A1 

Api_LSUG_R a 5'-AGATAGGGAACAAACTGYCTCAA-3' 6,156→6,178 
H_COI_613R 5'-ACCATGAATTAAAGGTCATAATACCCA-3' 571→545 
H_COI_613F 5'-TGGGTATTATGACCTTTAATTCATGGT-3' 545→571 

BHep_COIII_238F 5'- ATTTCTGGGGAGYVTTTCAGCT-3' 1,961→1,940 
Api_LSUF_F a 5'-GTWCGCCGGGGATAACAGGT-3' 2,609→2,590 

Mitochondrial  
Amplicon A2 

Api_LSUF_R a 5'-ACCTGTTATCCCCGGCGWA-3' 2,590→2,608 
Haem_RNA14F a 5'-GAAACCTTCCTGAKCGACTC-3' 2,855→2,874 

Api_LSUE_F a 5'-GGTAAGACCCTGAGCACCT-3' 3,632→3,614 
Api_LSUE_R a 5'-AGGTGCTCAGGGTCTTACCG-3' 3,614→3,633 

Hep_CytB_416R 5'-GCCCAGAAACTCATCTGA-3' 5,122→5,105 
Hep_COB_1101R b 5'-ACTGAGGTAATTGGCTACC-3' 5,724→5,706 

Api_LSUG_F a 5'-TTGAGRCAGTTTGTTCCCTATCT-3' 6,178→6,156 
Mitochondrial 
Amplicon A3 

Hep_CytB_391F 5'-CCWTGGGGTCAGATGAGTT-3' 5,097→5,115 
BHep_COI_274R 5'-CCACTTCRGACGAGCCACA-3' 289→271 

Mitochondrial 
Amplicon A4 Adel_RNA13_R 5'-GCTWACTTCCCGGTCAAAC-3' 2,233→2,251 

Nuclear 18S rDNA 
Amplicon A1 

Medlin_A (F) c 5'-AACCTGGTTGATCCTGCCAGT-3' 1→21 
18S_Adel_461F 5'-AGCTTTCGAYGGTADRGTA-3' 321→339 

18S_696R d 5'-TACGAGCYTTYTAACTGCAAC-3' 641→621 
Adel_18S_1522R a 5'-AYCCTATTTAGCAGGTTAAGGT-3' 1,375→1,354 

Nuclear 18S rDNA 
Amplicon A2 

Adel_18S_1000F a 5'-AGATACCGTCGTAGTCTTAACT-3' 1,023→1,044 
Medlin_B (R) c 5'-GATCCTTCTGCAGGTTCACCTAC-3' 1,816→1,794 

a Chapter 4 
b Chapter 3 
c Universal forward and reverse primers from Medlin et al. (1988) 
d Ogedengbe (2015) 

 

6.3.6 PCR amplicon sequencing and analysis 

The purified PCR amplicons generated were then sequenced in both directions with the 

forward and reverse amplification primers supplemented with internal sequencing primers as 

needed (Tables 6.3 and 6.4), with exception of the partial 18S rDNA amplicon generated from 

Squirrel 2. The latter amplicon was sequenced unidirectionally with the Medlin_A (F) primer 

(primer cited in Table 6.1). All Sanger sequencing was accomplished using an Applied 

Biosystems 3730 DNA Analyzer (Applied Biosystems Inc., Foster City CA, USA) by the 

Molecular Biology Unit of the Laboratory Services Division, University of Guelph (Guelph ON, 

Canada). Chromatograms received from sequencing reactions were imported and assembled into 

contigs using the De Novo Sequence Assembler within Geneious. All assembled amplicon 

contigs overlapped one another by at least 250 bp and overlapping regions showed 100% 

pairwise sequence identity in all cases.  
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Complete 18S rDNA sequences from Genotype A and Genotype B were searched against 

the public sequence databases using the BLAST algorithm (Altschul et al., 1990) to identify 

similar 18S rDNA sequences.  

Table 6.4: Sequencing primers used for Sanger sequencing of the nuclear 18S ribosomal RNA sequence and 
the complete mitochondrial genome sequence of Hepatozoon cf. griseisciuri Genotype B. 

Amplicon Primer name Primer Sequence Position from start 

Mitochondrial 
Amplicon B1 

Api_LSUG_R a 5'-AGATAGGGAACAAACTGYCTCAA-3' 5,958→5,980 
Hep_2112_F 5'-TTCGATGGAAAACCAGAACTAC-3' 150→171 

Api_Uni_COI_F 5'-TGGGCHCAYCAYATGATGAC-3' 871→890 
Api_LSUF_F a 5'-GTWCGCCGGGGATAACAGGT-3' 2,652→2,633 
Api_LSUF_R a 5'-ACCTGTTATCCCCGGCGWA-3' 2,633→2,651 
Hep_SSUB_F 5'-AGCCTGGTGGTAGTGTCCAT-3' 3,008→2,989 

Adel_RNA15_F 5'-TWTGWAACACACTTCCCTTCT-3' 3,016→3,036 
Api_LSUE_R a 5'-AGGTGCTCAGGGTCTTACCG-3' 3,598→3,617 

Api_RNA17_R a 5'-ACCAGCCTGGGATCRWAA-3' 4,038→4,055 
Hep_COB_1F b 5'-TGGTTTATGACCGTCAGGCT-3' 4,471→4,490 

HepSq_B_RNA23t_F 5'-CTAGGCCAATAACCCAAATCTCTG-3' 5,803→5,780 
Mitochondrial 
Amplicon B2 

Hep_CytB_391F 5'-CCWTGGGGTCAGATGAGTT-3' 4,926→4,944 
HepSq_B_COI_R 5'-AGCCATGATTCCAAATAGCAAC-3' 93→72 

Nuclear 18S rDNA 
Amplicon B1 

Medlin_A (F) c 5'-AACCTGGTTGATCCTGCCAGT-3' 1→21 
18S_696R d 5'-TACGAGCYTTYTAACTGCAAC-3' 641→621 

Adel_18S_1522R a 5'-AYCCTATTTAGCAGGTTAAGGT-3' 1,375→1,354 
Nuclear 18S rDNA 

Amplicon B2 
Adel_18S_1000F a 5'-AGATACCGTCGTAGTCTTAACT-3' 1,023→1,044 

Medlin_B (R) c 5'-GATCCTTCTGCAGGTTCACCTAC-3' 1,816→1,794 
a Chapter 4 
b Chapter 3 
c Universal forward and reverse primers from Medlin et al. (1988) 
d Ogedengbe (2015) 

 

6.3.7 Annotation and analysis of protein coding regions 

Open reading frames (ORF) in the assembled mitochondrial genome were identified using 

an ORF search utility within Geneious using trans_table 4 (i.e. mold protozoan mitochondrial 

translation table). Translated ORFs (amino acid residue [AA] sequences) were searched against 

the public sequence databases using the DELTA-BLAST algorithm (Altschul et al., 1990; 

Boratyn et al., 2012) to identify each ORF in relation to similar protein coding sequences (CDS). 
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6.3.8 Annotation of mitochondrial ribosomal DNA sequences 

The fragmented mitochondrial rDNA of H. griseisciuri Genotype A and Genotype B were 

annotated based on similarity to the fragmented rDNA previously annotated in Plasmodium 

falciparum (M76611; Feagin et al., 2012), Hepatozoon catesbianae (KF894962; Chapter 3), 

Klossiella equi (MH203050; Chapter 4) and Eimeria tenella (HQ702484) mitochondrial 

genomes as described in Chapters 3, 4, and 5. Any rDNA that aligned with the H. griseisciuri 

mitochondrial sequence with a pairwise sequence identity below 65% were excluded from further 

analysis. Putative fragmented rDNA ribosomal annotations follow the nomenclature of Feagin et 

al. (2012) in their annotation of the mitochondrial genome of P. falciparum. 

6.3.9 Pairwise comparison of H. griseisciuri Genotype A and Genotype B 

Pairwise comparisons of 18S rDNA, whole mitochondrial genome sequences and 

orthologous CDS were analyzed in Geneious using the ‘Multiple Align’ tool (cost matrix: 70%, 

gap open penalty: 12, gap extension penalty: 3; www.geneious.com, Kearse et al., 2012). 

Pairwise comparisons of translated AA sequences from orthologous CDS were analyzed in 

Geneious using the ‘Multiple Align’ tool (cost matrix: Blosum62, gap open penalty: 12, gap 

extension penalty: 3).  

6.4 Results 

6.4.1 Microscopic observations  

Blood-smears were not available for Squirrel 1 and therefore microscopic observations of 

gamonts were not possible. Stained thin blood smears collected from Squirrel 2 and Squirrel 3 

contained infrequent Hepatozoon cf. griseisciuri gamonts found within blood cells that most 

resembled monocytes (Figure 6.1). Gamonts observed from Squirrel 2 (n=8) measured 10.4-11.4 

(10.9) µm × 3.5-5.0 (4.1) µm with gamont nuclei measuring 4.2-6.9 (5.4) µm × 2.7-4.1 (3.1) µm. 

Gamonts observed from Squirrel 3 (n=9) measured 9.3-11.3 (10.6) µm × 3.2-5.0 (3.9) µm with 

gamont nuclei measuring 3.9-7.0 (5.0) µm × 2.5-3.6 (3.1) µm. There were no parasite stages 

observed from the histological sections of liver, heart, kidney, spleen and lung tissues recovered 

from Squirrel 3.  
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Figure 6.1: Micrographs of Giemsa’s stained gamonts of Hepatozoon cf. griseisciuri in a thin blood film from 
eastern grey squirrel, Sciurus carolinensis. 
Gamont located within a monocyte (A) and free (B) in the blood. Scale bar = 10 µm. 

6.4.2 Complete nuclear 18S ribosomal DNA sequences 

The complete nuclear 18S rDNA sequence of H. griseisciuri Genotype A amplified from 

Squirrel 1 had a unit length of 1,816 bp (MK452252). The complete nuclear 18S rDNA Genotype 

B amplified from Squirrel 3 also had a unit length of 1,816 bp (MK452253). A pairwise 

comparison of the 2 sequences had a 98.8% pairwise identity and 22 single nucleotide differences 

(SND). Both sequences generated similar BLAST search results with 98-99% pairwise identity 

(92-98% coverage) to several unnamed Hepatozoon sp. 18S rDNA sequences (AB181504, 

AY600626, FJ719818, FJ719816, JX644997, EF222259) collected from various rodent hosts and 

99% pairwise identity (97% coverage) to a Hepatozoon ayorgbor 18S rDNA sequence 

(EF157822) collected from a ball python (Python regius). 

The partial 18S rDNA amplicon generated from Squirrel 2 (829 bp; sequence not 

published) had 19 ambiguous base calls (caused by multiple base signals contributing to the 

chromatogram at these sites). The 19 ambiguous base calls documented in the Squirrel 2 partial 

18S rDNA sequence corresponded to the SNDs observed between Genotype A and Genotype B 

18S rDNA sequences. This confirmed that Squirrel 2 was infected with both Genotype A and 

Genotype B of H. griseisciuri with no other genotypes detected. 
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Figure 6.2: Annotated complete mitochondrial genome sequences of Hepatozoon cf. griseisciuri Genotype A 
(MK452388), illustrated in both circular and linear forms, and Genotype B (MK452389), illustrated in linear 
form only.  
Three protein-coding regions (CDS; cytochrome c oxidase subunit I [COI], cytochrome c oxidase subunit III [COIII], 
and cytochrome b [CytB]) were encoded by the Genotype A and Genotype B mitochondrial genomes. Numerous 
putative fragmented ribosomal RNA (rRNA) genes (rDNA) were identified in both genomes; fragmented rDNA 
nomenclature follows Feagin et al. (2012). The arrangements of CDS and fragmented rDNA were identical in the 
Genotype A and Genotype B mitochondrial genomes with the exception of RNA2 that was found in different 
locations on each (*). Initial genome images were produced with Geneious (www.geneious.com; Kearse et al., 2012). 

6.4.3 Complete mitochondrial genome sequences 

The complete mitochondrial genome of H. griseisciuri Genotype A amplified from 

Squirrel 1 had a unit length of 6,311 bp with an overall G+C content of 39.2% (MK452388). The 

circular-mapping mitochondrial genome organisation (Figure 6.2) consisted of three protein-

coding genes cytochrome c oxidase subunit I (COI), cytochrome c oxidase subunit III (COIII) 

and cytochrome b (CytB) (Table 6.5). The G+C content of these protein-coding genes was 

37.6% for COI, 36.4% for COIII, and 37.0% for CytB. The complete mitochondrial genome of 
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H. griseisciuri Genotype B, selectively amplified from Squirrel 2, had a unit length of 6,114 bp 

with an overall G+C content of 38.6% (MK452389). The mitochondrial genome organisation was 

nearly identical to that of Genotype A and also contained three protein-coding genes (COI, COIII 

and CytB); the G+C content of these protein-coding genes was 37.1% for COI, 34.4% for COIII, 

and 36.6% for CytB. As is typical of apicomplexan mitochondrial genomes, many putative 

fragmented rDNA were identified in both genome sequences: 14 fragmented large subunit (LSU) 

rDNA; 10 fragmented small subunit (SSU) rDNA; and, 8 unassigned fragmented rDNA (Table 

6.6). Each putative fragmented rDNA had a pairwise identity greater than 65% to a 

corresponding fragmented rDNA functionally annotated previously in the mitochondrial genome 

of P. falciparum (M76611; see Feagin et al., 2012). As observed in the mitochondrial genome of 

K. equi (Chapter 4), the sequence for LSUA was fragmented in 2 pieces with the start and the 

end of the gene occurring at different locations. The sequence identified as RNA16 overlapped 

with the 3'-end of the COI CDS in both genomes. Fragmented rDNA encoding RNA8, RNA11 

and RNA12 in the P. falciparum mitochondrial genome were not identified in either of the 

mitochondrial genotypes from H. griseisciuri (Table 6.6).  

Table 6.5: Features associated with the protein-coding regions of Hepatozoon cf. griseisciuri Genotype A and 
Genotype B mitochondrial genome sequences. 

Protein-coding region Sequence size 
(bp) Sequence position (bp) Translation 

start codon 
Translation 
stop codon 

Cytochrome c oxidase subunit I (COI)     
Genotype A 1,422 16→1,437 TTA TAG 
Genotype B 1,473 16→1,488 TTA TAA 

Cytochrome c oxidase subunit III (COIII)     
Genotype A 741 2,199→1,459 TTA TAA 
Genotype B 741 2,202→1,462 TTA TAA 

Cytochrome b (CytB)     
Genotype A 1,134 4,707→5,840 TTA TAG 
Genotype B 1,158 4,536→5,693 TTA TAG 

 

The small (747 bp) mitochondrial genome target amplified from Squirrel 3 using primers 

that target both genotypes had 100% pairwise identity to the Genotype B sequence selectively 

amplified from Squirrel 2. This sequence contained no ambiguous base calls (caused by 

competing chromatogram readings) indicating that the Squirrel 3 sample contained Genotype B 

exclusively.  
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Table 6.6: Annotation of fragmented ribosomal RNA (rRNA) genes (rDNA) encoded in the mitochondrial 
genomes of Hepatozoon cf. griseisciuri Genotype A and Genotype B. These annotations were assigned based on 
pairwise comparisons with conserved annotated genes from Plasmodium falciparum (M76611, see Feagin et al. 
2012), Hepatozoon catesbianae (KF894962), Klossiella equi (MH203050) and Eimeria tenella (HQ702484). 

Fragmented 
rDNA a 

rRNA 
assignment b 

Position in  
Genotype A (bp) 

Position in  
Genotype B (bp) 

Sequence 
length (bp) 

SSUA SSU 4,252→4,181 4,184→4,113 72 (partial) 
SSUB SSU 2,998→2,885 3,013→2,900 114 
SSUD SSU 3,422→3,482 3,414→3,474 61 
SSUE SSU 3,344→3,303 3,358→3,317 42 
SSUF SSU 2,719→2,665 2,753→2,699 55 
LSUA LSU 4,559→4,519 

3,130→3,027 
4,492→4,452 
3,145→3,042 

41 
104 

LSUB LSU 3,941→3,908 3,898→3,865 34 
LSUC LSU 2,324→2,345 2,367→2,388 22 
LSUD LSU 5,893→5,972 5,693→5,772 80 
LSUE LSU 3,793→3,604 3,777→3,588 190 
LSUF LSU 2,630→2,522 2,673→2,565 109 
LSUG LSU 6,252→6,147 6,054→5,949 106 
RNA1 LSU 6,108→6,025 5,910→5,827 84 
RNA2 LSU 4,681→4,620 2,227→2,288 62 
RNA3 LSU 3,230→3,296 3,246→3,311 67(A)/66(B) 
RNA4 -- 4,421→4,384 4,354→4,317 38 (partial) 
RNA5 SSU 3,828→3,902 3,789→3,863 75 
RNA6 LSU 2,843→2,788 2,858→2,803 56 
RNA7 -- 3,208→3,138 3,220→3,149 71(A)/72(B) 
RNA8 SSU Not Found Not Found -- 
RNA9 SSU 4,386→4,335 4,319→4,268 52 

RNA10 LSU 3,489→3,560 3,481→3,552 72 
RNA11 LSU Not Found Not Found -- 
RNA12 SSU Not Found Not Found -- 
RNA13 LSU 2,257→2,228 2,322→2,293 30 
RNA14 SSU 2,848→2,879 2,863→2,894 32 
RNA15 -- 3,025→2,999 3,040→3,014 27 
RNA16 -- 1,420→1,448 1,428→1,456 29 
RNA17 SSU 4,120→4,083 4,057→4,020 38 
RNA18 LSU 2,664→2,640 2,698→2,674 25 
RNA19 SSU 4,156→4,127 4,094→4,065 30 
RNA20 -- 4,304→4,338 4,236→4,271 35(A)/36(B) 
RNA21 -- 4,064→4,043 4,015→3,994 22 
RNA22 -- 6,148→6,113 5,950→5,915 36 
RNA23t -- 6,014→5,984 5,816→5,786 31 

a Nomenclature follows Feagin et al. (2012) 
b Based on assignment by Feagin et al. (2012) 

 
Although Genotype A and Genotype B mitochondrial genomes had the same CDS and 

rDNA elements, they differed slightly in their organization. RNA2 mapped near the start of CytB 

in Genotype A but was located upstream of COIII and reading in the opposite direction in 

Genotype B (Figure 6.2, Table 6.6). There was an 8 bp insert (TAAGTAAG; location: 1418-

1425 bp) near the end of the Genotype B COI CDS that resulted in a frameshift mutation and 

caused the COI CDS to be longer than the Genotype A COI CDS (Table 6.5). The Genotype B 



 

 115 

COI CDS had a 27 bp overlap with the end of the COIII CDS. There was also a 26 bp insert near 

the end of the Genotype A CytB CDS that terminated the coding region earlier than the Genotype 

B CytB CDS (Table 6.5). Pairwise alignment of Genotype A and Genotype B complete 

mitochondrial genome sequences had a pairwise identity of 89.1%. Aligned COI coding 

sequences had 92.0% pairwise identity and the corresponding translated AA alignment had 

98.3% pairwise identity. Aligned COIII coding sequences had 89.9% pairwise identity and 

aligned COIII translated AA sequences had 98.4% pairwise identity. Aligned CytB coding 

sequences had 90.5% pairwise identity and aligned CytB translated AA sequences had 95.8% 

pairwise identity. 

When searched against public databases using the DELTA-BLAST algorithm (Altschul et 

al., 1990; Boratyn et al., 2012), the translated H. griseisciuri Genotype A COI AA sequence had 

a 96% sequence identity with the COI of H. catesbianae (AIG55088), a 77% sequence identity 

with the COI of K. equi (AZL31646) and a 66-67% sequence identity with the COI of various 

haemosporinid species. The H. griseisciuri translated Genotype A COIII AA sequence had a 91% 

sequence identity with the COIII of H. catesbianae (AIG55090), a 53% sequence identity with 

the COIII of K. equi (AZL31645) and 45-49% sequence identity with the COIII of various 

haemosporinid species. The translated H. griseisciuri Genotype A CytB AA sequence had a 95% 

sequence identity with the CytB of H. catesbianae (AIG55089), a 66% sequence identity with the 

CytB of K. equi (AZL31647), and a 59-60% sequence identity with the CytB of various 

haemosporinid species. DELTA-BLAST results for H. griseisciuri Genotype B CDS were similar 

to the results of Genotype A.  

6.5 Discussion 

We report the first molecular data (complete nuclear 18S rDNA and the complete 

mitochondrial genome) from the only Hepatozoon species described infecting the eastern grey 

squirrel, Hepatozoon griseisciuri Clark, 1958. The pairwise differences observed between 18S 

rDNA and mitochondrial genome sequences of Genotype A and Genotype B indicate that these 

sequences represent two different Hepatozoon spp. infecting eastern grey squirrels in Ontario. 

Pending further investigations on the biology and lifecycles of these parasites, we have taken the 

position that the two genotypes described herein should both retain the name of Hepatozoon cf. 

griseisciuri. Only after their biologies can be linked unequivocally with a specific genotype can 
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one, both, or neither genotype be associated unequivocally with H. griseisciuri. The presence of 

both H. griseisciuri genotypes infecting Squirrel 2 reveal that these related species are capable of 

infecting the same intermediate host concurrently. 

6.5.1 Remarks on the microscopic observations 

The morphometrics of gamonts within monocytes from Squirrel 2 (Genotype A and 

Genotype B) and Squirrel 3 (Genotype B) were not significantly different from one another (data 

not shown) and both corresponded to the dimensions (9.9-11.8 × 3.3-4 µm, nuclei: 4-5.2 × 3.3 

µm [n=5]) provided by Clark (1958) in his description of H. griseisciuri. No merogonic stages 

were observed histologically in the tissues collected from Squirrel 3. This was consistent with the 

observations of Clark (1958) who found no merogonic (=schizogonic) stages in sections and 

smears of liver, spleen or bone marrow from adult squirrels. Clark (1958) only observed 

merogonic stages in a 36-hours-old squirrel. Similarly, Hendricks (1975) only observed 

merogonic stages in 1 of 10 squirrels; that single infected squirrel was only two-weeks-old. This 

suggests that merogony is limited to initial infections whereas gamonts may persist in the blood 

long after initial pre-erythrocytic merogony has ceased. This would be consistent with other 

Hepatozoon spp. where “merogonic development is completed within 4-7 wk following 

infection” (as reviewed in Smith, 1996). 

6.5.2 Remarks on other molecularly-related Hepatozoon species 

Searching the 18S rDNA sequences of H. griseisciuri Genotype A and Genotype B 

against public databases using the BLAST algorithm (Altschul et al., 1990) confirmed that there 

are several unnamed Hepatozoon spp. sampled from various rodent intermediate hosts worldwide 

with high pairwise sequence identities (98-99%). Surprisingly, the 18S rDNA sequences from H. 

griseisciuri also had high pairwise sequence identity (99%) to an 18S rDNA sequence from H. 

ayorgbor infecting a ball python. Hepatozoon ayorgbor was demonstrated experimentally to have 

a 3-host lifecycle involving a mosquito definitive host, a rodent first intermediate host and a 

serpent second intermediate host (Sloboda et al., 2007, 2008). The apparent molecular similarity 

between H. griseisciuri and H. ayorgbor may provide additional support to the findings of Desser 

(1990) who reported “monozoic cysts” in addition to meronts (=schizonts) in the lung tissue of an 

eastern grey squirrel infected with H. griseisciuri from Georgia, USA. Desser (1990) proposed 
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that these cysts may be involved in the transmission of H. griseisciuri to a predatory animal (in 

addition to the transmission of circulating gamonts to the mite definitive host) and that predators 

of squirrels should be investigated for infections with Hepatozoon species. It is possible that the 

lifecycle of H. griseisciuri involves a second intermediate host that has not been identified yet. 

However, the mite definitive host, H. reidi, has been found to parasitize primarily sciurid hosts 

(Redington, 1970) and would be unlikely to feed upon other vertebrates that predate on squirrels. 

For this reason, the involvement of a second intermediate host seems unlikely in the H. 

griseisciuri lifecycle. Given the current evidence of multiple Hepatozoon spp. infecting a single 

squirrel host, it is possible that Desser (1990) observed the co-infection with multiple parasites in 

the squirrel host he examined. One of those parasites may involve a second intermediate host that 

predates upon squirrels. This would be comparable to the involvement of ranid frogs as 

intermediate hosts in the 2-host lifecycle of Hepatozoon catesbianae (see Desser et al., 1995) and 

the 3-host lifecycle of Hepatozoon sipedon (see Smith et al., 1994). The existence of two or more 

Hepatozoon spp. infecting the eastern grey squirrel may also suggest why Clark (1958) observed 

sporogonic development of H. griseisciuri in both L. echidnina and H. reidi mites; the former is 

the demonstrated definitive host of H. muris (Miller, 1908) and the latter is most likely to be the 

natural definitive host of H. griseisciuri (see Clark, 1958; Redington and Jachowski, 1971).  

6.5.3 Remarks on the complete mitochondrial genome sequences from H. griseisciuri Genotype 

A and Genotype B 

The complete mitochondrial genomes of the H. griseisciuri (Genotype A and Genotype 

B) infecting the eastern grey squirrel were structurally similar to the majority of described 

mitochondrial genomes from the Apicomplexa: circular-mapping, 3 CDS (COI, COIII, CytB) and 

multiple fragmented small and large subunit rDNAs (e.g. Hikosaka et al., 2011a, 2013; Feagin et 

al., 2012; Chapters 3 and 4). As with many apicomplexan mitochondrial genomes, the physical 

form of these circular-mapping genomes of these H. griseisciuri genotypes could be either linear 

concatemers of several to many genome copies or single physically circular genomes (see 

Hikosaka et al., 2013). 

Beyond basic gene content comprising each of the mitochondrial genomes, the 

organization of those genes in the H. griseisciuri (Genotype A and Genotype B) mitochondrial 
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genomes was unique among the Apicomplexa, including mitochondrial genomes from other 

adeleorinid coccidia (Chapters 3 and 4) and, surprisingly, the two genotypes sequenced in the 

present study had minor differences in organization. This is in contrast to the usual conservation 

of mitochondrial genome organization (i.e. the order and orientation of these genome 

components) observed for members within each of several major apicomplexan groups (e.g., the 

haemosporinids [see Hikosaka et al., 2011b] or eimeriids) but not between major groups. Among 

eimeriid coccidia, the mitochondrial genome organization and content is virtually identical 

among 5 different genera (i.e. the genera Eimeria, Isospora, Caryospora, Cyclospora and 

Lankesterella [see Ogedengbe, 2015]); the degree of reorganization observed between the two 

Hepatozoon genotypes in the present paper exceeded the variation reported among these eimeriid 

parasites. Among other sequenced apicomplexan mitochondrial genomes, only the piroplasms 

(Babesia spp. and Theileria spp.) seem to display a diversity of mitochondrial genome structures 

within single genera (Hikosaka et al., 2010). 

Despite the observed organizational diversity, the mitochondrial genomes of H. 

griseisciuri did share similarities with those of H. catesbianae and K. equi. The mitochondrial 

genome of Genotype A had a 76 bp repeat region from 21 bp upstream to 55 bp into the CDS of 

both COIII and CytB and the Genotype B mitochondrial genome had an 85 bp from 30 bp 

upstream to 55 bp into the CDS of both COIII and CytB. Similar repeated regions were observed 

at the starts of the COIII and CytB CDS of H. catesbianae (70 bp; see Chapter 3) and K. equi 

(107 bp; see Chapter 4). In all cases, these repeated stretches did not seem to alter the predicted 

transmembrane folding structures of the resulting translated AA sequences (not shown). There 

was also a common cluster of fragmented rDNA that were conserved among the genomes. A 

cluster of fragmented rDNA (LSUD-RNA23t-RNA1-RNA22-LSUG) was conserved in 

H. griseisciuri, H. catesbianae and K. equi mitochondrial genomes. Further, the mitochondrial 

genome of H. catesbianae shared several long stretches of fragmented rDNA (LSUC-LSUF-

RNA18-SSUF; RNA6-RNA14-SSUB-RNA15-LSUA(2)-RNA7; RNA3-SSUD-RNA10-LSUE; 

RNA20-RNA9-RNA4-LSUA(1)-CytB) with the two H. griseisciuri genotypes. Some of these 

elements (SSUF, LSUF, LSUC, RNA14, SSUB) clustered closely together in the mitochondrial 

genome of K. equi, but were not in the same configuration. This suggests that fewer 

rearrangement events have occurred within the mitochondrial genomes of H. griseisciuri and H. 

catesbianae compared to the mitochondrial genome of K. equi. These similarities and the higher 
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pairwise identities of the nu 18S rDNA and mitochondrial CDS sequences of H. catesbianae and 

H. griseisciuri compared to K. equi reinforces that these Hepatozoon spp. are more closely 

related to one another than to K. equi.  

6.5.4 Remarks on taxa currently assigned to the genus Hepatozoon 

The mitochondrial genomes of Hepatozoon spp. sequenced to date display staggering 

diversity. This is reinforced by the apparent absence of a complete mitochondrial genome 

sequence in Hepatozoon canis (see Chapter 5). While we have only begun to scratch the surface 

of this diversity, observations to date suggest that taxa currently in the genus Hepatozoon are 

likely to require redistribution into multiple genera that have yet to be defined. The likely 

necessity to split the genus Hepatozoon has been recognized previously (see Smith and Desser, 

1997). Karadjian et al. (2015) started the required taxonomic revisions based on a combined 

analysis of the biology of multiple haemogregarines (sensu lato) and a large-scale phylogenetic 

analysis of adeleorinid 18S rDNA sequences. As a result, Karadjian et al. (2015) described a new 

genus, Bartazoon, to hold all members of the “Haemogregarines Type 4” clade in their 

phylogenetic tree. Our data suggest that their proposed taxonomic solution does not sufficiently 

address the breadth of diversity observed among these heteroxenous adeleorinid parasites; the 

number of genera may need to be increased to accommodate this diversity. 

Our preliminary analysis of the new 18S rDNA sequences obtained herein suggests that 

H. griseisciuri (Genotype A and Genotype B) would also cluster within the “Haemogregarines 

Type 4” clade of Karadjian et al. (2015) (data not shown)19. The biology of H. griseisciuri 

involves a rodent intermediate host and mite definitive host with transmission presumably via 

ingestion of mites containing sporulated oocysts (Clark, 1958; Redington and Jachowski, 1971). 

Although Hepatozoon species have widely varying lifecycles in a range of biologically diverse 

definitive and intermediate hosts (Smith, 1996; Karadjian et al., 2015), the biology of 

H. griseisciuri is most similar to the type species of the genus, H. muris, with which it shares 

both geography and a definitive host, at least experimentally (Miller, 1908; Clark, 1958). If the 

adeleorinid nuclear and mitochondrial genotypes explored in the present paper are truly congenic 

with the type species of the genus Hepatozoon, H. muris, then the assignment of all species that 

                                                
19 This phylogenetic position was demonstrated in Chapter 8, Figure 8.2. 
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clustered in “Haemogregarines Type 4” to the genus Bartazoon by Karadjian et al. (2015) 

becomes problematic. Maia et al. (2016) acknowledge the need for a systematic revision of the 

Adeleorina, including the need for new genera to be erected formally, but concluded that it was 

premature to do so formally until additional molecular data became available, particularly 

sequences from the type species, H. muris. 

6.6 Conclusion 

The amplification and sequencing of partial 18S rDNA and complete mitochondrial 

genome sequences from Hepatozoon cf. griseisciuri uncovered two, genotypically distinct 

Hepatozoon species found infecting eastern grey squirrels both singly and concurrently; this 

unexpected genetic diversity foreshadows the diversity among adeleorinid blood-parasites that 

remains to be uncovered. This reinforces that the taxonomic revision of this group continues to be 

complicated by the comparable lack of molecular data linked to well-defined biological 

characteristics (Smith 1996). The majority of adeleorinid species have only ever been observed in 

one (of perhaps several) intermediate host and, frequently, solely from the easily observable stage 

in the lifecycle, the gamont. Moreover, the definitive hosts, within which the majority of the 

biologically distinctive lifecycle stages (gametogonic and sporogonic) are found, can be 

challenging to collect and are labour-intensive to study in the laboratory. As sequences from 

multiple genetic loci from adeleorinid parasites become increasingly available, these molecular 

markers can be applied to link morphological and biological observations among the various 

hosts and tissues infected during these complex heteroxenous lifecycles. Only then will we be 

able to begin to understand the biology and evolutionary relationships among these diverse 

adeleorinid taxa. 
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7. Multi-locus genotyping of sympatric Hepatozoon species infecting 
the blood of Ontario ranid frogs reinforces species differentiation 
and identifies a new Hepatozoon species. 

7.1 Abstract 

Intraerythrocytic gamonts of at least two named Hepatozoon species have been reported 

infecting the erythrocytes of ranid frogs in Ontario. Although gamonts of both species are 

morphometrically similar, the cytopathological changes that one of these species, H. clamatae, 

causes to host erythrocytes, manifested by nuclear fragmentation, was used historically to 

distinguish this parasite from H. catesbianae. Molecular characterisation of these two 

Hepatozoon species has been equivocal in correlating genotype with morphotype. Amplification 

and sequencing of multiple potential genotyping loci within the nuclear (18S ribosomal DNA; 

internal transcribed spacer 1), apicoplast (23S ribosomal DNA) and mitochondrial genomes 

(complete genomes, cytochrome c oxidase subunit I and subunit III, and cytochrome B) was 

conducted on Hepatozoon species that infect ranid frogs in Ontario. Sequence data were then 

used to evaluate the diversity of parasites present in these amphibian hosts and to assign 

genotypes to morphotypes, if possible. Three distinct genotypes were identified at all loci; the 

data permitted the discovery of a third, formerly unrecognized Hepatozoon species in ranid frogs 

from Ontario. Although all genetic loci demonstrated differences between Hepatozoon species, 

mitochondrial cytochrome c oxidase subunit III sequences were most suitable for genotypic 

differentiation of these parasites of frogs. Linking genotypes to morphotypes proved impossible; 

genotypes identified as H. catesbianae and H. clamatae were found in infections with or without 

nuclear fragmentation of their host erythrocytes. This suggests that differentiating these species 

must rely on suitable genotyping methods for identification in the blood of their amphibian 

intermediate hosts. 

7.2 Introduction 

Species of the genus Hepatozoon Miller, 1908 (Apicomplexa: Coccidia: Adeleorina) are 

widely diverse and utilize a range of definitive invertebrate blood feeding hosts (i.e. dipteran 

insects, mites, and ticks) where they form large polysporocystic oocysts that remain latent within 

tissues and enable transmission to intermediate vertebrate hosts (i.e. amphibians, reptiles, 
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mammals, and birds) when they ingest, either purposefully or accidentally, the infected definitive 

host (Smith, 1996; Barta, 2000).  

Two Hepatozoon species have been described infecting ranid frogs in Ontario, Canada: 

Hepatozoon catesbianae (Stebbins, 1904) Desser et al., 1995; and, Hepatozoon clamatae 

(Stebbins, 1905) Smith, 1996. Stebbins (1904) first described Haemogregarina catesbianae from 

the blood of bullfrogs, Rana catesbeiana, in Long Island, New York, USA. Desser et al. (1995) 

later remarked that this description mistakenly combined “intraerythrocytic gamonts of a 

hemogregarine, an intraerythrocytic rickettsia, and sporozoites of Lankesterella minima” to 

define an incorrect lifecycle. Desser et al. (1995) described the complete lifecycle in detail and 

reassigned the parasite to the genus Hepatozoon based on observations of sporogonic 

development in the definitive host. Stebbins (1905) also reported a similar parasite in the blood of 

R. catesbeiana and green frogs, Rana clamitans, with the difference that the gamonts caused 

hypertrophy and fragmentation of the host erythrocyte nuclei and therefore named it Karyolysus 

clamatae. Smith (1996) later reclassified this parasite as Hepatozoon clamatae.  

The lifecycles of both H. catesbianae and H. clamatae involve gametogony, fertilization 

and sporogony in the Malpighian tubules of the mosquito definitive host, Culex territans, 

resulting in the formation of large polysporocystic oocysts that remain embedded within the 

tissues of the mosquito host. Transmission occurs when a ranid frog intermediate host consumes 

a mosquito carrying these infective oocysts. Merogony then occurs in hepatocytes of the frog. 

Resulting merozoites leave the liver, enter the bloodstream and enter erythrocytes where they 

develop into large, crescent-shaped gamonts. These gamonts remain dormant within the 

erythrocytes until they are consumed by blood-feeding mosquitoes (Desser et al., 1995; Kim et 

al., 1998).  

Differentiation of these two Hepatozoon species has been challenging, as currently 

differences in the lifecycles or in life-stage morphometrics of the parasites have not been 

identified (Desser et al., 1995; Kim et al., 1998; Boulianne et al., 2007). Further complications 

are caused by the common occurrence of co-infections of both species within a single frog. 

Currently, the only perceived morphological difference between the two species is that H. 

clamatae gamonts cause the nuclei of parasitized erythrocytes to become highly fragmented 

whereas H. catesbianae gamonts cause the nuclei to be displaced but to remain structurally intact 
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(Kim et al., 1998; Boulianne et al., 2007). Both Hepatozoon spp. have been reported to infect R. 

clamitans and R. catesbeiana (Kim et al., 1998; Boulianne et al., 2007; Dickson et al., 2013), but 

Kim et al. (1998) reported that only H. clamatae could be transmitted experimentally to northern 

leopard frogs, Rana pipiens, of Ontario.  

An alternate option for species differentiation is to use molecular analyses to provide 

quantitative differences between these closely related species. Ideally, targets used for molecular 

analyses should be relatively short sequences, generally 500 to 800 bp in length to allow for 

simple PCR reactions. The chosen target should have enough interspecific sequence variability to 

support species-level differentiation but be conserved enough to generate consistent results with 

minimal intraspecific variability (Ferri et al., 2009). To date, few DNA sequences have been used 

for molecular comparisons between these closely related Hepatozoon species. Kim et al. (1998) 

amplified internal transcribed spacer 1 (ITS-1) sequences within the nuclear ribosomal RNA gene 

(rDNA) unit (18S-ITS1-5.8S-ITS2-28S) from H. clamatae and H. catesbianae. Kim et al. (1998) 

chose to target ITS-1 sequences based on previous reports (e.g. Cryptosporidium spp.; Cai et al., 

1992) that ITS-1 was effective at differentiating closely related apicomplexan species, but they 

were unsuccessful at finding consistency in sequence differences associated with the defined 

species morphology. Later, Boulianne et al. (2007) evaluated Hepatozoon spp. obtained in Nova 

Scotia and generated ITS-1 sequences from 8 geographically diverse parasite samples, 3 

identified as H. catesbianae and 5 as H. clamatae. Comparisons of the 8 sequences found 6 

single nucleotide differences (SNDs) between the ITS-1 sequences (length: 129 bp) that the 

authors considered to represent H. clamatae and H. catesbianae. The sequences of Boulianne et 

al. (2007) were similar to those sequenced by Kim et al. (1998) but had a few mismatches (2-3 

SNDs); this diversity suggests that intraspecific variation may be an issue with the ITS-1 

sequences of these and perhaps other Hepatozoon species. Barta et al. (2012) reported partial 

nuclear 18S rDNA sequences they identified as H. catesbianae and H. clamatae. These 

sequences had 2 to 4 single nucleotide differences (SNDs) between them (0.1-0.2% pairwise 

difference; personal observations). Generating additional molecular data from these Hepatozoon 

spp. could assist in determining if the nuclear ITS-1 and 18S rDNA sequences are truly accurate 

molecular targets or if another target could provide supplemental data to support the continued 

recognition of these parasites as separate species.  
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In addition to the nuclear genome, most apicomplexan parasites also have 2 

extrachromosomal genomes, one retained in the mitochondrion and the other in the apicoplast 

(Feagin, 1994). Mitochondrial genome targets, specifically the COI CDS, are commonly used for 

‘DNA barcoding’ in various eukaryotic groups. As discussed in Ogedengbe et al. (2018), COI 

CDS sequences are more quickly evolving than the nuclear 18S rDNA, “with a sequence 

divergence rate of 1% to greater than 2% per million years”. This rate of divergence is thought to 

be suitable for delimiting closely related taxa (Hebert et al., 2003; Zhao et al., 2013; Ogedengbe 

et al., 2018). Among the Apicomplexa, mitochondrial COI sequences have been reported to be 

suitable for distinguishing among taxa within several groups of closely related species, for 

example Eimeria spp. (Ogedengbe et al., 2011) and Sarcocystis spp. (Gjerde 2013b, 2014); COI 

sequences had considerable interspecific sequence variation and comparatively low intraspecific 

sequence variation. Currently, the complete mitochondrial genome of H. catesbianae is publicly 

available (length: 6,394 bp; GenBank Acc. No.: KF894962; Chapter 3) and encodes for three 

protein-coding sequences (CDS): cytochrome c oxidase subunit I (COI); cytochrome c oxidase 

subunit III (COIII); and, cytochrome b (CytB) as well as scattered fragmented gene remnants that 

map to bacterial large subunit (LSU) and small subunit (SSU) rDNA. The mitochondrial genome 

sequence of H. catesbianae will assist in generating more mitochondrial sequences from 

additional Hepatozoon species infecting ranid hosts.  

The apicoplast genome is 6 times larger in size and has about 10 times the encoded gene 

targets over the mitochondrial genome. This suggests that this genome may offer useful targets 

for the molecular analyses of many apicomplexans; however, this genome remains understudied 

in the phylum. Lang-Unnasch et al. (1998) amplified and sequenced a ~1,000 bp region of the 

apicoplast 16S rDNA from H. catesbianae. Recently, the complete apicoplast genome sequence 

was reported from Hepatozoon canis (length: 31,869 bp; MH557086; Chapter 5). This sequence 

will provide a launch point for generating additional apicoplast sequences from the Adeleorina. 

The objective of this study was to provide additional data to the findings of Kim et al. 

(1998) and Boulianne et al. (2007) to help determine the species differentiation between H. 

catesbianae and H. clamatae. Initially, partial mitochondrial COIII CDS were generated from 

samples of each morphology type (from several Rana spp.). Samples containing single-genotypes 

were then used to link morphological data with molecular data that included complete 
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mitochondrial genome sequences, partial nuclear rDNA unit sequences (18S-ITS1-5.8S) and 

partial apicoplast 23S rDNA sequences. The genetic analyses strongly support that H. 

catesbianae and H. clamatae are separate species, but that the linked morphological and 

molecular data demonstrated that fragmentation of the erythrocyte nucleus was not a 

morphological feature unique to H. clamatae. Additionally, a previously unnamed Hepatozoon 

species infecting Ontario ranid frogs was uncovered.  

7.3 Materials and methods 

7.3.1 Sample collection 

From summer 2014 to summer 2016 various species of ranid frogs were collected under 

license (University of Guelph AUP #2532, Ontario Wildlife Scientific Collector’s Authorization 

#APK-2014-16) from the following regions of southern Ontario: Guelph (43°32'N 80°11'W), 

Galt (43°23'N 80°15'W), Brant (43°05'N 80°33'W) and the Algonquin Park Wildlife Research 

Station (45°35'N 78°31'W). Frogs were caught either by hand or with a D-ring fine-meshed net 

and kept short-term in a ventilated bucket containing shallow fresh water.  

In the field or laboratory, frog blood samples were collected from the maxillary facial 

vein using the methods described by Forzán et al. (2012). Prior to collection, the puncture site 

was cleaned and topically anesthetised with Bactine (Wellspring Pharmaceutical Corp., Sarasota, 

Florida) as recommended by Phillott et al. (2010). A non-heparinized capillary tube was used to 

collect the blood as it pooled on the surface of the skin. All captured frogs were returned to their 

original location within a few hours after capture. A small portion of each blood sample was 

smeared on a glass slide and the remaining blood was added to 1 ml of DNAzol BD (Thermo 

Fisher Scientific, Wilmington, Delaware) in preparation for DNA extraction. Blood films were 

air dried, fixed and stained with eosin and methylene blue (Shandon Kwik-Diff Stain, Thermo 

Fisher Scientific, Waltham MA, USA). Slides were screened for gamont stages of Hepatozoon 

spp.. Micrographs and gamont measurements taken with a 100× objective lens using bright-field 

illumination with an Olympus Provis AX70 microscope (Olympus, Tokyo, Japan) fitted with an 

Infinity 3-1C microscopy camera (Lumenera Corp., Ottawa, Canada). Gamont measurements 

were recorded in micrometers (µm) from single-genotype samples (n=12; determined by 

mitochondrial COIII genotyping; see Section 7.4.2) with fully developed gamonts. Linear (end-
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to-end) lengths were recorded to provide comparable measurements to previous reports (e.g. Kim 

et al., 1998). True lengths were measured using multiple waypoints traced through the curved 

(and often recurved) gamonts. Gamont widths were recorded at the widest point of each gamont.  

7.3.2 DNA isolation 

DNA was extracted from a subset (n=30) of the frog blood samples that were positive for 

Hepatozoon spp. using a DNAzol BD kit according to the manufacturer’s protocol (Thermo 

Fisher Scientific). After isolation, DNA samples were quantified spectrophotometrically using a 

Nanodrop 2000 instrument (Thermo Fisher Scientific). The resulting DNA samples contained 

both host and parasite DNA. 

7.3.3 Primer design 

All previously existing and newly generated polymerase chain reaction (PCR) and 

sequencing primers were developed by using Primer3 (Koressaar and Remm, 2007; Untergasser 

et al., 2012) executed from within Geneious (version 6.1 or later, www.geneious.com; Kearse et 

al., 2012) and optimized by eye. 

7.3.3.1 Mitochondrial barcode-type target for ranid-infecting Hepatozoon spp. 

Early analysis of the mitochondrial genome sequences of H. catesbianae (KF894962) and 

a second ranid-infecting Hepatozoon sp. (Genotype B; see below) revealed that the COIII CDS 

showed high variation between the two species and provided an ideal ‘barcode-type’ target to 

amplify because it was flanked with conserved primer targeting regions. The primers 

Hep_CO3_3017F (5'-CGGTACTACWCTTAGATACT-3') and Hep_SSUE_3706R 

(5'-GCTCGTCACGCCACTGTA-3') were created to target 690 base pairs (bp) of the COIII CDS 

(PCR anneal temperature: 55°C) and used to evaluate the genetic diversity of Hepatozoon species 

infecting Ontario ranid frogs. The primer Hep_CO3_3017F targeted downstream of the 70 bp 

duplicate regions located at the start of both COIII and CytB CDSs in the H. catesbianae 

mitochondrial genome (see Chapter 3).  
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7.3.3.2 Complete mitochondrial genome sequences 

The complete mitochondrial genome sequence of Hepatozoon sp. Genotype A was 

reported in Chapter 3 (KF894962). The complete mitochondrial genome sequence of 

Hepatozoon sp. Genotype B (sample FGF) was targeted as 4 overlapping PCR amplicons (Table 

7.1). The complete mitochondrial genome sequence of Hepatozoon sp. Genotype C (sample 

GA11) was targeted as 5 overlapping PCR amplicons (Table 7.2).  

Table 7.1: PCR amplification primers used to amplify the complete mitochondrial genome sequence of 
Hepatozoon sp. Genotype B. 

Amplicon Size (bp) Primer names Primer Sequences 
Anneal 

Temperature a 

Mitochondrial 
Amplicon 1 3,649 Hep_COB_1696F b 5'-GAGCGACTCGTAAGACACCG-3' 60°C Hep_CO3-361R 5'-AGCTGCATACTATAGAAGCG-3' 

Mitochondrial 
Amplicon 2 1,453 Hep_CO3_182F b 5'-GCGTCGGAATCCTTCTGTCA-3' 65°C Hep_COB_164R b 5'-GCAATTGCGACCAAAAACCCA-3' 

Mitochondrial 
Amplicon 3 1,942 Hep_COB_-655F b 5'-ATACAGTGGCGTGACGAGC-3' 65°C Haem_RNA18_R c 5'-ACCAGGCATGCAATACCGAA-3' 

Mitochondrial 
Amplicon 4 1,290 Hep_COB_1020F b 5'-GTAGATCAATAACATCCATGT-3' 58°C Api_LSUE_R c 5'-AGGTGCTCAGGGTCTTACCG-3' 

a Estimated using Primer3 (Untergrasser et al., 2012), implemented from within Geneious 
(http:\\www.geneious.com; Kearse et al. 2012) 
b Chapter 3 
c Chapter 4 

 
Table 7.2: PCR amplification primers used to amplify the complete mitochondrial genome sequence of 
Hepatozoon sp. Genotype C. 

Amplicon Size (bp) Primer names Primer Sequences 
Anneal 

Temperature a 

Mitochondrial 
Amplicon 1 1,810 Hep_COB_1696F b 5'-GAGCGACTCGTAAGACACCG-3' 60°C Hep_COI_850F b 5'-GATACTGGCTATGGGATGTA-3' 

Mitochondrial 
Amplicon 2 2,320 Hep_COI_1361R 5'-ACCGGTTAAGAAGATCAATGTG-3' 60°C Hep_CO3-361R 5'-AGCTGCATACTATAGAAGCG-3' 

Mitochondrial 
Amplicon 3 1,483 Hep_CO3_3017F 5'-CGGTACTACWCTTAGATACT-3' 57°C Hep_COB_164R b 5'-GCAATTGCGACCAAAAACCCA-3' 

Mitochondrial 
Amplicon 4 1,949 Hep_COB_-655F b 5'-ATACAGTGGCGTGACGAGC-3' 65°C Haem_RNA18_R c 5'-ACCAGGCATGCAATACCGAA-3' 

Mitochondrial 
Amplicon 5 1,287 Hep_COB_1020F b 5'-GTAGATCAATAACATCCATGT-3' 58°C Api_LSUE_R c 5'-AGGTGCTCAGGGTCTTACCG-3' 

a Estimated using Primer3 (Untergrasser et al., 2012), implemented from within Geneious 
(http:\\www.geneious.com; Kearse et al. 2012) 
b Chapter 3 
c Chapter 4 
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Table 7.3: Primers used to amplify by PCR and Sanger sequence the nuclear 18S rDNA, nuclear ITS-1 and 
apicoplast 23S rDNA amplicons from Hepatozoon sp. Genotype A, Genotype B, and Genotype C. 

Amplicon Size (bp) Primer names Primer Sequences Anneal 
Temperature a 

Nuclear 18S rDNA  
Amplicon 1 1,363 

Adel_18S_13F 5'-CCTGCCAGTAGTCATATGCT-3' 
60°C Adel_18S_1522R b c 5'-AYCCTATTTAGCAGGTTAAGGT-3' 

18S_696R b d 5'-TACGAGCYTTYTAACTGCAAC-3' (Sequencing only) 
Nuclear 18S rDNA  

Amplicon 2 794 
Adel_18S_1000F b c 5'-AGATACCGTCGTAGTCTTAACT-3' 

61°C Medlin_B (R) e 5'-GATCCTTCTGCAGGTTCACCTAC-3' 

Nuclear ITS-1 247 
Adel_18S_1750_F b 5'-TATCACTTAGAGGAAGRAG-3' 

54°C Api_5.8S_R b 5'-GCTRCGKYCTTCATCG-3' 
Apicoplast 23S 
rDNA (partial) 493 Api_PL_23S_2414F b 5'-TAACGGTCCDAAGGTAGCG-3' 

62°C Api-Sp-PL_23S_R b 5'- GATHAGCCTGTTATCCCTAGAGTAAC -3' 
a Estimated using Primer3 (Untergrasser et al., 2012), implemented from within Geneious 
(http:\\www.geneious.com; Kearse et al. 2012) 
b Primers used for Sanger sequencing reactions 
c Chapter 4 
d Ogedengbe (2015) 
e Universal reverse primer from Medlin et al. (1988) 

 
7.3.3.3 Near complete nuclear ribosomal 18S rDNA target 

The universal 18S rDNA forward primer (Medlin_A) from Medlin et al. (1988) failed to 

consistently target the 18S rDNA genes of ranid-infecting Hepatozoon species. Mismatches 

located on the non-coding (5ʹ) end of the Medlin_A primer sequence were likely to have caused 

this issue. An alignment of publicly available complete adeleorinid 18S rDNA sequences 

(methods not shown) was used to create a new adeleorinid-specific forward primer, 

Adel_18S_13F (Table 7.3), in a highly conserved region and the 5ʹ-end overlapped with 9 bp of 

the 3ʹ-end of the Medlin_A primer sequence. Nearly complete (12 bp short of full length) nuclear 

18S rDNA sequences were targeted from Genotype A (samples: MGF and INA), Genotype B 

(sample: FGF), and Genotype C (sample: GA11) using two overlapping amplicons (Table 7.3).  

7.3.3.4 Complete nuclear internal transcribed spacer 1 target 

The nuclear ITS-1 was targeted previously using various primer combinations (see Kim et 

al., 1998; Boulianne et al., 2007), but these primers were found to mismatch with several known 

Hepatozoon spp. sequences (analysis not shown). New universal ITS-1 primers were generated 

by visual examination of a large alignment of various publicly available nuclear ribosomal rDNA 

units from multiple apicomplexan taxa to identify conserved regions (methods not shown). Two 

well-conserved primers were designed to target the 3'-end of the 18S rDNA (Adel_18S_1750_F) 

and the 5'-end of the 5.8S rDNA (Api_5.8S_R), and span across the adeleorinid ITS-1 region 
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(~250 bp; see Table 7.3). To investigate potential intraspecific variation, ITS-1 sequences were 

amplified and sequenced from additional samples: Genotype A samples: MGF, INA, GA54, 

ALG-21; Genotype B samples: FGF, GA14, GA41; and, Genotype C samples: GA8, GA11. 

7.3.3.5 Partial apicoplast 23S ribosomal RNA target 

Coding regions of the apicoplast genome of Hepatozoon canis (MH557086; Chapter 5) 

were aligned with homologous regions in other publicly available apicomplexan apicoplast 

genome sequences (methods not shown). The ribosomal 23S rDNA was chosen as a suitable 

target because it contained a divergent region that was flanked by highly conserved regions that 

were suitable for universal primer targets (1,651 - 2,280 bp of the 23S rDNA gene of 

MH557086). Universal primers Api_PL_23S_2414F (5'-TAACGGTCCDAAGGTAGCG-3') and 

Api_PL_23S_3135R (5'-TTYTGAACCCAGCTCACGT-3') were created to target a conserved 

630 bp sequence within the apicoplast 23S rDNA sequence (PCR anneal temperature: 61°C). 

Initial results indicated that these primer targets were also conserved in many bacterial genomes 

and were unintentionally amplifying bacterial contaminants that were present in the samples due 

to non-sterile nature of the field collection techniques. A region within the initial target showed 

conservation among the Apicomplexa but was not conserved in most bacteria, with the exception 

of Cyanobacterium spp. This target site was used to design the primer Api-Sp-PL_23S_R and 

this primer was paired with the Api_PL_23S_2414F target a hemi-nested (length: ~500 bp) 

Apicomplexa-specific amplicon (PCR anneal temperature: 61°C) that was reamplified using 100-

250 pg of the first stage PCR amplicon as template DNA (Table 7.3). Apicoplast 23S rDNA 

sequences were amplified and sequenced from Genotype A (samples: MGF, INA), Genotype B 

(sample: FGF), and Genotype C (sample: GA8). 

7.3.4 PCR amplification and amplicon isolation 

Standard PCR was carried out in an MJ Mini thermal cycler (Bio-Rad Laboratories, Inc., 

Hercules, California) in a 25-µl reaction containing 1× PCR buffer, 2 U Platinum Taq 

Polymerase (Thermo Fisher Scientific), 0.4 mM dNTPs, 3 mM MgCl2, 0.5 µM of each 

amplification primer (see Tables 7.1 and 7.2), and 100–200 ng DNA template (mixed 

frog/parasite DNA). The PCR reaction profile consisted of an initial melt at 95°C for 5 min 

followed by 35 amplification cycles (denature at 95°C for 30 sec, anneal at ~50-65°C [varied 



 

 130 

depending on primers used] for 30 sec, and extension at 72°C for ~1 min/1 kb of expected 

amplification product length) and then terminated with a final extension of 72°C for 5 min to 

complete any partial products. Annealing temperatures were chosen based on Primer3 

(Untergrasser et al., 2012), implemented from within the primer characteristics provided by 

Geneious. 

The PCR products were separated electrophoretically using a submarine 0.8–1.4% 

agarose gel with 1× TAE buffer (50 ml) and 2 µl of ethidium bromide dye (10 mg/ml, w/v). The 

product amplicon length was determined with the GeneRuler 1 kb Plus DNA size ladder (Thermo 

Fisher Scientific). The gel was then examined using an ultraviolet transilluminator, and the DNA 

band of the expected size was excised using a new, sterile scalpel blade. DNA was extracted from 

the gel slice using the QIAquick gel extraction kit (Qiagen, Hilden, Germany) following the 

manufacturer’s instructions. 

7.3.5 PCR amplicon sequencing and analysis 

The purified PCR amplicons were then sequenced in both directions with the forward and 

reverse amplification primers supplemented with internal sequencing primers (Tables 7.4 and 

7.5) by using a 3730 DNA analyzer (Applied Biosystems Inc., Foster City, California) by the 

Molecular Biology Unit of the Laboratory Services Division, University of Guelph. 

Chromatograms received from sequencing reactions were imported and assembled into contigs 

by using the De Novo Sequence Assembler within Geneious. All amplicons had an overlap 

length of 100 bp or greater and overlapping regions showed 100% pairwise sequence identity in 

all cases.  
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Table 7.4: Sequencing primers used for Sanger sequencing of the complete mitochondrial genome sequence of 
Hepatozoon sp. Genotype B. 

Amplicon Primer name Primer Sequence Position from start 

Mitochondrial Amplicon 1 

Hep_COB_1696F a 5'-GAGCGACTCGTAAGACACCG-3' 6020→6039 
Hep_COB-1799F a 5'-ACTTCCCTGTGTAGATAGCGGT-3' 223→244 
Hep_COI_1565F 5'-CCACACAGCCTCTGAAGTAAGT-3' 701→680 
Hep_COI_1361R 5'-ACCGGTTAAGAAGATCAATGTG-3' 974→995 
Hep_COI_850F a 5'-GATACTGGCTATGGGATGTA-3' 1421→1402 
H_COI_613F b 5'- TGGGTATTATGACCTTTAATTCATGGT-3' 1704→1678 
H_COI_613R b 5'- ACCATGAATTAAAGGTCATAATACCCA-3' 1678→1704 

Hep_COI_400F a 5'-GGATATGGACCAGGTTGGAC-3' 1876→1857 
Hep_COI_2168F 5'-GCCAACAGACCGAATAGCAA-3' 2157→2176 

Hep_COB-1550R a 5'-GAGGATGGAGTAGTGGTAGTAT-3' 2737→2716 
Hep_CO3-361R 5'-AGCTGCATACTATAGAAGCG-3' 3291→3272 

Mitochondrial Amplicon 2 
Hep_CO3_182F a 5'-GCGTCGGAATCCTTCTGTCA-3' 3025→3044 

Hep_COB_-484R a 5'-TGTCGACAGCAGTATTGTTTGGT-3' 3844→3822 
Hep_COB_164R a 5'-GCAATTGCGACCAAAAACCCA-3' 4477→4457 

Mitochondrial Amplicon 3 
Hep_COB_-655F a 5'-ATACAGTGGCGTGACGAGC-3' 3673→3691 

Hep_COB_1F 5'-TGGTTTATGACCGTCAGGCT-3' 4315→4334 
Haem_RNA18_R c 5'-ACCAGGCATGCAATACCGAA-3' 5614→5595 

Mitochondrial Amplicon 4 
Hep_COB_1020F a 5'-GTAGATCAATAACATCCATGT-3' 5308→5328 

Hep_SSUB_F b 5'-AGCCTGGTGGTAGTGTCCAT-3' 6147→6128 
Api_LSUE_R c 5'-AGGTGCTCAGGGTCTTACCG-3' 220→201 

a Chapter 3; b Chapter 6; c Chapter 4 
 

7.3.6 Annotation and analysis of protein-coding regions 

Open reading frames (ORFs) in the assembled mitochondrial genomes of Genotype B and 

Genotype C were identified using an ORF search utility within Geneious based on the mold 

protozoan mitochondrial translation table (transl_table 4) guiding the search; identified ORFs 

were translated using the same translation table, and the resulting amino acid residue (AA) 

sequences were searched against the public sequence databases using the Basic Local Alignment 

Search Tool (BLAST; https://blast.ncbi.nlm.nih.gov) with the Protein-BLAST (BLASTp) 

algorithm to identify each ORF in relation to similar AA sequences (Altschul et al., 1990). 
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Table 7.5: Sequencing primers used for Sanger sequencing of the complete mitochondrial genome sequence of 
Hepatozoon sp. Genotype C. 

Amplicon Primer name Primer Sequence Position from start 

Mitochondrial Amplicon 1 

Hep_COB_1696F a 5'-GAGCGACTCGTAAGACACCG-3' 6065→6075 
Api_LSUE_F c 5'-GGTAAGACCCTGAGCACCT-3' 201→219 

Hep_COI_1565F 5'-CCACACAGCCTCTGAAGTAAGT-3' 731→710 
Hep_COI_850F a 5'-GATACTGGCTATGGGATGTA-3' 1451→1432 

Mitochondrial Amplicon 2 

Hep_COI_1361R 5'-ACCGGTTAAGAAGATCAATGTG-3' 1004→1025 
Hep_2112_F b 5'-TTCGATGGAAAACCAGAACTAC-3' 2129→2108 

Hep_COB-1550R a 5'-GAGGATGGAGTAGTGGTAGTAT-3' 2769→2748 
Hep_CO3-361R 5'-AGCTGCATACTATAGAAGCG-3' 3323→3304 

Mitochondrial Amplicon 3 
Hep_CO3_3017F 5'-CGGTACTACWCTTAGATACT-3' 3034→3053 
Hep_COB_164R a 5'-GCAATTGCGACCAAAAACCCA-3' 4516→4496 

Mitochondrial Amplicon 4 

Hep_COB_-655F a 5'-ATACAGTGGCGTGACGAGC-3' 3705→3723 
Hep_COB_1F a 5'-TGGTTTATGACCGTCAGGCT-3' 4354→4373 

Hep_COB_164R a 5'-GCAATTGCGACCAAAAACCCA-3' 4516→4496 
Hep_COB_1101R a 5'-GGTAGCCAATTACCTCAGT-3' 5427→5409 
Haem_RNA18_R c 5'-ACCAGGCATGCAATACCGAA-3' 5653→5634 

Mitochondrial Amplicon 5 
Hep_COB_1020F a 5'-GTAGATCAATAACATCCATGT-3' 5347→5367 

Api_LSUF_F c 5'-GTWCGCCGGGGATAACAGGT-3' 5681→5700 
Api_LSUE_R c 5'-AGGTGCTCAGGGTCTTACCG-3' 219→200 

a Chapter 3; b Chapter 6; c Chapter 4 

 

7.3.7 Annotation of mitochondrial rDNA sequences 

The fragmented mitochondrial rDNA genes of Genotype A (KF894962; updated from 

Chapter 3), Genotype B, and Genotype C mitochondrial genomes were annotated based on 

similarity to the fragmented rDNA genes previously annotated in the mitochondrial genomes of 

Plasmodium falciparum (M76611; Feagin et al. 2012), Hepatozoon griseisciuri Genotype A 

(MK452388; Chapter 6) and Klossiella equi (MH203050; Chapter 4) as described in Chapter 

3. Any fragmented rDNA genes that aligned with a pairwise sequence identity below 65% were 

excluded from further analysis. Putative fragmented rDNA annotations follow the nomenclature 

of Feagin et al. (2012) in their annotation of the mitochondrial genome of P. falciparum. 

7.3.8 Pairwise sequence comparisons 

Pairwise sequence comparisons of nuclear 18S rDNA, apicoplast 23S rDNA, whole 

mitochondrial genome sequences and orthologous mitochondrial protein coding sequences (CDS) 

were analyzed in Geneious using the ‘Multiple Align’ tool (cost matrix: 93%, gap open penalty: 

12, gap extension penalty: 3; www.geneious.com, Kearse et al. 2012). Pairwise comparisons of 

translated AA sequences from orthologous CDS were analyzed in Geneious using the ‘Multiple 

Align’ tool (cost matrix: Blosum62, gap open penalty: 12, gap extension penalty: 3). Newly 
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generated nucleotide and translated AA sequences were searched against public databases using 

the BLASTn and BLASTp algorithms, respectively (Altschul et al., 1990).  

7.4 Results 

7.4.1 Blood sample screening 

For ranid frogs sampled in southern Ontario during 2014 to 2016, 44 of 179 (24.6%) were 

found to have Hepatozoon spp. gamonts within erythrocytes on blood smears (Table 7.6). 

Several other blood-borne infections were observed as single or multiple agent infections within 

a single frog (see Suppl. Table S7.1 in Appendix 4).  

Table 7.6: Total record of blood samples collected from Ontario ranid frogs. 

Collection site Frog species  Number of  
individuals sampled 

Number of samples positive for 
Hepatozoon spp. 

Algonquin R. clamitans 54 6 

 R. catesbeiana 25 5 

 Rana septentrionalis 12 0 

    Brant R. clamitans 12 2 

 R. pipiens 3 0 

    Galt R. clamitans 31 15 

 R. pipiens 16 10 

 Rana sylvatica 13 0 

    Guelph R. clamitans 11 6 

 R. pipiens 2 0 

    Total  179 44 
 

7.4.2 Hepatozoon species survey with partial COIII CDS barcode-type target 

Of the 44 Hepatozoon spp. positive blood samples, 30 samples (20 R. clamitans, 3 R. 

catesbeiana and 7 R. pipiens) from the 4 collection sites were selected for a molecular survey 

using the partial mitochondrial COIII barcode target (Table 7.7). Of the 30 DNA samples, 22 

generated PCR amplicons of sufficient intensity to permit direct Sanger sequencing. There were 8 

DNA samples from which sequences were not obtained either due to a failure to amplify or 

because the amplicon concentrations were too low to permit Sanger sequencing (see Table 7.7). 

Comparison of the 22 successfully sequenced amplicons identified 3 distinct genotypes: 6 

samples had COIII sequences (652 bp [690 bp including primers], Genotype A) that matched the 
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COIII sequence of H. catesbianae (KF894962, Chapter 3; 0 SND, 0% difference); 6 samples 

shared distinct COIII sequences (652 bp, Genotype B) that had 13 SNDs (GA14: 14 SNDs) to H. 

catesbianae (2.0% [GA14: 2.2%] difference); and, 4 samples also had distinct COIII sequences 

(652 bp, Genotype C) that had 5 SNDs (GA8: 4 SNDs) to H. catesbianae (0.8% [GA8: 0.6%] 

difference) (Table 7.8). There were 6 samples that had mixed Genotype A and Genotype B COIII 

sequences, typically with one major sequence signal and a weaker sequence signal of the second 

genotype appearing in the sequence chromatograms (see Table 7.7). Genotype A was found in 11 

R. clamitans and 1 R. catesbeiana. Genotype B was found in 9 R. clamitans, 1 R. catesbeiana and 

2 R. pipiens. Genotype C was found 4 R. pipiens exclusively.  

Limited intra-genotype variation was observed in Genotype B and Genotype C; in both 

cases, a single SND existed in one amplicon sequence belonging to each genotype (Genotype B: 

GA14 [MN310689]; Genotype C: GA8 [MN310690]) that differed from the remaining sequences 

from the same genotype (Table 7.8). The observed intra-genotype variation for the partial COIII 

CDS sequences (length: 652 bp) from each genotype was: Genotype A: 0.0%; Genotype B: 0.2%; 

and, Genotype C: 0.2%. Using the 16 single-species COIII CDS sequences in a Bayesian 

Inference-based phylogenetic reconstruction generated monophyletic groups for all 3 genotypes 

that had high P ID (liberal) values (0.93-0.97) using the species delimitation plugin within 

Geneious (see Rosenberg, 2007 for method; analysis not shown). The inter-genotype distances 

between the clades was 1.5 to 2% and the ratio of intra- to inter-genotype distances ranged from 

0.11 to 0.2.  
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Table 7.7: Hepatozoon species survey with partial COIII CDS barcode-type target. 
The COIII CDS sequences revealed 3 distinct genotypes (A, B, and C). Light microscopic observations of 
Hepatozoon sp. gamont-infected erythrocytes were used to determine the relative proportion of fragmented or intact 
nuclei in the infected erythrocytes (scale: -, +, ++, or +++) 

Sample	
ID	

Collection	
Location	 Host	

Erythrocyte	nucleus	 Mitochondrial	COIII	Sequence	Genotype	

Unfragmented	 Fragmented	 Genotype	A	 Genotype	B	 Genotype	C	

MGF	 Guelph	 R.	clamitans	 +++	 -	 ✔	 ✖	 ✖	
INA	 Guelph	 R.	clamitans	 -	 +++	 ✔ ✖ ✖ 

ALG-21	 Algonquin	 R.	clamitans	 +	 -	 ✔ ✖ ✖ 
ALG-68	 Algonquin	 R.	clamitans	 +	 +	 ✔	 ✖	 ✖	
Nu-6	 Brant	 R.	clamitans	 +	 ++	 ✔ ✖ ✖ 
GA54	 Galt	 R.	clamitans	 ++	 +	 ✔	 ✖ ✖ 
FGF	 Guelph	 R.	clamitans	 -	 +++	 ✖	 ✔	 ✖	

ALG-117	 Algonquin	 R.	clamitans	 +	 ++	 ✖	 ✔	 ✖	
GA9	 Galt	 R.	pipiens	 +	 -	 ✖	 ✔	 ✖	
GA14	 Galt	 R.	pipiens	 ++	 -	 ✖	 ✔	 ✖	
GA23	 Galt	 R.	clamitans	 +++	a	 -	 ✖	 ✔	 ✖	
GA41	 Galt	 R.	clamitans	 +	 +	 ✖	 ✔	 ✖	
ALG-74	 Algonquin	 R.	catesbeiana	 -	 ++	 ✔	(major)	 ✔	(minor)	 ✖	
GA42	 Galt	 R.	clamitans	 ++	 +	 ✔	(major)	 ✔	(minor)	 ✖	
GA43	 Galt	 R.	clamitans	 +	 +	 ✔	 ✔	 ✖	
GA45	 Galt	 R.	clamitans	 +++	 -	 ✔	(minor)	 ✔	(major)	 ✖	
GA47	 Galt	 R.	clamitans	 +	 +	 ✔	(minor)	 ✔	(major)	 ✖	
GA50	 Galt	 R.	clamitans	 +	 -	 ✔	(major) ✔	(minor) ✖ 
GA4	 Galt	 R.	pipiens	 +++	 -	 ✖	 ✖ ✔ 
GA8	 Galt	 R.	pipiens	 +++	a	 -	 ✖	 ✖	 ✔	
GA11	 Galt	 R.	pipiens	 ++	 -	 ✖	 ✖	 ✔	
GA13	 Galt	 R.	pipiens	 +++	 -	 ✖	 ✖	 ✔	
GLPH-1	 Guelph	 R.	clamitans	 -	 +	 Did	not	produce	sequence	
ALG-73	 Algonquin	 R.	catesbeiana	 +	 -	 Did	not	produce	sequence	
ALG-130	 Algonquin	 R.	catesbeiana	 +	 -	 Did	not	produce	sequence	
Nu-2	 Brant	 R.	clamitans	 -	 ++	 Did	not	produce	sequence	
GA24	 Galt	 R.	clamitans	 ++	 -	 Did	not	produce	sequence	
GA46	 Galt	 R.	clamitans	 -	 ++	 Did	not	produce	sequence	
GA60	 Galt	 R.	pipiens	 -	 +	 Did	not	produce	sequence	
GA61	 Galt	 R.	clamitans	 ++	 ++	 Did	not	produce	sequence	

a early infection with immature gamonts 
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Table 7.8: Heatmap generated from the pairwise sequence alignment of the barcode-type partial COIII CDS 
sequence from Genotype A (n=6), Genotype B (n=6), and Genotype C (n=4).  
Values represented are pairwise single nucleotide differences (SNDs) and pairwise sequence percent differences (in 
parentheses). One Genotype B sequence (GA14) and one Genotype C sequence (GA8) each had 1 SND from the 
other sequences of their respective genotypes. 

Barcode-type partial COIII CDS sequence (652 bp) 
 Genotype A a Genotype B b Genotype B - 

GA14 Genotype C c Genotype C - 
GA8 

Genotype Aa 
 13 SNDs (2.0%) 14 SNDs (2.1%) 5 SNDs (0.8%) 4 SNDs (0.6%) 

Genotype B b 13 SNDs (2.0%)  1 SND (0.2%) 12 SNDs (1.8%) 11 SNDs (1.7%) 
Genotype B - GA14 14 SNDs (2.1%) 1 SND (0.2%)  13 SNDs (2.0%) 12 SNDs (1.8%) 
Genotype C c 5 SNDs (0.8%) 12 SNDs (1.8%) 13 SNDs (2.0%)  1 SND (0.2%) 
Genotype C - GA8 4 SNDs (0.6%) 11 SNDs (1.7%) 12 SNDs (1.8%) 1 SND (0.2%)  
a All 6 Genotype A sequences were identical (0 SND, 0% difference) and matched the COIII sequence of H. 
catesbianae (KF894962; 0 SND, 0% difference). 
b 5 of 6 Genotype B sequences were identical (0 SND, 0% difference). 
c 3 of 4 Genotype C sequences were identical (0 SND, 0% difference). 

 

7.4.3 Cytopathological changes and gamont morphometric data from single-genotype samples  

Light microscopic observations of the single-genotype samples revealed that 2 

Genotype A samples did not cause fragmentation of erythrocyte nuclei and 4 samples induced 

fragmentation of erythrocyte nuclei. Three Genotype B samples did cause fragmentation of 

erythrocyte nuclei and 3 samples induced fragmentation of erythrocyte nuclei. All 4 Genotype C 

samples did not cause fragmentation of erythrocyte nuclei (Table 7.7). The sizes and shapes of 

mature gamonts from 12 single-genotype samples were consistent within a single sample but 

differed slightly among samples of the same genotype (Table 7.9).  

As discussed in Section 7.5.1, Genotype A was identified as H. catesbianae, Genotype 

B was identified as H. clamatae and Genotype C represented a previously undescribed 

Hepatozoon species (Hepatozoon sp.-C). As identified in Section 7.3.3, several single-genotype 

samples were selected for further analyses of sequences from multiple apicomplexan genomes.  
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Table 7.9: Morphometric data of the gamonts from H. catesbianae, H. clamatae and Hepatozoon sp. 
single-genotype samples. 
COIII CDS 
Genotype Sample Host No. of gamonts 

measured a 
Gamont Length (µm) Width d 

(µm) 
Gamont 

appearance e True b Linear c 

H. catesbianae  
(Genotype A) MGF R. clamitans 20 24.9±1.7 20.5±1.2 3.4±0.7 

 

H. catesbianae  
(Genotype A) INA R. clamitans 20 27.4±1.6 22.4±1.3 5.7±0.5 

 

H. catesbianae  
(Genotype A) Nu-6 R. clamitans 21 25.9±1.5 22.7±1.3 5.3±0.4 

 

H. catesbianae  
(Genotype A) GA54 R. clamitans 20 27.4±1.1 22.8±1.1 5.2±0.3 

 

H. catesbianae  
(Genotype A) ALG-21 R. clamitans 7 26.1±2.0 21.9±1.1 4.7±0.4 

 
H. catesbianae  
(Genotype A) Summary R. clamitans (also observed 

in R. catesbeiana) 88 26.4±1.8 22.1±1.5 4.9±1.0 
Fragmented + 
unfragmented 

nuclei observed 

H. clamatae 
(Genotype B) FGF R. clamitans 21 24.5±1.6 19.8±0.9 3.8±0.4 

 
H. clamatae 

(Genotype B) ALG-117 R. clamitans 21 25.5±2.4 20.5±1.4 3.9±0.7 
 

H. clamatae 
(Genotype B) GA14 R. pipiens 9 28.1±2.9 22.2±0.9 4.1±0.8 

 

H. clamatae 
(Genotype B) GA41 R. clamitans 11 26.6±1.5 23.4±0.9 5.4±0.8 

 
H. clamatae 

(Genotype B) Summary 
R. clamitans, R. pipiens 

(also observed in 
R. catesbeiana) 

62 25.7±2.4 21.0±1.7 4.2±0.8 
Fragmented + 
unfragmented  

nuclei observed 

Hepatozoon sp. 
(Genotype C) GA4 R. pipiens 27 25.4±1.8 21.4±1.2 5.6±0.5 

 

Hepatozoon sp. 
(Genotype C) GA11 R. pipiens 21 24.0±1.6 20.6±1.4 4.7±0.8 

 

Hepatozoon sp. 
(Genotype C) GA13 R. pipiens 27 25.6±1.8 21.7±1.2 4.2±0.6 

 
Hepatozoon sp. 
(Genotype C) Summary R. pipiens 75 25.1±1.9 21.3±1.3 4.9±0.9 Unfragmented 

nuclei observed 
a Sample size differed due to differences in infection load and the prevalence of fully-developed gamonts. 
b True length measured by multiple waypoints traced through gamont curvature. 
c Linear end-to-end gamont length 
d Width was recorded at the widest point of the gamont 
e Scale bar = 10 µm 
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7.4.4 Complete mitochondrial genome sequences 

The mitochondrial genome of H. catesbianae (Genotype A) reported in Chapter 3 was 

found to contain a sequencing error near the start of the COI CDS that resulted in 3 additional 

bases that were mistakenly included in the final mitochondrial genome sequence. This was 

corrected and updated on the GenBank database (updated length: 6,394 bp; KF894962). The 

complete mitochondrial genome of H. clamatae (Genotype B, amplified from sample FGF) had a 

unit length of 6,377 bp with an overall G+C content of 38.4% (MN245142). The organization of 

the circular-mapping mitochondrial genome of H. clamatae (Figure 7.1) matched that of H. 

catesbianae (KF894962) and consisted of the three typical CDS: COI, COIII, and CytB (Table 

7.10); the G+C content of these protein-coding genes was 37.1% for COI, 35.8% for COIII, and 

35.9% for CytB. The complete mitochondrial genome of Hepatozoon sp.-C (Genotype C; 

amplified from sample GA11) had a unit length of 6,413 bp with an overall G+C content of 

38.4% (MN245143). Its mitochondrial genome organisation matched both H. catesbianae and H. 

clamatae including the 3 typical CDS: COI, COIII, and CytB (Table 7.10); the G+C content of 

these protein-coding genes was 37.0% for COI, 36.0% for COIII, and 35.9% for CytB.  

Table 7.10: Features associated with the protein-coding regions of H. catesbianae (Genotype A; KF894962, 
updated from Chapter 3), H. clamatae (Genotype B; MN245142), and Hepatozoon sp. (Genotype C; 
MN245143) mitochondrial genome sequences. 

Protein-coding region Sequence size 
(bp) 

Sequence 
position (bp) 

Translation 
start codon 

Translation 
stop codon 

Cytochrome c oxidase subunit I (COI)     
H. catesbianae (Genotype A) 1449 2,242→794 ATA   TGA a 

H. clamatae (Genotype B) 1449 2,233→785 ATA   TGA a 

Hepatozoon sp. (Genotype C) 1410 2,263→854 ATA TAA 
Cytochrome c oxidase subunit III (COIII)     
H. catesbianae (Genotype A) 741 2,940→3,680 TTA TAA 
H. clamatae (Genotype B) 741 2,931→3,671 TTA TAA 
Hepatozoon sp. (Genotype C) 741 2,963→3,703 TTA TAA 
Cytochrome b (CytB)     
H. catesbianae (Genotype A) 1113 4,393→5,505 TTA TAG 
H. clamatae (Genotype B) 1113 4,371→5,483 TTA TAG 
Hepatozoon sp. (Genotype C) 1113 4,410→5,522 TTA TAG 

a TGA is not a typical stop codon in the mold protozoan mitochondrial translation table (transl_table 4) but is used 
by the bacterial translation table (transl_table 11) 
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As is typical of apicomplexan mitochondrial genomes, many putative fragmented rDNA 

were identified in all 3 genome sequences: 14 fragmented large subunit (LSU) rDNA; 10 

fragmented small subunit (SSU) rDNA; and, 8 unassigned fragmented rDNA (Table 7.11). The 

mitochondrial genomes of H. catesbianae and Hepatozoon sp.-C had an additional copy of 

RNA16 that was not encoded in the H. clamatae mitochondrial genome (see Figure 7.1). Each 

putative rDNA fragment had a pairwise identity greater than 65% to a corresponding rDNA 

fragment functionally annotated previously in the mitochondrial genome of P. falciparum 

(M76611; see Feagin et al. 2012). As observed in the mitochondrial genomes of K. equi 

(Chapter 4) and H. griseisciuri (Chapter 6), the sequence for LSUA was fragmented into 2 

pieces with the start and the end of the gene occurring at different locations. Ribosomal DNA 

fragments encoding RNA8, RNA11 and RNA12 in the P. falciparum mitochondrial genome were 

not identified in the H. catesbianae, H. clamatae, or Hepatozoon sp.-C mitochondrial genome 

sequences (Table 7.11). 
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Table 7.11: Annotation of fragmented ribosomal RNA (rRNA) genes (rDNA) encoded in the mitochondrial 
genomes of H. catesbianae (KF894962, updated from Chapter 3), H. clamatae (MN245142), and Hepatozoon 
sp.-C (MN245143).  
These annotations were assigned based on pairwise comparisons with conserved annotated genes from Plasmodium 
falciparum (M76611, see Feagin et al. 2012), Hepatozoon griseisciuri Genotype A (MK452388), Klossiella equi 
(MH203050). 

Fragmented 
rDNA a 

rRNA 
assignment b 

Position in 
H. catesbianae (bp) 

Position in  
H. clamatae (bp) 

Position in  
Hepatozoon sp.-C (bp) 

Sequence 
length (bp) 

SSUA SSU 734→805 725→796 755→826 72 
SSUB SSU 6,169→6,057 6,152→6,040 6,188→6,076 113 
SSUD SSU 401→343 403→345 402→344 59 
SSUE SSU 3,728→3,688 3,719→3,679 3,751→3,711 41 
SSUF SSU 5,560→5,614 5,538→5,592 5,577→5,631 55 
LSUA LSU 4,359→4,318 

6,301→6,198 
4,337→4,296 
6,284→6,181 

4,376→4,335 
6,320→6,217 

42 (part 1) 
104 (part 2) 

LSUB LSU 3,893→3,860 3,885→3,852 3,916→3,883 34 
LSUC LSU 5,940→5,919 5,918→5,897 5,957→5,936 22 
LSUD LSU 2,686→2,607 2,677→2,598 2,710→2,631 80 
LSUE LSU 40→229 41→230 40→229 190 
LSUF LSU 5,644→5,751 5,622→5,729 5,661→5,768 108 
LSUG LSU 2,325→2,430 2,316→2,421 2,346→2,451 106 
RNA1 LSU 2,481→2,564 2,472→2,555 2,505→2,588 84 
RNA2 LSU 607→672 598→663 628→693 66 
RNA3 LSU 583→517 574→508 604→538 67 
RNA4 -- 4,237→4,186 4,215→4,164 4,254→4,203 52 (partial) 
RNA5 SSU 3,761→3,837 3,753→3,829 3,784→3,860 77 
RNA6 LSU 6,015→5,960 5,998→5,943 6,034→5,979 56 
RNA7 -- 6,377→6,306 6,360→6,289 6,396→6,325 72 
RNA8 SSU Not Found Not Found Not Found -- 
RNA9 SSU 4,187→4,138 4,165→4,116 4,204→4,155 50 

RNA10 LSU 336→235 338→236 337→235   103 c 
RNA11 LSU Not Found Not Found Not Found -- 
RNA12 SSU Not Found Not Found Not Found -- 
RNA13 LSU 3,995→4,024 3,979→4,008 4,010→4,039 30 
RNA14 SSU 6,019→6,050 6,002→6,033 6,038→6,069 32 
RNA15 -- 6,196→6,170 6,179→6,153 6,215→6,189 27 
RNA16 -- 463→489 

2,782→2,810 
Not Found d 

2,773→2,801 
464→490 

2,805→2,833 
27 
29 

RNA17 SSU 2,878→2,915 2,869→2,906 2,901→2,938 38 
RNA18 LSU 5,615→5,639 5,593→5,617 5,632→5,656 25 
RNA19 SSU 2,838→2,870 2,829→2,861 2,861→2,893 33 
RNA20 -- 4,108→4,140 4,086→4,118 4,125→4,157 33 
RNA21 -- 4,058→4,036 4,037→4,015 4,075→4,053 23 
RNA22 -- 2,430→2,457 2,421→2,448 2,451→2,478 28 
RNA23t -- 2,576→2,605 2,567→2,596 2,600→2,629 30 

a Nomenclature follows Feagin et al. (2012) 
b Based on assignment by Feagin et al. (2012) 
c RNA10 is 102 bp in length in the mitochondrial genome of H. catesbianae.  
d Absent in the mitochondrial genome of H. clamatae. 
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Figure 7.1: Complete mitochondrial genome sequences from Hepatozoon spp. infecting Ontario ranid frogs. 
Above: Annotated complete mitochondrial genome sequence of Hepatozoon sp. Genotype C (Hepatozoon sp.-C; MN245143), 
shown in circular form. Below: Pairwise alignment of Hepatozoon catesbianae (KF894962; updated from Chapter 3), 
Hepatozoon clamatae (MN245142), and Hepatozoon sp.-C aligned in Geneious using the ‘Multiple Align’ tool (cost matrix: 93%, 
gap open penalty: 12, gap extension penalty: 3; www.geneious.com, Kearse et al. 2012). All three genomes were circular mapping 
and each encoded three protein-coding regions (CDS; cytochrome c oxidase subunit I [COI], cytochrome c oxidase subunit III 
[COIII], and cytochrome b [CytB]) and numerous fragmented ribosomal RNA genes (rDNA); fragmented rDNA nomenclature 
follows Feagin et al. (2012). The arrangement of CDS and rDNA were identical in all 3 mitochondrial genomes with the 
exception that H. catesbianae and Hepatozoon sp.-C had a second copy of RNA16 that was absent in H. clamatae (*). The H. 
clamatae sequence had 121 single nucleotide differences (SNDs; 1.9% difference) to H. catesbianae and 107 SNDs (1.7% 
difference) to Hepatozoon sp.-C. The Hepatozoon sp.-C sequence had 76 SNDs (1.2% difference) to H. catesbianae. Indel regions 
are illustrated as gaps in the sequences. All highlighted regions on the H. clamatae and Hepatozoon sp.-C mitochondrial genomes 
indicate an overview of nucleotides that differed from the H. catesbianae mitochondrial genome. Initial genome images were 
produced with Geneious (version R12). 
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7.4.4.1 Pairwise alignments of mitochondrial sequences 

Pairwise alignments of all 3 complete mitochondrial genome sequences identified 76-121 

SNDs (1.2-1.9% difference) between H. catesbianae, H. clamatae and Hepatozoon sp.-C (Table 

7.12). There were several indels of various sizes that occurred between the 3 genomes; these 

occurred principally in non-coding regions (see Figure 7.1). The largest indel region was located 

in between SSUD and RNA3. There was a 31 bp insert that was conserved (2 SNDs) between H. 

catesbianae (459-489 bp) and Hepatozoon sp.-C (460-490 bp) and but was not present in H. 

clamatae. This insert contained a second copy of RNA16 (27 bp). This was immediately 

followed by a 21 bp insert that was conserved (0 SND) between H. clamatae (461-481 bp) and 

Hepatozoon sp.-C (491-511 bp) but was absent in H. catesbianae. This indel was an exact copy 

from the end of the COI CDS (1,017-1,037 bp in Hepatozoon sp.-C). The CDS regions of all 3 

mitochondrial genomes were closely conserved, however the COI CDS of Hepatozoon sp.-C was 

slightly truncated and was 1,410 bp (coding for 469 AA) in length instead of the 1,449 bp 

(coding for 483 AA) COI CDSs identified in H. catesbianae and H. clamatae (see Table 7.10). 

This was due to a transversion mutation (T→A) at the second position of codon 470 in the 

Hepatozoon sp.-C COI CDS that resulted in a stop (TAA) codon in the place of the leucine 

(TTA) codon identified in the other two genomes. The DNA sequence following the stop codon 

in Hepatozoon sp.-C was conserved with the other 2 genomes and the downstream TGA stop 

codon was also present. As noted in Chapter 3, TGA is not a typical stop codon in the mold 

protozoan mitochondrial translation table (transl_table 4) but is used by the bacterial translation 

table (transl_table 11). Pairwise alignment of the COI CDSs identified 5-10 SNDs (0.4-0.7% 

difference) between H. catesbianae, H. clamatae, and Hepatozoon sp.-C (Table 7.12). There 

were no differences between the predicted COI AA sequences in all 3 mitochondrial genomes. 

Pairwise alignment of the COIII CDSs identified 6-13 SNDs (0.8-1.8% difference) between H. 

catesbianae, H. clamatae, and Hepatozoon sp.-C (Table 7.12). The COIII AA sequence of H. 

clamatae had 1 AA residue that differed from the COIII AA sequences of H. catesbianae and 

Hepatozoon sp.-C. Pairwise alignment of the CytB CDSs identified 3-5 SNDs (0.3-0.4% 

difference) between H. catesbianae, H. clamatae, and Hepatozoon sp.-C (Table 7.12). There 

were no differences among the predicted CytB AA sequences from these 3 mitochondrial 

genomes.   
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Table 7.12: Heatmaps generated from pairwise sequence alignments of various sequences from H. catesbianae, 
H. clamatae and Hepatozoon sp.-C.  
Values represented are pairwise single nucleotide differences (SNDs) and pairwise sequence percent differences (in 
parentheses). 

Complete mitochondrial genomes: (length: ~6,400 bp) 
 H. catesbianae H. clamatae Hepatozoon sp.-C 

H. catesbianae  121 SNDs (1.9%) 76 SNDs (1.2%) 
H. clamatae 121 SNDs (1.9%)  107 SNDs (1.7%) 
Hepatozoon sp.-C 76 SNDs (1.2%) 107 SNDs (1.7%)  
COI CDS: (~1,450 bp) 
 H. catesbianae H. clamatae Hepatozoon sp.-C 
H. catesbianae  7 SNDs (0.5%) 5 SNDs (0.4%) 
H. clamatae 7 SNDs (0.5%)  10 SNDs (0.7%) 
Hepatozoon sp.-C 5 SNDs (0.4%) 10 SNDs (0.7%)  
COIII CDS: (741 bp) 
 H. catesbianae H. clamatae Hepatozoon sp.-C 
H. catesbianae  13 SNDs (1.8%) 6 SNDs (0.8%) 
H. clamatae 13 SNDs (1.8%)  13 SNDs (1.8%) 
Hepatozoon sp.-C 6 SNDs (0.8%) 13 SNDs (1.8%)  
CytB CDS: (1,113 bp) 
 H. catesbianae H. clamatae Hepatozoon sp.-C 
H. catesbianae  3 SNDs (0.3%) 5 SNDs (0.4%) 
H. clamatae  3 SNDs (0.3%)   4 SNDs (0.4%) 
Hepatozoon sp.-C 5 SNDs (0.4%) 4 SNDs (0.4%)  
Nuclear 18S rDNA (1,761 bp) 
 H. catesbianae H. clamatae Hepatozoon sp.-C 
H. catesbianae  1 SND (0.1%) 5 SNDs (0.3%) 
H. clamatae 1 SND (0.1%)  4 SNDs (0.2%) 
Hepatozoon sp.-C 5 SNDs (0.3%) 4 SNDs (0.2%)  
Nuclear ITS-1 (132 bp) 
 H. catesbianae H. clamatae Hepatozoon sp.-C 
H. catesbianae  6 SNDs (4.5%) 2 SNDs (1.5%) 
H. clamatae 6 SNDs (4.5%)  6 SNDs (4.5%) 
Hepatozoon sp.-C 2 SNDs (1.5%) 6 SNDs (4.5%)  
Apicoplast 23S rDNA (450 bp) 
 H. catesbianae H. clamatae Hepatozoon sp.-C 
H. catesbianae  5 SNDs (1.1%) 4 SNDs (0.9%) 
H. clamatae 5 SNDs (1.1%)  3 SNDs (0.7%) 
Hepatozoon sp.-C 4 SNDs (0.9%) 3 SNDs (0.7%)  
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When searched against public databases using the BLASTp algorithm (Altschul et al. 

1990), the translated COI AA sequences for both H. clamatae and Hepatozoon sp.-C had a 100% 

sequence identity (100% query coverage) with the COI of H. catesbianae (AIG55088), a 75.9% 

sequence identity (96% query coverage) with the COI of K. equi (AZL31646) and a 65-67% 

sequence identity (95-96% query coverage) with the COI of various haemosporinid species. The 

translated COIII AA sequences of H. clamatae and Hepatozoon sp.-C had 100% and 99.6%, 

respectively, sequence identities (100% query coverage) with the COIII of H. catesbianae 

(AIG55090), a 53.7% sequence identity (97% query coverage) with the COIII of K. equi 

(AZL31645) and 43-48% sequence identity (96-97% query coverage) with the COIII of various 

haemosporinid species. The translated CytB AA sequences of H. clamatae and Hepatozoon sp.-C 

had a 100% sequence identity (100% query coverage) with the CytB of H. catesbianae 

(AIG55089), a 66.9% sequence identity (97% query coverage) with the CytB of K. equi 

(AZL31647), and a 60-62% sequence identity (93-94% query coverage) with the CytB of various 

haemosporinid species.  

7.4.5 Nuclear 18S ribosomal DNA sequences 

The near-complete nuclear 18S rDNA sequences of H. catesbianae (MN244528, from 

samples MGF and INA), H. clamatae (MN244529, from sample FGF), and Hepatozoon sp.-C 

(MN244530, from samples GA11 and GA8) were each 1,761 bp (1,804 bp including primers) in 

length. The 18S rDNA sequences from samples MGF and INA were identical (0 SND). Pairwise 

alignment of the 18S rDNA sequences identified 1-5 SNDs (0.1-0.3% difference) between H. 

catesbianae, H. clamatae and Hepatozoon sp.-C (Table 7.12). When searched against public 

databases using the BLASTn algorithm, the near complete nuclear 18S rDNA sequences (1,761 

bp) of H. catesbianae, H. clamatae and Hepatozoon sp.-C had 99.6-99.9% sequence identity 

(100% query coverage) with the 18S rDNA sequence of H. catesbianae (HQ224954) and 93-99% 

sequence identity (90-100% query coverage) to various Hepatozoon species.  

7.4.6 Complete nuclear ITS-1 sequences 

Sequences covering 3'-end of the nuclear 18S rDNA (46 bp), the complete ITS-1 (132 bp) 

and the 5'-end of the 5.8S rDNA (34 bp) were generated from 9 single-genotype samples (total 

length 212 bp; 247 including primers). The 4 H. catesbianae ITS-1 sequences (from samples: 
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MGF, INA, GA54, ALG-21) were identical (0 SND) to each other and were also identical (0 

SND) to the H. catesbianae ITS-1 sequences reported by Boulianne et al. (2007, DQ856589 - 

DQ85691). These H. catesbianae ITS-1 sequences had 2-3 SNDs (1.6-2.4% difference) to similar 

ITS-1 sequences reported by Kim et al. (1998, samples: GF8, B3E, S34, SM4, and SM7 [not in 

GenBank]). The 3 H. clamatae ITS-1 sequences (from samples: FGF, GA14, GA41) were 

identical (0 SND) to each other and also identical (0 SND) to the H. clamatae ITS-1 sequences 

reported by Boulianne et al. (2007, DQ856584 - DQ856588). These H. clamatae ITS-1 

sequences had 2 SNDs (1.6% difference) to the similar ITS-1 sequence reported by Kim et al. 

(1998, sample G20 [not in GenBank]). The two Hepatozoon sp.-C ITS-1 sequences (from 

samples: GA8 and GA11) were identical (0 SND) to each other. The ‘H. catesbianae’ ITS-1 

sequence reported by Smith et al. (1999) differed from all of the ITS-1 sequences reported in the 

present study: Genotype A (9 SNDs, 7.1% difference); Genotype B (5 SNDs, 3.9% difference); 

and, Genotype C (11 SNDs, 8.7% difference).  

Pairwise alignment of the ITS-1 sequences generated herein identified 2-6 SNDs (1.5-

4.5% difference) between H. catesbianae, H. clamatae and Hepatozoon sp.-C (Table 7.12). 

Consensus sequences of the near-complete 18S rDNA, ITS-1 and partial 5.8S rDNA sequences 

from H. catesbianae (MN244528), H. clamatae (MN244529) and Hepatozoon sp.-C 

(MN244530) were submitted to the GenBank public sequence database.  

7.4.7 Partial apicoplast 23S ribosomal DNA sequences 

The first stage amplification of the partial apicoplast 23S rDNA was successful with the 

MGF sample and produced a 584 bp (622 bp with primers) H. catesbianae apicoplast 23S rDNA 

sequence (MN245144). The hemi-nested reamplification reaction was successful with the FGF 

and INA samples. The apicoplast 23S rDNA sequence amplified from INA was 448 bp (493 bp 

with primers) in length and had 100% pairwise identity with the MGF (H. catesbianae) 23S 

rDNA sequence. The FGF sample generated 448 bp (493 bp with primers) H. clamatae 23S 

rDNA sequence (MN245145). The GA11 (Hepatozoon sp.-C) sample failed to generate a 23S 

rDNA sequence due to the presence of a plant chloroplast contaminant. The GA8 sample, that 

shared the same COIII and 18S rDNA genotypes as GA11, produced a 448 bp sequence (493 bp 

with primers) Hepatozoon sp.-C 23S rDNA sequence (MN245146). Pairwise alignment of the 

apicoplast 23S rDNA sequences identified 3-5 SNDs (0.9-1.1% difference) between 
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H. catesbianae, H. clamatae and Hepatozoon sp.-C (Table 7.12). When searched against public 

databases using the BLASTn algorithm, the partial apicoplast 23S rDNA sequences (448 bp) of 

H. catesbianae, H. clamatae and Hepatozoon sp.-C had 81.7-82.1% sequence identity (100% 

query coverage) with the apicoplast 23S rDNA sequence of H. canis (MH557086) and 71-76% 

sequence identity (71-91% query coverage) to apicoplast 23S rDNA sequences from various 

apicomplexan organisms (e.g. Cyclospora cayetanensis [KX273389], Neospora caninum 

[AF304316], Toxoplasma gondii [U87145], Eimeria tenella [AB564273] and Plasmodium vivax 

[LT635626]).  

7.5 Discussion 

7.5.1 Morphological and molecular observations: Assignment of genotypes to H. catesbianae and 

H. clamatae 

The Hepatozoon sp. mitochondrial genome sequence that was reported in Chapter 3 

matched (0 SND) all Genotype A COIII CDS sequences reported in this study. In Chapter 3, this 

genotype was assigned to H. catesbianae based on microscopic observations of intact nuclei in 

the R. clamitans erythrocytes infected with Hepatozoon sp. gamonts. In this study, diagnostically 

distinct morphological differences were not observed from the intraerythrocytic gamonts of each 

of the 3 genotypes. It was found that erythrocyte nucleus-fragmentation occurred in both 

Genotype A and Genotype B single-genotype samples. And the average lengths and widths of the 

intraerythrocytic gamonts from each genotype differed slightly (see Table 7.9), but the ranges of 

the total measurements completely overlapped across all 3 genotypes. This indicates that 

morphometric analysis of intraerythrocytic gamonts is not a reliable method for differentiating 

these Hepatozoon species. Furthermore, differences in size and appearance observed among 

samples of the same genotype suggest that morphology is somewhat variable among members of 

these species. Although samples possessing only a single apparent genotype were considered 

‘single species’, the Sanger sequences that were assessed to be a single genotype based on 

chromatogram appearance may have also contained additional genotypes present at such a low 

abundance that they failed to appear in the chromatogram output. Thus, single-genotype 

sequences may not equate with single-species samples. However, it is still most likely that single 

genotype samples were composed of one predominant genotype/species and, consequently, 
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morphological data from such samples are likely to be representative of the predominant 

genotype/species. 

Dimensions of intraerythrocytic gamonts did not provide useful for differentiation among 

the three genotypes in the present study. The measurements of gamonts belonging to all 3 

genotypes reported in this study fell within the ranges of dimensions previously reported for 

gamonts of H. catesbianae and H. clamatae. Desser et al. (1996) reported intraerythrocytic 

gamonts of H. catesbianae to be (22.09±1.22 µm) × (5.19±0.52 µm) (n=90) and Kim et al. 

(1998) reported intraerythrocytic gamonts of H. clamatae to be (23.7±1.7 µm) × (5.1±0.7 µm) 

(n=40). For the purposes of these comparisons with published gamonts lengths, linear lengths 

obtained in the present study were used; true gamont lengths tracing the long axis of recurved 

gamonts were not provided in the previous studies (Desser et al., 1996; Kim et al., 1998). 

Using biological transmission (feeding of oocyst-containing mosquitoes to uninfected 

frogs), Kim et al. (1998) established that H. catesbianae only infected R. catesbeiana and R. 

clamitans whereas H. clamatae was capable of infecting R. catesbeiana, R. clamitans and R. 

pipiens. In the current study, Genotype A was found infecting 1 R. catesbeiana, 11 R. clamitans 

but not in any R. pipiens. Genotype B was found infecting 1 R. catesbeiana, 9 R. clamitans and 2 

R. pipiens. Genotype C was found infecting 4 R. pipiens exclusively (see Table 7.7). Many fewer 

R. catesbeiana and R. pipiens were sampled in comparison to R. clamitans in the present study. 

Only a single COIII CDS sequence was generated from a R. catesbeiana infected with 

Hepatozoon sp. (sample ALG-74, see Table 7.7). This sequence contained both Genotype A 

(major signal) and Genotype B (minor background signal), indicating that both Hepatozoon sp. 

genotypes were capable of infecting R. catesbeiana and could do so simultaneously. Nonetheless, 

future studies generating additional Hepatozoon sp. sequences from R. catesbeiana and other 

Ontario Rana spp. in Eastern Canada are warranted to better understand the host specificities and 

distribution of these Hepatozoon sp. genotypes in Ontario and beyond. 

When compared to previously reported sequences, the 4 identical Genotype A ITS-1 

sequences matched (0% difference) the H. catesbianae ITS-1 sequences reported by Boulianne et 

al. (2007) but differed (1.6-2.4% differences) from similar ITS-1 sequences reported by Kim et 

al. (1998). The 3 identical Genotype B ITS-1 matched (0% difference) the H. clamatae ITS-1 

sequences reported by Boulianne et al. (2007) but differed (1.6% difference) from the similar 
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ITS-1 sequence reported by Kim et al. (1998). The 2 identical Genotype C ITS-1 sequences 

differed from all previously reported Hepatozoon spp. ITS-1 sequences but aligned closest (1.6% 

difference) to the H. catesbianae ITS-1 sequences reported by Boulianne et al. (2007). The ‘H. 

catesbianae’ ITS-1 sequence reported by Smith et al. (1999) was notably divergent from all of 

the ITS-1 sequences reported in the present study.  

The 18S rDNA sequences from ranid-infecting Hepatozoon sp. (HQ224954, HQ224962, 

HQ224963) reported by Barta et al. (2012) differed from all of the 18S rDNA sequences reported 

in this study: Genotype A (1-3 SNDs, 0.1-0.2% difference); Genotype B (2-4 SNDs, 0.1-0.2% 

difference); and, Genotype C (6-8 SNDs, 0.4-0.5% difference). The ‘H. catesbianae’ 18S rDNA 

sequence reported by Carreno et al. (1999) differed greatly from all 18S rDNA sequences 

generated in this study: Genotype A (34 SNDs, 2.1% difference); Genotype B (35 SNDs, 2.1% 

difference); and, Genotype C (36 SNDs, 2.4% difference). 

The differences observed between the nuclear ribosomal sequences reported in this study 

and those reported by Kim et al. (1998), Smith et al. (1999), Carreno et al. (1999), and Barta et al. 

(2012) could be explained by several factors. As discussed in Chapter 5, the nuclear genome of 

H. canis was found to contain several divergent copies of the rDNA unit (18S-ITS1-5.8S-ITS2-

28S). These divergent copies would cause intraspecific variation depending on the copy or copies 

that are amplified during PCR targeting. If similar divergent copies are present in the nuclear 

genomes of the Hepatozoon spp. infecting ranid frogs, then it is possible that the primers used or 

the application of cloning techniques could select for alternate sequence variants that might be 

present in the nuclear genome at a lower copy numbers. It is also known that sequencing 

technologies have become progressively more accurate over the past 20 years and that that the 

differences observed in the sequences reported by Kim et al. (1998) and Smith et al. (1999) could 

have been caused by sequencing errors generated from earlier sequencing techniques (T.G. 

Smith, pers. comm.). J. R. Barta stated that the 18S rDNA sequences reported by Carreno et al. 

(1999) and Barta et al. (2012) for the ranid-infecting Hepatozoon spp. were of questionable 

accuracy and may not be representative of the dominant 18S rDNA sequences of H. catesbianae 

and H. clamatae (pers. comm.). 

The overall data reported in this study suggest that these 3 genotypes appear to be 

morphologically indistinguishable and occur sympatrically within the same or closely related 
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ranid hosts (see Tables 7.7 and 7.9). The differences observed among the sequence-based 

genotypes from multiple loci within the nuclear, mitochondrial, and apicoplast genomes (see 

Table 7.12) confirm that these genotypes represent 3 closely-related, but distinct, Hepatozoon 

species.  

Genotype A had an ITS-1 sequence that was identical to the H. catesbianae ITS-1 

sequence (DQ856589) reported by Boulianne et al. (2007). Mitochondrial COIII CDS 

and nuclear ITS-1 sequences of Genotype A were amplified and sequenced from 

gamonts infecting R. catesbeiana and R. clamitans but were not generated from 

Hepatozoon sp. infections in R. pipiens. The COIII CDS sequences of Genotype A 

also matched the previously published complete mitochondrial genome of H. 

catesbianae (KF894962, see Chapter 3). Collectively, these observations suggest that 

Genotype A is representative of Hepatozoon catesbianae (Stebbins 1904) Desser et al. 

1995.  

Genotype B had an ITS-1 sequence that was identical to the H. clamatae ITS-1 

sequence (DQ856584) reported by Boulianne et al. (2007). Mitochondrial COIII CDS 

and nuclear ITS-1 sequences of Genotype B were amplified and sequenced from 

gamonts infecting R. catesbeiana, R. clamitans, and R. pipiens. Collectively, these 

observations suggest that Genotype B is representative of Hepatozoon clamatae 

(Stebbins 1905) Smith 1996.  

Genotype C had sequences from genetic loci of multiple genomes that differed from 

all publicly available sequences but, when present, were found together in the same 

DNA samples. Mitochondrial COIII CDS and nuclear ITS-1 sequences of Genotype C 

were amplified only from gamonts infecting R. pipiens (n=4); multiple, distinctive, 

intraerythrocytic developmental stages were observed (Figure 7.2). Collectively, these 

observations suggest that Genotype C is representative of an unnamed Hepatozoon sp. 

that infects ranid frogs of Ontario.  
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Figure 7.2: Intraerythrocytic developmental stages and mature 
gamonts of Hepatozoon sp. Genotype C. 
A-C: Multiple stages of intraerythrocytic development. D: Typical 
elongate and often recurved intraerythocytic gamonts (25.1±1.9 µm 
[linear: 21.3±1.3 µm] × 4.9±0.9 µm, n=75) were observed in the 
blood of Ontario R. pipiens (n=4), exclusively. Scale bar = 10 µm 

7.5.2 Evaluation of barcode-type markers for the molecular differentiation of ranid-infecting 

Hepatozoon species 

Sequence-based genotyping using short regions of one or a few loci (i.e. DNA barcoding) 

depends on sequencing of a genetic locus that has features of accessibility (i.e. relatively simple 

PCR primer design covering multiple taxa), appropriate amplicon length (i.e. usually a single 

Sanger sequencing read or ~500-800 bp) and selection pressures that ensure reasonable rate of 

genetic divergence over time with relatively little intraspecific variation (i.e. a relatively high 

interspecific to intraspecific genetic distances, or the so-called barcoding gap). In the present 

work, sequences from 3 genomes were compared among 3 closely related Hepatozoon spp: 

nuclear ribosomal DNA (i.e. ITS-1 and 18S rDNA); apicoplast 23S rDNA; and, mitochondrial 

genome or its protein-coding CDS (especially COIII CDS). For the nuclear rDNA loci (18S 

rDNA, ITS-1), intraspecific sequence variation may account for the differences observed between 

sequences reported herein and sequences reported previously by Kim et al. (1998), Smith et al. 
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(1999), Carreno et al. (1999), and Barta et al. (2012). However such differences may have 

resulted from low-specificity PCR primers, less accurate available sequencing technologies or 

less than optimal DNA quality; all of these factors could generate less accurate sequences from 

any of the studied loci.  

Among the nuclear ribosomal DNA loci (i.e. 18S rDNA or ITS-1), the ITS-1 sequences 

reported by Boulianne et al. (2007) matched the sequences reported in the present study and 

demonstrated consistency within and among genotypes. The ITS-1 sequences of H. catesbianae 

(n=4) and Hepatozoon sp.-C (n=2) were invariant within each species but each had 6 SNDs 

(4.5% difference) to the ITS-1 sequence of H. clamatae (n=3). The ITS-1 sequence of H. 

catesbianae had only 2 SNDs (1.5% difference) to the ITS-1 sequence of Hepatozoon sp.-C. The 

genetic distances (1.5% to 4.5% pairwise differences) among these Hepatozoon spp. appears 

sufficient for their differentiation using ITS-1, provided that appropriate primers and molecular 

techniques are applied. The nuclear 18S rDNA sequences of H. catesbianae, H. clamatae, and 

Hepatozoon sp.-C showed low sequence divergence (1-5 SNDs, 0.1-0.3% difference, see Table 

7.12) among genotypes. This indicates that the 18S rDNA target is not appropriate for the 

molecular differentiation of these Hepatozoon species although the locus may be highly useful at 

the genus level in phylogenetic analyses (Barta et al., 2012; Ogedengbe et al., 2018). Despite its 

potential for differentiation of the species, ITS-1 may be subject to spurious divergence or 

rampant intraspecific variation resulting from paralogous copies among divergent rRNA gene 

arrays in a single parasite as with all target loci within the nuclear ribosomal gene unit, the (see 

Chapter 5). Although potentially useful because of its apparent rapid divergence, the ITS-1 locus 

may not represent the most reliable source of sequence data for differentiating among closely 

related Hepatozoon species because its comparatively short length limits its potential information 

content and paralogous copies may confuse any information that is generated.   

The apicoplast 23S rDNA sequences of H. catesbianae, H. clamatae, and 

Hepatozoon sp.-C showed some sequence divergence (3-5 SNDs, 0.7-1.1% difference, see Table 

7.12). The 23S rDNA target may be appropriate for the molecular differentiation of these 

Hepatozoon species. But targeting the 23S rDNA was complicated by competitive amplification 

of plant-plastid and bacterial 23S rDNA sequences that contaminated some samples. These DNA 

contaminants were likely present due to the non-sterile blood collection techniques pursued 
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during fieldwork. The 23S rDNA primers designed for this study targeted sites that were highly 

conserved across many plastid and bacterial genomes. Future investigations could benefit from 

selecting primer sites that are well conserved among apicoplast sequences but diverge from other 

more distantly related homologs.  

The mitochondrial CDS sequences of H. catesbianae, H. clamatae, and Hepatozoon sp.-C 

showed varying amounts of sequence divergence (COI: 5-10 SNDs, 0.4-0.7% difference; COIII: 

6-13 SNDs, 0.8-1.8% difference; CytB: 3-5 SNDs, 0.3-0.4% difference; see Table 7.12). The 

COIII CDS had the highest sequence divergence and was chosen for genotyping 30 Hepatozoon 

sp. samples collected from ranid frog blood (see Section 7.4.2, Table 7.7). The primer-pair 

designed to target the partial COIII CDS sequence (length: 652 bp) was effective at amplifying 

the various Hepatozoon spp. infecting ranid frogs found in this study. These primers are believed 

to have a wide target range and were also successful at amplifying unique but closely related 

Hepatozoon sp. genotypes from ranid frogs in other geographic locations (data not reported) 

including the southern United States (R. Shannon, pers. comm.) and Mexico (sample MxH_3794 

collected by M. G. Velarde Aguilar and V. León-Règagnon from Rana forreri and sequenced by 

A. N. Léveillé [MN255489]). It is unlikely that these primers will target more distantly related 

Hepatozoon species given the highly variant nature of the COIII CDS and of Hepatozoon sp. 

mitochondrial genomes generally (see Chapters 4, 5 and 6). To address this limitation, selection 

of more highly conserved PCR primer sites upstream and downstream of the COIII CDS 

(optimally producing an amplicon of ~1000 bp or less) might optimize use of the COIII CDS as a 

genotyping locus. 

Intraspecific sequence variation (1 SND (0.2% difference, see Table 7.8) was observed 

among the partial COIII CDS sequences (length: 652 bp) of Genotype B (1 of 6) and Genotype C 

(1 of 4) (see Section 7.4.2). The interspecific variation of the partial COIII CDS sequences was 

4-14 SNDs (0.6-2.2% pairwise differences). A larger sample size of sequences would be 

desirable to establish the range of intraspecific variation exhibited by the COIII CDS sequences 

of these Hepatozoon species and, ultimately, establish a ‘barcoding gap’ value for this locus. In 

this study, the degree of intraspecific variation observed among the partial COIII CDS sequences 

did not inhibit the assignment of each sequence from Ontario ranid-infecting Hepatozoon spp. to 

1 of the 3 genotypes. A preliminary species delimitation analysis (see Section 7.4.2) confirmed 
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that the COIII CDS sequences could readily distinguish the three Hepatozoon species. At the 

highest intraspecific to interspecific distance ratio of 0.2 (from Hepatozoon sp.-C to H. 

catesbianae), the interspecific genetic distance was still 5-fold greater than the intraspecific 

variation for the COIII CDS sequences obtained in the present study; this is strong support for 

use of this locus as a barcode-type target. Both the COI and CytB CDS sequences had fewer 

pairwise differences despite both possessing much longer CDS. This suggests that despite minor 

intraspecific variation, the COIII CDS is the most suitable barcode-type target for differentiating 

these closely related Hepatozoon species examined in the present study; the COIII CDS is 

conveniently short but still exhibits a comparatively high rate of genetic divergence between 

species with limited intraspecific variation.  

7.6 Conclusion 

Sequences from the nuclear, mitochondrial and apicoplast genomes were each successful 

in supporting the differentiation of H. catesbianae and H. clamatae in addition to identifying a 

currently unnamed Hepatozoon species. Despite previous reports, these sequences support the 

conclusion that the intraerythrocytic stages of H. catesbianae and H. clamatae (in addition to 

Hepatozoon sp.-C) are morphologically indistinguishable using gamont dimensions or 

cytopathological changes to their host erythrocytes. The inability to differentiate intraerythrocytic 

gamonts without genotyping raises some uncertainty regarding the published lifecycle 

descriptions of H. catesbianae and H. clamatae. Kim et al. (1998) reported that the lifecycle of 

H. clamatae could not be differentiated from the lifecycle of H. catesbianae that had been 

reported previously by Desser et al. (1995). Kim et al. (1998) relied on morphological features of 

intraerythrocytic gamonts and cytopathological erythrocyte changes to identify H. clamatae to 

include in their lifecycle study; consequently, they may have unknowingly observed lifecycle 

stages of H. catesbianae in the C. territans definitive host. By good fortune, the parasite used by 

Kim et al. (1998) could be transmitted experimentally to R. pipiens suggesting that the authors 

were most likely working with a valid H. clamatae isolate. Future studies could use the reliable 

genotyping methods described herein to identify frogs infected by only a single species and then 

use these infections to re-evaluate parasite developmental stages in the definitive and 

intermediate hosts. It could then be determined if there are any differences in the developmental 

morphology or host specificity of H. catesbianae, H. clamatae and Hepatozoon sp.-C. 
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Among the sequences investigated in this study, the mitochondrial loci, particularly the 

COIII CDS, were the most straightforward to amplify and provided sufficient sequence diversity 

to differentiate all 3 Hepatozoon sp. genotypes. It is suggested that, despite the observation of 

minor intraspecific variation, the mitochondrial COIII CDS is the most suitable barcode-type 

target for differentiating the Hepatozoon species infecting ranid frogs. Despite the allure of a 

universal barcode target that could be used to identify a wide array of eukaryotic organisms (e.g. 

mitochondrial COI, Hebert et al., 2003), it is apparent that it is preferable to select a molecular 

target that is best suited to investigating the organisms of interest. 
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8. General analyses: Revisiting the objectives and hypotheses 
Throughout the progression of this research, the primary and secondary objectives were 

pursued and all defined hypotheses were tested. 

8.1 Primary Objective (revisited) 

Primary Objective (revisited): To amplify and sequence extrachromosomal genome sequences, 

along with nuclear ribosomal DNA sequences, from multiple adeleorinid parasites. 

8.1.1 Overall summary of all results 

As detailed in Table 2.3, several adeleorinid parasites were investigated in this study. In 

total, seven projects were successful in contributing to the primary objective of this study. Five of 

these projects were extensively detailed in this thesis (Chapters 3 to 7) and reported a total of 34 

novel sequences from 7 adeleorinid taxa: 14 (6 complete and 8 partial) mitochondrial genome 

sequences; 4 (1 complete and 3 partial) apicoplast genome sequences; and, 16 (1 complete and 15 

partial) nuclear rDNA unit sequences.  

Two research studies were not detailed in the text for brevity and due to time constraints 

but succeeded in generating 14 additional sequences. Brief summaries of these studies are 

included as Appendix 520 and Appendix 621. The following data generated from these two 

studies will be included in the analyses reported in this chapter: Four complete mitochondrial 

genome sequences (Genotype A: 6,107 bp, Genotype B: 6,155 bp, Genotype C: 6,194 bp and 

Genotype D: 6,270 bp; see Figures 8.1 and 8.2) and four partial nuclear 18S rDNA sequences 

(A: 1,329 bp, B: 1,330 bp, C: 1,330 bp, and D: 1,331 bp) from Haemogregarina balli samples 

collected from North American freshwater turtles (see Appendix 5); and, a complete 

mitochondrial genome (length: 15,349 bp; see Figures 8.1 and 8.2) and partial 18S rDNA 

(length: 1,467 bp) sequence from a Hepatozoon sp. collected from a brown spotted pit viper 

(Protobothrops mucrosquamatus) in Japan (see Appendix 6). 

                                                
20 Study 6: “Unprecedented sequence diversity discovered among mitochondrial genome sequences from 
Haemogregarina balli infections in North American freshwater turtles.” 
21 Study 7: “Complete mitochondrial and apicoplast genome sequences from a Hepatozoon sp. (Apicomplexa: 
Adeleorina) discovered from data-mining of the whole genome sequence data from a brown spotted pit viper, 
Protobothrops mucrosquamatus.” 
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Additionally, Elizabeth G. Zeldenrust permitted the use of her molecular data generated 

from a previously unreported Klossia sp. recovered from a Magnolia Threetooth snail (Triodopsis 

hopetonensis) collected in Arkansas, U.S.A. (Zeldenrust, Léveillé, and Barta, 2019 - in prep.). 

The mitochondrial genome (length: 6,776 bp; see Figure 8.1) and partial nuclear 18S rDNA 

(length: 1,800 bp) sequences from this Klossia sp. will be included in the analyses reported in this 

chapter. 

Several of the research projects detailed in Table 2.3 were unsuccessful in generating 

novel sequence data. Samples for Adelina tenebrionis and Klossia helicina were not collected. 

Samples for Hepatozoon sipedon, Hepatozoon felis, Karyolysus spp. and Babesiosoma stableri 

were collected but attempts to amplify sequences failed repeatedly.22 There are several reasons 

that could explain why these reactions failed to generate sequences, including: the DNA samples 

may have been degraded (likely for the H. felis and the Karyolysus spp. samples); the parasite 

level in the samples could have been too low (likely for H. sipedon and B. stableri); there may 

have been other apicomplexans in the sample (some of the Karyolysus spp. samples also 

contained a Schellackia sp.); and, it is possible that some of these adeleorinid species may not 

possess a complete mitochondrial genome as is suspected for Hepatozoon canis (see Chapter 5). 

Overall, there was not enough time to investigate all of these projects with the same thoroughness 

as described in Chapters 3 to 7. 

8.1.2 Conclusion 

The primary objective of this study was accomplished and succeeded in breaking new 

ground on the molecular profiling of these vastly diverse organisms. However, it is apparent that 

most of the molecular diversity of the Adeleorina remains to be uncovered. The data generated 

from this thesis, as well as the additional data identified above, will be used to test the three 

hypotheses previously identified in Chapter 2.  

                                                
22 Note: low quality partial nuclear 18S rDNA sequences were generated from H. sipedon and H. felis. 
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8.2 Hypothesis One (revisited) 

Hypothesis One (revisited): Members of the Klossiellidae truly belong among the Adeleorina.  

Prediction (revisited): Both molecular and morphological analyses will confirm that Klossiella 

equi, and thus the genus Klossiella, has been assigned correctly to the Adeleorina. 

8.2.1 Summary of findings 

As discussed in Chapter 4, the lifecycle features of Klossiella equi matched the 

characteristic features of the Klossiellidae and of the Adeleorina (i.e. formation of thin-walled 

polysporocystic oocysts and the occurrence of syzygy prior to gamete formation). Pairwise 

sequence alignments and subsequent phylogenetic analyses of nuclear 18S rDNA sequences 

determined that K. equi was monophyletic with other sequenced members of the Adeleorina.  

8.2.2 Conclusion  

Hypothesis One and its associated prediction were accepted. 

8.3 Hypothesis Two and Secondary Objective (revisited) 

Hypothesis Two (revisited): Mitochondrial sequence targets will provide better support for 

adeleorinid species differentiation than currently sequenced nuclear ribosomal targets. 

To test this, the following objective was pursued: 

Secondary Objective (revisited): Provide additional data to the findings of Kim et al. (1998) and 

Boulianne et al. (2007) to help determine the species distinction between Hepatozoon catesbianae 

and Hepatozoon clamatae. 

Prediction (revisited): Mitochondrial sequences generated from ranid-infecting Hepatozoon spp. 

will be superior to nuclear 18S rDNA and ITS-1 sequences for supporting species differentiation.  

8.3.1 Summary of findings 

As discussed in Chapter 7, sequences from the nuclear, mitochondrial and apicoplast 

genomes were each successful in supporting the differentiation of H. catesbianae and H. 

clamatae in addition to identifying a currently unnamed Hepatozoon species. Despite previous 
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reports, multi-locus sequences showed that that the intraerythrocytic stages of H. catesbianae and 

H. clamatae did not differ in appearance and were both capable of causing cytopathological 

changes to their host erythrocytes. All 3 Hepatozoon spp. were morphologically indistinguishable 

with gamont dimensions that overlapped one another. The sympatric and morphologically cryptic 

nature of these 3 Hepatozoon species highlighted the need for complementary molecular data to 

properly differentiate these species.  

Both the nuclear ribosomal ITS-1 and the mitochondrial COIII CDS loci were found to be 

suitable for supporting the differentiation of these closely related Hepatozoon species. However, 

the COIII CDS had a longer sequence length (although still conveniently short) and a 

comparatively high rate of genetic divergence between species with limited intraspecific 

variation; consequently, the mitochondrial COIII locus was the most suitable barcode-type target 

identified to date for differentiating closely related Hepatozoon species infecting ranid frogs of 

Ontario, Canada.  

8.3.2 Conclusion 

The Secondary Objective of this study was accomplished and exceeded its goal with the 

identification of a third unnamed Hepatozoon sp. that infects ranid frogs in Ontario, Canada. 

Hypothesis Two and its associated prediction were accepted. 

8.4 Hypothesis Three (revisited) 

Hypothesis Three (revisited): The structure and gene configuration of the mitochondrial 

genomes from various adeleorinid parasites will be conserved but will differ from those of other 

major apicomplexan groups (e.g. haemosporinids, eimeriids, piroplasms). 

Prediction (revisited): As observed among haemosporinid, eimeriid, and most piroplasm taxa 

(see Section 2.4.1.2, Figure 2.4) that share structure and configuration within groups but differ 

between groups, the mitochondrial genomes of various adeleorinid taxa will show conservation 

in their genome structure with respect to the configuration of their constituent CDS and rDNA 

components. The mitochondrial genomes of the adeleorinids will show differences of structure 

and major rearrangement events that differentiate them from other major apicomplexan groups, 

just as these groups also differ from each other.  
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8.4.1 Background: Apicomplexan mitochondrial genomes (revisited) 

As reviewed in Chapter 2 (see Section 2.4.1.2), the general organization and structure of 

all publicly available mitochondrial genome sequences from the haemosporinids (e.g. 

Plasmodium spp., Leucocytozoon spp. or Haemoproteus spp.) are conserved (for examples, see 

Figure 8.1). The organization and structure of all publicly available mitochondrial genome 

sequences from the eimeriids (and related groups; e.g. Eimeria spp., Lankesterella spp., Isospora 

spp., Cyclospora spp.) are also conserved. All of the piroplasmid mitochondrial genomes 

reported to date have linear (monomeric) mitochondrial genomes with terminal inverted repeats. 

Several Babesia spp. (e.g. B. bigemina [AB499085], B. gibsoni [AB685184], B. caballi 

[AB499086], B. bovis [AB499088]) and Theileria parva (NC_011005) have been reported to 

have a conserved mitochondrial genome configuration (around 6,000 bp in length) with the COI 

CDS found close to one genome terminus (Hikosaka et al., 2010). Several of the piroplasmid taxa 

have mitochondrial genomes that are divergent from these examples. Notably, Theileria equi 

(ACOU01000010) and Babesia microti (NC_031328) have mitochondrial genomes with unique 

configurations, longer sequence lengths (9,001 bp and 11,009 bp, respectively) and the latter was 

found to have multiple copies with “flip-flop” arrangement inversions that vary between genome 

copies (Hikosaka et al., 2010, 2012; revisited from Section 2.4.1.2). Prior to this study, B. microti 

had the longest reported apicomplexan mitochondrial genome sequence (Hikosaka et al., 2012). 

These divergent piroplasms mitochondrial genome sequences were not included in Figure 8.1. 

Similarly, the partial mitochondrion-associated sequences of the sarcocystids (see Section 

2.4.1.2) were not included in Figure 8.1. 

8.4.2 Methods of analysis 

8.4.2.1 Comparison of mitochondrial genome configurations 

For the analysis of apicomplexan mitochondrial genome configurations, all 

circular-mapping mitochondrial genomes (i.e. adeleorinids, haemosporinids, and eimeriids [as 

reviewed in Chapter 2]) were linearized such that the first coding region of each linearized 

genome was the COI CDS (as illustrated in Figure 8.1). This standardized starting point allowed 

for a common reference point for all of the genomes (including the linear piroplasmid genomes) 

and the fixed position of the COI CDS allowed for 8 possible permutations of CytB and COIII 
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CDS order and orientation. Six of the highly-conserved fragmented rDNA (LSUA, LSUE, LSUF, 

LSUG, SSUA, and SSUB) were also illustrated to provide additional details of genome 

rearrangements. 

8.4.2.2 Phylogenetic positioning of the adeleorinid taxa sequenced in this study 

The phylogenetic positions of each of the adeleorinid taxa sequenced in the current study 

were determined using a staggered alignment of partial 18S rDNA sequences and Bayesian 

inference phylogenetic analysis as described in Chapter 4 (see Section 4.3.9). A total of 88 18S 

rDNA sequences were included: 22 sequences were reported herein; 2 sequences (from H. felis 

and a Hepatozoon sp. infecting an Ontario mink [El Skhawy, Léveillé, and Barta, unpublished]) 

were not published and were not reported in the current study; 63 sequences from various 

adeleorinid taxa were downloaded from the GenBank database; and, 1 sequence, Goussia noelleri 

(FJ009241), was used as the outgroup (see Figure 8.2). The aligned partial 18S rDNA sequences 

were all ~1,300 bp in length with the exception of 6 sequences from Karyolysus spp. (KJ461939, 

KJ461940, KJ461941, KJ461944, KJ461945, and KX011040) that were ~600 bp in length. The 

18S rDNA sequence of G. noelleri was chosen as the taxonomic outgroup for tree-rooting 

because it was an early diverging member of the eimeriid clade in the phylogenetic analyses 

reported in Chapter 4 (see Figure 4.2). Taxa from other related clades (i.e. the haemosporinids 

or piroplasmids) were not selected because the 18S rDNA sequences from these organisms 

contained multiple indel regions when aligned with the adeleorinid 18S rDNA sequences. 

Mitochondrial genome sequences generated in the current study (as illustrated in Figure 8.1) 

were represented with their associated taxa in the resulting phylogenetic tree (Figure 8.2). 

8.4.3 Results and Discussion  

As predicted, all of the sequenced adeleorinid mitochondrial genomes differed from the 

mitochondrial genome sequences of the other major apicomplexan groups sequenced to date 

(Figures 8.1). All of the adeleorinid mitochondrial genomes were circular-mapping; the actual 

physical state of each genome, i.e. circular or linear-concatenated, was not determined.  

Contrary to what was predicted, the mitochondrial genomes reported throughout this 

study did not have conserved genome organization among adeleorinid coccidia. Indeed, neither 

content nor organization were conserved within a single adeleorinid genus, Hepatozoon, and the 
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organization of the mitochondrial genomes of Hepatozoon species differed from members of the 

genera Haemogregarina, Klossia and Klossiella. Only the mitochondrial genomes of various 

Haemogregarina balli genotypes and an unnamed Klossia sp. shared content and organization 

among the adeleorinid taxa sampled (see Figures 8.1 and 8.2). The mitochondrial genome of 

Klossiella equi was largely conserved with genomes from the latter 2 genera but had a cluster of 

fragmented rDNAs (RNA15, LSUA, RNA17, SSUA, RNA18, SSUD, RNA6) that was located 

between the COIII and CytB CDSs rather than between the COI and COIII CDSs as found in the 

H. balli and Klossia sp. genomes.  

 
 

Figure 8.1 Examples of all mitochondrial genome types currently sequenced from the adeleorinids in comparison to 
other known apicomplexan mitochondrial genome sequences.  
Known mitochondrial genome sequences from the adeleorinids and other major apicomplexan groups (sensu lato) 
illustrated (in linear forms) with the phylogenetic positions shown in Figure 2.2. All 3 protein coding sequences (CDS; 
cytochrome c oxidase subunit 1 [COI], cytochrome c oxidase subunit 3 [COIII] and cytochrome b [CytB]) are identified 
along with a few of the well-conserved fragmented ribosomal RNA genes (rDNA; LSUA, LSUE, LSUF, LSUG, SSUA, 
SSUB). The starting regions of the circular mapping genomes (adeleorinids, haemosporinids and eimeriids) were 
reassigned to begin with the COI CDS. This was done to provide a common starting point for all sequences and to permit 
ready comparison with the linear sequences of the piroplasmid examples. It is noted that several members of the 
piroplasmids have divergent mitochondrial genome sequences; for brevity, these divergent genomes were not included in 
the illustration (see Hikosaka et al., 2010, 2012). Initial genome images were produced using Geneious 
(www.geneious.com; Kearse et al., 2012). 
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Phylogenetic analysis based on nuclear 18S rDNA (Figure 8.2) placed the H. balli 

genotypes as early-branching taxa at the base of a large clade of heteroxenous adeleorinid 

coccidia for which Klossiella equi is the sister taxon. Collectively, these parasites formed a larger 

clade that was the sister group to various Klossia species including the unnamed Klossia species 

from Arkansas snails for which a mitochondrial genome is available. The comparatively 

conserved genome configuration among these 3 genera could mean that the mitochondrial 

genome of other closely related adeleorinid parasites (e.g. members of the Adeleidae or 

Dactylosomatidae) may also share this conserved genome configuration. If true, the 

mitochondrial genome configuration of H. balli may represent the ‘prototypical,’ perhaps 

ancestral, adeleorinid mitochondrial genome and that other configurations (i.e. as found in 

various Hepatozoon species) may have diverged from this original structure. Some support for 

the possibly ancestral architecture of these mitochondrial genomes of early branching adeleorinid 

taxa is that they share a conserved order and coding direction of the 3 CDS with a number of 

piroplasm mitochondrial genomes (see Figure 8.1).  

The reasonably close relationships observed among the H. balli genotypes based on 18S 

rDNA were not reflected in their mitochondrial genomes (see Appendix 5); indeed, the pairwise 

distances of homologous CDS among the 4 H. balli genotypes were as large as similar 

comparisons among all other adeleorinid parasites. For example, H. balli genotypes C and D had 

18S rDNA sequences of 98.4% pairwise identity but had only 76.8% pairwise identity of the 

translated amino acid products for their COI CDS (not reported in Appendix 5); in stark contrast, 

the two genotypes of H. griseisciuri had the same 98.4% pairwise identity at the nuclear 18S 

rDNA locus but 99.3% identity of the translated amino acid products for their COI CDS. 

Evidently, considerable differences exist in either selective pressure or ability to correct errors 

during the replication of the mitochondrial genome of Haemogregarina species. Such apparently 

vast diversity in rates of sequence divergence in the mitochondrial genomes of adeleorinid 

coccidia will undoubtedly confound the use of mitochondrial sequences (whole genome or 

specific loci) for phylogenetic analyses, particularly in groups where taxon sampling is sparse. 

The inevitable result of poor taxon sampling plus variable rates of sequence divergence of the 

target sequences would be spurious trees based on phylogenetically false, long-branch attractions 

(see Bergsten, 2005). Clearly, the use of adeleorinid mitochondrial sequences for phylogenetic 

studies should be approached with caution.  
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Within the single adeleorinid genus Hepatozoon, 7 genetically distinct species were 

sequenced and 4 distinct mitochondrial genome configurations were uncovered. In contrast, over 

2000 nearly complete mitochondrial genomes have been sequenced from the haemosporinid 

parasites (from more than 100 species representing 8 genera) and yet all of these mitochondrial 

genomes share the same configuration. Though there was considerable diversity of mitochondrial 

genomes among Hepatozoon species, those parasites that were found to be closely related 

phylogenetically, based on nuclear 18S rDNA sequences, shared similar or identical 

mitochondrial genome organizations (e.g. between Hepatozoon species infecting squirrels 

[Chapter 6] or among Hepatozoon spp. infecting Ontario ranids [Chapter 7]).  

The mitochondrial genome from the Hepatozoon sp. found in the viper (P. 

mucrosquamatus) in Japan had a genome size that was more than 2-times larger than all of the 

other mitochondrial genomes reported in the current study. This genome was composed of large 

sections that apparently did not encode for any known gene sequences. As discussed in 

Appendix 6, this may be the largest apicomplexan mitochondrial genome sequence to be 

discovered to date, pending further sequence assembly analyses. The 18S rDNA-based 

phylogenetic analysis (Figure 8.2) placed this unnamed Hepatozoon sp. as an early-branching 

taxon at the base of the clade containing the H. griseisciuri Genotype A and B sequences. Despite 

their close phylogenetic relationships demonstrated in the tree, the mitochondrial genome 

configuration of the viper-associated Hepatozoon sp. was highly divergent from those sequenced 

from H. griseisciuri. This suggests that, even within this single clade, there may be vast genetic 

diversity that remains to be uncovered among its taxa. 

The apparent lack of a complete mitochondrial genome within the H. canis NGS data is 

an unexpected and confusing observation. There is no clear reason for the lack of an intact (i.e. 

contiguous) mitochondrial genome in H. canis when complete mitochondrial genomes were 

found in all other adeleorinid coccidia examined herein. That said, limited efforts to amplify 

mitochondrial genome fragments using methods successful for other adeleorinid parasites failed 

when attempted with DNA from blood containing H. felis (data not shown), a member of the 

polychotomy containing H. canis, and Karyolysus spp., which are members of the sister group to 

that polychotomy; perhaps a complete mitochondrial genome is lacking for this entire clade of 

parasites (see Figure 8.2). As discussed in Chapter 5, 4 of the 8 mitochondrion-associated 
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sequences identified from H. canis were found to encode CDS translation products that were 

similar to the CDS translation products from the mitochondrial genomes of other adeleorinid 

coccidia as well as various haemosporinid parasites but with considerable and almost equal 

sequence divergence from both. In Chapter 5, it was suggested that the H. canis 

mitochondrion-associated sequences may have translocated to the nuclear genome and therefore 

the rate of divergence may not be comparable to sequences located within mitochondria. 

Regardless, this further supports that the genetic diversity of the adeleorinid coccidia has only 

begun to be explored.  

The consensus 18S rDNA tree reported herein was similar to 18S rDNA trees reported by 

Barta et al. (2012), Kvičerová et al. (2014), and Karadjian et al. (2015) and demonstrated that 

both the Hepatozoidae and the Karyolysidae were paraphyletic and members of both families 

intermingled together within two major clades. The diversity of the mitochondrial genome 

sequences observed among the Hepatozoon spp. does not provide any insight for predicting the 

configuration of the mitochondrial genome sequences of members of the Karyolysidae.  

8.3.4 Conclusion 

Hypothesis Three and its associated prediction were not entirely accepted. 

 

Caption for Figure 8.2 (image on the following page):  
The phylogenetic positions of each of the adeleorinid taxa sequenced in the current study were determined using a 
staggered alignment of partial 18S rDNA sequences (~1300 bp) and Bayesian inference phylogenetic analysis as 
described in Chapter 4. Broad representation of the publicly available adeleorinid 18S rDNA sequences (n=63) was 
included in these analyses. The 18S rDNA sequence of Goussia noelleri was chosen as the taxonomic outgroup for 
tree-rooting because it was an early diverging member of the eimeriid clade in the phylogenetic analyses reported in 
Chapter 4. Taxon labels list the following information: parasite binomial name (and isolate name where identified); 
GenBank accession number (from published sequences); binomial name (and common name) of the organism from 
which the parasite was collected; and, country where the parasite was collected. Bayesian inference phylogenetic 
trees were generated using a general time-reversible substitution model with invgamma distributed rate variation (i.e. 
nst=6; GTR+I+G; 1,000,000 iterations). Horizontal distance is proportional to hypothesized evolutionary change. 
Numerical values represent the posterior probability value for each node. Mitochondrial genome sequences 
generated in the current study were represented (as illustrated in Figure 8.1) with their associated taxa in the 
resulting phylogenetic consensus tree. All protein-coding sequences (CDS; cytochrome c oxidase subunit 1 [COI], 
cytochrome c oxidase subunit 3 [COIII] and cytochrome b [CytB]) are identified as well as some well-conserved 
fragmented ribosomal RNA genes (see legend in Figure 8.1). Initial tree and genome images were produced using 
Geneious (www.geneious.com; Kearse et al., 2012). 
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Figure 8.2: Phylogenetic positioning of herein sequenced adeleorinid taxa determined using nuclear 18S rDNA. - Caption on previous page 
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9. General conclusions 
This thesis was intended to explore the previously unknown structure and content of 

extrachromosomal genomes from members of the Adeleorina, possibly the most diverse and least 

understood group of apicomplexan parasites. Using a variety of methodologies and with samples 

obtained from 4 continents (see Table 2.3), an unexpectedly diverse collection of mitochondrial 

genomes was discovered, sequenced and annotated from 12 adeleorinid taxa. Data generated in 

the course of this thesis have approximately doubled the number of known apicomplexan 

mitochondrial genome configurations (see Figure 8.2), including the longest apicomplexan 

mitochondrial genome to be sequenced to date (pending revision, see Appendix 6). Intriguingly, 

the typically conserved nuclear 18S rDNA locus did not foreshadow the underlying diversity in 

the mitochondrial genomes that was to be discovered. Indeed, diversity of mitochondrial genome 

configurations among adeleorinid coccidia is so high that examination of any previously 

unsampled genus is likely to generate one or more new genome configurations. Although 

represented less in this thesis, complete apicoplast genomes were generated for two biologically 

diverse Hepatozoon spp., H. canis from a domestic dog in Israel and an unnamed Hepatozoon sp. 

from a viper in Japan. In the former species, the apicoplast genome was determined to be 

primarily linear in structure, with terminal repeats, based on careful analysis of NGS data of the 

genome termini (see Appendix 3). Additionally, many nuclear ribosomal gene sequences were 

also generated and, along with microscopic observations, provided insight on the phylogenetic 

positioning of Klossiella equi and Hepatozoon cf. griseisciuri. The latter species is thought to be 

a close relative to Hepatozoon muris, the type species of genus, and may be important in 

assessing the taxonomic and systematic status of current taxa in the Hepatozoidae and close 

relatives in the Karyolysidae. Finally, previously acquired knowledge and methods were applied 

to generate multi-locus sequences from Hepatozoon spp. infecting Ontario ranid frogs and, 

conclusively, provide a reliable molecular means of differentiating Hepatozoon catesbianae from 

Hepatozoon clamatae. Delightfully, these analyses also uncovered a sympatric, cryptic 

Hepatozoon sp. previously unrecognized locally that remains to be named. Multi-locus sequences 

were also used to investigate the presence of multiple cryptic species among Haemogregarina 

balli samples collected from North American freshwater turtles. These analyses revealed an 

unprecedented amount genetic diversity that will require further investigation (see Appendix 5).  
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This thesis provided much needed baseline sequence data, including associated 

methodologies and molecular tools, to support future molecular investigations on the 

extrachromosomal genomes and the evolution of the biologically diverse members of the 

suborder Adeleorina. One of the most limiting facets impacting the study of heteroxenous 

adeleorinid coccidia is the nearly complete lack of information on the lifecycles of these 

parasites. The vast majority of described and unnamed species have been reported from a single 

lifecycle stage, the gamont, found within circulating blood cells of vertebrates; the remainder of 

their lifecycles remain mysteries that would require considerable efforts to elucidate the correct 

definitive host and experimentally confirm the lifecycle of each parasite. Tracing the biology 

using species-differentiating molecular markers could link morphological and biological 

observations among the various hosts and tissues infected during these complex heteroxenous 

lifecycles. This will hopefully strengthen knowledge on the biology and evolutionary 

relationships among these diverse adeleorinid taxa. As more data become available, 

long-standing questions regarding the evolutionary history of the Adeleorina will, hopefully, 

become answerable for the first time. Is definitive host-parasite coevolution the predominant 

evolutionary history for adeleorinid parasites? Do adeleorinid parasites with heteroxenous 

lifecycles share a common ancestor? How must the previously identified systematic issues among 

the heteroxenous adeleorinid parasites be addressed?  

I would like to welcome all current and future researchers to delve into the intricacies of 

these marvelously diverse and fascinating parasites. I believe that the adeleorinid coccidia are 

worth investigating and I look forward to reading the manuscripts of others that will continue to 

dig deeper below the surface. 
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Appendices  

Appendix 1: Chapter 3 - Supplemental Materials 

 
Supplementary Figure S3.1: Pairwise comparison of the predicted amino acid translation sequences (AA) from the start of the cytochrome c oxidase subunit 
3 (COIII) and the cytochrome B (CytB) protein coding sequences (CDS) from the mitochondrial genome sequences of Hepatozoon catesbianae (KF894962) 
and Plasmodium falciparum (M76611). The protein transmembrane structure is illustrated and was predicted using the Hidden Markov Model within 
Geneious (version 6.1, www.geneious.com). This illustrates that the copy region observed between the H. catesbianae COIII and CytB CDSs was not 
conserved in the P. falciparum mitochondrial genome but there was conservation of general AA sequences in the pre-transmembrane region in all 4 CDSs. 
Initial sequence images were generated by Geneious software (version 6.1). 
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Supplementary Figure S3.2 Pairwise comparison of the predicted amino acid translation sequences (AA) of the cytochrome c oxidase subunit 1 (COI) 
protein coding sequences (CDS) from the mitochondrial genome sequences of Hepatozoon catesbianae (KF894962), Plasmodium falciparum (M76611), 
Eimeria mitis (KF501573), and Hepatocystis sp. (FJ168565). The protein transmembrane structure is illustrated and was predicted using the Hidden Markov 
Model within Geneious (version 6.1, www.geneious.com). Transmembrane predictions showed that the H. catesbianae COI AA had the same 12 
transmembrane regions predicted for COI AA of the other 3 apicomplexan taxa. Initial sequence images were generated by Geneious software (version 6.1). 
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Supplementary Figure S3.3 Pairwise comparison of the predicted amino acid translation sequences (AA) of the cytochrome b (CytB) protein coding 
sequences (CDS) from the mitochondrial genome sequences of Hepatozoon catesbianae (KF894962), Plasmodium falciparum (M76611), Eimeria mitis 
(KF501573), and Hepatocystis sp. (FJ168565). The protein transmembrane structure is illustrated and was predicted using the Hidden Markov Model within 
Geneious (version 6.1, www.geneious.com). Transmembrane predictions showed that the H. catesbianae CytB AA had the same 10 transmembrane regions 
predicted for CytB AA of the other 3 apicomplexan taxa. Initial sequence images were generated by Geneious software (version 6.1). 
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Supplementary Figure S3.4 Pairwise comparison of the predicted amino acid translation sequences (AA) of the cytochrome c oxidase subunit 3 (COIII) 
protein coding sequences (CDS) from the mitochondrial genome sequences of Hepatozoon catesbianae (KF894962), Plasmodium falciparum (M76611), 
Eimeria mitis (KF501573), and Hepatocystis sp. (FJ168565). The protein transmembrane structure is illustrated and was predicted using the Hidden Markov 
Model within Geneious (version 6.1, www.geneious.com). Transmembrane predictions showed that the H. catesbianae COIII AA had the same 6 
transmembrane regions predicted for COIII AA of the other 3 apicomplexan taxa. Initial sequence images were generated by Geneious software (version 
6.1). 
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Appendix 2: Chapter 4 - Supplemental Materials 

Supplementary Table S4.1: Publicly accessible nuclear 18S ribosomal RNA gene sequences from various apicomplexan and and other alveolate taxa used in the 
Bayesian Inference phylogenetic analyses described in Section 4.3.9. 

Species GenBank # Taxonomic position 
Prorocentrum minimum (Pror_minAY421791) AY421791  Dinophyceae; Prorocentrales; Prorocentraceae  
Lessardia elongata (Less_elonAF521100)  AF521100  Dinophyceae; Peridiniales; Podolampaceae  
Akashiwo sanguinea (Aka_angEF492486) EF492486 Dinophyceae; Gymnodiniales; Gymnodiniaceae 
Scrippsiella nutricula (Scrip_nutriU52357) SNU52357 Dinophyceae; Perinidales; Scrippsiella 
Chromera velia (Chro_veliaDQ174731) DQ174731 Chromerida 
Hepatocystis sp. (Hep_MFREU400394) EU400394 Apicomplexa; Aconoidasida; Haemospororida 
Plasmodium falciparum (Pl_falM19172) M19172  
Babesia caballi (Ba_cabZ15104) Z15104  Apicomplexa; Aconoidasida; Piroplasmorida  
Babesia equi (Ba_equiZ15105) Z15105   
Babesia felis (Ba_feliAF244912)  AF244912   
Babesia leo (Ba_leo_AF244911) AF244911   
Babesia rodhaini (Ba_rodDQ641423)  DQ641423   
Theileria sp. (Theil_L19081) L19081   
Theileria annulata (The_anDQ287944)  DQ287944   
Hepatozoon ayorgbor (Hepa_ayoEF157822)  EF157822  Apicomplexa; Conoidasida; Coccidiasina; Eucoccidiorida; 

Adeleorina; Hepatozoidae  
Hepatozoon cf. catesbianae clone A_4 (Hepa cf cates_exRana) HQ224954   
Hepatozoon cf. clamatae clone B1 (Hepa cf cates Rana clam B Frag2) HQ224962  
Hepatozoon magna  16A7_6 (Hepa_magna) HQ224960   
Hepatozoon sp. BV1 (Hepa_spBV1AY600626) AY600626   
Hepatozoon sp. BV2 (Hepa_BV2AY600625)  AY600625   
Hepatozoon sp. HepBiCM001 (Hepa_HepBiAB181504)  AB181504   
Hepatozoon sp. Boiga (Hepa_Boiga_AF297085) AF297085   
Hepatozoon canis Venezuela 1 (Hepa_canDQ439543) DQ439543   
Hepatozoon felis (Hepa_felSpaAY628681)  AY628681   
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Hepatozoon sp. Curupira 2 (Hepa_Cur2AY461377)  AY461377   
Hemolivia stellata  KP881349 Apicomplexa; Conoidasida; Coccidiasina; Eucoccidiorida; 

Adeleorina; Karyolysidae 
Hemolivia mauritanica  KF992706  
Haemogregarina balli SAS_1 (Haemo_balli) HQ224959  Apicomplexa; Conoidasida; Coccidiasina; Eucoccidiorida; 

Adeleorina; Haemogregarinidae  
Dactylosoma ranarum 1A2_2 (Dactyl_ranarum1A22)  HQ224957  Apicomplexa; Conoidasida; Coccidiasina; Eucoccidiorida; 

Adeleorina; Dactylosomatidae  
Babesiosoma stableri Hem_B_7 (Bab_stab_4558_) HQ224961   
Adelina bambarooniae Ba3:4 (Ade_bamAF494058)  AF494058  Apicomplexa; Conoidasida; Coccidiasina; Eucoccidiorida; 

Adeleorina; Adeleidae.  
Adelina bambarooniae Ba3:5 (Ade_bamAF494059)  AF494059   
Adelina grylli (Ade_gryDQ096836)  DQ096836   
Klossia helicina Clone 2_6 (Kloss_heli26) HQ224955   
Klossia helicina Clone 4_3 (Kloss_heli43)  HQ224956   
Klossiella equi (Klossiella - Adel18S_1522R)  MH211602 Apicomplexa; Conoidasida; Coccidiasina; Eucoccidiorida; 

Adeleorina; Klossiellidae 
Choleoeimeria sp. (Choleoei_AY043207 1)  AY043207  Apicomplexa; Conoidasida; Coccidiasina; Eucoccidiorida; 

Eimeriorina; Eimeriidae  
Cyclospora sp. (Cyclo_U40261)  U40261   
Eimeria acervulina (E_acerU67115)  U67115   
Eimeria tenella (E_tenU67121)  U67121   
Goussia janae (Gou_janAY043206 2)  AY043206   
Goussia metchnikovi (Gou_metchFJ009244)  FJ009244   
Goussia noelleri (Gou_noellFJ009241)  FJ009241   
Isospora robini (Iso_robAF080612)  AF080612   
Cystoisospora suis (C_suis_U97523) U97523  Apicomplexa; Conoidasida; Coccidiasina; Eucoccidiorida; 

Eimeriorina; Sarcocystidae  
Cystoisospora ohioensis (C_ohioe_AF029303)  AF029303   
Frenkelia microti (F_microti_AF009244)  AF009244   
Neospora caninum (N_caninum_AJ271354)  AJ271345   
Sarcocystis grueneri (Sar_gruenEF056010)  EF056010   
Sarcocystis lacertae (Sar_lacAY015113)  AY01511   
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Sarcocystis mucosa (S_mucosa_AF109679)  AF109679   
Sarcocystis rangiferi (Sar_rangiferiEF056016)  EF056016   
Sarcocystis scandinavica (Sar_scanEU282032) EU282032  
Toxoplasma gondii (T_gondi_EF472967) EF472967   
Cryptosporidium felis (C_felisAF108862)  AF108862  Apicomplexa; Conoidasida; Coccidiasina; Cryptosporidiidae  
Cryptosporidium parvum (C_parvumAF112571)  AF112571  
Cryptosporidium wrairi (C_WrairiAF115378)  AF115378   
Cryptosporidium sp. EGK3 (Crypto_spEGKAF513227)  AF513227   
Ascogregarina armigerei (Asco_armDQ462459)  DQ462459  Apicomplexa; Conoidasida; Gregarinasina; Eugregarinida; 

Lecudinidae  
Ascogregarina culicis (Asco_culiDQ462457)  DQ462457   
Ascogregarina taiwanensis (Asco_taiDQ462454)  DQ462454   
Mattesia geminata (Matte_gemAY334568)  AY334568  Apicomplexa; Conoidasida; Gregarinasina; Neogregarinorida; 

Lipotrophidae  
Mattesia sp. SV–2003 (Mattes_AY334569) AY334569   
Syncystis mirabilis (Syn_miraDQ176427)  DQ176427 Apicomplexa; Conoidasida; Gregarinasina; Neogregarinorida; 

Syncystidae  
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Appendix 3: Chapter 5 - Supplemental Materials 

Supplementary Table S5.1: Parameters used for the ‘map to reference’ tool in Geneious (Version 6.1 and later; Kearse et al., 2012) 
to screen for Hepatozoon canis reads in the whole NGS dataset followed by various stages of assembly refinement to produce final 
published sequences. 
 

Map to reference 
parameters 

Minimum 
Overlap 

Minimum 
overlap 

identity (%) 

Maximum 
mismatches 

per read (%) 

Word 
Length 

Index 
Word 

Length 

Maximum 
Gaps per Read 

(%) 

Maximum 
gap size 

Maximum 
Ambiguity 

Only map 
paired reads 
which map 

nearby 

All Read Screening N/A 40 30 15-20 15 20 30 20 No 

Apicoplast          
Primary Assembly N/A 40 30 15-20 15 20 30 20 Yes 
Final Assembly 30 100 0 50 15 0 0 0 Yes 

Complete nu-rDNA unit          
Primary Assembly N/A 40 30 15-20 15 20 30 20 Yes 
Final Assembly (with most 
abundant 18S variant) 30 100 0 50 15 0 0 0 Yes 

18S nu-rDNA variants          
Variant Screening 30 70 20 15 15 20 20 16 No 
Final Assembly 60 100 0 50 15 0 0 16 Yes 
Mitochondrion          
Contig Extension N/A 70 5 20 15 15 20 20 No 
Final Assembly 10 95 3 20 15 0 0 16 No 

 

Supplementary Assembly Files (doi:10.17632/bs2z92449s.1) are located at: https://data.mendeley.com/datasets/bs2z92449s/1 
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Supplementary Figure S5.1: NGS read assembly of the 5ʹ  and 3ʹ  termini of the linear Hepatozoon canis apicoplast genome.  
(A) The terminal 5ʹ and 3ʹ ends overlapped each other by 79 bp. Initially this was interpreted as evidence for a circular genome structure. (B) Further analysis 
revealed the absence of paired NGS reads that spanned across the ends of the sequence. The 5ʹ-end was composed exclusively of forward reads (blue) and the 
3ʹ- end was composed entirely of reverse reads (orange). (C) Expanded view of the mapped paired reads that generated 5ʹ-end (lower left panel) and 3ʹ-end 
(lower right panel) of the apicoplast genome; all reads support the conclusion that the H. canis apicoplast genome sequence is linear in structure. Sequence and 
assembly images were generated in Geneious (www.geneious.com; Kearse et al., 2012). 
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Appendix 4: Chapter 7 - Supplemental Materials 

Supplementary Table S7.1: All infections observed in ranid frog blood smears collected in Ontario, Canada. 

Collection site Frog species 
collected 

Frogs 
collected 

Infections observed in blood smears 

Hepatozoon spp. Babesiosoma 
stableri 

Lankesterella 
minima Trypanosoma spp. Aegyptianella 

ranarum 
Frog Erythrocytic 

Virus 
Algonquin Rana clamitans 54 6 1 9 27 6 11 

 Rana catesbeiana 25 5 3 6 15 1 7 

 Rana septentrionalis 12 0 1 0 1 0 1 

         Brant Rana clamitans 12 2 0 7 1 0 0 

 Rana pipiens 3 0 0 0 0 0 0 

         Galt Rana clamitans 31 15 0 3 8 0 0 

 Rana pipiens 16 10 0  5 0 0 

 Rana sylvatica 13 0 0 0 0 0 0 

         Guelph Rana clamitans 11 6 0 1 1 1 0 

 Rana pipiens 2 0 0 0 0 0 0 

         Total  179 44 5 26 58 8 19 
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Appendix 5: Brief summary of Study 6: “Unprecedented sequence diversity 

discovered among mitochondrial genome sequences from Haemogregarina balli 

infections in North American freshwater turtles.”  

Léveillé, A.N., B. Zeldenrust, A.R. Alhaboubi, P.J. Holman, and J.R. Barta. 2019 - Unpublished. 

Unless otherwise stated, A. N. Léveillé performed all work associated with Study 6. J. R. Barta provided supervision 
and guidance. Contributions from other researchers are cited in the following text. 

Background: Siddall and Desser (2001) observed that the various Haemogregarina 

species infecting North American freshwater turtles were morphologically indistinguishable and 

consequently synonymized these to a single species, Haemogregarina balli. Molecular 

characterization could assist in distinguishing potential cryptic species among these 

morphologically indistinguishable parasites.  

Materials and Methods: Haemogregarina balli obtained from various turtle host species 

were characterized with nuclear, apicoplast and mitochondrial DNA sequences using similar 

methods (and PCR primers) to those described in Chapters 3, 4, 6, and 7. Initially, DNA was 

isolated from the blood of a common snapping turtle (Chelydra serpentina) infected with H. balli 

collected in Ontario. A single-species adeleorinid parasite infection was assumed to be present 

based on morphological features of intraerythrocytic gamonts. Polymerase chain reaction and 

Sanger sequencing were used to generate a partial nuclear ribosomal 18S sequence (1091 bp) that 

contained 11 single nucleotide polymorphisms (SNPs). Surprisingly, from this single DNA 

sample, partial sequences of 3 remarkably divergent mitochondrial genomes were revealed with 

selective primer targeting (methods not discussed). These 3 mitochondrial genome sequences had 

20-30% pairwise differences between each sequence. Further collection was performed on turtles 

in Ontario (C. serpentina [n=12 (10 H. balli positive)], painted turtles [Chrysemys picta, n=32 

(13 H. balli positive)] and a red-eared slider turtle [Trachemys scripta elegans. n=1 (0 H. balli 

positive]) generating DNA from H. balli-positive blood samples (n=23). A DNA sample was also 

provided by Drs. A. R. Alhaboubi and P. J. Holman from an alligator snapping turtle 

(Macrochelys temminckii; collected in Texas, U.S.A.) infected with a Haemogregarina species23 

(reported in Alhaboubi et al., 2017). Preliminary analyses succeeded in generating partial nuclear 

18S rDNA (length: ~500 bp) and partial mitochondrial sequences (length: ~500 bp) from 12 of 

                                                
23 Based on Siddall and Desser (2001), this parasite will hereby also be referred to as Haemogregarina balli. 
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the DNA samples and confirmed the 3 distinct H. balli genotypes (Genotypes A, B, and C) 

infecting turtles sampled in Ontario. These commonly occurred as multiple-genotype infections 

(n=9 [C. serpentina and C. picta]) and rarely as single-genotype infections (n=3 [C. picta]). The 

H. balli sample from M. temminckii revealed a single-type infection of a fourth unique genotype 

(Genotype D). 

 
Figure A1: Annotated complete mitochondrial genome of Haemogregarina balli Genotype A. 
The circular-mapping mitochondrial genome (length: 6,107 bp; unpublished) possessed three protein-coding 
regions (CDS: cytochrome c oxidase subunit I [COI], cytochrome c oxidase subunit III [COIII], and cytochrome b 
[CytB]) were encoded along with numerous fragmented ribosomal RNA genes (rDNA). Fragmented rDNA 
nomenclature follows Feagin et al. (2012). Initial genome image was produced using Geneious 
(www.geneious.com; Kearse et al., 2012). 

 

Results: Single-genotype samples were utilized to generate partial nuclear 18S ribosomal 

RNA gene (rDNA) sequences (sequence lengths: A: 1,329 bp, B: 1,330 bp, C: 1,330 bp, and D: 

1,331 bp; unpublished), partial apicoplast 23S rDNA sequences (generated by E. G. Zeldenrust; 
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sequence lengths: A: 403 bp, B: 402 bp, C: sequence was not generated, and D: 406 bp; 

unpublished) and complete mitochondrial genome sequences. The 4 complete mitochondrial 

genome sequences were 6,107 bp (A; Figure A1), 6,155 bp (B), 6,194 bp (C) and 6,270 bp (D) in 

length and were all circular-mapping (unpublished; see Figures A2 and 8.2). Each of the 

mitochondrial genomes encoded for 3 protein-coding genes (CDS: cytochrome c oxidase subunit 

I [COI], cytochrome c oxidase subunit III [COIII], and cytochrome b [CytB]), 15 large subunit 

rDNA fragments, 9 small subunit rDNA fragments and 4 unassigned rDNA fragments and the 

order and orientation of all genes was conserved across all 4 genotypes. Despite a conserved 

genome structure, there was a baffling amount of genetic diversity observed between the 4 

genomes (see Figure A2). Mitochondrial genome sequences had pairwise sequence differences 

of ~ 23 to 44%, where as nuclear 18S rDNA sequences had pairwise sequence differences of ~ 1 

to 5% and apicoplast 23S rDNA sequences had pairwise sequence differences of ~ 5 to 13% (see 

Table A1). An apicoplast 23S rDNA sequence was not generated from Genotype C due to 

contaminating cyanobacteria DNA that amplified preferentially from the well-conserved 

universal plastid primers. 

 

 
Figure A2: Pairwise alignment of the complete mitochondrial genomes of all 4 Haemogregarina balli genotypes.  
The genetic diversity observed between these 4 genomes was unprecedented (~24-35% pairwise differences) and brings up 
further questions about the evolutionary history and biology of these parasites. Initial alignment image was produced using 
Geneious (www.geneious.com; Kearse et al., 2012). 
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Table A1: Heatmaps representing pairwise sequences differences between multi-locus sequences from the 4 
genotypes of Haemogregarina balli.  
Results are represented as single nucleotide differences (SNDs) and percent differences (in parentheses) generated 
from pairwise sequence alignments of mitochondrial (complete genome, COI, COIII, CytB), partial nuclear 18S 
rDNA and partial apicoplast 23S rDNA sequences from the 4 genotypes of Haemogregarina balli.  

Complete mitochondrial genomes: (length: ~ 6,100 bp) 
 Genotype A Genotype B Genotype C Genotype D 
Genotype A  1,485 SNDs (23.7%) 2,270 SNDs (35.3%) 2,113 SNDs (32.7%) 
Genotype B 1,485 SNDs (23.7%)  2,200 SNDs (34.2%) 2,022 SNDs (31.3%) 
Genotype C 2,270 SNDs (35.3%) 2,200 SNDs (34.2%)  2,300 SNDs (35.2%) 
Genotype D 2,113 SNDs (32.7%) 2,022 SNDs (31.3%) 2,300 SNDs (35.2%)  
COI CDS: (length: ~ 1,470 bp) 

 Genotype A Genotype B Genotype C Genotype D 
Genotype A  334 SNDs (22.7%) 486 SNDs (32.7%) 388 SNDs (27.4%) 
Genotype B 334 SNDs (22.7%)  494 SNDs (33.1%) 374 SNDs (26.4%) 
Genotype C 486 SNDs (32.7%) 494 SNDs (33.1%)  462 SNDs (32.1%) 
Genotype D 388 SNDs (27.4%) 374 SNDs (26.4%) 462 SNDs (32.1%)  

COIII CDS: (length: ~ 730 bp) 
 Genotype A Genotype B Genotype C Genotype D 
Genotype A  229 SNDs (31.5%) 320 SNDs (43.5%) 277 SNDs (38.1%) 
Genotype B 229 SNDs (31.5%)  312 SNDs (42.6%) 266 SNDs (36.5%) 
Genotype C 320 SNDs (43.5%) 312 SNDs (42.6%)  317 SNDs (43.0%) 
Genotype D 277 SNDs (38.1%) 266 SNDs (36.5%) 317 SNDs (43.0%)  
CytB CDS: (length: ~ 1,100 bp) 

 Genotype A Genotype B Genotype C Genotype D 
Genotype A  302 SNDs (25.2%) 423 SNDs (37.6%) 337 SNDs (31.1%) 
Genotype B 302 SNDs (25.2%)  418 SNDs (37.0%) 328 SNDs (30.1%) 
Genotype C 423 SNDs (37.6%) 418 SNDs (37.0%)  363 SNDs (33.0%) 
Genotype D 337 SNDs (31.1%) 328 SNDs (30.1%) 363 SNDs (33.0%)  

Nuclear 18S rDNA: (length: ~ 1,330 bp) 
 Genotype A Genotype B Genotype C Genotype D 
Genotype A  55 SNDs (4.1%) 62 SNDs (4.7%) 56 SNDs (4.2%) 
Genotype B 55 SNDs (4.1%)  22 SNDs (1.7%) 12 SNDs (0.9%) 
Genotype C 62 SNDs (4.7%) 22 SNDs (1.7%)  21 SNDs (1.6%) 
Genotype D 56 SNDs (4.2%) 12 SNDs (0.9%) 21 SNDs (1.6%)  
Apicoplast 23S rDNA: (length: ~ 400 bp) 

 Genotype A Genotype B Genotype C a Genotype D 
Genotype A  45 SNDs (10.6%) N/A 55 SNDs (12.8%) 
Genotype B 45 SNDs (10.6%)  N/A 20 SNDs (4.7%) 
Genotype C N/A N/A  N/A 
Genotype D 55 SNDs (12.8%) 20 SNDs (4.7%) N/A  

aAn apicoplast 23S rDNA sequence was not generated from Genotype C. 
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Discussion: Molecular analyses have revealed that there are multiple genetically distinct 

taxa that are currently represented by the name H. balli. The massive genetic diversity observed 

among the 4 genotypes is bewildering and raises questions as to whether these genotypes 

represent cryptic Haemogregarina species or if they originate from parasites that are even more 

distantly related. The genome organization of all 4 genotypes was conserved and was similar to 

that of Klossiella equi (see Chapter 8), marking these the first adeleorinid mitochondrial 

genomes from distinct genera to be relatively conserved with respect to their genome 

configuration. Future investigations will need to expand the sample size and sampling range to 

generate a better representation of the genetic diversity of these parasites. Additionally, 

sequences should be used to re-evaluate single genotype infections by tracking them through 

their multi-host lifecycle stages. Hopefully this could then determine possible differences in 

morphology or biology and ultimately allow for proper differentiation and naming of these 

morpholoigcally cryptic, but molecularly diverse, Haemogregarina species.  

 

Additional contributions to Study 6: Matt Keevil, Taylor Wynia, Steven Kell, and Tim Winegard 

are thanked for providing turtles for blood sampling. 
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Appendix 6: Brief summary of Study 7: “Complete mitochondrial and apicoplast 

genome sequences from a Hepatozoon sp. (Apicomplexa: Adeleorina) discovered 

from data-mining of the whole genome sequence data from a brown spotted pit 

viper, Protobothrops mucrosquamatus.” 

Léveillé, A.N., S. Mikheyev, and J.R. Barta. 2019 - Unpublished. 

Unless otherwise stated, A. N. Léveillé performed all work associated with Study 6. J. R. Barta provided supervision, 
guidance and assisted with NGS data analyses. Contributions from other researchers are cited in the following text. 

Background: A whole genome sequencing study of the brown spotted pit viper 

(Protobothrops mucrosquamatus), a snake species that is invasive to Japan, revealed 

mitochondrial CDSs that did not correspond to the genome of the snake. These sequences were 

labeled as tentative and uploaded to the Genbank database. During BLAST searches of the 

mitochondrion-associated sequences from H. canis (Chapter 5), one of these sequences 

(XM_015829859) had a high pairwise identity to the H. canis COI sequence. The primary 

researcher, Dr. Sasha Mikheyev, kindly shared the raw NGS dataset from his study. 

Materials and Methods: Dr. Sasha Mikheyev (with the help of Lijun Qiu and Steven Aird) 

collected the P. mucrosquamatus sample in Nakayama, Nago, Japan, and extracted the DNA 

from whole liver tissue. Sequencing was performed on an Illumina HiSeq 2500 using a TruSeq 

Kit for library preparation (Illumina Inc., San Diego, California). Initial sequence assemblies 

were executed (by Dr. Mikheyev) using DISCOVAR24 software. Additional assemblies of the 

extrachromosomal genome sequence assemblies were performed using the methods described in 

Chapter 5. Gene annotations were performed using the same methods as described in Chapter 4 

and Chapter 5.  

Results: Sequence assemblies generated a complete mitochondrial genome, a complete 

apicoplast genome, and a partial nuclear 18S rDNA sequence. The circular-mapping 

mitochondrial genome sequence (length: 15,349 bp; unpublished; Figure A3) encoded for 3 CDS 

(COI, COIII, CytB), 16 fragmented large subunit ribomosomal RNA (rRNA) genes (rDNA), 11 

fragmented small subunit rDNA and 6 fragmented unassigned rDNA. The circular-mapping 

apicoplast genome (length: 31,911 bp; unpublished; Figure A4) possessed two copies of both 

23S and 16S rDNA within inverted repeat regions, as well as 23 protein coding sequences (CDS), 

                                                
24 https://software.broadinstitute.org/software/discovar/blog/ 
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27 transfer RNA (tRNA) genes (tDNA) and 5 open reading frames (ORF) of unknown function. 

The partial nuclear 18S rDNA sequence (length: 1,467 bp; unpublished) was BLAST searched 

against public sequence databases and was found to have a 98% pairwise sequence identity to 

many Hepatozoon spp. including: Hepatozoon ayorgbor (EF157822), a Hepatozoon sp. 

(MH174343) recovered from an argasid tick (Ornithodoros atacamensis) and a Hepatozoon sp. 

(FJ719817) identified in the olive grass mouse (Abrothrix olivaceus).  

 
Figure A3: Annotated complete mitochondrial genome from Hepatozoon sp. infecting P. mucrosquamatus. 
The circular-mapping mitochondrial genome (length: 15,349 bp; unpublished) possessed three protein-coding 
regions (CDS: cytochrome c oxidase subunit I [COI], cytochrome c oxidase subunit III [COIII], and cytochrome b 
[CytB]) were encoded along with numerous fragmented ribosomal RNA genes (rDNA). Fragmented rDNA 
nomenclature follows Feagin et al. (2012). Initial genome image was produced using Geneious (www.geneious.com; 
Kearse et al., 2012). 
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Figure A4: Annotated complete apicoplast genome from Hepatozoon sp. infecting P. mucrosquamatus. 
The circular-mapping apicoplast genome (length: 31,911 bp; unpublished) possessed two copies of both 23S and 16S 
ribosomal RNA (rRNA) genes within inverted repeat regions, as well as 23 protein coding genes, 27 transfer RNA 
(tRNA) genes and 5 open reading frames (ORF) of unknown function. Standard abbreviated names for all genes are 
the same as those defined in Chapter 5. Initial genome sequence image was generated using Geneious 
(www.geneious.com; Kearse et al., 2012). 
 

Discussion: Additional refinements and revisions of the sequence assemblies are required. 

This will confirm if the apicoplast genome generated in this study is truly circular mapping or if 

it may have a linear structure like the apicoplast genome observed from H. canis (see Chapter 

5). The assembly of the mitochondrial genome will also require revisions to ensure that the 

assembly does not contain any linkage errors. If the assembly of this Hepatozoon sp. 

mitochondrial genome is correct, then this will be the longest apicomplexan mitochondrial 
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genome sequence to be reported to date. Previously the longest reported apicomplexan 

mitochondrial genome was from Babesia microti (length: 11,109 bp; NC_031328).  

To the best of my knowledge, there has not been a Hepatozoon species previously 

reported from P. mucrosquamatus. BLAST searches (and phylogenetic analyses [see Chapter 

8]) of the 18S rDNA sequence would suggest that the parasite is related to other Hepatozoon spp. 

that are known to infect rodent and/or serpent intermediate hosts.25 As discussed in Chapter 6, 

H. ayorgbor was demonstrated experimentally to have a 3-host lifecycle involving a mosquito 

definitive host, a rodent as a first intermediate host and a serpent as a second intermediate host 

(Sloboda et al. 2007, 2008). This could suggest that the viper-associated parasite’s lifecycle 

might involve an additional rodent intermediate host. The definitive host of the parasite from P. 

mucrosquamatus remains unknown. Despite the viper-associated parasite being molecularly 

similar to a Hepatozoon sp. recovered from an argasid tick, investigations were not undertaken to 

determine if the latter parasite recovered from the tick was using the tick as a definitive host or 

simply present in its blood meal (see Muñoz-Leal et al., 2019). Lifecycle stages from the 

Hepatozoon sp. molecularly detected from P. mucrosquamatus were not observed. Dr. Mikheyev 

retained frozen liver and heart samples; these may be sufficient to produce histological slides and 

potentially observe and photograph merogonic stages in the liver tissue. In addition, DNA from 

those frozen tissues may permit the use of PCR to investigate the circular nature of the apicoplast 

genome generated herein using NGS reads. 

  

                                                
25 This was also confirmed in the phylogenetic analysis discussed in Chapter 8 (see Figure 8.2). 
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Appendix 7: Geographic Distribution Records of Macracanthorhynchus ingens 

(Archiacanthocephala: Oligacanthorhynchidae) from the Raccoon, Procyon lotor in 

North America.  

Original article: Richardson, D.J., A. Léveillé, A.V. Belsare, H.S. Al-Warid, and M.E. Gompper. 

2017. Geographic Distribution Records of Macracanthorhynchus ingens 

(Archiacanthocephala: Oligacanthorhynchidae) from the Raccoon, Procyon lotor in North 

America. Journal of the Arkansas Academy of Science. 71: 203-205. 

This article was published with a Creative Commons License: Attribution-NoDerivatives 4.0 

International (CC BY- ND 4.0) - https://creativecommons.org/licenses/by-nd/4.0/legalcode  

The contents of this article have not been altered other than the addition of page numbers. 

 

Work performed by A. N. Léveillé: Collaborating researcher - made initial genus/species 

identification of acanthocephalans found in Canadian raccoons, provided specimens for lead 

researcher 
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Geographic Distribution Records ofMacracanthorhynchus ingens
(Archiacanthocephala: Oligacanthorhynchidae) from the Raccoon, Procyon lotor

in North America

D.J. Richardson,1,* A. Leveille,2 A.V. Belsare,3 H.S. Al-Warid,3 and M.E. Gompper3

1School of Biological Sciences, Quinnipiac University, 275 Mt. Carmel Avenue, Hamden, Connecticut 06518
2Department of Pathobiology, University of Guelph, 50 Stone Road E., Guelph, Canada

3Department of Fisheries and Wildlife Sciences, University of Missouri, Columbia, Missouri

*Correspondence: Dennis.Richardson@quinnipiac.edu

Running Title: Macracanthorhynchus ingens in North America

Macracanthorhynchus ingens is a common
acanthocephalan having been reported from much of
eastern North America. Although the primary definitive
hosts of M. ingens are the raccoon, Procyon lotor and
black bear, Ursus americanus, M. ingens has also been
reported from ringtails (Bassariscus astutus), domestic
dogs (Canis familiaris), coyotes (Canis latrans), hog-
nosed skunks (Conepatus leuconotus), humans (Homo
sapiens), eastern striped skunks (Mephitis mephitis),
mink (Mustela vison and Neovison vison), hairy-tailed
moles (Parascalops breweri), spotted skunks (Spilogale
putorius), domestic swine (Sus scrofa), gray fox
(Urocyon cinereoargenteus) (Richardson 2014) and
more recently a bobcat (Lynx rufus) (Hiestand et al.
2014). Additionally, M. ingens has been reported from
several reptilian and mammalian paratenic hosts
(Richardson 2014). Richardson (2014) provided a
faunal review of M. ingens showing that M. ingens is
widely distributed throughout much of the eastern
United States of America. Richardson (2014) noted
however, that robust surveys of intestinal parasites of
the raccoon conducted in the upper Midwestern United
States (Michigan, Wisconsin, and Ohio) and in
Saskatchewan Canada failed to reveal the presence of
M. ingens (Schultz 1962, unpublished M.S. thesis,
University of Michigan, East Lansing, Michigan;
Hoberg and McGee 1982). Additionally, Richardson
(2014) noted that M. ingens has not been reported from
Canada or New England, north of Connecticut. In
addition, there have been no vouchered reports of M.
ingens from Missouri. Subsequent to the faunal review
of Richardson (2014), specimens ofM. ingens collected
from several localities in Missouri and Ontario, Canada
have been identified and are reported herein.

Specimens from Missouri raccoons were collected
in the course of routine helminthological surveys.
Specimens from raccoons in Ontario, Canada were
taken from raccoons submitted to the Canadian Wildlife

Health Cooperative, Department of Pathobiology,
University of Guelph, Guelph, Canada. All specimens
ofM. ingens were collected from the small intestine and
ultimately fixed in formalin or ethanol. Voucher
specimens were deposited with the Division of
Invertebrate Zoology, Peabody Museum of Natural
History at Yale University, New Haven, Connecticut
(YPM IZ).

Macaracanthorhynchus ingens was previously
reported from Missouri by Monello and Grompper
(2011) who reported prevalences of 2-3% based on
observation of M. ingens eggs in fecal samples of 289
raccoons, although no worms were collected. In this
study 7 of 28 (25.0%) raccoons examined from Boone
County, Missouri were infected with 1 – 13 individuals
of M. ingens with a mean intensity of 5.0. One of 27
(3.7%) raccoons examined from Cole County, Missouri
was infected with 3 individuals of M. ingens. Two
raccoons examined from Buford Pond in the Current
River Conservation Area, Reynolds County, Missouri
were infected with 1 and 3 individuals of M. ingens.
Voucher specimens were deposited in the Peabody
Museum of Natural History, Yale University, New
Haven, Connecticut and assigned collection numbers
(YPM IZ 078737-078740, 078778 and 078779). This
represents the first vouchered report of M. ingens from
Missouri.

The disparity in prevalence between raccoons in
Boone and Cole Counties in central Missouri is
interesting. The two counties are separated by the
Missouri River with Boone county lying in the southern
Alluvial Plain and Cole County lying in the northern
Ozark Highlands of Missouri. Reynolds County in
southern Missouri is located in the central Ozark
Highlands. The finding ofM. ingens from both southern
and central Missouri, along with its occurrence in
surrounding states (Richardson 2014) suggests that M.
ingens likely occurs throughout Missouri.
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Individuals of M. ingens were collected from
raccoons collected in Cornwall, St. Thomas, Gordon
Island, St Lawrence Islands National Park and
Ohsweken in southern Ontario, Canada. This
represents the first report of M. ingens from Canada.
Because only representative specimens (YPM IZ
078750-078754) were provided from these raccoons
submitted to the Canadian Wildlife Health Cooperative,
Department of Pathobiology, University of Guelph,
Guelph, Canada were provided, the prevalence and
intensity of M. ingens in Ontario has not been
determined although it appears to be uncommon.

Robust helminth surveys of raccoons by Schultz
(1962, unpublishedM.S. thesis, University of Michigan,
East Lansing, Michigan) and Hoberg andMcGee (1982)
failed to reveal the presence of M. ingens in the upper
Midwestern United States (Michigan, Wisconsin, and
Ohio) and in Saskatchewan Canada. It appears that the
distribution of M. ingens is patchy in the northern part
of its range. More surveys are warranted to fully
elucidate the distribution of this parasite. The
availability of suitable intermediate hosts may be an
important primary factor in determining the range ofM.
ingens. The primary intermediate host of M. ingens
appears to be Spirobolid millipedes (Crites 1964;
Fahnestock 1985a,b; Richardson 2006; Richardson et
al. 2016) although beetles and woodroaches appear to
also be competent intermediate hosts (Moore 1946;
Elkins and Nickol 1983; Richardson 2014).

Specimens collected from a kinkajou, Potos flavus,
from Carimagua, Meta, Colombia were determined by
Richardson (2014) to be M. ingens. Further study of
these specimens has led to the conclusion that they
likely represent a previously undescribed species such
that the occurrence of M. ingens in South America is
questionable.

A map of the known geographic distribution of M.
ingens, modified from Richardson (2014) is given in
Figure 1. Given the known distribution of M. ingens, it
is assumed that this parasite occurs in Iowa and Indiana,
although there are no reports in the literature for these
states. More surveys and raccoons and/or black bears
are warranted throughout the upper Midwestern United
States, New England, Canada, and Mexico to further
elucidate the distribution ofM. ingens.
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Article

Babesia odocoilei as a cause of mortality in captive cervids in Canada

Amélie Mathieu, Adriana R. Pastor, Charlene N. Berkvens, Carolyn Gara-Boivin, Michel Hébert,  
Alexandre N. Léveillé, John R. Barta, Dale A. Smith

Abstract — Nine cases of fatal infection with Babesia odocoilei were confirmed in reindeer (Rangifer tarandus 
tarandus) and elk (Cervus canadensis) housed in zoological institutions located in southern Quebec, Ontario, and 
Manitoba, Canada between 2013 and 2016. All animals died of a hemolytic crisis. Frequent postmortem findings 
were extensive hemorrhage, pigmenturia, and intrahepatic cholestasis. The described ante- and postmortem signs 
are consistent with those of previously reported cases in the United States. Diagnosis was confirmed in all cases 
by polymerase chain reaction performed on DNA extracted from whole blood or frozen spleen. We propose that 
babesiosis is an emerging disease of cervids in multiple Canadian provinces, most likely as a result of climate change 
and the northward range expansion of Ixodes scapularis, the primary tick vector for B. odocoilei. The role of captive 
animals as sentinels for wildlife health is also highlighted.

Résumé — Babesia odocoilei, une cause de la mortalité chez les cervidés captifs au Canada. Entre 2013 à 2016, 
neuf cas d’infection fatale par Babesia odocoilei ont été détectés chez des caribous (Rangifer tarandus tarandus) et des 
wapitis (Cervus canadensis) gardés dans des établissements zoologiques situés dans le sud du Québec, de l’Ontario 
et du Manitoba, Canada. Les animaux sont morts suite à une crise hémolytique. Hémorragies, pigmenturie et 
cholestase intra-hépatique ont fréquemment été identifiées à l’examen postmortem. Les signes ante- et postmortem 
décrits correspondent avec ceux des cas précédemment signalés aux États-Unis. Le diagnostic de babésiose fut 
confirmé par réaction en chaîne par polymérase sur l’ADN extrait d’échantillons de sang ou de rate congelée. Nous 
proposons que la babésiose des cervidés est une maladie émergente au Canada, et ce probablement en conséquence 
du réchauffement climatique et du mouvement vers le nord de la tique Ixodes scapularis, le principal vecteur de 
B. odocoilei. La valeur des animaux captifs comme sentinelles pour la santé de la faune est également discutée.

(Traduit par les auteurs)

Can Vet J 2018;59:52–58

Introduction

B abesia odocoilei (Apicomplexa, Piroplasmida, Babesiidae) is 
a tick-borne intraerythrocytic protozoal parasite originally 

described in white-tailed deer (Odocoileus virginianus) (1,2). 
Ixodes scapularis is the organism’s only proven vector (3–5). 
Dermacentor albipictus, Amblyomma americanum, and Ixodes 
pacificus ticks have been found on, respectively, elk (Cervus 
elaphus canadensis), white-tailed deer, and bighorn sheep (Ovis 
canadensis nelsoni) infected with B. odocoilei, but have not been 
confirmed as vectors (1,6,7).

Babesiosis has been described in wild white-tailed deer and 
desert bighorn sheep, as well as in captive elk, woodland caribou 
(Rangifer tarandus caribou), reindeer (Rangifer tarandus taran-
dus), muskoxen (Ovibos moschatus), markhor (Capra falconeri), 
yaks (Bos grunniens), and muntjacs (Muntiacus reevesi) in the 
United States (1,6–12) (Figure 1). However, clinical disease has 
only been reported in elk, reindeer, and caribou (6–8). Clinical 
signs reported in these cervids include lethargy, pyrexia, icterus, 
hemoglobinuria, and sudden death (8,13,14). Disease can 
develop following infection of naïve animals or can manifest 

Columbus Zoo and Aquarium, 9990 Riverside Drive, Powell, Ohio 43065, USA (Mathieu); San Antonio Zoo, 3903 North St. Mary’s 
Street, San Antonio, Texas 78212, USA (Pastor); Assiniboine Park Zoo, 2595 Roblin Boulevard, Winnipeg, Manitoba R3R 0B8 
(Berkvens); Département de pathologie et microbiologie, Faculté de Médecine Vétérinaire, Université de Montréal, 3200 rue Sicotte, 
Saint-Hyacinthe, Québec J2S 2M2 (Gara-Boivin); Bureau Vétérinaire Iberville, 795 Samuel de Champlain, St-Jean-sur-Richelieu, 
Québec J2X 5V6 (Hébert); Department of Pathobiology, Ontario Veterinary College, University of Guelph, 50 Stone Road East, 
Guelph, Ontario N1G 2W1 (Léveillé, Barta, Smith)
Address all correspondence to Dr. Amélie Mathieu; e-mail: amelie.mathieu@columbuszoo.org
Use of this article is limited to a single copy for personal study. Anyone interested in obtaining reprints should contact the CVMA 
office (hbroughton@cvma-acmv.org) for additional copies or permission to use this material elsewhere.
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as a recrudescence of a latent infection in persistently infected 
animals (13). The stressors responsible for this recrudescence 
are often unknown, but may include concurrent disease, poor 
nutrition, rutting season, calving, high population density, and 
transportation (13,15,16). In persistently infected immunocom-
petent white-tailed deer, a mild transient decrease in hematocrit 
or clinical disease manifested by pyrexia, anemia, and emaciation 
can occur in association with low-grade parasitemia (11).

Knowledge of the epidemiology of B. odocoilei in North 
America is limited despite a number of published reports. 
Insufficient targeted surveillance for this pathogen in wild-
life might explain the lack of geographic continuity between 
reported endemic regions; only sporadic reports exist regarding 
B. odocoilei infections in wildlife despite the widespread dis-
tribution of Ixodes spp. ticks in the eastern half of the United 
States (4). Serological evidence of B. odocoilei has been demon-
strated in free-ranging white-tailed deer in southern Virginia, 
eastern Texas, Oklahoma, and Saskatchewan, as well as in desert 
bighorn sheep in southern California (1,2,7,11,16,17). Babesia 
odocoilei DNA was also detected in I. scapularis ticks found in 
Maine, Massachusetts, and Wisconsin (3). Reports of disease 
in captive susceptible hosts in ranches, farms, or zoos may 

provide further insight into the geographic range of the dis-
ease. Captive cervids and bovids infected with B. odocoilei have 
been identified in New Hampshire, New York, Pennsylvania, 
Indiana, Texas, Minnesota, and Wisconsin (6,7,13,14). Cervid 
babesiosis was reported for the first time in Canada in ranched 
elk in central Saskatchewan in 2012 (18). Although the source 
of the infection has rarely been investigated, several authors have 
proposed that cases in captive animals reflect endemicity in local 
wildlife or tick populations (8,13,18,19).

This is an overview of the diagnosed cases of cervid babesiosis 
in Canada following its first recognition in 2012 until 2016. 
This report highlights the emergent nature of the disease in 
Canada, as well as the role of captive animals in wildlife disease 
surveillance.

Materials and methods
Case histories
Medical files of cervid babesiosis cases diagnosed by the authors 
were gathered and data regarding signalment, antemortem 
clinical signs, clinical pathology findings, ancillary diagnostic 
test results, and postmortem findings were collated. Clinical 
presentation was defined as peracute or acute. Animals that died 

Figure 1. Geolocations of documented cases of Babesia odocoilei infection in cervids and bovids in the US and in Canada from 1968 
to 2016. White and black points represent, respectively, cases in the USA and Canada, in chronological order of publication.
1 — wild white-tailed deer in Texas (1); 2 — wild white-tailed deer in Virginia (11); 3 — wild desert bighorn sheep in California (7,12); 4 — captive elk 
in Texas (6); 5 — captive reindeer, muskoxen, and woodland caribou in Minnesota (6,7,14); 6 — captive elk in Indiana (13); 7 — captive reindeer in 
Wisconsin (34); 8 — captive elk in Wisconsin (36); 9 — captive elk in New Hampshire (7); 10 — captive reindeer in New York (7); 11 — captive reindeer in 
Pennsylvania (7); 12 — captive reindeer, yak, muntjac, and markhor in New York (8); 13 — captive elk in New York (19); 14 — captive elk in Saskatchewan 
(18); 15 — wild white-tailed deer in Saskatchewan (17); 16 — captive reindeer and elk in Ontario; 17 — captive elk in Quebec; 18 — captive reindeer 
in Manitoba.
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without overt prodromal signs were classified as peracute cases, 
while animals that showed clinical signs for a few days before 
death were classified as acute. Tissue and blood samples were 
collected during necropsy and held at !20°C for later DNA 
extraction. Data were reviewed for trends and patterns, but no 
statistical analysis was performed.

DNA Extraction, piroplasm-specific PCR and 
sequencing
Molecular genetic analysis of the cervid spleen and blood 
samples collected during necropsies at the Toronto Zoo was per-
formed by the Department of Pathobiology, Ontario Veterinary 
College, University of Guelph, Guelph, Ontario, using the fol-
lowing protocol. DNA was extracted from the samples using a 
DNAzol kit according to the manufacturer’s protocol (Molecular 
Research Center, Cincinnati, Ohio, USA). After isolation, 
DNA was quantified spectrophotometrically using a Nanodrop 
2000 instrument (Thermo Fisher Scientific, Wilmington, 
Delaware, USA). Standard polymerase chain reaction (PCR) was 
performed in a T100 thermal cycler (Bio Rad, California, USA) 
in a 50-"L reaction containing 1# PCR buffer, 2U Platinum® 
Taq polymerase (Invitrogen, Carlsbad, California, USA), 
0.8 mM dNTPs, 3 mM MgCl2, 0.5 "M of each amplification 
primer (Table 1) and 100 to 200 ng DNA template (mixed 
cervid/parasite DNA). The PCR reaction conditions consisted 
of an initial melt at 94°C for 3 min followed by 35 amplifica-
tion cycles (denature at 94°C for 30 s, anneal at !59°C for 45 s, 
extend at 72°C for 1.5 min), and then terminate with a final 
extension of 72°C for 5 min to complete any partial products. 
Annealing temperatures were chosen based on Primer3 imple-
mented from within the Geneious bioinformatics software 
(Version 6.1 and later, available from http:\\www.geneious.com) 
(22). Polymerase chain reaction (PCR) products were separated 
electrophoretically using a submarine 1.4% agarose gel with 
1# TAE buffer (100 mL) and 4 "L of ethidium bromide dye 
(10 mg/mL, w/v). The GeneRuler 1 kb Plus DNA size ladder 
(Thermo Fisher Scientific) was used to determine product 
fragment lengths. Gels were examined using an ultraviolet 
transilluminator and DNA bands of expected sizes were excised 
using a sterile scalpel. DNA was extracted from the gel slice 
using the QIAquick Gel Extraction Kit (QIAGEN, Toronto, 
Ontario) according to the manufacturer’s instructions. Purified 
PCR amplicons were then submitted for sequencing in both 
directions with forward and reverse amplification primers 

using an ABI Prism 7000 Sequence Detection System (Applied 
Biosystems, Foster City, California, USA) by the Molecular 
Biology Unit of the Laboratory Services Division, University 
of Guelph, Guelph, Ontario. Chromatograms received from 
sequencing reactions were imported into Geneious for analyses.

Molecular genetic analysis of the blood and spleen sam-
ples collected from the elk housed at the Parc Safari in 
Hemmingford, Quebec was performed by the Department of 
Veterinary Pathobiology, College of Veterinary Medicine, Texas 
A&M University, College Station, Texas, USA using primers and 
methods described by Schoelkopf et al (7).

The sample of spleen collected from the female reindeer that 
died in November 2014 at the Toronto Zoo (Z167-14) was 
submitted to the Department of Veterinary Pathology, Western 
College of Veterinary Medicine, University of Saskatchewan, and 
molecular genetic analysis was performed following the protocol 
described by Pattullo et al (18). The blood sample collected from 
the reindeer housed at the Assiniboine Park Zoo in Winnipeg, 
Manitoba, was sent to the Vector Borne Disease Laboratory, 
College of Veterinary Medicine, North Carolina State University, 
Raleigh, North Carolina, USA, for molecular genetic analysis. 
The DNA extraction was performed using QIAsymphonySP 
(Qiagen, Valencia, California, USA) with QIAsymphony DNA 
Mini Kit (192) (Qiagen). Standard PCR was performed in a 
thermal cycler (Mastercycler EP gradient aluminum block ther-
mocycler, Eppendorf North America, Hauppauge, New York, 
USA) in a 25-"L reaction containing 12.5 "L of Mytaq Red 
Mix 2X (Bioline, London, UK), 0.5 "M of each amplification 
primer (Table 1) and 150 ng DNA template (mixed cervid/para-
site DNA). The PCR reaction conditions consisted of an initial 
melt at 94°C for 5 min followed by 35 amplification cycles 
(denature at 95°C for 20 s, anneal at 58°C for 30 s and extend 
at 72°C for 1 min) and then terminate with a final extension 
of 72°C for 5 min to complete any partial products. The PCR 
products were separated by electrophoresis through a 2% (w/v) 
agarose gel. The unpurified PCR product was directly sent for 
Sanger sequencing through GENEWIZ (Research Triangle Park, 
North Carolina, USA). Sequences were aligned and compared 
with GenBank sequences using the AlignX software (Vector NTI 
Suite 6.0, InforMax, Bethesda, Maryland, USA).

Results
Nine confirmed cases of fatal infection by B. odocoilei were 
identified in captive reindeer and elk in 3 Canadian provinces 

Table 1. Polymerase chain reaction (PCR) amplification primers used for amplification of Babesia 
odocoilei from cervid tissue samples.

 Product 
Amplified fragment size (bp) Primer names Primer sequences (5$–3$)

Ribosomal 18S rDNAa 1687 Medlin A (F)b AACCTGGTTGATCCTGCCAGT
  Piro_18S_1688_Rc CGACTTCTCCTTCCTTTAAGTGATAAG

Ribosomal 18s rDNAd 681 Piro_144_S ACCGTGCTAATTGTAGGGCTAATACA
  BCOMMON2R TGCTTTCGCAGTAGTTCGTC
a PCR performed by the Department of Pathobiology, Ontario Veterinary College, University of Guelph, Guelph, Ontario, Canada.
b Primer A of Medlin et al (20) less polylinker region.
c Equivalent to primer BN1700 of Ramos et al (21).
d PCR performed by the Vector Borne Disease Laboratory, College of Veterinary Medicine, North Carolina State University, 

Raleigh, North Carolina, USA, using primers described by Schoelkopf et al (7).
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(Manitoba, Ontario, and Quebec) subsequent to the first report 
of clinical babesiosis in Canada in 2 ranched elk in central 
Saskatchewan in 2012 (18). Signalment and geographic loca-
tion of all 9 cases are detailed in Table 2 and Figure 1. Clinical 
disease was not reported in any of the other susceptible species 
housed in these zoos (i.e., white-tailed deer, muskox, markhor, 
yak); however, PCR was not performed to identify asymptom-
atic carriers. More females than males were affected. Diseased 
animals ranged in age from 2.5 to 14 y. Cases occurred between 
the months of June and December.

Reported antemortem clinical syndromes and major postmor-
tem findings are displayed in Table 3. All reindeer cases were 
acute, while elk cases were either peracute or acute. Postmortem 
lesions in peracute cases included jaundice, hematochezia, and 
pigmenturia. Clinical signs in acutely affected animals included 
depression, dysorexia, respiratory distress, jaundice, pigmenturia, 
hematochezia, pyrexia, and separation from herd-mates, and 
were identified between 0 to 3 days before death. The 4 animals 
for which clinical pathology results were available were anemic 
and showed evidence of hemolysis and hyperbilirubinemia. 
Blood smears were performed in 7 cases, and a presumptive 
diagnosis of babesiosis based on visualization of intraerythro-
cytic piroplasms was made in 5 of these (Table 3, Figure 2). 
Necropsies were performed on all cases; the most consistent 
gross findings were extensive subcutaneous and muscular hem-
orrhages and the presence of deep red-brown urine (Table 3). 
On histopathologic examination, the most consistent finding 
was the presence of intrahepatic cholestasis. Other microscopic 

lesions described included hepatic necrosis (1/9), centrilobular 
hepatocyte degeneration (1/9), hepatic lipidosis (1/9), extravas-
cular erythrophagia (2/9), and reactive spleen (2/9).

Diagnosis of B. odocoilei infection was confirmed in all 
cases using PCR performed on whole blood or frozen spleen 
(Table 3). Partial 18S rDNA sequences from ID #Z176-12 and 
D24259, 2 American elk, and from ID #Z147-15, a European 
reindeer, were submitted to GenBank under accession num-
bers AB12345.6, MF045131.1 and AB12345.6, respectively. 
All 18S rDNA sequences had 100% sequence identity to one 
another and to a number of B. odocoilei sequences submitted 
previously to GenBank from various hosts and geographic loca-
tions: white-tailed deer in Texas (AY046577; U16369.2); elk 
in New Hampshire (AY661503.1), Wisconsin (AY294206.1) 
and Saskatchewan (KC460321); and muskox from Minnesota 
(AY661507.1).

Discussion
Between 2012 and 2016, there were at least 11 confirmed 
deaths in captive cervids in 4 Canadian provinces as a result 
of infection by B. odocoilei (18). Although this list is likely not 
exhaustive, the cases reported here suggest that cervid babesiosis 
is an emerging disease in Canada. Prior to the first report of the 
disease in a Saskatchewan elk herd, cervid babesiosis was not 
recognized as a clinical problem in Canada, and surveillance for 
the pathogen in free-ranging wildlife was not of high priority. 
In part, this was likely a result of the presumptive absence of 
the main tick vector, I. scapularis (4). While endemism in wild 

Table 2. Signalment and geographic location of captive elk (Cervus canadensis) and reindeer (Rangifer tarandus) that 
died of infection with Babesia odocoilei.

   Age   Latitude Longitude 
ID Species Gender class City Province (°N) (°W) Date of death

Z165-12 Elk Female Adulta Scarborough Ontario 43° 49$ 79° 11$ October 2012
Z175-12 Elk Female Adult Scarborough Ontario 43° 49$ 79° 11$ November 2012
Z176-12 Elk Female Adult Scarborough Ontario 43° 49$ 79° 11$ November 2012
Z137-13 Elk Female Adult Scarborough Ontario 43° 49$ 79° 11$ October 2013
Z174-13 Reindeer Female Adult Scarborough Ontario 43° 49$ 79° 11$ December 2013
K00075 Reindeer Male Adult Winnipeg Manitoba 49° 52$ 97° 14$ June 2014
D24259 Elk Female Adult Hemmingford Quebec 45° 02$ 73° 31$ June 2014
Z167-14 Reindeer Female Adult Scarborough Ontario 43° 49$ 79° 11$ November 2014
Z147-15 Reindeer Female Adult Scarborough Ontario 43° 49$ 79° 11$ November 2015
a Over 2.5 years of age.

Table 3. Major clinical and pathologic findings in captive elk (Cervus canadensis) and reindeer (Rangifer tarandus) that died of infection 
with Babesia odocoilei.

   Piroplasms    Tissue(s) PCR 
  Clinical on blood   Intrahepatic positive for 
ID Species syndrome smear Hemorrhage Pigmenturia cholestasis B. odocoilei

Z165-12 Elk Acute !a ! %b % Spleen
Z175-12 Elk Peracute ! ! % % Spleen
Z176-12 Elk Peracute NAc % % % Spleen
Z137-13 Elk Peracute NA % % % Spleen
Z174-13 Reindeer Acute % ! ! % Spleen
K00075 Reindeer Acute % % % % Whole blood
D24259 Elk Acute % % % % Whole blood, spleen
Z167-14 Reindeer Acute % % % ! Spleen
Z147-15 Reindeer Acute % % % ! Whole blood, spleen
a Absent.
b Present.
c NA — data not available.
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Canadian cervids has yet to be conclusively demonstrated, it is 
reasonable to assume that in Canada, as in the United States, 
the white-tailed deer is a natural reservoir of infection (1,5,18). 
Research is currently underway in Saskatchewan and Ontario to 
establish its prevalence in farmed and wild cervids (17).

The antemortem clinical syndromes and postmortem findings 
reported here are consistent with previously documented cases 
of cervid babesiosis. Until recently, infection with B. odocoilei 
in reindeer and caribou was only known to manifest as a rapidly 
fatal acute disease. However, subclinical infections were recently 
demonstrated in reindeer at the Toronto Zoo (23). Disease 
manifestation in elk is more variable, and ranges from peracute 
to asymptomatic (6,13). The variability of clinical manifesta-
tions of infection with B. odocoilei is believed to be linked to 
differences in host susceptibility, levels of host infection and 
degree of stress-induced immunosuppression (13). Documented 
postmortem findings in peracute and acute cases of cervid babe-
siosis are consistent with a hemolytic crisis, and often include 
marked icterus, extensive multifocal petechial hemorrhages, 
splenomegaly, and pigmenturia. Commonly observed histologic 
lesions are hemoglobinuric nephrosis with tubular degeneration, 
splenic hemosiderosis, and hepatic centrolobular degeneration 
(6,8,13,19).

Adult males are overrepresented in the literature, with most 
fatal cases of cervid babesiosis occurring during the rutting 
season (i.e., between the months of September and November) 
(7,8,10,13,14,19). In the present report, cases occurred mainly 
in adult females, and were not restricted to the rutting season. 
The apparent gender predilection in our study is likely biased 
as herds of cervids in zoos typically are mostly composed of 
females, but does also support the premise that stressors other 
than rut may be implicated in the pathogenesis of cervid babe-
siosis. No particular predisposing factors were identified in the 

cases presented here. The absence of cases in juvenile cervids 
may also be biased as a result of low numbers of young animals 
in captive collections that were available to become infected, or 
may be a result of an inverse age resistance, as described with 
bovine babesiosis (24). Cervid babesiosis has been described in 
woodland caribou as young as 6 to 8 mo of age (10).

The seasonality of mortality correlates with that of the tick 
vector’s life cycle. The development cycle of I. scapularis is 
controlled by temperature and day-length, with the maximum 
activity of nymphs and adult ticks from mid-summer through 
autumn in the northern United States and southern Ontario 
(25–28). Transtadial survival of B. odocoilei from nymph to 
adult, and transmission from deer to deer by the adult tick were 
demonstrated for I. scapularis under laboratory conditions (5). 
Transmission by nymphs has not been shown, but is plausible 
given the fact that a related Babesia species, Babesia divergens, 
can be transmitted to hosts by all tick life stages (29).

The recent increase in detection of B. odocoilei in Canada 
is the combined result of the progressive incursion of its tick 
vector and of an increase in disease recognition and reporting 
by veterinarians. Movement of asymptomatic carriers between 
institutions may have contributed to the spread of the patho-
gen. Although most animals included in this report were born 
on-site, all 3 institutions occasionally acquire animals from other 
institutions, making the introduction of infected animals from 
endemic areas possible. Disease vectors are sensitive to climatic 
factors, and the effects of global warming on the extension of 
vector range from tropical to more temperate areas are well-
documented with other vector-borne diseases such as malaria, 
Lyme borreliosis, and dengue fever (30). Scanning and targeted 
surveillance for I. scapularis shows that its range has been 
expanding northward from the northern United States into 
southern Manitoba, Ontario, Quebec, and the Maritimes; with 
detection clusters around Winnipeg, Toronto, and Montreal 
(30,31). The locations of the cervid babesiosis cases reported 
here coincide with the described geographic distribution of 
I. scapularis. Although the presence of B. odocoilei has yet to be 
demonstrated in I. scapularis in Canada, carriage of the patho-
gen is assumed. Interestingly, I. scapularis has been identified in 
Saskatchewan on northern pocket gophers (Thomomys talpoides) 
and in a handful of submissions by the public, but there are 
no known established populations in this province (30,32). 
It was hypothesized that the ticks responsible for transmitting 
B. odocoilei to the Saskatchewan elk herd had been carried by 
birds that migrated northward from American states or westward 
from Canadian provinces that support endemic I. scapularis 
and B. odocoilei populations (18,31,33). Preliminary results of 
ongoing research indicate that the tick is found sporadically in 
Saskatchewan cervids, but no endemic foci have been identi-
fied so far (17). These findings support the hypothesis that 
migratory birds are randomly transporting I. scapularis along 
with B. odocoilei into the province. As the tick vector range 
continues to expand northwards, it is likely that additional cases 
of babesiosis will emerge in captive cervids, and possibly other 
ungulate species, at higher latitudes than described here, and 
that B. odocoilei may eventually pose a risk to the health of the 
wild elk and caribou populations.

Figure 2. Photomicrograph of a blood smear from an elk with 
cervid babesiosis. Note the multiple Babesia odocoilei organisms 
located peripherally within erythrocytes.
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Conducting unbiased disease surveillance in free-ranging 
populations can be challenging. Population-based surveillance, 
which involves the collection of data through screening and 
targeted surveillance activities, is a powerful tool for monitor-
ing infectious diseases, but is often labor-intensive and costly to 
implement and maintain. In the context of identifying disease in 
free-ranging wildlife, scanning surveillance relies on the oppor-
tunistic detection of disease events through the observation of 
diseased or dead animals, while targeted surveillance is based on 
the purposeful searching for evidence of disease or pathogens in 
animal populations. Sentinel surveillance can enhance detection 
of diseases and improve the cost-effectiveness of surveillance. 
In-depth data collection is performed on selected subpopula-
tions, and the resulting analysis is used to signal disease out-
breaks, identify epidemiologic trends, and monitor the burden 
of disease in the overall targeted population. Zoos and other 
collections of captive animals can be useful sentinel units for 
wildlife health, especially in regions in which minimal economic 
and human resources are dedicated to wildlife disease surveil-
lance, or when population-based surveillance of wildlife health 
is limited to known enzootic pathogens (34). A telling example 
of how both the native and non-native species housed within 
zoos can act as sentinels for wildlife pathogens is the role of the 
Bronx Zoo in the investigation of the outbreak of West Nile viral 
encephalitis in New York in 1999 (35). Samples collected from 
wild crows and from various non-native and native captive birds 
found dead on zoo grounds led to the identification of the virus 
for the first time in the western hemisphere. Serological surveys 
of apparently healthy animals may also lead to the detection of 
endemic wildlife pathogens (34). The finding of B. odocoilei in 
captive cervids suggests local endemicity in wild cervid or tick 
populations, and reinforces the value of captive collections as 
sentinel units for wildlife health.

Cervid babesiosis should be included as a differential diagnosis 
for peracute or acute hemolytic crisis in captive cervids in Canada. 
Although further research is needed to clarify the epidemiology of 
B. odocoilei in Canadian wildlife, this case series suggests that the 
parasite has been introduced to southern Quebec, Ontario, and 
Manitoba. Cervid babesiosis is expected to become increasingly 
prevalent in Canada as global warming continues to alter the 
geographic and seasonal distributions of tick vectors.
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3rd edition

Thoen CO, Steele JH, Kaneene JB. Wiley-Blackwell, Chichester, 
United Kingdom. 2014. 413 pp. ISBN: 9781-1184-7429-7.

T he 3rd edition of this book updates the current status of 
M. bovis in industrialized and developing countries from 

the 2006, 2nd edition, includes new chapters on One Health, 
and covers 6 additional African countries. The book is well-
organized with individual chapters building on each other 
while also being able to stand alone as review of a specific topic 
or location.

The book starts with the discussion on a One Health 
approach to manage zoonotic tuberculosis, followed by a chap-
ter on its significance to public health. Subsequent chapters 
describe pathogen and disease specifics, including pathogenesis, 
macro- and molecular epidemiology, and current approaches 
for isolation, identification, and genotyping of M. bovis. These 
chapters are comprehensive and well-referenced. I found the 

molecular epidemiology section especially interesting as this 
technology is becoming more affordable and the information 
gained is so valuable in tracing the origin of an outbreak in 
either humans or animals.

These overview chapters are followed by chapters describing 
zoonotic tuberculosis in a specific country or region, as well 
as a chapter on zoonotic tuberculosis in nonhuman primates. 
Given the variation in the epidemiology, wildlife reservoirs, and 
management of zoonotic tuberculosis, country-specific programs 
have significant similarities and differences.

The book describes the long history of zoonotic tuberculosis 
occurrence and management, and the role pasteurization has 
played in food safety and public health. This book would be 
helpful for veterinarians, students, and allied health professionals 
working in government, academia, research, or private practice 
in regions of Canada impacted by zoonotic tuberculosis, or those 
who work importing animals or managing endangered species 
or zoo populations.

Reviewed by Judy Hodge, BSc, DVM, MPH, Winnipeg, Manitoba.
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PREVALENCE, DISTRIBUTION, AND RISK FACTORS ASSOCIATED WITH

MACRACANTHORHYNCHUS INGENS INFECTIONS IN RACCOONS FROM ONTARIO,
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ABSTRACT: Macracanthorhynchus ingens is an acanthocephalan parasite commonly found in raccoons (Procyon lotor)
in the United States. Little is known, however, about the prevalence and distribution of M. ingens in raccoons in
Canada. Our objective was to investigate the prevalence, distribution, and risk factors associated with M. ingens
infection in raccoons in southern Ontario, Canada. Raccoon carcasses submitted to the Ontario/Nunavut region of the
Canadian Wildlife Health Cooperative for post mortem from June 2016 to January 2017 (n¼ 380) were examined for
the presence of gastrointestinal helminths. Macracanthorhynchus ingens was found in raccoons from areas across
southern Ontario where carcasses were submitted. The prevalence of M. ingens in our sample was 14.0% (95% CI ¼
10.6–17.8) with a median of 4 worms per infected host (range 1–46). Univariable logistic regression modeling was
conducted to examine the influence of age, sex, season, degree of urbanization (urban/suburban/rural), and
Baylisascaris procyonis infection on the presence of M. ingens. Significant associations were found between M. ingens
infection and degree of urbanization as well as B. procyonis infection. No associations were found between M. ingens
infection and age, sex, or season. To our knowledge, this is the first report describing the prevalence and distribution of
M. ingens in raccoons in Canada.

The raccoon (Procyon lotor) was an early colonizer of North
American cities, and since the start of the 20th century it has
become perhaps the most ubiquitous of the continent’s urban
carnivores (Hadidan et al., 2010). With its generalist diet and the
ability to use a variety of sites for denning and shelter, the raccoon
has adapted remarkably well to life alongside humans and
domestic animals (Prange et al., 2003; Hadidan et al., 2010;
Rosatte et al., 2010). As climate change and urbanization alter
host and pathogen population dynamics and home ranges, wild
animals are becoming increasingly important as reservoirs for
human and domestic animal infections (Gordon et al., 2016). In
southern Ontario, Canada, raccoons may harbor a number of
pathogens of concern for human and domestic animal health
including the rabies virus (Hadidan et al., 2010; Middel et al.,
2017), raccoon roundworm (Baylisascaris procyonis; Kazacos,
2001; Jardine et al., 2014), and Leptospira (Jardine et al., 2011).
The acanthocephalan Macracanthorhynchus ingens, a potentially
zoonotic gastrointestinal helminth of raccoons, has not been
extensively studied in this region.
Eleven species of acanthocephalans have been reported in

North American raccoons; however, M. ingens is thought to be
the only acanthocephalan that uses raccoons as its definitive host
(Richardson, 2014). Other acanthocephalan infections in rac-
coons are believed to be transient infections acquired by ingestion
of intermediate or paratenic hosts (Richardson, 2014). Macra-
canthorhynchus ingens utilizes a variety of arthropod intermediate
hosts including millipedes (Fahnestock, 1985b; Richardson, 2006;
Richardson et al., 2016), beetles (Moore, 1946; Richardson, 2014),
and wood roaches (Parcoblatta pennsylvanica; experimental
infection, Elkins and Nickol, 1983). Paratenic hosts include
several different species of snakes and other reptiles (Elkins and

Nickol, 1983; Fahnestock, 1985b; Richardson, 2014) as well as
frogs (Moore, 1946).
As characterized by Moore (1946), M. ingens passes through

several life stages over approximately 60–70 days after the
infective (larvated) egg is shed in the feces of the definitive host
and eaten by an arthropod intermediate host. It emerges as an
acanthor in the mid-gut of the intermediate host, where it
penetrates the gut wall, elongates, and encysts in the hemocoel,
entering the cystacanth stage. When consumed by a definitive or
paratenic host, the cystacanth larva emerges within the small
intestine, everts its proboscis, and attaches to the mucosal surface.
Eggs have been found in raccoon feces 45 days after experimental
infection with cystacanth larvae (Elkins and Nickol, 1983).
Although the raccoon and the black bear (Ursus americanus)

are the main definitive hosts of M. ingens (Crum et al., 1978;
Richardson, 2014), patent infections have been reported in
domestic dogs (Fahnestock, 1985a, 1985b; Pearce et al., 2001)
and humans (Dingley and Beaver, 1985; Brien et al., 2012;
Mathison et al., 2016). Macracanthorhynchus ingens has also been
reported to cause transient infections in swine (Nelson and
Nickol, 1986). Humans can become accidental hosts of M. ingens
by ingesting an intermediate host containing the infective
cystacanth larvae. There is currently an information gap
regarding the prevalence of M. ingens in raccoons in Canada.
Knowledge of the prevalence and distribution of M. ingens, as
well as associated risk factors for infection, can aid in
understanding the risk of transmission to humans and domestic
animals.
Richardson (2014) conducted a faunal review of M. ingens in

North America and found no reports of the parasite in Canada or
Mexico, although it is widely distributed in raccoons across the
eastern and central United States, as far north as Connecticut to
the east and South Dakota to the west. Richardson et al. (2017)
subsequently documented the first report of M. ingens in Canada,
collected from raccoons submitted to the Canadian Wildlife
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Health Cooperative (CWHC) from several localities in southern
Ontario. Richardson et al. (2017) noted that the prevalence and
intensity of M. ingens in Ontario remained undetermined, and
they recommended additional surveys to further characterize the
distribution of M. ingens in North America. We describe the
prevalence of M. ingens in raccoons in southern Ontario, Canada,
and assess the impact of urbanization, demographic factors, and
season on the prevalence of this parasite.

MATERIALS AND METHODS

Post mortem

Raccoon carcasses submitted to the CWHC for necropsy
between 10 June 2016 and 16 January 2017 were included in this
study. Sources included nuisance wildlife control companies as
well as government agencies conducting surveillance activities.
Post-mortem sampling of raccoons for intestinal helminths,
specifically B. procyonis andM. ingens, was conducted by opening
the stomach and intestines longitudinally and examining the
lumen for adult worms. A positive M. ingens diagnosis was
determined based on the presence of one or more acanthoceph-
alans in the small intestine (Fig. 1), and intensity of infection was
noted based on worm count.

Specimen preservation and morphological identification

A subset of acanthocephalan specimens (5) from isolated cases
and differing sizes was selected for morphological examination.
The worms were preserved in 70% ethanol. It was not possible to
follow the traditional methods of acanthocephalan distension and
preservation described by Van Cleave (1953) since the raccoons
were previously frozen and consequently all present M. ingens
were dead. As a result, the recovery of complete and everted

proboscides was not possible in our study. For each worm, the
body length was recorded, and then the anterior end was carefully
cut along the midline, revealing two halves of the inverted
proboscis. Mounting and microscopic observation was performed
according to Richardson (2006). Hook rows were identified
numerically considering a hook arrangement of 6 circular rows of
6 hooks each (see figure 18 of Van Cleave [1941]). One worm was
recovered with a partially everted proboscis, confirming this
arrangement of 36 hooks. Microscopic measurements were
recorded from hooks in full lateral view from rows 1, 2, and 3
following Richardson (2005) (Fig. 2). Measurements were also
taken of eggs recovered from 3 gravid female worms (Fig. 3).
Micrographs of proboscis hooks and eggs were taken with a
Provis AXT70TRF Digital Photomicroscope (Olympus, Center
Valley, Pennsylvania) using bright-field illumination at 3100 and
3400 magnifications, respectively. Five voucher specimens from
animals sampled by the CWHC prior to this study were deposited
in the Yale Peabody Museum of Natural History, New Haven,
Connecticut, with accession numbers YPM IZ 078750-078754
(Richardson et al., 2017).

Sample data classification

Based on date of death or carcass collection, raccoons were
separated into 1 of 3 seasonal groups as defined by Rosatte et al.
(2010): winter-breeding (1 December 1–31 March), rearing (1
April–31 July), and predenning-dispersal (1 August–30 Novem-
ber). Weight, body length, and sex of each specimen were
recorded, and raccoons were classified as either juvenile or adult
on the basis of body size and degree of tooth wear and
development. Raccoons 1-yr-old or younger were considered to
be juvenile, while raccoons greater than 1-yr-old were considered
to be adult (Sanderson, 1961).

FIGURE 1. Macracanthorhynchus
ingens specimen recovered from rac-
coon small intestine at post mortem.
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Exact GPS coordinates were available for raccoons submitted
from government agencies to CWHC for post-mortem examina-
tion, based on the location where each animal was found.
Locations for raccoons submitted by wildlife control agencies
were given to the nearest intersection, and approximate GPS
coordinates were obtained using Google Maps (map data,
Google, 2017). Raccoon locations were projected using ArcGIS
9 (Esri, Redlands, California; 2009), and a 1-km radius buffer was
constructed around each data point to represent the minimum
home range of each raccoon (Jardine et al., 2014). The average
home range of raccoons can vary from ,1 km2 in urban areas to 4
km2 in rural areas (Rosatte, 2000).
Two vector layers were projected: the first defined ‘‘rural’’ and

‘‘urban’’ using the Statistics Canada benchmark, and the second
outlined ‘‘built-up areas’’ as per the Ontario Ministry of Natural
Resources and Forestry (OMNRF). The OMNRF defines ‘‘built-
up’’ areas as those with structures at a linear frequency of more
than 10 per 500 m or 4 per 1 ha (Ontario Ministry of Natural
Resources and Forestry, 2003). ‘‘Rural’’ areas were thus defined
as ,400 people/km2, and ‘‘urban’’ areas were defined as .400
people/km2 (Statistics Canada, 2011). ‘‘Suburban’’ areas were
those that were ‘‘built-up’’ but had ,400 people/km2, or those
with .400 people/km2 that were not ‘‘built-up.’’ Raccoons were
then classified based on the human population density and degree
of urbanization that made up the majority (.50%) of their 1 km
home range buffer radius. In instances where the classification
could not be clearly determined based on GIS layers, satellite
images of the area were viewed to aid in classification (Digital-
Globe, First Base Solutions, map data, Google, 2017).

Statistical analyses

Univariable logistic regression modeling was conducted using
STATA version 14.0 (StataCorp, College Station, Texas) to
examine the relationship between M. ingens infection (outcome)
and 5 explanatory variables: age, sex, season, degree of urbaniza-
tion, and co-infection with the intestinal nematode B. procyonis.

FIGURE 2. Micrograph of partial proboscis from Macracanthorhyn-
chus ingens illustrating assignment of hook row numbers. Proper
measurement of hooks numbers 1 (140–191 [171] lm), 2 (145–180 [160]
lm), and 3 (92–140 [128] lm) indicated by dotted lines as demonstrated by
Richardson (2005).

FIGURE 3. Eggs recovered from gravid adult female Macracanthorhynchus ingens. (A) Large (95–114 (104) 3 51–70 (63) lm) dark-colored egg with
acanthor visible within. (B) Surface of the egg is irregularly corrugated.

HARTNETT ET AL.—M. INGENS IN RACCOONS FROM ONTARIO, CANADA 459

219



The spatial scan statistic was conducted to assess areas of high
M. ingens prevalence using SaTScan v9.4.4 (Kulldorff, 2015). We
used the Bernoulli probability model (discrete scan statistic) to
perform a purely spatial retrospective analysis. Our parameters
were set at a maximum spatial cluster size of less than 50% of the
population at risk, with no overlap between clusters and a
maximum of 999 Monte Carlo replications (Kulldorff, 1997).
Each raccoon with M. ingens was included as a case, and each
negative raccoon was a control.
A significance level of a ¼ 0.05 was used for all spatial and

statistical analyses.

RESULTS

Identification of Macracanthorhynchus ingens

Recorded M. ingens body lengths, proboscis hook sizes, and
egg dimensions are summarized (Table I).

Macracanthorhynchus ingens prevalence, distribution, and
risk factors

A total of 380 raccoons were examined via post mortem (Table
II). The prevalence of M. ingens infection was 14.0% (95% CI ¼

10.6–17.8). Worm burden among infected raccoons ranged from 1
to 46 worms (median ¼ 4).
Raccoons with M. ingens were distributed across southern

Ontario in all areas sampled (Fig. 4). A significant spatial cluster
was found northeast of Brockville, Ontario (cluster centroid ¼
44.788N, 75.648W; radius ¼ 3.54 km).
In our sample, the odds of infection with M. ingens were 9.7

times greater for raccoons in rural areas compared to those in
urban areas (95% CI¼ 4.78–19.6; P , 0.001). The presence of M.
ingens was negatively associated with B. procyonis infection (OR¼
0.402; 95% CI ¼ 0.21–0.76; P ¼ 0.005) (Table II).

DISCUSSION

This report is the first prevalence study of M. ingens in
Canadian raccoons. Although the body lengths of worms in our
sample do not correspond to the measurements (mature adult
male: 130–150 mm, mature adult female: 183–300 mm) provided
by Van Cleave (1953), our measurements were taken from adult
worms that were at various stages of maturity. Figure 5 illustrates
the variation in adult worm size observed in our sample.
Measurements of proboscis hooks numbers 1, 2, and 3
correspond to the measurements for adult M. ingens (hook 1:
160–212 [185] lm, hook 2: 149–207 [182] lm, hook 3: 104–158
[135] lm) provided by Richardson (2005). Richardson (2005)
observed that hook size does not change through the development
of cystacanth to mature adult M. ingens. This provides confidence
that cystacanths, immature, and mature adult worms are all
equally identifiable by proboscis morphometrics. The differences
in hook size exhibited between M. ingens and other similar
acanthocephalans Macracanthorhynchus hirudinaceus and Oliga-
canthorhynchus tortuosa are most easily distinguished by hook
number 3 (Richardson, 2005). Measurements of hook number 3
for adult M. hirudinaceus (225–302 [268] lm) and adult O.
tortuosa (52–81 [61] lm) provided by Richardson (2005) differ
from the measurements for specimens in this study. Measure-

TABLE I. Summary of body length (n¼ 5), proboscis hooks numbers 1, 2,
and 3 sizes (n¼ 5), and egg dimensions (n¼ 15) recorded from immature
and mature adultMacracanthorhynchus ingens. Range is followed by mean
in parentheses.

Parameter Value

Worm length (mm) 4–135 (54)
Hook 1 (lm) 140–191 (171)
Hook 2 (lm) 145–180 (160)
Hook 3 (lm) 92–140 (128)
Egg (lm) 95–114 (104) 3 51–70 (63)

TABLE II. Univariable logistic regression examining the relationship between Macracanthorhynchus ingens infection and potential risk factors of age, sex,
season, degree of urbanization, and infection with Baylisacaris procyonis. Significant associations are highlighted in bold.

Variable n M. ingens prevalence (%) 95% C.I. Odds ratio P value 95% C.I.

Age (n ¼ 377)

Adult 254 14.17 10.1–19.0 1.10 0.758 0.59–2.08
Juvenile 123 13.01 7.62–20.3 Ref.

Sex (n ¼ 376)

Female 165 15.15 10.1–21.5 1.17 0.603 0.65–2.09
Male 211 14.1 9.00–18.6 Ref.

Season (n ¼ 378)

Winter-breeding (1 Dec.–31 Mar.) 23 8.7 1.0–28.0 0.68 0.616 0.15–3.12
Rearing (1 Apr.–31 July) 154 12.34 7.6–18.6 Ref.
Predenning-dispersal (1 Aug.–30 Nov.) 201 15.9 11.1–21.7 1.35 0.341 0.73–2.48

Degree of urbanization (n ¼ 366)

Urban 234 5.56 3.0–9.3 Ref.
Suburban 41 12.2 4.1–26.2 2.36 0.122 0.79–7.02
Rural 91 36.26 26.4–47.0 9.67 ,0.001 4.78–19.6

Baylisascaris procyonis (n ¼ 378)

Present 202 8.52 4.85–13.7 0.402 0.005 0.21–0.76
Absent 176 18.81 13.7–24.9 Ref.
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FIGURE 4. Raccoons were submitted from across southern Ontario for post mortem.Macracanthorhynchus ingens was detected in 53 of 380 raccoons
(star¼present; dot¼absent). Major cities (black squares) are provided for reference. An area of high prevalence of raccoons infected withM. ingens was
found near Brockville, Ontario, Canada (circle in inset). Base vector layers were obtained via the University of Guelph Scholars GeoPortal at (http://
geo2.scholarsportal.info). Map prepared using QGIS version 2.18.9 (www.qgis.org).

FIGURE 5. Macracanthorhynchus
ingens specimens at different life stag-
es, recovered from a single raccoon.
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ments of eggs correspond to the dimensions (80–108 [101]348–65
[59] lm) provided by Richardson (2014).
The overall prevalence of M. ingens was 14% in our sample,

which supports the speculation of Richardson (2014) that the lack
of documented cases outside of the known northern range of M.
ingens might reflect a paucity of survey research rather than the
true absence of the parasite. Statistics on the prevalence of M.
ingens in raccoons in endemic areas in the United States are
variable. Among raccoon populations in Texas, for example,
studies have reported a M. ingens prevalence of 84.6% in
Angelina County (Moore, 1946), 58% in Duval County (Long
et al., 2006), and 40.7% statewide (Kresta et al., 2009), while
researchers in Illinois have reported M. ingens prevalences of
13.9% (Barnstable and Dyer, 1974), 33% (Birch et al., 1994), and
4.5% (Snyder and Fitzgerald, 1985). Since the associated risk
factors for M. ingens infection are not well characterized, it is
difficult to contextualize the 14% prevalence observed in our
study of raccoons in southern Ontario, though it appears to be
lower than that of most endemic regions in the United States.
Positive M. ingens cases were found across southern Ontario in

all areas sampled, with a cluster or ‘‘hot spot’’ of cases in an area
(3.4 km radius) to the northeast of Brockville (Fig. 4). This is an
agricultural area where nuisance raccoons were frequently
trapped. Richardson et al. (2016) suggest that high M. ingens
cystacanth prevalence in millipedes occurs in ‘‘hot spots’’
alongside high densities of infected raccoons. If this cluster is an
area with a high raccoon density in addition to suitable habitat for
millipedes, this could create conditions favorable for the
establishment of M. ingens. A limitation of this study was its
reliance on convenience sampling; thus, the raccoon carcasses
received were concentrated in areas targeted by wildlife control
and government agencies, rather than being evenly distributed
across the study area.
Raccoons infected withM. ingens had significantly greater odds

of being found in rural compared to urban areas. We speculate
that this is due to a greater use of intermediate and paratenic
hosts as food sources in rural areas, compared to urban areas
where arthropod, reptile, and amphibian prey species are less
abundant, and raccoons may be foraging more on anthropogenic
food sources (Page et al., 2008). Raccoons are opportunistic,
omnivorous feeders whose dietary preferences are strongly
influenced by what is available and accessible to them (Zeveloff,
2002; Rulison et al., 2012). Raccoons generally consume more
invertebrates than vertebrates, with arthropods (including insects,
spiders, and crustaceans) being their most significant source of
animal protein (Zeveloff, 2002; Rulison et al., 2012). Millipedes,
an important arthropod intermediate host of M. ingens, are
mostly detrivores that eat dead and decomposing plant material
such as leaf litter and dead wood (Blower, 1985) and fragments of
organic matter (Hopkin and Read, 1992). Although they can be
abundant in certain urban situations such as garbage dumps and
piles of rubble (Hopkin and Read, 1992), it is plausible that
millipedes would exist in greater abundance in rural and
agricultural landscapes.
Infection with M. ingens was negatively associated with

infection with the ascarid nematode B. procyonis. This could be
due to dietary differences, because B. procyonis infects a wide
variety of avian and mammalian paratenic hosts (Kazacos, 2001),
while the intermediate and paratenic host range of M. ingens is
thought to be limited to arthropods, reptiles, and possibly

amphibians (Richardson, 2014). Since both helminths inhabit
the small intestine and feed on gut contents, it is also possible that
B. procyonis and M. ingens may compete for space and other
resources in the gut. We also considered the possibility that a
confounding variable was responsible for the negative association
between B. procyonis and M. ingens infection observed in our
study. Although associations have been found between B.
procyonis infection and season, host age, and sex (Evans, 2001;
Jardine et al., 2014), in our univariable model no associations
were found between these factors and M. ingens infection. In
future work, it will be useful to construct multivariable models to
further evaluate this possibility.
Raccoons tend to defecate in communal sites known as latrines,

which appear to be important foci for transmission of B. procyonis
to juvenile raccoons and intermediate hosts (Page et al., 1998;
Page et al., 1999; Kazacos 2001). Although it is possible that
proximity to raccoon latrines may be a factor in the transmission
of M. ingens, to our knowledge the role of raccoon latrines in the
ecology of its intermediate hosts has not been extensively studied.
Page et al. (1998) examined forested sites for the presence of
raccoon latrines and found they were most frequently located on
logs or at the base of trees, as well as (less commonly) on stumps,
in forks of trees, and in farm equipment and other structures.
Kennedy et al. (1991) found that snags (standing dead and dying
trees) were frequently used as defecation sites for raccoons. It
could be expected that raccoon latrine sites would be suitable
habitat for millipedes given their aforementioned feeding habits
and habitat preferences (Blower, 1985; Hopkin and Read, 1992).
The role of raccoon latrines in the transmission of M. ingens is an
interesting area for further research.
Macracanthorhynchus ingens is 1 of 3 acanthocephalans

reported to cause infection in humans, the other 2 being M.
hirudinaceous, which uses swine as its definitive host, and
Moniliformis moniliformis, which generally uses rats as its
definitive host (Richardson, 2003). Symptoms of acanthocepha-
liasis in humans may include abdominal pain, diarrhea, tinnitus/
dizziness, anorexia, mild fever, abdominal distension, nausea, and
vomiting. Rarely, intestinal perforation has been reported
(Richardson, 2003). The pathogenic potential of M. ingens in
humans is not well established, and there are only 3 documented
cases of human infections. Two cases occurred in Texas: a 10-mo-
old girl (Dingley et al., 1985) and a 15-mo-old boy (Brien et al.,
2012), both with a history of eating insects. A third infection was
diagnosed in Florida in an 18-mo-old girl with no history of
animal contact or pica but possible millipede contact (Mathison et
al., 2016). All 3 children had passed intact worms in their feces but
were otherwise asymptomatic, and each case was successfully
treated with mebendazole (Dingley et al., 1985; Brien et al., 2012)
or pyrantel pamoate (Mathison et al., 2016). Although little is
known about the pathologic effects of M. ingens in humans, the
discovery of these worms is no doubt alarming to parents, and
some consider the parasite to be potentially dangerous (Brien et
al., 2012).
There is evidence that the domestic dog is an occasional

definitive host of M. ingens, and natural infections have been
reported in 4-mo-old puppies in New Jersey (Fahnestock, 1985a)
and Tennessee (Pearce et al., 2001), as well as in a 2-yr-old dog in
Kansas (Amin et al., 1995). These infections were believed to be
acquired via ingestion of an intermediate or paratenic host
containing infective cystacanth larvae. Reported clinical signs in
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dogs are limited to bloody diarrhea and loose stool in puppies,
with no detectable effect on growth (Fahnestock, 1985a).
Knowledge of the prevalence and risk factors associated with

M. ingens infection in raccoons may help to assess the risk of
transmission to humans, as well as the risk to domestic animals
such as dogs. It has been suggested that the relative infrequency of
cases of M. ingens infection in the domestic dog could be due to
ecological segregation rather than incompatibility between
parasite and host (Amin et al., 1995). Although the parasite is
not transmitted directly from raccoons to humans or dogs, it is
presumed that in areas of high M. ingens prevalence in raccoons,
the prevalence in intermediate and paratenic hosts is also high.
Richardson (2003) noted that the risk of acanthocephalan
infection in humans increases when definitive host densities are
high. Given that raccoons are widespread across North America
and often live in proximity to humans and domestic animals
(Rosatte, 2000), understanding the distribution and ecology of
their parasites is of importance to public health and veterinary
medicine.
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Appendix 10: Molecular detection of Babesia odocoilei in wild, farmed, and zoo 
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ABSTRACT: Babesia odocoilei, a tick-borne protozoan hemoparasite of white-tailed deer (Odocoileus
virginianus), is being increasingly recognized as a cause of disease in captive cervids in North America.
Historically endemic in white-tailed deer, the natural wildlife reservoir in the southeastern US, B.
odocoilei has been recently associated with hemolytic anemia in captive Eurasian tundra reindeer
(Rangifer tarandus tarandus), wapiti (Cervus canadensis), and woodland caribou (Rangifer tarandus
caribou) in the northcentral and northeastern US and several Canadian provinces. The emergence of B.
odocoilei is likely related to the northward expansion of the range of the tick vector, Ixodes scapularis,
and possibly to cervid translocations. Following a disease outbreak in reindeer and wapiti at the Toronto
Zoo in Ontario, Canada, we utilized a prospective postmortem survey to investigate the prevalence of B.
odocoilei in wild, farmed, and zoo cervids in Ontario (n¼270) in 2016–18 by PCR and DNA sequencing
of spleen samples. Zoo bovids have been suggested as potential hosts of B. odocoilei in zoos affected by
cervid babesiosis, so we also collected postmortem samples from five species of bovids (n¼7) at the
Toronto Zoo that died or were euthanized during this time. We detected B. odocoilei in 1% (2/142) of
farmed red deer (Cervus elaphus) as well as in 3% (1/29) of captive wapiti and 4% (3/68) of wild white-
tailed deer. Tissues from all zoo bovids and caribou, zoo and wild moose (Alces alces), and farmed
white-tailed deer, wapiti-red deer hybrids, and fallow deer (Dama dama), tested negative for B.
odocoilei. No clinical cases of babesiosis were encountered during this study. These findings suggest
that white-tailed deer are a potential natural wildlife reservoir for B. odocoilei in Ontario and that red
deer and wapiti could serve as more-localized reservoirs.

Key words: Babesia odocoilei, cervid babesiosis, Cervus canadensis, Cervus elaphus, Ixodes
scapularis, Odocoileus virginianus, tick-borne disease.

INTRODUCTION

Babesia odocoilei is a tick-borne protozoan
parasite that is endemic in wild white-tailed
deer (Odocoileus virginianus) in the southeast-
ern US (Waldrup et al. 1990). Ixodes scapularis
ticks, the definitive hosts and vectors for B.
odocoilei, are widely distributed along the
Atlantic seaboard and across the southeastern
US (Keirans et al. 1996). Infections with B.
odocoilei do not appear to cause severe disease
in immunocompetent white-tailed deer (Perry
et al. 1985). However, B. odocoilei infection
can cause fatal hemolytic anemia in other
members of the family Cervidae, namely wapiti
(also known as North American elk: Cervus
canadensis; previously Cervus elaphus cana-
densis), Eurasian tundra reindeer (Rangifer
tarandus tarandus), and woodland caribou

(Rangifer tarandus caribou; Petrini et al.
1995; Holman et al. 2000). Babesia odocoilei
has recently emerged as a cause of morbidity
and mortality in captive Canadian cervids and
potentially threatens vulnerable wild popula-
tions of boreal woodland caribou. For example,
between 2012 and 2015, five wapiti and three
reindeer died due to cervid babesiosis at the
Toronto Zoo in southern Ontario, Canada
(Mathieu et al. 2018).

The geographic range of I. scapularis is
expanding northward within Canada in asso-
ciation with global climate change and an-
thropogenic alterations in land use (Ogden et
al. 2008). Exposure of susceptible cervids to I.
scapularis infected with B. odocoilei may
underlie the recent emergence of cervid
babesiosis in Canada (Mathieu et al. 2018).
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The current geographic distribution of B.
odocoilei in wild and captive Canadian cervids
is unknown because surveillance has not yet
been performed. Further, the role of non-
cervid hosts in regional B. odocoilei epidemi-
ology is uncertain. These knowledge gaps
result in a poor understanding of the risk that
this pathogen poses to captive and free-
ranging cervids in Canada.

Because cervid babesiosis is an emerging
disease in Canada, improved knowledge of the
geographic distribution, potential wildlife reser-
voirs, and host range of B. odocoilei is urgently
needed. The objective of this research study was
to survey wild, farmed, and zoo cervids in
Ontario for B. odocoilei infection. In addition,
surveillance of bovids housed at the Toronto
Zoo was performed to assess for B. odocoilei
infection in noncervid hosts. Data gathered will
aid in understanding the regional epidemiology
of this emerging pathogen and help to inform
management strategies for at-risk cervids.

MATERIALS AND METHODS

Study area and sample sources

Postmortem samples were collected opportu-
nistically from wild, farmed, and zoo cervids in
Ontario, Canada. Sources included diagnostic
cases submitted to the Canadian Wildlife Health
Cooperative (CWHC–Ontario/Nunavut) and the
Animal Health Laboratory at the University of
Guelph (Ontario, Canada) as well as hunter-
harvested animals, those killed on the road or by
predators, farmed cervids sent for slaughter at

Ontario abattoirs, and deaths at the Toronto Zoo.
Additionally, postmortem samples were collected
from animals of the family Bovidae that died
naturally or were euthanized at the Toronto Zoo
during the study.

Sample collection

Samples were collected from cervids and bovids
from May 2016 to January 2018. The latitude and
longitude of the animal’s location at the time of
death was recorded when known; otherwise, the
nearest street intersection was used. Fresh spleen
samples collected within 8 h of death were frozen
to"20 C either prior to transport or immediately
upon arrival to a research laboratory in the
Department of Pathobiology, University of
Guelph. Samples were subsequently thawed and
a 1-cc piece of spleen was placed into a sterile
cryovial and frozen to "80 C until testing.

DNA extraction

We performed DNA isolation on spleens from
270 cervids and seven bovids. From each spleen,
50-mg samples were minced with a sterile scalpel
blade and lysed by repetitive pipetting in 1 mL of
DNAzolt Reagent (Invitrogen Life Technologies,
Carlsbad, California, USA). We extracted DNA
from each spleen sample according to the
manufacturer’s instructions for the tissue proto-
col. The DNA quality and concentration were
determined using a Nanodrop 1000 Spectropho-
tometer (Thermo Scientific, Wilmington, Dela-
ware, USA) and stored at 4 C.

Primer design and polymerase chain reaction

A piroplasm-specific 18S ribosomal (r)DNA
primer (Piro_18S_300F; Table 1) was designed
using an alignment of publicly available piroplasm

TABLE 1. Polymerase chain reaction amplification primers and sequencing primers for nuclear 18S ribosomal
DNA loci used in the identification of Babesia odocoilei from cervid tissue samples.

Amplicon
Size

(base pairs) Primer names Primer sequences

Primary PCR 1,393 Piro_18S_300Fa 50-GACGGTAGGGTATTGGCCTA-30

Piro_18S_1688Rb 50-CGACTTCTCCTTCCTTTAAGTGATAAG-30

Hemi-nested secondary PCR 1,147 Cocci_18S_595Fc 50-CCGCGGTAATTCCAGCTCCAAT-30

Piro_18S_1688Rb 50-CGACTTCTCCTTCCTTTAAGTGATAAG-30

Sequencing primer n/ad Lank_18S_1278Re 50-TCAAGAAAGAGCTATCAATCT-30

a This study.
b Mathieu et al. (2018); similar to primer BN1700 of Ramos et al. (2010).
c Pastor (2017).
d n/a ¼ not applicable.
e This sequence primer originates in the research laboratory of one of the authors (J.R.B.).

336 JOURNAL OF WILDLIFE DISEASES, VOL. 55, NO. 2, APRIL 2019

Downloaded From: https://bioone.org/journals/Journal-of-Wildlife-Diseases on 08 Jun 2019
Terms of Use: https://bioone.org/terms-of-use Access provided by University of Guelph

227



18S rDNA sequences that also included the 18S
rDNA sequence (EU823286.1) of one of the target
hosts, white-tailed deer (O. virginianus), so that
amplification of host DNA was avoided. Primer
design used Primer3 (Koressaar and Remm 2007;
Untergasser et al. 2012) executed from within
Geneioust version 6.1 or later (Biomatters Limited,
Auckland, New Zealand; Kearse et al. 2012).

Extracted DNA was used as a template in a
standard PCR assay designed to amplify 18S
rDNA of Babesia spp. (Mathieu et al. 2018).
Amplification primers (Table 1) were Pir-
o_18S_300F and Piro_18S_1688R (Mathieu et
al. 2018; similar to primer BN1700 of Ramos et al.
2010). PCR-positive samples produced a primary
amplicon of 1,290 base pairs (bp). The PCR was
performed in a 25-lL reaction containing 3 mM
MgCl2, 0.4 mM dNTPs, 103 PCR buffer, 2U
Platinum Taq polymerase (Invitrogen Life Tech-
nologies), 1.25 lM of each amplification primer,
nuclease-free water, and 100–200 ng of sample
DNA. Negative and positive controls were in-
cluded in each run, with water as the negative
control and B. odocoilei DNA extracted from the
spleen of a Toronto Zoo reindeer that died from
acute babesiosis as the positive control (Mathieu
et al. 2018). Amplification was carried out in a
T100 thermal cycler (Bio-Rad, Mississauga, Can-
ada) after the following reaction conditions: initial
melt of 94 C for 3 min followed by 35
amplification cycles (denature at 94 C for 30 s,
anneal at 60 C for 30 s, extend at 72 C for 90 s)
and a final extension of 72 C for 5 min. The PCR
products were separated by electrophoresis using
a 2% agarose gel with 0.53 TAE buffer (120 mL)
and 12 lL of SYBR Safe DNA gel stain
(Invitrogen Life Technologies) and visualized
under ultraviolet light. The GeneRuler 1 kb Plus
DNA size ladder (Thermo Scientific) was used to
determine product fragment length. An additional
reamplification step was performed on samples
that produced a band of appropriate size by
subsequent agarose gel electrophoresis.

To obtain sufficient product for subsequent
Sanger sequencing, the resulting primary ampli-
cons were used as templates in a secondary, hemi-
nested PCR reaction using primers Coc-
ci_18S_595F and Piro_18S_1688R (Table 1). This
PCR was performed in a 20-lL reaction contain-
ing 10 lL HotStar Taq Master Mix (Qiagen,
Toronto, Ontario, Canada), 1.25 lM of each
amplification primer, and 9 lL of reaction
product in a T100 thermal cycler using the above
reaction conditions at an annealing temperature
of 58 C and an extension time of 60 s.

DNA sequencing

The resulting primary or nested amplicons
were purified using a QIAquick PCR Purification

Kit (Qiagen). Direct sequencing of Babesia spp.
amplicons was performed by the Genomics
Facility Advanced Analysis Centre, University of
Guelph, using amplification or sequencing prim-
ers (Table 1). For one sample, multiple sequenc-
ing chromatograms were assembled into a
consensus sequence using the Geneious bioinfor-
matics program. The identities of the other five
PCR-positive samples were confirmed by direct
sequencing using the Lank_18S_1278R primer
(Table 1). Sequences were trimmed to remove
primers and then searched against public se-
quence databases using the BLAST algorithm
(Altschul et al. 1990).

RESULTS

From May 2016 to January 2018, 270 wild,
farmed, and zoo cervids of six species and one
hybrid species (wapiti-red deer) were sampled
as well as seven zoo bovids of five species
(Table 2). In total, spleens from 2% (6/270) of
cervids tested positive by PCR and were
confirmed as B. odocoilei by sequencing of
the 18S rDNA fragment. There was no clinical
suspicion of babesiosis in any of the animals
sampled. Cervids originated from across
Ontario, but the number of submissions was
highest in southern Ontario (Fig. 1).

PCR of spleen samples

Wild cervid samples were from 68 white-
tailed deer and one moose (Alces alces). This
included 39 hunter-harvested white-tailed
deer culled for management purposes under
advisory from the Ministry of Natural Re-
sources and Forestry and Parks Canada at
Point Pelee National Park in January 2017 and
January 2018. Sixteen wild white-tailed deer
and one moose were submitted to the CWHC
for necropsy. Seven white-tailed deer were
killed by vehicles in the Greater Toronto Area.
Hunters submitted spleens from five white-
tailed deer in the 2016 and 2017 hunting
seasons. One wild white-tailed deer was killed
by coyotes on the Toronto Zoo grounds. Three
of these 68 wild white-tailed deer (4%),
including two from the CWHC and one
hunter-harvested, tested positive for B. odo-
coilei by PCR (Table 2). The wild moose
tested negative for B. odocoilei.
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FIGURE 1. Locations of all cervids that underwent postmortem Babesia odocoilei testing by PCR of spleen
samples from 2016 to 2018 in Ontario, Canada (n¼270). The solid black circles represent collection sites with one
or more B. odocoilei-negative animals while the remaining gray symbols each represent a single B. odocoilei-
positive animal.

TABLE 2. Wild, farmed, and zoo cervids (n¼270) sampled between May 2016 and January 2018 in Ontario,
Canada, and tested for Babesia odocoilei infection by PCR using piroplasm-specific primers on DNA extracted
from spleen samples.

Cervids Species

% of Babesia odocoilei PCR-positives (frequency)a

Commercial
farm

Zoo or private
collection Free-ranging Total

White-tailed deer Odocoileus virginianus 0 (0/3) — 4 (3/68) 4 (3/71)
Red deer Cervus elaphus 1 (2/142) — — 1 (2/142)
Wapiti Cervus canadensis 0 (0/28) 100 (1/1) — 3 (1/29)

Wapiti-red deer
hybrid

Cervus canadensis
3 C. elaphus

0 (0/13) — — 0 (0/13)

Fallow deer Dama dama 0 (0/12) — — 0 (0/12)
Woodland caribou Rangifer tarandus caribou — 0 (0/1) — 0 (0/1)
Moose Alces alces — 0 (0/1) 0 (0/1) 0 (0/2)

Total 1 (2/198) 33 (1/3) 4 (3/69) 2 (6/270)

a DNA sequencing was used to confirm the identity of all PCR-positive amplicons. Dash indicates no samples were collected.

338 JOURNAL OF WILDLIFE DISEASES, VOL. 55, NO. 2, APRIL 2019

Downloaded From: https://bioone.org/journals/Journal-of-Wildlife-Diseases on 08 Jun 2019
Terms of Use: https://bioone.org/terms-of-use Access provided by University of Guelph

229



Commercially farmed cervid samples orig-
inated from red deer (n¼142), wapiti (n¼28),
wapiti-red deer hybrids (n¼13), fallow deer
(Dama dama; n¼12), and white-tailed deer
(n¼3) sent for slaughter at Ontario abattoirs.
Among these, 1% (2/142) of farmed red deer
tested PCR-positive for B. odocoilei. All
farmed wapiti, wapiti-red deer hybrids, fallow
deer, and farmed white-tailed deer tested
PCR-negative for B. odocoilei (Table 2). Zoo
cervids sampled included two from the
Toronto Zoo; one moose was euthanized due
to age-related disease and one wapiti was
euthanized following a traumatic injury. One
caribou from a private zoo was submitted for
necropsy to the Animal Health Laboratory.
Zoo bovids sampled included one Barbary
sheep (Ammotragus lervia), one chamois
(Rupicapra rupicapra), one west Caucasian
tur (Capra caucasica), three wood bison
(Bison bison athabascae), and one yak (Bos
grunniens) that died or were euthanized at the
Toronto Zoo. Of the zoo cervids and bovids,
only wapiti tested positive for B. odocoilei by
PCR. Overall, 3% (1/29) of captive (zoo and
farmed) wapiti were B. odocoilei positive
(Table 2).

DNA sequencing of PCR-positive spleen samples

The partial 18S rDNA sequence (1,290 bp)
from B. odocoilei infecting a white-tailed deer
sampled in this study was submitted to
GenBank (accession no. MH366302). This
partial 18S rDNA sequence had 100% identity
over its entire length to numerous B. odocoilei
sequences in GenBank from various hosts and
geographic locations. These included wild
white-tailed deer in Texas, US (GenBank no.
U16369.2), farmed wapiti in Saskatchewan
(GenBank no. KC460321), and the recent
Toronto Zoo clinical babesiosis cases (Mathieu
et al. 2018) in wapiti (no. MF357056) and
reindeer (no. MF357057) in Canada. The other
five PCR-positive samples were direct-se-
quenced using primer Lank_18S_1278R, gen-
erating 571-bp reads that spanned the highly
variable region (bp 609–645 of the Babesia
odocoilei reference sequence U16369.2) that
discriminates this species from other closely

related Babesia species; all samples had 100%
sequence identity with the reference sequence
over this 571-bp region.

DISCUSSION

We documented B. odocoilei infection in
wild white-tailed deer in Ontario, supporting
the hypothesis that this species could serve as
a natural reservoir of infection in this geo-
graphic region as it does in the southeastern
US (Waldrup et al. 1989). An infection
prevalence of 4% was found in wild white-
tailed deer in Ontario; although no compara-
ble PCR-based surveillance for B. odocoilei
has been performed in wild cervids in the US,
examination of blood smears from wild white-
tailed deer in Texas and Oklahoma found a
prevalence of B. odocoilei parasitemia of 2%
(Waldrup et al. 1989). Asymptomatic B.
odocoilei infection was also identified in two
species in the genus Cervus in Ontario, with
an infection prevalence of 1% in red deer and
3% in wapiti. Babesia odocoilei-infected wapiti
are known to be susceptible to acute hemo-
lytic crisis, which may be triggered by stress or
immunosuppression (Gallatin et al. 2003).
The pathogenicity of B. odocoilei in red deer
is unknown. Red deer, a European species,
are farmed for venison in Ontario, and wapiti
are present in zoos, on farms, and as
reintroduced wild populations in Ontario. A
B. odocoilei-like parasite was detected in
blood samples from three wild red deer in
Ireland, although the species of this parasite
was not confirmed (Zintl et al. 2011). It is
possible that Cervus spp. may serve as
additional reservoirs of B. odocoilei. Samples
were obtained only from captive Ontario
wapiti, and thus we make no comment
regarding subclinical infections or disease in
the wild wapiti population.

All sequenced samples in our study were
100% identical to each other and to B.
odocoilei isolates from several different host
species and geographic locations, including
the partial 18S rDNA sequence isolated from
a fatal case of babesiosis in a Toronto Zoo
reindeer in 2012 (Mathieu et al. 2018).
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Comparison of nuclear 18S rDNA sequences
is widely accepted as a method for resolving
questions of relatedness and identity of
Babesia spp. isolates (Holman et al. 2000).
As the 18S rDNA fragment of B. odocoilei
appears to be well-conserved among cervid
species in Ontario, further molecular charac-
terization of the isolates using primers specific
for a mitochondrial target, such as the
cytochrome c oxidase subunit I, would be
desirable to further elucidate the epidemiol-
ogy of this parasite.

Prior to the first cases in 2012 of hemolytic
anemia due to babesiosis in Saskatchewan
farmed wapiti (Pattullo et al. 2013) and in
reindeer and wapiti at the Toronto Zoo
(Mathieu et al. 2018), B. odocoilei was not
recognized as a clinical problem in Canadian
cervids, and surveillance for this pathogen was
not conducted in captive or free-ranging
wildlife. While it is possible that the parasite
was present in Canada prior to 2012, a lack of
reports of disease in captive or wild cervids
makes that unlikely. Based on limited home
ranges of white-tailed deer in many areas
(Nixon et al. 1991), as well as the rapid
emergence of clinical cases of cervid babesi-
osis in several widely disparate locations
across North America (Mathieu et al. 2018),
the natural movements of free-ranging white-
tailed deer are unlikely to have been a primary
driver in the emergence of B. odocoilei in
Canada. The underlying cause(s) of the likely
incursion of B. odocoilei into Canada remains
unknown, but possibilities include transloca-
tion of an asymptomatic infected cervid or
range expansion of B. odocoilei-infected ticks,
perhaps through adventitious carriage on
migratory birds (Ogden et al. 2008).

The locations of historic Canadian cervid
babesiosis cases and of the B. odocoilei PCR-
positive cervids in our study coincide with the
distribution of known I. scapularis popula-
tions, with the exception of the wapiti cases in
Saskatchewan where I. scapularis is not
known to be established (Pattullo et al.
2013). Dermacentor spp. ticks are present in
Saskatchewan, but the vector competence of
this tick species for B. odocoilei has not been
investigated. Ixodes scapularis serves as both

the definitive host and vector for B. odocoilei
(Waldrup et al. 1990). Following gametogony
in the tick gut, B. odocoilei gametes fuse and
form a zygote that develops into a kinete,
which subsequently invades and replicates in
the tick hemolymph. Sporogony follows inva-
sion of the kinetes into the tick salivary glands.
Susceptible cervids are exposed to B. odocoilei
by the bite of an infected tick that introduces
infective stages into the cervid host’s blood
stream (Homer et al. 2000). These stages
invade the cervid erythrocytes and undergo
merogony, primarily through binary fission. In
a parasitemic cervid, B. odocoilei merogonic
stages appear on a blood smear as single,
paired, or tetrad pyriform and ring-shaped
organisms, usually in the accolé position at the
periphery of the erythrocyte. The infected
erythrocytes eventually rupture, liberating
merozoites that invade new erythrocytes and
either become trophozoites that undergo
merogony again by binary fission or alterna-
tively develop into nondividing gamonts that
are infective to a tick when it feeds on the
cervid intermediate host. Maintenance of B.
odocoilei within an ecosystem is therefore
dependent both on I. scapularis as the
definitive host and a mammalian intermediate
host.

We did not detect B. odocoilei infection in
any bovids at the Toronto Zoo, but the
significance of this finding is limited by small
sample sizes and limited range of species.
Subclinical B. odocoilei infection has been
identified in endemic and exotic ruminants
belonging to the family Bovidae, including zoo
markhor (Capra falconeri), zoo yak (Bartlett
et al. 2009), and wild bighorn sheep (Ovis
canadensis nelsoni) in the US (Schoelkopf et
al. 2005).

In our study, B. odocoilei was identified in
both captive and wild cervids. Transmission of
disease between the two groups is well
recognized, with the management of cervids
in captivity on private farms or in zoologic
institutions posing a recognized health risk to
free-ranging wild cervids and vice versa
(Gerhold and Hickling 2016). Captive cervid
facilities provide ample opportunities for
transmission of pathogens and ectoparasites
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between captive and wild cervids including
direct contact through fence lines, escape of
captive animals, and ingress of wild cervids
into inadequately fenced enclosures. In the
absence of reliable premovement disease
testing, the translocation of captive cervids
across provincial and international borders
necessarily results in the simultaneous trans-
location of their pathogens, including ticks.
Babesia odocoilei requires a tick host to
complete its life cycle and, therefore, direct
transmission of babesiosis between cervids
does not occur, with the possible exception of
iatrogenic transmission such as via blood
transfusion (Pastor and Milnes 2018).

The lack of reliable commercially available
diagnostic tests for screening and premove-
ment testing of cervids for hemoparasites such
as babesiosis is a major problem for the
captive cervid industry, and the development
of a commercial PCR assay for blood testing
of carrier animals would help to alleviate this
problem (Holman et al. 2000). Molecular
testing of postmortem spleen samples for B.
odocoilei DNA through PCR, as used in this
study, is a highly sensitive and specific method
for detecting latently infected animals with a
low-level parasitemia that may not be evident
on microscopic examination of blood smears
(Holman et al. 2000). This method is also
suitable for use on whole blood samples and
has been used successfully to identify sub-
clinically infected cervids in a zoo setting (Bos
et al. 2017).

In conclusion, the results of this study
suggest that B. odocoilei has an established
wildlife reservoir in wild white-tailed deer in
Ontario, Canada. Given the expanding range
and increasing density of the arthropod host
and vector, I. scapularis, continued expansion
of transmission and thus infection among the
while-tailed deer population is likely. The
finding of B. odocoilei in apparently healthy
captive cervids emphasizes the importance of
proactive tick prevention and biosecurity
measures (e.g., double fencing) in cervid
facilities to prevent disease and vector trans-
mission between captive and wild animals as
well as losses due to clinical disease in more-
susceptible species. In addition, viable options

for prophylaxis and treatment of clinical
disease in captive cervids should be explored.
Cervid managers should be aware of the risks
involved in translocating animals between
herds.
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A R T I C L E I N F O
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A B S T R A C T

Cervid babesiosis, caused by the protozoan hemoparasite Babesia odocoilei and transmitted by the blacklegged
tick Ixodes scapularis, is an emerging disease of Canadian cervids. This pathogen has not yet been described in
humans. Data are lacking on the role of migratory birds in the adventitious spread of Ba. odocoilei-infected ticks,
as well as on the infection status of I. scapularis in environments used by susceptible wildlife hosts. Following a
high-mortality outbreak of cervid babesiosis at the Toronto Zoo [TZ], the present study was initiated to in-
vestigate Ba. odocoilei and other tick-borne pathogens of veterinary and public health importance (Borrelia
burgdorferi sensu stricto (s.s.), Anaplasma phagocytophilum, Borrelia miyamotoi, and Babesia microti) in I. scapularis
at three sites in southern Ontario, Canada. Blanket dragging for questing ticks yielded I. scapularis from the three
sites evaluated: TZ, Point Pelee National Park, and Long Point Bird Observatory [LPBO]. Babesia odocoilei was
identified in I. scapularis collected by dragging at the TZ and at LPBO. Borrelia burgdorferi s.s. was identified in I.
scapularis at all three sites. Anaplasma phagocytophilum was identified in I. scapularis collected from the TZ.
During the springs of 2016 and 2017, 1102 northward-migrating birds were examined for ticks at LPBO. One or
more I. scapularis were found on 3.2% of birds (n=595) in 2016, and 6.7% (n=507) of birds in 2017. Overall,
across both years, 0.2% and 0.5% of birds carried one or more I. scapularis ticks that tested PCR-positive for Ba.
odocoilei and Bo. burgdorferi s.s., respectively. These data indicate that Ba. odocoilei-positive I. scapularis are
found in southern Ontario, and suggest that bird-borne ticks have the potential to contribute to range expansion
of both Ba. odocoilei and Bo. burgdorferi s.s. in Canada.

1. Introduction

The blacklegged tick (Ixodes scapularis) is the vector for many pa-
thogens of medical and veterinary importance in North America. The
range of this tick is expanding as a result of anthropogenic influences on
the environment and climate warming (Leighton et al., 2012). Ticks
carrying the causative agents of medically important tick-borne zoo-
noses, such as Lyme borreliosis (Borrelia burgdorferi sensu stricto [s.s.])
and human granulocytic anaplasmosis (Anaplasma phagocytophilum),
may be transported over vast distances and introduced to new areas by
birds in flight (Ogden et al., 2008). The potential role for migratory
birds in the northward range expansion of non-zoonotic tick-borne
diseases of veterinary importance has received little research attention.
One such disease is cervid babesiosis caused by the protozoan hemo-
parasite Babesia odocoilei, for which I. scapularis is the definitive host

and only known competent vector (Waldrup et al., 1990). Babesia
odocoilei is endemic in the southeastern United States (Holman et al.,
2000) where the natural reservoirs are wild white-tailed deer (Odocoi-
leus virginianus). Disease associated with Ba. odocoilei (cervid babe-
siosis) has emerged in captive cervids within Canada since 2012
(Mathieu et al., 2018). In addition, the zoonotic pathogens Babesia
microti, Bo. burgdorferi s.s., Borrelia miyamotoi, and Anaplasma phago-
cytophilum share the same tick vector, I. scapularis, and are also emer-
ging in Ontario (Dibernardo et al., 2014).

The Toronto Zoo [TZ] in southern Ontario, Canada, is situated
within a natural area of forest and wetlands (the Rouge National Urban
Park) with abundant free-ranging wildlife including white-tailed deer
that are the main blood meal hosts for adult I. scapularis (Rand et al.,
2003). Such a setting presents a potential risk to the health of zoo an-
imals and humans (staff and visitors) due to the presence of disease-
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carrying vectors. Tick parasitism of zoo animals and staff is occasionally
reported, but the likelihood of tick-borne disease transmission has not
been investigated. Following a high-mortality outbreak of cervid ba-
besiosis in Eurasian tundra reindeer (Rangifer tarandus tarandus) and
wapiti (Cervus canadensis) at the TZ from 2012 to 2015 (Mathieu et al.,
2018), we investigated Ba. odocoilei and other tick-borne pathogens in I.
scapularis at the TZ and two other sites in southern Ontario where I.
scapularis is endemic (Barker and Lindsay, 2000). Further, we captured
northward-migrating birds in southern Ontario in order to assess their
tick burdens and thereby to investigate the potential for bird-borne
ticks and tick-borne pathogens to contribute to the emergence of Ba.
odocoilei in regions sensitive to climate change.

Our objectives were: 1) to survey northward-migrating birds cap-
tured at Long Point Bird Observatory ([LPBO], Port Rowan, Ontario) for
ticks; 2) to survey ticks by blanket dragging from three sites used by
wild cervids (TZ, LPBO, and Point Pelee National Park [PPNP]); and 3)
to determine the presence or absence of Ba. odocoilei, Ba. microti, Bo.
burgdorferi s.s., Bo. miyamotoi, and A. phagocytophilum in host-feeding
(bird-borne) and questing I. scapularis obtained from these locations by
polymerase chain reaction (PCR).

2. Materials and methods

2.1. Bird sampling and study area

Bird sampling took place during spring migration in May 2016 and
May 2017 at LPBO migration monitoring field station in southern
Ontario. Mist nets and ground traps were used to capture birds daily
from sunrise until noon, in accordance with protocols described by the
North American Bird Banding Manual (Gustafson et al., 1997). Each
captured bird was identified to species and leg banded with a unique
bird identification number. Within-year recaptures were excluded from
analysis because ticks found on recaptured birds would have been taken
up from existing tick populations at the study site. All birds were
checked for ticks; the additional time spent handling birds for this
purpose was limited to 3min per bird. Feathers along apterylae of the
head, neck, and body were gently parted and the skin was inspected for
ticks using binocular head loupes. All ticks were removed using fine
forceps and placed in sterile labelled tubes containing 70% ethanol.
Fieldwork was carried out with approvals from the Animal Care Com-
mittees of the University of Guelph and the TZ in compliance with the
regulations of the Canadian Council on Animal Care.

2.2. Tick dragging and opportunistic collection of questing and host-feeding
ticks

Tick collection was carried out at the TZ based on the history of
clinical Ba. odocoilei infection in zoo cervids, and at LPBO and PPNP
because these sites host populations of wild white-tailed deer and are
known endemic sites for I. scapularis (Barker and Lindsay, 2000).

Blanket dragging was used to sample questing ticks at the TZ in
October 2016, and July, August, and October 2017; at PPNP in
November 2016; and at LPBO in May 2016 and May 2017. Blanket
dragging was conducted only on days when surface vegetation was dry
to the touch. A 1m2 white flannel drag cloth attached to a wooden pole
was pulled across the surface of ground vegetation in parallel transects
for at least 1.5 (and up to 6) person-hours per site. Field personnel
checked each drag cloth and their clothing at 3min intervals, during
which time the timer was stopped. At each site, at least 1000 m2 of
vegetation were sampled per visit. Staff at the TZ were asked to submit
ticks found on their clothing or on animals from May 2016 to November
2017. In addition, bird banders and volunteers at LPBO submitted ticks
found on their clothing in May and June 2017. All ticks were placed in
sterile labelled tubes containing 70% ethanol immediately after col-
lection.

2.3. Taxonomic identification of ticks

Ticks were identified morphologically to species and life stage using
a stereomicroscope and taxonomic keys (Keirans and Litwak, 1989) at
the University of Guelph (Guelph, Ontario, Canada) and the National
Microbiology Laboratory (NML; Winnipeg, Manitoba, Canada).

2.4. Polymerase chain reaction (PCR) and DNA sequencing

All ticks identified as I. scapularis were tested for the presence of Ba.
odocoilei, Ba. microti, Bo. burgdorferi s.s., Bo. miyamotoi and A. phago-
cytophilum. Only I. scapularis were screened for pathogens due to fi-
nancial limitations of this study. DNA extraction and conventional PCR
testing for infection with Ba. odocoilei was performed at the University
of Guelph. DNA was extracted from individual ticks, except when
multiple I. scapularis were present on a given bird or were collected
from the same environmental location on the same day. In these in-
stances, all ticks collected from the same bird or from the same en-
vironmental sample (i.e., same location and date) were pooled by life
stage (i.e., all adults, nymphs, or larvae) for DNA extraction. Minimum
infection rate (i.e., assuming one positive tick per pool) was used for the
interpretation of results (Hamer et al., 2012).

Ticks were bisected with a sterile scalpel blade and homogenized
with sterile lysis beads (0.75 g of 2mm dia. zirconia beads and 0.15 g of
0.1 mm dia. zirconia/silica beads, BioSpec Products, Bartlesville,
Oklahoma, USA) in a sterile tube containing 0.5mL of DNAzol®
Reagent (Invitrogen Life Technologies, Carlsbad, California, USA) for
30min at 30 Hz with a TissueLyser II (Qiagen, Toronto, Ontario,
Canada). For pools, one half of every tick in the pool was added to the
same tube. After homogenization, the mixture was incubated overnight
at room temperature on a rotator (Fisher Roto-Rack, Model 96, Fisher
Scientific Co., Pittsburgh, Pennsylvania, USA), then centrifuged at 4000
× g for 2min. The supernatant was transferred to a sterile micro-
centrifuge tube to which 0.25mL of 100% ethanol was added. The tube
was inverted 3–6 times, and the samples were incubated for 2min at
room temperature. The mixture was centrifuged at 4000 × g for 2min
to pellet the DNA, and the supernatant was discarded. The DNA pellet
was washed twice with 0.5mL of fresh 75% ethanol by gently inverting
the tube 3–6 times. Finally, the DNA pellet was air dried and re-
suspended in 0.1 mL of 8mM NaOH by slowly passing the pellet
through a pipette tip. Insoluble materials were removed by cen-
trifugation at 12,000 × g for 10min. The DNA quality was determined
using a Nanodrop 1000 Spectrophotometer (Thermo Scientific,
Wilmington, Delaware, USA) after which sample aliquots were stored at
−20 °C until testing for Ba. odocoilei at the University of Guelph by
PCR. Additional aliquots were then shipped overnight on ice packs to
the NML for Ba. microti, Bo. burgdorferi s.s., Bo. miyamotoi, and A.
phagocytophilum PCR.

2.5. Molecular analysis of tick DNA extracts for Babesia odocoilei and DNA
sequencing

Extracted DNA was used as a template in a hemi-nested PCR assay
as described by Milnes et al. (2019). Briefly, DNA was first used to
amplify partial 18S rDNA amplicons (1393 bp amplicon from primers
Piro_18S_300 F and Piro_18S_1688R) from piroplasms (Ramos et al.,
2010; Mathieu et al., 2018); following agarose gel electrophoresis and
purification of positive samples, a hemi-nested secondary PCR (1147 bp
amplicon from primers Cocci_18S_595 F and Piro_18S_1688R) was used
to provide sufficient DNA for direct amplicon sequencing as described
previously (Milnes et al., 2019). Direct sequencing of Babesia sp. am-
plicons was performed by the Genomics Facility Advanced Analysis
Centre, University of Guelph using primers Piro_18S_1688R and
Lank_18S_1278R (Milnes et al., 2019). The resulting chromatograms
were assembled into consensus contigs using a bioinformatics program
(Geneious® 11.0.5., Biomatters, Auckland, New Zealand). Thereafter,
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the partial 18S rDNA sequences (trimmed to remove primer binding
sites) were searched against the public sequence databases using the
basic local alignment search tool (BLAST) algorithm (Altschul et al.,
1990).

2.6. Molecular analysis of ticks for zoonotic pathogens

Extracted DNA from all ticks identified as I. scapularis was submitted
to the NML and tested for the presence of Ba. microti, Bo. burgdorferi s.s.,
Bo. miyamotoi, and A. phagocytophilum using real-time PCR assays as
described previously (Dibernardo et al., 2014; Ogden et al., 2006). A
multiplex real-time PCR assay was used to screen for Bo. burgdorferi s.s.
and A. phagocytophilum (Courtney et al., 2004), followed by an ospA
real-time PCR to confirm Bo. burgdorferi s.s. infection in multiplex re-
altime PCR-positive samples (Ogden et al., 2006). Analysis for Ba. mi-
croti was conducted using methods described by Bullard et al. (2014).

3. Results

3.1. Bird-borne ticks

Five species of bird-borne tick were identified: I. scapularis, Ixodes
dentatus, Ixodes marxi, Haemaphysalis leporispalustris, and Amblyomma
americanum. With the exception of the Carolina wren (Thryothorus lu-
dovicianus), which is a year-round resident at LPBO, all tick-infested
birds were migratory species that reside in the United States or further
south during winter and migrate northwards into Canada for the
breeding season (Sibley, 2014).

Of the 595 birds examined in 2016, ticks were found on 3.7% (22/
595; Table 1). In total, 47 ticks were found in 2016; however, one tick
from a grey catbird (Dumetella carolinensis) was observed deep within
the ear canal and could not be safely collected, and thus 46 ticks were
submitted for identification. Ixodes scapularis ticks were carried by 3.2%
(19/595) of birds.

In 2017, 507 birds were examined with an overall tick infestation
prevalence of 11.2% (57/507; Table 1). One tick from a Carolina wren
was observed in the ear canal but could not be safely collected; thus,
167 ticks from 56 birds were collected for identification. Ixodes scapu-
laris ticks were carried by 6.7% (34/507) of birds.

3.2. Tick dragging and opportunistic collection of questing and host-feeding
ticks

In total, five species of ticks (I. scapularis, Ixodes cookei, I. marxi, H.
leporispalustris, and Dermacentor variabilis) were found at the three field
sampling sites (Table 2; Fig. 1). Over both years and all collection
methods, the numbers of I. scapularis ticks collected from each site was
161 from the TZ and 49 from LPBO. PPNP was only sampled in 2016
when blanket dragging yielded 47 adult ticks, of which 41 were I.
scapularis. Three engorged adult I. scapularis were removed by zoo-
keepers from the carcass of a wild white-tailed deer that was predated
by coyotes on the TZ grounds in May 2016.

3.3. Babesia odocoilei PCR test results

All bird-borne I. scapularis ticks collected from 2016 and 2017 (n =
166; 113 nymphs and 53 larvae) were tested by PCR for Ba. odocoilei,
either individually or pooled by bird and life stage as described pre-
viously. Two samples tested positive for Ba. odocoilei: a pool of larvae
removed from a blue jay in 2016 and a pool of larvae removed from a
Swainson’s thrush (Catharus ustulatus) in 2017. Only 0.2% (2/1,102) of
birds sampled harbored Ba. odocoilei-positive ticks (Table 1). In addi-
tion, both birds were co-infested with I. scapularis nymphs, which tested
PCR negative for Ba. odocoilei. The minimum infection rate of Ba.
odocoilei in all bird-borne I. scapularis ticks over both years was 1.2%
(2/166).

All I. scapularis ticks collected opportunistically and by blanket
dragging from the TZ, PPNP, and LPBO in 2016 and 2017 were tested
individually or pooled by date, location, and life stage (Table 2; Fig. 1).
Of all the environmentally-collected ticks tested, four samples were
positive for Ba. odocoilei. A total of 161 I. scapularis ticks were collected
from the TZ in 2016 and 2017, of which two larval pools tested positive
for Ba. odocoilei by PCR, giving a minimum infection rate for Ba. odo-
coilei of 1.2% (2/161). At LPBO, one adult and one pool of adult ticks
were positive for Ba. odocoilei, with a minimum infection rate of 4.1%
(2/49). All adult I. scapularis from PPNP tested negative for Ba. odo-
coilei.

3.4. Zoonotic pathogen PCR test results

All bird-borne I. scapularis ticks collected in 2016 and 2017 were
tested by PCR for selected zoonotic bacterial and protozoal agents.
Overall, 0.5% (6/1,102) of birds carried at least one tick that was po-
sitive by PCR for Bo. burgdorferi s.s. (Table 1). All Bo. burgdorferi s.s.
positive ticks were individual or pooled nymphs. The minimum infec-
tion rate of Bo. burgdorferi s.s. in all bird-borne I. scapularis ticks over
both years was 3.6% (6/166). No bird-borne ticks tested positive for A.
phagocytophilum, Bo. miyamotoi, or Ba. microti.

All I. scapularis ticks collected from birds and by blanket dragging at
the TZ, PPNP, and LPBO in 2016 and 2017 were tested for zoonotic
pathogens (Table 2; Fig. 1). The minimum infection rate of Bo. burg-
dorferi s.s. was 0.6% (1/161) at the TZ, 4.9% (2/41) at PPNP, and 4.1%
(2/49) at LPBO. The engorged I. scapularis recovered from a wild deer
carcass at the TZ were pooled, and DNA extracted from these ticks
tested PCR-positive for A. phagocytophilum, giving a minimum infection
rate for A. phagocytophilum of 0.6% (1/161) across all ticks collected
from TZ. None of these ticks tested positive for Ba. microti or Bo.
miyamotoi.

3.5. DNA sequencing to confirm Babesia odocoilei in PCR-positive ticks

The six Ba. odocoilei PCR amplicons each provided 1071 bp of 18S
rDNA sequence data for comparison among samples and with public
databases. Four of 6 amplicons (these were: 1. a pooled homogenate of
unfed larval ticks collected by blanket dragging at TZ in 2016; 2. a
pooled homogenate of unfed larval ticks collected by blanket dragging
at TZ in 2017; 3. an individual unfed adult tick collected by blanket
dragging at LPBO in 2017; 4. a pooled homogenate of unfed adult ticks
collected by blanket dragging at LPBO in 2017) had 100% identity over
their entire lengths to each other and to the sequences obtained from
clinical cervid babesiosis cases in the TZ reindeer (GenBank accession
number MF357057) and wapiti (MF357056) during the 2012–2015
outbreak (Mathieu et al., 2018). These four samples also showed 100%
identity with Ba. odocoilei isolated from wild white-tailed deer in Texas
(U16369.2). A representative sequence from this study (originating
from a questing adult I. scapularis collected by blanket dragging from
LPBO in 2017) was submitted to GenBank with accession number
MH366540. The fifth sample, a pooled homogenate of larval ticks re-
moved from a blue jay in 2016 (GenBank accession number
MH899097), had a single nucleotide difference over its 1071 bp length
from the previous sequences (99.9% pairwise identity). The final se-
quence, a pooled homogenate of larval ticks removed from a Swainson’s
thrush in 2017, was more divergent than the previous 5 sequences. This
sequence (GenBank accession number MH366631) had 5 nucleotide
differences (99.5% sequence identity) to the majority of sequences
obtained from Ba. odocoilei-positive ticks in the present study and to
cervid isolates noted above.

4. Discussion

This study was initiated to investigate the eco-epidemiology of Ba.
odocoilei in southern Ontario, Canada, following an outbreak of Ba.
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odocoilei-associated cervid babesiosis amongst reindeer and wapiti at
the TZ in 2012–2015 (Mathieu et al., 2018). Our findings represent the
first detections of Ba. odocoilei in I. scapularis ticks in Ontario, both in
questing ticks at the TZ and in the endemic I. scapularis population at
LPBO, as well as in ticks found on northward migrating birds sampled
at LPBO. The establishment of a wildlife reservoir for cervid babesiosis
in southern Ontario seems likely given the geographic range and large
population of wild white-tailed deer, which is the primary vertebrate
host for Ba. odocoilei.

Comparison of partial 18S rDNA sequences from tick-derived Ba.
odocoilei in our study revealed that the majority (4/6) isolated had
100% identity with Ba. odocoilei 18S rDNA sequences in GenBank from
various hosts and geographic locations, including the wildlife reservoir
in Texas, USA (Holman et al., 2000) and clinical cases in cervids from
the TZ (Mathieu et al., 2018). This suggests that most strains of Ba.

odocoilei in southern Ontario are similar if not identical to those re-
ported in the United States. However, the sequence derived from a bird-
borne tick in our study showed only 99.5% homology with the other
southern Ontario tick-derived sequences and publicly available se-
quences of Ba. odocoilei from various cervid hosts (a single nucleotide
difference). This could indicate a different strain of Ba. odocoilei, and
further molecular characterisation of more genetically diverse targets
(e.g., mitochondrial CDS regions) would be required to investigate this
further (Ogedengbe et al., 2018).

We detected Ba. odocoilei in extracts from homogenized, bisected I.
scapularis ticks found both in the environment and on migratory birds.
However, molecular detection of Ba. odocoilei DNA in a host-associated
tick does not necessarily reflect true tick infection with the pathogen.
The source of this DNA could be either the salivary gland of the tick
(i.e., indicating that the tick vector was truly infected with Ba.

Table 2
Ixodes scapularis ticks collected from Long Point Bird Observatory [LPBO], Point Pelee National Park [PPNP], and Toronto Zoo [TZ] in 2016 and 2017 and results of
PCR testing for selected pathogensa. Ticks collected from the same environmental sampling location on the same date were pooled by life stage for testing.

No. of Ixodes scapularis PCR-positive for select pathogensb

Date collected Location No. of I. scapularis and life stagec Babesia odocoilei Anaplasma phagocytophilum Borrelia burgdorferi s.s.

May 2016 LPBO 4 A 0 0 0
May 2016 TZ 3 A 0 1 A 0
Oct 2016 TZ 3 L; 1 N; 4 A 1 L 0 0
Nov 2016 PPNP 41 A 0 0 2
May-June 2017 LPBO 45 A 2 A 0 2 A
June 2017 TZ 24 A 0 0 1 A
Aug 2017 TZ 126 L 1 A 0 0

a Ticks collected but not tested for pathogens were Haemaphysalis leporispalustris (1 N, LPBO, May 2017), Dermacentor variabilis (16 A, LPBO, May 2016; 89 A,
LPBO, May-June 2017), Ixodes cookei (3 A, PPNP, Nov 2016; 1 N, LPBO, June 2017), Ixodes marxi (3 A, PPNP, Nov 2016; 1 N, LPBO, June 2017).

b All Ixodes scapularis ticks were PCR negative for Babesia microti and Borrelia miyamotoi.
c L= Larva; N=Nymph; A=Adult.

Fig. 1. In 2016–2017, questing and host-feeding ticks were collected from three field sites in southern Ontario, Canada, to investigate the infection rate of Babesia
odocoilei, Babesia microti, Borrelia burgdorferi sensu stricto (s.s.), Borrelia miyamotoi, and Anaplasma phagocytophilum in Ixodes scapularis ticks.
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odocoilei), or blood in the tick gut derived from recently feeding on an
infected vertebrate host (Estrada-Peña et al., 2013). The ability of Ba.
odocoilei to infect birds and other non-cervid wildlife is unknown.
Previous studies have demonstrated that wild birds are competent re-
servoir hosts for Ba. microti (Hersh et al., 2012), so it is possible that our
positive results reflect ticks feeding on Ba. odocoilei-infected birds or
other wildlife. Our finding of Ba. odocoilei PCR-positive, unfed, larval
tick pools collected using blanket dragging suggest that transovarial
transmission of this parasite is possible. This has not yet been demon-
strated experimentally for Ba. odocoilei, but has been documented for
the closely related species, Babesia divergens. Transovarial Babesia spp.
infection may persist over several tick generations, even without new
infections derived from blood meals (Uilenberg, 2006). Future studies
on the role of I. scapularis in the transmission of Ba. odocoilei should
include blood sampling of avian and other wildlife hosts to survey for
Ba. odocoilei infection, as well as laboratory studies of vector and re-
servoir competence.

We surveyed migratory birds to assess whether the transportation of
Ba. odocoilei-infected ticks over long distances by avian hosts could be a
factor in the recent emergence of cervid babesiosis in Canada (Mathieu
et al., 2018). In the current study, we found I. scapularis on 3.2% of
migrating birds captured in spring 2016, and 6.7% in birds captured in
2017. There is an endemic I. scapularis population at LPBO that was first
documented in the 1970s (Watson and Anderson, 1976), and it is likely
that birds acquired ticks at the site of capture as well as carrying ticks to
LPBO from the south during their northward spring migration. As did
Ogden et al. (2008), we found that the occurrence of I. scapularis was
highest on ground-foraging bird species such as thrushes. The combined
data from both years of our study revealed that 0.2% of birds carried I.
scapularis ticks that were PCR-positive for Ba. odocoilei. Some bird taxa,
particularly thrushes, are disproportionately more likely to disperse I.
scapularis ticks over long distances because they breed in the far
northern regions of Canada (Ogden et al., 2015). Larval and nymphal I.
scapularis feed for 2–4 days on their host, during which time a mi-
gratory bird may fly hundreds of kilometres northwards (Marra et al.,
2005). In the present study, our finding of a Ba. odocoilei-infected larval
tick pool attached to a Swainson’s thrush illustrates the potential threat
of adventitious Ba. odocoilei-infected ticks to immunologically naïve
wild cervids, such as the boreal population of woodland caribou
(Rangifer tarandus caribou) found across the northern parts of all Ca-
nadian provinces (Thomas and Gray, 2002).

Our study identified Bo. burgdorferi s.s. in I. scapularis ticks collected
from the TZ, LPBO and PPNP, and from migratory birds, consistent with
previous reports from southern Ontario (Barker and Lindsay, 2000).
Due to logistical constraints, there were marked discrepancies between
the seasonal sampling periods for bird-borne and environmental ticks in
2016 and 2017, therefore a direct comparison between years is not
possible. Ogden et al. (2008) reported that 18.1% (25/138) of I. sca-
pularis-infested birds examined in eastern Canada in 2005–2006 carried
at least one Bo. burgdorferi s.s.-positive tick, and in 2016–2017, we
found that 11.3% (6/53) of I. scapularis-infested birds carried at least
one Bo. burgdorferi s.s.-positive tick. Nymphs of I. scapularis are likely to
have been infected with Bo. burgdorferi s.s. by feeding on a reservoir-
competent rodent as larvae (Giardina et al., 2000). However, an alter-
native explanation for these PCR-positive bird-borne ticks is that the
tick gut contained Bo. burgdorferi s.s.-infected blood from the avian
host. Numerous bird species are competent reservoirs for Bo. burgdorferi
s.s., including the Swainson’s thrush (Scott et al., 2010).

Clow et al. (2017) recently conducted active surveillance of
questing I. scapularis across 104 sites in Ontario, and did not detect Ba.
microti, Bo. miyamotoi, or A. phagocytophilum. Similarly, we did not
identify Ba. microti or Bo. miyamotoi in any ticks in our study. No de-
tection of A. phagocytophilum in bird-borne larvae is not surprising,
because this pathogen is not transmitted transovarially. The small
sample size of our study likely limited our ability to detect these pa-
thogens, all of which are present but at a low rate of infection

(approximately 0.3%) in I. scapularis in Ontario (Dibernardo et al.,
2014; Nelder et al., 2014). We did detect A. phagocytophilum in host-
feeding I. scapularis adults collected from a wild white-tailed deer car-
cass at the TZ, giving a minimum infection rate for A. phagocytophilum
of 0.6% in I. scapularis at this location, which is consistent with previous
estimates of its prevalence in Ontario (Nelder et al., 2014). Anaplasma
phagocytophilum-associated clinical disease is an emerging disease of
humans (human granulocytic anaplasmosis) and domestic horses
(equine granulocytic ehrlichiosis) in the United States (Dumler et al.,
2005). Equine granulocytic ehrlichiosis is caused by the same pathogen
and was recently reported in a captive herd of Przewalski’s horses
(Equus przewalskii) at a zoo in the mid-Atlantic United States (Sim et al.,
2017). The herd of Przewalski’s horses housed at the TZ should be
considered at high risk for this disease.

In conclusion, we investigated the role of bird-borne and environ-
mental I. scapularis ticks in the eco-epidemiology of Ba. odocoilei, Ba.
microti, Bo. burgdorferi s.s., Bo. miyamotoi, and A. phagocytophilum in
southern Ontario, Canada. Our study provides the first evidence of es-
tablished local populations of I. scapularis ticks in southern Ontario that
are infected with Ba. odocoilei. We found that I. scapularis ticks that test
PCR positive for Ba. odocoilei are harbored by migratory birds, pro-
viding a possible route by which Ba. odocoilei could be introduced to
naïve cervid populations. The observations reported herein are con-
sistent with and may explain previous detections of the causative agents
of Lyme borreliosis and granulocytic anaplasmosis in I. scapularis in
Ontario. Our study highlights the need for continued public health and
veterinary preventative health measures for zoo animals, members of
the public, and zoo staff.
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