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ABSTRACT

THE IMPACT OF DIFFERENT OBESOGENIC DIETS ON THE SEVERITY OF THE
OBESE PHENOTYPE AND COLON HEALTH IN MALE C57BL/6 MICE
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University of Guelph, 2018

Advisors:
Dr. Krista Power, Dr. Lindsay Robinson

High fat diets (HFDs) are commonly used to induce obesity in rodents, however the nutritional
composition of these diets often vary dramatically and may result in variable effects on the obese
phenotype. This thesis investigates how two commonly used HFDs (45%HFD (45% kcal from fat)
and 60%HFD (60% kcal from fat)) differently affect aspects of the obese phenotype (adipose tissue
dysfunction, metabolic dysregulation) and colon health (crypt histomorphology) when fed to 3week-old male C57Bl/6 mice for 12 weeks compared to lean mice consuming low fat diet
(17%LFD; 17% kcal from fat). Mice consuming 60%HFD had increased adiposity, gonadal
adipose tissue macrophage infiltration, biomarkers of metabolic dysfunction (serum insulin,
leptin), endotoxemia, colon crypt height, and goblet cell density compared to mice consuming
45%HFD and 17%LFD. Overall, findings suggest that the severity of the obese phenotype, and
colon health in mice were dependant on the nutritional composition of their respective HFDs.
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CHAPTER 1:
INTRODUCTION

The prevalence of obesity is increasing at an alarming rate at both the national and global
level, resulting in decreased quality of life for millions of Canadians and people worldwide [1, 2].
As with any disease, a reliable and reproducible model is required to fully understand the
underlying mechanisms of obesity. In research, high fat diets (HFDs) have frequently been
employed as a reliable method of inducing obesity in various rodent models [3]; with the C57Bl/6
mouse model of obesity being especially popular due to the similarity of the disease present in
these animals relative to that which occurs in humans, and their ability to either remain lean or
become obese when consuming ad libitum low fat or obesogenic diets, respectively [4, 5].
However, there is currently no standard definition of “high fat diet” given that diets ranging from
20% to over 65% kcal fat content (with 45%HFD and 60%HFD being the most popular) have been
utilized and cited interchangeably in literature, with nutrient compositions (eg. saturated vs.
unsaturated fat, level and type of indigestible carbohydrates (CHO)) of these diets varying
dramatically [3, 6, 7].
In addition to weight gain and the buildup of excessive levels of fat within adipose tissue,
there are many additional hallmarks of obesity that manifest with the onset of the disease that can
greatly increase the risk of developing a number of potentially life-threatening co-morbidities,
including type 2 diabetes mellitus (T2DM) [8], cardiovascular disease (CVD) [9], or non-alcoholic
fatty liver disease (NAFLD) [10]. Collectively, these hallmarks compose the obese phenotype, a
set of observable characteristics that are the result of interactions between genetics and the
environment commonly exhibited by individuals and animals impacted by obesity [11]. Critical
components of the obese phenotype include adipose tissue dysfunction (eg. adipocyte hypertrophy,
1

adipose tissue immune cell infiltration, and adipokine dysregulation) [12, 13], metabolic
dysregulation (eg. glucose intolerance and insulin resistance) [14], and endotoxemia, a state
characterized by chronically elevated circulating levels of a bacterially-derived endotoxin known
as lipopolysaccharide (LPS) [15]. Furthermore, there is now considerable evidence that aspects of
intestinal health are negatively impacted in obese subjects and mice (i.e. microbial dysbiosis and
mucosal barrier dysfunction) [16-21], and thus may be an important anatomical site to consider
when assessing the severity of the obese phenotype.
This review of literature highlights current knowledge of obesity etiology, the obese
phenotype, and the impact of obesity on colon health, and identifies important gaps in our
knowledge that exist regarding these topics. In particular, this review highlights the importance of
the nutritional composition of rodent diets that are often used in diet-induced obesity (DIO)
research. As reviewed below, the degree to which different HFDs impact the development and
severity of certain aspects of the obese phenotype (i.e. adipose tissue dysfunction, metabolic
dysregulation, and intestinal health) is highly variable. Given the multi-faceted nature of obesity,
it is highly likely that the varying nutrient compositions of commercially available experimental
HFDs differently impact the development and severity of the obese phenotype. Thus, diet
composition may be an important consideration when designing DIO studies to ensure the
appropriate high fat control diet is utilized when assessing preventative and therapeutic strategies
in obesity research.
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CHAPTER 2:
REVIEW OF LITERATURE

2.1 Obesity Epidemiology, Etiology and Co-Morbidities
Obesity in Canada has achieved a prevalence that is unprecedented in the history of the
country. According to Statistics Canada, 62% of Canadian adults are currently above their healthy
weight, one in four are classified as obese [1], and 13% of Canadian children aged 3 to 19 are
obese [22]. In fact, obesity is estimated to be directly responsible for 20% of all premature deaths
among Canadian adults [23], making the disease one of the leading causes of preventable death in
the country, and costing the health care system an estimated $4.6 to $7.1 billion per year [24].
Furthermore, obesity is a global phenomenon with 1.9 billion people (39% of the adult population)
estimated to be overweight, 600 million people (13% of the adult population) estimated to be
obese, and over 42 million children under the age of five estimated to be overweight [25], making
obesity one of the greatest health care challenges faced by modern society.
There are many factors that contribute to the development of obesity, including a sedentary
lifestyle, high calorie diet, genetic predisposition, metabolic dysfunction, and environmental and
social stress [26, 27]. Of these factors, the excess intake of energy-dense food products [28] and a
sedentary lifestyle [29] appear to be the most common causes of weight gain [30]. A diet high in
fat can especially predispose the development of obesity given that dietary fat possesses the
greatest energy density of the macronutrients, accounting for 9 kcal/g while dietary CHO and
protein account for only 4 kcal/g [5, 31]. A study by Rolls et al. demonstrated the importance of
dietary energy density in addition to the amount of food consumed on a daily basis [32]. This was
achieved through the observation that participants with a reduced daily energy intake (425 and 275
kcal/day reduction for men and women, respectively) compared to those with an increased energy
3

intake had reduced rates of obesity despite consuming an increased amount of food on a daily basis
(400 and 300 g/day increase for men and women, respectively) [32].
Dietary energy that is consumed, but not expended, is commonly stored in the form of fat
within adipose tissue [33]. An excessively positive energy balance promoted by high caloric intake
and low energy expenditure can therefore cause an expansion in adipose tissue due to an increased
demand for energy storage, leading to increases in adiposity, body weight, and body mass index
(BMI). BMI is a popular indicator of obesity in humans, and is calculated by dividing body weight
(kg) by height (m)2; with BMI values of 20-25 kg/m2 generally being considered normal or healthy,
25-30 kg/m2 overweight, and ≥30 kg/m2 obese [34]. BMI scores greater than 28 have consistently
been linked to the development of obesity-associated co-morbidities such as hypertension,
osteoarthritis and coronary artery disease [35, 36].
In addition to weight gain, obesity is also associated with decreased quality of life due to
symptoms such as shortness of breath, joint and back pain, low energy levels, reduced mobility,
and decreased emotional, social, and psychological health [37]. Furthermore, having severe
obesity can predispose the development of systemic metabolic dysfunction characterized by
chronic low-grade inflammation, glucose intolerance and insulin resistance [38, 39], all of which
can increase the risk of potentially life-threatening comorbidities such as T2DM [8], CVD [9],
atherosclerosis [40], NAFLD [10], and multiple forms of cancer [41].

2.2 Adipose Tissue Dysfunction in Obesity
Obesity is characterized by weight gain and the buildup of excessive levels of fat, which is
largely stored in white adipose tissue (WAT) [42]. In addition to its important role in energy
storage, adipose tissue is also known to have a variety of other important physiological functions
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including non-shivering thermogenesis in brown adipose tissue (BAT) [43], and structural support,
insulation, metabolism, endocrine activity, inflammation and immunity in visceral and
subcutaneous WAT [44, 45]. Adipose tissue can be found in discrete depots throughout the bodies
of both mice and humans, however visceral adipose tissue depots such as gonadal and perinephric
depots in mice [46, 47], and omental adipose tissue in humans, are metabolically and functionally
distinct from subcutaneous (eg. inguinal) or brown adipose tissue (intrascapular) while also having
an increased susceptibility to the development obesity-associated adipose tissue dysfunction [4750]. Dysfunctional WAT is a critical hallmark of the obese phenotype, and is characterized by
adipocyte hypertrophy [51], immune cell (i.e. macrophage) infiltration [12], chronic low-grade
inflammation [12, 13], and the dysregulated secretion of adipokines, which are cytokines that are
secreted exclusively or primarily by adipose tissue such as leptin, resistin, and plasminogen
activator inhibitor-1 (PAI-1) [14].

2.2.1 Adipocyte Hypertrophy
As adipose tissue expands, adipocytes, the primary cellular constituents of adipose tissue,
undergo hypertrophy (an increase in cell size) and hyperplasia (an increase in cell number) in order
to accommodate the increased demand for energy storage [51]. Interestingly, it has been reported
that individual adipocytes have a limited capacity for expansion in obesity. In humans, Hirsch &
Batchelor found adipocyte size to be sharply increased in individuals with a moderate degree of
obesity, and also found that adipocyte size is not further increased in severely obese individuals
with even further exacerbated disease severity [52]. This finding has additionally been reproduced
in a number of other studies examining the relationship between the severity of the obese
phenotype and degree of adipocyte hypertrophy in humans [53-55]. In mice, the critical cell size
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beyond which individual adipocytes are no longer able to expand in size has been found to be
adipose tissue depot-specific, with visceral WAT typically having a greater capacity for expansion
relative to subcutaneous WAT, and dependent on genetics [56]. The limited capacity for
adipocytes to expand in obesity is likely a major contributing factor in the development adipose
tissue dysfunction, as excessive expansion in adipose tissue disrupts the adequate flow of oxygen
and nutrients, exerting stress on adipocytes and resulting in increased rates of cell death [57].
There are currently a variety of different HFDs available to induce obesity in mice in order
to facilitate the study of critical aspects of the obese phenotype, such as adipocyte hypertrophy [3].
Although the vast majority of these diets are effective in reliably inducing obesity, the degree of
obesity induced by different HFDs often varies dramatically (Table 2-1). The varying composition
of these diets (eg. %kcal from fat, CHO, and protein, saturated and unsaturated fatty acid content,
amount of soluble and insoluble dietary fiber) may in turn differently impact the development and
severity of the obese phenotype in the animals consuming them, making it difficult to compare
results across multiple studies using different obesogenic diets. For example, one study reported
mean body weight to be increased by as much as 1.8-fold in 60%HFD-induced obese mice relative
to lean control mice [58], however another study reported mean body weight in 45%HFD-induced
obese mice to not be significantly different from that of the lean control group [59] (Table 2-1).
Furthermore, although adipocyte hypertrophy can be reliably induced by high fat feeding mice,
mean adipocyte size in mice consuming different obesogenic diets has been reported to be
increased by ~1.4 to ~2.7-fold relative to control mice (Table 2-2), a discrepancy which is likely
to impact the severity of other critical components of the obese phenotype such as immune cell
infiltration in WAT or adipokine dysregulation, topics that will be discussed shortly (sections 2.2.2
and 2.2.3 respectively). Moreover, many of these studies utilize different control diets (eg. chow
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or purified low fat diets with varying nutritional composition) which has also been shown to
significantly impact critical study outcomes in DIO experiments, thus potentially confounding data
interpretation [6, 7]. Given that the two most popular obesogenic diets, the 45%HFD and 60%HFD
models, are currently utilized and cited interchangeably in literature, it is important to directly
compare the impact of these two diets on the development and severity of the obese phenotype, as
it may not be appropriate to interpret results obtained from multiple studies using different
obesogenic diets interchangeably.
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Table 2-1: Impact of different HFDs on body weight in C57Bl/6 mice

%kcal
from fat
60%HFD

Gender
Male

Study
Duration
32 Weeks

Mean Body
Weight in
Control Mice
30.4 g

Mean Body
Weight in
Obese Mice
50.7 g

FoldIncrease
1.7

Ref.
[60]

60%HFD

Male

20 Weeks

30 g

39 g

1.3

[59]

60%HFD

Male

16 Weeks

29 g

35 g

1.2

[61]

60%HFD

Male

12 Weeks

27 g

49 g

1.8

[58]

60%HFD

Male

12 Weeks

32 g

46 g

1.4

[62]

60%HFD

Male

10 Weeks

27.8 g

40.9 g

1.5

[63]

60%HFD

Male

10 Weeks

27 g

34 g

1.3

[59]

60%HFD

Male

9 Weeks

27.8 g

40.4 g

1.5

[64]

60%HFD

Male

6.5 Weeks

24.2 g

29.2 g

1.2

[65]

45%HFD

Male

20 Weeks

32 g

45 g

1.4

[66]

45%HFD

20 Weeks

27.8 g

38.5 g

1.4

[67]

45%HFD

Male and
Female
Male

20 Weeks

30 g

33 g

Unchanged

[59]

45%HFD

Male

18 Weeks

32.3 g

42.5 g

1.3

[68]

45%HFD

Male

10 Weeks

27 g

28 g

Unchanged

[59]

45%HFD

Male

9 Weeks

33.0 g

36.4 g

1.1

[69]

This table contains a summary of studies examining the impact of different obesogenic diets on
body weight in C57Bl/6 mice. Approximate fold-increase was calculated by dividing final mean
body weight (BW) in HFD-induced obese mice by final mean BW in control mice.
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Table 2-2: Impact of different HFDs on adipocyte hypertrophy in C57Bl/6 mice

%Kcal
from fat
72%HFD

Study
Duration
4 Weeks

Mean
Adipocyte Area
in Control Mice
1600 𝜇m2

Mean
Adipocyte Area
in ObeseMice
3250 𝜇m2

FoldIncrease
2.0

Ref.
[70]

72%HFD

4 Weeks

1600 𝜇m2

2200 𝜇m2

1.4

[15]

61%HFD

8 Weeks

1100 𝜇m2

3000 𝜇m2

2.7

[71]

60%HFD

24 Weeks

Not stated

4345 𝜇m2

N/A

[72]

60%HFD

12 Weeks

5500 𝜇m2

9500 𝜇m2

1.7

[58]

60%HFD

6.5 Weeks

2500 𝜇m2

6500 𝜇m2

2.6

[65]

60%HFD

7 Weeks

2800 𝜇m2

5500 𝜇m2

2.0

[73]

42%HFD

15 Weeks

3000 𝜇m2

8000 𝜇m2

2.7

[74]

42%HFD

12 Weeks

2100 𝜇m2

4500 𝜇m2

2.1

[75]

42%HFD

6 Weeks

408 𝜇m2

1006 𝜇m2

2.5

[76]

This table contains a summary of studies examining the impact of different obesogenic diets on
mean adipocyte size (𝜇m2) in control and HFD-induced obese male C57Bl/6 mice. Approximate
fold-increase was determined by dividing mean adipocyte area in HFD-induced obese mice by
mean adipocyte area in control mice.

2.2.2 Adipose Tissue Macrophages and Chronic Low-Grade Inflammation
In addition to adipocytes, macrophages are another cell type that can be found in abundance
throughout WAT [12]. WAT macrophages are large immune cells that are actively involved in the
regulation of WAT homeostasis via the phagocytosis of necrotic adipocyte debris and secretion of
various inflammatory mediators such as tumor necrosis factor alpha (TNF-𝛼) and interleukin 6
(IL-6) [77-80]. Most WAT macrophages are derived from circulating monocyte precursors, which
are further derived from bone marrow, and recruited to WAT [81]. Adipocytes recruit monocytes
to WAT through the secretion of a cytokine known as monocyte chemoattractant protein-1 (MCP9

1), also known as C-C chemokine ligand-2 (CCL2), which interacts with C-C chemokine receptor
type-2 (CCR2), also known as cluster of differentiation 192 (CD192) expressed on the cell surface
of monocytes, resulting in their localization within WAT [82]. Circulating levels of MCP-1 have
been reported to be elevated in obese, relative to lean, humans [83], and experiments by Weisberg
et al. demonstrated that both MCP-1 expression and macrophage infiltration in WAT are increased
in diabetic (db/db) and diet-induced obese mice compared to lean mice [84]. It was further
demonstrated that lean and obese mice deficient in CCR2 have decreased macrophage infiltration
in WAT compared to adiposity-matched mice expressing functional CCR2 [82]. Together, these
studies indicate that MCP-1 signalling is critical for macrophage recruitment to WAT.
Upon infiltration into WAT, monocytes mature into polarized macrophages that interact
with adipocytes in a paracrine manner [77]. Upon polarization, WAT macrophages typically
exhibit either an M1 “classically-activated” pro-inflammatory phenotype which can be induced by
interferon gamma (IFN-𝛾) alone or in concert with additional cytokine or microbial stimuli (eg.
LPS), and characterized by increased secretion of IL-12, IL-23, and decreased secretion of IL-10,
or an M2 “alternatively-activated” anti-inflammatory phenotype induced by IL-4, IL-10, IL-13, or
IL-33, and characterized by increased secretion of IL-10 and decreased secretion of IL-12 and IL23 [77]. Resident macrophages such as those present in lean WAT typically exhibit an M2
phenotype, and function to maintain homeostasis within WAT by clearing cellular debris and
initiating or resolving acute inflammation when necessary [85]. Recruited macrophages typically
exhibit an M1 phenotype, and are actively involved in managing excessive tissue expansion
associated with obesity as they form crown-like structures (CLS) around necrotic adipocyte debris
in order to contain and scavenge the remains of dead or dying cells [12].
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A phenotypic switch in macrophage polarization often takes place in obesity as M1 (proinflammatory) macrophages are typically more prevalent than M2 (anti-inflammatory)
macrophages in obese WAT relative to lean WAT [57, 86]. Moreover, the total number of
macrophages within WAT is often increased in obese participants, relative to lean, and can be
reduced through weight loss [87]. Interestingly, the M2 to M1 phenotypic switch in WAT
macrophages has been demonstrated to be reversible with weight loss following bariatric surgery
in adult female participants [88], and macrophage infiltration in murine WAT has been reported
to be positively correlated with average adipocyte size [80]; indicating that both the function and
amount of macrophages in WAT can at least be partially mediated by adiposity in both mice and
humans. Furthermore, a study by Xu et al. provided evidence that the upregulation of macrophagerelated inflammatory genes in WAT, such as MCP-1 and F4/80 (a macrophage-exclusive
glycoprotein located on the cellular membrane), is less dramatic in 45%HFD-induced obese mice
relative to 60%HFD-induced obese mice, and genetically-induced obese ob/ob, diabetic db/db,
agouti, and tubby mice of the C57Bl/6 strain after at least 15 weeks of diet consumption [89].
There are a number of studies that have reported the degree of adipose tissue macrophage
infiltration in WAT to be directly related to adiposity and BW [86, 90, 91]. High counts of necrotic
adipocytes and CLS in adipose tissue are now considered hallmarks of the obese phenotype, and
often precede the development of insulin resistance in obese mice [12, 92] and humans [93, 94].
Furthermore, adipose tissue macrophage infiltration in obesity is region-specific, as both
macrophage infiltration and necrotic adipocytes are more abundant in visceral adipose tissue
depots compared to subcutaneous adipose tissue in both rodent [46, 84, 95, 96] and human obesity
[94, 97, 98].
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It should additionally be noted that both M1 macrophages and adipocytes are significant
producers of inflammatory mediators such as TNF-α and IL-6, the secretion of which becomes
dysregulated in obesity as adiposity, rates of adipocyte death, macrophage infiltration, and the ratio
of M1:M2 macrophages are increased within WAT [79, 99-102]. A study by Hotamisligil et al.
demonstrated that TNF-α mRNA expression is elevated 2.5-fold in the WAT of obese participants
relative to that of lean controls, and that there is a strong correlation between hyperinsulinemia
and WAT TNF-α mRNA [103]. Furthermore, WAT concentrations of both TNF-α and IL-6 have
been positively correlated with BMI [104], and also with circulating levels of TNF-α and IL-6
[105], effectively linking excessive WAT expansion to both local and systemic inflammation.
Chronic low-grade inflammation both systemically and locally within adipose tissue is considered
a hallmark of the obese phenotype, is directly related to adiposity, and has been linked to the
development of obesity-associated co-morbidities such as glucose intolerance, insulin resistance
and T2DM [49, 106]. Excessive adipose tissue expansion can also promote ectopic lipid
deposition, therefore increasing the risk of skeletal muscle insulin resistance [107] as well as
NAFLD, the hepatic manifestation of the obese phenotype which is characterized by excessive
lipid deposition within the liver [10, 108].

2.2.3 Adipokine Dysregulation
In addition to its important roles in energy storage, inflammation, and metabolism, adipose
tissue is also known to produce various adipokines, which are cytokines that are secreted
exclusively or primarily by adipose tissue [8, 109-111]. Upon secretion by adipocytes, adipokines
such as leptin, resistin, and PAI-1 signal in a paracrine and endocrine manner, having both local
effects within adipose tissue, and systemic effects that regulate important and ubiquitous functions
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such as energy balance [112-115], inflammation and immunity [111, 116], and fibrinolysis [117,
118]. Similar to other aspects of adipose tissue biology, the secretion of adipokines is depotspecific and becomes dysregulated in obesity [14]. Adipokine dysregulation is yet another critical
hallmark of the obese phenotype, and given the ubiquitous nature of adipokines and their critical
functions both locally within adipose tissue and systemically, it is not surprising that adipokine
dysregulation in obesity has been linked to the development of potentially life-threatening
comorbidities such as T2DM [95], CVD [119], and atherosclerosis [117, 118].

2.2.3.1 Leptin
Leptin is a small peptide hormone secreted primarily by adipocytes [120]. Serum levels of
leptin are highly correlated with total WAT mass, and can be decreased by reducing total WAT
mass in both mice and humans [121]. Under lean physiological conditions, leptin is a long-term
regulator of energy balance via the inhibition of Agouti-related protein (AGRP) and neuropeptide
Y (NPY)-expressing neurons, and stimulation of pro-opiomelanocortin (POMC) and cocaine and
amphetamine related transcript-expressing neurons in hypothalamus, thus decreasing energy
balance through suppression of appetite and stimulation of energy expenditure [112-115].
However, a resistance to leptin has been demonstrated in obesity, reducing its effects in the
hypothalamus on appetite and energy expenditure, promoting weight gain [122]. In fact, a popular
mouse model of obesity, the ob/ob mouse, is completely deficient in the gene encoding leptin (ob),
which induces a severe obese phenotype characterized by marked hyperphagia, obesity and insulin
resistance, all of which can be reversed with regular leptin injections [123]. Diabetic (db/db) mice,
also used to genetically induce obesity, display a severe obese phenotype that is extremely similar
to that of the ob/ob mouse, however db/db mice are deficient in the gene encoding the leptin
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receptor (db), and therefore remain obese when supplemented with an exogenous source of leptin
[124].
Leptin is also an important pro-inflammatory factor that stimulates murine and human
helper T-cells to proliferate and produce inflammatory mediators such as IL-2 and IFN-γ [125],
human macrophages to proliferate and produce TNF-α and IL-6 [126], and rodent macrophages to
increase LPS-mediated production of TNF-α, IL-6, and IL-12 [127]. In addition to the ability of
leptin to stimulate the production of inflammatory mediators in various immune cells, TNF-α has
been demonstrated to induce leptin secretion in 3T3-L1 adipocyte cultures [128], indicating that
certain inflammatory mediators are also capable of stimulating leptin secretion in adipose tissue.
Furthermore, both ob/ob and db/db mice have been reported to possess defective immunity and
enhanced susceptibility to infections, which can be improved by leptin replacement in ob/ob, but
not db/db mice [116], indicating that both leptin and its receptor are actively involved in regulating
systemic inflammation and immunity. Leptin is also believed to be an important regulator of
reproduction [129, 130] and bone formation [131, 132], topics which are beyond the scope of this
thesis.
As demonstrated in Table 2-3, the extent to which hyperleptinemia (elevated circulating
levels of leptin) is induced by different HFDs is highly variable, ranging from not significantly
different, to elevated by ~32-fold in HFD-induced obese mice relative to lean control mice. This
discrepancy may also be a result of variations in study duration (i.e. the amount of time mice are
consuming their HFDs) and thus differences in the severity of obesity induced in study animals,
differences in the amount of time mice were fasted prior to leptin analysis, or differences in the
methods used to analyze leptin in serum or plasma, all of which increase the difficulty of
comparing results across multiple DIO studies in mice. Given the ubiquitous nature of leptin and
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its involvement in a number of important physiological processes, it is important to determine if
different obesogenic diets (i.e. 45%HFD and 60%HFD) differently impact obesity-associated
hyperleptinemia, as this would further indicate that results from studies using different obesogenic
diets cannot be interpreted interchangeably.
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Table 2-3: Impact of different HFDs on fasted circulating leptin in C57Bl/6 mice
Mean Leptin Mean Leptin
in Control
in Obese
Mice
Mice
0.319 ng/ml
4.88 ng/ml

%Kcal
from fat
60%HFD

Gender
Male

Study
Duration
32 Weeks

FoldIncrease
15.3

Source
Serum

Ref.
[60]

60%HFD

Male

24 Weeks

19.8 ng/ml

77.5 ng/ml

3.9

Plasma

[133]

60%HFD

Male

20 Weeks

2 ng/ml

26 ng/ml

13.0

Serum

[59]

60%HFD

Male

12 Weeks

250 ng/ml

1100 ng/ml

4.4

Plasma

[58]

60%HFD

Male

10 Weeks

2 ng/ml

7 ng/ml

3.5

Serum

[59]

60%HFD

Male

6 Weeks

19.8 ng/ml

39.9 ng/ml

2.0

Plasma

[133]

58%HFD

Male

16 Weeks

5 ng/ml

160 ng/ml

32.0

Serum

[134]

58%HFD

Female

10 Weeks

2 ng/ml

7 ng/ml

3.5

Serum

[135]

58%HFD

Male

8 Weeks

4 ng/ml

12 ng/ml

3.0

Serum

[136]

45%HFD

Male

27 Weeks

8 ng/ml

30 ng/ml

3.8

Serum

[137]

45%HFD

Female

27 Weeks

3 ng/ml

30 ng/ml

10

Serum

[137]

45%HFD

Male

20 Weeks

1 ng/ml

14 ng/ml

14

Serum

[59]

45%HFD

Male

15 Week

6 ng/ml

28 ng/ml

4.7

Serum

[138]

45%HFD

Male

12 Weeks

28 ng/ml

79.9 ng/ml

2.9

Serum

[139]

16

45%HFD

Male

10 Weeks

1 ng/ml

2 ng/ml

Unchanged

Serum

[59]

45%HFD

Male

9 Weeks

15.9 ng/ml

46.3 ng/ml

2.9

Serum

[69]

42%HFD

Male

10 Weeks

3.33 ng/ml

30.4 ng/ml

9.1

Serum

[140]

This table contains a summary of studies examining the impact of different obesogenic diets on fasted circulating levels of leptin (ng/ml)
in control and HFD-induced obese C57Bl/6 mice. Approximate fold-increase was calculated by dividing mean leptin in HFD-induced
obese mice by mean leptin in control mice.
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2.2.3.2 Resistin
Originally named for its ability to induce a resistance to insulin, resistin is secreted
primarily by WAT in mice, and by both peripheral blood mononuclear cells and WAT in humans
[111, 141]. Steppen et al. demonstrated that administration of an anti-resistin antibody improves
blood sugar and insulin action in mice with DIO, and that administration of recombinant resistin
in lean mice impairs glucose tolerance and insulin action [111]. Resistin has additionally been
shown to upregulate the production of inflammatory mediators such as TNF-α and IL-12 in
monocytes and macrophages via the nuclear factor kappa B (NFκB) pathway, which has been
linked to the development of obesity-associated co-morbidities including CVD [119] and T2DM
[95]. Serum levels of resistin are also tightly linked to glucose intolerance and are often elevated
in obese humans and rodents relative to their lean counterparts [111, 142-144]. Similar to leptin
dysregulation in obesity, different studies using different obesogenic diets with variable study
duration and methods of analysis have reported circulating levels of resistin to be increased in
HFD-induced obese animals relative to lean control animals, however the degree of this increase
is highly variable (Table 2-4). Given the pro-inflammatory nature of resistin and its association
with insulin resistance, CVD, and T2DM, circulating levels of resistin should be directly compared
in mice consuming 45%HFD and 60%HFD in order to determine if these diets differently impact
circulating levels of resistin in obesity.
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Table 2-4: Impact of different HFDs on fasted circulating resistin in C57Bl/6 mice
Mean
Resistin in
Control
Mice
0.05 ng/ml

Mean
Resistin in
Obese
Mice
1.6 ng/ml

FoldIncrease
32.0

Source
Serum

Ref.
[145]

%Kcal
from fat
60%HFD

Gender
Male

Study
Duration
20 Weeks

60%HFD

Male

12 Weeks

35 ng/ml

55 ng/ml

1.6

Serum

[58]

60%HFD

Male

12 Weeks

0.55 ng/ml

2.5 ng/ml

4.5

Serum

[62]

60%HFD

Male

10 Weeks

17 ng/ml

31 ng/ml

1.8

Serum

[63]

60%HFD

Male

9 Weeks

17.5 ng/ml

29.9 ng/ml

1.7

Serum

[64]

45%HFD

Male

20 Weeks

2.3 ng/ml

5.0 ng/ml

2.2

Serum

[66]

45%HFD

Male

18 Weeks

3.9 ng/ml

6.1 ng/ml

1.6

Serum

[68]

45%HFD

12 Weeks

25 ng/ml

42 ng/ml

1.7

Serum

[67]

45%HFD

Male
and
Female
Male

9 Weeks

1.2 ng/ml

4.4 ng/ml

3.7

Serum

[69]

33%HFD

Male

3 Weeks

42.2 ng/ml

77 ng/ml

1.8

Plasma

[146]

This table contains a summary of studies examining the impact of different obesogenic diets on
fasted circulating levels of resistin (ng/ml) in control and HFD-induced obese C57Bl/6 mice.
Approximate fold-increase was calculated by dividing mean leptin in HFD-induced obese mice by
mean leptin in control mice.

2.2.3.3 PAI-1
Plasminogen activator inhibitor-1 (PAI-1) is a key regulator of plasminogen activation,
which, when overexpressed, can disrupt fibrinolytic balance, thus predisposing the development
of various thrombotic disorders such as atherosclerosis [117, 118]. PAI-1 is expressed in multiple
tissues including smooth muscle [147], endothelial [118], and adipose tissue [148], and can be
induced by inflammatory mediators such as TNF- and transforming growth factor- (TGF-)
[40]. Given the excessive adipose tissue expansion and low-grade inflammatory state that takes
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place in obesity, it is not surprising that elevated circulating PAI-1 has previously been reported
to be associated with increased BMI [148], insulin resistance and T2DM [40], and severe
visceral/abdominal adiposity in both humans [149] and mice [150]. Furthermore, both
subcutaneous and abdominal adipose tissue-specific levels of PAI-1 have been reported to be
elevated in obese mice relative to their lean counterparts [70, 150], however it is currently unclear
if consumption of different HFDs in rodents differently impact fasted serum levels of PAI-1, thus
requiring further investigation. Additionally, PAI-1 expression in WAT appears to be depotdependant in humans, with visceral adipose tissue having been reported to produce as much as 5fold more PAI-1 than subcutaneous adipose tissue [151], providing a potential link between severe
visceral obesity, T2DM, and thrombosis.

2.2.4 Metabolic Dysfunction
In addition to adipokine dysregulation, systemic metabolic dysfunction is another critical
hallmark of the obese phenotype. Obesity-associated metabolic dysfunction is perhaps most
famously characterized by the development of insulin resistance within metabolically-active target
tissues including WAT and skeletal muscle [8, 152-154]. Aside from insulin, serum levels of
hormones such as ghrelin, which promotes positive energy balance and sensations of hunger [155],
and glucagon, whose functions directly oppose those of insulin [156], are also affected by obesity
and are likely to have an impact on the development of the obese phenotype. Moreover, the
effectiveness of incretins, which are hormones such as glucose-dependant insulinotropic peptide
(GIP) and glucagon-like peptide-1 (GLP-1) responsible for augmenting the post-prandial secretion
of insulin, have also been shown to be impacted in obesity [157-159]. Together these hormones
function to maintain systemic glucose homeostasis, and their dysfunction in the context of obesity
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has been linked to the development of comorbidities such as glucose intolerance [38], T2DM
[160], and CVD [161].

2.2.4.1 Insulin, Glucose Homeostasis, and HOMA-IR
Insulin is secreted primarily by pancreatic β-cells and acts to enhance the uptake of blood
glucose in metabolically active target tissues (eg. adipose, muscle) via the insulin receptor [162].
The insulin receptor is a transmembrane tyrosine kinase surface receptor that, when activated,
phosphorylates intracellular insulin receptor substrate-1 (IRS-1), the downstream effects of which
induce the translocation of glucose transporter type-4 (GLUT-4) to the outer cellular membrane
[163], thus increasing cellular glucose uptake. In adipocytes specifically, the downstream
transcriptional products of insulin signalling are also known to promote differentiation of preadipocytes into adipocytes, stimulate glucose transport and lipogenesis, and inhibit lipolysis via
the phosphoinositide 3-kinase/protein kinase B (PI3K/Akt) signalling pathway [164].
Inflammation and metabolic health are tightly linked [153, 162, 165, 166], especially in
WAT [167, 168]. Therefore, it is not surprising that chronic inflammation in obese WAT is
associated with local and systemic insulin resistance [8, 152-154]. As previously discussed in
section 2.2.2, concentrations of inflammatory mediators such as IL-6 and TNF-α are increased
both locally within adipose tissue and systemically in obesity [79, 99-102]. The downstream
effects of both inflammatory mediators result in the inhibition of IRS-1, thereby blunting the
downstream effects of insulin signalling in inflamed tissues and effectively blocking GLUT-4
translocation to the outer membrane [163, 169-172]. A study conducted by Uysal et al. reported
that both diet-induced obese C57Bl/6 and ob/ob mice exhibit increased WAT TNF-α mRNA
expression and hyperinsulinemia compared to lean controls, however both types of obese mice
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were protected from hyperinsulinemia when deficient in functional TNF-α [173], effectively
linking high WAT levels of TNF-α to the development of chronic inflammation and insulin
resistance within adipose tissue. In response to reduced systemic insulin sensitivity, fasted levels
of insulin are often increased in obesity as the pancreas attempts to maintain systemic glucose
homeostasis [174]. Elevated circulating levels of insulin indicate that increased amounts of the
hormone are required to effectively normalize blood glucose levels due to resistance in target
tissues [175]. Insulin resistance is thus considered a critical hallmark of the obese phenotype, with
fasted circulating levels of insulin being highly correlated with total fat mass [176, 177], and
especially with total visceral WAT mass [178]. Insulin resistance can also increase the risk of
developing obesity-associated co-morbidities such as T2DM [160], CVD [161], and
atherosclerosis [179].
In addition to insulin resistance, glucose intolerance also often develops as consequence of
obesity [38]. As the term suggests, glucose intolerance refers to the reduced ability of an organism
to clear glucose from the bloodstream, which can be characterized by chronic hyperglycemia.
Glucose intolerance can be easily identified with an oral glucose tolerance test (OGTT), which
requires humans or animals to be fasted for at least 6-8 hours and have their blood glucose levels
recorded. After fasting blood glucose levels are recorded, humans or animals are administered a
glucose load (typically 2 g/kg in mice or a fixed 75 g dose in humans), and have blood glucose
measurements recorded every 15 minutes for the first hour, and every 30 minutes for the second
hour following administration [180-182]. Blood glucose levels typically increase 15 minutes
following administration as glucose is absorbed into systemic circulation, and then gradually
decrease over time towards basal levels as glucose is cleared into target tissues with the assistance
of insulin [180]. In obesity and T2DM, both fasting blood glucose levels and blood glucose area
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under the curve (AUC) over the course of the OGTT tend to be higher than that of metabolically
healthy individuals due to the development of systemic glucose intolerance, resulting in
chronically elevated blood glucose levels and an impaired ability to clear excess glucose from
circulation [38, 178, 180].
The homeostatic model assessment of insulin resistance (HOMA-IR) is a popular and
reliable indicator of insulin resistance in both mice and humans [183]. Although there is
considerable inter-individual variability, low values (HOMA-IR<2.5) are typically observed in
lean participants and indicate insulin sensitivity, while high values (HOMA-IR>4) are typically
observed in obese and T2DM participants, and indicate insulin resistance [184-187]. HOMA-IR
calculations factor fasting circulating insulin and glucose levels to determine insulin sensitivity,
and can be used as an independent risk factor for the development of obesity-associated
comorbidities including CVD and atherosclerosis [161, 188]. There are a variety of methods
available to determine HOMA-IR depending on preferred units of measurement (eg. mmol/L or
mg/dL for glucose and μU/mL or pg/ml for insulin), however for the purposes of this thesis,
HOMA-IR will be calculated as follows [189]:
HOMA-IR = (glucose(mmol/L) x insulin (μU/mL)) / 22.5
Although systemic metabolic dysfunction is a critical hallmark of the obese phenotype,
glucose homeostasis is a highly regulated physiological process, with circulating glucose levels
normally being maintained within relatively narrow concentration range, and with circulating
levels of insulin capable of being drastically increased in order to compensate for resistance in
target tissues [175]. As shown in Table 2-5, a majority of HFDs are capable of reliably inducing
both hyperglycemia and hyperinsulinemia in mice. However, it should be noted that some studies
have indicated that circulating glucose levels are not always elevated in mice with DIO relative to
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lean control mice, and that there is extreme variability with respect to both circulating levels of
insulin and HOMA-IR values in mice with DIO. Since different HFDs are currently being cited
and utilized interchangeably in literature, it is important to determine the degree to which
metabolic dysfunction (i.e hyperglycemia and hyperinsulinemia) is differently impacted by
different obesogenic diets in mice.
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Table 2-5: Impact of different HFDs on markers of systemic metabolic dysfunction in C57Bl/6 mice

%Kcal
from fat

60%HFD

60%HFD

60%HFD

60%HFD

60%HFD

Study
Duration

32 Weeks

20 Weeks

16 Weeks

12 Weeks

10 Weeks

Impact on Mean
Fasted Glucose
Levels
Serum*
Control: 7.0 mmol/l
HFD: 8.7 mmol/l
Fold-Increase: 1.2

Impact on Mean
Fasted Insulin
Levels
Serum#
Control: 366 pg/ml
HFD: 3480 pg/ml
Fold-Increase: 9.5

Control: 3.2 AU
HFD: 39.1 AU
Fold-Increase: 12.2

[60]

Blood*
Control: 6.4 mmol/l
HFD: 7.8 mmol/l
Fold-Increase: 1.2

Serum
Control: 500 pg/ml
HFD: 1200 pg/ml
Fold-Increase: 2.4

Control: 3.71 AU
HFD: 13.54 AU
Fold-Increase: 3.7

[59]

Serum
Control: 8.0 mmol/l
HFD: 9 mmol/l
Fold-Increase: N/A

Serum#
Control: 627 pg/ml
HFD: 1740 pg/ml
Fold-Increase: 2.8

Control: 7 AU
HFD: 22 AU
Fold-Increase: 3.1

[61]

Plasma*
Control: 7.3 mmol/l
HFD: 7.6 mmol/l
Fold-Increase: N/A

Plasma#
Control: 843 pg/ml
HFD: 1680 pg/ml
Fold-Increase: 2.0

Control: 9.2 AU
HFD: 32.6 AU
Fold-Increase: 3.5

[58]

Blood*
Control: 6.4 mmol/l
HFD: 7.8 mmol/l
Fold-Increase: 1.2

Serum
Control: 400 pg/ml
HFD: 800 pg/ml
Fold-Increase: 2.0

Control: 3.4 AU
HFD: 6.54 AU
Fold-Increase: 1.9

[59]
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Impact on Mean
HOMA-IR

Ref.

60%HFD

45%HFD

45%HFD

45%HFD

45%HFD

37.4%HFD

8 Weeks

20 Weeks

16 Weeks

10 Weeks

9 Weeks

24 Weeks

Plasma
Control: 7 mmol/l
HFD: 8.5 mmol/l
Fold-Increase: 1.2

Plasma
Control: 2000 pg/ml
HFD: 3600 pg/ml
Fold-Increase: 1.8

Control: 9.9 AU
HFD: 30.1 AU
Fold-Increase: 3.0

[190]

Blood*
Control: 6.6 mmol/l
HFD: 6.6 mmol/l
Fold-Increase: N/A

Serum
Control: 500 pg/ml
HFD: 600 pg/ml
Fold-Increase: N/A

Control: 3.71 AU
HFD: 4.98
Fold-Increase: N/A

[59]

Plasma
Control: 8.0 mmol/l
HFD: 7.9 mmol/l
Fold-Increase: N/A

Plasma
Control: 620 pg/ml
HFD: 1660 pg/ml
Fold-Increase: 2.7

Control: 1.3 AU
HFD: 3.3 AU
Fold-Increase: 2.5

[191]

Blood*
Control: 6.4 mmol/l
HFD: 6.4 mmol/l
Fold-Increase: N/A

Serum
Control: 400 pg/ml
HFD: 500 pg/ml
Fold-Increase: N/A

Control: 3.4 AU
HFD: 3.67 AU
Fold-Increase: N/A

[59]

Blood*
Control: 7.2 mmol/l
HFD: 9.1 mmol/l
Fold-Increase: 1.3

Serum#
Control: 498 pg/ml
HFD: 875 pg/ml
Fold-Increase: 1.8

Control: 4.1 AU
HFD: 11.5 AU
Fold-Increase: 2.8

[69]

Blood
Control: 5.3 mmol/l
HFD: 8.2 mmol/l
Fold-Increase: 1.5

Serum#
Control: 299 pg/ml
HFD: 1610 pg/ml
Fold-Increase: 5.4

Control: 2.01 AU
HFD: 16.83 AU
Fold-Increase: 8.4

[192]

26

37.1%HFD

26.9%HFD

20 Weeks

20 Weeks

Blood
Control: 6.8 mmol/l
HFD: 9.3 mmol/l
Fold-Increase: 1.4

Serum#
Control: 237 pg/ml
HFD: 2230 pg/ml
Fold-Increase: 9.4

Control: 2.01 AU
HFD: 22.22 AU
Fold-Increase: 11.0

[193]

Plasma*
Control: 7.0 mmol/l
HFD: 12.7 mmol/l
Fold-Increase: 1.8

Plasma
Control: 700 pg/ml
HFD: 3300 pg/ml
Fold-Increase: 4.7

Control: 7.6 AU
HFD: 38.5 AU
Fold-Increase: 5.1

[194]

This table contains a summary of studies examining the impact of different obesogenic diets on fasted circulating levels of glucose
(mmol/l), insulin (pg/ml), and mean HOMA-IR (arbitrary units) in control and HFD-induced obese male C57Bl/6 mice. The * symbol
indicates that circulating glucose values were converted from mg/dL to mmol/L using the following formula: 1 mg/dL /18 = 1 mmol/L
[195]. The # symbol indicates that circulating insulin values were converted from 𝜇U/ml to pg/ml. First, insulin values in 𝜇U/ml were
converted to nmol/l using the following formula: 1 𝜇U/ml = 6 nmol/l [196]. Insulin values in nmol/l were then converted to g/L using
the following formula: (grams of insulin/moles of insulin) = (molar mass of insulin/1 mole), using 5.808 kDa as the molar mass of
insulin [197]. Values were then converted from insulin in g/l to insulin in pg/ml. Approximate fold change was calculated by dividing
fasted circulating glucose, insulin, or HOMA-IR in lean control mice by fasted circulating glucose, insulin, or HOMA-IR in HFDinduced obese mice.
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2.2.4.2 Ghrelin
Ghrelin is a circulating hormone that is secreted primarily by endocrine cells of the
gastrointestinal mucosa located in the upper portion of the stomach [198]. Ghrelin is a fast-acting,
short-term regulator of energy balance, with acetylated ghrelin having a half-life of 9-13 minutes
and total ghrelin having a half-life of 27-31 minutes [199]. Only acetylated ghrelin is capable of
activating the ghrelin receptor, growth hormone secretogogue receptor-1a (GHSR-1a) [200].
Ghrelin is also a potent stimulator of growth hormone secretion in addition to its ability to promote
food intake and energy storage [155]. Ghrelin acts to directly antagonize the satiating effects of
leptin in the hypothalamus by stimulating AGRP- and NPY-expressing neurons and inhibiting
POMC-expressing neurons, thus promoting a state of positive energy balance and sensations of
hunger [113]. Interestingly, total circulating levels of ghrelin have been shown to be decreased in
obese humans and rodents compared to their lean counterparts [201-204], and have also been
negatively correlated with BMI [205]. The observation that circulating levels of ghrelin are
decreased in obesity is surprising given the orexigenic properties of the hormone, however more
research is currently required to determine the mechanism by which circulating levels of ghrelin
are reduced in obesity, and if the degree of obesity induced by different obesogenic diets differently
impact circulating levels of ghrelin in animals with DIO. Furthermore, circulating levels of ghrelin
have also been shown to be dependent on nutrient status, as circulating ghrelin tends to increase
leading up to a meal, thereby promoting sensations of hunger, and decrease rapidly post-prandially
[205]. Moreover, Tschöp et al. demonstrated in both mice and rats that circulating ghrelin levels
can be reduced by feeding or by oral glucose administration, but not by filling the stomach with
water, thus confirming that circulating levels of ghrelin are at least partially regulated by nutrient
intake, and not simply by stomach expansion [206].
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2.2.4.3 Glucagon
In contrast to the effects of insulin, glucagon is produced by pancreatic α-cells, suppressed
by the actions of both insulin and GLP-1, and is responsible for increasing blood glucose levels
[156]. Hyperglucagonemia can occur as a consequence of T2DM as pancreatic α-cells become
resistant to the inhibitory effects of insulin, resulting in moderately to highly elevated circulating
glucagon levels and further contributing to hyperglycemia in addition to the effects of peripheral
insulin resistance [207-209]. A study by Müller et al. discovered hyperglucagonemia to be present
in all 26 participants with T2DM relative to a comparatively healthy control population, and that
16 of 26 participants with T2DM displayed absolute hyperglucagonemia (over 240 pg/ml).
Morever, Müller et al. also demonstrated a correlation between hyperglucagonemia and blood
glucose levels, indicating that glucagon may be involved in the pathogenesis of T2DM [210];
however more research is currently required to determine the extent to which glucagon influences
T2DM disease severity and the development of the obese phenotype, and if the degree of obesity
induced by different HFDs differently impact circulating levels of glucagon in animals with DIO.

2.2.4.4 Incretins: GIP and GLP-1
Gastric inhibitory peptide, also known as glucose-dependant insulinotropic peptide (GIP),
and glucagon-like peptide-1 (GLP-1) are both incretin hormones that cause blood glucose levels
to decrease, and are released post-prandially to augment the secretion of insulin from the pancreas
in a blood glucose-dependent manner [211]. GIP is released from intestinal K cells, which are
found primarily in the duodenum and jejunum, and GLP-1 is released from L-cells found primarily
in the distal ileum and colon [211]. In addition to its ability to augment insulin secretion by
pancreatic beta cells, GLP-1 has also been reported to inhibit glucagon secretion by pancreatic
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alpha cells [212]. Both incretins are rapidly degraded by dipeptidyl peptidase IV (DPPIV), and are
therefore found only in trace amounts in circulation in the fasted state [212]. Although fasting
levels of GIP and GLP-1 do not significantly differ between lean, obese, or diabetic individuals,
the incretin response (the ability of orally-administered nutrients to induce a greater degree of
insulin secretion relative to intravenously-administered nutrients) has been found to be
significantly blunted in diabetic and insulin-resistant humans relative to comparatively healthy
participants [157-159].

2.3 Colon Health and Endotoxemia in Obesity
There are many factors that contribute to the development of the obesity [26, 27] and there
is now considerable evidence that colon health is also altered in obesity and may greatly contribute
to the development and severity of the obese phenotype [213]. The colon can be divided into
proximal and distal segments, with each segment having unique physiological features such as pH,
oxygen levels, and nutrient status [214, 215]. From apical to basolateral, the colonic mucosal
epithelium is composed of a mucous layer, which is a hydrated multilayer gel complex [216], and
the colonic epithelium, which is structurally characterized by intestinal crypts (invaginations of
the epithelium) [217]. Together, the colonic epithelium and mucous layer form a continuous
physical and immunological barrier, a surface to prevent adhesion of pathogens, and a system to
regulate the paracellular diffusion of nutrients into host tissue [217, 218].
The intestinal lumen, specifically the outer mucous layer, additionally acts as a residence
for the microbiota, a vast community of microbes that coexist with host in a symbiotic manner
under normal physiological conditions [218]. Interestingly, there is now evidence that microbial
community structure and function is distinctly shifted in obesity, a state referred to as microbial

30

dysbiosis [219] which has been linked to the development of endotoxemia, another hallmark of
the obese phenotype which is characterized by chronically elevated circulating levels of a
bacterially-derived endotoxin (LPS) [15]. There is currently evidence to suggest that microbial
dysbiosis has a considerable impact on both colon health and the obese phenotype [21]; it is
therefore important to first discuss the changes that take place within the microbiota in obesity to
provide critical context regarding the relationship between colon health, endotoxemia, and obesity.

2.3.1 The Microbiota in Obesity
The human colon harbours a vast community of 1014 (1.4 kg) microbes, more numerous
and diverse than anywhere else in or on the body [218]. Although most individuals have a
relatively stable adult microbiota, infants are initially born sterile; therefore the infant microbiota
is rather volatile due to the rapid colonization that takes place during the first few years of life, at
which point intestinal microbial community rapidly increases in number and diversity [220].
Moreover, adult microbial community composition and function is subject to inter-individual
variability, and can be influenced by factors such as diet [221], antibiotic [222], prebiotic [223],
or probiotic consumption [224], genetics [225], method of delivery at birth and feeding during
infancy [226, 227], lifestyle [228], environmental and geographical effects [229].
The host and microbiota maintain an important symbiotic relationship where the host
provides the microbiota with a habitat and nutrients, and the microbiota produce valuable
metabolites such as vitamin K, and short chain fatty acids (SCFAs) such as acetate (C2), propionate
(C3) and butyrate (C4) [230]. SCFAs are found and produced in their greatest concentrations
within the cecum and colon (decreasing in concentration from the proximal to distal end of the
tract) [230], are produced in a relatively consistent ratio of 60:20:20 respectively [231], and are
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by-products of the fermentation of indigestible dietary CHO (eg. fiber, galactooligosaccharides,
resistant starch) [231]. Butyrate is especially beneficial to colon health given that it is the primary
source of energy for colonocytes, the cell type comprising the vast majority of the colonic
epithelium [232]. Furthermore, butyrate can also directly inhibit the expression of IFN-γ, nitric
oxide synthase, TNF-α, IL-6, and IL-12 via inhibition of histone deacetylase, having an antiinflammatory effect within the colon [233-235]. However, the microbiota has also been suggested
to play a major role in the development of obesity, as evidenced by the discovery that germ-free
mice are resistant to the effects of DIO [19], and that intestinal microbial community composition
is distinctly shifted in obese humans [236-238] and mice [17, 239-241] relative to their lean
counterparts.
Microbial dysbiosis associated with obesity is broadly characterized by reduced overall
microbial community diversity and altered microbial community activity [17, 18]. The two most
dominant bacterial phyla in the human colon are the Firmicutes and Bacteroidetes, which have
been reported to comprise over 90% of the colonic microbiota, with other significant phyla
including Proteobacteria, Actinobacteria, and Verrcoumicrobia, which have been reported to
comprise ~1-4% of the colonic microbiota [242]. Interestingly, in obesity the ratio of
Firmicutes:Bacteroidetes has been reported to increase [243], decrease [236], or not change at all
[244], and is currently controversial. Additionally, Proteobacteria and Bacteroidetes-Prevotella
spp. have been reported to be enriched in diabetic individuals relative to nondiabetics [242].
Obesity has also been associated with reductions in potentially beneficial microbes including
Bifidobacterium spp. (Actinobacteria) which have been reported to be associated with improved
glucose tolerance, reduced endotoxemia, and reduced adipose tissue inflammation in HFDinduced obese mice [245], and Akkermansia muciniphila (Verrucomicrobia) which has been
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reported to be inversely correlated with body weight, endotoxemia, insulin resistance, and adipose
tissue inflammation [246].
Characteristic changes in microbial community activity in obesity typically include the
altered production of SCFA, and changes in bile acid metabolism [19, 70, 221, 247, 248]. As
discussed, SCFA such as butyrate are able to impart various beneficial effects on the colonic
epithelium, however SCFA such as acetate and propionate can additionally be taken up by the liver
and incorporated into complex lipids to be stored as a source of energy within adipose tissue, thus
potentially exacerbating the obese phenotype [249]. In mice, Turnbaugh et al. demonstrated that
obese mice had a greater capacity for energy harvest than lean mice; in other words obese mice
were more efficient at extracting energy derived from indigestible dietary CHO relative to lean
mice [249]. Furthermore, this trait was found to be transmissible given that germ free recipient
mice were demonstrated to gain increased weight upon reception of a fecal transplant originating
from obese donors relative to germ free mice receiving a fecal transplant originating from lean
donors [249]. Increased energy harvest associated with obesity has additionally been demonstrated
in humans, as the rate of CHO fermentation has been reported to be increased in obese, relative to
lean, humans [250], and plasma SCFA levels have been reported to be positively associated with
BMI, visceral fat mass, and with hepatic de novo lipogenesis [251]. Together these studies indicate
that the rate of SCFA production, uptake, and incorporation into complex lipids are all increased
in obesity, thus directly linking the microbiota to the development of the disease.
In addition to the fermentation of indigestible CHO into SCFA metabolites, certain
microbes including members of the Bacteroides, Eubacterium, and Clostridium genera are also
able to metabolize bile acids (eg. cholic acid) into various secondary metabolites such as
deoxycholate and lithocholate acids [252]. Bile acids are derived from cholesterol, produced in the
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liver, stored in the gallbladder, secreted in the duodenum, and function to emulsify dietary fat and
fat-soluble vitamins, thereby facilitating their absorption [252]. This is significant because both
mammalian bile acids and microbial secondary metabolites of mammalian bile acids are ligands
for the nuclear hormone receptor, farnesoid X (FXR); FXR is expressed within intestinal, hepatic,
and adipose tissue, as well as macrophages, with the collective downstream transcriptional
products of FXR influencing a number of important biological functions including bile acid
synthesis and transport, lipid and CHO metabolism and storage, and intestinal innate immunity
[253]. Upon activation, FXR has the effect of downregulating genes involved in bile acid synthesis
and lipogenesis (eg. cytochrome P450-7A1 and cytochrome P450-8b1), but upregulating the
expression and activity of transporters involved in bile formation and lipid secretion within the
liver (eg. intestinal bile-acid binding protein) [254]. Moreover, FXR activation in LPS-stimulated
macrophages has been reported to downregulate IL-1𝛽, IL-6, and TNF-𝛼 [255, 256]. This implies
that the microbiota is capable of modulating critical biological functions influenced by FXR, such
as lipid and CHO metabolism and colonic inflammation via the production of secondary bile acid
metabolites [257]. In addition to this, bile is an amphipathic substance that is capable of directly
damaging bacterial membranes through interacting with phospholipids [258]. This is especially
relevant in HFD-induced obesity wherein bile secretion has been reported to be increased, which
may impact microbial community composition, bile acid secondary metabolite production by the
microbiota, and therefore host metabolic function [259].

2.3.2 Endotoxemia
In addition to the ability of the microbiota to produce SCFA and various secondary bile
acid metabolites, the microbiota is also the primary source of LPS [21]. LPS, otherwise known as
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endotoxin, is a potent pro-inflammatory compound that is commonly found in the outer membrane
of Gram negative bacteria such as Proteobacteria or Bacteroidetes [21]. Endotoxemia, a state
characterized by chronically elevated circulating levels of endotoxin, has been suggested to play a
significant role in the development and severity of the chronic low-grade inflammatory state
associated with obesity [15]. Chronic endotoxemia is frequently observed in obesity, as obese
diabetics often have increased circulating LPS (approximately 5.5 endotoxin units/ml) relative to
healthy humans (approximately 3.1 endotoxin units/ml) [260, 261].
In circulation, LPS is detected by lipopolysaccharide binding protein (LBP), an aptlynamed circulating factor produced by the liver which is responsible for detecting and binding to
circulating LPS [262]. With assistance from soluble cluster of differentiation 14 (sCD14), the
LBP-LPS complex is then able to bind to any cell type expressing either toll-like receptor-2 or -4
(TLR-2, TLR-4) [262]. Notable cell types expressing these receptors include macrophages and
adipocytes [263, 264], both of which are the two primary cell types comprising adipose tissue, and
both of which are also major producers of the inflammatory mediators TNF-𝛼 and IL-6 [12, 79,
99-102].
Due to the pro-inflammatory nature of LPS, endotoxemia is believed to exacerbate and
potentially predispose the development of adipose tissue dysfunction associated with obesity [15].
In human abdominal subcutaneous adipocytes, Creely et al. demonstrated that LPS stimulation
was sufficient to increase TLR-2 expression, NF𝜅B activity, and the secretion of both TNF-α and
IL-6 [260]. In the same study, obese humans were found to have increased adipose tissue
concentrations of TLR-2 and TLR-4 compared to lean participants, and type 2 diabetics were found
to have 76% higher circulating LPS levels than weight-matched controls, along with increased
abdominal subcutaneous adipose tissue expression of NFκB [260]. Excessive adipose tissue
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inflammation has also been associated with increased MCP-1 secretion by adipocytes, providing
a link between obesity-induced endotoxemia, increases in macrophage infiltration within adipose
tissue, and exacerbation of both local and systemic inflammation in obesity [50].
Endotoxemia can additionally increase the risk of developing a number of obesityassociated co-morbidities. In addition to T2DM participants having 76% higher circulating LPS
than lean controls, Creely et al. also found fasting insulin levels to be significantly correlated with
serum endotoxin levels, even in a non-diabetic study population [260]. Furthermore, Mehta et al.
examined the effects of acute endotoxemia in 20 healthy adults (10 male and 10 female), and found
that a single 3 ng/kg intravenous bolus of endotoxin was sufficient to induce systemic insulin
resistance as indicated by a 35% reduction in insulin sensitivity index, suppression of IRS-1
activity in WAT, and increased expression of adipose tissue TNF-𝛼, IL-6, and MCP-1 [265].
Together, these studies demonstrate a direct link between endotoxemia, insulin resistance, and risk
of developing T2DM. Obesity-associated endotoxemia has also been linked to the development of
other significant obesity-associated comorbidities including CVD [266] and atherosclerosis [267].

2.3.3 LPS Uptake via Lipid Co-Absorption
As a compound produced primarily within the intestinal lumen, there are two primary
mechanisms by which LPS is able to translocate from the intestinal lumen into systemic
circulation. Firstly, LPS as a lipophilic molecule has a natural affinity for dietary lipids and can
therefore be co-transported across the colonic epithelium alongside normal lipid absorption;
translocated LPS is then incorporated into chylomicrons to be distributed throughout the body
[268]. Laugerette et al. demonstrated this principle in healthy humans where it was found that a
mixed meal containing dispersed lipids (33 g of fat) was sufficient to increase circulating levels of
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endotoxin, sCD14, and IL-6 [268]. In the same study, Laugerette et al. also conducted an in vitro
experiment in which the incubation of Caco-2 cells with increasing concentrations of fatty acids
was found to enhance epithelial permeability to LPS [268]. An additional in vitro study conducted
by Eckhardt et al. found that Caco-2 cells release more LPS when incubated with oleic acid, a long
chain fatty acid which promotes chylomicron formation, than when incubated with butyric acid, a
SCFA that does not promote chylomicron formation, and that the effect of oleic acid could be
blocked by administering an inhibitor of chylomicron formation (Pluronic L-81) to the cells [269].
Another in vivo experiment conducted by Vors et al. examined the impact of acute post-prandial
endotoxemia in healthy and obese age-matched men challenged with a breakfast consisting of
either 10g or 40g of fat, and found endotoxemia to be elevated only in obese individuals consuming
40g fat for breakfast, and that the chylomicrons of obese humans were more enriched with LPS
compared to the chylomicrons of metabolically healthy individuals also consuming the 40g fat
breakfast [270]. Together, these results link increased obesity disease severity and dietary fat
content to increased postprandial endotoxemia. To compliment this data, Pendyala et al. examined
the impact of administering either a western style diet (40% fat content) or a calorie-matched
“prudent style diet” (20% fat content) to 3 healthy men and 5 healthy post-menopausal women for
one month each in a cross-over experiment [271]. It was discovered that 1 month on a western
style diet increased endotoxemia in study participants by 71% relative to baseline levels, and 1
month on the prudent style diet decreased endotoxemia in participants by 31% relative to baseline
levels [271], thus highlighting the importance of diet composition in the modulation of
endotoxemia. Given that endotoxemia is now considered an important component of the obese
phenotype, it is therefore important to consider the impact that different obesogenic diets (i.e.
45%HFD and 60%HFD) may have on this parameter, especially given the high levels of fat in
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these diets which may facilitate LPS uptake, and the particular sensitivity of the microbiota, the
primary source of endotoxin in the body, to host diet composition.

2.3.4 The Colonic Epithelial Barrier and LPS Uptake in Obesity
The second known mechanism by which LPS is able to translocate from the intestinal
lumen into systemic circulation involves obesity-associated reductions in colonic epithelial barrier
integrity. As previously discussed, the colonic epithelium is capable of acting as a physical and
immunological barrier to potential pathogens such as LPS in addition to regulating the paracellular
diffusion of nutrients [217, 218]. The colonic epithelium is largely composed of intestinal
epithelial cells (colonocytes), which are the most abundant cell type within the colonic epithelium
[218]. Colonocytes are highly organized cells arranged in a linear fashion, forming a physical
barrier that is interconnected by an intricate set of proteins composing a series of complex and
homogenized structures known as tight junctions [217]. There are over 40 known junction proteins,
including occludin, claudin, zonula occludens (ZO-1), junction adhesion molecule-1 (JAM-1), and
F-actin [272]. Tight junctions are located near the apical surface of the lateral membrane on
colonocytes, and their purpose is to maintain the intercellular seal of the epithelium [273]. These
junctions form a physical barrier between adjacent epithelial cells, and assist in preventing lateral
diffusion and loss of polarity [274]. With assistance from junction proteins, epithelial cells are
polarized to preserve apical endocytosis and basolateral exocytosis of nutrients via diffusion and
active transport [275]. Additionally, different claudins and occludin are able to regulate nutrient
uptake by controlling the diffusion of small ions and solutes across the epithelial barrier [276].
Under normal physiological conditions, the strength and permeability of tight junctions can be
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regulated by myosin phosphorylation, increasing or decreasing permeability in response to
changes in local nutrient transport requirements [273].
Interestingly, the expression of certain junction proteins such as claudin-1, ZO-1, and
occludin have been shown to be impacted by the PI3K/Akt pathway, which is known to be
downregulated by LPS and inflammatory stimuli [277], and may therefore be impacted by local
inflammation within the colon. It is important to note that a state of low-grade inflammation
frequently develops as a manifestation of the obese phenotype within the colon [21]. A study by
Kim et al. demonstrated in C57Bl/6 mice that administration of a 60% HFD for 8 weeks was
sufficient to induce obesity and dysbiosis in mice, accompanied by increased fecal and plasma
concentrations of LPS, and expression of circulating (ex. TNF-𝛼, IL-6, and IL-1𝛽), and colonic
(TLR4, nitrous oxide synthase, and cyclooxygenase 2) pro-inflammatory mediators, accompanied
by increased colonic NF𝜅B activation [21]. In the same study, it was also shown that the proinflammatory effects of LPS could be reduced in mice lacking TLR-4, a critical LPS receptor [21].
Furthermore, a study by Singh et al. demonstrated in C57Bl/6 mice that 60% HFD-induced obesity
causes significant increases in colonic TNF-α expression and changes in claudin expression,
including decreased claudin-1, -3, -4, -7, -15, and increased expression of the pore-forming
claudin, claudin-2, compared to mice fed a low-fat diet [278]. These findings additionally
coincided with increased intestinal permeability to FIT-C dextran, and reduced intestinal transepithelial electrical resistance (TEER), both of which are direct indicators of intestinal
permeability [278]. Taken together, these studies effectively demonstrate how obesity-induced
dysbiosis can increase luminal concentrations of LPS, initiate colonic inflammation, increase
colonic epithelial barrier permeability, culminating in elevated endotoxemia.
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2.3.5 The Mucous Layer in Obesity
Goblet cells, which play a key role in regulating the structure and function of the mucous
layer, are found in abundance within the crypts of the colonic epithelium in addition to
colonocytes. Goblet cells actively secrete heavily glycosylated mucin proteins such mucin-2
(MUC-2), a protein in a family of about 20 members that can either be secreted (MUC-2), or bound
to epithelial membranes (MUC-1, MUC-3, MUC-17) [216]. The purpose of these proteins is to
keep the mucous layer organized in the form of a hydrated multilayer gel complex [216]. The
mucous layer acts as a buffer zone that limits direct contact of the contents within the intestinal
lumen with the colonic epithelium. The interior of the mucous layer is thick and adheres to
epithelial cells, deterring the habitation of microorganisms and keeping the epithelial surface free
of pathogens [279] while the exterior of the mucous layer is looser and less adherent, acting as a
habitable zone for the microbiota [279]. This organization is maintained in part by the complex
structure of mucins, and by their many patterns of glycosylation, or glycoforms, allowing them to
form dynamic yet organized structures [280]. Moreover, the glycans attached to MUC-2 can be
consumed as nutrients by commensal bacteria residing within the intestinal lumen, and also act as
a binding site for these microbes, allowing them to assist in the maintenance of intestinal
homeostasis while hindering pathogenic organisms targeted by the colonic immune system [281].
On a larger scale, the mucous layer also acts as a lubricant that aids in the passage of bulk digesta
[218].
In addition to constitutive secretion of mucins by goblet cells, mucin secretion can also be
induced by inflammatory stimuli such as LPS and TNF-α, and can be increased during active states
of inflammatory bowel diseases (IBD) as a compensatory mechanism to help resolve inflammation
[216, 282]. However, severe intestinal inflammation or IBD can also reduce goblet cell density

40

and even deplete goblet cells of MUC-2, resulting in a drastic thinning of the mucous layer [283,
284]. In particular, MUC2-deficiency in mice has been shown to increase mucous layer
permeability, which predisposes the development of spontaneous IBD as potential pathogens are
allowed to come into close proximity to the colonic epithelium, triggering strong immune
responses against the microbiota and reducing epithelial barrier integrity [279, 285]. Furthermore,
butyrate (which is produced by the microbiota) has also been demonstrated to increase the
expression of various mucin proteins such as MUC-2 and MUC5-AC in goblet cell-like LS175T
[286] and HT-29 cells [287], thus providing another mechanism through which obesity-associated
dysbiosis could potentially influence the mucosal epithelium. Although low-grade intestinal
inflammation [21, 288] and changes in SCFA production [250, 251] are both characteristic of the
obese phenotype, and are also capable of modulating mucin secretion by goblet cells [216, 282],
more research is currently required to truly elucidate the effects of HFD-induced obesity on the
colonic mucosal epithelium.

2.3.6 Histomorphological Aspects of the Colonic Mucosal Epithelium in Obesity
There is currently a surprising lack of literature regarding the effect of DIO on both
proximal and distal colonic histomorphological parameters such as crypt height, goblet cell
density, and mucous layer thickness, an issue that is further complicated by the fact that those who
have studied these parameters have used a variety of diet formulations which have the potential to
differently impact these critical aspects of colon health, making it difficult to compare results
across multiple studies (Table 2-6). For example, a study by Bérengère et al. showed in C57Bl/6
mice consuming non-purified diets that increasing dietary fat content from 2.2% to 45% led to
obesity and increased goblet cell density in both the duodenum and distal colon [20]. Furthermore,
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a 45%HFD administered to C57Bl/6 mice was found to increase body weight and colonic crypt
height compared to mice fed a low fat diet [289]. However, these results have been contradicted
in a study conducted by Dinh et al. wherein C57Bl/6 mice that were fed a 40% kcal fat diet had an
average colonic crypt height that was reduced by 38%, and had half as many goblet cells per
colonic crypt compared to control mice administered a low fat diet (5% kcal fat) [16]. These
discrepancies may also be due to variations in study duration, methods of analysis, and control diet
formulation between studies; it is therefore important to directly compare the impact of different
obesogenic diets on colonic histomorphological parameters such as crypt height, goblet cell
density, and mucous layer thickness given the conflicting study outcomes in current literature.
Furthermore, although structurally similar, the proximal and distal colon are unique in their pH,
oxygen levels and nutrient status, which in turn impacts microbial community structure and
activity along the length of the intestinal tract [214, 215]. For these reasons, it is therefore
necessary for the determination of the impact of different HFDs on both proximal and distal colon
histomorphology as these regions of the large intestine may be differently impacted by the degree
of obesity induced by the same obesogenic diet.
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Table 2-6: Impact of different HFDs on histomorphological aspects of intestinal health in rodents

Animal Model
Gender
C57BL/6 and
Male
CEABAC10 Mice

%kcal
From Fat
60%HFD

Study
Duration Study Outcomes
Ref.
12 weeks Decreased: colonic goblet cell count and mucous layer [290]
thickness in obese mice relative to control mice

C57Bl/6 Mouse

Male

60%HFD

8 weeks

Decreased: Intestinal mucous layer thickness in obese mice [246]
relative to control mice

C57Bl/6 Mouse

Male
and
Female
Male

45%HFD

15 weeks

Increased: Colonic Crypt height in obese mice relative to [289]
control mice

45%HFD

12 weeks

Increased: goblet cell density in obese mice relative to lean
control mice (35% increase in the duodenum, 75% increase in
the colon) in obese mice relative to control mice

C57Bl/6 Mouse

Male

45%HFD

8 weeks

Increased: illeal villus height in obese mice relative to control [291]
mice

C57Bl/6 Mouse

Male

40%HFD

21 weeks

Decreased: Colon length, crypt height, and goblet cell density
in obese mice relative to control mice

Swiss Mice

Male

59%HFD

8 weeks

Decreased: Small intestine length, villus height and goblet cells [292]
in ileum in obese mice relative to control mice

C57Bl/6 Mice

[20]

[16]

Increased: villus height in duodenum and jejunum in obese
mice relative to control mice
SOX9 EGFP
Mice

Male
and
Female

45%HFD

20 weeks

Increased: Jejunum villus height in obese mice relative to [293]
control mice
Decreased: Intestinal length and goblet cell density in obese
mice relative to control mice
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Wistar Rat

Male

45%HFD

6 weeks

Decreased: Colon length, cecal weight, cecal and illeal crypt [294]
height, and cecal and ileal goblet cell density in obese mice
relative to control mice

This table compares the impact of different HFDs on important histomorphological aspects of intestinal health, including mucous layer
thickness, crypt height, and goblet cell density, in different rodent models of obesity.
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2.4 The Diet-Induced Rodent Model of Obesity
Due to the multi-faceted nature of obesity, a reliable and reproducible model is required to
properly understand the disease, its underlying mechanisms, and its co-morbidities. In particular,
rodents are frequently employed to study obesity since they are able to adequately and
reproducibly model the lean and obese phenotypes that occur in humans [3]. Genetically obese
rodent models, including obese ob/ob and diabetic db/db mice, and Zucker diabetic fatty rats, all
of which display genetically-induced leptin dysfunction, are useful models to readily induce severe
obesity in experimental animals [124, 295]. Although these animals display common hallmarks of
the obese phenotype including weight gain, adipocyte hypertrophy and metabolic dysfunction,
these animals also display marked hyperphagia and dysfunctional immunity, inflammation, and
phagocytic function in macrophages due to the absence of proper leptin function, with leptin being
a rather ubiquitous adipokine whose circulating levels heavily influence, and are influenced by the
development of the obese phenotype in both rodents and humans [124, 125, 127]. Since all of these
factors are critical components of the obese phenotype, results obtained from experimental animals
with altered leptin function must be interpreted with caution.
Wild-type mice, including C57Bl/6 [50, 136, 296, 297] and AKR [298, 299] strains, and rats,
including obesity-prone Sprague-Dawley [300, 301] and Wistar [302-304] strains, are additionally
useful to study DIO as all of these animals develop obesity when chronically fed a high energy
diet. C57Bl/6 mice in particular are especially prone to the development of obesity when fed an
ad libitum high energy diet, with males being more susceptible to obesity than females, and display
an obese phenotype that is similar to that which is observed in humans; this characteristic of the
male C57Bl/6 mouse makes them an especially appropriate and reproducible model to study the
changes in body weight, adiposity, metabolism, adipose tissue function, chronic low-grade
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inflammation, and colon health associated with human obesity [4, 5, 305]. Importantly, these mice
are also able to remain lean when fed an ad libitum low-energy diet [306], therefore allowing for
the study of genetically identical mice that are lean or obese depending on the type of diet they are
consuming. This characteristic of the C57Bl/6 strain provides an advantage over genetically obese
animals since wild-type control animals are often necessary to validate results, therefore providing
less relevant and reliable study outcomes due to genetic differences between different groups of
mice.
As discussed throughout this review of literature, there are a variety of research diets available
to induce obesity in study animals, with the high fat diet (60%HFD) and the high fat-high CHO
diet (45%HFD) being the most popular. Unfortunately, there is currently no standard definition of
a “high fat diet” given that diets with 20% to more than 65% kcal fat content have been utilized
and cited interchangeably in literature, with the composition (eg. saturated vs. unsaturated fat, level
and type of indigestible CHO) and energy densities of these diets varying dramatically [3]. This in
turn often results in varying degrees of obesity in study animals. As summarized in Table 2-1 and
Table 2-5, different mouse studies using a variety of diet formulations have reported a range of
obese phenotypes induced in experimental animals. Critical differences in the obese phenotypes
include extreme variations in the degrees of adiposity, adipose tissue dysfunction (eg. circulating
leptin, degree of macrophage infiltration in adipose tissue), endotoxemia, and metabolic
dysfunction (eg. fasted glucose and insulin), all of which are critical contributors to overall obesity
disease severity. Furthermore, as summarized in Table 2-6, rodent studies using different
obesogenic diets have additionally reported variable and contradicting study outcomes regarding
histomorphological aspects of colon health in obesity, including crypt height and goblet cell
density, making it extremely difficult to compare results across multiple studies. Although
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different obesogenic diets have been widely utilized and cited interchangeably in literature, their
impact on the obese phenotype and colon health are clearly not as interchangeable. For these
reasons, it is important to directly compare the degree to which variations in diet composition and
energy density between 45%HFD and 60%HFD differently impact colon health, as well as the
development and severity of the obese phenotype in HFD-induced obese mice.
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CHAPTER 3:
RATIONALE, OBJECTIVES AND HYPOTHESES

3.1 Rationale
A reliable and reproducible model is required to fully understand the underlying
mechanisms of obesity. In research, HFDs have frequently been employed as a reliable method of
inducing obesity in various rodent models, with C57Bl/6 mice being especially popular due the
relevance of the obese phenotype displayed in these animals relative to that which occurs in
humans, and their ability to remain lean or become obese when consuming an ad libitum chow or
HFD. There are currently a variety of HFDs available to induce obesity in rodents, with the
45%HFD and 60%HFD models of obesity being the most popular. Both of these diets have been
widely utilized and are cited interchangeably in literature. However, this review of literature
provides proof of principle that variations in diet composition and energy density between
45%HFD and 60%HFD differently impact critical aspects of the obese phenotype such as
adiposity, metabolic dysfunction (eg. fasted glucose and insulin), endotoxemia, and adipose tissue
dysfunction (eg. adipokine dysregulation and adipose tissue macrophage infiltration). Given the
multi-faceted nature of obesity, even subtle differences in the obese phenotype are likely to have
significant impacts on overall obesity disease severity, making it difficult to compare results across
multiple studies. It is therefore important to determine the degree to which different obesogenic
diets differently impact the development and severity of the obese phenotype in HFD-induced
obese mice. Furthermore, this review literature has provided proof of principle that differences in
diet composition and energy density between 45%HFD and 60%HFD differently impact
histomorphological aspects of colon health, as current literature has reported variable and
conflicting effects of different obesogenic diets on physiological characteristics such as crypt
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height, goblet cell density, and mucous layer thickness. It is therefore important to determine the
extent to which the degree of obesity induced by different obesogenic diets differently impact
histomorphological aspects of colon health in HFD-induced obese mice.
For these reasons, this thesis investigates the degree to which the two most commonly-used
obesogenic diets, 45%HFD and 60%HFD, differently impact the development and severity of the
obese phenotype, and if the degree of obesity induced by 45%HFD and 60%HFD differently
impact colon health when fed to 3-week old male C57Bl/6 mice for 12 weeks compared to mice
consuming 17%LFD (17% kcal from fat).

3.2 Objectives
My objectives were to determine:
1) The degree to which the differences in diet composition and energy density between
45%HFD, and 60%HFD differently impact the obese phenotype in C57Bl/6 mice.
2) If the differences in diet composition and energy density between 45%HFD and 60%HFD
differently impact histomorphological aspects of colon health in C57Bl/6 mice

3.3 Hypotheses
Based on my review of literature, I hypothesized that the severity of the obese phenotype would
be related to differences in diet composition and/or dietary energy density between 45%HFD and
60%HFD. I also hypothesized that colon health would be impacted in the HFD-induced mouse
model of obesity, and that the degree of change in the colon would also be related to differences
in diet composition and/or dietary energy density between 45%HFD and 60%HFD.
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CHAPTER 4:
STUDY DESIGN AND METHODS

4.1 Animals and Diets
Thirty-six 3-week-old male C57Bl/6 mice were purchased from Charles River (MI, USA)
and immediately randomized into three groups (12 mice/group) in order to ensure that each mouse
experienced lifelong exposure to their respective diets. Average body weight (BW) did not differ
between groups. Mice were housed 3 mice/cage in a temperature (232C) and humidity (305%)controlled environment with free access to food and water, and were maintained on a 12-hour
light-dark cycle. Each group were fed a different purified diet designed and prepared by Envigo
(WI, USA) ad libitum. These diets were: AIN-93G low fat diet (17%LFD); a commercially
available obesogenic diet containing 45% kcal fat (45%HFD); or a commercially available
obesogenic diet comprised of 60% kcal fat (60%HFD) (See Table 4-1 for detailed nutritional
composition of the test diets) for 12 weeks (Figure 4-1).
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Table 4-1: Diet Composition

Nutrient (g/kg)

17%LFD
AIN-93G

45%HFD
TD.160481

60%HFD
TD.160479

Casein

200.0

245.0

265.0

L-Cysteine

3.0

3.5

4.0

Corn Starch

377.486

85.000

0.000

Maltodextrin

132.0

115.0

160.0

Sucrose

100.000

194.086

92.586

Lard

0.0

195.0

310.0

Corn Oil

70.0

30.0

30.0

Cellulose

70.0

70.0

70.0

Mineral Mix, AIN-93G-MX
(94046)

35.0

43.0

48.0

Calcium Phosphate, dibasic

0.0

3.4

3.4

Vitamin Mix, AIN-93G-VX
(904047)

10.0

13.0

14.0

Choline Bitartrate

2.5

3.0

3.0

TBHQ, antioxidant

0.014

0.014

0.014

Protein

19.2

19.2

18.4

Carbohydrate

63.2

35.6

21.1

Fat

17.6

45.3

60.5

Energy Density (Kcal/g)

3.84

4.64

5.24

% Kcal from

Diet composition of 17%LFD, 45%HFD, and 60%HFD. Nutrient data is presented as grams per
kilogram (g/kg). AIN-93-G = American Institute of Nutrition-93-Growth diet. TD.160481 and
TD.160479 = Teklad diet 160481 and 160479 respectively. AIN-93-G-MX = AIN-93-G-Mineral
Mix. AIN-93-G-VX = AIN-93-G-Vitamin Mix. TBHQ = tert-Butylhydroquinone.
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Mouse BW was recorded twice weekly throughout the study and data presented as BW
over time. At termination, final BW and body length were also recorded, with body length being
measured as the distance from the tip of the nose to the base of the tail while the mouse was
positioned flat on its back. Final recorded BW and body length measurements were used to
calculate body mass index (BMI, presented as g/cm2) with the following formula [307]:
Body Weight (g) / Body Length (cm) 2
Diet intake (DI) was recorded twice weekly and determined by subtracting the amount of
diet given to the mice (g) by the amount of diet remaining inside and on top of the cage following
completion of a feeding period (3 or 4 days), and expressed as grams (g) of diet
consumed/mouse/day. Energy intake (EI) was calculated by multiplying DI by the energy density
of each diet, which was 3.84, 4.64, and 5.24 kcal/g for 17%LFD, 45%HFD, and 60%HFD
respectively (Table 4-1), and expressed as kcal/mouse/day.

4.2 Organ Weights
Upon termination, epididymal, perinephric, and inguinal (subcutaneous) WAT, and
interscapular BAT depots, liver, and colon were removed, weighed (mg), and colon length
measured (cm). The weight of total WAT was determined using the combined weights of
subcutaneous, perinephric, and epididymal adipose tissue (mg). Organ weights were then adjusted
for BW and presented as g/g BW.
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Figure 4-1: Study Timeline
Mice arrived at week 0 and were immediately randomized into three diet groups (17%LFD,
45%HFD, and 60%HFD). Mice consumed their respective diets for 12 weeks, with body weight
and diet intake being recorded twice weekly. At weeks 6 and 11, diet was removed from cages and
mice were fasted for 6 hours prior to serum collection and oral glucose tolerance tests (OGTTs).
Mice were terminated at week 12, and had subcutaneous, epididymal, perinephric, and brown
adipose tissue, proximal and distal colon, and liver removed for further analysis.

4.3 Oral Glucose Tolerance Test (OGTT)
At weeks 6 and 11 of the study (Figure 4-1), mice were transferred to clean cages without
diet at 3:00am in order to fast mice for 6 hours prior to OGTT. Blood was collected from the tail
tip to measure fasted blood glucose using a Bayer ContourNext® EZ reader (NJ, USA,
#SKU83785579). Mouse BW was recorded and then the mice received an oral gavage of glucose
(2 g/kg BW). Blood glucose levels were then measured every 15 minutes for the first hour, and
every 30 minutes for the second hour following oral glucose administration, and data presented as
mmol/L.
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4.4 Serum Biomarker Analysis
Fasted blood collected at weeks 6 and 11 was collected using 1.5 mL Microvette® CB 300
Z collection tubes (Sarstedt, Nümbrecht, DE, #16.440) (described in section 4.3), and maintained
at room temperature for 15 minutes to allow for clot formation. After 15 minutes at room
temperature, blood was centrifuged at 1,500 g for 10 minutes at 4C, serum extracted, and stored
at -20C in 0.5 mL tubes.
Fasted serum concentrations of LBP were analyzed using a Hycult® Mouse LBP ELISA
kit (PA, USA, #HK205). Briefly, serum was diluted 1000x with assay buffer. Next, 200 𝜇L wash
buffer was used to wash each well of a 96-well plate (provided in the kit) four times. 100 𝜇L of
standards, blanks, and diluted serum were then applied in duplicate onto the plate, which was precoated with biotinylated anti-LBP antibody, and samples incubated at room temperature for 1 hour.
After washing with buffer as previously described, samples were then incubated with 100 𝜇L
biotinylated tracer solution (tracer diluted 1:11 with assay buffer) at room temperature for 1 hour.
After a second wash with buffer, samples were then incubated with 100 𝜇L streptavidin-peroxidase
solution (SA-PE, diluted 1:100 with assay buffer) at room temperature for 1 hour. After a final
wash step, samples were incubated with 100 𝜇L 3,3’,5,5’-Tetramethylbenzidine (TMB) for 30
minutes in the dark. Finally, 100 𝜇L Stop solution was added to each well, Absorbance measured
at 450 nm using a PowerWave XS2 plate reader and Gen5 microplate data collection and analysis
software version 1.11 (BioTek, VT, USA, PN#MQX200R2), and results expressed as ng/ml.
Fasted serum from week 11 was also analyzed for leptin, resistin, PAI-1, ghrelin, GIP,
GLP-1, glucagon, and insulin simultaneously with a Bio-Rad: Bio-Plex Pro™ Mouse Diabetes
Panel (ON, Ca, #171F7001M). Briefly, serum was diluted four-fold with assay diluent. Next, 50
𝜇L Bio-Plex bead solution (Bio-Plex beads diluted x1 with assay buffer) were added to a 96-well
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plate, and washed twice with 100 𝜇L buffer. Next, 50 𝜇L of standards, blanks, and diluted serum
were added in duplicate onto the plate and incubated with Bio-Plex beads for 1 hour at room
temperature while shaking at 850 RPM. Following 3 washes with 100 𝜇L buffer, samples were
then incubated with 25 𝜇L detection antibody solution (detection antibody diluted x1 with assay
diluent) for 30 minutes at room temperature while shaking at 850 RPM. Following another 3
washes with 100 𝜇L buffer, samples were then incubated with 50 𝜇L SA-PE solution (SA-PE
diluted x1 with assay diluent) for 10 minutes at room temperature while shaking at 850 RPM.
Samples were then re-suspended in 125 𝜇L assay buffer, shaken for 30 seconds at 850 RPM, and
plates read using a BioRad: Bio-Plex® 200 system and Bio-Plex Manager™ software version 6.0
(CA, USA, #171000201), and results expressed as pg/ml.

4.5 HOMA-IR
HOMA-IR was determined in mice as an indicator of insulin resistance. HOMA-IR was
calculated using week 11 fasted blood glucose, and serum insulin concentrations with the
following formula [183, 189]:
[(Fasted Blood Glucose (mmol/L)) x Fasted Serum insulin (μU/mL))] / 22.5.

4.6 Histology
Upon termination, ~1 cm3 pieces of proximal and distal colon were removed, placed in
histology cassettes, and fixed in 10% formalin at room temperature for 24 hours. Proximal colon
samples containing a fecal pellet were also removed, however these samples were fixed in
Carnoy’s solution (60% methanol, 30% chloroform, and 10% glacial acetic acid) instead of
formalin in order to preserve the mucous layer for further analysis. Both formalin-fixed and
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Carnoy’s-fixed tissue samples were then dehydrated at room temperature in a series of graded
ethanol baths: one bath in 70% ethanol for 30 minutes, two baths in 95% ethanol/ 5%methanol for
30 minutes each, and two baths in absolute ethanol for 30 minutes each. Sections were cleared
with two xylene baths at room temperature for 20 minutes each, and then infiltrated with paraffin
in two 58C Periplast baths for 1 hour each under vacuum. Excess wax was then melted away by
placing cassettes in a paraffin bath for 15 minutes at 58C. Cassettes were then opened, tissues
oriented upside-down inside the cassette mold, and molten paraffin poured into the cassette. Air
bubbles were gently removed from molten paraffin with forceps, cassettes closed, and placed on a
cooling block overnight to allow paraffin to solidify. Paraffin-embedded tissues were later
sectioned into 5 μm sections using a microtome, and ribbons carefully placed on the surface of a
water bath containing deionized water heated to 38C. Ribbons were allowed to float for ~30
seconds before being placed on Superfrost Plus microscope slides (Fisherbrand™, PA, USA,
Cat#12-550-15). The microscope slides were then allowed to dry overnight before being stored at
4C.
Sections of proximal colon samples were then stained with haematoxylin and eosin (H&E).
Briefly, tissues were deparaffinised in an oven at 60ºC for 1 hour, and allowed to cool for 15
minutes. Next, sections were submerged in two xylene baths for 10 minutes, and rehydrated in a
series of graded ethanol baths: twice in absolute ethanol for 5 minutes, twice in 95% ethanol for 5
minutes, twice in 70% ethanol for 5 minutes, and once in deionized water for 5 minutes. Sections
were then submerged in Harris Haematoxylin (Sigma Life Sciences, ON, CA, LOT#SLBJ3120V)
for two minutes, followed by a 1 minute rinse with tap water, two dips in acid alcohol (10 mL 1%
HCL in 990 mL 70% ethanol), a 1 minute rinse with cold tap water, a 1 minute rinse with warm
tap water, and a 1 minute bath in deionized water. Sections were then submerged in eosin (Sigma
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Life Sciences, ON, CA, SKU#E4009-25G) for 5 minutes, rinsed with tap water for 5 minutes, and
submerged in deionized water for 5 minutes before being dehydrated in a series of graded ethanol
baths: twice in 70% ethanol for 3 minutes, twice in 95% ethanol for 3 minutes, twice in 100%
ethanol for 3 minutes, and twice in xylene for 5 minutes. Cover slips were then carefully mounted
on slides using Permount mounting media (Fisher Chemical™, ON, CA, #SP15100), air bubbles
gently removed by pressing on cover slips with forceps, and allowed to dry overnight. The
following morning, slides were gently cleaned with xylene and allowed to dry for one month before
being stored at room temperature.
Formalin-fixed proximal, distal, and Carnoy’s-fixed proximal colon sections were stained
with Alcian Blue/Nuclear Fast Red. Briefly, tissues were deparaffinised in an oven at 60C for 1
hour, and allowed to cool for 15 minutes. Next, sections were submerged in two xylene baths for
10 minutes, and rehydrated in a series of graded ethanol baths: twice in absolute ethanol for 5
minutes, twice in 95% ethanol for 5 minutes, twice in 70% ethanol for 5 minutes, once in milliQ
water for 5 minutes, and once in 3% acetic acid for 3 minutes. Sections were then submerged in
Alcian Blue (Sigma Life Sciences, ON, CA, LOT#MKBV1360V) heated in a microwave on highpower for 45 seconds, and allowed to cool for 5 minutes. Sections were then washed in milliQ
water for 6 minutes, with sections being carefully agitated, and water replaced every 2 minutes.
Next, sections were submerged in Nuclear Fast Red (Sigma Life Sciences, ON, CA,
LOT#SLBN9714V) for 5 minutes, and washed again with milliQ water using the same wash
method. Finally, samples were rehydrated in a series of graded ethanol baths: twice in 70% ethanol
for 3 minutes, twice in 95% ethanol for 3 minutes, twice in 100% ethanol for 3 minutes, and twice
in xylene for 5 minutes. Slides were then carefully mounted with a cover slip using Permount
mounting media (Fisher Chemical™, ON, CA, #SP15100), air bubbles gently removed by pressing
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on the cover slip with forceps, and allowed to dry overnight. The following morning, slides were
gently cleaned with xylene and allowed to dry for one month before being stored at room
temperature.
Images of proximal and distal colon stained with H&E and Alcian Blue/Nuclear Fast Red
respectively were captured at 400x magnification using a BX51 microscope (Olympus America,
PA, USA) equipped with an Olympus DP72 Digital Camera System, and analyzed with Image J
software (http://rsbweb.nih.gov/ij/) version 1.43U for crypt height and goblet cell density (Figure
4-2). Briefly, crypt height was assessed by measuring the distance from the base of the crypt
(basolateral) to the end of the crypt (luminal), and goblet cell density was assessed by counting the
number of goblet cells per crypt. Data pertaining to crypt height and goblet cell density was
collected from 15-25 crypts per mouse, averaged, and presented as 𝜇m, and goblet cells/crypt
respectively.
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Figure 4-2: Representative Image of H&E-Stained Proximal Colon Epithelium
Demonstrating Crypt Height and Goblet Cell Density Assessment
A representative image of proximal colon stained with Hematoxylin and Eosin (H&E). Proximal
colon sections were viewed under 400x magnification, and analyzed for average goblet cell density
and crypt height. The yellow line indicates crypt height, and the yellow point indicates a goblet
cell. Scale bar represents 50 𝜇m.

Sections of proximal and distal colon stained with Alcian Blue/Nuclear fast red were also
analyzed for crypt mucin content (Figure 4-3). Briefly, a BX51 microscope (Olympus America,
PA, USA) equipped with an Olympus DP72 Digital Camera System was used to acquire tissue
images under 100x magnification. ImageJ software was used to draw a perimeter around intestinal
crypts, with submucosa, muscle layer, and luminal content being cropped out of the image. From
the resulting image, total crypt area was determined. Next, red, blue, and green colour channels
were split, and the area of the image representing blue (total crypt area staining positive for Alcian
Blue) was determined (see Figure 4-3 C and D). Finally, the area of crypt staining positive for
Alcian Blue was divided by total crypt area to determine crypt mucin content, and data presented
as Alcian Blue stain intensity per µm2 (AB/µm2).
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A

B

C

D

Figure 4-3: Representative Images of Proximal and Distal Colon Epithelium Stained with
Alcian Blue/Nuclear Fast Red Demonstrating Crypt Mucous Content Assessment
Representative images of A) proximal, and B) distal colon crypts, stained with Alcian Blue and
viewed under 400x magnification. Images C) and D) represent the area staining positive using
Image J software for Alcian Blue of the same intestinal crypts as A) and B) respectively. Intestinal
crypts were analyzed for mucin content by dividing crypt area staining positive for Alcian Blue by
total crypt area. Scale bar represents 50 𝜇m.

Proximal colon sections that were fixed in Carnoy’s solution and stained with Alcian
Blue/Nuclear Fast Red were also viewed using the same microscope and camera system, but
analyzed using CellSens Software (Olympus, MA, USA) version 1.16. These sections were
analyzed at 200x magnification for mucous layer thickness (Figure 4-4), which was assessed by
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measuring the linear distance from the basolateral to luminal side of the mucous layer as depicted
by the red arrow in Figure 4-4. A total of 28-35 measurements were made per mouse.

Figure 4-4: Representative Image of a Carnoy’s-Fixed Alcian Blue Stained Proximal Colon
Epithelium Demonstrating Inner Mucous Layer Thickness
Representative image of Carnoy’s-fixed proximal colon containing a fecal pellet at 400x
magnification. The red arrow represents a measurement of mucous layer thickness. Scale bar
represents 50 𝜇m.

4.7 Immunohistochemistry
Upon termination, ~1 cm3 pieces of epididymal adipose tissue were removed, fixed in
formalin, dehydrated, and paraffinized as described previously. Sections were then deparaffinised
in an oven at 60C for 1 hour, and allowed to cool for 15 minutes. Sections were then submerged
in two xylene baths for 10 minutes, and rehydrated in a series of graded ethanol baths: twice in
absolute ethanol for 5 minutes, twice in 95% ethanol for 5 minutes, twice in 70% ethanol for 5
minutes, and once in deionized water for 3 minutes. Antigens were retrieved by placing samples
in citrate buffer (pH=6, 10mM citric acid with 0.05% Tween 20 in 225 mL deionized water) in a
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microwave set to high power for 15 minutes. Endogenous peroxidase activity was quenched by
incubating sections in 3% H2O2 (10 mL 30% H2O2 in 90 mL deionized water) for 10 minutes, and
sections blocked with 5% normal goat serum (Cell Signaling Technology, MA, USA #G9223) in
tris-buffered saline with Tween-20 (TBST) for one hour at room temperature. 1L TBS was
prepared with 24.2 g Trizma base (Sigma Life Science, MA, USA, #CAS77-86-1) and 80 g NaCl
in 1 L deionized water, adjusted to pH=7.6 with HCL. 1L TBST was prepared with 100 mL TBS
with 1 mL Tween-20 (BioRad, CA, USA, #Cat170-6531) in 900 mL deionized water. Sections
were then incubated at 4°C overnight with 100 𝜇L anti-F4/80 primary antibody (Rabbit antimouse, Abcam, MA, USA, #ab100790) diluted 1:100 with Signal Stain® Antibody Diluent (Cell
Signaling Technology, MA, USA, #8112). The following morning, slides were brought to room
temperature and washed with TBST while shaking for 24 minutes, with TBST being replaced
every 8 minutes. Washed slides were then incubated with Signal Stain® Boost
immunohistochemistry Detection Reagents (Millipore, MA, USA, #8114) anti-rabbit secondary
antibody for 30 minutes at room temperature, and detected with 3,3′-diaminobenzidine (DAB,
DAKO, On, Ca, #K3468) for 45 seconds. Sections were additionally counterstained with
hematoxylin, and dehydrated as described in the previous section. Slides were mounted with
Permount mounting media (Fisher Chemical™, ON, CA, #SP15100) and stored at room
temperature.
Adipose tissue samples immunohistochemically stained with anti-F4/80 antibody (Figure
4-5) were viewed at 200x magnification with a BX51 microscope (Olympus America, Inc., USA)
equipped with an Olympus DP72 Digital Camera System, and analyzed using CellSens Software
(Olympus, MA, CA) version 1.16. Average adipocyte area was determined by measuring the
perimeter around 45 adipocytes from 3 different fields (15 adipocytes per field) under 200x
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magnification as indicated by the adipocyte outline in Figure 4-5. Adipocyte density was
determined by averaging the number of adipocytes per field from 3-6 different fields (471-1370
total adipocytes). Adipocytes staining positive for F4/80 were organized/clustered as CLS, thus
indicating the presence of adipose tissue macrophages, as indicated by the red arrow in Figure 45. CLS index (arbitrary units) was calculated in order to determine differences in adipose tissue
macrophage infiltration among the different groups of mice using the following formula: CLS
index = Total #CLS / Total #Adipocytes

Figure 4-5: Representative Image of Epididymal Adipose Tissue Section Demonstrating
Histological and Immunohistochemical Assessments of Adipocyte Size and Crown-Like
Structure Presence Stained with F4/80
Representative image of epididymal adipose tissue immunohistochemically stained with antiF4/80 antibody viewed under 400x magnification. A single adipocyte has been highlighted in
yellow, this outline is indicative of a measurement of adipocyte size. The red arrow indicates the
presence of a crown-like structure (CLS) surrounding an adipocyte, indicating the local
macrophage infiltration. Scale bar represents 50 𝜇m.
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4.8 Statistical Analyses
All data sets were statistically analyzed with Graph Pad Prism software (CA, USA) version
5.03, and expressed as means ± standard error of the mean (SEM). Comparison between groups
for diet and energy intake, BW, body length, BMI, organ weight, serum biomarkers, fasted blood
glucose, OGTT AUC, HOMA-IR, histological, and immunohistochemical outcomes were
assessed with one-way ANOVA followed by Newman-Keuls post hoc test. Longitudinal data,
including BW change, and diet intake, blood glucose measurements during OGTT, were analyzed
with a two-way ANOVA followed by Bonferroni post hoc test. Significance was determined if
p<0.05 for all data sets. If tests for equal variance failed, data sets such as CLS index, leptin,
ghrelin, week 11 OGTT AUC, and week 11 LBP, they were log transformed, re-analyzed with
one-way ANOVA followed by Newman Keuls post hoc test, and indicated in the figure legends.
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CHAPTER 5:
RESULTS

5.1 Obese Phenotype
5.1.1 Diet and Energy Intake
Diet and energy intake (DI and EI respectively) were recorded twice weekly throughout
the experiment. EI (kcal/mouse/day) was calculated by multiplying DI (g/mouse/day) by the
energy density of each diet, which was 3.84, 4.64, and 5.24 kcal/g for 17%LFD, 45%HFD, and
60%HFD respectively. As depicted in Figure 5-1, 60%HFD mice consumed less diet than
17%LFD mice (p<0.01); while 45%HFD and 17%LFD mice consumed similar amounts of diet
throughout the study. Despite reduced or similar DI in both groups of mice consuming HFD, both
45%HFD and 60%HFD mice had significantly increased average daily caloric intake relative to
17%LFD mice (both p<0.0001). These results are likely explained by the disproportionate effect
of fat content on dietary energy density (Table 4-1), therefore also having an impact on calorie
intake. Moreover, both 45%HFD and 60%HFD mice had similar DI and EI throughout the study
according to two-way ANOVA. Despite this, both 45%HFD and 60%HFD mice were found to
have a decreased DI, and increased EI area under the curve (AUC) relative to 17%LFD mice, with
60%HFD mice having the lowest DI AUC and greatest EI AUC (both p<0.0001) relative to
45%HFD and 17%LFD animals.
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Figure 5-1: The Effects of Different Obesogenic Diets on Mouse Diet and Energy Intake
(A) Average diet intake (g/mouse/day) over time (weeks), (B) average energy intake
(kcal/mouse/day) over time (weeks), (C) diet intake area under the curve (arbitrary units), and (D)
energy intake area under the curve (arbitrary units). Diet intake was measured twice weekly.
Energy intake was calculated by multiplying diet intake by the energy density of each diet, which
was 3.84, 4.64, and 5.24 kcal/g for 17%LFD, 45%HFD, and 60%HFD respectively. Diet and
energy intake was excluded at week 7 due to an oral glucose tolerance test at this time point. Diet
and energy intake data for (A) and (B) were statistically analyzed with a two-way ANOVA
followed by Bonferroni post hoc test (n=4 per group), and presented as average daily diet and
energy intake per given week. Both diet and energy intake area under the curve were statistically
analyzed with one-way ANOVA followed by Newman-Keuls post hoc test (n=4 per group). Bars
not sharing a lower-case letter indicate significant differences (p<0.05) between dietary groups.

5.1.2 Body Weight, Body Length, and BMI
Mice were immediately started on their respective dietary treatments on the first day of the
study, at which point average BW did not differ between groups. BW was measured twice weekly,
and as depicted in Figure 5-2, 60%HFD mice became consistently heavier than 17%LFD mice at
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week 4 of the study, and 45%HFD mice became consistently heavier than 17%LFD mice at week
8 of the study (both p<0.0001); thus indicating an increased rate of weight gain in both groups of
mice consuming HFDs, with 60%HFD mice having the fastest rate of weight gain.
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Figure 5-2: The Effects of Different Obesogenic Diets on Mouse Body Weight Change
Body weight (g) over time (weeks) in 17%LFD, 45%HFD, and 60%HFD mice. Body weight was
measured twice weekly throughout the study. (*) symbol indicates that body weight in 60%HFD
group significantly differs from that of 17%LFD, and (#) symbol indicates that body weight in
45%HFD group significantly differs from that of 17%LFD. Data was analyzed with two-way
ANOVA followed by Bonferroni post hoc test (n=12 per group). Significance was determined
when (p<0.05).
By the end of the experiment, both 45%HFD and 60%HFD mice had significantly
increased final BW (p<0.01 and p<0.0001, respectively) compared to 17%LFD mice with
60%HFD mice also having significantly increased final BW relative to 45%HFD mice (p<0.0001,
Figure 5-3). Interestingly, final body length in 60%HFD mice was increased relative to both
45%HFD and 17%LFD mice (both p<0.01), whose final body lengths did not significantly differ
from each other (Figure 5-3). Furthermore, 45%HFD and 60%HFD mice had increased BMI
relative to 17%LFD mice (p<0.001 and p<0.0001 respectively), with 60%HFD mice also having
significantly increased BMI relative to 45%HFD mice (p<0.001, Figure 5-3).
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Figure 5-3: The Effects of Different Obesogenic Diets on Mouse Final Body Weight, Body
Length, and Body Mass Index (BMI)
Final (A) body weight (g), (B) body length (cm), and (C) body mass index (BMI, g/cm2) in
17%LFD, 45%HFD, and 60%HFD mice. Body length was measured at termination as the distance
between the tip of the nose and the base of the tail while the mouse was flat on its back. BMI was
calculated using final (week 12) body weight and body length measurements with the following
equation [307]: BMI = body weight (g) / body length (cm)2. All data sets were statistically analyzed
with one-way ANOVA followed by Newman-Keuls post hoc test (n=12 per group). Bars not
sharing a lower-case letter indicate significant differences (p<0.05) between dietary groups.

5.1.3 Organ Weights
Upon termination, interscapular BAT, subcutaneous, perinephric, and epididymal WAT,
and liver were extracted and weighed in order to determine if the weights of these organs were
significantly altered in 45%HFD or 60%HFD mice relative to 17%LFD mice (Table 5-1).
Additionally, since final BW differed between dietary groups, organ weights were also adjusted
for final BW in order to determine diet-induced changes in relative organ weights, which were
significantly altered in 45%HFD and 60%HFD mice relative to 17%LFD mice (Table 5-2).
Absolute brown adipose tissue depot weight was significantly increased in 60%HFD mice relative
to both 17%LFD (p<0.001) and 45%HFD mice (p<0.01), however relative brown adipose tissue
weights were found to be similar across all three groups of mice. The total weight of WAT was
determined using the combined weights of subcutaneous, perinephric, and epididymal adipose
tissue. In 45%HFD and 60%HFD mice, absolute subcutaneous (p<0.01 and p<0.0001
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respectively), perinephric (both p<0.0001), epididymal (p<0.001 and p<0.0001 respectively), and
total (both p<0.0001) WAT weights were all increased relative to 17%LFD mice; with 60%HFD
mice also having significantly increased absolute subcutaneous (p<0.05), perinephric (p<0.0001),
epididymal (p<0.0001), and total adipose tissue weights (p<0.0001) compared to 45%HFD and
animals. Furthermore, both 45%HFD and 60%HFD mice also had increased relative subcutaneous
(p<0.01 and p<0.001 respectively), perinephric (both p<0.0001), epididymal (both p<0.0001), and
total (both p<0.0001) WAT weights compared to 17%LFD mice, with 60%HFD mice also having
increased relative perinephric (p<0.001), epididymal (p<0.01) and total (p<0.01) WAT weights
relative to 45%HFD animals. Furthermore, absolute liver weights were similar between 17%LFD
and 45%HFD mice, however 60%HFD mice were found to have increased absolute liver weight
relative to 45%HFD animals (p<0.01). However, both 60%HFD and 45%HFD mice were shown
to have decreased relative liver weight compared to 17%LFD mice (both p<0.0001), with relative
liver weight being similar between 60%HFD and 45%HFD mice (See Tables 5-1 and 5-2).
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Table 5-1: Absolute Organ Weights
Tissue
Brown AT
(mg)
Subcutaneous AT
(mg)
Perinephric AT
(mg)
Epididymal AT
(mg)
Total WAT
(mg)
Liver
(mg)

17%LFD

45%HFD

60%HFD

Significance

130.3±9.8b

149.7±8.8b

189.2±8.9a

p=0.0003

87.5±10.0c

177.8±26.8b

251.4±19.4a

p<0.0001

307.9±29.6c

584.1±45.0b

880.3±44.7a

p<0.0001

887.5±123.5c

1,671±137.2b

2,519±130.4a

p<0.0001

1,283±153.0c

2,433±194.6b

3,651±174.6a

p<0.0001

1,003±34.8ab

935.9±33.5b

1,122±53.5a

p=0.0110

The absolute weight of organs in 17%LFD, 45%HFD, and 60%HFD groups at termination. All data is presented as mean organ weight
(mg) ± SEM. adipose tissue = AT, white adipose tissue = WAT. The weight of total WAT was determined using the combined weights
of subcutaneous, perinephric, and epididymal adipose tissue depots. All data sets were analyzed with one-way ANOVA followed by
Newman-Keuls post hoc test (n=9-12 per group). Values not sharing a lower-case letter indicate significant differences (p<0.05) between
dietary groups.
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Table 5-2: Relative Organ Weights
Tissue
Brown AT
(mg/g BW)
Subcutaneous AT
(mg/g BW)
Perinephric AT
(mg/g BW)
Epididymal AT
(mg/g BW)
Total WAT
(mg/g BW)
Liver
(mg/g BW)

17%LFD

45%HFD

60%HFD

Significance

4.8±0.3a

4.6±0.2a

4.8±0.1a

3.1±0.3b

5.5±0.7a

6.41±0.5a

p=0.0004

10.9±0.8c

17.9±1.0b

22.3±0.6a

p<0.0001

31.3±3.8c

51.1±2.9b

63.8±2.0a

p<0.0001

45.3±4.5c

74.7±4.2b

93.6±2.4a

p<0.0001

36.3±1.1a

29.2±1.1b

28.4±0.6b

p<0.0001

p=0.7324

The relative weight of organs in 17%LFD, 45%HFD, and 60%HFD groups at termination. All data is presented as mean relative organ
weight (g/g BW) ± SEM. Adipose Tissue = AT, white adipose tissue = WAT, body weight = BW. The weight of total WAT was
determined using the combined weights of subcutaneous, perinephric, and epididymal adipose tissue depots. All data sets were analyzed
with one-way ANOVA followed by Newman-Keuls post hoc test (n=9-12 per group). Values not sharing a lower-case letter indicate
significant differences (p<0.05) between dietary groups.
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5.1.4 Adipose Tissue Histomorphology
As previously discussed, visceral adipose tissue, including epididymal and perinephric
depots in mice, and omental adipose tissue in humans, are metabolically distinct from
subcutaneous adipose tissue, and even functionally distinct from brown adipose tissue in both mice
and humans [46-49, 308]. In mice specifically, increased epididymal adipose tissue (EAT) mass
is associated with the development of dysfunction within the tissue, and metabolic derangements
such as glucose intolerance and insulin resistance [50, 309-311]. The physiological relevance of
the EAT dysfunction that occurs in obese mice to the phenotype that occurs in the visceral adipose
tissue of obese humans, in addition to its ease of accessibility at termination, make EAT a popular
depot for analysis of adipose tissue dysfunction in the C57Bl/6 mouse model of obesity [312-316].
Therefore, EAT was chosen for histological analysis of adipocyte area and cell density as
indicators of adipocyte hypertrophy, an important component of the obese phenotype (Figure 54). In addition to having increased adipose tissue mass, both 45%HFD and 60%HFD mice also
had increased adipocyte area (p<0.001 and p<0.0001 respectively), and decreased adipocyte
density (both p<0.0001) relative to 17%LFD mice (Figure 5-5). There were however, no
significant differences in adipocyte area, nor in adipocyte density between 45%HFD and 60%HFD
mice.
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A

B
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Figure 5-4: Representative Images of H&E-Stained Epididymal Adipose Tissue Sections
from Mice Fed Different Obesogenic Diets Demonstrating Adipocyte Size Assessments
Representative images of epididymal adipose tissue from (A) 17%LFD mice, (B) 45%HFD mice,
and (C) 60%HFD mice stained with hematoxylin, and viewed at 400x magnification. The yellow
outline represents adipocyte area. Scale bar represents 50 µm.
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Figure 5-5: The Effects of Different Obesogenic Diets on Mouse Epididymal Adipocyte Area
and Density
Average (A) adipocyte area (µm2), and (B) adipocyte density (number of cells per field) in
17%LFD, 45%HFD, and 60%HFD mice. Analysis was performed on epididymal adipose tissue
stained with anti-F4/80 antibody. Average adipocyte area was determined using 45 adipocytes
from 3 different fields (15 adipocytes per field) under 200x magnification. Adipocyte density was
determined by averaging the number of adipocytes per field from 3-6 different fields (471-1370
total adipocytes) under 200x magnification. All data sets were statistically analyzed with one-way
ANOVA followed by Newman-Keuls post hoc test (n=12 per group). Bars not sharing a lowercase letter indicate significant differences (p<0.05) between dietary groups.

5.1.5 Adipose Tissue Macrophage Crown-Like Structure Formation
Previous literature has reported that increased adipocyte size is correlated with cell death,
and subsequent macrophage infiltration in obese mice and humans [12]. As macrophages infiltrate
adipose tissue, they form CLS (depicted in Figure 5-7) as they surround necrotic adipocyte debris.
Both necrotic adipocytes and the number of CLS are often increased in states of obesity, and are
indicative of dysfunction in adipose tissue [46, 84, 95, 96]. Therefore, in the present study EAT
was incubated with anti-F4/80 antibody in order to detect adipose tissue macrophages (Figure 56). The degree of macrophage infiltration in adipose tissue was then determined using a CLS index,
calculated using the following formula: Total # CLS / total # adipocytes. The CLS index was found
to be increased in both 45%HFD (p<0.05) and 60%HFD mice (p<0.0001) relative to 17%LFD
mice, with 60%HFD mice also having a significantly higher CLS index relative to 45%HFD mice
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(p<0.01, Figure 5-8). Furthermore, a significant positive correlation was observed between CLS
index and EAT weight (p<0.0001, r2=0.4573, Figure 5-8), suggesting that as EAT expands,
macrophage infiltration and CLS formation increase within the tissue.

A

C

B

Figure 5-6: Representative Images of Epididymal Adipose Tissue Crown-Like Structures
from Mice Fed Different Obesogenic Diets
Representative images of epididymal adipose tissue from (A) 17%LFD mice, (B) 45%HFD mice,
and (C) 60%HFD mice stained with anti-F4/80 antibody and viewed at 400x magnification. Red
arrows indicate presence of a crown-like structure. Scale bar represents 50 µm.
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Figure 5-7: The Effects of Different Obesogenic Diets on Mouse Epididymal Adipose Tissue
Crown-Like Structure Index
Crown-like structure (CLS) index of EAT in 17%LFD, 45%HFD, and 60%HFD mice. CLS index
was calculated as total CLS counted / total adipocytes counted. Analysis was performed on
epididymal adipose tissue stained with anti-F4/80 antibody (hematoxylin). Adipocyte number was
determined by counting adipocytes across 3-6 fields (471-1370 total adipocytes) under 200x
magnification. Stastical analysis was performed on log-transformed data sets, and the original data
presented. Log-transformed data was statistically analyzed with one-way ANOVA followed by
Newman Keuls post hoc test (n=12 per group). Bars not sharing a lower-case letter indicate
significant differences (p<0.05) between dietary groups.
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Figure 5-8: Linear Regression Analysis of Epididymal Adipose Tissue Crown-Like Structure
Index with Respect to Epididymal Adipose Tissue Mass
The relationship between crown-like structure (CLS) index and epididymal adipose tissue mass
(g). CLS index correlated closely with epididymal adipose tissue mass (p<0.0001, r2=0.4573). CLS
index was calculated as: total #CLS / total #adipocytes.

5.1.6 Serum Adipokines, Incretins and Hormones
Fasted blood samples obtained at week 11 of the study were used to determine fasted
serum levels of adipokines such as leptin, resistin, and PAI-1, incretins such as GIP and GLP-1,
and hormones such as ghrelin and glucagon in 17%LFD, 45%HFD, and 60%HFD mice. Adipokine
dysregulation is a critical component of the obese phenotype, therefore fasted serum levels of
leptin, resistin, and PAI-1 were used as indicators of adipokine dysregulation in mice [317, 318].
Both 45%HFD and 60%HFD mice had increased fasted serum levels of leptin and resistin relative
to 17%LFD mice (all p<0.0001, Figure 5-9), with 60%HFD mice also having significantly
increased fasted serum levels of both leptin and resistin relative to 45%HFD mice (p<0.01 and
p<0.0001 respectively). Furthermore, fasted serum levels of leptin and resistin were found to be
strongly and significantly correlated with total WAT mass (both p<0.0001, r2=0.8408 and
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r2=0.7304 respectively, Figure 5-10), suggesting that fasted serum levels of these adipokines
increase with adipose tissue expansion. Although there was an overall trend for both groups of
mice consuming HFD to have increased circulating PAI-1 relative to 17%LFD mice, fasted serum
levels of PAI-1 were not significantly different between 17%LFD, 45%HFD, and 60%HFD
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Figure 5-9: The Effects of Different Obesogenic Diets on Mouse Fasted Serum Adipokine
Concentrations
Fasted serum levels of (A) leptin, (B) resistin, and C) PAI-1 in 17%LFD, 45%HFD, and 60%HFD
mice. Fasted serum was obtained from mice at week 11 analyzed by multiplex. Data is presented
in pg/mL. Statistical analysis for (A) was performed on log-transformed data sets, and the original
data presented. Data sets were statistically analyzed with one-way ANOVA followed by NewmanKeuls post hoc test (n=11-12 per group). Bars not sharing a lower-case letter indicate significant
differences (p<0.05) between dietary groups.
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Figure 5-10: Linear Regression Analysis of Fasted Serum Adipokines with Respect to Total
White Adipose Tissue Mass
(A) The relationship between total white adipose tissue mass (g) and fasted serum levels of leptin
(pg/mL), and (B) the relationship between total white adipose tissue mass (g) and fasted serum
levels of resistin (pg/mL). Both leptin (p<0.001, r2=0.8408) and resistin (p<0.0001, r2=0.7304)
were closely correlated with total white adipose tissue mass.

Fasted serum levels of ghrelin were assessed due to the ability of this hormone to influence
energy balance. Paradoxically, circulating levels of ghrelin have previously been shown to be
decreased in states of human and mouse obesity despite the orexigenic properties of the hormone
[202, 205, 319-321]. It is currently unknown, however if differences in diet composition, or the
degree of obesity produced by 45%HFD and 60%HFD differently affect circulating levels of
ghrelin in mice despite varying energy content in these diets. Both 45%HFD (p<0.05) and
60%HFD mice (p<0.001) had decreased fasted serum levels of ghrelin relative to 17%LFD mice,
with 60%HFD mice having significantly decreased fasted serum ghrelin relative to both 45%HFD
animals (p<0.05, Figure 5-11). Furthermore, fasted serum levels of ghrelin were found to be
negatively correlated with BMI (p=0.0021, r2=0.2595, Figure 5-11), supporting previous findings
of reduced circulating ghrelin levels in obesity [202, 205, 319-321]. Fasted serum levels of
incretins such as GIP and GLP-1, as well as glucagon (Figure 5-12) were also assessed due to their
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impact on systemic metabolism, however serum levels of these factors were not significantly
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Figure 5-11: The Effects of Different Obesogenic Diets on Mouse Fasted Serum Ghrelin
(A) Fasted serum levels of ghrelin in 17%LFD, 45%HFD, and 60%HFD mice, and (B) the
relationship between fasted serum ghrelin and body mass index (BMI). Fasted serum ghrelin data
is presented in pg/mL, and BMI data presented in g/cm2. Fasted serum levels of ghrelin correlated
closely with BMI (p=0.0021, r2=0.2595). Fasted serum was obtained from mice at week 11 of the
study. Statistical analysis for (A) was performed on log-transformed data sets, and the original data
presented. Data was statistically analyzed with one-way ANOVA followed by Newman-Keuls
post hoc test (n=10-12 per group). Bars not sharing a lower-case letter indicate significant
differences (p<0.05) between dietary groups.
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Figure 5-12: The Effects of Different Obesogenic Diets on Mouse Fasted Serum Incretins and
Glucagon
fasted serum levels (A) of GIP, (B) GLP-1, and C) Glucagon in 17%LFD, 45%HFD, and 60%HFD
mice. Fasted serum was obtained from mice at week 11. Concentrations of fasted serum incretins
and glucagon were analyzed by multiplex. Data is presented in pg/mL. All data sets were
statistically analyzed with one-way ANOVA followed by Newman-Keuls post hoc test (n=11-12
per group). Significance was determined when (p<0.05).

5.1.7 Glucose Homeostasis
As previously discussed, the obese phenotype is associated with the development of a
variety of metabolic dysfunctions, including glucose intolerance [38, 178, 180]. Therefore, fasted
blood glucose levels were recorded, and oral glucose tolerance tests (OGTT) performed in order
to assess the ability of 17%LFD, 45%HFD, and 60%HFD mice to tolerate an oral load of glucose
at weeks 6 and 11 (Figure 5-13).
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By week 6 of the study, both 45%HFD and 60%HFD mice had consistently elevated blood
glucose response curves compared to 17%LFD mice (p<0.05 at 15, 45, 60, 90 and 120 mins
following glucose administration for 45%HFD mice, and p<0.01 at all time points for 60%HFD
mice); with both 60%HFD and 45%HFD animals having similar glucose response curves except
at 30 minutes following glucose administration when 60%HFD mice had elevated blood glucose
levels relative to 45%HFD mice (p<0.05). Also, at week 6, mice consuming 45%HFD and
60%HFD were shown to have elevated OGTT area under the curve (AUC, both p<0.0001) and
fasted blood glucose concentrations (p<0.01 and p<0.0001 respectively) relative to 17%LFD mice,
with 60%HFD mice also having elevated fasted blood glucose levels relative to 45%HFD mice
(p<0.01).
Similar results were observed at week 11 of the study, as both 45%HFD and 60%HFD
mice had elevated OGTT AUC (both p<0.01), and fasted blood glucose concentrations (p<0.001
and p<0.0001 respectively) relative to 17%LFD mice, however both OGTT AUC and fasted blood
glucose levels were similar between mice consuming both HFDs. Also, at week 11, the glucose
response curves of 45%HFD and 60%HFD mice were both elevated relative to 17%LFD mice
(both p<0.05) at 15, 30, and 120 minutes following oral glucose administration. However, as of
90 minutes following glucose administration, the glucose response curve of 45%HFD mice was
not significantly different from that of 17%LFD mice, while 60%HFD mice continued to have an
elevated curve relative to 17%LFD mice (p=0.01) for the remaining test time, suggesting that
glucose tolerance may have been more impaired in 60%HFD mice at week 11 of the study
compared to 45%HFD mice. There were, however no significant differences between the glucose
response curves of 45%HFD and 60%HFD mice at week 11 of the study (Figure 5-13).
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Figure 5-13: The Effects of Different Obesogenic Diets on Mouse Fasted Blood Glucose
Concentrations and Glucose Tolerance
(A) Oral glucose response curves at week 6, (B) oral glucose response curves at week 11, (C) oral
glucose tolerance test area under the curve at week 6, (D) oral glucose tolerance test area under
the curve at week 11, (E) fasted blood glucose concentrations at week 6 (mmol/L), and (F) fasted
blood glucose concentrations at week 11 (mmol/L) in 17%LFD, 45%HFD, and 60%HFD mice.
Mice were fasted for 6 hours prior to OGTT. Mice then had tails snipped, and fasted blood glucose
concentrations recorded. Mice were then orally administered 2 g/kg BW glucose, and had blood
glucose concentrations recorded every 15 minutes for the first hour, and every 30 minutes for the
second hour following oral glucose administration. In figures (A) and (B), (#) symbol indicates
that 45%HFD blood glucose concentration significantly differs from that of 17%LFD, and (*)
symbol indicates that 60%HFD blood glucose concentration significantly differs from that of
17%LFD according to two-way ANOVA followed by Newman-Keuls post hoc test. Statistical
analysis for (D) was performed on log-transformed data sets, and original data presented. Data sets
(C), (D), (E), and (F) were statistically analyzed with one-way ANOVA followed by Newman83

Keuls post hoc test (n=11-12 per group). Bars not sharing a lower-case letter indicate significant
differences between dietary groups (p<0.05).
5.1.8 Insulin Resistance
Insulin resistance is another metabolic abnormality associated with the development of the
obese phenotype [176, 177]. Therefore, fasted serum levels of insulin, and homeostatic model
assessment of insulin resistance (HOMA-IR) were determined as indicators of insulin status in
mice. Fasted serum was extracted from mice at week 11 of the study, and insulin concentrations
measured by multiplex analysis. HOMA-IR was calculated using blood glucose (Figure 5-13 (F)),
and serum insulin data obtained from mice at week 11 of the study with the following equation
[189]: Fasted Blood Glucose (mmol/L) X Fasted Serum insulin (μU/mL) / 22.5. Both 45%HFD
and 60%HFD mice were found to have significantly increased fasted serum levels of insulin
(p<0.01 and p<0.0001 respectively), and HOMA-IR (p<0.01 and p<0.0001 respectively) relative
to 17%LFD mice (Figure 5-14), with 60%HFD mice also having significantly increased fasted
serum insulin (p<0.01) and HOMA-IR (p<0.001) relative to 45%HFD mice. Additionally,
HOMA-IR values were discovered to be significantly and positively correlated with total white
adipose tissue mass, and BMI (both p<0.0001, r2=0.6370 and r2=0.6447 respectively, Figure 515), suggesting that increased adipose tissue expansion and BW contributed to the development of
insulin resistance in mice consuming HFDs.

84

B

1500

15

a
b

1000

HOMA-IR

Fasted Serum Insulin (pg/ml)

A

c
500

0

17%LFD

45%HFD

a
b

10

c
5

0

60%HFD

17%LFD

45%HFD

60%HFD

Figure 5-14: The Effects of Different Obesogenic Diets on Mouse Fasted Serum Insulin
Concentrations and Insulin Resistance
(A) fasted serum Insulin (pg/mL), and (B) homeostatic model assessment of insulin resistance
(HOMA-IR) in 17%LFD, 45%HFD, and 60%HFD mice. Fasted serum was obtained from mice at
termination. HOMA-IR was calculated as: [(fasted blood glucose (mmol/L) X fasted serum insulin
(μU/mL))] / 22.5 using blood glucose and serum insulin data obtained from mice at week 11 of
the study. Data was statistically analyzed with one-way ANOVA followed by Newman-Keuls post
hoc test (n=12 per group). Bars not sharing a lower-case letter indicate significant differences
(p<0.05) between dietary groups.
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Figure 5-15: Linear Regression Analysis of Mouse HOMA-IR with Respect to White Adipose
Tissue Mass and BMI
(A) The relationship between homeostatic model assessment of insulin resistance (HOMA-IR, Yaxis) and total white adipose tissue mass, and (B) the relationship between HOMA-IR and body
mass index (BMI). Both total white adipose tissue mass (p<0.0001, r2=0.6370) and BMI
(p<0.0001, r2=0.6447) were closely correlated with HOMA-IR. BMI was calculated as body
weight (g) / body length (cm2), and HOMA-IR was calculated as: fasted blood glucose (mmol/L)
X fasted serum insulin (μU/mL) / 22.5 using fasting blood glucose, and serum insulin values
obtained from mice at week 11 of the study.
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5.2 Effect of HFD-Induced Obesity on Colon Health
There are many factors that contribute to the development of the obese phenotype [26, 27],
and there is now considerable evidence that the colon health is also altered in obesity, and may
greatly contribute to the development and severity of the obese phenotype [213]. Therefore,
aspects of colon size and morphology were assessed in order to determine if colon health is
significantly altered in the HFD-induced mouse model of obesity, and if colon health is differently
impacted by the obese phenotype produced by 45%HFD and 60%HFD.

5.2.1 Colon and Cecum Size Parameters
At termination, the colon and its content were extracted, and measured for weight (mg) and
length (cm) (Table 5-3). Although the combined weight of the colon and its content were similar
between all three diet groups, colon length was shown to be significantly increased in both
45%HFD and 60%HFD mice relative to 17%LFD mice (both p<0.01); however, colon length was
not significantly different between 45%HFD and 60%HFD mice.
The cecum is a major site of microbial fermentation of indigestible CHO in mice [17, 322],
therefore the cecum was extracted at termination, and weighed with and without cecum content
(g) as an indicator of microbial community activity [323-325] (Table 5-4). Interestingly, the
combined weight the cecum and its content (cecum+content) was significantly lower in both
45%HFD (p<0.05) and 60%HFD mice (p<0.01) relative to 17%LFD mice. However,
cecum+content weight was not significantly different between mice consuming HFDs, and empty
cecum weight was not significantly different between 17%LFD, 45%HFD, and 60%HFD mice.
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Table 5-3: Colon Size Parameters
Tissue
Colon+Content
(mg)
Colon Length
(cm)

17%LFD

45%HFD

60%HFD

Significance

213.0±10.2a

230.4±7.6a

244.5±13.6a

p=0.1320

71.67±1.4b

78.3±1.2a

77.55±1.6a

p=0.0010

Average colon weight (mg) and length (cm) of 17%LFD, 45%HFD, and 60%HFD mice. Data is presented as mean organ weight (mg)
or colon length (cm) ± SEM. All data sets were analyzed with one-way ANOVA followed by Newman-Keuls post hoc test (n=10-12
per group). Values not sharing a lower-case letter indicate significant differences (p<0.05) between dietary groups.

Table 5-4: Cecum Weight
Tissue
Cecum+Content
(mg)
Empty Cecum
(mg)

17%LFD

45%HFD

60%HFD

Significance

218.1±9.9a

188.3±5.2b

181.3±7.8b

p=0.0054

53.2±2.6a

50.7±2.3a

51.4±3.1a

p=0.7865

The combined weight of the cecum and its content (mg), and empty cecum weight (mg) in 17%LFD, 45%HFD, and 60%HFD mice. All
data is presented as mean organ weight ± SEM. All data sets were analyzed with one-way ANOVA followed by Newman-Keuls post
hoc test (n=11-12 per group). Values not sharing a lower-case letter indicate significant differences (p<0.05) between dietary groups.
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5.2.2 Proximal Colon Histomorphology
Proximal colon mucous layer thickness (Figure 5-16), crypt mucin content (Figure 5-17),
as well as crypt height and goblet cell density (Figure 5-18) were analyzed in order to determine
if the HFD-induced mouse model of obesity produced significant histomorphological changes in
this region of the intestinal tract. Interestingly, 45%HFD mice did not display any significant
alterations in proximal colon histomorphology relative to 17%LFD mice. However, 60%HFD
mice were shown to have significantly increased crypt mucin content (p<0.05), crypt height
(p<0.05), and crypt goblet cell density (p<0.05) relative to 17%LFD mice, with 60%HFD mice
also having increased crypt height (p<0.05) and crypt mucin content (p<0.01) relative to 45%HFD
mice. Surprisingly, mucous layer thickness was not significantly altered in mice fed either HFD
relative to 17%LFD mice despite increased crypt mucin content and goblet cell density in
60%HFD animals (Figure 5-19).
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Figure 5-16: Representative Images of Carnoy’s-Fixed Alcian Blue-Stained Proximal Colon
Epithelium Demonstrating the Inner Mucous Layer
Representative images of proximal colon mucous layer from (A) 17%LFD mice, (B) 45%HFD
mice, and (C) 60%HFD mice viewed at 400x magnification. Proximal colon sections were fixed
in Carnoy’s solution in order to preserve the mucous layer, and stained with Alcian Blue/Nuclear
Fast Red. Scale bar represents 50 µm.
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Figure 5-17: Representative Images of Alcian Blue-Stained Mouse Proximal Colon
Epithelium Demonstrating Crypt Mucous Content
Representative images of proximal colon crypt mucin content in (A) 17%LFD mice, (B) 45%HFD
mice, and (C) 60%HFD mice viewed at 400x magnification. Proximal colons were fixed in
Formalin, stained with Alcian Blue/Nuclear Fast Red, and analyzed at 100x magnification. Crypt
mucin content was analyzed by measuring Alcian Blue stain intensity per µm 2 (AB/ µm2). Scale
bar represents 50 µm.
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Figure 5-18: Representative Images of H&E-Stained Mouse Proximal Colon Epithelium
Demonstrating Crypt Height Assessment
Representative images of proximal colon from (A) 17%LFD mice, (B) 45%HFD mice, and (C)
60%HFD mice. Proximal colons were fixed in Formalin, stained with Hematoxylin and eosin, and
viewed at 400x magnification for analysis of crypt height and goblet cell count. The yellow line
indicates crypt length, and the yellow point indicates a goblet cell. Scale bar represents 50 µm.
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Figure 5-19: The Effects of Different Obesogenic Diets on Mouse Proximal Colon Epithelium
Histomorphometrics
Proximal colon (A) mucous layer thickness (µm), (B) crypt mucin content (Alcian Blue stain
intensity/µm2), (C) crypt height (µm), and (D) crypt goblet cell density. Crypt mucin content and
mucous layer thickness were analyzed in proximal colon sections that were fixed in Carnoy’s
solution and formalin respectively, stained with Alcian Blue/Nuclear Fast Red, and viewed at 200x
and 100x magnification respectively (Figures 5-17 and 5-18). Goblet cell density and crypt height
were analyzed in proximal colon sections that were fixed in formalin, stained with hematoxylin
and eosin, and viewed under 400x magnification (Figure 5-19). At least 38 mucous layer
measurements per mouse were averaged to determine mucous layer thickness. 11-15 crypts per
mouse were analyzed for crypt height and goblet cell count. Data was statistically analyzed with
one-way ANOVA followed by Newman-Keuls post hoc test (n= 11-12 per group). Bars not
sharing a lower-case letter indicate significant differences (p<0.05) between dietary groups.
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5.2.3 Distal Colon Histomorphology
Distal colon crypt mucin content, crypt height and goblet cell density (Figure 5-20) were
analyzed in order to determine if high fat diet-induced obesity produced significant
histomorphological changes in this region of the intestinal tract. Similar to results seen in the
proximal colon, 60%HFD mice had significantly increased crypt height (p<0.0001) and goblet cell
density (p<0.001) relative to 17%LFD mice. Moreover, 60%HFD mice had increased crypt height
(p<0.05) and goblet cell density (p<0.01) relative to 45%HFD mice, however crypt mucin content
in the distal colon was not significantly different between all three groups of mice (Figure 5-21).
Interestingly, 45%HFD mice had increased crypt height relative to 17%LFD mice (p<0.05),
however this was the only significant histomorphological change observed in this group of mice
in both the proximal and distal colon.
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Figure 5-20: Representative Images of Alcian Blue-Stained Mouse Distal Colon Epithelium
Demonstrating Crypt Mucous Content and Crypt Height Assessment
Representative images of distal colon from (A) 17%LFD mice, (B) 45%HFD mice, and (C)
60%HFD mice. Distal colons were fixed in formalin, stained with Alcian Blue/Nuclear Fast Red,
and viewed at 400x magnification. Crypts were analyzed for mucin content (AB/m2), crypt length
(m), and goblet cell density. The yellow line indicates crypt length, and the yellow point indicates
a goblet cell. Scale bar represents 50 µm.
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Figure 5-21: The Effects of Different Obesogenic Diets on Mouse Distal Colon Epithelium
Histomorphometrics
Distal colon (A) crypt mucin content (Alcian Blue intensity/µm2), (B) crypt height (µm), and (C)
crypt goblet cell density in 17%LFD, 45%HFD, and 60%HFD mice. Crypt mucin content, as well
as crypt height and goblet cell density were analyzed in distal colon sections that were fixed in
formalin, and stained with Alcian Blue/Nuclear Fast Red. Crypt mucin content was analyzed at
100x magnification, and crypt height and crypt goblet cell density were analyzed at 400x
magnification. A total of 20-25 crypts per mouse were analyzed for crypt height and goblet cell
density. Data was statistically analyzed with one-way ANOVA followed by Newman-Keuls post
hoc test (n=11-12 per group). Bars not sharing a lower-case letter indicate significant differences
(p<0.05) between dietary groups.

95

5.3 Endotoxemia
As previously discussed in my review of literature, LPS is a potent pro-inflammatory
compound commonly found on the outer membrane of Gram-negative bacteria [21], with
endotoxemia (increased serum levels of LPS) often being increased in obese mice and humans
relative to lean mice and humans [260, 261, 326]. Since LPS is primarily produced in the gut,
endotoxemia can be used as a marker of gut health as increased amounts of LPS are able to
translocate from the intestinal lumen to systemic circulation due to increases in the permeability
of the gut barrier [15, 70]. Currently, the use of the Limulus amebocyte assay to directly detect
LPS is prone to error due to nonspecific binding, however detection of the LPS binding protein
(LBP), is considered reliable and indicative of endotoxemia [327-329]. For these reasons, fasted
serum levels of LBP were analyzed as an indicator of obesity-associated endotoxemia in mice at
weeks 6 and 11 of the study (Figure 5-22). By week 6, both 45%HFD (p<0.05) and 60%HFD mice
(p<0.01) had elevated fasted serum levels of LBP relative to 17%LFD, with 45%HFD and
60%HFD animals having similar serum LBP concentrations. Interestingly, by week 11 serum LBP
levels were only elevated in 60%HFD mice relative to both 17%LFD (p<0.01) and 45%HFD mice
(p<0.05), which did not significantly differ from one another.
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Figure 5-22: The Effects of Different Obesogenic Diets on Mouse Fasted Serum
Lipopolysaccharide Binding Protein (LBP) Concentrations
Fasted serum levels of lipopolysaccharide binding protein (LBP) at weeks (A) 6, and (B) 11 in
17%LFD, 45%HFD, and 60%HFD mice. Fasted serum levels of LBP are presented as ng/ml.
Statistical analysis for (B) was performed on log-transformed data sets, and the original data
presented. Data was statistically analyzed with one-way ANOVA followed by Newman-Keuls
post hoc test (n=10-12 per group). Bars not sharing a lower-case letter indicate significant
differences (p<0.05) between dietary groups.
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CHAPTER 6:
DISCUSSION

High fat diets have frequently been employed as a reliable method of inducing obesity in
various rodent models, however there is currently no standard definition of “high fat diet” given
that diets ranging from 20% to over 65% kcal fat content have been widely utilized and cited
interchangeably in literature, with the nutritional composition of these diets varying dramatically
[3]. As discussed, although these diets are currently being utilized and cited interchangeably,
results obtained from these studies pertaining to critical aspects of obesity such as body weight
(Table 1-1), adipocyte hypertrophy (Table 2-2), adipokine dysregulation (Table 2-3 and Table 24) and metabolic dysfunction (Table 2-5) are highly variable, making it difficult to compare results
across multiple studies using different obesogenic diets. Moreover, there is currently considerable
evidence that the obese phenotype is be able to manifest within the colon as a result of obesityassociated microbial dysbiosis and chronic low-grade inflammation [21]; however the changes in
colon health exhibited in different rodent models of DIO have been reported to be highly variable
and often contradictory (Table 2-6), making it especially difficult to compare results across
multiple studies. I therefore hypothesized that differences in the severity of the obese phenotype
induced by the two most popular obesogenic diets, 45%HFD and 60%HFD, would be related to
differences in diet composition and/or energy density between the two diets, that colon health
would be impacted in a HFD-induced mouse model of obesity, and that the degree of change in
the colon, would also be related to differences in diet composition and/or dietary energy density
between 45%HFD and 60%HFD. Based on the results reported in this thesis I confirm that these
hypotheses were correct; the severity of the obese phenotype induced by 45%HFD and 60%HFD
was related to differences in diet composition and/or energy density between the two diets, colon
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health was impacted in a high fat DIO mouse model of obesity, and the degree of change in the
colon was also related to differences in diet composition and/or dietary energy density between
45%HFD and 60%HFD.

6.1 The Obese Phenotype
My first objective was to determine the degree to which differences in diet composition
and energy density between the two most popular obesogenic diets, 45%HFD and 60%HFD,
differently impact the development and severity of the obese phenotype in male C57Bl/6 mice. In
order to answer this question, it is important to first confirm that both HFDs were successful in
inducing obesity.
After feeding male C57Bl/6 mice 17%LFD, 45%HFD, and 60%HFD for 12 weeks, it was
confirmed that animals consuming both HFDs had increased daily energy intake throughout the
study relative to animals consuming low fat diet (Figure 5-1). Importantly, increased daily energy
intake in 45%HFD and 60%HFD mice relative to 17%LFD mice was not due to increased diet
intake, as both groups of mice fed high fat diets consumed a similar, or less amount of diet on a
daily basis relative to 17%LFD mice. As expected, increased daily energy intake in mice
consuming 45%HFD and 60%HFD coincided with increased final BW, BMI (Figure 5-3), and rate
of weight gain (Figure 5-2) in these animals relative to mice consuming 17%LFD. Furthermore,
both 45%HFD and 60%HFD mice also displayed critical hallmarks of the obese phenotype
including increased adiposity (Table 5-1), adipose tissue dysfunction (characterized by adipocyte
hypertrophy (Figure 5-5), macrophage infiltration (Figure 5-7), and adipokine dysregulation
(Figure 5-9)), and metabolic dysregulation (characterized by elevated blood glucose (Figure 5-13),
serum insulin, and HOMA-IR (Figure 5-14)) relative to mice consuming 17%LFD. Taken
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together, these results confirm the presence of the obese phenotype in 45%HFD and 60%HFD
mice, and importantly, these results also confirm the absence of the obese phenotype in 17%LFD
mice, who had comparatively lower caloric intake, body weight, adiposity, and the absence of
critical markers for adipose tissue and metabolic dysfunction associated with obesity.
With respect to my first objective, there were in fact important differences in the obese
phenotype displayed by 45%HFD and 60%HFD mice. After consuming their respective diets for
12 weeks, 60%HFD mice had significantly increased final BW, BMI (Figure 5-3), rate of weight
gain (Figure 5-2), and adiposity (both in visceral (eg. epididymal) and subcutaneous (eg. inguinal)
WAT, Table 5-1) relative to 45%HFD mice. Taken together, these results demonstrate that mice
consuming 60%HFD developed obesity more quickly than mice consuming 45%HFD, and that
the obese phenotype induced by 60%HFD was more severe than that induced by 45%HFD after
12 weeks of diet consumption. Furthermore, 60%HFD mice also had increased liver weight
compared to 45%HFD mice, however relative liver weight was similar between the two groups of
mice once adjusted for body weight. These results indicate that increased liver weight in mice
consuming 60%HFD relative to mice consuming 45%HFD was likely a result of increased body
weight in the former group of animals after 12 weeks of diet consumption.
It is also important to note that absolute BAT weight was significantly increased in
60%HFD mice relative to both 45%HFD and 17%LFD mice (Table 5-1), however once adjusted
for final body weight all three groups of mice were found to have similar relative BAT weight
(Table 5-2). The role of BAT in humans is currently controversial as the amount of BAT has been
shown to be both positively [330] and inversely correlated with BMI [331-333], with BAT having
also been suggested to be completely absent in a number of participants [334]. While BAT has
been demonstrated be involved in non-shivering thermogenesis in both species, the amount and
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activity of BAT appear to play a much more prevalent role in rodents than in humans [335]. More
research is currently required to determine if BAT in rodent models of obesity is physiological
relevant to BAT in human obesity, however the results presented in this thesis suggest that the
increase in BAT weight in 60%HFD mice was linked to increases in body weight given that
relative BAT weight was similar across all three groups of mice once adjusted for this parameter.
These results are in agreement with current literature as the weight of BAT has previously been
shown to be increased in HFD-induced obese mice relative to lean mice consuming chow diet
[336, 337]. This may be due to increased lipid deposition within BAT adipocytes in a manner
similar to that which occurs in the liver in NAFLD, however further investigation is currently
required for confirmation.
Obesity-induced WAT dysfunction was then histologically analyzed in EAT due to the
relevance of the obese phenotype displayed in this particular WAT depot in mice relative to the
visceral adipose tissue dysfunction that occurs in human obesity [312-316]. Specifically, adipocyte
size and cell density were analyzed as indicators of adipocyte hypertrophy. Interestingly, the
degree of adipocyte hypertrophy was not significantly different between 45%HFD and 60%HFD
mice (Figure 5-5). These results indicate that although both 45%HFD and 60%HFD mice
displayed adipocyte hypertrophy relative to 17%LFD mice, adipocyte size was not further
increased by the severity of the obese phenotype induced by 60%HFD relative to the severity of
the obese phenotype induced by 45%HFD, despite 60%HFD mice having significantly increased
adiposity. These results also suggest that the adipocytes in obese mice had a limited capacity for
expansion.
As previously discussed in section 2.2.1, the finding that individual adipocytes have a
limited capacity for expansion in the context of obesity has been reported in humans by Hirsch
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and Batchelor, who found adipocyte size to be sharply increased in humans with a moderate degree
of obesity, with severely obese participants not having significantly increased adipocyte size
relative to moderately obese individuals [52]; a finding that has been reproduced in a number of
other human studies examining the relationship between adipocyte size, BMI, and adiposity [5355]. However, previous literature has reported the degree of adipocyte hypertrophy to be highly
variable in mice consuming different obesogenic diets (Table 2-2), making it difficult to interpret
results across multiple studies. The fact that the degree of adipocyte hypertrophy was not
significantly different between 45%HFD and 60%HFD mice supports the notion that individual
adipocytes have a limited capacity to expand in the context of obesity in mice (similar to that which
occurs in humans), while on a larger scale WAT is able to undergo continued expansion with
increasing disease severity. Although it is highly likely that the increased adiposity in 60%HFD
mice relative to 45%HFD mice is due to increased adipocyte hyperplasia since the degree of
hypertrophy was not significantly different between the two groups of mice [338], further
investigation is currently required to confirm this possibility.
Adipose tissue macrophage infiltration is another hallmark of the obese phenotype in both
mice [12, 92] and humans [87, 93, 94] as excessive tissue expansion exerts stress on adipocytes,
resulting in increased rates of cell death and immune cell recruitment around necrotic adipocyte
debris. Therefore, using an F4/80 antibody to detect adipose tissue macrophages by
immunohistochemistry, I determined the degree of macrophage infiltration in EAT by comparing
the relative abundance of CLS in each group of mice (Figure 5-6). Previous literature has reported
the abundance of adipose tissue macrophages in HFD-induced obese mice to be directly related to
physiological characteristics such as BW and adiposity [86, 90, 91]. Since both of these factors
were elevated in mice consuming 60%HFD relative to mice consuming 45%HFD, it is not
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surprising that the abundance of CLS within EAT was also significantly increased in the former
group of mice relative to the latter (Figure 5-7). It was additionally found that the relative amount
of CLS in EAT was significantly correlated with the weight of the adipose tissue depot across all
three groups of mice (Figure 5-8). These results are in agreement with current literature [86, 90,
91], and indicate that mice consuming a 60%HFD had a markedly increased degree of EAT
macrophage infiltration relative to mice consuming 45%HFD, which is additionally indicative of
increased cell death, tissue dysfunction, and overall severity of the obese phenotype in mice
consuming 60%HFD relative to mice consuming 45%HFD [12].
In addition to adipocyte hypertrophy and macrophage infiltration, adipokine dysregulation
was also assessed as an indicator of adipose tissue dysfunction by analyzing fasted serum levels
of leptin, resistin, and PAI-1 [14]. Leptin and resistin are considered true adipokines given that
adipose tissue produces the vast majority of these circulating factors [8, 109-111]. However, while
PAI-1 is also expressed in adipose tissue [148], this circulating factor is also significantly
expressed in other tissues including smooth muscle [147] and endothelial tissue [118]. Previous
literature has determined circulating levels of leptin and resistin in particular to be highly correlated
with total WAT mass and are therefore often increased in obese mice and humans relative to their
lean counterparts; however as demonstrated in Table 2-3 and Table 2-4, the degree of
dysregulation of both adipokines in HFD-induced obese mice is highly variable across multiple
studies using different obesogenic diets, making it difficult to compare results. In contrast to leptin
and resistin, elevated circulating PAI-1 is more frequently associated specifically with extreme
visceral adiposity [149, 150] and the onset of severe insulin resistance and T2DM [40]. Although
fasted serum levels of PAI-1 were not significantly different between any of the mouse groups,
there was an overall trend for both groups of mice consuming HFDs to have increased circulating
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PAI-1 relative to 17%LFD mice (Figure 5-9). However, fasted serum levels of both leptin and
resistin were found to be significantly increased in 60%HFD mice relative to 45%HFD mice
(Figure 5-9), and were also found to be highly correlated with total WAT mass across all three
groups of mice (Figure 5-10), results that are in agreement with current literature [111, 121, 142,
143]. Taken together, these results indicate that the degree of adipokine dysregulation induced by
60%HFD was more severe than the degree of adipokine dysregulation induced by 45%HFD, and
that the degree of adipokine dysregulation was directly related to adiposity.
Obesity-associated metabolic dysfunction was assessed in mice at weeks 6 and 11 by
analyzing fasted blood glucose, response to an oral glucose challenge, fasted serum insulin, and
HOMA-IR. At week 6, fasted blood glucose levels were found to be increased in 60%HFD mice
relative to 45%HFD mice, however by week 11, fasted blood glucose levels were not significantly
different between mice consuming either HFD (Figure 5-13). Furthermore, both groups of mice
were found to have a similar response to an oral glucose challenge, and OGTT AUC at both weeks
6 and 11. These results suggest that mice consuming 60%HFD may have had reduced glucose
sensitivity relative to mice consuming 45%HFD at week 6 of the study owing to elevated fasted
blood glucose levels, but by week 11 there was no evidence to suggest that glucose homeostasis
was differently impacted in mice consuming either HFD. However, both fasted serum insulin and
HOMA-IR were significantly elevated in 60%HFD mice relative in 45%HFD by week 11 (Figure
5-14), with HOMA-IR values being highly correlated with both total WAT mass and BMI across
all three groups of mice (Figure 5-15). These results suggest that that the degree of systemic insulin
resistance was increased in 60%HFD mice relative to 45%HFD mice, and that mice adapted to
their respective HFDs by appropriately increasing circulating insulin levels in order to maintain
systemic glucose homeostasis relative to one another.
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As previously discussed in section 2.2.4.1, glucose homeostasis is a highly regulated
physiological process, with circulating glucose levels normally being maintained within relatively
narrow concentration range, and with circulating levels of insulin capable of being drastically
increased in order to compensate for resistance in target tissues [175]. It is therefore not unexpected
that indicators of glucose homeostasis were not significantly different between mice consuming
45%HFD and 60%HFD while indicators of insulin resistance were drastically increased in the
60%HFD mice relative to 45%HFD mice, as this outcome has been reported in previous literature
assessing the impact of DIO on metabolic dysfunction in mice (Table 2-5). Therefore, these results
suggest that the degree of metabolic dysfunction induced by 60%HFD was more severe than the
degree of metabolic dysfunction induced by 45%HFD, thus providing further evidence that the
obese phenotype induced by 60%HFD was more severe than the obese phenotype induced by
45%HFD.
Fasted serum levels of ghrelin were also analyzed due to the fact that circulating levels of
the hormone are often negatively correlated with BMI in obese humans and mice [202, 205, 339341]. Results from this study are in agreement with current literature as fasted serum levels of
ghrelin were negatively correlated with BMI (Figure 5-11), indicating an association between
reduced circulating ghrelin in the fasted state and obesity disease severity. Furthermore, 60%HFD
mice also had significantly reduced circulating ghrelin relative to 45%HFD mice, indicating that
the obese phenotype induced by 60%HFD had a more significant impact on fasted serum ghrelin
than the obese phenotype induced by 45%HFD after 12 weeks of diet consumption. It is interesting
that circulating levels of ghrelin are often decreased in obesity given the orexigenic (and therefore
potentially obesogenic) effects of the hormone on food intake and energy balance; this may be due
to a physiological adaptation that takes place in obesity given that an excessively positive energy
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balance is associated with the disease, thereby reducing the requirement of orexigenic hormones
such as ghrelin [202], however more research is currently required to elucidate the mechanism by
which this phenomenon occurs.
Fasted serum levels of glucagon, and incretins such as GIP and GLP-1 were additionally
analyzed due to their ability to influence systemic glucose metabolism, however fasted serum
levels of all of these circulating factors were found to be similar between all three groups of mice
(Figure 5-12). Although hyperglucagonemia has previously been reported in humans with T2DM,
additional research is currently required to determine the role of glucagon in non-diabetic obesity
[207-209], especially in mice. With respect to GIP and GLP-1, it is not surprising that fasted
incretin levels were similar between all three groups of mice given that circulating levels of both
factors are typically increased immediately following consumption of a meal, are rapidly degraded
by DPPIV, and are therefore commonly found only in trace amounts in circulation in the fasted
state [212].
Interestingly, 60%HFD mice also displayed increased body length at the end of the study
relative to both 45%HFD and 17%LFD mice, whose body lengths did not significantly differ from
each other (Figure 5-3). The mechanism behind this phenomenon is still not completely understood
as there is currently little available literature regarding the impact of DIO on body length in mice.
In humans, a study by Karlberg et al. found no direct correlation between childhood BMI and adult
height [342], however Steppan et. al demonstrated in mice that leptin is a potent stimulator of bone
growth, leading to increased femoral length in animals supplemented with leptin compared to
animals without leptin supplementation [343]. 60%HFD mice in this study did in fact have
significantly increased fasted serum leptin relative to both 45%HFD and 17%LFD mice in this
study, which may have impacted bone growth in the animals. however, a resistance to leptin often
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develops during obesity [344], and a study by Huang et al. found tibial length to not be significantly
different between mice consuming a 9.7% kcal low fat diet, and mice consuming a 58.7% kcal
high fat diet for a duration of 19 weeks [136]. It is interesting to note that increased body length
was only observed in 60%HFD mice and was absent in 45%HFD mice. Future research should
therefore be conducted on the relationship between leptin, adiposity, and body length in mice.
Based on results obtained from this study and information gathered from current available
literature, I conclude that consumption of 45%HFD and 60%HFD for 12 weeks differently impact
the development and severity of the obese phenotype in male C57Bl/6 mice. Final BW, BMI, total
WAT mass, and rate of weight gain were all increased in 60%HFD mice relative to 45%HFD mice.
Although both groups of mice consuming HFDs displayed a similar degree of adipocyte
hypertrophy, 60%HFD mice had a markedly increased degree of macrophage infiltration in EAT,
as well as increased circulating adipokine dysregulation relative to 45%HFD mice, indicating a
greater degree of adipose tissue dysfunction in mice consuming 60%HFD relative to mice
consuming 45%HFD. Finally, although both 45%HFD and 60%HFD mice displayed similar
glucose tolerance by the end of the study, 60%HFD mice had significantly increased fasted serum
insulin and HOMA-IR relative to 45%HFD mice, indicating a greater degree of insulin resistance,
and therefore metabolic dysfunction in the mice consuming 60%HFD relative to mice consuming
45%HFD. Given that both 45%HFD and 60%HFD mice consumed similar amounts of their
respective diets throughout the study, I further conclude that the severity of the obese phenotype
was related to differences in diet composition and energy density between 45%HFD and 60%HFD,
and that consumption of 60%HFD for 12 weeks induced a more severe obese phenotype than
consumption of 45%HFD for 12 weeks in a C57Bl/6 mouse model of obesity.
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6.2 Effect of HFD-Induced Obesity on Colon Health and Endotoxemia
My second objective was to determine if colon health is significantly impacted in a HFDinduced mouse model of obesity, and if differences in diet composition and energy density between
45%HFD and 60%HFD differently impact colon health and endotoxemia in HFD-induced obese
mice. This was accomplished by analyzing large intestine size parameters, proximal and distal
colon histomorphology, and fasted serum levels of LBP in mice consuming 45%HFD and
60%HFD relative to mice consuming 17%LFD.
With respect to colonic size parameters, it was discovered that the combined weights of
the colon and its contents were similar across all three groups of mice (Table 5-3). However colon
length was significantly increased in both groups of mice consuming HFDs (with 45%HFD and
60%HFD mice having similar colon length) thus suggesting that both high fat diets had an overall
trophic effect on the large intestine [345]. The cecum is a major site of microbial fermentation of
indigestible CHO in mice [17, 322]. Therefore the cecum was weighed with and without cecum
content as a general indicator of microbial community activity [346]. Although empty cecum
weight was similar across all three groups of mice, the combined weight of the cecum and its
content were found to be significantly decreased in both groups of mice consuming high fat diet
relative to 17%LFD mice (with cecum+content weight being similar between 45%HFD and
60%HFD animals, Table 5-4) suggesting that there was less substrate potentially available for
microbial fermentation in animals consuming both HFDs [346]. Taken together, these results
demonstrate that high fat feeding significantly impacted colonic size parameters such as large
intestine length, and cecum+content weight, however these parameters were not significantly
different between mice consuming 45%HFD and 60%HFD.
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The colon can be divided into proximal and distal segments, with each segment having
unique features such as pH, oxygen levels, nutrient status, microbial community composition,
microbial community activity [214, 215], and may therefore be differently impacted by HFDinduced obesity. Therefore, the relative effects of 45%HFD and 60%HFD on proximal colon
mucous layer thickness, and both proximal and distal colon crypt height, goblet cell density, and
mucin content were analyzed as histomorphological indicators of colon health in mice (Figure 519 and 5-21). Neither 45%HFD nor 60%HFD were able to significantly impact proximal colon
mucous layer thickness. Although mice consuming 45%HFD had increased distal colon crypt
height relative to mice consuming 17%LFD, no other aspects of colon histomorphology were
significantly different between 45%HFD and 17%LFD mice. However, 60%HFD mice had
increased proximal and distal colon crypt height, goblet cell density, and proximal colon crypt
mucin content relative to 17%LFD mice. These results indicate that 60%HFD had a much more
significant impact on colonic histomorphology relative to 45%HFD. Interestingly, these results
also provide further evidence of a trophic effect of HFD-induced obesity throughout the colon, a
finding which both supports and conflicts with current literature regarding the impact of HFDinduced obesity on histomorphological aspects of colon health (Table 2-6).
In contrast to the severe colonic inflammation that occurs in states of IBD such as Crohn’s
Disease and Ulcerative Colitis (characterized by severe histological damage, shortening of
intestinal crypts, and depletion of goblet cells) [347, 348], high fat feeding has been demonstrated
to promote low-grade intestinal inflammation in mice, a state that promotes intestinal proliferation
characterized by increased intestinal length, goblet cell proliferation, and crypt elongation [21,
288, 349, 350]. It is possible that in this study, low-grade intestinal inflammation induced by
60%HFD promoted intestinal proliferation, thus having an elongating effect on the colon, colonic
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crypts, and a proliferative effect on goblet cells in response to low-grade intestinal inflammatory
stimuli [345, 351, 352]. Moreover, crypt mucin content was also found to be increased in the
proximal colon in 60%HFD mice relative to 17%LFD mice. This observation could also be
explained by low-grade intestinal inflammation as pro-inflammatory mediators such as IL-4 and
IL-13 have previously been demonstrated to upregulate MUC-2 expression [216, 282], however
further analysis of inflammatory mediators in the proximal colon is currently required for
confirmation. Furthermore, this observation could also be explained by altered levels of SCFA
within the colon, thus potentially impacting the expression of various mucin proteins such as
MUC-2 or MUC-5AC [286, 287], however characterization and quantification of both SCFA and
mucins within the colon currently required for confirmation.
Obesity-associated endotoxemia has been shown to be impacted by factors related to both
gut health [21] and diet composition [268]; since 45%HFD and 60%HFD are inherently different
in their composition, and may differently impact colon health in obesity, it is highly likely that
these diets may also differently impact endotoxemia in DIO mice. circulating levels of LBP were
therefore analyzed at weeks 6 and 11 as a marker of endotoxemia in mice, which has previously
been linked to increased intestinal inflammation, gut barrier permeability, and obesity disease
severity [70]. At week 6, both groups of mice consuming HFDs had elevated fasted serum LBP
relative to mice consuming 17%LFD, however by week 11 only 60%HFD mice had significantly
elevated serum LBP relative to mice consuming 17%LFD (Figure 5-22). These results suggest that
by week 11, 45%HFD mice were adapted to their high fat diet and no longer displayed
endotoxemia relative to 17%LFD mice, and that 60%HFD was more effective at increasing and
maintaining endotoxemia in obese mice relative to 45%HFD, a factor that may have had a
significant impact on the development and severity of the obese phenotype in these animals given
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the relationship between endotoxemia and obesity [70]. These results could potentially be
explained by the increased fat content of 60%HFD relative to 45%HFD, which may have
facilitated the uptake of LPS from the intestinal lumen into systemic circulation due to the
lipophilic nature of the compound [268]. This result could also be explained by reduced gut barrier
integrity in 60%HFD mice relative to 45%HFD mice due to the manifestation of a more severe
obese phenotype within the colons of mice consuming 60%HFD, therefore allowing for the
increased translocation of LPS from the intestinal lumen into systemic circulation [21]. These
results could also potentially be explained by a combination of both possibilities, however
additional research is currently required in order to determine the mechanism by which
endotoxemia is induced in mice with DIO.
Based on my review of literature and results obtained from this study, I conclude that
consumption of HFD for 12 weeks was able to significantly impact colon health in male C57Bl/6
mice as characterized by changes in large intestine size parameters, histomorphology, and
endotoxemia. Furthermore, I conclude that 60%HFD had a much more significant impact on both
colon health and endotoxemia relative to 45%HFD, with 45%HFD being insufficient to
significantly alter certain aspects of colon histomorphology and endotoxemia after 12 weeks of
consumption in C57Bl/6 mice. Since mice consuming both HFDs consumed similar amounts of
diet throughout the study, I further conclude that the degree of change in the colon was related to
differences in diet composition between 45%HFD and 60%HFD.
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CHAPTER 7:
LIMITATIONS AND CONCLUSIONS

A limitation of this study is that microbial community composition and activity have not
yet been analyzed. Data obtained from the characterization of the cecal and fecal microbiota (16S
rRNA sequencing), as well as cecal and fecal levels of SCFA such as acetate, propionate, and
butyrate in each group of mice would be valuable in determining if differences in diet composition
and energy density between 45%HFD and 60%HFD differently impacted microbial community
structure and activity.
Furthermore, characterization of inflammatory mediators such as IL-6 and TNF−𝛼 would
be useful in determining the inflammatory profile of EAT in obesity. The characterization of
adipose tissue levels of MCP-1 as an indicator of macrophage infiltration, and TLR-2 and TLR-4
as indicators of LPS-stimulated inflammation would also be useful to further investigate the extent
of EAT dysfunction induced by 45%HFD and 60%HFD. Based on current literature, one could
reasonably expect the mRNA of IL-6, TNF-𝛼, MCP-1, TLR-2, and TLR4 to be increased in the
EAT of 60%HFD, and 45%HFD mice relative to 17%LFD due to increased adiposity, macrophage
infiltration, and endotoxemia in these animals [12, 21, 79, 83, 99-102]. It is also highly likely that
these parameters would be further exacerbated in the EAT of 60%HFD mice relative to 45%HFD
mice due to increased fat content and energy density in the former diet.
Moreover, characterization of inflammatory mediators such as IL-6, IL-10, and TNF-𝛼,
and various tight junction proteins including claudin-2, claudin-4, junction adhesion molecule,
zonula occludens-1, and occludin in the colon would be valuable in determining the degree of
colonic inflammation and gut barrier permeability respectively [21, 217, 218, 272, 353].
Furthermore, an in vivo measure of intestinal permeability (eg. intestinal permeability to FITC112

dextran) was not performed due to technical limitations, however this would help determine if the
intestinal barrier was impaired by high fat feeding, and would provide valuable data to further
characterize the degree of gut barrier permeability in mice fed 45%HFD and 60%HFD. Based on
current literature, one could reasonably expect the expression of pro-inflammatory mediators, the
pore-forming claudin-2, and intestinal permeability to FITC-dextran to be increased, and the
expression of structural tight junction proteins, and anti-inflammatory IL-10 to be decreased in
60%HFD, and possibly 45%HFD mice relative to 17%LFD mice.
In conclusion, I report here that 60%HFD had a more significant impact on adiposity,
adipose tissue dysfunction and metabolic dysregulation relative to 45%HFD after 12 weeks of
consumption in C57Bl/6 mice. I also report that 60%HFD had a greater impact on colon health
and endotoxemia relative to 45%HFD, with 45%HFD being insufficient to significantly alter
endotoxemia and certain aspects of colon histomorphology after 12 weeks of consumption in
C57Bl/6 mice. Since both groups of mice consuming HFDs consumed similar amounts of diet
throughout the study, their impact on the obese phenotype, colon health and endotoxemia can
largely be attributed to differences in nutritional composition between the two HFDs. I therefore
conclude that 45%HFD and 60%HFD differently impact the development and severity of the obese
phenotype, and that the severity of obesity induced by these two diets is related to differences in
diet composition and/or dietary energy density between 45%HFD and 60%HFD. I also conclude
that colon health is significantly impacted by HFD-induced obesity in mice, and that the degree of
change in the colon is also related to differences in diet composition and/or dietary energy density
between 45%HFD and 60%HFD. Therefore, although both 45%HFD and 60%HFD are currently
popular obesogenic diets that have been widely utilized and cited interchangeably in literature,
results pertaining to critical aspects of the obese phenotype and colon health in animals consuming
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different obesogenic diets are clearly not interchangeable. This thesis will improve future research
through its demonstration of the importance of choosing an appropriate dietary model when
studying obesity or intestinal health in mice, and by encouraging discretion when comparing
results across multiple studies using different dietary models of obesity.
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