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ABSTRACT 

 

SUNFLOWER STALK PITH FIBRE: INVESTIGATION ON OIL HOLDING 

CAPACITY, OIL–FIBRE INTERACTION, AND RELATED APPLICATION 

IN FOOD 

 

Mingyue Qi                                                                      Advisors: Dr. H. Douglas Goff  
University of Guelph, 2017                                                                   Dr. Steve W. Cui 

Water holding capacity (WHC) and oil holding capacity (OHC) of ground sunflower pith 

fibre (SPF) were studied, as well as its application in food industry. Both WHC and OHC 

increased with particle size of the SPF, reaching up to over 40 g liquid/ g fibre at particle 

size of 30 mesh (0.595 mm). However, the oil-SPF mixtures showed oil loss after 

staying on the filter paper for 24 and 48 h and the oil loss increased along the time with 

SPF particle size decrease. Both the whole sunflower pith and ground pith powder 

contain porous microstructures. FT-IR indicated that the two primary components of 

SPF are cellulose and pectin. From NMR T2 relaxation profiles, all the mixtures of oil 

and SPF at particle size of 30, 50, 100 and 200 mesh showed stronger oil-SPF 

interactions with less free oil. The in-vitro oil digestion was not affected with 4% SPF 

addition. Showing the best OHC, 30 mesh SPF reduced 74% oil loss in peanut butter 

with 2.2% addition. These findings could explain the reason of SPF’s high OHC and 

contribute to new applications for SPF, especially as oil stabilizer.
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Chapter 1 Introduction 

Focus on nutritional value and health impact of food products has been increasing. A 

satisfying diet should not only be safe and high quality, but also should be healthy. 

Dietary fibre (DF) is well known as carbohydrate from plants that are not digestible in 

human digestive system (Hipsley 1953). During food manufacturing, DF can be 

obtained from plants cell wall (cellulose, hemicellulose, lignin, pectic substances, gums 

and mucilages). Modified cellulose and pectin additives are also widely used 

(Kohajdová et al. 2011).  

The research of DF and their potential benefits in nutrition and health have drawn 

significant attention recently. Their benefits to human chronic diseases and other 

disorders has been shown in various studies (Lattimer and Haub 2010). According to 

Raghavendra et al. (2004), DF plays an important role controlling diabetes and obesity, 

as well as carcinogenesis and atherosclerosis prevention. Except for nutritional benefits, 

DF’s functional properties also contribute to their constant application in food industry. 

The bulking property of DF allows for the partially replace of ingredients such as flour, 

sugar and fat, thus lowering the caloric density (Kohajdová et al. 2011). Good oil and 

water holding capacity give DF the possibilities to serve as emulsifiers in high fat food or 

to prevent synaeresis. Fibres as additives can also adjust food properties such as 

texture, consistency, sensory and rheological features (Kohajdová et al. 2011).  

Sunflower (Helianthus annuus L.) is an abundant source for dietary fibre. The DF 

contents in sunflower head residue (without oilseeds) and stalk pith are 47.6% and 66.2% 

respectively (Marechal and Rigal 1999). Sunflower is the fourth largest oilseed source 

(Marechal and Rigal 1999), which is largely cultivated for its unsaturated oil (AAFC 
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2013). However, after harvesting sunflower seeds, considerable amounts of sunflower 

residues (head and stalk) were left in the farmlands due to large sunflower plantation, 

causing biomass waste. Without commercial applications, the residues are usually 

buried or burnt to clear fields, which causes pollution (Rudi et al. 2016). In the recent 

years, some studies suggested that sunflower stalk can be used for paper pulp 

manufacturing (Jimenez and Lopez 1993). 

In a previous study (Xu 2016), it was found that ground sunflower stalk pith has 

relatively high oil holding capacity (OHC) and water holding capacity (WHC) compared 

to other plant sources, which can provide sunflower DF some applications in food 

industry. In this thesis, stalk pith fibres from local Canadian sunflower sources have 

been studied, to investigate sunflower DF’s functional properties as an additive in food 

products. The main objectives of this study are: (a) to investigate the mechanism of 

sunflower pith fibre (SPF) high OHC & WHC; (b) to test the stability of SPF oil holding 

through oil loss observation and in-vitro digestion; and (c) to find an application for SPF 

in food products (peanut butter). 
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Chapter 2 Literature review 

2.1 Dietary fibre  

2.1.1 Definition 

Dietary fibre (DF) has been well known as indigestible carbohydrate from plants since 

1953 (Hipsley 1953). With a better understanding of carbohydrate and human digestion 

process, the present CODEX definition of dietary fibre was agreed in 2008, which 

defines it as natural and synthetic edible carbohydrate polymers with ten or more 

monomeric units, which are not hydrolysed by endogenous enzymes in small intestine 

of human beings (Smith 2006). High consumption of DF, as well as replacement in 

certain food products, is generally recommended; however, source, kind and 

physicochemical properties of fibre can lead to major differences in their biological 

function (McBurney 2010). The standardized definition is necessary for the food industry 

to measure and label DF ingredients and their nutritional values.  

2.1.2 Components and properties 

Components of dietary fibre can be categorized in several different ways. For instance, 

they can be classified based on their polysaccharide type, their function in the plant, 

their solubility or digestibility in gastrointestinal tract. In food and nutritional science, the 

most commonly accepted dietary fiber categorization is based on their solubility in a 

buffer at a given pH value, and/or their fermentability during in-vitro digestion. According 

to this theory, dietary fiber can be appropriately classified into water soluble/ finely 

fermented fibres, e.g. pectin, gums and mucilages, and water insoluble/ less fermented 

fibres, e.g. cellulose, hemicellulose and lignin (Dhingra, Michael, and Rajput 2012).  
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2.1.2.1 Pectin  

Pectin is hetero-polysaccharide with high molecular weight that contains mainly 

galacturonic acid units (over 65% by weight). They exist in all plant primary cell walls 

functioning as structural components, as well as intercellular cement substances 

(Endreû et al. 2009). The galacturonic acid groups may or may not be esterified with 

methanol. Pectin has high solubility in water and is almost fully digested in 

gastrointestinal tract by colonic bacteria. However, gelling property of pectin may delay 

gastric emptying and prolong the transit time within digestive tract, which explains their 

hypoglycemic behaviors (Jenkins et al. 1978).  

2.1.2.2 Gums and mucilage 

Gums and mucilage are plant fibres which have no part in structuring cell walls but are 

produced in plant secretory cells (Van Denffer et al. 1976). These types of 

polysaccharides are highly branched with good gelling and water binding capacity. Guar 

gum and gum arabic are the most common ones. Guar gum exists in the seed of 

Cyamopsis tetragonolobus (guar), which is a galactomannan and possesses similar 

physiological properties as soluble dietary fibres after partial enzymatic hydrolysis. Gum 

arabic is an arabinogalactan polysaccharide which can be isolated from acacia trees. 

Mucilage is a substance secreted into the endosperm, protecting plant seeds from 

extreme dehydration (Dhingra, Michael, and Rajput 2012).  

2.1.2.3 Hemicellulose  

After removal of aqueous soluble polysaccharides and pectin from cell walls, 

polysaccharides that dissolve in aqueous alkali are hemicellulose. Composed of 
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glucose units joined via β-1, 4 glucosidic linkages, hemicellulose is usually branched 

and smaller in size than cellulose (Kay, 1982). Also, they contain different kinds of 

sugars including xylose (mainly), galactose, mannose, arabinose, etc. (Anita and 

Abraham 1997).  

2.1.2.4 Cellulose 

Cellulose is the major constituent of plant cell walls, which has an unbranched polymer 

chain structure consisting of glucose units joined through β-1, 4 glucosidic linkages 

(Dhingra, Michael, and Rajput 2012). Due to the hydrogen bonding within its microfibrils, 

cellulose possesses high mechanical strength and biological degradation resistance, as 

well as low solubility in water and acid hydrolysis resistance. Except for insolubility in 

strong alkali (Aspinall 1970), cellulose cannot be digested in human gastrointestinal 

tract by any enzymes to any extent (Murray 2009).  

2.1.2.5 Lignin  

Lignin is a category of complex organic polymers which contains oxygenated 

phenylpropane units that have undergone dehydrogenative polymerization, such as 

coniferyl, sinapyl, and p-coumaryl alcohols (Dhingra, Michael, and Rajput 2012). Lignins 

from different sources usually have differences in molecular weight and methoxyl 

content. They are inert polymers, which present great resistance because of their strong 

carbon to carbon linkages and other intramolecular bonding (Theander and Aman 1979).  
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2.1.3 Health benefits 

Dietary fibres consumed in the daily diet offer health benefits when they are going 

through human gastrointestinal tract. In the small intestine, DF can prolong gastric 

emptying and/or nutrients transportation to the bloodstream by increasing the intestinal 

viscosity. The delay of glucose absorption decreases postprandial blood glucose levels 

(Ktari et al. 2014). In the large intestine, more digestion products from the small 

intestine accumulate due to high fibre consumption, activating anaerobic fermentation of 

bacteria, which leads to increasing fecal bulk and short chain fatty acids (SCFA) 

production by microorganisms. SCFA are an important source of energy to many 

physiological activities such as cell oxidative metabolism and cell differentiation 

(McBurney 2010). Some kinds of DF can also adjust blood pressure and cholesterol 

level, reducing the risk of cardiovascular diseases (Dhingra, Michael, and Rajput 2012).  

Additional dietary fibre ingestion also affects energy intake, satiety and weight gain. Due 

to incomplete digestion in human body, the addition of DF contributes to a decrease in 

the energy density of the food (Slavin and Green 2007). Water binding capacity makes 

some soluble dietary fibres form a gel in the stomach after water absorption, which 

increases gastric distention and makes consumers reach fullness faster (Slavin and 

Green 2007).  

Previous studies show that increasing DF intake leads to post-meal satiation faster and 

postpones hunger without following food intake, under circumstances of fixed energy 

intake. It is also shown that an extra 14 g of DF consumption per day leads to 10% less 

energy intake over 2 days and average 1.9 kg weight loss over 3.8 months, without 
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fixed energy intake. These changes of energy intake and body weight are similar to the 

studies where intake of dietary fat is 24% to 38% lower (Howarth, Saltzman, and 

Roberts 2001). Both natural high fibre foods and fibre supplement are associated with 

low energy intake and low weight gain (Howarth, Saltzman, and Roberts 2001).  

2.1.4 Industrial benefits and application 

As one of the most common ingredients in the food industry, dietary fibre is often used 

to improve features of various products (bakery goods, diary, beverage, processed 

meat) in sensory, quality, texture and shelf life (Kohajdová et al. 2011). Low in price and 

calories, DF is the perfect bulking material to partially replace carbohydrate or fat in food. 

It also improves oil and water holding capacity of food, as well as stability of emulsions. 

The existence of DF develops new texture and sensory properties, while improving shelf 

life (Elleuch et al. 2011).   

In bakery production, high dietary fibre replacement usually affects bread sensory 

characteristics, including loaf volume reduction and an increase in hardness (Gómez et 

al. 2003). It is observed that 4% dried and hydrated apple fibre addition caused 17% 

and 14% loaf volume loss in bread respectively (Chen et al. 1988). On the other hand, 

addition of DF keeps bakery products fresh for a longer time, due to their strong water 

binding capacity (Elleuch et al. 2011). Also, selective dietary fibre sources and 

replacement ratio can achieve the goal of maintaining similar sensory features while 

prolonging products shelf life. It is indicated that insoluble dietary fibre from wheat and 

oats with small particle size increases firmness, chewiness and elasticity of layer cake 

doughs (Gomez et al. 2010). In another study, bread made by wheat flour with 2% 
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replacement of dietary fibre (orange, pea, wheat, microcrystalline cellulose) shows 

similar sensory acceptability to white wheat bread, with longer shelf life and more 

nutritional benefits (Gómez et al. 2003). In muffins, peach dietary fibre addition helps 

the product hold moisture longer, and increasing hardness, chewiness and gumminess 

(Grigelmo-miguel, Carreras-boladeras, and Martín-belloso 1999).  

Dietary fibre can also be introduced into diary processing. In ice cream, hydrocolloid 

stabilizers such as xanthan gum and alginate can effectively inhibit crystal formation 

caused by temperature fluctuation during storage or transportation, due to their ability to 

bind water and form gels (Tseng and Zhao 2013). With addition of hydrocolloids, ice 

cream gains more consistence and smoother texture, as well as higher resistance to 

melting (Regand and Goff 2003). Moreover, antioxidant dietary fibre, e.g. wine grape 

pomace, can retard lipid oxidation in yogurt and salad dressing stored at 4 oC, while 

maintaining similar physicochemical properties as control (Soukoulis, Lebesi, and Tzia 

2009).  

Dietary fibre from fruit is often used as a stabilizer in jam production (Grigelmo-Miguel 

and Martin-Belloso 1999). Both strawberry and peach jam are provided with a 

pseudoplastic behaviour by the addition of peach dietary fiber, as substitution of 

commercial thickener. Also, the increase of fibre content leads to higher viscosity of the 

jams. Sensory evaluation results showed that high fruit dietary fibre content barely 

influences customer acceptance of jam products, compared to the traditional ones 

(Grigelmo-Miguel and Martin-Belloso 2000).  
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Application of dietary fibre is very common in meat products as well. Substituting fat 

with dietary fibre to reduce caloric content in processed meat can also be beneficial to 

final texture and stability. In beef burgers, the addition of wheat fibres significantly 

improved the cooking yield and diameter reduction of beef patties (Mansour and Khalil 

1997). Formulated with wheat fibers, beef burgers have higher moisture, protein and 

carbohydrate content compared to the control, as well as lower fat content. Moreover, 

the level of cholesterol in both cooked and uncooked beef burgers decreases as fiber 

content increases. It is mentioned that in fermented sausage production, the addition of 

fruit and cereal fibers can not only maintain similar sensory properties to the traditional 

high fat product, but also reduces the energy value of the final products (Garcia et al. 

2002). Dietary fibres from citrus and grape can also inhibit lipid oxidation when added to 

meat products, due to the bioactive compounds, such as polyphenols (Sayago-Ayerdi, 

Brenes, and Goni 2009). By delaying the oxidation process, shelf life was thus improved. 

In bologna sausage, the addition of citrus fibre can also reduce the level of residual 

nitrite. Except for nutritional and industrial benefits, dietary fibers can also influence the 

extent of fat lipolysis, indicated in many in-vitro digestion studies (Hur et al. 2009). One 

of the main mechanisms is that some soluble fibres can prevent lipids from becoming 

emulsified by forming viscous solutions. There are also other research showing that 

fibers can absorb enzymes into their matrix or bind bile salts to reduce lipid 

emulsification rate (Lairon, Play, and Jourdheuil-rahmani 2007). After in-vitro digestion, 

beef patties containing fibers release less free fatty acids than the ones without fibre 

addition (Hur et al. 2009).  

 



 
 

10 
 

2.2 Dietary fibre and oil and water holding capacity 

2.2.1 Oil and water holding capacity  

Water/oil holding capacity (WHC/ OHC) of fibre is defined as the amount of water/ oil 

retained by per gram dry matter of fibre (Elleuch et al. 2011). 

Water holding capacity is one of the main factors that describes hydration properties of 

dietary fibre. Hydration properties, including water absorption, swelling and water 

holding capacity, are usually affected by chemical structures of the polysaccharides 

components, particle size, porosity, ionic form, ionic strength, pH, temperature, etc. As 

for the ability of water holding, it is strongly affected by the source of dietary fiber. For 

example, compared to fruit dietary fibre, algae fibres have a better water and oil affinity, 

while cereal fibres show much lower affinity. These differences can be explained by 

various chemical properties of dietary fibre (Fleury and Lahaye 1991). 

Except for the fibre source, the amount of bound water in fibre also depends on sample 

preparation and methods of measurement. Generally, the AACC standard centrifugation 

method leads to higher water holding results, compared to the method using the 

Baumann apparatus. Also, the existence of soluble fibres may affect WHC 

measurement (Fleury and Lahaye 1991).  

Oil holding capacity is another important property possessed by dietary fibre. Fibres 

such as wheat bran and alginate are good materials for oil absorption. The ability of 

holding oil is usually related to fibre particle surface properties, overall charge density 

and the hydrophilicity of component polysaccharides (Elleuch et al. 2011).  
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Water and oil holding capacity give the possibilities of dietary fibres being used as food 

ingredients. High OHC gives fibres the ability to emulsify and stabilize high fat food 

products. Fibres with high WHC often serve as additives to prevent synaeresis, modify 

viscosity and improve texture of food products (Fleury and Lahaye 1991).  

2.2.2 Mechanisms of fibre water and oil holding 

2.2.2.1 Water holding  

Robertson and Eastwood (1981) suggested that there are three different types of water-

fibre binding, which are water and hydrophilic polysaccharides binding, water and fibre 

matrix holding and cell wall lumen trapping water, respectively. Except for different 

binding types, the amount of water held by DF also depends on the fibre nature, fibre 

material preparation and fibre WHC measurement. Centrifugation is specified that it 

gives all three types of binding water in the fibre, although strong centrifugal force may 

cause the breakdown of fibre particles and the loss of partial weakly combined water. 

Measurements of WHC usually involve incubation of water and fibre mixture. Therefore, 

the loss of fibres’ soluble fraction will also influence the results. WHC is also commonly 

determined by Baumann apparatus. In this method, dry powder of sample is put onto a 

wetted filter paper which is on the top of a glass filter. WHC is expressed as the water 

uptake at equilibrium by the sample, obtained from a graduated capillary (Kneifel and 

Seiler 1993). However, this method is only suitable to small amount (50 - 200 mg) of 

sample and the equilibrium time varies from sample to sample.  

It is reported that temperature increase leads to higher water binding, water uptake and 

swelling capacity of fibres, which are possibly associated to fibre solubility increase with 
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temperature (Arrigoni et al. 1986; Caprez et al. 1986). At temperature of 20 and 37 oC, 

fibre from Laminaria digitata with smaller particle size has higher water binding, water 

uptake and swelling capacity (Kneifel and Seiler 1993). On the contrary, cereal fibres 

with bigger particle size had greater capacity of water holding (Kirwan et al.1974). 

Cadden (1987) explained that for fibres without matrix structure, such as oat bran and 

microcrystalline cellulose, surface area increases due to particle size reduction, and so 

does the amount of water holding. However, the breakdown of fibres’ physical structure 

decreases the spaces available for free water, leading to low water holding capacity. 

These examples reveal that sample preparation and different WHC measurements can 

influence WHC results. 

Presence of ions also affects water holding capacity. In deionised water, Laminaria 

digitata fibre has higher WHC (Fleury and Lahaye 1991). The ionic strength in solution 

decreases polysaccharides’ water affinity and expansion by decreasing electrostatic 

repulsion between among macromolecules of polysaccharides. Sugar beet fibres 

showed similar results of water affinity reduction due to ionic strength (Fleury and 

Lahaye 1991). 

All the factors mentioned above would contribute to certain hydration property of dietary 

fibres.   

2.2.2.2 Oil holding 

Oil holding ability of fibres relates more to physical structure of fibres than to their oil 

affinity (Nelson 2001). Therefore, it is suggested that particle size reduction and water 

pre-treatment of DF led to low level of OHC due to the breakdown of porous structures 
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and water-occupied pores, respectively (Thebaudin et al. 1997; Nelson 2001). However, 

except for physical structures, OHC seems to be also affected by factors such as 

lipophilic sites abundance, hydrophilic nature and capillary action (Kinsella 1976). Oil 

absorption may also involve particle surface properties because OHC increases with 

particle size reduction in some cases (Fleury and Lahaye 1991). Dietary fibres with high 

OHC enhances the fat content stabilization and may affect lipid hydrolysis and 

absorption during digestion (Carvalho et al. 2009).  

2.3 Sunflower fibre 

2.3.1 Previous studies on sunflower dietary fibre 

Sunflower these days is cultivated because of its oil seeds, which are the fourth oil 

producing seeds source worldwide (Marechal and Rigal 1999). With such large 

plantation, however, the rest of the plant without much industrial application is left in the 

farmlands after seeds harvesting. In the 1980s, sunflower stalk water soluble extracts 

were found to  be strongly anti-inflammatory (Marechal and Rigal 1999), which was 

applied in cosmetic research and development. 

In the 1940s, sunflower pith containing notable amounts of uronic acid was noticed by 

Colin and Lemoine (Marechal and Rigal 1999). Since then, studies of sunflower 

residues have been focusing on sunflower pectin and its chemical properties as well as 

extraction methods. The content of pectin in different parts of the plant was also studied 

to see its relation to sunflower growth. Sunflower heads have always been the most 

popular sunflower residue in many research due to its considerable pectin content 

around 22% (Marechal and Rigal 1999).  
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Pectin from sunflower has a low degree of methylation (DM) naturally. Generally, it is 

impossible for high DM pectins to form gel without high sugar concentration and a 

proper acidic environment (Chang and Miyamoto 1992), however, the low DM pectin 

from sunflower can form gel with low sugar content, which can also serve as a proper 

ingredient for food products with low calories (Marechal and Rigal 1999). The strength 

of gel can be improved with sugar addition to low DM pectin (Chang and Miyamoto 

1992). At pH of 3, the sunflower pectin becomes highly viscous. Its quality is also 

affected by the cultivation, maturity and ways of extraction (Chang and Miyamoto 1992). 

To be used as gelation ingredient in confectionery or dairy industry, sunflower pectin is 

required to have no extra taste (Chang and Miyamoto 1992).  

Chemical demethylation can be applied to obtain low DM pectins for industrial 

production, however, their gelation pH range is relatively small compared to natural 

sunflower pectins (Kim and Sosulski 1978; Sosulski et al. 1978). The brittleness of gels 

formed by natural pectins could be improved by demethylation and amidation. However, 

sunflower pectins have not been used as gelation agents in any commercial 

manufacture (Marechal and Rigal 1999).  

In the work of Marechal & Rigal (1999), the chemical composition of sunflower stalk pith 

was characterized, which is shown in Table 1. Chemical characterization of de-pithed 

stalk was also obtained as dry weight (DW) 88%; ash, 3.8%; proteins, 1.4%; 

hemicellulose, 32%; cellulose, 41%; and lignin, 17%. Compared to the de-pithed stalk 

(stalk husk), stalk pith contains a high level of pectin, as well as a small amount of lignin, 

which is different from the piths contents of other crops, such as corn and sorghum. As 

for sunflower head residues, it contains 0.2% essential oil and 22% pectins. However, 
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the extraction methods can affect the pectin extract’s galacturonic acid content, which 

are 67%, 74% and 33% respectively when pectins were extracted in water, ammonium 

oxalate/ oxalic acid and hydrochloric acid.  

Table 1 Chemical composition of pith from sunflower stalk (% dry weight (DW) of matter), by Marechal & Rigal (1999) 

 

2.3.2 Application of sunflower fibre 

Due to the high level of pectin content in sunflower head and stalk, which are 22% and 

17.6% respectively, sunflower non-oil residues can be used as raw material for low DM 

pectin manufacture. Low methoxyl (LM) pectin is a desirable additive for gelation and 

thickening in food with low sugar content, in which high methoxyl (HM) pectin is not 

suitable (Saricoban et al. 2015). Except for gelling property, pectins are also a proper 

ingredient in meat products to improve cooking yield, due to high water and oil binding 
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capacity (Candogan & Kolsarici 2003). In addition, by forming protein – polysaccharides 

complex, pectins can also be used to strengthen proteins’ functional abilities. 

Pharmaceutical applications of pectins are also very common, which is another 

guidance for sunflower pectin application (Sriamornsak 2003). In many reports, it has 

been shown that pectins are beneficial to reduce blood cholesterol levels, with different 

experimental designs and subjects (Sriamornsak 2001). To reach a significant reduction 

in blood cholesterol, 6 g/ day pectin consumption is required (Ginter et al. 1979). Pectin 

treatment for less than two weeks led to a 13% cholesterol reduction. Kohn (1982) 

demonstrated that pectin in digestive tract can also help removing toxic cations such as 

mercury and lead. In addition, pectins can adjust digestion rate by increasing the 

thickness of digestive juice. The pectin layer could prevent foods from being digested by 

enzymes, thus reducing nutrients digestion and absorption (Flourie et al. 1984). Water 

binding capacity of pectins devotes to satiety quickly, which helps less food consuming. 

With the addition of pectin, gastric emptying of the meal was 23 to 50 minutes longer 

than the regular duration (Holt et al. 1979), indicating the pectin usage in eating 

disorders. 

Although sunflower dietary fibre has not been widely used in food industry, it can be a 

possible application for it. In various studies, dietary fibre has been reported as a 

healthy low-caloric ingredient increasing food bulk while decreasing energy intake 

(Kohajdová et al. 2011). It can be added to food products to replace carbohydrates and 

fat partially, or to stabilize emulsions due to water/ oil binding properties. One example 

is the fibre-enriched bakery products, which obtain longer shelf life with the help of high 

water binding capacity, as well as higher DF intake and lower caloric density.  
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Except for nutritional application, some studies suggested that sunflower stalk can be 

used in pulp and paper industry as an alternative to substitute traditional wooden 

material (Rudi et al. 2016). Consisting of lignocellulosic fibers (de-pithed stalk) and non-

cellulosic pith, the stalks from large sunflower plantation could be better utilized to 

produce paper pulp instead of being burnt or left in the farmlands. Rudi et al. (2016) 

evaluated the properties of sunflower stalk for fluting paper making by neutral sulfite 

semi-chemical (NSSC) pulping process, in which Mazandaran wood and traditional 

hardwood-based pulp were references. The result showed that sunflower stalk fibre can 

be used as a new material for fluting paper manufacture at higher strength.  

2.4 Influence of dietary fibre on lipid digestion 

2.4.1 lipid digestion in human body 

Lipid digestion is a process involving three major steps: emulsification, lipolysis, and 

micellization (Mu and Høy 2004). There are various forms of fatty foods (bulk fat, 

structural fat, emulsified fat, etc.) to be consumed and digested in the gastro-intestinal 

environment, however, most of them will go through the same digestion process. The 

lipid hydrolysis rate and extent varies, which can be used to determine the bioavailability 

of certain type of lipid, as well as its lipid profile over time (Bonnaire et al. 2008). 

2.4.1.1 Lipid digestion and preduodenal lipases 

In the mouth, mastication breaks food fat into fat globules, increasing the surface area 

for further lipolysis. The fat globules travel to the stomach and triacylglycerols (TAGs) 

start to get hydrolyzed by lingual and gastric lipase into diacylglycerols (DAGs) and free 

fatty acids (FFAs) (Mu and Høy 2004). Although lingual lipase is secreted by von 
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Ebner’s glands on the tongue, it is still quite active in stomach due to its stability in acid 

environment after it is transferred into stomach with food globules. The gastric lipase is 

secreted by gastric mucosa. It is most effective at pH around 4 but still functions well at 

less acidic environment, which provides it some activities when it goes into the upper 

duodenum with pH around 6.5 (Mu and Høy 2004).  

2.4.1.2 Lipid duodenal digestion  

The chyme made of emulsified lipids from gastric digestion continues its TAGs 

hydrolysis when it is transferred into upper small intestine, also called duodenum. Bile 

released from gallbladder contains bile salts, phospholipids, and cholesterol, and it 

works as an emulsifier in the duodenum to further decrease the droplet size of fat 

content and increase surface area for lipolysis (Bonnaire et al. 2008). Bile salts and 

phospholipids also prevent other surface-active materials in the digestive fluid from 

binding with emulsified lipid, allowing pancreatic lipase and colipase to hydrolyze TAGs 

into DAGs, monoacylglycerols (MAGs) and FFAs. Pancreatic lipase and colipase are 

both produced and secreted by pancreas. Pancreatic lipase is functional with the 

presence of colipase to conduct lipolysis at the oil droplet interface (Borgström 1975). 

To get access to the TAGs, bile salts are replaced by lipase and colipase and the 

glycerol molecules are hydrolyzed into sn-1 and sn-3 fatty acids. All these products from 

lipolysis will be combined with phospholipids and bile salts and become mixed micelle to 

be transported to the enterocytes to be absorbed. 
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2.4.2 factors affecting lipid digestion 

It is demonstrated that rate and extent of lipid hydrolysis can be affected by the 

physicochemical properties of lipids, as well as their microstructure. Besides, the food 

matrix containing fat, especially its structure and chemical composition, can also 

influence lipid bioaccessibility. There are several reviews focusing on controlling lipid 

digestion through different ways (Mcclements et al. 2008). Manipulating the main factors 

affecting lipid bioavailability can control lipid absorption in human body, which provides 

guidance for functional foods with such purpose. For food products containing lipids with 

low digestibility, or nutraceuticals for people without ability absorbing lipid efficiently, 

lipid bioaccessibility is expected to be increased. In some foods, however, it might be 

preferable to decrease lipid bioaccessibility for reasons such as lower cardiovascular 

disease risk. The following contents in this section will provide several ways to control 

lipid hydrolysis and absorption (McClements, Decker, and Park 2008). 

2.4.2.1 Food matrix design 

It is common to consume fat surrounded by other food substances as a matrix, which 

can be composed of ingredients natural or synthetic. In these complex food systems, 

how fast the non-fat matrix gets broken down may determine the lipolysis rate and 

extent, since the fat components should be exposed to lipases and other bioactive 

substances to be digested. Food matrix breakdown can be accomplished through 

physical or chemical ways inside human body. Mastication breaks food into fragments 

to expose fat droplets (Marze 2013; Michalski et al. 2013). Processes such as erosion 

and dissolution might involve certain environment pH, enzyme activity or ionic 
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interaction. In the case of matrix breakdown through either fragmentation, dissolution or 

digestion, its rate depends on the matrix exposed surface area, matrix composition, 

chemical bonds existing within the matrix, and the possibility of small molecules 

travelling through the matrix (Michalski et al. 2013). Therefore, proper food matrix 

materials can be chosen to control lipolysis rate and extent through their different 

permeabilities, or rates of degradation and dissolution. A few examples of matrix-lipid 

system to limit lipolysis are: lipid droplets surrounded by single or mixed polymer gel, 

lipid droplets surrounded by thermal treated starch matrix, or emulsions dehydration 

with biopolymers (Mcclements et al. 2008). 

2.4.2.2 Lipid droplet size control 

With smaller lipid droplet size, the lipolysis rate and extent would be higher due to the 

larger surface area between lipid substrate and lipases in the gastrointestinal (GI) tract. 

Some in-vitro lipid digestion experiments have results showing that the decrease of 

droplet size increases the digestion rate of lipid (Mcclements et al. 2008). Theoretically, 

adjustment of lipid droplet size would possibly control lipid digestion rate and extent, 

which can be accomplished by emulsion preparations with different emulsifiers or 

homogenization methods (McClements and Li 2010). However, the in-vivo experiments 

have shown that the size of injected lipid droplets has no influence on the overall 

lipolysis extent. This is because the droplet size cannot be controlled within the 

digestive tract  (Mcclements et al. 2008). Although different droplet sizes may lead to 

different digestion rate, the extent of lipid hydrolysis would not be affected since lipid 

breakdown will be complete after digesting within GI tract for hours. Thus, due to the 
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long duration of food digestion, the change of lipolysis rate will not affect the total 

amount of lipid being digested (McClements, Decker, and Park 2008). 

In a study of emulsion stabilized by milk protein, lipid droplets through the whole 

digestion were relatively small compared to regular lipid hydrolysis, which implies that 

the lipid droplets size is also interfered by the oil-water interface around them. To 

control lipid droplet size, it seems that it could be effective to control the interfacial 

components at the same time (Mcclements et al. 2008). 

2.4.2.3 Interfacial composition control 

Lipid digestion can also be affected by lipid droplets’ interfacial layer. The mechanisms 

include that lipid stability may be changed by the presence of certain interfacial 

substances, or that the interfacial layer may influence the activities of lipases and other 

bioactive substances such as bile and phospholipids, or absorb them to the surfaces of 

lipid droplets accelerating the lipolysis (McClements and Li 2010). The initial interfacial 

composition can be adjusted by using different emulsifiers or preparing emulsions with 

specific homogenization conditions (Mcclements et al. 2008). Lipid droplets stabilized by 

casein in emulsion are hydrolyzed more slowly in digestive system of rats than droplets 

stabilized by phospholipid, indicating the difference brought by interfacial layer 

composition (Michalski et al. 2013). In-vitro studies also found the influence of interfacial 

composition on emulsified lipid digestion. Protein-based emulsifiers such as caseinate 

and whey protein help lipid digested more completely, compared to the results of 

emulsions stabilized by lecithin or other small molecule surfactants (McClements, 

Decker, Park, et al. 2008).  
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2.4.3 influence of dietary fibre on lipid digestion 

Previous research has shown that the addition of dietary fibres can influence lipid in-

vitro digestion by various mechanisms. Boisen and Eggum (1991) reported that dietary 

fibres can absorb digestive enzymes into their matrix to inhibit lipid digestion. According 

to Lairon et al. (2007), some dietary fibres can inhibit lipid from being emulsified through 

binding bile, while others, especially soluble ones, can increase the viscosity of 

digestive solution to slow down lipid emulsification, lowering the extent of lipid hydrolysis. 

In the beef patty research of Hur et al., with addition of chitosan and pectin at ratio of 

0.5%, the total amount of free fatty acids was lowered after patties in-vitro digestion. 

Observed by laser scanning confocal microscopy, chitosan and pectin also led to bigger 

lipid droplets at the end of the digestion process. 

With a relatively high fibre addition at 0.4 wt%, cationic chitosan led to significant 

decrease in free fatty acids release after lipid digestion (Qin et al. 2016). The ability of 

cation to aggregate fat droplets made it hard for lipase getting access to surfaces of the 

droplets. In the same study, neutral DF (locust bean gum) or low level of chitosan 

addition (0.1 to 0.2%) had no influence on lipid hydrolysis extent.  

Different dietary fibre has differences in physicochemical characteristics such as 

chemical composition, hydrophobicity, solubility, surface activity, viscosity enhancement 

and holding/binding capacity. These factors will devote to their ability of lipid hydrolysis 

inhibition (Cui 2005). 

 

 



 
 

23 
 

2.5 Peanut butter 

2.5.1 production and nutritional value 

2.5.1.1 Introduction 

Peanut butter is made from dry roasted peanuts and has the final form of paste 

containing additives like salt, sweeteners or emulsifiers for taste or texture optimization. 

The data in the United States showed that the annual consumption of peanut butter 

reaches to 800 million dollars. And peanut butter or peanut products are owned by 94% 

Canadian household (Cumo 2015).  

The history of peanut paste usage is traced back to the Aztecs and Incas. In 1884, 

Marcellus Gilmore Edson (1849 – 1940) from Canada patented peanut butter for the 

first time. In the patent, the final state of peanut butter product was described as fluid or 

semi-fluid. Later, peanut butter was served to patients as a high protein food product 

without the need of chewing after John Harvey Kellogg owned his peanut butter patent 

(Patel 2015). 

Nowadays, peanut butter products are classified into two main types: crunchy and 

smooth. Peanut butter obtained from coarsely ground process contains obvious peanut 

particles, giving a crunchy mouthfeel. In smooth peanut butter, peanuts are finely 

ground to obtain a uniform texture and a creamy taste. Organic peanut butter showed 

up in 2012, having an gradually increasing demand and market (Cumo 2015). In the US, 

it is required that products containing over 90% peanuts can be labelled as peanut 

butter, thus, the content of additional ingredients such as salt, sweetener, and 

hydronated vegetable oil should not exceed 10% (Wright 2012).  
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2.5.1.2 Industrial production 

The shelled peanuts are roasted on a continuous roaster with hot air circulation. After 

an even roast process, the skins of cooled peanuts are removed by the blanching 

machine (Cumo 2015). The peanuts are cooled and conveyed to the blanching 

machines, which remove the skins. This prevents the peanut butter from having dark 

specks from the skins. Before the raw material gets ground, electronic color sorters and 

production inspectors need to check all the peanuts to remove pieces that are under or 

over roasted. In the grinder, peanuts are uniformly ground to obtain smoothness. For 

crunchy peanut butter, chopped peanuts will be mixed in the smooth final products 

before packaging. During grinding process, emulsifiers such as hydronated vegetable 

oil are usually added preventing peanut oil separation (IFT 2000). 

2.5.1.3 Nutritional value  

Peanuts are nutrient-rich food or ingredient. Their protein content is the highest among 

all the common nut products (Davis and Dean 2016). They are abundant in 

monounsaturated oil which is beneficial to heart health. They also serve as the source 

of various health-improved micronutrients and bioactive compounds. 

The protein content of peanuts is approximately 25.8% based on the data from USDA 

National Nutrient Database. In defatted protein solids, protein is also the major 

component, which shows benefits in studies of cardiovascular health (Stephens et al. 

2010). Hence, peanut protein as peanut oil by-product has a promising market because 

of the large number of oil-extracted solids (Seifert et al. 2010). 
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The amino acid composition (%) of peanut seed and skin protein is provided in Table 2 

(White et al. 2013). It is known that in 20 common amino acids, nine of them are called 

essential amino acids. Essential amino acids cannot be synthesized in human body, 

which means than people can only obtain them through daily diets. According to Miller 

and Young (1977), peanut protein can provide six essential amino acids through 

ingestion and digestion peanut in rat experiments, except for methionine, lysine, and 

threonine.  

Table 2 Amino Acid Composition (%) of Blanched Peanut Seed and Removed Skins (White et al. 2013) 

Amino Acid 
 

Peanut Seed Peanut Skin 

Asp 13.6 ± 0.4 9.6 ± 0.1 

Thr 2.5 ± 0.2 2.1 ± 0.1 

Ser 4.7 ± 0.1 10.7 ± 0.3 

Glu 21.0 ± 0.1 7.6 ± 0.1 

Gly 6.3 ± 0.1 38.0 ± 1.3 

Ala 3.8 ± 0.2 1.9 ± 0.1 

Val 4.3 ± 0.0 3.2 ± 0.3 

Met 0.9 ± 0.0 BDL* 

Ile 3.2 ± 0.0 2.1 ± 0.3 

Leu 7.5 ± 0.1 4.9 ± 0.0 

Tyr 4.3 ± 0.1 3.7 ± 0.2 

Phe 5.6 ± 0.0 BDL 

Lys 2.7 ± 0.0 6.1 ± 0.1 

His 2.4 ± 0.0 4.2 ± 0.2 

Arg 12.5 ± 0.2 3.2 ± 0.1 

Pro 4.7 ± 0.1 2.7 ± 0.4 

*Below detection limit.   

 

The lipid content in peanut seed is approximately 49% according to various studies. 

Peanut is also a kind of oil body (Huang 1992; Young and Schadel 1990) because most 

of its oil are stored in intracellular organelles (0.5–2.0 μm). Different kinds of fatty acids 

exist in peanut oil, such as triglycerides, diacylglycerols, monoacylglycerols, free fatty 

acids, phospholipids, as well as steryl esters (Yoshida et al. 2005), however, 
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triglycerides content is the highest among all the others, reaching up to 97% (Yoshida et 

al. 2005). 

2.5.2 Peanut butter stabilizers 

Oil separation is one of the biggest concerns of peanut butter quality and shelf life. 

Except for oil separation prevention, the addition of stabilizers will also provide peanut 

butter an even and smooth final texture. Hydrogenated vegetable oil as a peanut butter 

stabilizer was first introduced by Wait (1949), which consists of different vegetable oils. 

Nowadays, hydrogenated vegetable oil mixture as a stabilizer shows a promising 

industrial application. The most common vegetable oil sources include cotton, soybean 

and rapeseed and the typical stabilizer content is around 2% or less (Ahmadi and 

Shahmir 2016). In peanut butter production, stabilizers or emulsifiers are always mixed 

with products during grinding process to help particle distribute evenly and avoid oil 

separation. At the final manufacturing stage, the cooling process lowers the temperature 

of peanut butter system, accelerating fat crystallization. With the formation of a fat 

crystal network, free oil is immobilized and hard to flow out of the system, leading to a 

more stable and uniform peanut butter texture (Totlani & Chinnan 2007). However, 

during storage, the stability will still be affected by issues like storage temperature and 

emulsifier’s melting point (Tanti 2015). There are widely used complex stabilizers 

consist of saturated fat over 98% and trans-fat less than 0.5 g (Sanders & Carolina 

2001), such as Fix-X (Procter & Gamble Co., Cincinnati, OH) and Dritex RC/RCS Beads 

(ACH Food Co., Memphis, TN). Tropical oils, especially palm oil, are also a kind of 

alternative stabilizers in use (Aryana, Resurreccion, Chinnan, and Beuchat 2000). 
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According to Hinds et al. (1994), 2-2.5% palm oil would provide a stabilized peanut 

butter system for a year at 21-24 oC storage temperature, which was concluded from a 

two-week observation. In this study, it was also found that palm oil made peanut butter 

softer by 5% at similar storage conditions, compared to control samples stabilized by 

hydrogenated vegetable oil. The stabilizing property of palm oil is decided by its low 

linoleic acid content, which can provide smoothness (Aryana et al. 2000). 

Ahmadi & Shahmir (2016) studied fully hydrogenated flixweed seed oil as peanut butter 

stabilizer. They demonstrated that at 1, 1.5 and 2% (w/w) hydrogenated flixweed seed 

oil addition, peanut butter samples showed better oil holding capacity. The 2% addition 

led to the least oil separation, which was comparable to the sample stabilized with 1.5% 

industrial stabilizer (Ahmadi and Shahmir 2016). 

Before the application of hydrogenated oil, 1.5 to 2.0% glycerin was used to prevent 

peanut oil from separating (Du Puis, Segur, and Lenth 1939), without knowing how long 

it could remain stable. Silicon dioxide (Perlman 1999) and chitosan (Schumacher 2000) 

were also reported for the similar application, as well as propylene glycol (CENTIV 

2012).  
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Chapter 3 Materials and methods 

3.1 Materials 

The raw and dry sunflower stalks were received from local farms located in Hamilton, 

Ontario and Manitoba. The centre stalk piths used in all the experiments were 

separated from the stalk shells. Canola oil and two kinds of peanut butter (natural and 

stabilized) were purchased at local grocery stores (Zehrs and Nofrills, Guelph, ON). 

Sodium hexametaphosphate (powder, Laboratory Grade), hydrochloric acid (6N, 

Certified Grade), hexane (98.5%, HPLC Grade), sodium bicarbonate (99.7%, Certified 

ACS Grade), ammonium carbonate (Lumps, ≥30%, HPLC Grade), potassium chloride 

(≥99.0%, BP/EP/FCC/USP Grade), magnesium chloride hexahydrate (99%, Certified 

ACS Grade), sodium chloride (≥99.0%, Certified ACS Grade), potassium phosphate 

monobasic (≥99%, Crystalline/HPLC), bile salts, and lipase (from porcine pancreas, 

USP Grade) were purchased from Fisher Scientific. Calcium chloride dihydrate (≥99%, 

ACS reagent), pepsin (from porcine gastric mucosa, powder, ≥250 units/mg solid), α-

Amylase (from porcine pancreas, Type VI-B, ≥10 units/mg solid), and pancreatin (from 

porcine pancreas, 4 × USP specifications) were purchased from Sigma Aldrich. 95% 

Ethyl alcohol was purchased from Commercial Alcohols Canada. The non-esterified 

fatty acid (NEFA) kit (in-vitro diagnostic use) were purchased from Wako Diagnostics, 

USA. 
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3.2 Sample preparation 

Shells of sunflower stalks were peeled and stalk piths were ground using a blender 

(Oserizer, P.N. 56618-011). Dry ice was added into blender with piths during the 

grinding process. When grinding was finished, the pith powder was transferred to a 

shaking sieve (W.S. Tyler, OH, USA) and sieved for 8 min under “Fine” mode. Four 

different groups of pith powder samples were selected after sieving, based on their 

particle size: particle size smaller than 16 mesh (1.19 mm) but bigger than 30 mesh 

(0.595 mm); particle size smaller than 30 mesh but bigger than 50 mesh (0.297 mm); 

particle size smaller than 50 mesh but bigger than 100 mesh (0.149 mm); and particle 

size smaller than 100 mesh but bigger than 200 mesh (0.074 mm). For simplification, 

they are referred to as SPF powder at particle size of 30, 50, 100 and 200 mesh in the 

rest of the thesis.  

3.3 Extraction of water-soluble polysaccharides  

The sunflower pith fibre (SPF) powder obtained in 3.2 was used for extraction of water 

soluble polysaccharides. The method was an adaptation of Xu (2015). Pith was 

dispersed (suspended) in 0.75% sodium hexametaphosphate (SHMP) solution with a 

ratio of 1:100 (solid to liquid, g/ g) at 60 ˚C for 60 min, using a thermo magnetic stirrer 

(Fisher Scientific) with a stir bar at 600 rpm. The pH during the extraction was adjusted 

to 3.5 with 6 M HCl. After extraction, water soluble extract and insoluble residue were 

separated by suction filtering solution through a Buchner funnel with two layers of filter 

paper (Whatman, Grade 4). Water soluble extract was precipitated with 1.5 volume of 

HCl-acidified anhydrous or 95% ethanol (percentage of HCl in the final mixture was 0.5% 
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v/v). The precipitated extract was obtained by suction filtration and then washed by 60% 

ethanol with and without acidification successively to remove remaining solutes and 

acid respectively (ethanol acidification was the same as the method described above). 

The washing process was repeated for three times in total. The insoluble residue after 

SHMP extraction was also washed for three times by this procedure. Both soluble and 

insoluble fractions were freeze dried using a Genesis 35L freeze dryer. 

3.4 Microstructure 

3.4.1 Scanning electron microscopy  

A thin slice of the whole sunflower stalk pith and ground pith powder at particle size of 

30, 50 and 100 mesh were observed by scanning electron microscopy (SEM).  

Each sample was attached to the surface of a pin stub by carbon tape and sputter 

coated with a gold palladium layer up to 20 nm thick. The stub was then placed in the 

SEM specimen chamber (Hitach S-570, Tokyo, Japan). The samples were observed 

under a vacuum ambiance with an accelerating voltage of 10 kV at room temperature. 

All the digital images were captured and processed by Quatz PCI Imaging Software 

(Version 8, Quartz Imaging Corp., Vancouver, BC). 

3.4.2 Fluorescence microscopy  

3.4.2.1 Sample preparation 

The samples for fluorescence microscopy observation were mixtures of nile red stained 

canola oil with SPF powder at particle size of 30, 50, 100 and 200 mesh, with and 

without centrifugation (9000 g for 30 min at room temperature).  The oil used in this 
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section was stained 2 h before mixing by 0.01% nile red dye. The ratio of nile red dye 

and oil for samples with and without centrifugation were 1:4 and 1:2 (g/ g) respectively. 

The ratio of SPF and oil in the sample was 1: 40 (g/ g).   

3.4.2.2 Microscopy 

The process conducted on oil-SPF samples with and without centrifuge were the same. 

A small amount of each sample was placed onto a glass microscope slide. A glass 

coverslip was used to cover the sample and the sample was pressed under the cover to 

obtain a thin layer for observation. Water drops can be added between slide and 

coverslip to eliminate air bubbles.  

A phase contrast light microscopy (Model BX60, Olympus Optical Co, Ltd, Japan) and a 

digital camera (Model DP71, Olympus Optical Co, Ltd, Japan) were used to observe 

slides and capture images.  

3.5 Fourier-transform infrared spectroscopy 

Powders from crude sunflower pith fibre and water-soluble extract were analyzed by 

Fourier-transform infrared (FT-IR) spectroscopy. Both samples were dried at 80 °C for 3 

h in a vacuum oven and then cooled in a desiccator in advance. FT-IR analysis was 

performed by a FTS 7000 FT-IR spectrometer, equipped with a single reflectance 

attenuated total reflectance (ATR) cell and a deuterated triglycine sulfate (DTGS) 

detector (Digilab, Randolph, MA). The spectra were obtained at a 4000 to 600 cm−1 

absorbance range at a 4 cm−1 resolution with 128 co-added scans. 
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3.6 Water holding capacity  

Water holding capacity (WHC) of sunflower pith fibre (SPF) samples were determined 

using the method modified from Mcconnell, Eastwood, and Mitchell (1974). 0.1 g SPF 

powder samples at particle size of 30, 50, 100, 200 mesh (um) were weighed into 50 

mL centrifuge tubes respectively. 6.0 g deionized water was added to each centrifuge 

tube and the whole weights of tube containing water-fibre mixture were recorded; 

mixtures were mixed completely using vortex (Fisher Scientific) at level 4 for 1 min and 

incubated at room temperature for 30 min. Then the mixtures were centrifuged under 

room temperature at 9000 g for 30 min. After removing supernatants, the weights of the 

tubes were recorded again. All the samples were measured in triplicate. The weight 

difference before and after discarding supernatants is attributed to water holding of the 

fibre. Water holding capacity is defined as the amount of water retained by 1 g of dry 

sample (g/ g dry matter) under certain soaking and centrifugation conditions. 

3.7 Oil holding capacity and oil loss 

Oil holding capacity (OHC) of SPF samples were evaluated by the method modified 

from Lin and Humbert (1974). 0.1 g sample and 6.0 g canola oil were transferred into a 

50 mL centrifuge tube successively. The whole weights of tube with oil-fibre mixture 

were recorded. The mixtures were then stirred by vortex for 1 min and held at room 

temperature for 30 min to obtain thorough dispersion of the sample in the oil. The 

mixtures were centrifuged under room temperature at 9000 g for 30 min. After 

discarding separated oil layer, the final weights were also recorded. Oil holding capacity 

is defined as the amount of water retained by 1 g of dry sample (g/ g dry matter).  
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The oil loss of oil-SPF mixtures after centrifugation was also investigated in this 

experiment, which was also used to evaluate OHC of SPF sample. At the same 

conditions mentioned above, the mixtures after centrifugation were weighed and then 

scooped onto 5 layers of filter paper (Whatman, Grade 4) in a petri dish (Fisherbrand, 

100 x 15 mm). In the middle of the filter paper, there was a 35-mm circle drawn. All the 

mixtures were filled into the same sized circle to obtain approximately the same surface 

area of contact. After 24 or 48 h, the weight of the mixture was recorded again. The 

difference between the weights before and after 24 or 48 h represented the amount of 

oil that leaked out from the mixture. Percent oil loss was calculated as the amount of oil 

lost on filter paper after 24 or 48 h divided by the amount of oil trapped in the mixture 

right after centrifugation (Equation 1). All the samples were measured in triplicate. 

𝑜𝑖𝑙 𝑙𝑜𝑠𝑠 (%) =  
(𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑚𝑖𝑥𝑡𝑢𝑟𝑒 𝑎𝑓𝑡𝑒𝑟 𝑐𝑒𝑛𝑡𝑟𝑖𝑓𝑢𝑔𝑎𝑡𝑖𝑜𝑛)− (𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑚𝑖𝑥𝑡𝑢𝑟𝑒 𝑎𝑓𝑡𝑒𝑟 24 𝑜𝑟 48 ℎ)

(𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑚𝑖𝑥𝑡𝑢𝑟𝑒 𝑎𝑓𝑡𝑒𝑟 𝑐𝑒𝑛𝑡𝑟𝑖𝑓𝑢𝑔𝑎𝑡𝑖𝑜𝑛) − (𝑤𝑒𝑖𝑔ℎ𝑡 𝑜𝑓 𝑆𝑃𝐹 𝑖𝑛 𝑚𝑖𝑥𝑡𝑢𝑟𝑒)
× 100%    

(Equation 1) 

3.8 Nuclear magnetic resonance T2 relaxation 

Samples used for nuclear magnetic resonance (NMR) T2 relaxation measurements 

were mixtures of canola oil and SPF powder at different particle size (30, 50, 100 and 

200 mesh), with and without centrifugation. The control of this experiment was canola 

oil. All samples were added into disposable glass NMR tubes with air bubbles removed 

as much as possible. Measurements were performed using a Bruker PC/20 Series 

pNMR spectrometer (Bruker Corp., Milton, ON, CA) at 23 °C. Contin algorithm (Bruker 

Corp.) was used to process free induction decay (FID) data for T2 relaxation results.  
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3.9 In-vitro digestion 

The objective of this section was to study the influence of SPF addition on lipid 

digestibility. The in-vitro digestion assay was adapted from Minekus et al. (2014). After 

digestion, the method of lipolysis determination was the one used formerly by O’Sullivan 

(2016).  

3.9.1 Sample preparation 

The digestion substrate is the mixture of SPF (30, 50, 100, 200 mesh) and canola oil at 

ratio of 1:25 (0.02 g SPF, 0.5 g oil). SPF and oil were added into 125 mL Erlenmeyer 

flasks and placed at room temperature overnight for thorough mixing. 0.5 g pure canola 

oil was used as the control of lipid digestibility.  

3.9.2 In-vitro digestion assay  

A standardized static in-vitro digestion model (Minekus et al. 2014) was modified and 

used in this study, which contains simulated salivary, gastric, and intestinal phases. The 

modified three-phase digestion protocol was designed to evaluate the lipid digestibility 

of pure oil and fibre-oil mixture samples. The compositions of electrolyte stock solutions 

for the simulated digestion fluids are shown in Table 3. All the stock solutions were 

prepared in advance and stored in cool and dry condition. Simulated digestive fluids 

with enzymes were freshly made the day of the experiment.  

0.5 g canola oil and 0.25 g SPF were weighed into a 125 mL Erlenmeyer flask 12 to 24 

h before the digestion process began. SPF samples were at different particle sizes of 30, 
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50, 100 and 200 mesh (0.595, 0.297, 0.149 and 0.074 mm). Three glass beads (5 mm 

diameter) were added to the sample flasks right before the addition of digestive fluids. 

Table 3 Salt composition of electrolyte stock solutions for the simulated digestion fluids (Minekus et al. 2014) 

 SSF  SGF  SIF  

pH 7 pH 3 pH 7 

Constituent Stock 
conc.  

Vol. of 
stock 

Conc. in 
SSF 

Vol. of 
stock 

Conc. in 
SGF 

Vol. of 
stock 

Conc. in 
SIF 

 g L-1 mL mmol L-1 mL mmol L-1 mL mmol L-1 

KCl 37.3 15.1 15.1 6.9 6.9 6.8 6.8 

KH2PO4 68 3.7 3.7 0.9 0.9 0.8 0.8 

NaHCO3 84 6.8 13.6 12.5 25 42.5 85 

NaCl 117 ---  --- 11.8 47.2 9.6 38.4 

MgCl2(H2O
)6 

30.5 0.5 0.15 0.4 0.1 1.1 0.33 

(NH4)2CO3 48 0.06 0.06 0.5 0.5 --- --- 

CaCl2(H2O)2 is not added to the simulated digestion fluids, see details in legend 

 g L-1  mmol L-1  mmol L-1  mmol L-1 

CaCl2(H2O)

2 
44.1 1.5(0.75*) 0.15(0.075

*) 
0.6(0.3*) 

* in brackets is the corresponding Ca2+ concentration in the final digestion mixture. 

 

To start the in-vitro digestion, 3.5 mL of simulated salivary fluid (SSF) electrolyte stock 

solution was added to each flask containing samples and glass beads. α-amylase was 

then added to reach 75 U mL-1 in the final digestive solution, followed by the addition of 

CaCl2 to reach 0.75 mM. 1.5 mL water was added to dilute the stock solution and 6 N 

HCl to adjust the final pH to 7.0. A final ratio of food to SSF is 1:10 (w/ v). The flasks 

were shaken at 165 rpm and 37 oC for 5 min in a reciprocal shaking water bath (Thermo 

Scientific, Model 2872). 

4.1 mL simulated gastric fluid (SGF) electrolyte stock solution was added to each flask 

after the 5-min oral phase. Pepsin and CaCl2 were added to reach 2000 U mL-1 and 

0.075 mM in the final gastric digestive solution, followed by 1.4 mL water. 6 N HCl was 

added to adjust the pH to 3.0. A final ratio of oral phase digestive residue to SGF is 1:1 
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(v/v). The flasks were shaken in the 37 oC water bath at 165 rpm for 120 min. 6.0 mL 

simulated intestinal fluid (SIF) electrolyte stock solution was added to gastric chyme, 

followed by bile salts addition to reach 10 mM in the final digestive mixture with 4.9 mL 

water. After the addition of water, all the liquid in the flask was transferred into a 40 mL 

beaker and mixed by a high sheer stirrer (Caframo, BDC2002) at 1000 rpm for 10 min, 

to emulsify the oil - water system thoroughly with bile salts before intestinal digestion 

began. After mixing, the mixture containing bile salts was transferred back to an 

Erlenmeyer flask. Pancreatin and pancreatic lipase were added to the flask to achieve a 

total 2000 U mL-1 activity of lipase, followed by CaCl2 to reach 0.3 mM in the final 

intestinal mixture. A final 1:1 (v/v) ratio of gastric chyme to SIF was targeted. The flasks 

were shaken in the 37 oC water bath at 165 rpm for 120 min. Pancreatic lipase activity 

was measured by pH – stat titration according to the method used by Carrière et al. 

(1993) and Erlanson & Borgström (1970). The lipase activity of pancreatin and 

pancreatic lipase were 6.06 U/mg and 17.24 U/mg respectively.   

All the samples, as well as control, were tested in the digestion assay above in triplicate. 

3.9.3 Determination of lipolysis after in-vitro digestion 

Lipolysis of oil during in-vitro digestion was determined by measurement of fatty acids. 

During intestinal digestion, 100 μL of each sample was collected at 10, 20, 30, 60, 90 

and 120 min and added to 1.5 mL Eppendorf Microcentrifuge tubes, which were filled in 

advance with 100 μL 1.0 N HCl and 1 mL hexane successively. After intestinal digestion 

was complete and all the samples were collected, the microtubes were sent to 

centrifuge at 4150 g for 40 min. Meanwhile, 10 mL glass jars with cap were prepared 
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and filled with 2 mL hexane for further fatty acid dilution. After centrifugation, the 

samples were transferred from microtubes into glass jars and placed at 4 °C. Free fatty 

acid (FFA) analysis was operated within 24 h. A non-esterified fatty acids (NEFA) kit 

(Wako Diagnostics, USA) was used for measuring FFA concentration based on its 

product instruction and all the samples were measured in duplicate. 225 μL aliquots of 

Solution A from NEFA kit were added to a 96-well microplate. 5 μl of standard solutions 

(oleic acid, 0.10 to 1.97 mM) and each sample were then added to the wells containing 

Solution A. After the microplate was incubated at 37 °C for 10 min, 75 μL of Solution B 

was added to each well and the plate was incubated at 37 °C for another 15 min.  

FFA concentration in each sample was determined by a UV-vis microplate 

spectrophotometer (Biotek) at the absorbance of λmax 550 nm. The oleic acid standard 

curve was used to calculate FFA concentration of each sample. The percent oil lipolysis 

was calculated as the actual amount of FFA released at a certain time point divided by 

the total available amount of FFA from canola oil sample hydrolysis (Equation 2). The 

total amount of FFA depends on the percentage of canola oil in the original oil source 

(w/ w) (Equation 3). The molecular weight of canola oil used in Equation 3 was 882.9 g/ 

mol and the available FFA was taken as 2/3 of the total fatty acids composing the 

triacylglycerols, based on pancreatic lipase and its sn-1,3 specificity (Carey et al. 1983).   

𝐿𝑖𝑝𝑜𝑙𝑦𝑠𝑖𝑠 𝑟𝑎𝑡𝑒 [%] =
𝐹𝐹𝐴(𝑡)[𝑚𝑜𝑙]

𝐹𝐹𝐴(𝑎𝑣𝑎𝑖𝑙𝑎𝑏𝑙𝑒)[𝑚𝑜𝑙]
× 100%                                  (Equation 2) 

𝐹𝐹𝐴(𝑎𝑣𝑎𝑖𝑙𝑏𝑙𝑒)[𝑚𝑜𝑙] =
𝐶𝑎𝑛𝑜𝑙𝑎 𝑜𝑖𝑙 ×3×

2

3

882.9𝑔/𝑚𝑜𝑙
                                                  (Equation 3) 
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FFA(t) represents the amount of FFA in the sample at t minute, while FFA (available) is 

the total available moles of FFA from canola oil sample hydrolysis.  

GraphPad Prism 5.0 (GraphPad Software, San Diego, CA, USA) was the software used 

to analyze the lipolysis data. The results were fitted to a one-phase association model, 

Y0 > 0. Data for each time points were compared using one-way ANOVA and Tukey 

test. Significance level of 0.05 was considered in the test (p < 0.05).  

3.10 Peanut butter oil loss 

3.10.1 Sample preparation  

Samples for peanut butter oil loss test were prepared by mixing natural peanut butter 

and SPF powder at particle size of 30, 50, 100, and 200 mesh in an electronic hand 

mixer (Kitchen Works, Model CH63000). After mixing, peanut butter samples with 0.4, 

0.8, 1.2, and 2.2 wt% SPF powder at each particle size were obtained. 2.2 wt% was the 

highest ratio of fibre addition because the ratio of stabilizers applied in commercial 

peanut butter are up to 2 wt%, such as hydrogenated oils and tropical oils. The same 

natural peanut butter without SPF addition and a peanut butter product stabilized with 

soybean oil and hydrogenated vegetable oil were used as control, denoted by Control N 

and Control S. All peanut butter products mentioned above are classified as “smooth”. 

3.10.2 Oil loss test 

The method in this section was adapted from Tanti (2015). 25 g of each sample, as well 

as control, was put into 50 mL centrifuge tube and centrifuged at 9000 g for 25 min at 
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room temperature. Centrifuge tubes were weighed before and after removing separated 

oil and percent oil loss was calculated. All the samples were measured in triplicate. 

3.11 Statistical analysis 

Statistical analysis for water and oil holding capacity, oil loss and peanut butter oil loss 

was performed using one-way ANOVA and Tukey post-hoc test. The data of in-vitro 

digestion lipolysis were fitted to a one-phase association model, Y0 > 0. All the data 

were analyzed by GraphPad Prism 5.0 (GraphPad Software, San Diego, CA, US). 

Significance level of 0.05 was considered in the test (p < 0.05).  
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Chapter 4 Results and discussion  

4.1 Microstructure 

4.1.1 Scanning electron microscopy 

Scanning electron microscopy (SEM) images of a whole sunflower pith slice are 

presented in Figure 1. Figure 1(a) and (b) show the porous structure of pith center, at 

different magnifications. Surfaces of the pores in Figure 1(b) were also covered by 

fibrillar networks. Figure 1(c) shows that the outer layer of the pith slice is less porous 

and uniform. The porous sponge structure makes SPF an ideal material for entrapping 

oil or water inside its holes. 

 

Figure 1 SEM micrographs of sunflower pith center (a, b) and out layer (c) slices. Low magnification images (a) and (c), high 
magnification image (b). 

Figure 2(a), (b) and (c) are images of ground SPF powder at particle size of 30, 50, and 

100 mesh respectively. After grinding, most of particles at 30 and 50 mesh still 

contained relatively complete porous structure, while 100 mesh particles were the 

fibrillar debris without pores. Dassanayake (2009) suggested that these fibrillar porous 

structures generally have good oil holding capacity due to the dense entangled 
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networks formed by fibres. However, without much porous structure, the high oil holding 

capacity of 100 mesh powder was because of capillary action and its affinity to oil. One 

of the main components of SPF based on FT-IR analysis is cellulose, which has affinity 

for oil through hydrophobic substituents such as methyl groups and hydroxyl propyl 

attached to it (Patel, Schatteman, and Dewettinck 2013). 

 
Figure 2 SEM micrographs of SPF powder at particle size of 30 mesh (a), 50 mesh (b), and 100 mesh (c).  

 

4.1.2 Fluorescence microscopy 

Microstructures of oil – SPF mixtures under fluorescence microscopy are presented in 

Figure 3 and 4. Figure 3 shows oil-fibre microstructure without centrifugation, while 

Figure 4 are the images after centrifugation. Oil in all the samples was stained by Nile 

red dye, but the fluorescence images were obtained using different filters for the best 

quality. 
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Figure 3 shows that without centrifugation, stained oil was attached onto the surfaces of 

fibre particles. At particle size of 30 and 50 mesh, the porous structures were obvious 

under fluorescence microscopy. Small droplets of oil were distributed beside SPF 

particles. However, it is hard to determine whether the pores were filled with oil using 

fluorescence microscopy. In Figure 3(c), 100 mesh SPF particles were also fluorescent, 

caused by surface oil. However, the lack of porosity led to more free oil which was not 

entangled by the fibre.  

 

 

 

 

 

 

 

 

 

 

 

Figure 3 Fluorescent micrographs of mixtures of oil and 30 mesh SPF (a), oil and 50 mesh SPF (b), oil and 100 mesh SPF (c). The 
ratio of SPF and oil in the mixture is 1: 40 (g/g). 

 

In Figure 4(a) and (b), SPF particles were clearly seen soaking in oil even with the 

removal of separated oil after centrifugation, indicating the existence of free oil. This 
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phenomenon showed that oil was not tightly bound to SPF and can flow through the 

sponge-like structure. It explained the quick absorption of oil when mixing and heavy oil 

leaking under minimum pressure (Patel, Schatteman, and Dewettinck 2013). In Figure 

4(c) and (d), the presence of free oil was not obvious, which was caused by weaker oil 

holding capacity. Without much porous structure for oil-SPF interacting, oil would not 

remain within SPF particles after centrifugation, leading to less free oil flowing out. 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4 Fluorescent micrographs of mixtures of oil and SPF at SPF particle size of 30 mesh (a), 50 mesh (b), 100 mesh (c), and 
200 mesh (d), after centrifugation. 
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4.2 Fourier-transform infrared spectroscopy analysis 

4.2.1 Crude sunflower pith fibre sample 

Crude sunflower pith fibre (SPF) and its soluble fraction were analyzed by Fourier-

transform infrared (FT-IR) spectroscopy and results are presented in Figure 5 and 6, 

respectively.  

 

Figure 5 FT-IR spectrum of crude SPF sample at 3600 – 800 cm-1 wavenumbers. 

 

In Figure 5, absorption between 3600 to 800 cm-1 was obtained. The wide absorption 

observed between 3400 to 3200 cm-1 is related to OH stretching band belonging to 

cellulosic or hemicellulosic chains caused by inter- and intra-molecular hydrogen bonds 

(Singthong et al. 2004). The peak at around 2900 corresponds to the absorption of 

cellulose -CH stretching vibration (Follain et al. 2015). The peak corresponding to 

cellulose CH2
- stretching around 1310 cm-1 further indicates the abundance of cellulose 

(Xu 2016).  The peak showing up between 900 to 880 cm-1 is assigned to axial 

anomeric H from β-glycosides, which are component of cellulose linear chains (Hanuza 
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et al. 2014). The FT-IR spectrum of Figure 5 showed that cellulose is one of the 

components of SPF. 

4.2.2 Sunflower pith fibre soluble fraction  

 

Figure 6 FT-IR spectrum of SPF soluble fraction at 3200 – 600 cm-1 wavenumbers. 

 

FT-IR profile of SPF soluble fraction is presented in Figure 6. Absorption peaks at 1730 

cm-1 and 1630 cm-1 were assigned to ester carbonyl groups (COOR) and free 

carboxylate groups (COO-) respectively (Gnanasambandam & Proctor 2000). The 

absorptions at 1150, 1100, and 1020 cm-1 are the distinctive absorbance regions of 

galacturonic acids, identifying the existence of pectin (Wang, Wei, and Jin 2009). The 

weak peak around 850 cm-1 is assigned to α-glucan (Xu 2016). Each kind of 

polysaccharides has a different FTIR profile, which can be recognized from their 

fingerprint absorption on the spectra from 1200 to 800 cm-1. Carbohydrates fingerprint 

region reflects the vibration of sugar ring (Cao et al. 2015). For pectic polysaccharides, 
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rich galacturonic acids presence contributes to its unique fingerprint absorption (Wu et 

al. 2012). 

4.3 Water holding capacity and oil holding capacity 

4.3.1 Water and oil holding capacity of SPF powder at different particle size 

Water holding capacity (WHC) and oil holding capacity (OHC) of SPF powder at 

different particle size of 30, 50, 100 and 200 mesh (which are 0.595, 0.297, 0,149, 

0.074 mm respectively) are shown in Figure 7 below, in which the WHC and OHC are 

presented as g water/oil by per g sample.  

 

 

 

 

 

 

 

 

 

 

Figure 7 OHC and WHC (g liquid/ g fibre) of SPF powder at particle size of 30, 50, 100 and 200 mesh. Error bar represents 
standard error of the mean, replicates n=3. Superscript letters indicate significant difference between values (p<0.05). 

 

With the increase of particle size from 200 to 30 mesh, WHC increased, ranging from 

20.4 to 40.2 g water/g fibre. Particle size caused big difference in the results, however, 

the values of WHC in this study are much higher than those reported previously for by 
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product dietary fibres. Fibre from peach pulp and asparagus by-product, for example, 

have WHC of 12.6 and 15.8 mL water/ g fibre respectively (Mrabet et al. 2012). Dietary 

fibres from other agricultural sources have much lower WHC compared to the ones 

mentioned above, for example, the WHC of cocoa husk fibre is 5.0 mL water/g fiber. 

Such high capacity of water holding is mostly because of SPF’s high insoluble dietary 

fibre (IDF) content, which contributes to low density and high porosity. Samples with 

bigger particle size containing more complete porous structure had higher WBC, which 

indicates that porous particle is likely to be the main factor related to oil/water holding 

physically. The decrease of particle size led to less porous structure, as well as larger 

surface area for exposure of hydrophobic groups, resulting in lower WHC (Matin Hemati, 

Shariatmadari, and Torshizi Karimi 2013). When particle size was smaller than 100 

mesh, WBC were still over 20 g water/ g sample without much sponge-like structure. 

Capillary action among SPF particles could be one of the reasons to hold water under 

high surface tension (Al-sheraji et al. 2011). Besides, hydrogen bonding or dipole 

interaction could build interactions between water molecules and fibre components (Al-

sheraji et al. 2011). The high WHC results suggest that SPF can be used in formulated 

food products as a functional additive to reduce syneresis. 

In Figure 7, OHC values of SPF share a similar trend and range as its WHC. The OHC 

goes down from 40.4 to 21.2 g water/g fibre with the decrease of particle size. Similar to 

WHC, the OHC values are also much higher than most of dietary fibres studied formerly, 

such as dietary fibre from orange, mango, rice bran and date (OHC from 0.86 to 9.7 g 

oil/ g sample) (Elleuch et al. 2008). According to Nelson et al. (2001), the porous 

microstructure of fibre has a bigger effect on OHC than its affinity for oil, which explains 
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the OHC reduction with particle size decrease. However, the mechanism of oil holding 

is more complicated than just porosity. It is also determined by lipophilic functional 

groups, overall hydrophobic property, capillary motion, etc. (Kinsella 1976). With such 

high OHC, SPF is a potential ingredient to stabilize the whole system of food products 

with high fat content. 

4.3.2 Oil loss of oil-SPF mixture after centrifugation 

With the same process of OHC testing described previously in 3.7, the oil-SPF mixtures 

after centrifugation were placed on filter papers for 24 or 48 h. Their oil loss along the 

time was recorded. The relations between percent oil loss with particle size and time are 

shown in Figure 8. After staying on filter papers for 24 h, the percent oil loss values of 

mixtures containing SPF at particle size of 30, 50, 100, and 200 mesh were 75%, 81%, 

85% and 86% respectively. When the duration for oil leaking extended to 48 h, the 

percent oil loss values increased to 80%, 87%, 91% and 91%. In 4.3.1, OHC is defined 

by the maximum amount of oil held by sample under certain conditions of centrifugation. 

The OHC value could be a guidance for storage, which indicates the ability of the 

sample to stabilize lipid in a static food system filled in a container without external force. 

With the optimal amount of oil holding material addition, which in this case is SPF, food 

products would barely have oil separation during storage. In this section, oil loss is 

another indicator for SPF oil holding capacity. It explains the ability of SPF to retain oil 

while the mixture is taken out of the initial package, which can be understood as oil 

holding stability during consuming or processing (Blake 2015). Food products 

containing stabilizers are also expected to be handled with as little amount of oil 

exposed as possible.  
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Figure 8 Percent oil loss after 24 and 48 h of oil - SPF mixtures at SPF particle size of 30, 50, 100 and 200 mesh. Error bar 
represents standard error of the mean, replicates n=3. Superscript letters indicate significant difference between values (p<0.05). 

 

In Figure 8, oil losses after mixtures were removed onto filter paper are noticeable and 

related to particle size. After 24 h, mixture with 30 mesh SPF addition had the least 

amount of oil leakage, which was over 70%. With the decrease of particle size, the oil 

leakage along the time increased. There was no significant difference between the oil 

loss results of SPF at particle size of 100 and 200 mesh, which were both over 85%. 

Mixtures with a 48-h stay on filter paper showed a similar trend, with an approximate 5-6% 

rise in oil loss at each particle size. These results suggest that SPF is a material which 

leaks most of the oil within 24 to 48 h. As an explanation, the oil leaking out fast was 

weakly bound (physically-trapped) to SPF due to physical absorption caused by porous 

structure and capillary action, while the oil that was still strongly bound after long time 

exposure to filter paper was because of factors such as lipophilic functional groups and 

H-bond between oil and fibre. Only a small amount of oil was strongly bound to SPF, 
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most of the oil was physically held by the porous SPF particles. However, the trend of 

oil leaking followed the change of particle size. The decrease of particle size led to less 

porous structures and larger surface area, increasing weak interaction between SPF 

and oil. One of the reasons could be that broken porous structures led to lower affinity 

for oil. When particle size is smaller than 100 mesh, the porous structures are basically 

gone because of grinding, leading to insignificant difference between the results of 100 

and 200 mesh samples.  
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4.4 NMR T2 Relaxation 

 

Figure 9 T2 relaxation profiles of oil-SPF mixtures at SPF particle size of 30 (a), 50 (b), 100 (c) and 200 mesh (d), with and without 
draining on filter paper after centrifugation. Blue curves with suffix ‘-c’ represent samples without draining on filter paper, while 
red curves with suffix ‘-24h’ represent samples draining on filter paper for 24 h. 

 

The T2 relaxation profiles of oil-SPF mixtures with and without draining on filter paper 

are presented in Figure 9. T2 relaxation times indicate how strong the interaction is 

between a species and its surrounding chemical environment. A shorter relaxation time 

means a faster exchanging process, implying a stronger interaction. The exponential 

fitting algorithm was applied to make sure that all relaxation signals were recovered 

from the FID (Gravelle, Marangoni, and Barbut 2016). Using this method, each T2 

relaxation profile showed three peaks in the range of 324-368 ms, 232-324 ms and 16-

82 ms respectively.  
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The results in section 4.3.2 showed that physically bound oil has the freedom to leak out 

of the oil-SPF network after the removal of separated oil caused by centrifugation, which 

is in line with T2 relaxation results mentioned below. With oil absorption by filter papers 

after 24 h, all the three peaks shifted towards left in Figure 9 (a), (b), (c) and (d). Shorter 

relaxation time occured because the loss of weakly-bound oil decreased oil phase 

mobility and tightly-bound oil-SPF networks were left in the mixture. Also, the oil 

leakage may lead to weaker free oil signals, which made the stronger interactions 

between oil and fibre show more clearly on T2 profiles.  

The centres of peaks in Figure 9(a) and (b) shifted from 10 to 46 ms, while the peaks in 

(c) and (d) shifted from 47 to 135 ms. This comparison shows that the loss of free oil 

had bigger influence on oil-SPF interactions with smaller SPF particle size. This 

indicates that oil which interacted with 30 and 50 mesh SPF after 24 h lost less mobility 

compared to 100 and 200 mesh samples. It is possible that smaller particle size led to 

stronger oil-SPF interactions and more free oil release. 

Gravelle, Marangoni, and Barbut (2016) demonstrated that NMR relaxation can be used 

for aqueous phase mobility determination of comminuted meat systems. In their study, 

the T2 relaxation peak of comminuted chicken breasts shifted towards left (relaxation 

time was shortened) with glass beads addition, since the mobility of aqueous phase 

decreased due to its interaction with hydrophilic glass surfaces. Besides, the increase of 

glass beads content increased available surface area for glass-water interaction, 

decreasing water mobility, as well as relaxation time of the peak. Similarly, the oil-SPF 

NMR results showed that with less free oil, which means higher fibre content, the oil-

SPF interactions were stronger due to better stabilization. SPF with smaller particle size 
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can provide larger surface area and contribute to stronger interaction and stabilization, 

compared to weak physical trapping from porous particles. 

4.5 In-vitro digestion  

4.5.1 Impact of SPF addition on lipid digestion 

The lipid hydrolysis extent of a canola oil control and oil- SPF mixtures with SPF at 

particle size of 30, 50 and 100 mesh are shown in Figure 10 to investigate the impact of 

SPF particle size on lipid digestibility, using a static in-vitro digestion model. The 

hydrolysis of lipid was measured at 6 different time points during the 2 h intestinal phase 

by free fatty acids concentration determination at each time point. All the lipolysis 

profiles were fit into the one-phase association model in GraphPad Prism 5.0 and Table 

4 shows the values of Y0, Plateau and K of each fit. The superscript letters in Table 4 

show significant differences among values in the same column. The lipolysis extents at 

each time point were also compared, within one sample or between each sample.  
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Figure 10 The lipid hydrolysis extent (%) of a canola oil control (red) and oil- SPF mixtures at SPF particle size of 30 mesh (black), 
50 mesh (green) and 100 mesh (blue) during 120 min simulated intestinal digestion. Values at 10, 20, 30, 60, 90, 120 min were 
plotted. Error bar represents standard error of the mean, replicates n=3. 
 

The one-phase association model is described in Equation 4 presented below. 

Y= Y0 + (Plateau − Y0) * (1−𝑒−𝐾𝑥)               (Equation 4) 

In this model, Y0 is the Y value when X is zero, which in this case represents the initial 

extent of lipid hydrolysis (%) when t = 0 min. K is the rate constant expressed in units of 

min-1. Plateau is the Y value at infinite times, which in this graph represents the total 

lipolysis extent in units of %.  

Table 4 Extent of lipolysis when t=0 (Y0), rate constant (K), and Plateau values obtained by fitting lipolysis data for pure canola 
oil, and 30, 50, 100 mesh oil -SPF mixtures to one-phase association models. Superscript letters indicate significant difference 
between values in each column (p<0.05). 
 

Sample Y0 [%] K [min-1] Plateau [%] 

Pure oil 18.9 ± 4.6 a 0.020 ± 0.013 a 45.1 ± 5.7 a 

30 mesh oil -SPF mix 21.2 ± 4.6 a 0.016 ± 0.011 a 54.2 ± 9.4 a 

50 mesh oil -SPF mix 13.8 ± 4.3 a 0.027 ± 0.010 a 44.3 ± 2.8 a 

100 mesh oil -SPF mix 11.9 ± 4.2 a 0.015 ± 0.007 a 57.5 ± 9.1 a 
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The results showed no significant differences in the extent of lipid hydrolysis between oil 

based mixtures with addition of 30, 50 and 100 mesh SPF and pure oil control at any 

time point of intestinal phase. This implies that the oil fractions were fully exposed to the 

digestion fluid and enzymes during the whole digestion process with or without the 

existence of SPF. The total lipolysis extents (44 to 57%) at the end of intestinal 

digestion are comparable to other lipolysis profiles of canola oil in-vitro digestion 

(O’Sullivan 2016), which further indicates that there was no strong interaction between 

oil and SPF when they were dispersed in water solution.  

As discussed in 4.3, porosity of SPF plays an important role in oil holding, which 

provides mostly physical interaction between oil and porous SPF particles. When the 

oil-SPF system was placed in a container where oil cannot move freely, a large amount 

of oil would be absorbed by the sponge-like structures and stay inside the pores or in 

between particles due to capillary action and hydrophobicity of samples. However, after 

the mixtures were moved into a bigger space where oil fraction had more mobility, 

which in this case was aqueous digestion fluid, they tended to spread into free space 

instead of being stuck inside the fibre. Thus, in the digestion fluid, oil stuck in SPF at 

first became as easily approached by enzymes as the control sample (pure oil). Except 

for weakly bound oil – SPF network, solubility of fibre in water also contributes to the oil 

leakage. During in-vitro digestion, samples were soaking and shaking for hours in water 

solution, resulting in SPF partially dissolution. Without complete porous structure, it was 

even more difficult for SPF to hold oil tightly around them. Digestion temperature of 37 

oC also accelerated SPF dissolution process.  
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Lots of previous research has demonstrated that in-vitro digestion of lipid can be altered 

by different kinds of dietary fibre, with various mechanisms. Boisen and Eggum (1991) 

reported that dietary fibres can absorb digestive enzymes into their matrix to inhibit lipid 

digestion. According to Lairon et al. (2007), some dietary fibres can inhibit lipid from 

being emulsified through binding bile, while others, especially soluble ones, can 

increase the viscosity of digestive solution to slow down lipid emulsification, lowering the 

extent of lipid hydrolysis. With a relatively high fibre addition at 0.4 wt%, cationic 

chitosan led to significant decrease in free fatty acids release after lipid digestion (Qin et 

al. 2016). The ability of cation to aggregate fat droplets made it hard for lipase to get 

access to surfaces of the droplets. In the same study, neutral DF (locust bean gum) or 

low level of chitosan addition (0.1 to 0.2%) had no influence on lipid hydrolysis extent.  

Different dietary fibre has differences in physicochemical characteristics such as 

chemical composition, hydrophobicity, solubility, surface activity, viscosity enhancement 

and holding/binding capacity. These factors will affect their ability of lipid hydrolysis 

inhibition (Cui 2005). Compared to previous studies mentioned above, SPF seems to 

lack the ability to retard or inhibit lipid hydrolysis during in-vitro digestion. Its oil holding 

capacity was mainly from its porous microstructure, giving weak bonding between oil 

and SPF. The addition of SPF reached to 4 wt%, which indicated that relatively high 

ratio of SPF cannot prevent oil from being digested. Whether SPF particles were 

charged in digestion fluid will be detected in future studies to find out the relation 

between charging status and its influence on oil droplet flocculation. Overall, SPF had 

no significant inhibition on lipolysis during in-vitro lipid digestion.  
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Figure 11 Oil loss (g) of natural peanut better (Control N) and peanut butter-SPF mixture containing SPF at particle size of 30 
mesh, 50 mesh, 100 mesh and 200 mesh, with different fibre content at 0.4%, 0.8%, 1.2%, 2.2%. Error bar represents standard 
error of the mean, replicates n=3. 

In this section, oil loss of peanut butter with SPF addition after centrifugation was 

investigated. Different particle size (30, 50, 100, and 200 mesh) and addition ratio of 

SPF (0.4%, 0.8%, 1.2%, 2.2%) were applied. The oil loss results are presented in 

Figure 11. Mean value of Control N is plotted as well, which is 2.87 g. The highest oil 

loss value among all the samples is 2.85g (50 mesh at content of 0.4%), slight lower 

than the value of Control N. With the increase of SPF content, oil loss of samples 

containing SPF at all particle sizes decreased. With 2.2% SPF addition, oil loss was 

much lower compared to Control N sample, ranging from 0.85 to 1.67 g, indicating that 

SPF successfully inhibited peanut butter oil loss. Based on one-way ANOVA Tukey test, 

samples with addition of 30 mesh SPF had significantly lower oil loss results at every 

SPF content from 0.4% to 2.2% compared to the others. It indicated that 30 mesh SPF 

has the best ability of oil holding in peanut butter, followed by 100 and 50 mesh SPF.  
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Centrifugal force and duration applied in this section were 9000 g and 25 min 

respectively, which were much stronger compared to Tanti’s work (1280 g and 10 min). 

With strong centrifugation, SPF can still reduce approximately 41.8% to 70.4% oil loss 

(along particle size increase) with a 2.2% addition, suggesting that it can be used as an 

ideal stabilizer in peanut butter production. Lima, Guraya, and Champagne (2000) 

reported that particle size distribution of peanut butter could affect oil separation/loss. 

Containing more smaller particles, peanut butter has larger surface area for oil 

absorption. However, peanut butter samples in this study were from the same source 

and mixed thoroughly before experiment, excluding the influence of raw material particle 

distribution, which also points out that the differences were brought by SPF addition.   

In Tanti’s peanut butter oil loss experiments, it was found that freeze dried 

hydroxypropyl methylcellulose (HPMC) was more effective in peanut butter stabilization 

compared to HPMC powder. It was demonstrated that freeze dried HPMC was a very 

porous polymer, providing more possible interactions through the pores between oil and 

HPMC compared to powdered sample (Patel, Schatteman, and Dewettinck. 2013). 

Besides, HPMC had available hydroxyl and methyl groups that were respectively 

capable of hydrogen bonding and non-polar interactions (Cash & Caputo, 2010). 

Similarly, in this study, SPF with bigger particle size contains the most porous structures, 

leading to more oil – fibre networking. With fibre concentration levels increasing, more 

interactions were happening, resulting in less oil loss. Also, SPF’s affinity for oil may 

come from the hydrophobic hydroxyl and methyl groups due to cellulose, which is the 

main component of SPF based on FT-IR analysis (Patel, Schatteman, and Dewettinck 

2013). 
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The oil loss result of control Stabilized (Control S) was also calculated, which is 2.90 g, 

slightly higher than Control N. This result might be caused by strong centrifugal 

conditions. Control S was stabilized with extra soybean oil and hydrogenated vegetable 

oil during production. At regular storage conditions, addition of hydrogenated vegetable 

oil would prevent peanut butter from oil separation and provide longer shelf life (Gills 

and Resurreccion 2000). However, under extreme conditions, such as high centrifugal 

force, break of hydrogenated oil crystal networks could lead to leakage of other oil 

components (peanut oil and additional soybean oil), thus increasing the amount of oil 

loss. 
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Chapter 5 Conclusions and future work 

In this study, WHC and OHC of SPF powder were determined. Both WHC and OHC 

increased with particle size. Fibre at particle size of 30 mesh (0.595 mm) had both WHC 

and OHC values of over 40 g liquid/ g fibre. The porous microstructure of SPF particle 

implied that SPF’s high water and oil holding are mainly physical. The oil loss 

observation and in-vitro digestion results further confirmed this conclusion. The NMR T2 

relaxation results showed that there were tightly bound oil-SPF networks after losing 

free oil, indicating that the porous structure is not the only mechanism of oil-SPF 

bonding. The OHC can be used in peanut butter production serving as oil stabilizer 

according to the peanut butter oil loss experiment. 

The future work should focus on investigating the possible interactions between oil and 

SPF. The components of SPF, mainly cellulose and pectin, may also contribute to the 

crude fibre oil holding due to hydrophobic functional groups. The application of SPF in 

other high fat foods, such as burger patties, could be explored, which could contribute to 

improve quality and health impact of the final products.  
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