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ABSTRACT          

 

  

 

ABUNDANCE, ACTIVITY AND COMMUNITY STRUCTURE OF NITRIFIER AND 

DENITRIFIER COMMUNITIES IN AGRO-ECOSYSTEMS 

 

  

 

Karen Ashley Thompson      Advisor: 

University of Guelph, 2016      Professor K.E. Dunfield 

 

Soil microbial communities are functionally diverse, responding to distal and proximal 

regulators of activity and functioning on multiple temporal and spatial scales due to the complex 

heterogeneity of the soil system.  Soil microbial denitrifying and nitrifying communities drive 

terrestrial N2O emissions.  Research was conducted on the effects of agricultural management on 

these communities in order to develop guidelines on agricultural practices which may mitigate 

these emissions.  Climate and associated changes in the soil environment were large drivers of 

these communities, with results of multi-year studies indicating that differences in temperature 

and soil moisture distinctly affected the size of denitrifier communities.  Choice of annual vs. 

perennial biomass crops, and the harvesting practices used in perennial systems also affected the 

size of these communities, and residue return increased the activity of the N2O-reducing 

community over a growing season.  Next-generation sequencing was used to link changes in the 

structure of nitrifier and denitrifier communities with agricultural practices that were associated 

with differences in field-scale N2O fluxes; specific indicator operational taxonomic units (OTUs) 

and nosZ gene abundances were largely responsible for driving differences in these communities.  

Analysis of nitrifier and denitrifier communities paired with changes in N isotopes gave 

complementary inferences about the production mechanisms of N2O in the field.  Together, this 

body of research gives a comprehensive picture of the many factors that affect the functioning of 

these communities, and indicates that management practices influence the abilities of these 

communities to produce and consume N2O.  Future research focusing on linking changes in 

nitrifier and denitrifier soil microbial communities with agricultural management and associated 

N2O fluxes within specific climatic regions, geographies, and soil types is required in order to 
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better understand the mechanisms controlling these communities and how these communities 

may be manipulated through management choices to mitigate soil N2O emissions. 
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Chapter One: General Introduction 

1.1 Context 

Declining fossil fuel reserves and increased energy requirements have dictated the need for 

dedicated biomass crop production for bioethanol and combustion-based electricity generation.  

Bioenergy from non-food plant sources is potentially sustainable and its use is largely carbon-

neutral compared to fossil fuel use (Mao et al., 2011).  In Ontario, coal was replaced with 

biomass and natural gas for provincial electricity generation at the end of 2014 (Sanscartier et al., 

2014).  Recent estimates indicate that Ontario has enough available land for biomass crop 

production to meet or even surpass competitive needs (Kludze et al., 2013).  Due to these 

increased demands for biomass, production is projected to intensify, causing debate regarding the 

sustainability of biomass cropping systems; depending on climate and agricultural practices used, 

net estimates of greenhouse gas (GHG) emissions and overall sustainability vary greatly (Emery 

and Mosier, 2014; Murphy and Kendall, 2014). 

Soil nitrous oxide (N2O) emissions are the largest estimated contributor (up to ca. 50% of all 

farm-related emissions) to life-cycle GHG emissions in some biomass cropping systems 

(Sanscartier et al., 2014).  With soils accounting for 36% of the global annual N2O emissions 

estimated at 17.1Tg N yr
-1

, small changes in N2O emissions can be significant with respect to 

climate change because N2O is a long-lived GHG with a 100-year global warming potential 

(GWP) 296x that of CO2 (Hénault et al., 2012; Miller et al., 2008; Schlesinger, 2013; Thomas et 

al. 2013).  The mitigation of N2O soil emissions is required to improve agricultural sustainability 

(Miller et al., 2008; Schlesinger, 2013);  the development of sustainable agricultural practices is 
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needed within the context of creating GHG-neutral biomass cropping systems.   

1.2 Soil Denitrifying and Nitrifying Microbial Communities 

Soil microbial communities are the major drivers of terrestrial biogeochemical cycling; 

human interference through agricultural management alters soil properties and therefore the 

functioning of these communities.  Functionally diverse nitrifying and denitrifying soil microbial 

communities are the major producers of terrestrial N2O emissions (Philippot, 2002), which are 

often observed in temporal and spatial ‘hotspots’ (Ball et al., 2010; Molodovskaya et al., 2012).  

Abundances of N-cycling genes and/or transcripts may act as qualitative proxies of N2O 

emission potential of a soil to produce (amoA, nirS or nirK) and consume (nosZ) N2O via 

nitrification and denitrification (Butterbach-Bahl et al., 2013; Hallin et al., 2009; Morales et al., 

2010; Petersen et al., 2012; Philippot, 2002).  Multiple studies have linked changes in nitrogen 

(N)-cycling gene abundances, transcripts and distinct community structures with plant types or 

development stage  (Bremer et al., 2007; Hai et al., 2009; Liang et al., 2012; Mao et al., 2011; 

Mao et al., 2013; Petersen et al., 2012; Watrud et al., 2013).  

 Plant species have been found to directly affect denitrifying community composition through 

root exudates in grassland species (Bremer et al., 2007), and denitrifying communities have been 

observed to differ in community structure between corn and perennial crops (Mao et al., 2011). 

The size of bacterial and archaeal nitrifying communities have been observed to differ between 

fertilization types and plant growth stages (Hai et al., 2009), and an increase in soil microbial 

biomass has been associated with the conversion of corn to perennial grass production (Liang et 

al., 2012).  Perennial and annual crops have been postulated to influence soil  microbial 
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communities through differences in yearly plant coverage and root architectural traits affecting 

carbon (C) and N pools, gas diffusivity and soil conditions (Abalos et al., 2015; Weddin and 

Tilman, 1990).  Variability in soil C and N inputs due to crop type, residue return, N fertilization, 

harvest timing, manure application timing or ploughing practices may also affect the soil 

microbial communities responsible for these emissions.  

1.21 Denitrification 

Denitrification is a microbially mediated process of dissimilatory nitrate reduction in which 

archaea and heterotrophic bacteria use nitrogen oxides as terminal electron acceptors for 

respiratory electron transport under O2-limited conditions (Prosser and Nicol, 2008; Wallenstein 

et al., 2006).  The sequentially-induced, step-wise reduction of nitrate (NO3
-
) and nitrite (NO2

-
) 

to the gases nitric oxide (NO), nitrous oxide (N2O), and molecular nitrogen (N2) is catalyzed by a 

suite of microbial reductases which respond differentially to changing environmental conditions 

(Henderson et al., 2010; Miller et al., 2009; Saleh-Lakha et al., 2009a) (Figure 1.1).  

 

Figure 1.1 The microbial denitrification pathway.  Genes coding for denitrification enzymes 

are shown in grey boxes.  Nitrate (NO3
-
) is reduced to nitrite (NO2

-
) by a nitrate reductase (coded 

by narG or napA), which is further reduced to nitric oxide (NO) via a nitrite reductase (coded by 

nirS or nirK).  NO is then reduced to nitrous oxide (N2O) by a nitric oxide reductase (coded by 

norB) and in some species, N2O is further reduced to dinitrogen (N2) via a nitrous oxide 

reductase (coded by nosZ). 
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Although anaerobic denitrification is often viewed as the main N2O-producing process in 

soils, denitrification under aerobic conditions may also significantly contribute to denitrifier-

based N2O emissions  (Bateman and Baggs, 2005; Dandie et al., 2008).  The most influential 

factors on denitrification rates in nature are O2 limitation, the availability of substrates (NO3
- 
, 

NO2
-
, carbon), pH, temperature, and the actual presence of denitrifying bacteria (Saleh-Lakha et 

al., 2009a).  

The ability to denitrify is widespread among soil bacteria, with the γ-proteobacteria 

containing the largest number of identified denitrification genes (Philippot, 2002).  Not all 

denitrifying species possess a complete set of enzymes to complete the denitrification process; as 

such it is often thought of as a community-based process (Dandie et al., 2008).  The size of 

denitrifier communities has been correlated with denitrification process rates (Hallin et al., 2009; 

Wu et al., 2012), and denitrification potential/potential activity in some studies (Cuhel et al., 

2010; Enwall et al., 2010; Verrines et al., 2011); conversely strong links between denitrifier 

community abundance and denitrification processes have not been observed in some studies 

(Dandie et al., 2011; Dandie et al., 2008; Enwall et al., 2005; Uchida et al., 2014).  However, 

potential denitrifying activity and denitrifying community size have been shown to be correlated 

in some studies (Hallin et al., 2009; Morales et al., 2010; Szukics et al., 2010; Throback et al., 

2007); suggesting community size may indicate potential differences in soil N processes. 

Relative abundances of denitrifier genes have been used to assess a soil’s potential to 

produce (e.g. nirS or nirK) and consume (e.g. nosZ) N2O via denitrification, representing a 

qualitative proxy of relative N2O emission potential of a soil (Butterbach-Bahl et al., 2013; 

Hallin et al., 2009; Morales et al., 2010; Petersen et al., 2012; Philippot, 2002); the nosZ-bearing 
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community may act as a N2O sink and counter high N2O production rates (Braker and Conrad, 

2011; Philippot et al., 2011) as the relative abundance and activity of the nitrous oxide-reducing 

(nosZ-bearing) community relative to the nitrous oxide producing (nirS or nirK –bearing) 

community or the total soil microbial community may influence N2O emissions (Cuhel et al., 

2010; Morales et al., 2010; Philippot et al., 2011).  A lower abundance of nosZ genes than the 

other reductases has been previously observed (Bru et al., 2006; Hallin et al., 2009; Henry et al., 

2006), indicating that a significant proportion of the denitrifying community will produce N2O 

under denitrifying conditions.  Although complete denitrification returns N2 to the atmosphere 

and closes the nitrogen cycle, incomplete reduction of nitrogen oxides along the denitrification 

pathway can lead to N2O emissions.  

1.22 Nitrification 

 Nitrification is carried out by both heterotrophic and autotrophic bacteria as well as 

archaea in soil, with autotrophic bacteria and archaea thought to be the largest contributing 

groups to nitrification in agricultural soils (Tourna et al., 2008).  The main autotrophic 

nitrification pathway is a two-step process, where ammonia (NH4
+
) is oxidized to nitrite (NO2

-
) 

by ammonia oxidizers via  ammonia monooxygenase and hydroxylamine oxidoreductase 

(amoA/hao)  and then to nitrate (NO3
-
) by nitrite oxidizers (nxr), optimally under aerobic 

conditions as O2 is required as the terminal electron acceptor (Bateman and Baggs, 2005) (Figure 

1.2).   
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Figure 1.2 The microbial nitrification pathway.  Genes coding for nitrification enzymes are 

shown in grey boxes.  Ammonia (NH4
+ 
NH3) is oxidized via ammonia monooxygenase (coded 

by amoA) to hydroxylamine (NH2OH), which is further oxidized via hydroxylamine 

oxidoreductase (coded by hao) to nitrite (NO2
-
) and to nitrate (NO3

-
) via nitrite oxidoreductase 

(coded by nxr). 

However, N2O production via nitrification has been measured in soils up to 60% WFPS  

(Abbasi and Adams, 2000), and there is ample evidence that nitrifiers can  reduce NO2
−  

to N2O 

or N2 under short-term O2 limitation (nitrifier denitrification)  (Snider et al., 2015; Wrage et al., 

2001).  Therefore nitrification is also an important source of soil N2O emissions.  

1.3 Effects of Agricultural Management on N-cycling Microbial Communities  

Previous studies have found differences in the size or activity of N-cycling microbial 

communities due to plant type or development stage (Hai et al., 2009; Morales et al., 2010; 

Petersen et al., 2012), N fertilizer (Hallin et al., 2009),  manure management (Miller et al., 2009), 

and residue practices and tillage regimes (Mutegi et al., 2010).  Changes in soil microbial 

functioning have been attributed to differences in climate, soil, and varied inputs of C and N to 

soils from agricultural amendments and plant-specific characteristics such as root architecture 

and exudate chemistry, which influence soil moisture and soil physical  properties  (Philippot et 

al., 2002; Wardle et al., 2004). 

Organic amendments, such as liquid dairy manure (LDM) or plant residues added to soils 

provide C for denitrification and organic N and NH4-N that can be nitrified to NO3, while 
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changing soil moisture, soil temperature, gas diffusivity, and soil microhabitats (Blanco-Canqui 

and Lal, 2009; Snider et al., 2015).  Mineralization of organic N is related to the C:N ratio of 

applied manure and plant residues; amendments with high C:N ratios (>41) may promote N2O 

reduction and net N immobilization, whereas those with low C:N ratios (<41) may encourage net 

mineralization (Vigil and Kissel, 1991).  Amendment of animal manure or plant residues to  soil 

may lead to temporal and spatial ‘hotspots’ of soil microbial activity  (Chakraborty et al., 2011; 

Molodovskaya et al., 2012).   Additionally, application of manure and residues often involves 

ploughing, which  aerates soil and increases available labile C by burying crop residues and 

manures, stimulating changes in soil microbial community structure (Stres et al., 2004), all of 

which influence N2O production and consumption processes in soil (VanderZaag et al., 2011). 

Understanding how N-cycling soil microbial communities change in response to varied land 

use and management, and how these changes relate to in situ N2O fluxes, may allow producers to 

decrease N losses through their management practices.  Within the context of upscaling biomass 

cropping systems past field trials to production for the bioenergy industry, changes in microbial 

functioning due to agricultural management may be significant in relation to both ecosystem 

functioning and potential soil GHG emissions (Liang et al., 2012). 

1.4 Thesis Format and Research Objectives 

This thesis is arranged as four main chapters in manuscript-style which have been 

published (chapter 5) or are in preparation for peer reviewed journal submission (chapters 2, 

3 and 4).  Due to the complementary but independent nature of each study, specific 

objectives are stated within each chapter.  The overall aim of this thesis was to investigate the 
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effects of agricultural management on the ecology of nitrifier and denitrifier soil microbial 

communities within annual and perennial agroecosystems to meet the following objectives: 

1. assess how annual and perennial biomass crops and their associated management 

practices influence denitrifier community size (Chapter 2); 

2. assess how residue return in perennial biomass cropping systems influences denitrifier 

community size and activity (Chapter 3); 

3. assess how annual vs. perennial cropping systems with varied liquid dairy manure (LDM) 

and ploughing practices influence denitrifier and nitrifier community size and structure, 

and to assess whether changes in these measures were associated with differences in 

field-scale N2O fluxes (Chapter 4); 

and 

4. use molecular methods in tandem with isotopic methods to assess whether these measures 

gave similar inferences about N2O production pathways in situ (Chapter 5).  

In Chapter 2 I investigated changes in denitrifier community sizes using quantitative PCR 

(qPCR) over two years in a biomass cropping field trial, which uniquely consisted of both the 

current dominant annual crop rotation (corn (Zea Mays L.) –soybean (Glycine Max L.)) grown 

alongside the perennial grasses (PGs) switchgrass (Panicum virgatum L.) and miscanthus 

(Miscanthus spps.) at different N rates (0 and 160 kg N ha
-1

) and biomass harvest dates (spring or 

fall) within PG plots.  In Chapter 3 I used molecular methods to investigate short-term changes 

in denitrifier community size and activity (using qPCR and RT-qPCR) over a PG growing season 

in response to residue manipulations.  In Chapter 4 I sought to link changes in nitrifier and 

denitrifier community size and structure (using qPCR and Illumina sequencing of N-cycling 

genes) with varied liquid dairy manure (LDM) management, a plough event and corresponding 
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changes in field-scale N2O fluxes in large-scale annual and perennial field plots.  Finally, in 

Chapter 5 I used molecular methods to quantify the size and activity of nitrifier and denitrifier 

communities as influenced by a rain event in annual plots with varied LDM management to 

assess whether these measures gave similar inferences as isotopic methods or were related to 

field-scale N2O fluxes. 
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Chapter Two: Shifts in Bacterial Denitrification Gene Abundances with Land 

Use Change to Perennial Cropping Systems 

 

Karen A. Thompson
1
, Bill Deen
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2.1 Abstract 

Dedicated biomass crops are required for future bioenergy production.  However the effects 

of large-scale land use change (LUC) from traditional annual crops, such as corn-soybean 

rotations to the perennial grasses (PGs) switchgrass and miscanthus on soil denitrifying bacteria, 

the major drivers of soil nitrous oxide (N2O) emissions, is largely unknown.  Denitrifying 

communities may respond differently to LUC due to differences in carbon (C) and nitrogen (N) 

inputs and soil properties between crop types and management systems.  Our objective was to 

assess bacterial denitrifying community abundances as influenced by corn-soybean crop 

production compared to denitrifying community abundances as influenced by LUC to PG 

biomass production.  A field trial was established in 2008 at the Elora Research Station in 

Ontario, Canada (n=30), with miscanthus and switchgrass grown alongside corn-soybean 

rotations at different N rates (0 and 160 kg N ha
-1

) and biomass harvest dates (spring or fall) 

within PG plots.  Soil was collected on four dates from 2011-2012 and quantitative PCR was 

used to enumerate the total bacterial community (16S rRNA), and communities of bacterial 

denitrifiers by targeting nitrite reductase (nirS) and N2O reductase (nosZ) genes.  Sampling date 

was the major driver for changes in bacterial communities.  Total and denitrifying communities 

responded to LUC differently, indicating varying controls on these communities.  Standing 

miscanthus overwinter resulted in larger total (16S) and (nirS) denitrifying bacterial communities 

than in fall-harvested crops, and miscanthus soils supported larger nosZ denitrifying 

communities than corn-soybean rotations, indicating that large-scale LUC from corn-soybean to 

PG crops may influence soil denitrifier communities.   
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2.2 Introduction 

Projected energy requirements and declining fossil fuel reserves have dictated the need for 

dedicated biomass crop production for bioethanol and combustion-based electricity generation.  

Corn (Zea Mays L.) –soybean (Glycine Max L.) rotations currently dominate the landscape 

across Ontario and the northern US Corn Belt (Gaudin et al., 2015), and corn grain is currently 

the primary feedstock for bioethanol production in Canada (Jayasundara et al., 2014).  The C4 

perennial grasses (PGs) switchgrass (Panicum virgatum L.) and miscanthus (Miscanthus spps.) 

have been proposed as alternate feedstock crops to corn for biomass-based bioenergy production 

due to their large biomass yields, reduced nitrogen (N) and water requirements, decreased 

nutrient leaching and potential for increased soil carbon (C) storage (Blanco-Canqui and Lal, 

2009; Foster et al., 2013).  Large scale production of C4 PGs in Ontario and the northern Corn 

Belt would require land use change (LUC) from existing corn-soybean  rotations to PG biomass 

cropping systems (Deen et al., 2011; Kludze et al., 2013; Liang et al., 2012; Sanscartier et al., 

2014).    

 

Agricultural soil N2O emissions account for 36% of global annual N2O emissions (IPCC 

2007) and have been estimated as the largest contributor to life-cycle greenhouse gas (GHG) 

emissions in some biomass cropping systems (Sanscartier et al., 2014).  A major contributing 

process to soil N2O emissions is bacterial denitrification, a microbially-mediated process of 

dissimilatory nitrate reduction in which bacteria use N oxides as terminal electron acceptors for 

respiratory electron transport (Bouwman et al., 1990; Henderseon et al., 2010; Prosser et al., 

2006; Richardson et al., 2009; Wallenstein et al., 2006).  Denitrifying bacteria represent 

approximately 5% of the total soil microbial biomass (Braker and Conrad, 2011) and have been 

identified in over 60 genera (Philippot, 2006), encompassing a wide range of phylogenetic and 
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functional diversity.  Not all denitrifying species possess a complete set of enzymes to complete 

the denitrification process, as such it is often thought of as a community process (Dandie et al., 

2008).  Although complete denitrification returns N2 to the atmosphere and closes the N-cycle, 

incomplete reduction can lead to N2O emissions.   

 

Multiple studies have linked changes in denitrifier communities with plant types or 

development stage (Bremer et al., 2007; Hai et al., 2009; Petersen et al., 2012), N fertilization 

(Hallin et al., 2009; Yin et al., 2014), organic or conventional crop management (Reeve et al., 

2010), perennial vs. annual crop land use (Bissett et al., 2011) and C and N inputs (Bastian et al., 

2009).  These studies suggest that LUC from corn-soybean rotations to PG species may influence 

these soil bacterial communities.  LUC resulting from displacement of corn-soybean rotations by 

PG production  may alter soil microhabitats and therefore soil microbial N-cycling due to 

differences in rooting systems, namely extensive root and rhizome biomass, and to large leaf 

litter N inputs to soils in perennial vs. annual systems (Dohleman et al., 2012).  Within studies 

targeting soil microbial communities in biomass cropping systems to date  (Liang et al., 2012; 

Mao et al., 2011; Mao et al., 2013), the effects of various management practices (e.g.: N 

fertilization and harvest) on soil microbial communities have not been an area of focus. 

 

Currently, there is no consensus regarding optimal N fertilization practices for increased 

yields in PG production as yield responses can be highly variable depending on environmental 

conditions and crop species (Deen et al., 2011).  Depending on downstream use, miscanthus can 

be either harvested in the fall pre-frost, harvested post-frost kill, or left to overwinter as standing 

biomass.  Switchgrass is commonly harvested in the fall, and is often windrowed over winter due 
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to producers’ limitations in collecting and storing harvested biomass in winter (Resource 

Efficient Agricultural Production (REAP)-Canada, 2008; Sokhansanj et al., 2009).   Differences 

in N fertilizer requirements and harvest regimes may alter C and N inputs (Verrines et al., 2011) 

and may influence LUC impacts on soil denitrifier community abundances.   

 

Our objective was to compare the impact of LUC to PG biomass production compared to 

traditional corn-soybean production on the relative abundances of total (16S rRNA gene target) 

and denitrifier (nirS and nosZ gene targets) soil bacterial communities 3-4 years after PG 

establishment.  Soil was collected on four dates from 2011 to 2012 from a field trial established 

in Ontario in 2008.  The field trial is unique in that it consists of two PG biomass crops produced 

in parallel with the existing common land use of corn-soybean.  It also includes multiple N 

fertilization rates in both annual and perennial systems, and varied harvest practices within PG 

plots.  Our goal was to assess whether PG biomass production would alter soil bacterial 

denitrifier gene abundances when compared to the traditional land use of corn-soybean.   

 

Specifically, we hypothesized that soils from PG plots would support larger total bacterial 

and denitrifier communities than soils from corn-soybean plots due to differences in root 

architecture influencing soil conditions, and due to increased root inputs to soils in PG systems.  

We also hypothesized that soils from PG plots with biomass harvested in the spring would 

support larger total bacterial and denitrifier communities than soils from PGs harvested in the fall 

due to increased leaf loss to soil over winter, and that soils sampled from fertilized plots would 

support larger denitrifier communities than soils sampled from unfertilized plots due to increased 

N inputs.  
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2.3 Materials and Methods 

2.3.1 Site Description and Experimental Design 

A field trial was established at the University of Guelph Research Station in Elora, ON 

(43°38'46.73" N and 80°24'6.66" W) in 2008.  The field site was cultivated on May 16
th

 and June 

6
th

, 2008.   Switchgrass (Panicum virgatum L., Shelter variety) was planted June 6
th

, 2008.  

Miscanthus (M. sinensis x M. sacchariflorus, Nagara-116 variety) was planted June 12
th

, 2008, 

and corn (Zea Mays L.) was planted June 24
th

, 2008 and annually rotated with soybean (Glycine 

Max L.).  Corn was planted on May 5, 2010; soy was planted on June 3, 2011, and corn was re-

planted on May 18, 2012, with annual light cultivation to prepare seedbeds for planting.   In 

2007, prior to trial establishment, the experimental area was planted to barley (Hordeum vulgare 

L.) The soil type is a London silt loam (Gray Brown Luvisol). 

The field trial was a split-split strip plot design with three replicates.  The main plot factor 

was PG crop or annual rotation (miscanthus, switchgrass, and corn-soybean).  Main treatment 

plots measured 6.2 m x 26.0 m.  Nitrogen fertilizer (0 or 160 kg N ha
-1

) was applied in strips 

randomly within replicates to all crops.  Subplots received hand-broadcast N fertilizer at a rate of 

160 kg N ha
-1

 as urea in May 2011 or as ammonium nitrate fertilizer in May 2012, after soil 

sampling procedures described below.  Main treatments were split into two harvest timings (fall 

or spring) within the PG fertilizer strips only; see Supplementary Figure 2.1 for field design.  

Miscanthus plots were either harvested in the late fall season after post-frost kill, or left standing 

to overwinter until spring harvest. Switchgrass plots were harvested in the fall, or assembled into 

windrows and left overwinter for biomass removal in the spring.  Spring-harvest of PGs occurred 
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before N fertilizer was applied.   Harvest methods of PG yields (dry harvested biomass (tonnes) 

per hectare) are described in Deen et al. (2011).  

2.3.2 Soil sampling and analysis 

Baseline bulk density and carbon measurements were measured for each main plot on 

October 23, 2010.  For bulk density, two soil cores per plot were collected at 0-5 cm depth using 

2.5 cm-diameter cylindrical aluminum cores.  Cores were weighed before and after drying for 

24h at 105°C (Maynard and Curran, 2007).  For soil carbon analysis, ten soil cores per plot were 

collected from both 0-15 cm and 15-30 cm depths using a 5cm-diameter soil corer on a zed-

shaped transect,  and then composited per treatment plot for each depth.  Total soil carbon and 

inorganic carbon were analyzed with a Leco
®

 Carbon analyzer CR-12 (Model No. 781-700, Leco 

Instruments Ltd.) following the dry combustion technique (Périé and Ouimet, 2008) on 

approximately 0.300 g of dried, ground and homogenized soil (Table 2.1).    

For molecular analyses, soil was sampled on 4 dates (May 9, 2011; October 30, 2011; May 2, 

2012 and October 20, 2012), corresponding to pre-fall harvest and pre-spring nitrogen 

fertilization/post-spring harvest/biomass removal over two complete field seasons.  Ten soil 

cores per plot were sampled aseptically to 15 cm depth using a 5 cm-diameter soil corer on a 

zed-shaped transect, composited and kept on ice until transport back to the laboratory.  The 

transect shape was chosen to encompass plot heterogeneity; at a pre-trial study initial analysis 

indicated gene abundances were not significantly different between bulk or rhizosphere soils in 

corn-soybean or PG plots, possibly due to the large root biomass/leaf loss to soils in perennial 

plots and residual soy/corn residue cover on soil in corn-soybean plots.  Soil samples were 

divided for storage at 4˚C and -20˚C.   
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Soil exchangeable NO3-N and NH4-N were determined for each of the soil samples by KCl 

extraction.  Soil samples (10.0 g) were placed into 125 mL flasks and 100 mL of 2.0M KCl was 

added to each flask.  Flasks were stoppered and shaken for 1 h at 160 strokes per minute; 

solutions were allowed to settle and were then filtered through Whatman no. 42 filter paper 

(Whatman plc, ME, U.S.A).  Extractable NO3-N and NH4-N were determined colourmetrically 

with segmented flow analyses (AA3, SEAL Analytical, Wisconsin, USA) via a cadmium 

reduction (Technician Instrument Corporation, 1971), and a Berthelot reaction respectively.   

2.3.3 Soil DNA Extraction 

Duplicate subsamples per plot (ca. 0.250 g) of field-moist soil were used to extract total soil 

DNA from soils within 48 h of sampling.  DNA was extracted as per manufacturer’s protocol 

using the DNA PowerSoil Kit (Mobio, Carlsbad, USA).  Duplicate extracts were pooled, 

separated into aliquots, and stored at -80˚C until use in downstream analyses.   

2.3.4 Quantification of total bacteria and functional genes 

Quantitative PCR (qPCR) assays were used to enumerate the total bacterial communities 

(16S rRNA gene), and communities of denitrifiers by targeting nitrite reductase (nirS) and 

nitrous oxide reductase (nosZ) genes, using primer pairs 338f/518r (16S, Fierer et al., 2005), 

Cd3af/R3Cd (nirS,  Throbäck et al., 2004) and 1F/1R (nosZ, Henry et al., 2006). For each gene 

target analyzed, duplicates were run in parallel on an IQ5 thermocycler (Bio-Rad Laboratories, 

Hercules, CA, USA).  qPCR reaction mixtures contained 12.5 μL of 1x SYBR Green Supermix, 

each forward and reverse primer at a final concentration of 400 nM, 1 μL of DNA template and 

RNase/DNase -free water to a final volume of 25 μL.  The SYBR Green Supermix contained 100 

nM KCl, 40 mM Tris-HCl, 0.4 mM dNTPs, 50 units mL
-1

 iTaq DNA polymerase, 6 mM MgCl2, 
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SYBR Green 20 nM fluorescein, and stabilizer (Bio-Rad Laboratories, Hercules, CA, USA).  

qPCR conditions were an initiation step at 94°C for two minutes, followed by 35 cycles of 

denaturing at 94°C for thirty seconds, annealing at 57°C for thirty seconds (16S) or at 55°C for 

sixty seconds (nirS), followed by elongation at 72°C for thirty (16S) or sixty (nirS) seconds.  For 

nosZ, a touchdown protocol adapted from Henry et al., (2006) was used.  

Known template standards were made from cloned PCR products from pure culture genomic 

DNA (Clostridium thermocellum (16S), Pseudomonas aeruginosa (nirS), and Pseudomonas 

fluorescens (nosZ)) and transformed into Escherichia coli plasmids (TOPO TA cloning kit); 

plasmids were sequenced to confirm successful cloning and transformation of the target genes.  

Amplicon specificity was screened by running PCR products on an ethidium bromide-stained gel 

(1% agarose, 80 volts for 20 minutes) with a 100bp ladder.  PCR amplicons of cloned gene 

targets were sequenced by the Laboratory Services Department at the University of Guelph using 

an ABI Prism 3720 (Applied Biosystems, Foster City, CA, USA) to confirm target identity. 

In all qPCR assays, all unknown samples were amplified in parallel with a triplicate serial 

dilution (10
1
-10

8
 gene copies per reaction) of control plasmids.  qPCR assays were optimized to 

ensure efficiencies ranging from 93.0-106.4%, with R
2
s ranging from 0.990-0.999 and standard 

curve slopes of -3.177 to -3.408 by testing serial dilutions of DNA extracts in order to minimize 

inhibition of amplification due to humic and fulvic contaminants.  Duplicate no-template 

controls were run for each qPCR assay and no template controls gave null or negligible values.  

Melt curve analysis was used to confirm amplicon specificity.  DNA concentrations are 

expressed on an oven-dry soil basis; this assumes similar DNA isolation efficiency across 

samples, which is only appropriate when measuring relative quantification, as in this study.  
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2.3.5 Statistical Analysis 

Analysis of variance was conducted in SAS 9.3 (Carlsbad, NC, USA) using a generalized 

linear mixed model (PROC GLIMMIX).  The Shapiro-Wilks test was used to test for normality 

of data; studentized test for residuals confirmed the absence of outliers.  The probability 

distribution of gene abundance data sets were log normal or highly skewed; values were 

normalized to gene copy number per gram dry soil and analyzed using an overdispersed Poisson 

distribution for count data (Ver Hoef and Boveng, 2007).  Bulk density, organic carbon, total 

carbon, nitrate and ammonium data were log10 transformed when required and fit to a normal 

distribution. 

Within each data set, sampling time was a repeated measure; independent and interactive 

fixed effects were associated with crop/crop rotation, nitrogen application rate and harvest timing 

within PGs, while field replicate and its associated interactions were random effects.  The 

residual maximum likelihood method was employed to fit the model for all data sets.  Several 

covariance structures were entertained before the variance components structure was chosen 

based on convergence and model fitting criteria.  Individual treatment means within data sets 

were compared using a post-hoc Tukey’s test for all pairwise comparisons.  Significant 

differences among and between least-square means were determined by p-values; the null 

hypothesis (Ho) was rejected at P<0.05.  Additionally, Spearman’s correlations were used to 

assess nonparametric measures of statistical dependence between gene abundances and soil 

gravimetric H2O, soil NO3-N content and soil NH4-N content measured over time. 
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2.3.6 Environmental Data Acquisition 

Half-hourly soil temperatures at 10 cm depth were measured on site with type T 

thermocouples encased in epoxy-filled copper tubes placed horizontally in the soil in large-scale 

annual (corn) field plots located at the Elora Research Station (Berard and Thurtell, 1990).  Air 

temperature and precipitation values were obtained from the Elora Environment Canada 

reference weather station. 

2.4 Results  

2.4.1 Environment and treatment effects on soil properties 

Soil physical and chemical properties were assessed in October 2010, after two years of 

contrasting management since crop establishment in 2008.  The corn-soybean rotation had higher 

soil bulk density than soils from both miscanthus and switchgrass plots harvested in the fall.  No 

differences in total or organic soil carbon were detected between the corn-soybean rotation and 

the PG treatments at either the 0-15cm or 15-30cm depth (Table 2.1).   

Seasonal and annual variation in daily soil temperature (10 cm depth, °C), daily average air 

temperature (°C), and daily precipitation (mm) were observed at the Elora Research Station 

(Figure 2.1).  Precipitation was above average for the two months prior to the May 2011 

sampling date.  In comparison, from September 2011-March 2012, Southern Ontario received 

very low precipitation compared to normal, and air temperatures in spring 2012 were warmer 

than normal prior to May 2012 sampling.  Although seasonal precipitation was low in 2012, 

precipitation prior to the October 2012 sample period was above average.  Environmental 

conditions prior to soil sampling directly impacted soil gravimetric water content measured at the 
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time of sampling (Figure 2.1), and could also impact soil inorganic N and soil bacterial 

communities of the resulting soil sample.    

A significant treatment by sampling time effect was observed for soil NH4-N.  Soil NH4-N 

levels remained stable in the corn-soybean rotation, but increased significantly in PG soils from 

May 2011 to October 2011 sampling dates, while  soil NO3-N decreased significantly from May 

2011 to October 2011 sampling dates in all soils and was significantly higher in N-fertilized vs. 

unfertilized soils (Table 2.2) (P<0.05).   

2.4.2 Seasonal and treatment effects on yields of cropping systems 

Environmental conditions affecting biomass production also differed across years.  Air 

temperatures in spring 2012 were warmer than normal and resulted in earlier emergence of crops 

in 2012 compared to 2011.  Precipitation over the 2011 growing season was above average (596 

mm vs. 492 mm 30-yr average precipitation) whereas over the 2012 growing season it was drier 

than normal (419 mm) (Roy et al., 2014).  Despite significant differences in precipitation in 2011 

and 2012, biomass yield of miscanthus and switchgrass did not differ across years.  In 

comparison, corn grain yield was significantly higher in 2011 vs. 2012.  

Biomass yield was significantly affected by the interaction of crop type and N application 

rate.  Miscanthus produced higher yields (12.7-18.3 dry tonnes ha
-1

) than either switchgrass or 

corn grain (Table 2.2).  Miscanthus yields did not differ with N rate.  When miscanthus was left 

standing overwinter and harvested in the spring a non-significant biomass reduction was 

observed in 2011 (12.7-14.6 dry tonnes ha
-1

).  When harvested in the fall and N-fertilized, 

switchgrass yields were not significantly lower (10.5-11.1 dry tonnes ha-
1
) than miscanthus 

yields; switchgrass yields increased ca. 3-4 dry tonnes ha-
1
 when fertilized in fall-harvested 
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plots.  Leaving switchgrass windrowed over winter caused losses between 2-4 dry tonnes ha-
1
 in 

N-fertilized plots, while switchgrass yields were not significantly lower in unfertilized spring-

harvested compared to unfertilized fall-harvested plots.    

2.4.3 Responses of Total and Denitrifying Soil Bacterial Communities 

Sampling date had a significant impact on gene abundances for all genes quantified (Figure 

2.2).  Over both sampling years, 16S rRNA gene copies were significantly higher (ca. 5.2-5.4 x 

10
9
 gene copies g

-1
 dry soil) at fall (October) sampling dates compared to the ca. 5.5-6.4 x 10

8
 

gene copies g
-1

 dry soil quantified at spring (May) sampling dates.  Populations of nirS and nosZ 

denitrifiers represented ca. 1.58% and 0.26% on a gene-to-gene basis (nirS or nosZ to16S) of the 

total bacterial community, and did not follow similar trends with time of sampling.  The 

abundance of nirS gene copies was significantly higher in 2012 (4.0 x 10
6
 – 1.6 x 10

7
 gene 

copies g
-1

 dry soil) compared to 2011 (2.5-6.3 x 10
5
 gene copies g 

-1
 dry soil), with no significant 

differences between May and October sampling dates within each year.  The abundance of nosZ 

gene copies were approximately 1.3-3.2 x 10
5
 gene copies g

-1
 dry soil, but increased significantly 

in May 2012 to approximately 3.2 x 10
6
 gene copies g

-1
 dry soil and dropped back to previous 

levels by October 2012.  Higher relative proportions of denitrifiers (nirS or nosZ to16S) were 

observed at spring sampling dates, when denitrifier gene abundances increased while total (16S) 

gene abundances decreased (Figure 2.2).  

Despite differences in gene abundances between soils within each sampling period, no 

statistically significant interactions between cropping system and sampling time were observed.  

Additionally no significant effects of N fertilization on bacterial abundances were observed; 

therefore we analyzed the impact of each harvest management system on soil bacterial 
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community abundances over both study years (Table 2.3).  Under fall harvesting management, 

biomass crop had no impact on total (16S) gene copies or nirS gene copies.  However, leaving 

miscanthus biomass standing overwinter until spring resulted in significantly higher 16S and nirS 

gene copies than observed in the corn-soybean rotation and the fall-harvested switchgrass.  

Leaving mowed switchgrass as windrows until the spring resulted in slightly (N.S.) higher 16S 

and nirS gene copies than observed in fall-harvested switchgrass and the corn-soybean rotation 

soils (Table 2.3).  

Denitrifying (nosZ) gene copy abundances were affected by LUC.  Regardless of harvest or 

N management, nosZ gene copies were higher in miscanthus plots than in the corn-soybean 

rotation (Table 2.3).  The nirS and nosZ gene copy abundances were significantly and positively 

correlated with each other (r=0.53, P<0.0001) and significantly positively correlated with 

gravimetric soil H2O (nirS, r=0.27, P=0.0036; nosZ, r=0.34, P=0.0002); gene abundances were 

not correlated with soil NO3-N, however nosZ gene copies were positively correlated with NH4-

N over time (r=0.44, P<0.0001).  

2.5 Discussion 

Denitrification is an important process contributing to soil N2O emissions, and  mitigation of 

these emissions is required to create sustainable biomass cropping systems (Miller et al., 2008; 

Schlesinger, 2013).  The highest potential to reduce GHG emissions is associated with systems 

producing high yields (Sanscartier et al., 2014), which offset the amount of land required for 

crop production (Kludze et al., 2013).  In the context of LUC to PG production, our aim was to 

determine whether the size of the potentially denitrifying soil bacterial communities differed 

between corn-soybean and PG systems, or due to management within these systems.  We 
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hypothesized that soils from PG plots would support larger total bacterial and denitrifier 

communities than soils from corn-soybean plots due to differences in rooting systems between 

these crop types influencing soil microhabitats and due to increased root inputs to soils in PG 

systems.  

Miscanthus and switchgrass yields were within the typical range of values reported 

previously in Ontario  (Kludze et al., 2013; Resource Efficient Agricultural Production (REAP)-

Canada, 2008) and Europe (Christian et al., 2008; Himken et al., 1997), despite differences in 

temperature and precipitation between the two study years.  Corn grain yields were within the 

lower range for reported Ontario yields (Munkholm et al., 2013), potentially due to wetter (2011) 

and drier (2012) field conditions than normal over the two growing seasons (Roy et al., 2014).  

Deen et al. (2011) observed increases in PG yields between years 2 and 3 at our site, whereas we 

measured similar yields over the years studied, indicating the PGs may have reached maximum 

yield potential and that yields were minimally impacted by differences in growing season 

conditions (Table 2.2).    

Significantly higher soil NO3-N levels were measured in N-fertilized plots than in 

unfertilized plots; however only corn and fall-harvested switchgrass yields significantly 

increased with N fertilization.  Similarly, European and US field trials have found no significant 

increases in miscanthus yields with N fertilization (Lewandowski et al., 2000; Lewandowski et 

al., 2003; Behnke et al., 2012; Christian et al., 2008), and switchgrass yield increases with N 

fertilization (Nikièma et al., 2011; Vogel et al., 2002).  GHG emissions are sensitive to yields in 

biomass cropping systems, indicating PGs with large yields may result in decreased emissions 

(Sanscartier et al., 2014).  Regardless of management or climatic conditions, miscanthus 

consistently produced large yields, emphasizing its potential as a bioenergy crop suitable for 
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production in variable Ontario conditions. 

Despite yield differences, there were no significant differences in either total or organic soil 

carbon in any of cropping systems assessed (Table 2.1).  Ontario-based land conversion 

modelling scenarios have estimated a soil carbon decrease of 2.5% upon miscanthus 

establishment (Sanscartier et al., 2014), which may have negated potential increases in soil 

organic carbon.  However the high yields observed in miscanthus plots most likely resulted in  

increases in above and below-ground plant residue return to soils (Mutegi et al., 2010; Soil 

Quality National, 2006);  therefore our carbon measures may not have reflected short-term 

changes in labile carbon sources that had occurred, or long-term changes in stable soil organic 

matter from recalcitrant plant residues.   

2.5.1 Responses of Total and Denitrifying Soil Bacterial Communities 

Denitrification nirS and nosZ gene targets represent the two most important steps in the 

denitrification pathway that produce gaseous bi-products, and account for a large proportion of 

functional N genes in some studies (Stone et al., 2015).  The first step in denitrification that 

produces a gaseous N product  and differentiates nitrate reducers from denitrifiers (Philippot et 

al., 2011) is the reduction of nitrite (NO2-) to nitric oxide (NO), catalyzed by nitrite reductases 

either encoded by the cytochrome cd1 (nirS) or copper-containing (nirK) genes, which are 

equivalent but have not been detected within the same species (Zumft, 1997).  We chose to 

quantify nirS, not nirK gene targets because ¾ of cultured denitrifiers possess the nirS gene 

(Zumft, 1997) and  nirK has been recently identified in autotrophic ammonia-oxidizing species 

(Cantera and Stein, 2007; Casciotti and Ward, 2001), calling into question its utility in 

specifically targeting denitrifying communities.   Additionally, molecular studies have reported 
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that  nirS may dominate in abundance over nirK in some natural environments (Deslippe et al., 

2014; Nogales et al., 2002), suggesting it may be a better-suited target for relative 

characterization of potential nitrite-reducing communities than nirK.  The nosZ target codes for 

nitrous oxide reductase, which catalyzes the last reduction step of N2O to N2 in the denitrification 

pathway, indicating nosZ-bearing communities help to complete the N cycle and determine the 

N2O:N2 balance.  Approximately one third of denitrifying species lack the nosZ gene, and 

nirS/nirK genes have been observed to exceed nosZ abundances by an order of magnitude (Jones 

et al., 2013). 

Total soil bacterial communities (16S) followed a seasonal trend, with elevated 16S gene 

copies at fall (October) compared to spring (May) sampling dates, possibly due to an increase in 

the availability and diversity of resources for microbial metabolism and growth over the growing 

season (Habekost et al., 2008).  Abundances of denitrifying genes changed independently of the 

total bacterial community size, suggesting denitrifiers were responding to environmental changes 

differently than the total bacterial community.  Seasonal dynamics of nitrogen-cycling microbial 

communities have been previously characterized (Boyer et al., 2006; Nemeth et al., 2014: 

Wolsing and Priemé, 2004; Dandie et al., 2008; Bremer et al., 2007), and are tightly coupled 

with seasonal changes in labile C and N pools, temperature and soil H2O (Butterbach-Bahl et al. 

2013; Rasche et al., 2011).  

Above average temperatures and wet soils in the spring of 2012 resulted in increased nirS 

and nosZ abundances compared to levels measured in 2011 (Figure 2.2).  From May 2012 to 

October 2012, nirS levels remained relatively stable, while nosZ abundance decreased over the 

growing season, potentially due to the more ubiquitous nature of the nirS vs. nosZ gene or the 

low and sporadic precipitation patterns over the 2012 growing season.  Gene copies of nosZ were 
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positively correlated with soil NH4-N levels; NO3-N is a preferred electron acceptor over N2O 

energetically, and N2O reduction has been shown to increase when NO3-N is limiting (Miller 

2008).  The highest levels of soil NH4-N were measured in May 2012, which may have been 

used as a substrate for nitrification, increasing available soil NO3-N over the 2012 growing 

season, and selecting for nirS-bearing communities, while selective pressure promoting N2O 

reduction capabilities (nosZ) decreased.  Roy et al. (2014) measured higher cumulative growing-

season N2O fluxes in neighbouring continuous corn plots under varied N application regimes in 

2011 than in 2012 at our research station, which may be a result of increased N2O reduction as 

reflected by increased nosZ gene copies in May 2012 compared to 2011.  

With the exception of low soil NH4-N levels observed in PG soils at May 2011 sampling, we 

saw no significant differences in soil inorganic N between soils from PG compared to corn-

soybean plots or between PG plots harvested in the fall or spring (Table 2.2), and although soil 

NO3-N levels were significantly higher in N fertilized than in unfertilized soils (Table 2.2), N 

application did not affect gene abundances.  Contrastingly, studies in other cropping systems 

have found that N fertilization affected the size of denitrifying communities (Hallin et al., 2009), 

nitrifying communities (He et al., 2007), and proportions of nirS/nirK communities (Hai et al., 

2009); however the assessment of short-term changes in denitrifier activity (mRNA) after N 

application may be a better indicator of microbial responses to synthetic N additions.   

Elevated 16S and nirS gene copies were observed in soils from spring-harvested miscanthus 

and windrowed switchgrass (Table 2.3).  Increased N return via senescent leaf loss in miscanthus 

plots over winter contributes to the soil organic matter pool (Heaton et al., 2009), and may have 

contributed to elevated total (16S) bacterial populations in these soils, concomitantly increasing 

nirS abundances (Huang et al., 2011).  Quantified nosZ genes belong to a subset of the 
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denitrifying community (α,β,γ-proteobacteria) that may occupy a smaller range of soil niches, or 

represent a narrower range of phylogenetic diversity than represented by the nirS gene (Henry et 

al., 2006).  While nirS-bearing denitrifiers, and the total bacterial community were influenced by 

C and N inputs over winter in PG soils, nosZ-bearing denitrifiers were observed at elevated 

levels in miscanthus soils, implying a varying influence of plant-specific input quality and/or 

quantity on nosZ-bearing and nirS-bearing communities (Table 2.3).  

The high C:N of aboveground shoots returned to soils in miscanthus plots may encourage 

complete reduction of N2O to N2,  resulting in lower N2O emissions (Huang, 2004).  High C:N 

residues also provide surface cover, decrease soil bulk density, increase water retention and 

regulate temperatures (Blanco-Canqui and Lal, 2009).  Studies have shown increased nosZ 

denitrifying potential activity in soils with plant residue retention both in situ (Németh et al., 

2014) and in lab studies (Henderson et al., 2010).  Cumulative N2O emissions have been shown 

to be negatively correlated with high C:N plant residues (Huang, 2004), and primers used for 

nosZ gene target amplification in this study provided good coverage of γ -proteobacteria (Henry 

et al., 2006), which are stimulated by surface-applied residues (Pascault et al, 2010).  Increased 

residue return to the soil may have insulated the soil and increased the prevalence of anaerobic 

microsites conducive for denitrification with in the soil system.  When soil available N was 

limiting, bacterial populations with the ability to reduce N2O to N2 may have been favoured 

(Miller et al., 2008) and bacterial populations harbouring enhanced catabolic capabilities, such as 

those capable of N2O reduction may have increased activity  (Pascault et al., 2010).  It is likely 

that differences in environmental conditions (e.g. temperature, H2O and O2 availability) and 

resource quality and availability between corn-soybean and PG plots related to distinct microbial 
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community structures (Cusack et al., 2011) and selected for dominant taxa that filled different 

ecological niches (Stone et al., 2015).    

Previous studies have shown the size of denitrifier communities to be correlated with 

denitrification process rates (Hallin et al., 2009; Wu et al., 2012), and denitrification 

potential/potential activity (Cuhel et al., 2010; Enwall et al., 2010; Verrines et al., 2011), while 

other studies have not shown strong links between denitrifier community abundance and 

denitrification processes (Dandie et al., 2011; Dandie et al., 2008; Enwall et al., 2005; Uchida et 

al., 2014).  Potential denitrifying activity and denitrifying community size have been shown to be 

correlated in some studies (Hallin et al., 2009; Morales et al., 2010; Szukics et al., 2010; 

Throback et al., 2007); suggesting community size may indicate potential differences in soil N 

processes after LUC.   Some studies have observed relatively similar levels (Mao et al., 2011) 

and varying levels (Morales et al., 2010) of denitrifying gene abundances between annual and 

PG crops; however, local edaphic drivers may take precedence over crop-specific drivers (Mao 

et al., 2013).  Watrud et al. (2013) observed that switchgrass soils had higher microbial gene 

diversity than sorghum soils over multiple geographies, and lipid biomarkers of microbial 

communities have also been observed to shift at the regional scale under corn, switchgrass and 

mixed prairie grass (Liang et al., 2012). 

The abundance of nosZ-bearing bacteria relative to the total soil microbial community has 

been suggested to influence N2O emissions (Cuhel et al., 2010; Morales et al., 2010; Philippot et 

al., 2011), and the nosZ-bearing community may act as a N2O sink and counter high N2O 

production rates (Braker and Conrad, 2011; Philippot et al., 2011).  Relative abundances of 

denitrifier genes have been used to assess a soil’s potential to produce (e.g. nirS or nirK) and 

consume (e.g. nosZ) N2O via denitrification, representing a qualitative proxy of relative N2O 
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emission potential of a soil (Butterbach-Bahl et al., 2013; Hallin et al., 2009; Morales et al., 

2010; Petersen et al., 2012; Philippot, 2002).  Previous work in other agricultural systems at our 

site found an inverse correlation between field-scale N2O fluxes and nosZ transcript abundance 

in conventionally-tilled corn plots with residue returned to soils (Németh et al., 2014), and 

attributed de novo spring N2O soil fluxes to denitrification processes (Risk et al., 2014).  

Corresponding changes in soil bacterial denitrifying community structure have also been 

observed (Smith et al., 2010), as have increases in denitrifier abundance and activity (Németh et 

al., 2014) over spring thaw N2O flux events.  

2.6 Conclusions 

The number of nosZ gene copies was higher in soils under miscanthus compared to the corn-

soybean rotation, indicating an increased potential capacity for N2O reduction via complete 

denitrification, potentially due to miscanthus-specific root structure and shoot and root input 

quantity and quality.  Sampling date was a major driver for changes in the denitrifying (nirS and 

nosZ) and total bacterial (16S) communities across all biomass crops and management practices.  

Total and denitrifying gene abundances did not respond the same way as the total soil bacterial 

community (16S gene abundance) over time, and nirS- and nosZ-bearing communities were 

influenced differently by LUC associated with PG production.  Future work measuring N2O 

emissions and potential denitrifier activity (mRNA) and community structure in biomass 

cropping systems is required to link the effects of LUC on these communities directly with N2O 

fluxes. 
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Table 2.1 Mean baseline (October 23, 2010) soil properties at the Elora Research Station. 

 

 

 

 

 

 

 

 

 

 

 

Cropping System/ Harvest N Rate †Bulk 

Density  

% Organic Carbon
 
 % Total Carbon 

 

 (kg ha
-1

) (g cm
-3

) 0-15cm 15-30cm 0-15cm 15-30cm 

Corn-soybean Fall 0 1.21AB 1.88 1.06 2.22 1.86 

Corn-soybean Fall 160 1.27 A 1.79 1.47 2.25 2.11 

Miscanthus Fall 0 1.10 B 2.06 1.44 2.27 1.72 

Miscanthus Fall 160 1.10 B 2.13 1.63 2.36 1.84 

Miscanthus Spring 0 1.13AB 2.09 1.53 2.31 1.69 

Miscanthus Spring 160 1.13AB 2.24 1.42 2.47 1.89 

Switchgrass Fall 0 1.11 B 2.12 1.43 2.33 1.61 

Switchgrass Fall 160 1.09 B 2.12 1.34 2.32 1.73 

Switchgrass Spring 0 1.11 B 2.09 1.23 2.32 1.55 

Switchgrass Spring 160 1.21AB 1.92 1.33 2.23 1.70 

†Means of bulk density (n=6) followed by the same letter within one column are not significantly 

different according to post-hoc Tukey’s means comparison (P<0.05); carbon measurements (n=3) 

were not significantly different between treatments.  
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Table 2.2 Variance analysis and mean soil NO3-N and NH4-N (n=6) and biomass yields (n=3) at the Elora Research Station. 

Cropping System/ Harvest N Rate 

Soil NO3-N 

(μg g
-1

) 

Soil NH4-N 

(μg g
-1

)
 

Yield 

(dry tonnes ha
-1

) 

 (kg ha
-1

) 

May 

2011 

Oct 

2011 

May 

2012 

Oct 

2012 

May 

2011 

Oct 

2011 

May 

2012 

Oct 

2012 2011 2012 †Mean 

Corn-soybean Fall 0 6.96 2.98 2.03 3.3 2.96 3.81 4.23 3.66 5.341 2.912 E 

Corn-soybean Fall 160 5.74 2.43 3.42 3.97 2.64 3.4 3.96 3.21 9.920 7.882 BC 

Miscanthus Fall 0 6.78 1.64 1.29 0.95 1.56 4.3 3.85 3.52 17.62 12.77 A 

Miscanthus Fall 160 6.21 0.4 2.65 1.39 1.16 4.52 4.05 3.05 17.43 18.32 A 

Miscanthus Spring 0 4.29 0.85 0.74 0.28 1.32 3.7 3.89 3.39 12.66 13.38 AB 

Miscanthus Spring 160 10.66 1.46 4.6 1.8 2.14 3.69 3.99 2.61 14.33 14.56 A 

Switchgrass Fall 0 5.03 1.81 0.04 0.01 0.54 3.35 3.87 2.68 7.648 6.458 CD 

Switchgrass Fall 160 7.23 0.01 2.53 2.69 1.15 4.33 5.41 5.23 11.10 10.45 AB 

Switchgrass Spring 0 7.54 0.37 0.1 0.82 0.81 3.45 3.88 5.18 6.330 4.146 DE 

Switchgrass Spring 160 6.31 0.41 2.4 2.28 0.38 3.54 4.41 3.38 6.905 6.441 CD 

Effects (*Interactions) Soil NO3-N  (P>F) Soil NH4-N (P>F) Yield (P>F) 

Treatment 0.3900 0.8175 <0.0001 ** 

Nitrogen Rate 0.0456 * 0.6089 <0.0001 ** 

Time <0.0001 ** <0.0001 ** 0.1894 

Treatment*Nitrogen 0.3002 0.0744 0.0002 ** 

Treatment*Time 0.4441 0.0142 * 0.0510 

Treatment*Nitrogen*Time 0.0803 0.6962 0.6209 

†Mean yields (n=3) followed by the same letter within one column are not significantly different according  to a post-hoc Tukey’s means comparison, P < 0.05. 

Significance is indicated by P<0.05=* and P<0.01=** 
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Table 2.3 Mean gene abundance responses to crop and harvest management, averaged over nitrogen application rate and time at the 

Elora Research Station. 

Cropping 

System 

 

Management 

†Total soil bacteria 

(gene copy g
-1

 soil) 

 

†Soil denitrifying bacteria  

(gene copy g
-1

 soil) 
 

  16S nirS nosZ nirS:nosZ (x10
-2

) 

Corn-soybean Fall Harvest 1.35 x 10
9
b

 
1.95 x 10

6
b 2.63 x 10

5
b 7.42 

Miscanthus Fall Harvest 1.38 x 10
9
b 2.30 x 10

6
ab 4.47 x 10

5
a 5.15 

Miscanthus Spring Harvest 1.91 x 10
9
a 3.02 x 10

6
a 5.25 x 10

5
a 5.75 

Switchgrass Fall Harvest 1.41 x 10
9
b 2.19 x 10

6
b 3.55 x 10

5
ab 6.17 

Switchgrass 
Spring 

Windrow 
1.48 x 10

9
ab 2.46 x 10

6
ab 3.98 x 10

5
ab 6.18 

†Means followed by the same letter within one column are not significantly different according to post-hoc Tukey’s means comparison,  

P< 0.05; n = 24.
 



 

34 
 

 

Figure 2.1 Environmental Conditions at the Elora Research Station. Daily soil temperature (10cm depth, °C), mean daily air 

temperature (°C) and daily precipitation (mm) at the Elora Research Station from January 2011 to November 2012.  Along the x-axis, 

indicates harvest of plant biomass and indicates nitrogen fertilizer application.  Soil gravimetric H2O was measured on a per-

sample basis and is shown as crop means (±SE) for each sampling date (May 9, 2011; October 30, 2011; May 2, 2012 and October 20, 

2012) (n=12 in perennial grasses, n=6 in corn-soybean rotation); square symbols = miscanthus, triangle symbols = switchgrass and 

circle symbols = corn-soybean rotation.   
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Figure 2.2 Total bacterial and denitrifier gene abundances at the Elora Research Station.  Mean log gene copies (g
-1

 dry soil ±SE) 

in annual and perennial biomass cropping systems under varied management at the Elora Research Station (n=6) over time. Panel A = 

16S rRNA gene, B= nosZ and C=nirS gene targets.  
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Supplementary Figure 2.1 Schematic of studied plots within the Alternate Renewable Fuel Trial at the Elora Research Station. 
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3.1 Abstract 

The production of bioenergy feedstock crops such as the perennial grasses (PGs) miscanthus 

(Miscanthus spp.) and switchgrass (Panicum virgatum L.) is projected to expand.  A major goal 

of bioenergy feed stock production is the reduction of greenhouse gases (GHGs)  (Thomas et al., 

2013), and amendments of plant residues with high carbon (C) to nitrogen (N) ratios (C:N), such 

as PG biomass, could enhance N immobilization, reducing N loss and associated N2O emissions 

(Huang, 2004; Miller et al., 2008).  Harvest of PG biomass often occurs in the spring, resulting in 

leaf loss to the soil over winter and aboveground plant residue return to the soil surface at plant 

harvesting, which may stimulate soil denitrifying bacteria through increased C and N inputs and 

by enhancing anaerobic microsites conducive for denitrification.  Our objective was to assess 

bacterial denitrifying gene (DNA) and transcript (mRNA) abundances as influenced by PG 

bioenergy feedstock management, specifically the effects of PG species (miscanthus or 

switchgrass), N fertilization application (0 or 160 kgNha
-1

), and the return (or removal) of 

aboveground plant residues to the soil surface.  Soil was collected over a growing season from a 

field trial comparing PGs, N rates and residue treatments; quantitative PCR was used to 

enumerate bacterial 16S rRNA and bacterial denitrification (nirS and nosZ) genes and transcripts.  

Management did not affect denitrifying or total bacterial gene abundances, or 16S rRNA 

transcript abundances, which changed similarly with soil moisture content over time.  

Fertilization of PGs did not increase yields; however denitrifying transcripts were elevated in N-

fertilized plots.  Residue return resulted in significantly higher nosZ transcripts than in residue 

removal soils, but did not influence nirS transcript levels, indicating a decreased potential for 

N2O emissions in PG systems with residues returned to soils.    
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3.2 Introduction 

The production of dedicated perennial grasses (PGs) for bioenergy feedstock is projected to 

expand as renewable energy demands rise, requiring associated land-use change (LUC) from 

annual to perennial crops (Thomas et al., 2013).  PGs are ideal feedstock crops for bioenergy 

production due to their large yields and reduced input requirements (Dondini et al., 2009; 

Keshwani and Cheng, 2009; Propheter et al., 2010; Smith et al., 2013), however few studies 

within PG bioenergy feedstock systems to date have focused on the effects of feedstock 

management on soil microbial community functioning  (Mao et al., 2011, 2013).  Nitrogen-

cycling microbial community structures have been shown to gradually differentiate throughout 

the establishment of bioenergy crops (Mao et al., 2011); however 4-6 years after bioenergy crop 

establishment these communities may become more similar (Mao et al, 2013). 

Plants have a large influence on soil microbial communities through residue and root 

characteristics influencing O2 partial pressure and CO2 diffusion rates and by providing inputs of 

carbon (C) and nitrogen (N) for microbial metabolism and assimilation (Philippot et al., 2009; 

Wardle et al., 2004; Yarwood et al., 2009).  In PG feedstock systems, C:N ratios of residues 

range from approximately 30-112 and 40-320 over a growing season for switchgrass and 

miscanthus respectively, due to the translocation of nutrients from shoots to roots and rhizomes 

as the plant develops and senesces (Heaton et al., 2009).  Plant residues left at the soil surface 

with high C: N ratios decompose slowly compared to those with low C:N ratios, provide surface 

cover and alter soil microhabitats, moderating soil temperature, gas diffusivity and soil moisture 

(Blanco-Canqui and Lal, 2009).  High C:N plant residue return to soil at harvest in the spring 

may affect soil N cycling, impacting soil greenhouse gas (GHG) emissions such as nitrous oxide 

(N2O) from these feedstock production systems. 
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Reducing GHGs is a core goal of bioenergy production (Thomas et al., 2013), and previous 

studies on the effects of residue return on soil bacterial communities have shown that 

amendments of plant residues with high C:N ratios, such as PG biomass, could enhance N 

immobilization, reducing N loss and associated N2O emissions (Huang, 2004; Miller et al., 

2008).  N2O emitted from soils via microbial processes accounts for 2/3 of total N2O emissions 

in Canada, and a major contributing process to soil N2O emissions is denitrification, which is 

catalyzed by a suite of microbial reductases that respond differentially to changing 

environmental conditions (Henderson et al., 2010; Richardson et al., 2009; Saleh-Lakha et al., 

2009a).  The potentially active fraction of the soil bacterial denitrifier community, as represented 

by mRNA coding for the enzymes involved in denitrification (e.g. nirS, nosZ), responds quickly 

to environmental changes and contributes to field N2O emissions (Blagodatskaya and Kuzyakov, 

2013).  Field N2O emissions are often observed in temporal and spatial ‘hotspots’  (Ball et al., 

2000; Molodovskaya et al., 2012), indicating further variability in soil microhabitats due to 

residue return from harvest practices may affect the abundance and activity of the soil microbial 

communities responsible for these emissions.  

Within PG bioenergy feedstock production, management practices for increased yields and 

improved biomass qualities for various downstream uses have been investigated (Amougou et 

al., 2011; Sokhansanj et al., 2009), however research on the effects of feedstock management on 

soil bacterial denitrifier communities and their associated potential for N2O emissions is 

important to consider within the context of creating GHG-neutral PG bioenergy feedstock 

systems.  In 2011, we established residue treatment subplots within a previously established PG 

biomass field trial.  Our objective was to assess the effects of PG bioenergy feedstock 

management, specifically PG crop (miscanthus or switchgrass), N fertilizer application (0 or 160 
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kg N ha
-1

), and residue return or removal, on the relative gene (DNA targets) and transcript 

(RNA targets) abundances of total and denitrifying soil bacterial communities over a PG 

growing season.  We hypothesized that soils from PG plots with residues returned to the soil 

surface would have higher denitrifier transcript abundances than soils with residues removed, 

and that soils from N-fertilized PG plots would support higher denitrifier transcript abundances 

than soils from unfertilized PG plots over the growing season.  Based on qPCR results from 

chapter 2, we also hypothesized that the size of the denitrifier bacterial communities would not 

significantly change over the growing season, while the size of the total bacterial community 

would increase from May to October due to an increase in the availability and diversity of 

substrates for microbial metabolism.  

3.3 Methods 

3.3.1 Site Description and Experimental Design 

A field trial was established at the University of Guelph Research Station in Elora, ON 

(43°38'46.73" N and 80°24'6.66" W) in 2008, after previously being planted as barley (Hordeum 

vulgare L.) in 2007. Switchgrass (Panicum virgatum L., Shelter variety) was planted June 6th, 

2008 and miscanthus (M. sinensis x M. sacchariflorus, Nagara-116 variety) was planted June 

12th, 2008.    

The field trial was a split-split strip plot design with three replicates in a London silt loam 

(Gray Brown Luvisol).  The main plot (6.2m x 26.0m) factor was PG (miscanthus or 

switchgrass),  hand-broadcast urea fertilizer (0 or 160 kg N ha
-1

) was applied in strips randomly 

within replicates after soil sampling in May 2011 for molecular analysis as described below. 
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Miscanthus biomass from the 2010 growing season was left standing over winter and 

harvested on May 5
th

, 2011.  Switchgrass biomass was assembled into windrows in the fall (Dec 

18, 2010) and left over winter until collection from May 5
th

-6
th

, 2011 at spring harvest of 

miscanthus biomass.  Harvest methods of PGs are described in Deen et al. (2011).  Urea fertilizer 

was applied on May 24, 2011 ca. two weeks after harvest of miscanthus and switchgrass.  

Further subplots were established within each PG-N (crop x N rate) subplot on May 10
th

, 2011 

after initial molecular sampling (described below, May 9
th

, 2011) to examine the effects of plant 

residue return to the soil on soil bacterial denitrifier gene and transcript abundances 

(Supplementary Figure 3.1).  Subplots were assigned in a randomized complete design; residue 

treatment subplots were either undisturbed (approx. 30% residue return, U), had residues 

removed from the soil surface (100% removal, R-), or had 100% of harvested mulched biomass 

(approx. 2-cm size) returned to the soil surface (R+) (n=3).  

3.3.2 Soil sampling and analysis 

Bulk density and carbon were measured in each main plot on October 23 2010.  Two 2.5cm-

diamater cylindrical aluminum cores were collected at 0-5cm, and weighed before and after 

drying for 24h at 105°C for bulk density (Maynard and Curran, 2007).  For carbon analysis, ten 

soil cores per plot were collected (0-15cm and 15-30cm depths) from main plot treatments using 

a 2.5-cm-diameter soil corer on a zed-shaped transect, and then composited per treatment for 

each depth.  A Leco® Carbon Analyzer CR-12 (Model No. 781-700, Leco Instruments Ltd.) was 

used to analyzed total and inorganic carbon following a dry combustion technique (Périé and 

Ouimet, 2008) on ca. 0.300g of dried, ground and homogenized soil (Table 3.1).    
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Soil NO3-N and NH4-N were determined for samples collected on May 9
th

 and October 4
th

 

sampling dates by KCl extraction.  Soil samples (10.0g of field-moist soil) were placed into 

125mL flasks and 100mL of 2.0M KCl was added to each flask.  Flasks were stoppered and 

shaken for 1 hr at 160 strokes per minute; solutions were allowed to settle and were then filtered 

through Whatman no. 42 filter paper (Whatman plc, ME, U.S.A).  Extractable NO3-N and NH4-

N were determined colourmetrically with segmented flow analyses (AA3, SEAL Analytical, 

Wisconsin, USA) via a cadmium reduction (Technician Instrument Corporation, 1971), and a 

Berthelot reaction respectively (Table 3.1).   

Dried plant tissue was collected at harvest and was submitted to the Agri-Food Laboratory 

(Guelph, Ontario); plant tissue nutrient concentrations were calculated on % dry weight basis of 

PG 2010 biomass collected in May 2011 (Table 3.1). 

For molecular analyses, soil was sampled on 4 dates over the 2011 growing season: May 9 

(pre-N fertilization and pre-residue subplot establishment), June 27 (post-N and residue subplot 

establishment), August 16 and October 4.  Soil was collected using RNase-free materials and 

aseptic collection techniques.  Five subsamples of field-moist surface soil (ca. 0.5 g each from 0–

2.5 cm depth) were collected from within each residue treatment subplot (1.125m
2
) using aseptic 

scoopulas and immediately placed into sterile collection tubes containing 1 mL g
-1

 soil 

LifeGuard™ Soil Preservation Solution (MO BIO Laboratories, Inc.).  Soil was sampled at 0-

2.5cm depth to examine the effects of residue return and removal on microbial communities at 

the soil-air interface over the growing season.  Additional composite soil samples were similarly 

collected for determination of gravimetric soil moisture (g g-
1
), which was determined for each 

of the residue subplots.  All samples were stored at –20 ˚C until analysis. 
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3.3.3 Environmental Data Acquisition 

Half-hourly soil temperatures at 10 cm depth were measured on site with type T 

thermocouples encased in epoxy-filled copper tubes placed horizontally in the soil in large-scale 

annual (corn) field plots located at the Elora Research Station (Berard and Thurtell, 1990).  Air 

temperature and precipitation values were obtained from the Elora Environment Canada 

reference weather station. 

3.3.4 Quantification of Denitrifying and Total Bacterial Genes and Transcripts 

DNA and RNA were co-extracted according to the manufacturer’s protocol using a RNA 

PowerSoil Total RNA Isolation Kit with a RNA PowerSoil DNA Elution Accessory Kit (MO 

BIO Laboratories, Inc.).  Reverse transcription of RNA to cDNA was conducted in triplicate 

using an Applied Biosystems® High-Capacity cDNA Reverse Transcription Kit (Life 

Technologies Corp.) alongside no enzyme and no template controls.  Quantitative PCR (qPCR) 

assays were used to enumerate the total bacterial communities (16S rRNA genes and transcripts), 

and communities of denitrifiers by targeting nitrite reductase (nirS) and nitrous oxide reductase 

(nosZ) gene and transcripts, using primer pairs 338f/518r (16S, Fierer et al., 2005), Cd3af/R3Cd 

(nirS,  Throbäck et al., 2004) and 1F/1R (nosZ, Henry et al., 2006).  

qPCR standards were cloned from PCR products amplified from pure culture genomic DNA 

(Clostridium thermocellum (16S rRNA), Pseudomonas aeruginosa (nirS), and Pseudomonas 

fluorescens (nosZ)) transformed into E.coli plasmids (TOPO TA cloning kit); plasmids were 

sequenced to confirm successful cloning by the Laboratory Services Department at the 

University of Guelph using an ABI Prism 3720 (Applied Biosystems, Foster City, CA, USA).  

For qPCR analysis, duplicates of each DNA or cDNA target were run on an IQ5 thermocycler 
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(Bio-Rad Laboratories, Hercules, CA, USA) in parallel with a triplicate serial dilution (10
1
-10

8
 

gene copies per reaction) of control plasmids and duplicate no-template controls which gave null 

or negligible values.  qPCR assays were optimized to ensure efficiencies ranging from 93.0-

106.4%, with R
2
s ranging from 0.990-0.999 and standard curve slopes of -3.2 to -3.4.  

qPCR reaction mixtures contained 12.5 μL of 1x SYBR Green Supermix, each forward and 

reverse primer at a final concentration of 400nM, 1 μL of template and RNase/DNase-free water 

to a final volume of 25μL.  For qPCR, initiation occurred at 94° for two minutes, followed by 35 

cycles of denaturing at 94° for thirty seconds, annealing at 57° for thirty seconds (16S) or at 55° 

for sixty seconds (nirS), followed by elongation at 72°C for thirty (16S) or sixty (nirS) seconds.  

For nosZ, a touchdown protocol adapted from Henry et al., (2006) was used.  Melt curve analysis 

was used to confirm amplicon specificity.  Normalization of target concentrations to gram of dry 

soil was used to give results on a biologically significant scale, which assumes similar extraction 

efficiency across samples and is appropriate when measuring relative target abundances, as in 

this study.  

3.3.5 Statistical Analyses 

Gene and transcript abundance values were normalized to copy number per gram of dry soil 

and log10 transformed.  Variance analysis of these data used an overdispersed Poisson 

distribution for count data (Ver Hoef, and Boveng, 2007) to test for differences between effects 

(PG crop, N rate and residue treatment) and changes over time in SAS 9.3 (SAS Institute, Inc.) 

using a Generalized Linear Mixed Model (PROC GLIMMIX).  Soil data was similarly analyzed 

using PROC GLIMMIX and fitted to the appropriate distribution.  Means of responses were 

compared using a post-hoc Tukey’s test for all pairwise comparisons.  Significant differences 
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among and between least-square means were determined by p-values; the null hypothesis (Ho) 

was rejected at P<0.05.   

3.4 Results 

3.4.1 Climate and Properties of Perennial Grass Bioenergy Feedstock Systems 

Variation in daily precipitation, soil and air temperature and gravimetric soil moisture was 

observed (Figure 3.1).  The 2011 growing season had frequent periods of little to no 

precipitation, followed by relatively large daily precipitation events.  Specifically, after initial 

sampling and residue subplot establishment in May 2011, monthly precipitation levels measured 

at our research station were high throughout May (113mm vs. 82mm 30-year average), and low 

throughout July (32mm vs. 84mm 30-yr average) between June and August sampling dates.  

When soil sampling concluded in October 2011 gravimetric soil moisture was at high levels due 

to high monthly precipitation (129mm) in October compared to the 30-yr average (77mm) (Roy 

et al., 2014).  

Soil bulk density and carbon measured in the main PG plots in October 2010 were not 

significantly different between PG crops or nitrogen rates (N fertilizer previously applied from 

2008-2010 in N-fertilized plots) (Table 3.1).  Soil NH4-N levels were not significantly different 

between PG crops or nitrogen rates, but significantly increased from May to October in all soils 

(Table 3.1).  Soil NO3-N was elevated in fertilized switchgrass and at low levels in unfertilized 

switchgrass in May 2011, but NO3-N levels significantly decreased to similar levels from May to 

October sampling dates in all soils (Table 3.1).  May 2011 spring-harvested yields of 2010 PG 

biomass were significantly higher in miscanthus than in switchgrass plots; correspondingly the 
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amount of residue return in R+ subplots plots was significantly higher in miscanthus than in 

switchgrass.  The amount of residue-derived N returned to soils was also higher in miscanthus 

vs. switchgrass plots, with significantly higher residue-N in fertilized miscanthus compared to 

unfertilized switchgrass (Table 3.1).  Varying levels of plant nutrients were also observed 

between PG crops; although miscanthus plant tissue %N increased significantly in response to N 

fertilization, the spring- harvested yields of PG biomass grown in 2010 did not respond to N 

fertilization (Table 3.1).   

3.4.2 Denitrifier Responses to Nitrogen and Residue Management over Time 

Temporal trends in total (16S rRNA) and denitrifying (nirS, nosZ) gene abundances 

paralleled changes in soil gravimetric moisture (Figures 3.1 and 3.2).  The size of the targeted 

denitrifying populations (nirS and nosZ DNA) followed a trend similar to the size of the targeted 

total (16S rRNA gene) soil bacterial populations over time, and neither denitrifying nor 16S 

rRNA gene abundances were significantly influenced by PG crop, N fertilization, or residue 

management.  

Denitrifying nirS and nosZ mRNA transcript levels were impacted by sampling date 

differently than 16S rRNA transcripts levels (Figure 3.2).  Total potential bacterial activity (16S 

rRNA transcripts) levels followed a trend similar to the size of the total bacterial community 

(16S rRNA genes), while denitrifying potential activity (nirS and nosZ mRNA transcripts) levels 

did not follow a trend similar to denitrifying gene abundances over time.  From initial sampling 

in May to the second sampling date in June, nirS and nosZ transcripts levels increased in soils 

from miscanthus plots, while only nirS (not nosZ) transcripts increased in soils from switchgrass 

plots.  Although N fertilization of PGs did not lead to increased yields, nirS and nosZ transcripts 
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were elevated at August and October sampling dates in plots receiving N fertilizer compared to 

those without N (Figure 3.2).  Residue return (R+) resulted in significantly higher nosZ mRNA 

transcript levels than in soils with residues removed (R-), regardless of N application rate or PG; 

however nirS and 16S transcript levels were not influenced by residue manipulations (Table 3.2).  

3.5 Discussion 

Despite differences in plant tissue nutrients and yields between PG crops and N rates, no 

significant differences in soil organic or total carbon between PG crops or N rates were observed.  

Increases in soil carbon may have been offset by losses at PG planting (Sanscartier et al., 2014); 

our measures may not reflect changes in other labile soil carbon forms (e.g. dissolved organic 

carbon), which may have differed due to PG-specific C and N inputs.  Harvested yields did not 

increase with N fertilization, but plant tissue %N was significantly higher in fertilized compared 

to unfertilized miscanthus, similar to findings by Behnke et al. (2012) who found that applying N 

fertilizer to miscanthus resulted in increased tissue N, NO3
-
 leaching and N2O emissions with no 

increase in yield.  Other recent studies have also indicated a lack of significant yield response in 

PGs to N fertilization ( Arundale et al., 2014; Behnke et al., 2012; Christian et al., 2008; 

Lewandowski et al., 2000; Lewandowski et al., 2003). 

All gene abundances (DNA) followed the same trends over time, indicating that the 

proportion of the soil bacterial community with the ability to denitrify remained stable relative to 

the total bacterial community size.  The abundances of nirS, nosZ and 16S rRNA genes did not 

significantly respond to PG crop or management; instead gene abundance levels paralleled 

gravimetric soil moisture changes closely over the growing season (Figure 3.2).  Seasonal 

changes in labile C and N, temperature and soil H2O are often reflected in changes in soil 
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microbial communities (Butterbach-Bahl, 2013; Boyer et al., 2006; Bremer et al., 2007; Dandie 

et al., 2008; Nemeth et al., 2014;  Rasche et al., 2011; Wolsing and Priemé, 2004), and a 

previous study by Mao et al. (2013) also found that site-specific edaphic factors had more 

influence in driving N-cycling soil microbial community composition and abundances than 

biomass crop choice.  Similarly, climatic or edaphic factors were likely driving changes in these 

bacterial gene abundances.   

The denitrification genes targeted in this study have been found in a wide range of genera 

and represent a diverse assemblage of microbes with a wide range of functional diversity 

(Philippot, 2006).  The size of these functionally diverse bacterial communities may be 

controlled distally by edaphic influences, such as resource availability or functional selection 

pressures, here largely due to soil moisture, while the proximal influences of PG-specific crop 

inputs, or management (e.g. residue C:N, N application) were better reflected in differences in 

denitrifying mRNA transcript levels.  

A significant increase in nirS and nosZ mRNA transcript levels in soils from miscanthus 

plots and in nirS transcripts in soils from switchgrass plots was observed from the initial 

sampling date in May to the second sampling date in June, regardless of N rate or residue 

treatment.   This may be due to the high precipitation over the month of May increasing 

microbial consumption of alternate electron acceptors such as NO3
-
 and N2O due to decreased O2 

availability.  Additionally, temperature has been shown to have a strong effect on bacterial 

population dynamics (Rui et al., 2009), so the observed increase in denitrifying mRNA 

transcripts levels at this time may be reflective of increased enzymatic activity from increased 

soil temperatures.  However, the concomitant increase in nirS and nosZ mRNA transcripts in 

soils from miscanthus plots compared to the sole increase in nirS transcripts in soils from 
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switchgrass plots from May to June sampling points may indicate that miscanthus-specific 

drivers potentially selected for larger soil nosZ-bearing denitrifying communities than in the 

switchgrass system.  A positive response of plant tissue %N to N fertilization in miscanthus with 

no corresponding increase in biomass may also be indicative of luxury N uptake, which may 

have decreased microbial access to soil NO3-N, and increased selective pressures favouring soil 

bacteria with the capacity for N2O reduction in miscanthus vs. switchgrass soils.  Although both 

PG species have similar N removal rates (Arundale et al., 2014), previous studies have observed 

changes in the diversity and community structure of nitrogen-fixing (nifH target) bacterial 

diazotroph communities associated with miscanthus establishment (Mao et al., 2011), which may 

also explain differences in denitrifying potential activity observed between PG species, as large 

N2-fixing diazotroph communities may have influenced the availability of resources for 

microbial metabolism, and therefore the selective pressures on bacterial functioning in these soils 

(Stone et al., 2015).   

Switchgrass and miscanthus have C: N ratios ranging from approximately 30-112 and 40-320 

from spring to winter as nutrients are translocated from shoots to roots and rhizomes as the plants 

develop and senesce (Heaton et al., 2009); a ‘break-even’ point between net N immobilization 

and N mineralization has been estimated at a C: N of 41 (Vigil and Kissel, 1991).  Plant-residue 

derived N input has been reported as low in high C: N residues, such as sugarcane (C: N=118) 

(Huang, 2004); without additional N supply, soil microbes are forced to scavenge for N to 

decompose high C: N PG residues, stimulating soil NH4-N immobilization and increased N2O 

reduction (Vigil and Kissel, 1991). Cumulative respiration has been observed to increase after 

the addition of N during the decomposition of high C: N plant residues (Baumann et al., 2009), 

and cumulative N2O emissions from soils amended with high C:N plant residues are lower when 
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synthetic N is applied (Huang, 2004).  On August and October sampling dates, the effects of the 

N fertilizer applied after the initial May sampling date resulted in significantly higher nirS and 

nosZ denitrifying mRNA transcript abundances in the N fertilized plots relative to the 

unfertilized plots in both PG soils.  Previous studies within long-term N fertilization trials have 

observed differences in the  size and relative proportions of denitrifying communities based on 

fertilization types (Hai et al., 2009; Hallin et al., 2009).  Presently we did not observe an increase 

in the size of the targeted denitrifying communities, potentially due to the shorter time frame (3 

years after large trial establishment) compared to work by Hallin et al. (2009) and Hai et al. 

(2009).  However, we did observe an increase in denitrifying mRNA transcript abundances after 

N application, indicating the availability of soil-N affected the activity of these denitrifying 

microbial communities over the growing season.  

Successional changes in microbial populations during residue decomposition have been 

previously observed (Bastian et al., 2009), and crop residue quality can affect the functional 

diversity and community structure of soil microbial communities (Baumann et al., 2009; 

Bending, 2002).  Presently, the quantity of denitrifying transcripts (mRNA) was highly variable 

between residue subplots; residue manipulations did not significantly affect total (16S rRNA) or 

nirS-denitrifying gene or transcript abundances.  However, residue return subplots (R+) had 

significantly higher mean nosZ denitrifying mRNA transcripts levels than the residue removal 

subplots (R-) in both PG crop and N treatments, despite differences in the amount of residue-N 

returned to plots between miscanthus and switchgrass plots.  A previous study in an annual 

(corn) system at our site found field-scale N2O fluxes and nosZ mRNA transcript levels were 

inversely correlated in corn plots with residue returned to soils (Németh et al., 2014), suggesting 

the return of residues to soils could promote reduction of N2O to N2 in situ.  Given that nosZ 
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transcript levels did not vary between PG crop types, but were significantly higher in all R+ 

residue subplots, it can be hypothesized that nosZ transcript abundances were influenced more by 

the return of residues than by residue quality.   

The primers used for nosZ gene target amplification in this study provided good coverage of 

γ -proteobacteria (Henry et al., 2006), which have been shown to be stimulated by surface-

applied plant residues (Pascault et al., 2010).  Increased residue return to the soil surface in R+ 

plots may have increased the proportion of anaerobic microsites and created a more 

heterogeneous array of niches.  Soils with residue cover are normally cooler during the day and 

warmer during the night compared to unmulched soils and have increased air permeability and 

soil water holding capacity (Blanco-Canqui and Lal, 2009), which likely related to differences in 

microbial community structure (Cusack et al., 2011) and selected for different dominant taxa that 

filled different ecological niches (Stone et al., 2015).   

 Relative abundances of nirS and nosZ mRNA transcript copies in this study (Table 3.2) 

indicate the return of residues may decrease potential denitrifier N2O emissions by increasing the 

relative potential activity of nosZ-bearing compared to nirS-bearing communities.  Feedstock 

management practices that result in spatially heterogeneous residue return at the time of harvest 

may increase the spatial variability of field N2O emissions, which should be considered when 

assessing the sustainability of PG bioenergy feedstock systems.  

3.6 Conclusions 

The size of the total and denitrifying soil bacterial communities did not show differentiation 

with respect to feedstock management in PG feedstock systems; however the mRNA transcript 

abundances of the examined denitrifying populations did change in response to feedstock 
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management and over the PG growing season.  Although fertilization of PGs did not increase 

yields or increase denitrifier gene abundances, denitrifying transcripts were elevated in N-

fertilized plots, and PG crops influenced denitrifying transcript levels differently over the 

growing season.  Residue return resulted in significantly higher nosZ transcripts than in residue 

removal soils.   

Results indicate edaphic conditions such as soil H2O had a large influence on the sizes of the 

total bacterial and denitrifier communities, while PG feedstock management influenced short-

term changes in denitrifying transcript levels, potentially due to differences in soil conditions and 

resource availability/quality between PG crops.  High C: N PG bioenergy feedstock crops may 

decrease potential soil N2O emissions under specific feedstock management strategies, such as 

biomass residue return.  The effects of the removal or return of different proportions of harvested 

biomass from PG systems needs to be further investigated to establish proper guidelines for 

biomass harvesting practices to create sustainable bioenergy feedstock systems.   
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Table 3.1 Mean soil and plant tissue properties of perennial grasses produced at the Elora Research Station. 

Biomass 

N 

Rate 

Harvested 

Dry 

Biomass 

Soil 

Bulk 

Density 

(g cm
-3

) 

Soil Total 

Carbon (%) 

Soil Organic 

Carbon (%) Soil N 

Plant Tissue Nutrient 

Concentrations (gg
-1

) 

Biomass Residue 

Return 

 

(kg 

ha
-1

) (tons ha
-1

) 

0-5cm 

depth 

0-

15cm 

depth 

15-

30cm 

depth 

0-

15cm 

depth 

15-

30cm 

depth 

NO3-N 

(μg g
-1

) 

(May/ 

Oct 2011) 

NH4-N 

(μg g
-1

) 

(May/ 

Oct 2011) 

N 

% 

P 

% 

K

% 

Mg

% 

Ca

% 

100% 

Return 

(kg/plot) 

N added 

in biomass 

(g/m
2
) 

Miscanthus 

0 12.657  A
 

1.18 A 

2.19 

A 

2.03 

A 

1.87 

A 

1.44 

A 

7.58AB 

0.41 C 

 

0.81 B 

3.45 A 

0.32 

B 

0.06 

A 

0.16 

A 

0.04 

B 

0.16 

B 1.6 AB 5.29 AB 

Miscanthus 

160 14.325 A
 

1.15 A 

2.32 

A 

1.61 

A 

2.00 

A 

1.23 

A 

 

6.35 ABC 

0.45 C 

0.38 B 

3.54 A 

0.54  

A 

0.04 

A 

0.16 

A 

0.07 

AB 

0.19 

B 1.8 A 9.69 A 

Switchgrass 

0 6.330 B 1.11 A 

2.07 

A 

1.67 

A 

1.83 

A 

1.32 

A 

 

4.33 BC 

0.89 C 

1.322 AB 

3.70 A 

0.44 

AB 

0.03 

A 

0.08 

B 

0.08 

AB 

0.37 

A 0.59 B 2.57 B 

Switchgrass 

160 6.905 B 1.17 A 

2.20 

A 

2.06 

A 

1.89 

A 

1.37 

A 

 

10.70 A 

1.50 BC 

2.14 AB 

3.69 A 

0.55  

A 

0.05 

A 

0.10 

B 

0.10 

A 

0.42 

A 0.61 AB 3.42 AB 

Means followed by the same letter within one column are not significantly different according to post-hoc Tukey’s means comparison,  

P < 0.05; (n = 6 for carbon, bulk density and soil-N measurements, n=3 for biomass measurements). 
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Table 3.2 Mean gene and transcript abundances in response to residue management, averaged over PG species, nitrogen application 

rate and time.  

Cropping 

System 

Soil denitrifying bacteria 

 

Total soil bacteria 
 

nosZ nirS 16S
 

 (transcript 

copy g
-1

 soil) 

(gene 

copy g
-1

 soil) 

(transcript 

copy g
-1

 soil) 

(gene 

copy g
-1

 soil) 

(transcript 

copy g
-1

 soil) 

(gene copy g
-1

 

soil) 

R+ 1.0x10
3 

a 5.3x10
5
 3.4x10

3
 8.5x10

5
 5.1x10

8
 2.1x10

9
 

R- 4.4x10
2 

b 3.7x10
5
 2.1x10

3
 8.4x10

5
 5.7x10

8
 2.1x10

9
 

U 6.3x10
2
ab 4.2x10

5
 2.8x10

3
 1.1x10

6
 5.1x10

8
 2.2x10

9
 

Means followed different letters within one column are significantly different according to post-hoc Tukey’s means 

comparison, P < 0.05; n = 9. 
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Figure 3.1 Daily soil temperature (10cm depth, °C), mean daily air temperature (°C) and daily precipitation (mm) at the Elora 

Research Station from January 2011 to December 2011.  Upward arrows indicate harvest of standing miscanthus biomass and 

collection of windrowed switchgrass biomass; “N” indicates nitrogen fertilizer application.  Soil gravimetric H2O was measured on a 

per-sample basis and is shown as PG crop mean (±SE) for each sampling date (May 9, June 27, August 16 and October 4, 2011) 

(n=18); open square symbols = miscanthus, filled triangle symbols = switchgrass.   
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Figure 3.2 Mean log gene copies and transcripts (g
-1

 dry soil ±SE) in PG systems under varied N and residue management at the Elora 

Research Station (n=9) over time; circle symbols = miscanthus, triangle symbols = switchgrass, filled symbols = 0kg N ha-
1
, open 

symbols = 160kg N ha-
1
. Panels A-C are transcript abundances and panels D-F are gene abundances for nirS, nosZ and 16S targets, 

respectively. 
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Supplementary Figure 3.1.  Schematic of Field Plot Set-up at the Elora Research Station; residue subplots were established in a 

Randomized Complete Design (RCD) within each perennial grass x Nitrogen fertilizer (0 or 160 kg N ha-
1
) plot (n=3). 

Residue subplots within spring-harvested 

M M S S perennial grass plots at 0 and 160 kg N ha-1

Rep 1

S S M M

Rep 2

S S M M

Rep 3

Main:Cultivars Sub: Fertilizer Level Blocks Sub-sub: Harvest Date Split Residue Subplots

M Miscanthus 0 kg N ha
-1

Spring Residues Returned, "R+"

S Switchgrass 40 kg N ha
-1

Fall Residues Removed, "R-"

80 kg N ha
-1

Residues Undisturbed, "U"

160 kg N ha
-1

CS

CS

CS
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4.1 Abstract 

Liquid dairy manure (LDM) application and ploughing events may affect soil microbial 

community functioning differently between perennial and annual cropping systems due to plant-

specific characteristics stimulating changes in microbial community structure.  Understanding 

how these microbial communities change in response to varied management, and how these 

changes relate to in situ N2O fluxes may allow the creation of predictive models for use in the 

development of best management practices (BMPs) to decrease nitrogen (N) losses through 

choice of crop, plough, and LDM practices.  Our objectives were to contrast changes in the 

population sizes and community structures of genes associated with nitrifier (amoA, crenamoA) 

and denitrifier (nirK, nirS, nosZ) communities in differently managed annual and perennial fields 

demonstrating variation in N2O flux, and to determine if differences in these microbial 

communities were linked to the observed variation in N2O fluxes.  Soil was sampled in 2012 and 

in 2014 in a 4-ha spring-applied LDM grass-legume (perennial) plot and two 4-ha corn (annual) 

treatments under fall or spring LDM application.  Soil DNA was extracted and used to target N-

cycling genes via qPCR (n=6) and for next-generation sequencing (Illumina Miseq) (n=3).  

Significantly higher field-scale N2O fluxes were observed in the annual plots compared to the 

perennial system; however N2O fluxes increased after plough down of the perennial plot.  

Nonmetric multidimensional scaling (NMS) indicated differences in N-cycling communities 

between annual and perennial cropping systems, and some communities became similar between 

annual and perennial plots after ploughing.  Shifts in these communities demonstrated 

relationships with agricultural management, which were associated with differences in N2O flux.  

Indicator species analysis was used to identify operational taxonomic units (OTUs) most 

responsible for community shifts related to management.  Nitrifying and denitrifying soil 

bacterial communities are sensitive to agricultural management (annual or perennial crop type, 
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LDM management, and ploughing) and communities will respond to variations in management, 

affecting field N2O fluxes. 
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4.2 Introduction 

Agricultural lands are the largest anthropogenic source of N2O, a greenhouse gas (GHG) 

with a global warming potential (GWP) 296 times that of CO2 (IPCC 2007), contributing nearly 

60% of all anthropogenic N2O emissions (Stocker et al., 2013).  Sustainable types of land use 

and management, such as the establishment of perennial plants in crop rotation, reduction of soil 

tillage, and best management of manure nitrogen (N) in cropping systems are being increasingly 

promoted to mitigate these emissions (Verrines et al., 2011). 

Perennial and annual cropping systems provide varied inputs of carbon (C)  and N to 

soils based on plant-specific characteristics such as root exudate chemistry and different nutrient 

use efficiencies that affect C and N availability, soil moisture status and soil physical properties 

(Haney et al., 2010).  The presence of perennial plants during the non-growing season may 

diminish the increase of soil mineral N during winter months compared to that seen in annual 

systems (Abalos et al., 2015).  Organic amendments, such as liquid dairy manure (LDM) added 

to soils provide C for denitrification and organic N and NH4-N that can be nitrified to NO3, while 

increasing soil moisture (Snider et al., 2015).  Mineralization of organic N is related to the C:N 

ratio of applied manure and plant root exudates, influencing the effects of manure application 

and crop type on N2O production and consumption process in soil (VanderZaag et al., 2011); 

amendments with a C:N ratio <41:1 promote N mineralization, while amendments with C:N 

ratios >41:1 promote N immobilization (Vigil and Kissel, 1991).  The short-term changes in the 

turnover of soil organic matter after input of organic amendments such as LDM can cause N to 

be released or immobilized in soil, fueling microbial growth and activity (Chakraborty et al., 

2011).  Additionally, agricultural practices such as tillage or ploughing aerate soil and increase 
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available labile C by burying crop residues, stimulating changes in soil microbial community 

structure (Schimel et al., 2007; Stres et al., 2004).  

Field N2O emissions are often observed in temporal and spatial ‘hotspots’  (Ball et al., 

2010; Molodovskaya et al., 2012),  indicating variability in soil C and N inputs due to manure 

application timing or ploughing may affect the two major functional microbial communities 

(nitrifiers and denitrifiers) responsible for these emissions.  Understanding how these microbial 

communities change in response to varied land use and management, and how these changes 

relate to in situ N2O fluxes may allow the creation of predictive models for use in the 

development of best management practices (BMPs) to decrease N losses through choice of crop, 

ploughing practices, and manure application timing practices.   

In an earlier study, Abalos et al. (2015) observed higher field-scale N2O fluxes in annual 

fields compared to a perennial field at our research site in Elora, Ontario, Canada from 2011 to 

2014.  They found N2O emissions increased 10-fold in the perennial field after a plough-down 

event at the end of 2013 and that although the timing of N2O fluxes differed between annual 

fields with LDM applied in either the fall or spring, annual N2O fluxes were not significantly 

different between differently managed corn fields.  Our objectives were to examine changes in 

the population sizes and community structures of genes associated with nitrifier (amoA, 

crenamoA) and denitrifier (nirK, nirS, nosZ) soil microbial communities in these fields from 

2012 to 2014 to determine if changes in these communities were linked to agricultural 

management and the observed variation in N2O fluxes. 
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4.3 Methods 

4.3.1 Site description and management  

The experiment was established at the Elora Research Station, Ontario, Canada (43º39´ 

N, 80º25´ W; 376 m elev.) in fall of 2011.  The soil type is an imperfectly drained Guelph silt 

loam (29% sand, 52% silt and 19% clay).  The soil (0-15 cm) had a pH (water) of 7.6; bulk 

density was 1.30 Mg m
-3

; total organic C was 26.9 g kg
-1

; total N was 2.4 g kg
-1

; available P was 

24 mg kg
-1

; available K was 146 mg kg
-1

.  The site’s 30-year mean annual precipitation is 920 

mm and mean annual air temperature is 6.7ºC (Environment Canada, 2015).  The trial was 

composed of two 200 m × 200 m (4 ha) annual corn monoculture (Zea mays L. cv ‘DKC38-03 

RIB Brand Blend®’) fields with LDM broadcast in either the fall or the spring, and two 200 m 

× 200 m (4 ha) perennial grass (Phleum pratense L.) and legume (Medicago sativa L.) mixture 

fields, with LDM either broadcast or injected in the spring (perennial field with injected manure 

not examined) (Supplementary Figure 4.1).  Details regarding planting are available in Abalos et 

al. (2015); the LDM applied had a pH of 7.2 and an average composition of 2.29% dry matter, 

0.26% total N, and 0.1 % total ammonium-N.  

For the annual field (corn) with LDM applied in fall (‘AF’), LDM was broadcast in 

October-November at a rate of 129, 81 and 105 kg N ha
-1

 in 2011, 2012 and 2013, respectively.  

For the other annual field (corn) with LDM applied in the spring (‘AS’), LDM was broadcast at 

157, 106 and 107 kg N ha
-1 

in April-May in 2012, 2013 and 2014, respectively.  LDM was 

incorporated by disc into the soil immediately after application.  In 2013, LDM application was 

supplemented with side-dressed urea (60 kg N ha
-1

).  Conventional tillage was practiced annually 

by moldboard ploughing to 15-20 cm depth after harvest in the fall.  For the perennial field (PB), 
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LDM was broadcast in May-June at 87, 77 and 91 kg N ha
-1

 in 2012, 2013 and 2014 using a 

splash-plate system.  In September 2013, the perennial field was ploughed (20 cm depth) and 

reseeded; harvest occurred in July 2012, June and August 2013, and July and August 2014.  

4.3.2 Soil sampling for molecular analyses 

Soil was sampled on June 11, 2012 and May 22, 2014 within each field; 10 soil cores (0-

15cm depth) were collected along 3 transects (every 10-15m) using aseptic collection techniques 

and bulked for each transect.  Soil was stored at 4°C and processed within 24 h for DNA 

extraction. 

4.3.3 Quantification and Analyses of N-cycling Microbial Communities 

DNA was extracted according to the manufacturer’s protocol using a DNA PowerMax 

Isolation Kit (MO BIO Laboratories, Inc.).  Quantitative PCR (qPCR) assays were used to 

enumerate the total bacterial communities (16S rRNA genes), communities of bacterial 

denitrifiers by targeting nitrite reductases (nirS and nirK) and nitrous oxide reductase (nosZ) 

genes, and communities of bacterial and archaeal nitrifiers by targeting ammonia-oxidizing 

(amoA and crenamoA) genes, using primer pairs 338f/518r (16S, Fierer et al., 2005), 

Cd3af/R3Cd (nirS,  Throbäck et al., 2004), 1F/1R (nosZ, Henry et al., 2006), F1aCu/R3Cu (nirK, 

Hallin and Lindgren, 1999), IF/2R (amoA, Rotthauwe et al., 1997) and 23F/616R (crenamoA, 

Tourna et al., 2008) using a Bio-Rad CFX detection system (Bio-Rad Laboratories, Inc.).  

Targets for nosZ (Henry et al., 2006) were amplified using a Bio-Rad iQ5 detection system (Bio-

Rad Laboratories, Inc.).  All nucleic acid extracts were diluted to decrease the impact of 

inhibition for successful amplification and increased reaction sensitivity.  
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The qPCR conditions consisted of an initial 2 min period at 94°C.  This was followed by 

35 cycles of denaturing at 94°C for 10s, annealing at 55°C (bacterial 16S and crenamoA), 57 °C 

(amoA and nirS), or 56 °C (nirK) for 10s, and elongation at 72 °C for 15s.  The qPCR conditions 

for nosZ used a touchdown protocol previously described by Henry et al. (2006).  The qPCR 

reaction mixtures contained either 10.5 μL of Sso Fast™ EvaGreen Supermix or 12.5 μL of 

SYBR Green Supermix (Bio-Rad Laboratories, Inc.), 10 μM each of forward and reverse primer, 

DNA template, T4 gene 32 protein (New England Biolabs, Inc.) at a final concentration of 0.025 

ng mL-
 1

 and RNase/DNase-free water to a final volume of 25 μL (nosZ, with SYBR Green) or 

20 μL (all other targets, with Sso Fast EvaGreen). 

Standard curves for qPCR quantification were constructed using triplicate serial dilutions 

of plasmid DNA containing the target genes (10
1
-10

8
 copies per reaction).  Bacterial 16S, amoA, 

nirS, nirK and nosZ genes were cloned from PCR products amplified from Clostridium 

thermocellum spp.,  Nitrosomonas europaea spp., Alcaligenes faecalis spp., Pseudomonas 

aeruginosa spp., and Pseudomonas fluorescens spp. genomic DNA, respectively.  CrenamoA 

genes were cloned from soil samples retrieved from our research site; the resulting sequence was 

deposited in GenBank under accession number KP284272.  PCR products were obtained for 

each gene target using PCR conditions as described above for soil DNA extracts, and amplicon 

specificity was screened by gel electrophoresis.  PCR amplicons were cloned into One Shot® 

DH5a™-T1R, Top10 Escherichia coli competent cells (Life Technologies Corp.) using a TOPO 

TA Cloning® kit (Life Technologies Corp.).  Cloned plasmid DNA was extracted using a 

PureLink™Quick Plasmid Miniprep Kit (Life Technologies Corp.) and verified by sequencing 

on an Applied Biosystems ABI Prism 3720 (Life Technologies Corp.) to confirm target identity 

(Laboratory Services, University of Guelph, Guelph, ON).  All qPCR assays included no 
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template controls, and were optimized to ensure reaction efficiencies of 95-110% (amoA, 

bacterial 16S, crenamoA, nirK and nirS) and 85-90% (nosZ), and standard curve slopes of -3.1 to 

-3.6 with R
2 

values between 0.990 and 1.000. 

Gene abundance values were normalized to gene copy number per gram of dry soil and 

log10 transformed.   Variance analysis of these data used an overdispersed Poisson distribution 

for count data (Ver Hoef and Boveng, 2007) to test for differences between field treatments and 

changes over time in SAS 9.3 (SAS Institute, Inc.) using a Generalized Linear Mixed Model 

(PROC GLIMMIX).  Means of responses were compared using a post-hoc Tukey’s test for all 

pairwise comparisons.  Significant differences among and between least-square means were 

determined by p-values; the null hypothesis (Ho) was rejected at P<0.05.   

4.3.4 Next Generation Sequencing of N-cycling Genes 

Amplicon libraries were prepared in three serial PCR stages.  In Stage 1, PCR was 

conducted in duplicate 20μL reactions containing 1X Platinum Taq buffer, 2 mM MgCl2, 0.08 

μL of Platinum Taq, and 2 mM dNTPs (Invitrogen, Burlington ON, Canada), 0.2 μM of each 

primer (as described in qPCR methods), 0.08 μL T4g32 reagent (New England Biolabs, Whitby, 

ON, Canada), and 0.8 μL of extracted soil DNA.  

PCR cycling conditions for Stage 1 were as follows: initial denaturation 94°C for 1 min, 

final extension of 72°C for 5 min, and 35-40 cycles incorporating 94°C denaturation for 10s, a 

touchdown annealing temperature for 30s, and an extension of 72°C for 40s.  For amoA, 35 

cycles were used and the annealing temperature started at 65°C and dropped one degree per 

cycle to 60°C, which was then used for the remaining cycles.  For nirK, 35 cycles were used and 

the annealing temperature started at 62°C and dropped one degree per cycle to 57°C, which was 
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then used for the remaining cycles.  For crenamoA, 40 cycles were used with annealing starting 

at 60°C and dropped one degree per cycle to 55°C, which was used for remaining cycles.  For 

nirS, conditions were as for nirK, only 40 total cycles were used.  For nosZ, 40 cycles were used 

and the annealing temperature started at 67°C and dropped one degree per cycle to 60°C, which 

was then used for the remaining cycles.  Duplicate PCR reactions were pooled and purified using 

spin columns (UltraClean GelSpin DNA Extraction Kit, MoBio Laboratories Inc., Carlsbad CA, 

USA), then eluted in 30 μL of 1/10 strength elution buffer.  Reactions were stored up to two days 

at 4°C until use, then frozen at -20°C. 

In Stage 2, PCR was conducted using long primers with proprietary Illumina adapter 

sequences (Illumina, Inc., San Diego, CA USA) attached at 5’ ends of Stage 1 primer sequences.  

Amplification conditions were similar to those used in Stage 1, however PCR was conducted in 

single 25 μL reactions containing 0.3 μL Platinum Taq (Invitrogen, Burlington ON, Canada), no 

T4 reagent, and 4 μL of purified Stage 1 amplicon as template, and only 10 cycles at 55°C 

(crenamoA), or 57°C (nirS, nirK), or 60°C (amoA, nosZ) annealing temperature were used.  PCR 

reactions were purified using spin columns as described above.  

In Stage 3, a different combination of Illumina index tags were added to the ends of the 

amplicons for each sample.  Primers consisting of Illumina’s proprietary index tags and adapters 

(10 μM) were purchased from the University of Guelph Advanced Analysis Centre- Genomics 

(Guelph, ON, Canada) for this stage.  Single 25 μL PCR reactions with the same reagents as in 

Stage 2 were used, with an added 0.2 μL of Platinum Taq (Invitrogen) and 1 μL of purified Stage 

2 amplicon.  PCR cycling conditions were as follows: 95°C for 1 min, 12 cycles (crenamoA, 

amoA, nirK) or 15 cycles (nirS, nosZ) of 95°C for 10s, 55°C for 30s, 72°C for 40s, then a final 

extension at 72°C for 5 min. 
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PCR reactions were purified using spin columns as described above, and were eluted in 

50 μL of 1/10 strength elution buffer.  Reactions were frozen at -20°C until submission to the 

University of Guelph Advanced Analysis Centre- Genomics (Guelph, ON, Canada) for 

sequencing.  Agarose gel electrophoresis was used at each stage in this three-stage process to 

verify amplification. 

Multiplexed (96) sample sequencing was conducted using an Illumina MiSeq Reagent 

Kit v3 (600-cycle), producing paired end reads 300 bp in length.  Unprocessed FASTQ files 

were obtained for subsequent analysis.  The yield of reads from the MiSeq run with ≤ 3 errors 

was 0.4 G, with overall 80% useable cycles, an error rate of 2.01%, and 69.8 % ≥ Q30.  There 

were 8.41M reads in total, with 7.94M reads passing filter and 84% of reads identified as 

belonging to a particular sample.  The percent of reads identified ranged from 0.17 to 2.40% per 

sample, averaging at 0.88% or 73943 reads. 

4.3.5 Bioinformatics pipeline 

Bioinformatics pipeline stages were as follows: 1. Overlapping paired end reads were 

assembled using PEAR software (Zhang et al., 2014).  This step was not conducted with nosZ or 

crenamoA reads, which did not overlap; for these amplicons, only the forward reads were used.  

2. Primers and poor quality sequences and sequence ends were removed using cutadapt software 

(Martin, 2011), 3. For each amplicon, the UPARSE pipeline was used to cluster sequences into 

operational taxonomic units (OTUs) (Edgar, 2013), 4. Reads were mapped to OTUs to obtain 

estimates of abundance for each OTU.  Thresholds for OTU clustering were chosen based on 

existing literature: 90% identity for amoA and crenamoA (when lower OTU thresholds suggested 

by Purkhold et al. (2000) for amoA (80%) and Pester et al. (2012) for crenamoA (85%) were 
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used, there were 2 OTUs for amoA and 5 for crenamoA; the 90% threshold was chosen to allow 

differentiation between treatments and may represent variation at a finer taxonomic level than 

OTUs for other genes), 83% for nirK (Palmer et al., 2012) , 82% for nirS (Palmer et al., 2012),  

and 80% for nosZ  (Palmer et al., 2009).  Reads per OTU were standardized by the total number 

of sample reads to allow comparison between samples. 

4.3.6 Sequence analysis 

All OTUs per amplicon were subjected to a BLASTx analysis (Camacho et al 2008) to 

verify the identity of the functional gene encoded by each sequence.  Only sequences verified to 

be crenamoA, amoA, nirK, nirS or nosZ were included in subsequent analyses.  PC-ORD 

software (MjM Software, Gleneden Beach, OR USA) was used to conduct nonmetric 

multidimensional scaling (NMS) ordinations based on Sorensen dissimilarities to contrast 

presence-absence or log-transformed profiles of amoA, crenamoA, nirK, nirS and nosZ read 

abundances, as well as conduct multi-response permutation procedure (MRPP) comparisons of 

OTU profiles for each amplicon in each field over time.  The Simpson’s diversity, richness and 

evenness of OTUs from each sample were determined using PC-ORD, and the phylogenetic 

diversity of OTUs from each determined using the R software package picante (Kembel et al., 

2011).  Frameshift-corrected translations of OTU centroid sequences were made using the 

FunGene Pipeline’s FrameBot tool and aligned using the HMMER aligner tool (Fish et al., 

2013).  Alignments containing large gaps were trimmed using gblocks (Talavera and Castresana, 

2007).  Student’s t-tests were used to determine changes in the log-transformed abundance of 

OTUs between fields, as well as to determine changes in Simpson’s diversity, richness, 

evenness, or phylogenetic diversity between fields.  
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 Indicator Species Analysis (ISA) (McCune and Grace, 2002) was used to contrast log 

transformed read abundances for OTUs present for each field treatment and sampling date 

combination (n=18) using the PC-ORD software package (MjM Software, Gleneden Beach, OR, 

USA).  Indicator OTUs are OTUs associated with differences between fields and sampling times 

in community composition (McCune and Grace 2002).
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4.4 Results 

4.4.1 N-cycling Soil Microbial Gene Abundances 

Soil microbial gene abundances were characterized in 2012 in order to compare the 

effects of annual vs. perennial cropping systems on these communities before ploughing 

occurred in the PB field in 2013.  The PB field had significantly higher nosZ gene abundances in 

2012 than the two annual fields (P<0.05).  At the 2012 sampling, the PB field also had 

significantly higher total (16S rRNA) bacterial abundance than both of the annual fields, and 

higher crenamoA and nirK gene abundances than observed in the AF field; similar differences in 

these targets were not observed between the PB and AS fields (P<0.05) (Figure 4.1).   

After ploughing of the PB field in the fall of 2013, a significant decrease in nosZ gene 

abundances was observed.  After two years of repeated LDM application, total bacterial gene 

abundances (16S rRNA) increased significantly in both annual fields, regardless of LDM 

application timing.  Abundances of N-cycling genes did not change significantly from 2012 to 

2014 in the AS field; however, a significant increase in amoA nitrifying gene abundances and 

nirK denitrifying gene abundances and a significant decrease in nosZ denitrifying gene 

abundances were observed in the AF field (Figure 4.1).  

4.4.2 Soil N-cycling Community Compositions 

The bioinformatics pipeline used resulted in 11 amoA OTUs, 8 crenamoA OTUs, 190 

nirK OTUs, 150 nirS OTUs, and 57 nosZ OTUs.  Most OTU centroid sequences matched well to 

multiple NCBI database accessions for the expected genes, and were deposited under accession 

numbers KT210466 - KT210476, KT210477 - KT210484, KT210485 - KT210674, KT210675 - 
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KT210824, and KT210825 - KT210881 for amoA, crenamoA, nirK, nirS and nosZ, respectively.  

Nonmetric multidimensional scaling ordinations for each gene profile exhibited differences in 

community compositions between fields and between sampling dates (Figure 4.2).  Multi-

Response Permutation Procedure (MRPP) comparisons of community compositions showed 

significant differences between fields and over time (P<0.05) (Table 4.1).  Specifically, amoA 

compositions were not different between PB and AS fields in 2012, but communities changed 

significantly from 2012 to 2014 sampling in the PB field.  In 2014, amoA community 

compositions were significantly different between the two annual fields, and were different 

between the AS and PB fields.  Community compositions of archaeal nitrifiers (crenamoA) were 

significantly different between PB and AS fields at both sampling points, and changed 

significantly between sampling dates in the AF field (Figure 4.2, Table 4.1).  

For denitrifying nirK communities, distinct community compositions were observed 

between fields and between 2012 and 2014 sampling dates (Figure 4.2, Table 4.1).  All nirK 

community comparisons were significantly different, changing distinctly within each field 

between sampling dates and remaining significantly different between fields over time (Table 

4.1).  Denitrifying nirS community compositions were distinct between PB and AS fields in 2012 

and significantly changed between sampling dates; however after two years of LDM application 

communities did not differ between fields in 2014 (Figure 4.2, Table 4.1).  Denitrifying nosZ 

community compositions were also distinct between fields; after two years of LDM application 

nosZ communities observed in the annual (AF and AS) fields became similar in ordination space 

(not significantly distinct) to one another.  Significant changes were observed in nosZ 

community compositions in the AS field between sampling dates, while nosZ community 

compositions did not change significantly between sampling dates in the AF field.   Additionally, 
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nosZ community compositions were significantly different between the PB and AS fields in both 

sampling years (Figure 4.2, Table 4.1).  

 At both 2012 and 2014 sampling dates, the PB field had significantly higher archaeal 

nitrifier (crenamoA) richness, Simpson’s diversity, and phylogenetic diversity than the two 

annual fields (Table 4.1).  After plough down in 2013, denitrifying nirS, nirK, and nosZ richness, 

Simpson’s diversity and phylogenetic diversity all significantly decreased in the PB field, while 

both bacterial (amoA) and archaeal (crenamoA)  nitrifier richness and diversity stayed at similar 

levels as in 2012 pre-plough.  

4.4.3 Indicator Species Analysis 

The percentage of indicator OTUs (of total OTUs identified) were 45% for amoA in the 

PB and AS fields (none present in AF field), 38% for crenamoA  in the AF field only, 43% for 

nirK in all fields, 33% for nirS in all fields, and 32% for nosZ in all fields.  Specifically, 5 amoA 

indicator species, 3 crenamoA indicator OTUs, 81 nirK indicator OTUs, 50 nirS indicator OTUs 

and 18 nosZ indicator OTUs were identified (Supplementary Table 4.1) that corresponded to 

differences in agricultural management.  

A decrease in the number of amoA, nirK, nirS and nosZ indicator OTUs was observed 

from 2012 to 2014 sampling dates associated with the PB field.  More indicator OTUs for nirK, 

nirS and nosZ were identified as being of maximal (highest) abundance in the AS field in 2012 

compared to 2014 (Supplementary Table 4.1).  For the AF field, the opposite occurred: more 

nirS and nirK indicator OTUs were identified as being of maximal abundance in 2014 compared 

to 2012 (Supplementary Table 4.1).   
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While the genes surveyed in this study are not barcoding genes that yield sequences 

definitive for the diagnosis of taxa, it is possible to identify putative taxa of origin for indicator 

OTU sequences via sequence matching to known organisms in databases.  Based on these 

analyses, a number of taxa associated with indicator OTU sequences were identified.  While 

some of the identified genera were common to many fields and sampling times (e.g. 

Bradyrhizobium, Rhizobium), there were some genera preferentially associated with specific 

fields, management treatments, or sampling times (Table 4.3).  A complete list of indicator 

OTUs for all genes is given in Supplementary Table 4.1.  Interestingly, for nirK, Rhizobiales or 

Rhizobium-like sequences were associated with 8/41 of the annual (AF/AS) indicator OTUs and 

with only 2/40 of the perennial (PB) indicator OTUs.  
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4.5 Discussion 

In this study, we collected soils from agroecosystems characterized by contrasting annual 

and perennial cropping systems and agricultural management practices (namely LDM and 

ploughing) to explore relationships between soil microbial communities and agricultural 

management, with the goal of better understanding how changes in these communities may relate 

to observed differences in field-scale N2O fluxes.  We sought to assess whether changes in N-

cycling microbial community gene composition, gene abundances or the presence of specific 

functional gene sequences (indicator OTUs) may relate to differences in observed soil N2O 

emissions over the period studied by Abalos et al. (2015) at the Elora Research Station.  Abalos 

et al. (2015) found significantly lower N2O emissions in the PB field compared to the AF and AS 

fields before plough down in 2013.  Depending on when LDM was applied, Abalos et al. (2015) 

also observed a large variation in the timing of N2O flux events within the two annual fields over 

the study period. 

Due to the complexity and multiplicity of soil conditions that can affect the production 

and consumption of N2O in soils, diverse microbial communities are thought to be functionally 

more efficient, with members occupying slightly different niches (Braker and Conrad, 2011).  

Functionally diverse microbial communities are more likely to contain species that exert a more 

prominent effect on ecosystem functioning (Stone et al., 2015), and changes in C and N turnover 

due to the application of organic amendments such as LDM or from the burying of crop residues 

during ploughing may affect the diversity of soil microbial communities (Ceja-Navarro et al., 

2010)  which govern the rate of C and N mineralization and concomitant GHG release.   
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4.5.1 N-cycling Microbial Communities in Perennial vs. Annual Cropping Systems 

Perennial and annual cropping systems provide varied environmental conditions due to 

differences in annual plant coverage and root exudate chemistry affecting soil temperature, 

nutrient cycling and O2 partial pressure through root respiration and the rhizodeposition of C 

(Hamonts et al., 2013).  Before ploughing occurred in the PB field in 2013, significantly lower 

N2O emissions were observed in the perennial field than in the annual fields.  Perennial grasses 

may result in lower soil NO3-N available for denitrification due to the actual presence of the 

perennial plants during the fall/winter reducing the build-up of soil mineral N and due to better N 

use efficiency by perennials due to their high root density compared to annual crops resulting in 

little available N for denitrification processes (Abalos et al., 2015; Fuller et al., 2010). 

 In 2012, the perennial field supported a larger total soil microbial community size (16S 

rRNA gene copies g
-1

 dry soil) than both annual fields, and larger nirK-denitrifying, nosZ-

denitrifying and crenamoA-nitrifying gene abundances than the AF field.  In some cases it has 

been found that the size of denitrifier community correlated with denitrification process rates 

(Németh et al., 2014; L. Philippot et al., 2009; Snider et al., 2015; Wu et al., 2012), and 

denitrification potential (Attard et al., 2011; Cuhel et al., 2010; Enwall et al., 2010; Hallin et al., 

2009; Morales et al., 2010; Szukics et al., 2010; Throback et al., 2007); while weak links 

between gene abundance and denitrification have also been observed (Dandie et al., 2011; 

Dandie et al., 2008; Enwall et al., 2005; Uchida et al., 2014).  The size of the nosZ-bearing 

community may influence N2O emissions (Cuhel et al., 2010; Morales et al., 2010; Philippot et 

al., 2011), by acting as a N2O sink (Braker and Conrad, 2011; Philippot et al., 2011).  In this 

study, we may have underestimated N2O reduction, as atypical nosZ genes were not assessed 

(Jones et al., 2013).  Abundances of N-cycling genes may act as a qualitative proxy of N2O 
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emission potential of a soil to produce (nirS or nirK) and consume (nosZ) N2O via denitrification 

(Butterbach-Bahl et al., 2013; Hallin et al., 2009; Morales et al., 2010; Petersen et al., 2012; 

Philippot, 2002). 

Additionally, niche differentiation between nirS and nirK-denitrifiers (Hamonts et al., 

2013) and archaeal (crenamoA) and bacterial (amoA) ammonia-oxidizers (Fortuna et al., 2012; 

Tourna et al., 2008)  have been observed, indicating these groups may fill different ecological 

niches based on resource availability and environmental conditions, and respond differently to 

perennial vs. annual land use and management practices (Mao et al., 2011; Shen et al., 2011).  

Similarly, we found distinct crenamoA community compositions between PB and AS field 

treatments at both sampling points (Table 4.3, Figure 4.2). 

The diversity, size and structure of nitrifying and denitrifying communities has been 

shown to be related to differences in N2O emissions, and there is ample evidence that specific 

phylogenetic clusters of nitrifiers and denitrifiers are found under specific environmental 

conditions (Braker and Conrad, 2011).  Previously, Fortuna et al. (2012) found archaeal 

ammonia-oxidizer gene abundance to be on average an order of magnitude lower in abundance 

than bacterial ammonia-oxidizer abundance in soils receiving dairy slurry; here we found higher 

numbers of bacterial nitrifiers than archaeal nitrifiers in the annual fields but similar levels of 

archaeal and bacterial nitrifiers in the perennial field (Figure 4.1).  The richness of both bacterial 

(amoA) and archaeal (crenamoA) nitrifying communities in the perennial plot was higher than in 

the annual plots, and distinct nirK, nirS and nosZ community compositions were observed 

between the two cropping systems, with a higher number of amoA, nirK, nirS and nosZ indicator 

OTUs also observed in the perennial vs. annual systems.    
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Nitrifying community compositions (amoA and crenamoA) showed greater similarity 

between fields and over time than denitrifying community profiles (Figure 4.2); all amoA 

indicator OTUs identified were taxonomically affiliated with Nitrosospira spp. and were higher 

in abundance in the perennial field (Table 4.3, Supplementary Table 4.1).  Identified crenamoA 

indicator OTUs were low in abundance, and crenamoA communities had low diversity, 

suggesting these populations were fairly stable, although changes in community structure over 

time within the AF field were observed, and community compositions were distinct between PB 

and AS plots at both sampling dates (Table 4.3, Figure 4.2).   

Indicator nirS OTUs belonged to a wide array of taxonomic affiliations, but were in 

lower relative abundance than nirK indicator OTUs, with a larger number of representatives 

identified as Pseudomonas spp. in the PB and AS fields in 2012.  Conversely, nirK indicator 

OTUs showed differentiation between annual and perennial systems and were largely associated 

with Bradyrhizobium spp. in the perennial plot and with Rhizobium spp. in the annual plots, with 

distinct nirK community compositions observed between fields and years.  The perennial system 

may have provided distinct microhabitats for soil microbes, supporting differently structured 

nirK communities containing specific nirK sequences (OTUs) that might relate to lower N2O 

production and higher N2O consumption than those found in the annual systems.  Further 

experimentation is needed to investigate this hypothesis. 

4.5.2 N-cycling Microbial Communities under Spring and Fall LDM Application in Annual 

Cropping Systems 

In order to create best management practice (BMP) recommendations on LDM 

application timing, soils were sampled from both spring-applied and fall-applied annual fields.  

Climatic conditions leading up to the two sampling dates varied greatly between years, which 
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combined with differences in nutrient and H2O availability and soil temperature due to LDM 

application timing likely contributed to differences in N-cycling community structures observed 

between the two fields over time (Figure 4.2).  Organic amendments, such as LDM provide C 

and H2O for denitrification, and organic N and NH4-N, which can be nitrified to NO3-N 

(VanderZaag et al., 2011); mineralization of organic N is related to the C:N of manure, which is 

often low, stimulating N mineralization.  It has been suggested that the long-term structure of 

denitrifier communities is affected by distal controls (C availability, moisture, temperature etc.) 

(Wallenstein et al., 2006), and with LDM being a source of C and N, the amount of 

denitrification and associated N2O emissions can vary largely with manure application rate and 

type, often increasing denitrifier community sizes (Miller et al., 2009).  The addition of organic 

amendments favours the growth and shift of soil microbial communities, while often increasing 

the diversity of these communities (Chakraborty et al., 2011), and long-term organic 

amendments can have a lasting effect on soil microbial communities (Ceja-Navarro et al., 2010).  

While repeated LDM application increased the size of the total microbial community 

regardless of application timing, N-cycling community sizes changed or remained stable 

differently depending on LDM application timing.  In the AF field, amoA and nirK gene 

abundances increased and nosZ abundances decreased over the sampling period, while all N-

cycling abundances remained stable over time in the AS field.  Conversely, Miller et al. (2009) 

found an increase in nosZ copy numbers after amendment with liquid dairy and swine manures.  

However, presently higher nosZ diversity was observed in the AS field than in the AF field in 

2012, and the number of nirS, nirK, and nosZ indicator OTUs decreased in the AS field from 

2012 to 2014, while nirK indicator OTUs increased in the AF plot between sampling dates, 

which corresponded to higher N2O emissions in the AF plot in 2014 (Abalos et al., 2015).  This 
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indicates that the abundance of N2O-reducing soil communities (nosZ gene copies) and specific 

nirK indicator OTUs may be most important with respect to the production and consumption of 

N2O in these soils.  

The timing of manure application has been shown to affect seasonal N2O emissions  

(Bhandral et al., 2008), and differences in seasonal climatic conditions also play a role.  Previous 

studies using DNA-based clone library analysis have detected clones related to the nirS of 

Burkholderiales and the nirK of Rhizobiales in rice paddy soils with high denitrification activity 

(Maeda et al., 2010; Yoshida et al., 2009); presently a large number of nirS and nirK indicator 

OTUs were identified, with a higher relative abundance of indicator nirS OTUs measured in the 

AS field in 2012 and a higher relative abundance of indicator nirK OTUs measured in the AF 

field in 2014 when field N2O fluxes were correspondingly high; these indicator OTUs were 

likely driving differences in community structure (Figure 4.2) and were affiliated with nirS and 

nirK sequences from nitrogen-fixing diazotroph  Rhizobiales,  such as Rhodopseudomonas spp., 

Bradyrhizobium spp., Rhizobium spp. and Sinorhizobium spp., as well as members of the 

Alcaligenaceae family and Pseudomonas genera (Supplementary Table 4.1).  In the AS field in 

2012 when N2O fluxes were high, nosZ indicator OTUs affiliated with Rhodobacter spp., 

Rhodospeudomonas spp., Herbaspirilium spp. and Achromobacter spp. and nosZ sequences were 

in relatively high abundance, indicating that these genera may contribute less than other 

community members to N2O reduction in the soil. However, from our DNA-based analysis it is 

unclear what genera may have been actively contributing to differences in N2O fluxes between 

field treatments over time.                                                                                                                                                
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4.5.3 N-cycling Microbial Communities as affected by Ploughing in a Perennial Cropping 

System 

Ploughing and tillage introduce labile C and N from aboveground plant material, aerating soil 

by burying crop residues and creating a less variable soil habitat for soil microbes (VanderZaag 

et al., 2011).  Reduced tillage or no-till improves soil structure, increases microbial biomass, and 

may influence N2O emissions due to slower gas diffusion rates in reduced or no-till systems, 

creating conditions conducive to denitrification  (Alvear et al., 2005; Ma et al., 2008; Mutegi et 

al., 2010).  However, other studies have found no differences in N2O from soils in tilled vs. no-

till systems  (Drury et al., 2006) while others have reported larger N2O emissions in no-till than 

in tilled systems (Baggs et al., 2003; Ball et al., 2008).  

After plough down in 2013 in the PB field, when increased N2O emissions were observed 

(Abalos et al., 2015), denitrifying richness and diversity decreased while nitrifying richness and 

diversity was not significantly affected.  Other ecological studies have found increased denitrifier 

community richness from long-term cultivation (100+ years) compared to uncultivated soils due 

to an increase in soil habitat homogeneity, and due to the redistribution of organic C and N and 

increased aeration stimulating heterotrophic activity (Bruns et al., 1999; Stres et al., 2004).  

Although the abundance of bacterial nitrifiers (amoA) did not decrease post-plough, the 

numbers of amoA, nirS, nirK and nosZ indicator OTUs at maximal abundance post-plough 

decreased, as did total nosZ gene abundance which corresponded to an increase in annual N2O 

emissions in this field (Abalos et al. 2015).  Additionally, amoA, nirK and nosZ community 

compositions changed significantly from pre- to post-plough sampling (Table 4.3, Figure 4.2).  

These data imply that specific nitrifying and denitrifying genes may be responsible for the 

majority of N2O production and consumption in these systems, and that the abundance of 
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specific nosZ variants, such as sequences with similarity to Azospirillum spp. nosZ genes 

(Supplementary Table 4.1; e.g. nosZ95- KT210829, nosZ178-KT210849), may be largely 

responsible for N2O consumption in these soils.  

4.6 Conclusions 

Distinct N-cycling communities were associated with perennial vs. annual land use and 

with the timing of LDM application in annual systems.  After ploughing in the perennial field, 

we observed that some of these communities became more similar in composition to those found 

in the annual fields.  A significant decrease in nosZ gene abundance and a decrease in specific 

nosZ variants in the perennial field were also observed, which was associated with an increase in 

soil N2O emissions.  Results obtained indicate that agricultural management (crop choice, LDM 

application timing and ploughing) affects different N-cycling gene communities in varying ways, 

and may select for different dominant taxa that fill specific ecological niches (Stone et al., 2015).  

Further research is required to better assess what agricultural practices may be best suited to 

decrease N2O emissions based on climate and soil type, and to investigate linkages between N-

cycling gene community structure and field-scale N2O emissions. 
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Table 4.1 Results of multi-response permutation procedure (MRPP) analyses for amoA, crenamoA, nirK, nirS and nosZ communities 

(refer to Figure 4.2 for NMS ordinations).  Comparisons were made between 2012 and 2014 sampling dates within all field treatments 

(PB=Perennial LDM broadcast in spring; AF= Annual, LDM broadcast in fall, and AS =Annual, LDM broadcast in spring), between 

annual (AF, AS) plots within each year and between PB and AS (both spring-applied LDM) in both years.  T=test statistic, more 

negative= more separation between communities; NS = not significant at p<0.05. 

Comparison amoA crenamoA nirK nirS nosZ 

 T  p  T  p  T p T p T p 

PB-2012 vs. 

PB-2014 

-2.566 <0.05 -1.291 NS -2.922 <0.05 -2.884 <0.05 -2.850 <0.05 

AF-2012 vs. 

AF-2014 

-1.388 NS -2.754 <0.05 -2.901 <0.05 -2.415 <0.05 -1.530 NS 

AS-2012 vs. 

AS-2014 

-1.734 NS 0.549 NS -2.885 <0.05 -2.808 <0.05 -2.182 <0.05 

PB-2012 vs. 

AS-2012 

-1.501 NS -2.729 <0.05 -2.953 <0.05 -2.876 <0.05 -2.811 <0.05 

PB-2014 vs. 

AS-2014 

-2.578 <0.05 -2.382 <0.05 -2.856 <0.05 -1.782 NS -2.662 <0.05 

AF-2012 vs. 

AS-2012 

-1.502 NS -0.679 NS -2.864 <0.05 -2.903 <0.05 -2.192 <0.05 

AF-2014 vs. 

AS-2014 

-1.658 <0.05 0.118 NS -2.733 <0.05 -0.931 NS -0.649 NS 
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Table 4.2 Average richness (R), Simpson’s diversity (D’) and phylogenetic diversity (PD) of protein-encoding genes involved in 

nitrification and denitrification (n=3 transects) in perennial (PB, spring-applied liquid dairy manure (LDM)), and annual (AF=fall-

applied LDM, AS=spring-applied LDM) plots.  Lowercase letters following data in rows indicates significant differences (ANOVA, 

Tukey’s test, p < 0.05). 

 amoA crenamoA nirK nirS nosZ 

 R D’ PD R D’ PD R D’ PD R D’ PD R D’ PD 

2012                

PB 10 a 0.878 a 0.886 a 7 a 0.829 a 0.807 a 145 a 0.992 a 17.7 a 110 a 0.989 a 14.1 a 52 a 0.978 a 7.16 a 

AF 8.7 b 0.869 a 0.789 b 8 b 0.861 b 0.901 b 130 ab 0.991 ab 15.9 ab 93 ab 0.988 ab 12.3 ab 46 ab 0.975 bc 6.99 a 

AS 9.7 ab 0.881 a 0.860 ab 8 b 0.855 b 0.901 b 147 ab 0.992 a 17.9 a 103 ab 0.988 ab 13.5 ab 50 a 0.977 a 6.74 ab 

2014                

PB 9 ab 0.874 a 0.812 ab 6.7 a 0.814 a 0.782 a 115 b 0.990 b 14.0 b 84 b 0.986 b 11.0 b 44 b 0.974 cd 5.72 b 

AF 9.3 ab 0.877 a 0.833 ab 8 b 0.849 b 0.901 b 143 ab 0.992 a 17.4 a 93 ab 0.988 ab 12.1 ab 45 ab 0.976 bc 6.06 ab 

AS 9 ab 0.875 a 0.812 ab 8 b 0.855 b 0.901 b 131 a 0.991 ab 15.9 ab 87 ab 0.987 ab 11.4 ab 46 b 0.976 bd 6.05 ab 
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Table 4.3 Treatments associated with nirK, nirS and nosZ indicator OTUs*, with bacterial genera associated with field treatments as 

identified by BLASTx analysis of indicator OTU centroid sequences.  (AF= annual plot, liquid dairy manure (LDM) applied in fall; 

AS=annual plot, LDM applied in spring; PB = perennial plot, LDM applied in spring). 

Year Treatment Bacterial genera 

2012 AF Paracoccus, Alcaligenes, Chelatovorans, Azospira, Ideonella 

 AS Starkeya, Hahella 

 PB Nitrosospira, Pseudoxanthomonas, Pusillimonas, 

Agrobacterium, Ralstonia, Cupriavidus, Vogesella, 

Alicycliphilus, Acidovorax, Zoogloea, Thiobacillus, 

Comamonas, Methylobacterium 

2014 AF Paracoccus, Alcaligenes, Hyphomicrobium, Sulfuritalea  

 AS Agromonas, Ochrobactrum 

 PB Azospirillum, Simplicispira, Nitrosospira 

*A full list of genera associated with specific indicator OTUs is given in Supplementary Table 4.1.
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Figure 4.1 Abundances (DNA gene copies g
-1

 dry soil) of nitrifier, denitrifier, and total bacterial communities in PB (Perennial, liquid 

dairy manure (LDM) broadcast in spring), AF (Annual, LDM broadcast in fall) and AS (Annual, LDM broadcast in spring) fields. 

Abundances were evaluated by quantifying the respective genes of total 16S bacterial communities, bacterial ammonia 

monooxygenase (amoA), archaeal ammonia monooxygenase (crenamoA), nitrite reductases (nirS and nirK), nitrous oxide reductase 

(nosZ); all symbols are mean values with n=6. Note the vertical axes of the panel showing 16S data has a different scale. Letters 

indicate significant differences over time in both fields at p<0.05.  
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Figure 4.2 Nonmetric Multidimensional Scaling (NMS) ordinations for amoA, crenamoA, nirK, 

nirS and nosZ OTU communities.  Circle symbols represent 2012 samples and square symbols 

represent 2014 samples.  Black symbols represent PB (Perennial, liquid dairy manure (LDM) 

broadcast in spring) samples, white symbols represent AF (Annual, LDM broadcast in fall) 

samples and grey symbols represent AS (Annual, LDM broadcast in spring) samples.  S=stress; 

significant (p<0.05) T value ranges for multi-response permutation procedure (MRPP) analyses 

contrasting fields and sampling dates within each field for each community are reported in Table 

4.1.  
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Supplementary Table 4.1 Indicator OTUs of maximal (highest) abundance associated with each field with top BLAST matches.  

 

OTU Accession 

Top BLASTx  match  

(IDs only) % ID 

Top BLASTx 

accession E value 

Indicator species 

(field-year) max 

amoA_2 KT210467 Nitrosospira 92% AY123822.1 
3.00E-174 PB-2012 

amoA_5 KT210470 Nitrosospira 92% AY123827.1 
1.00E-178 PB-2014 

amoA_7 KT210472 Nitrosospira 96% AY123839.1 
0 PB-2012 

amoA_8 KT210473 Nitrosospira 96% AY123828.1 
0 AS-2012 

amoA_11 KT210476 Nitrosospira 99% AF327917.1 
0 PB-2012 

       cren_6 KT210482 Nitrososphaera  92% CP002408.1 
4.00E-101 AF-2012 

       nirK_12 KT210559 Achromobacter 80% HM060298.1 
8.00E-71 PB-2014 

nirK_14 KT210561 Rhodopseudomonas  85% CP000463.1 
3.00E-115 PB-2012 

nirK_15 KT210562 Alcaligenes 83% EF202174.1 
4.00E-24 PB-2014 

nirK_17 KT210564 Achromobacter 78% CP002287.1 
1.00E-28 PB-2014 

nirK_18 KT210485 Bradyrhizobium 83% CU234118.1 
4.00E-44 PB-2014 

nirK_22 KT210567 Paracoccus 82% AM230886.1 
3.00E-50 AF-2014 

nirK_25 KT210569 Mesorhizobium  85% AB480470.1 
2.00E-112 PB-2014 

nirK_28 KT210489 Bradyrhizobium 83% AB480476.1 
2.00E-31 AF-2014 

nirK_29 KT210490 Paraccocus 90% AM230857.1 
9.00E-155 PB-2012 

nirK_31 KT210491 Bradyrhizobium 85% FN600571.1 
7.00E-121 PB-2012 

nirK_32 KT210572 Mesorhizobium 80% AY078254.1 
2.00E-81 AS-2014 

nirK_33 KT210492 Nitrosospira 91% DQ846875.1 
9.00E-95 PB-2012 

nirK_36 KT210575 Chelatococcus 80% CP012399.1 
2.00E-86 AS-2012 

nirK_38 KT210493 Nitrosospira 90% AB480454.1 
2.00E-111 PB-2012 

https://www.ncbi.nlm.nih.gov/nucleotide/24474378?report=genbank&log$=nucltop&blast_rank=1&RID=ZKWK9TB101R
https://www.ncbi.nlm.nih.gov/nucleotide/24474388?report=genbank&log$=nucltop&blast_rank=1&RID=ZKWK9TB101R
https://www.ncbi.nlm.nih.gov/nucleotide/24474411?report=genbank&log$=nucltop&blast_rank=1&RID=ZKWK9TB101R
https://www.ncbi.nlm.nih.gov/nucleotide/24474390?report=genbank&log$=nucltop&blast_rank=1&RID=ZKWK9TB101R
https://www.ncbi.nlm.nih.gov/nucleotide/19310205?report=genbank&log$=nucltop&blast_rank=1&RID=ZKWK9TB101R
https://www.ncbi.nlm.nih.gov/nucleotide/408363220?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZAWHXS01R
https://www.ncbi.nlm.nih.gov/nucleotide/301507112?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/115515977?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/124696116?report=genbank&log$=nucltop&blast_rank=16&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/310757913?report=genbank&log$=nucltop&blast_rank=12&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/146189981?report=genbank&log$=nucltop&blast_rank=5&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/97954773?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/255519366?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/255519378?report=genbank&log$=nucltop&blast_rank=46&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/97954634?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/295808412?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/19072874?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/115343223?report=genbank&log$=nucltop&blast_rank=7&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/919436391?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/255519334?report=genbank&log$=nucltop&blast_rank=18&RID=ZKZM5DGT015
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nirK_39 KT210577 Paracoccus 81% AY345243.1 
4.00E-29 PB-2014 

nirK_40 KT210494 Rhodopseudomonas 82% CP001096.1 
5.00E-58 AS-2012 

nirK_42 KT210495 Bradyrhizobium 82% AB480478.1 
2.00E-36 PB-2014 

nirK_45 KT210498 Azospirillum 82% AB508916.1 
2.00E-51 PB-2014 

nirK_48 KT210499 Agromonas  82% HQ529691.1 
1.00E-23 AS-2014 

nirK_49 KT210500 Nitrosospira 83% DQ846876.1 
3.00E-35 PB-2014 

nirK_51 KT210502 Rhodopseudomonas 82% EF363546.1 
2.00E-81 AS-2014 

nirK_52 KT210581 Paracoccus  100% AY345243.1 
4.00E-123 AF-2012 

nirK_54 KT210582 Bradyrhizobium 86% AB480478.1 
1.00E-34 AS-2012 

nirK_61 KT210588 Bradyrhizobium 83% AB480442.1 
6.00E-37 PB-2012 

nirK_64 KT210590 Bosea 88% AB480451.1 
5.00E-28 PB-2014 

nirK_66 KT210506 Bradyrhizobium 83% FN600568.1 
2.00E-107 PB-2012 

nirK_68 KT210592 Rhizobium 81% AB480479.1 
8.00E-46 AF-2014 

nirK_69 KT210593 Uncultured Bacterium Clone 84% KJ967634.1 
2.00E-112 AS-2012 

nirK_70 KT210594 Rhizobium 83% DQ096645.1 
1.00E-103 AF-2014 

nirK_71 KT210595 Uncultured Bacterium Clone 88% KM031811.1 
3.00E-139 AF-2014 

nirK_72 KT210508 Pseudomonas  85% AB206978.1 
6.00E-32 AF-2012 

nirK_73 KT210509 Rhizobium 81% JQ319503.1 
4.00E-93 AS-2012 

nirK_76 KT210597 Pseudomonas  83% AM230853.1 
7.00E-106 AF-2014 

nirK_79 KT210511 Alcaligenes 79% EF202174.1 
2.00E-36 PB-2014 

nirK_82 KT210512 Rhizobium 79% FO082820.1 
2.00E-76 AF-2014 

nirK_86 KT210603 Bradyrhizobium 76% FN600568.1 
3.00E-25 AF-2014 

nirK_87 KT210604 Mesorhizobium 82% AB480470.1 
2.00E-87 AF-2012 

nirK_94 KT210607 Rhodopseudomonas 77% CP000463.1 
3.00E-50 AF-2014 

nirK_95 KT210519 Chelatococcus  84% JX394217.1 
9.00E-100 AF-2012 

nirK_96 KT210608 Rhizobiales 79% EF363543.1 
8.00E-71 AF-2014 

nirK_97 KT210609 Rhizobium 82% JQ319503.1 
7.00E-86 AF-2014 

nirK_98 KT210610 Ochrobactrum  74% AM230839.1 
6.00E-17 AS-2014 

nirK_99 KT210611 Rhizobium 84% AB480479.1 
6.00E-57 AF-2014 

nirK_100 KT210612 Achromobacter  77% HE798385.1 
3.00E-55 AF-2014 

nirK_103 KT210613 Alcaligenes 76% EF202175.1 
4.00E-44 AF-2014 

https://www.ncbi.nlm.nih.gov/nucleotide/38146653?report=genbank&log$=nucltop&blast_rank=49&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/192282182?report=genbank&log$=nucltop&blast_rank=2&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/255519382?report=genbank&log$=nucltop&blast_rank=5&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/244538799?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/313586386?report=genbank&log$=nucltop&blast_rank=10&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/115343225?report=genbank&log$=nucltop&blast_rank=13&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/148283977?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/38146653?report=genbank&log$=nucltop&blast_rank=18&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/255519382?report=genbank&log$=nucltop&blast_rank=11&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/255519310?report=genbank&log$=nucltop&blast_rank=46&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/255519328?report=genbank&log$=nucltop&blast_rank=59&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/295808406?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/255519384?report=genbank&log$=nucltop&blast_rank=5&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/685508854?report=genbank&log$=nucltop&blast_rank=1&RID=ZNHSBK11015
https://www.ncbi.nlm.nih.gov/nucleotide/70672254?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/751424775?report=genbank&log$=nucltop&blast_rank=1&RID=ZNHSBK11015
https://www.ncbi.nlm.nih.gov/nucleotide/75755523?report=genbank&log$=nucltop&blast_rank=9&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/384370381?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/97954616?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/124696116?report=genbank&log$=nucltop&blast_rank=5&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/430001947?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/295808406?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/255519366?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/115515977?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/406363906?report=genbank&log$=nucltop&blast_rank=3&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/148283971?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/384370381?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/97954549?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/255519384?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/507098404?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/124696143?report=genbank&log$=nucltop&blast_rank=2&RID=ZKZM5DGT015
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nirK_105 KT210522 Rhodopseudomonas 78% EF363546.1 
1.00E-54 PB-2014 

nirK_106 KT210523 Sinorhizobium 82% FN555528.1 
2.00E-87 AF-2014 

nirK_107 KT210615 Hyphomicrobium 77% JF274969.1 
3.00E-35 AF-2014 

nirK_111 KT210527 Bradyrhizobium 78% AP014685.1 
8.00E-61 PB-2014 

nirK_112 KT210616 Rhizobium 99% AM230814.1 
0 AS-2012 

nirK_115 KT210617 Uncultured Bacterium Clone 86% DQ304305.1 
9.00E-130 PB-2014 

nirK_116 KT210618 Bradyrhizobiaceae 97% AB480444.1 
6.00E-07 AF-2014 

nirK_119 KT210716 Achromobacter 85% DQ518198.1 
6.00E-107 PB-2012 

nirK_121 KT210532 Uncultured Bacterium Clone 100% KM031878.1 
0 AF-2014 

nirK_127 KT210624 Chelativorans 86% CP000389.1 
3.00E-124 AF-2012 

nirK_133 KT210630 Rhizobium 100% AM230832.1 
0 PB-2012 

nirK_134 KT210631 Nitrosospira 83% DQ846877.1 
6.00E-52 PB-2014 

nirK_135 KT210535 Alcaligenes  81% EF202174.1 
2.00E-52 PB-2012 

nirK_136 KT210536 Bradyrhizobiaceae  91% AB480444.1 
2.00E-121 PB-2012 

nirK_138 KT210633 Bosea 81% EF363545.1 
1.00E-74 AS-2012 

nirK_147 KT210539 Bosea 86% AB480480.1 
2.00E-47 PB-2012 

nirK_148 KT210640 Bradyrhizobiaceae  89% AB480444.1 
1.00E-13 PB-2012 

nirK_151 KT210642 Hyphomicrobium 78% CP006912.1 
6.00E-62 PB-2014 

nirK_152 KT210541 Starkeya 81% CP002026.1 
2.00E-47 AS-2012 

nirK_153 KT210643 Achromobacter 83% DQ518205.1 
4.00E-59 AF-2014 

nirK_154 KT210542 Sinorhizobium  83% CP003563.1 
7.00E-96 AS-2012 

nirK_155 KT210644 Rhizobiaceae  82% AB480462.1 
4.00E-49 PB-2012 

nirK_157 KT210645 Achromobacter 77% DQ518198.1 
8.00E-31 AF-2014 

nirK_158 KT210646 Paracoccus  82% AY345243.1 
2.00E-32 PB-2014 

nirK_160 KT210647 Bradyrhizobium 82% AB480432.1 
1.00E-24 AF-2014 

nirK_168 KT210652 Mesorhizobium  89% AY078254.1 
4.00E-153 PB-2012 

nirK_170 KT210548 Pseudoxanthomonas 87% CP011144.1 
2.00E-07 PB-2012 

nirK_172 KT210550 Pseudomonas  90% CP003725.1 
7.00E-156 PB-2012 

nirK_175 KT210552 Sinorhizobium 79% FN555528.1 
2.00E-72 PB-2012 

nirK_180 KT210555 Pusillimonas 84% FN555530.1 
4.00E-113 PB-2012 

nirK_184 KT210658 Mesorhizobium 90% CP002448.1 
7.00E-156 PB-2014 

https://www.ncbi.nlm.nih.gov/nucleotide/148283977?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/290770471?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/332377422?report=genbank&log$=nucltop&blast_rank=2&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/806922190?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/97954434?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/83316879?report=genbank&log$=nucltop&blast_rank=1&RID=ZNHSBK11015
https://www.ncbi.nlm.nih.gov/nucleotide/255519314?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/99079203?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/751424842?report=genbank&log$=nucltop&blast_rank=1&RID=ZNHSBK11015
https://www.ncbi.nlm.nih.gov/nucleotide/110283028?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/97954520?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/115343227?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/124696116?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/255519314?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/148283975?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/255519386?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/255519314?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/563343116?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/296926528?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/99079217?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/390125223?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/255519350?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/99079203?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/38146653?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/255519290?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/19072874?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/807383831?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/395806679?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/290770471?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/290770475?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/317171508?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
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nirK_185 KT210659 Pseudomonas  83% AM230853.1 
2.00E-42 AS-2012 

nirK_189 KT210663 Agrobacterium  90% AB508917.1 
1.00E-137 PB-2012 

nirK_192 KT210666 Pseudomonas  85% AY078255.1 
7.00E-111 PB-2012 

nirK_195 KT210669 Mesorhizobium  78% AY078254.1 
2.00E-46 PB-2012 

nirK_197 KT210671 Pseudomonas  83% HQ288918.1 
4.00E-34 AF-2012 

       

nirS_9 KT210675 

Uncultured denitrifying 

bacterium clone 
79% KJ498567.1 

1.00E-04 
PB-2012 

nirS_15 KT210677 Gamma proteobacterium 98% AB118896.1 
0 PB-2012 

nirS_17 KT210747 Bacterium NirSIsoEc 92% AB809023.1 
3.00E-134 PB-2014 

nirS_21 KT210680 Pseudomonas  89% CP003725.1 
2.00E-130 PB-2012 

nirS_22 KT210681 Thauera 99% AY078266.1 
0 PB-2012 

nirS_28 KT210749 Simplicispira 82% AM269907.1 
3.00E-79 PB-2014 

nirS_32 KT210751 Dechloromonas  82% AM230919.1 
4.00E-88 AF-2014 

nirS_44 KT210755 Bradyrhizobium 80% AP012603.1 
2.00E-71 AF-2012 

nirS_51 KT210761 Paracoccus 85% AJ401462.1 
5.00E-102 AF-2014 

nirS_52 KT210762 Rhodanobacter  89% AB480490.1 
4.00E-123 PB-2012 

nirS_53 KT210763 Uncultured bacterium clone  99% KM031997.1 
0 AS-2014 

nirS_58 KT210768 Alpha proteobacterium 84% JX827176.1 
7.00E-81 AF-2014 

nirS_59 KT210693 Bacterium NirSIsoEc 75% AB809017.1 
3.00E-30 PB-2012 

nirS_65 KT210772 Dechloromonas  83% AB696885.1 
1.00E-63 AS-2014 

nirS_71 KT210696 Ralstonia  82% AB696889.1 
2.00E-65 PB-2012 

nirS_77 KT210698 Azospira 80% AB937703.1 
4.00E-68 AF-2012 

nirS_78 KT210781 Thauera  85% GU566032.1 
1.00E-68 AS-2014 

nirS_79 KT210782 Sulfuritalea 88% AP012547.1 
2.00E-116 AF-2014 

nirS_80 KT210699 Cupriavidus  82% AB937702.1 
8.00E-80 PB-2012 

nirS_85 KT210701 Ideonella 84% AB937701.1 
9.00E-60 AF-2012 

nirS_89 KT210788 Uncultured bacterium clone  88% KM032115.1 
7.00E-116 AS-2012 

nirS_92 KT210705 Bacterium 81% DQ106864.1 2.00E-75 PB-2012 

nirS_93 KT210706 Rhodocyclales 81% AB696890.1 2.00E-71 PB-2014 

nirS_97 KT210708 Azoarcus 81% AY078272.1 
1.00E-62 AF-2012 

https://www.ncbi.nlm.nih.gov/nucleotide/97954616?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/244538801?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/19072876?report=genbank&log$=nucltop&blast_rank=2&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/19072874?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/347365550?report=genbank&log$=nucltop&blast_rank=1&RID=ZKZM5DGT015
https://www.ncbi.nlm.nih.gov/nucleotide/631797385?report=genbank&log$=nucltop&blast_rank=1&RID=ZNJWCX01014
https://www.ncbi.nlm.nih.gov/nucleotide/46917311?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/806638068?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/395806679?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/19548122?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/109254821?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/87239787?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/456351576?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/9843806?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/255519406?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/751424636?report=genbank&log$=nucltop&blast_rank=1&RID=ZNJWCX01014
https://www.ncbi.nlm.nih.gov/nucleotide/418434260?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/806638056?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/374857943?report=genbank&log$=nucltop&blast_rank=3&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/374857951?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/645909838?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/290784302?report=genbank&log$=nucltop&blast_rank=2&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/572099409?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/645909836?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/645909834?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/751424754?report=genbank&log$=nucltop&blast_rank=1&RID=ZNJWCX01014
https://www.ncbi.nlm.nih.gov/nucleotide/75265435?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/374857953?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/19548134?report=genbank&log$=nucltop&blast_rank=3&RID=ZNBN7CAT014
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nirS_104 KT210795 Bacterium NirSIsoEc 80% AB809023.1 
5.00E-32 AS-2012 

nirS_110 KT210799 Vogesella 80% JQ582710.1 
4.00E-53 PB-2012 

nirS_111 KT210800 Pseudomonas 77% CP007511.1 
2.00E-41 AS-2012 

nirS_114 KT210713 Azoarcus  82% AY078272.1 
1.00E-67 AS-2012 

nirS_121 KT210717 Alicycliphilus  85% AM230896.1 
1.00E-98 PB-2012 

nirS_123 KT210718 Bacterium ZQF9 87% GU563988.1 
2.00E-115 PB-2012 

nirS_125 KT210806 Rhodocyclales  80% AB696890.1 
4.00E-68 PB-2012 

nirS_128 KT210721 Bacterium CYCU-0207 81% DQ232371.1 
4.00E-73 PB-2012 

nirS_130 KT210722 Pseudomonas 80% JQ945738.1 
3.00E-69 PB-2012 

nirS_132 KT210724 Acidovorax 83% KC344778.1 
2.00E-75 PB-2012 

nirS_133 KT210725 Ideonella  84% AB696886.1 
1.00E-87 PB-2012 

nirS_134 KT210726 Pseudomonas  85% AM230906.1 
2.00E-11 PB-2012 

nirS_135 KT210727 Acidovorax 97% AM230905.1 
3.00E-174 PB-2012 

nirS_136 KT210728 Zoogloea 81% AB937708.1 
7.00E-56 PB-2012 

nirS_137 KT210729 Thiobacillus  98% CP000116.1 
2.00E-180 PB-2012 

nirS_139 KT210731 Comamonas 85% FN555565.1 
8.00E-100 PB-2012 

nirS_143 KT210733 Acidovorax  87% JQ582709.1 
4.00E-103 PB-2012 

nirS_148 KT210737 Alicycliphilus 80% CP002657.1 
1.00E-67 PB-2012 

nirS_149 KT210738 Bacterium CYCU-0207  84% DQ232371.1 
8.00E-95 AS-2012 

nirS_153 KT210740 Pseudomonas  91% CP002881.1 
1.00E-138 PB-2012 

nirS_154 KT210741 Pseudomonas  84% DQ088665.1 
4.00E-93 PB-2012 

nirS_157 KT210743 Pseudomonas  75% AP014655.1 
2.00E-36 AS-2012 

nirS_161 KT210744 Pseudomonas  79% CP007511.1 
2.00E-60 AS-2012 

nirS_163 KT210819 Hahella 79% CP000155.1 
5.00E-42 AS-2012 

nirS_166 KT210821 Pseudomonas  86% AP014655.1 
1.00E-102 AS-2012 

nirS_172 KT210824 Burkholderiaceae 80% AB480487.1 
9.00E-50 AS-2012 

       nosZ_92 KT210828 Alicycliphilus 87% CP002449.1 
2.00E-79 PB-2012 

nosZ_95 KT210829 Azospirillum  89% AB545691.1 
1.00E-87 PB-2014 

nosZ_98 KT210830 Pseudomonas  95% CP007410.1 
3.00E-117 AF-2014 

nosZ_113 KT210837 Uncultured bacterium clone  85% KC822305.1 
8.00E-54 PB-2014 

https://www.ncbi.nlm.nih.gov/nucleotide/806638068?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/386784462?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/747149133?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/19548134?report=genbank&log$=nucltop&blast_rank=2&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/87239743?report=genbank&log$=nucltop&blast_rank=2&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/293338410?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/374857953?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/90569429?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/394309545?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/459650399?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/374857945?report=genbank&log$=nucltop&blast_rank=2&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/87239763?report=genbank&log$=nucltop&blast_rank=2&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/87239761?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/645909848?report=genbank&log$=nucltop&blast_rank=2&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/74055513?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/290770545?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/386784460?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/329308025?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/90569429?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/338799449?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/68349020?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/699964714?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/747149133?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/83630956?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/699964714?report=genbank&log$=nucltop&blast_rank=1&RID=ZNBN7CAT014
https://www.ncbi.nlm.nih.gov/nucleotide/255519400?report=genbank&log$=nucltop&blast_rank=1&RID=ZNGSADXG014
https://www.ncbi.nlm.nih.gov/nucleotide/317115299?report=genbank&log$=nucltop&blast_rank=1&RID=ZNGW5TDJ01R
https://www.ncbi.nlm.nih.gov/nucleotide/300669513?report=genbank&log$=nucltop&blast_rank=2&RID=ZNGW5TDJ01R
https://www.ncbi.nlm.nih.gov/nucleotide/591390487?report=genbank&log$=nucltop&blast_rank=1&RID=ZNGW5TDJ01R
https://www.ncbi.nlm.nih.gov/nucleotide/552098915?report=genbank&log$=nucltop&blast_rank=6&RID=ZNK2U9Y101R
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nosZ_132 KT210840 Paracoccus 82% KP881608.1 
8.00E-54 PB-2012 

nosZ_140 KT210841 Uncultured bacterium clone  99% KM032136.1 
4.00E-141 AS-2012 

nosZ_164 KT210845 Rhodobacter  85% CP001152.1 
8.00E-69 AS-2012 

nosZ_172 KT210847 Uncultured bacterium clone  88% KM032135.1 
1.00E-87 PB-2014 

nosZ_178 KT210849 Azospirillum 86% AB542277.1 
2.00E-75 PB-2012 

nosZ_242 KT210853 Rhodopseudomonas 91% CP000250.1 
4.00E-101 AS-2012 

nosZ_263 KT210857 Alicycliphilus 87% CP002657.1 
5.00E-76 PB-2012 

nosZ_282 KT210858 Herbaspirillum 84% AB545666.1 
3.00E-58 AS-2012 

nosZ_322 KT210859 Pseudomonas  86% CP007511.1 
1.00E-76 PB-2012 

nosZ_334 KT210860 Mesorhizobium 82% AB480519.1 
8.00E-19 PB-2012 

nosZ_484 KT210866 Mesorhizobium 90% AB480511.1 
5.00E-81 AF-2012 

nosZ_582 KT210871 Methylobacterium 84% CP000943.1 
5.00E-21 PB-2012 

nosZ_773 KT210877 Hyphomicrobium  88% CP002083.1 
8.00E-19 AF-2014 

nosZ_841 KT210879 Achromobacter  86% GQ214400.1 
6.00E-20 AS-2012 

https://www.ncbi.nlm.nih.gov/nucleotide/815860979?report=genbank&log$=nucltop&blast_rank=1&RID=ZNGW5TDJ01R
https://www.ncbi.nlm.nih.gov/nucleotide/692347625?report=genbank&log$=nucltop&blast_rank=1&RID=ZNK2U9Y101R
https://www.ncbi.nlm.nih.gov/nucleotide/221163219?report=genbank&log$=nucltop&blast_rank=1&RID=ZNGW5TDJ01R
https://www.ncbi.nlm.nih.gov/nucleotide/692347623?report=genbank&log$=nucltop&blast_rank=1&RID=ZNK2U9Y101R
https://www.ncbi.nlm.nih.gov/nucleotide/284163052?report=genbank&log$=nucltop&blast_rank=2&RID=ZNGW5TDJ01R
https://www.ncbi.nlm.nih.gov/nucleotide/86570155?report=genbank&log$=nucltop&blast_rank=1&RID=ZNGW5TDJ01R
https://www.ncbi.nlm.nih.gov/nucleotide/329308025?report=genbank&log$=nucltop&blast_rank=1&RID=ZNGW5TDJ01R
https://www.ncbi.nlm.nih.gov/nucleotide/300669463?report=genbank&log$=nucltop&blast_rank=5&RID=ZNGW5TDJ01R
https://www.ncbi.nlm.nih.gov/nucleotide/747149133?report=genbank&log$=nucltop&blast_rank=1&RID=ZNGW5TDJ01R
https://www.ncbi.nlm.nih.gov/nucleotide/255519464?report=genbank&log$=nucltop&blast_rank=2&RID=ZNGW5TDJ01R
https://www.ncbi.nlm.nih.gov/nucleotide/255519448?report=genbank&log$=nucltop&blast_rank=3&RID=ZNGW5TDJ01R
https://www.ncbi.nlm.nih.gov/nucleotide/168192641?report=genbank&log$=nucltop&blast_rank=2&RID=ZNGW5TDJ01R
https://www.ncbi.nlm.nih.gov/nucleotide/299523359?report=genbank&log$=nucltop&blast_rank=6&RID=ZNGW5TDJ01R
https://www.ncbi.nlm.nih.gov/nucleotide/251736940?report=genbank&log$=nucltop&blast_rank=12&RID=ZNGW5TDJ01R
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Supplementary Figure 4.1 Layout of the study site at the Elora Research Station, Ontario, Canada.  
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5.1 Abstract 

The abatement of anthropogenic nitrous oxide (N2O) emissions depends on sound 

management of manure nitrogen (N) and an ability to track and predict manure-derived 

microbial N2O production in soils.  The objective of this study was to investigate the utility of 

applying a novel combination of micrometeorological, stable isotope, and molecular methods to 

determine the short-term dynamics of N2O production processes in soil.  Nitrous oxide emissions 

were continuously monitored in two drought-stressed agricultural fields treated with liquid dairy 

manure applied either in the fall or spring over an N2O emission event triggered by a heavy 

rainfall.  In situ δ
15

N-N2O and δ
18

O-N2O measurements were used in conjunction with 

abundance (DNA) and potential activity (cDNA) measurements of key microbial N cycling gene 

and transcript (mRNA) targets to evaluate if these two techniques provided similar inferences 

about N2O soil processes occurring over the emission event.  Soil gas was sampled at 4 depths 

along a profile from 10–50 cm below the surface and a multi-layer diffusion model was used to 

calculate the vertical N2O fluxes, the change in storage, and the net production of N2O in each 

layer. 

The rainfall event triggered N2O production in both fields at all depths, but the uppermost 

soil layer was the main source of N2O emissions throughout.  Soil concentrations and surface 

emissions of N2O increased rapidly reaching a maximum 4 d following rainfall and were 

accompanied by a significant increase in the abundance of both nitrifier and denitrifier genes and 

total bacterial and archaeal genes and transcripts.  A similar increase in the transcription of 

functional genes was not detected, but relatively high levels of archaeal ammonia 

monooxygenase (crenamoA) and bacterial nitrite reductase (nirS) transcripts were present in both 

fields throughout the study, indicating nitrification and denitrification were occurring 
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concomitantly.  High levels of H2O-NOx oxygen exchange at our study site precluded the use of 

δ
18

O-N2O values to separate different sources.  Prior to the rain, both fields had very small 

amounts of soil ammonium and the stable nitrogen isotope characterization of N2O in the dry soil 

implicated denitrification as the main source of N2O rather than nitrifier-denitrification or 

hydroxylamine oxidation.  Following the rain event, the δ
15

N-N2O values showed a change in 

production process as nitrifier-denitrification became a more dominant N2O source.  By pairing 

stable isotope measurements with molecular analyses we were able to verify that these two 

approaches provide similar inferences about soil N2O production processes during an emission 

event in manure-applied fields.  Although significantly higher N2O flux and N2O accumulation 

in the soil profile were observed for the field receiving manure in the spring, differences in 

isotope signal and molecular analysis between fields were not observed.  To our knowledge this 

is the first time that isotope and molecular techniques have been used to study processes 

resulting in N2O production in manure-amended soils in situ. Whereas stable isotopes were 

useful for directly tracking the pathways of N2O production, molecular analyses revealed the 

status of the N cycling communities before, during and after the emission event.  This 

information helped explain the observed differences in emissions between fields, and it helped to 

support our isotope-based conclusions.    
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5.2 Introduction 

Nitrous oxide (N2O) is an important atmospheric trace gas that contributes to the radiative 

forcing of Earth’s climate.  It is also involved in the catalytic breakdown of ozone (O3) and is the 

largest modern-day threat to the stratospheric O3 layer (Kanter et al., 2013).  The current mixing 

ratio of N2O in the troposphere is 325 ppb and is rising linearly by 0.25% yr
-1

 

(ALE/GAGE/AGAGE database, Prinn et al., 2000).   

Agriculture is the largest anthropogenic source of N2O worldwide; in 2006 the agricultural 

sector contributed 4.1 Tg nitrogen (N) as N2O to the atmosphere, or ca. 60% of all anthropogenic 

emissions (Stocker et al., 2013).  Large fluxes of N2O often occur following the application of 

manure to soil (Gregorich et al., 2005; Thangarajan et al., 2013; VanderZaag et al., 2011).  All 

the world’s animal production systems combined are estimated to emit ca. 1.5–2.8 Tg N2O-N yr
-

1
 (base-year 2000) as a result of storage and application of manure (Davidson, 2009; Oenema et 

al., 2005).  Clearly, manure N and its management has an important role in abating current and 

future anthropogenic N2O emissions, especially considering the global production of livestock is 

expected to double by 2050 (Ilea, 2009).   

Current efforts to reduce N2O emissions from agriculture are focussing on best management 

of manure and fertilizer N, matching the type of N amendment (‘right source’) to the best time of 

application (‘right time’) (Snyder et al., 2009).  The application of liquid dairy manure to soil 

provides large inputs of carbon (C), N and water (H2O), which can act as substrates to increase 

the activity of soil microbial communities.  Organic C provided by manure can stimulate 

heterotrophic denitrifier activity and N2O emissions.  Additionally, denitrification can be 

enhanced because soil respiration rates increase after manure application, which decreases the 
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availability of oxygen and favours the formation of anaerobic ‘hotspots’ (Miller et al., 2009).  

The timing of manure application (e.g. fall vs. spring) strongly influences the availability of 

nutrients and hence the timing of major N2O fluxes throughout the year. 

Soil emissions of N2O are inherently episodic, occurring in short, pulse-like events in 

response to environmental stimuli such as application of fertilizer and manure.  Large N2O 

emissions are also common after rainfall in soils affected by drought or extended dry periods 

(Priemé and Christensen, 2001; Xu and Luo, 2012).  Typically, N2O emissions from agricultural 

soils are characterized by extended periods of near-zero flux conditions (baseline), followed by a 

heightened flux that lasts for several days (e.g., Wagner-Riddle et al., 1997).  Quantifying N2O 

fluxes using manual chamber measurements is often difficult because soil emissions are spatially 

and temporally variable, and sampling strategies that address this variation are highly labour 

intensive.  Micrometeorological techniques that measure N2O emissions from whole fields at 

high frequencies are ideally suited to capture this variability (Wagner-Riddle et al., 1996).  

However, detailed measurements of rainfall-induced N2O emissions that follow manure 

application have not yet been accompanied by a simultaneous characterization of the processes 

that produce N2O in soils (Fig.5.1): where denitrification is the successive reduction of NOx 

compounds to N2O and/or nitrogen gas (N2); nitrifier-denitrification is the sequential oxidation of 

ammonium (NH4
+
) to nitrite (NO2

–
) by nitrifiers, immediately followed by the sequential 

reduction of NO2
–
 to N2O by nitrifying and/or denitrifying organisms (the latter is termed 

'nitrification-coupled denitrification); and hydroxylamine (NH2OH) oxidation is the production 

of N2O by nitrifiers where NH4
+
 is oxidized to N2O via NH2OH. 

Numerous studies have employed isotope tracers to examine N2O production in laboratory 

incubations of soil (e.g., Wrage et al., 2005), but methods that use atom% enriched 
15

N and 
18

O 
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materials are expensive and difficult to apply at the field scale.  The production of soil N2O can 

be traced in situ with stable isotope ratios of N and oxygen (O) compounds at natural abundance 

levels (Baggs, 2008; Stein and Yung, 2003).  The 
15

N fractionation of N2O formed by nitrifier-

denitrification is larger than the 
15

N fractionation of N2O formed by denitrification (Blackmer 

and Bremner, 1977; Mandernack et al., 2009; Mariotti et al., 1982; Sutka et al., 2006; Tilsner et 

al., 2003; Well et al., 2008; Yoshida, 1988).  Recent studies have shown that little 
15

N 

fractionation occurs when N2O is formed by NH2OH oxidation (Heil et al., 2015; Sutka et al., 

2006; Wunderlin et al., 2013).  As a result, when the δ
15

N values of all N endmembers are 

measured and they are within a few per mill of each other (i.e., the δ
15

N values of NH4
+
 are not 

highly enriched), δ
15

N-N2O values may be used to separate N2O formation pathways.   

In contrast, the utility of δ
18

O-N2O measurements to differentiate these N2O production 

pathways remains questionable.  Ammonium-derived N2O (i.e., nitrifier-denitrification and 

NH2OH oxidation; Fig 1) has δ
18

O values between +13‰ and +35‰ (Snider et al., 2012).  

Denitrification δ
18

O-N2O values are often >+35‰, especially if significant N2O reduction occurs 

(Lewicka-Szczebak et al., 2014).  However, O atoms of H2O can exchange with O atoms of 

N2O-precursors during denitrification (Kool et al., 2009; Snider et al., 2013, 2009), and this can 

produce denitrifier-N2O with δ
18

O values that significantly overlap N2O produced by nitrifier-

denitrification and NH2OH oxidation.  This may limit the usefulness of δ
18

O-N2O as a tracer of 

production mechanisms because laboratory measurements of O-exchange have shown that it can 

be highly variable.  The utility of δ
18

O-N2O values to track N2O production processes needs to be 

further evaluated, especially at the field scale.  

Maeda et al. (2013, 2010)  measured natural abundance stable isotopes of N2O from manure 

compost heaps, and several others have studied N2O emissions from soils fertilized with 
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synthetic N (e.g., Koehler et al., 2012; Pérez et al., 2001, 2000), but we are aware of only two 

studies that have used δ
15

N-N2O and δ
18

O-N2O at natural abundance to examine N2O production 

in manure-fertilized soils (Opdyke et al., 2009; Tilsner et al., 2003).  An independent approach to 

study the mechanisms of soil N2O emissions is to use molecular methods, such as quantitative 

polymerase chain reaction (qPCR), to examine nitrifier and denitrifier communities in situ and 

make relative comparisons of gene abundance and potential activity (Braker and Conrad, 2011; 

Hallin et al., 2009; Huang et al., 2014; Maeda et al., 2010; Morales et al., 2010; Németh et al., 

2014; Petersen et al., 2012; Placella and Firestone, 2013; Santoro et al., 2010; Smith et al., 2010).  

There are primers that target many of the key DNA sequences and corresponding mRNA 

transcripts that code for enzymes in the N cycle, including bacterial and archaeal ammonia 

monooxygenases (amoA, crenamoA), and bacterial nitrite reductase (nirS), and nitrous oxide 

reductase (nosZ) (Fig.5.1).  The assessment of functional gene (DNA) and transcript (mRNA 

reverse transcribed to cDNA) abundance in tandem with stable isotope measurements has been 

suggested as a means to improve our understanding of the complex controls and mechanisms that 

produce N2O in soil ecosystems (Butterbach-Bahl et al., 2013).  For example, amoA is used to 

track the abundance and potential activity of nitrifiers, but it cannot provide information about 

the N2O production pathways (nitrifier-denitrification vs. NH2OH oxidation, Fig. 5.1) that is 

potentially gained from isotope measurements.  In addition, simultaneous results provided by 

molecular and isotope methods have not been compared to assess if these methods provide 

complementary or similar information on soil N2O production processes. 

As such, the main objective of this study was to combine micrometeorological, stable 

isotope, and molecular methods to study the in situ production of soil N2O induced by a heavy 

rainfall on drought-stressed agricultural soils.  We assessed whether stable isotope and 
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molecular-based approaches would provide similar inferences about N2O soil processes at the 

field scale, and if the availability of N substrates, as determined by the timing of manure 

application, would affect soil N2O processes as measured by these techniques.  This study was 

part of a long-term investigation into best management practises for the field application of dairy 

manure. 

5.3. Materials and Methods 

5.3.1 Site Description and Overview of Sampling 

The study took place on two adjacent 4-hectare (ha) corn fields located at the Elora Research 

Station (+43° 38' 36", -80° 24' 57", 376 m elevation), Ontario, Canada (Fig. 5.2).  Prior to this 

study (2000–2010) the fields were conventionally tilled and under a corn-soybean-wheat rotation 

as part of a long-term field study on agricultural management practises (Jayasundara et al., 2007; 

Németh et al., 2014; Wagner-Riddle et al., 2007).  Manure was applied to one field on November 

17, 2011, approximately 6 months prior to this study.  Hereafter, this field will be denoted the 

Fall Field.  The Fall Field received 95.8 m
3
 ha

-1
 of liquid dairy manure (129 kg total N ha

-1
, 49% 

NH4
+
-N) and was cultivated with a disc harrow within 24 hours.  Manure was applied to the 

other 4-ha field on April 17, 2012, and is hereafter denoted the Spring Field.  The Spring Field 

received 125.6 m
3
 ha

-1
 of liquid dairy manure (163 kg total N ha

-1
, 52% NH4

+
-N) and was 

subsequently cultivated with a disc harrow.  The dairy manure originated from the same herd of 

cattle in both applications.  Both fields were disc cultivated again on May 10, 2012 and planted 

with corn.   

Micrometeorological instrumentation was installed after planting with corn to measure the 

half-hourly N2O flux from each field.  Measurements reported here were conducted from May 
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20, 2012 to June 15, 2012, which encompassed 12 days of baseline N2O flux followed by a rain-

induced emission event that lasted for 2 weeks.  On May 31, 2012, one day before the rainfall, 

soils were sampled for molecular analyses of soil microbial communities, and N2O samples were 

taken within the subsurface (concentrations at depth).  On June 2, 2012 after most of the rain had 

fallen, soils were sampled for molecular analyses and N2O at depth.  On June 3, 2012 manual 

measurements of the N2O flux were obtained using soil gas chambers.  On June 4, 2012 soils 

were sampled for N2O at depth.  A final sampling for molecular analyses occurred on June 8, 

2012.  All measurements described above occurred at five replicate locations in each field 

(marked a–e in Fig. 5.2).  

5.3.2 Supporting Measurements 

On-site precipitation was measured with a tipping-bucket rain gauge (Isco-674, Teledyne 

Isco, Inc.), and half-hourly soil water content values at 5, 10, 30, and 50 cm depth were 

monitored in both fields using water content reflectometers (CS616, Campbell Scientific, Inc.).  

Soil moisture measurements are reported as % water-filled pore space (WFPS), given 

measurements of bulk-density equal to 1.3 Mg m
-3

 (see below) and an assumed particle density 

of 2.65 Mg m
-3

.  Half-hourly soil temperatures at 5, 10, 30, and 50 cm depth were measured in 

both fields with type T thermocouples encased in epoxy-filled copper tubes placed horizontally 

in the soil (Berard and Thurtell, 1990). 

5.3.3 Soil Analysis 

On May 31, June 2 and June 4, 2012, 12 soil cores were collected at each of the 5 sampling 

locations (60 samples per field per day, 1.9 cm diameter, 0–15 cm depth) for the measurements 

of total C (TC), total N (TN), and δ
15

N-TN by elemental analysis coupled to an isotope ratio 
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mass spectrometer (IRMS) (University of Waterloo Environmental Isotope Laboratory, 

Waterloo, ON).  Five grams of soil from each sampling location and date were analyzed for their 

NO3
−
 and NH4

+
 contents by sieving to 2 mm, shaking for 1 hr in 2M potassium chloride, filtering 

to 0.2 μm, and then running the extracts on a Seal Analytical AA3 (School of Environmental 

Sciences, University of Guelph).  The concentrations of soil NH4
+
 were too low throughout the 

emission event to obtain measurements of δ
15

N-NH4
+
 using currently available methods.  As 

such, δ
15

N-NH4
+
 values were estimated from δ

15
N-TN values (which is largely soil organic N) 

because there is little to no isotopic fractionation (±1‰) during the production of NH4
+
 by the 

mineralization of soil organic nitrogen (Kendall, 1998).  The δ
15

N and δ
18

O values of NO3
−
 were 

determined using an in-house chemical denitrifier method (Spoelstra et al., 2014) that reduces 

NO3
−
 to N2O with cadmium and a sodium azide/acetic acid buffer (McIlvin and Altabet, 2005; 

Ryabenko et al., 2009).  The δ
15

N and δ
18

O values of the resulting N2O were analyzed at the 

University of California Davis Stable Isotope Facility, Davis, CA.  Multiple KNO3 and NaNO3 

standards (including USGS-34 and USGS-35) were included in the runs, and the precision of 

δ
15

N-NO3
−
 and δ

18
O-NO3

−
 was better than 0.4‰ and 0.7‰, respectively.  A composite sample of 

the soil cores was used for particle-size analysis and characterization of soil pH (Laboratory 

Services, University of Guelph, Guelph, ON).  Organic C analysis was determined on soil cores 

(0–15 cm depth) collected April 25 and June 2, 2012, from all replicate locations in each field 

(School of Environmental Sciences, University of Guelph).  Dried and acidified samples were 

combusted in an oxygen atmosphere and the resultant mass of CO2 produced was measured with 

a non-dispersive infrared detection cell (LECO Corp.).  Finally, the mean bulk density of each 

field was determined in May 2013, prior to that year’s spring manure application.  Nine intact 

soil cores were taken from each field (3.85 cm diameter, 0–60 cm depth) using a hydraulic soil 
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sampler (Amity Technology) mounted to an all-terrain vehicle.  Each core was divided into 4 

layers (0–15, 15–30, 30–45, and 45–60 cm), and the bulk density was determined by dividing the 

oven-dry weight of the core by its volume. 

5.3.4 Micrometeorological N2O Flux Measurements 

The vertical flux of N2O from both fields was measured using a micrometeorological flux-

gradient method (Wagner-Riddle et al., 1996).  Atmospheric N2O concentrations were measured 

at two different heights above the soil surface in each field using a tunable diode laser trace gas 

analyzer (TGA100A, Campbell Scientific, Inc.).  Fluxes were calculated from the measured 

concentration difference and the integrated eddy diffusivity of N2O (Wagner-Riddle et al., 1996) 

for periods when the wind direction allowed for a minimum fetch-to-height ratio of 50:1, which 

ensured >80% of the measured flux originated within the experimental field (Leclerc and 

Thurtell, 1990).  Although this method is designed to measure the flux from 4 adjacent fields, 

this study is only concerned with data from 2 fields (Fig. 5.2).  Using a series of air intake 

valves, pumps, tubing and a manifold, the TGA100A measures the flux in half-hour intervals one 

field at a time.  Further details of the equipment and protocols used in this study are described by 

Wagner-Riddle et al. (Wagner-Riddle et al., 2007).   

Total N2O emissions for the period May 20–June 15, 2012, were calculated from daily mean 

flux values, which in turn were derived from multiple half-hourly flux measurements.  The 

minimum, maximum, and median number of half-hourly measurements used to calculate the 

daily flux was 1, 12, and 8, respectively.  Due to problems with one of the sampling valves, no 

micrometeorological flux data were available for June 1–3, 2012 (Fall Field only). 
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5.3.5 Chamber N2O Flux and the δ
15

N-N2O and δ
18

O-N2O of Emissions 

Flux chambers were installed at five locations in each field (Fig. 5.2), and used to determine 

δ
15

N and δ
18

O values of the N2O flux on June 3.  Custom-made non-steady-state, non-flow-

through chambers, designed after Rochette (2011), were constructed from 18 inch (45.72 cm) 

diameter (nominal) IPEX Ring-Tite
®
 SDR35 PVC gravity sewer pipe (Marks Supply, Inc.).  The 

inner diameter (ID) and height of each chamber were 44.2 cm and 8.3 cm, respectively.  

Chamber bases (20 cm high) were constructed from the same material and beveled at the bottom 

to facilitate insertion into the ground 15 cm (or more), which exceeded the tillage depth.  

Circular disks (tops of chambers) were cut out of 1.27 cm thick PVC sheets and chemically 

welded to the sewer pipe using PVC cement.  Chambers were vented with 10 cm long tubes 

(6.35 mm ID) to minimize pressure artifacts.  The vents were located on the sides of the 

chambers, close to the ground surface where the wind speed is lowest to minimize the Venturi 

effect (Bain et al., 2005; Xu et al., 2006).  An internal 4-port manifold constructed from 

polypropylene union tees and four 15 cm lengths of 1.5875 mm ID Chemfluor FEP tubing (Cole-

Parmer, Inc.) was used to withdraw a uniform sample of headspace gas.  Chambers were 

attached to the bases using clasps (height-adjustable draw latch and plate) and closed-cell 

Santoprene™ foam (McMaster-Carr Supply Company).  Chambers were insulated on the outside 

with double-layered reflective bubble wrap. 

Chamber headspace samples (20 mL) were taken 0, 15, 30, and 60 min after deployment and 

injected into evacuated (<10
-1

 torr) 12-mL Exetainer® vials (Labco Limited).  Concentration 

analysis of N2O was done on a Varian CP 3800 greenhouse gas analyzer (Varian Canada, Inc.) 

previously described by Snider et al. (2009).  Fluxes were calculated in the R Statistical 

Environment using the HMR package (Asger R. Pedersen, Aarhus University, Denmark). 
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Shortly after the 60 min gas sample for flux calculation was taken, another sample (160 mL) 

was drawn from the soil chambers for δ
15

N-N2O and δ
18

O-N2O analysis and injected into 

evacuated serum bottles (Wheaton Science Products, Inc.) stoppered with pre-baked (60 °C, 24 

hrs) 20 mm butyl-blue rubber stoppers (Bellco Glass, Inc.) and aluminum crimp seals 

(Chromatographic Specialties, Inc.).  Values of δ
15

N-N2O and δ
18

O-N2O were analyzed using 

continuous-flow IRMS at the UC Davis Stable Isotope Facility, Davis, CA, and are reported here 

as δ-values (where δ = Ratiosample ÷ Ratiostandard − 1) in per mill (‰) units, where the ratio is 

either 
15

N/
14

N or 
18

O/
16

O.  In this manuscript all N isotope ratios are reported relative to air-N2 

(AIR) and all O isotope ratios are reported relative to Vienna Standard Mean Ocean Water 

(VSMOW).  An internal N2O isotope standard previously characterized at the University of 

Waterloo Environmental Isotope Laboratory, Waterloo, ON was also submitted for isotopic 

analysis, and the standard deviation of 8 replicates (at varying concentrations including ambient) 

was 0.34‰ (for δ
15

N) and 0.77‰ (for δ
18

O).  The absolute difference in the assigned value of 

this internal standard gas (blind inter-lab comparison) was 0.29‰ (for δ
15

N) and 0.81‰ (for 

δ
18

O).  Given that there are no internationally-recognized standardization methods or materials 

for N2O isotope analysis, these inter-laboratory results are in good agreement with one another 

(Mohn et al., 2014). 

The isotopic compositions of all flux measurements (5 per field) were corrected to account 

for background tropospheric N2O present inside the chamber at time zero according to Eq. 1 

(Opdyke et al., 2009), where the δ and C symbols represent, respectively, the δ-values and 

concentrations for the source, measured, and atmospheric N2O pools as indicated by subscripts:  
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 (1) 

Note that the difference in concentration between the atmosphere and the measured N2O 

(Cmeasured – Catmosphere) is equal to the concentration of the source (Csource).  Also note that the 

assumed concentration, δ
15

N-N2O, and δ
18

O-N2O values of atmospheric N2O were 325 ppb 

(Prinn et al., 2000), 6.72‰, and 44.62‰, respectively (Kaiser et al., 2003).  The above-ground (1 

m) tropospheric N2O at our study site was measured periodically to justify our use of the 

published values in Eq. 1.  Tropospheric N2O at our site had a mean (± 1σ) concentration of 321 

± 6 ppb, δ
15

N-N2O value of 5.9 ± 1.0‰, and δ
18

O-N2O value of 45.4 ± 1.4‰.  Flux-weighted 

δ
15

N-N2O and δ
18

O-N2O values for each field were calculated according to Eq. 2, where i 

represents the replicate sampling locations within each field (a–e) shown in Fig. 5.2. 

 

 (2) 

The derived flux-weighted δ
15

N-N2O and δ
18

O-N2O values were compared to the expected 

values for denitrification-N2O and ammonium-derived N2O as per the methodology given in 

Section 5.3.7. 

5.3.6 Concentration and Isotopic Analysis of Sub-Surface N2O 

Four probes were installed at each replicate location to sample soil gas and determine the 

N2O concentration and δ
15

N-N2O and δ
18

O-N2O values at depth.  Stainless-steel tubes (0.32 cm 

ID, 0.16 cm wall thickness) were inserted into the ground vertically so that the bottom rested at 
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10, 20, 30, and 50 cm depths.  An inner rod was used during installation to prevent soil from 

plugging the probe.  Flexible FEP-lined polyethylene tubing (Cole-Parmer Canada, Inc.), which 

has very low gas permeability, was used to connect the gas probes to a polycarbonate luer-fitting 

and 3-way stopcock to facilitate sampling with syringe.  On May 31, June 2 and June 4, 2012, 

soil gas from all depths was sampled from each location by slowly drawing gas into a syringe 

and injecting it into evacuated serum bottles.  Concentration and isotopic analysis of soil N2O 

was completed as described earlier.  Concentration-weighted δ
15

N-N2O and δ
18

O-N2O values 

were calculated for each depth, date, and field according to Eq. 3, where i represents the replicate 

sampling locations within each field (a–e) shown in Fig.5.2.  

 

 (3) 

The derived concentration-weighted δ
15

N-N2O and δ
18

O-N2O values were compared to 

expected values for denitrification-N2O and ammonium-derived N2O as per methodology given 

in Section 5.3.7. 

5.3.7 Methods used to define the δ
15

N and δ
18

O ranges of N2O sources  

In order to use N and O isotopes at natural abundance to understand the processes that 

produce and consume N2O in soil, the isotopic composition of endmembers for nitrification 

(δ
15

N-NH4
+
) and denitrification (δ

15
N-NO3

−
 and δ

18
O-NO3

−
) must be known.  Additionally, it is 

necessary to know the expected ranges of N and O isotope values for each N2O producing 

process (Fig. 5.1) for a particular study site.  The expected range of denitrifier-N2O was 

determined experimentally through a short anaerobic incubation experiment with soil from the 
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Fall and Spring Fields to determine the δ
15

N and δ
18

O bounds of ‘pure’ denitrification-N2O 

[protocols based on methods outlined in Snider et al. (Snider et al., 2009)].  Briefly, 300 g of 

fresh soil at field moisture capacity was sealed inside 1.5 L Mason jars modified with butyl 

rubber stoppers (Vacutainer® blood collection tubes, Becton, Dickinson and Company).  There 

were 4 replicate incubations per field.  The soils were flushed with helium to establish anaerobic 

conditions and pre-incubated for 2 days.   

It was important to amend the soil with NO3
−
 and H2O that had δ

18
O values similar to the 

endogenous field NO3
−
 and H2O, otherwise it would have been necessary to perform a series of 

elaborate experiments to explicitly quantify the amount of O-exchange (Snider et al., 2013, 

2009).  Therefore, we needed to find a δ
18

O-NO3
−
 source for fertilization that was similar to the 

endogenous δ
18

O-NO3
−
, which ranged between –3‰ and 0‰ (Table 5.2).  However, several 

different commercially-available NO3
−
 reagents that we measured all had δ

18
O values >+20‰.  

To get a suitable NO3
−
 source, a large volume (20 L) of shallow agricultural groundwater was 

collected from a monitoring well located near Alliston, ON, that contained a high concentration 

of NO3
−
 (36 mg N L

-1
) and a low δ

18
O value (+2.4‰), similar to our field δ

18
O-NO3

−
.  This 

water was evaporated to 500 mL over several days, frozen and then freeze-dried until no water 

remained.  The leftover salt residue was dissolved in 50 mL of Nanopure® (Thermo Fisher 

Scientific, Inc.) deionized water (δ
18

O-H2O ≈ –10‰), which became a concentrated stock 

solution of fertilizer for our incubation experiment.  A subsample of this stock NO3
−
 solution was 

diluted by a factor of 1000, and then analyzed for concentration, δ
15

N-NO3
−
, and δ

18
O-NO3

−
 

prior to the incubation experiment.  The fertilizer material was applied to the incubations at a rate 

of 180 μg N g
-1

 dry soil, and its final δ
15

N-NO3
−
 and δ

18
O-NO3

−
 values were +5.4‰ and +3.2‰, 

respectively.   
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To avoid fractional distillation of the NO3
−
 pool and the associated ‘Rayleigh’ enrichment 

that occurs as it is consumed in a ‘closed-system’, we ensured that ca. >90% of the initial NO3
−
 

pool remained at the end of the incubation period (Mariotti et al., 1981).  The instantaneous N 

isotope effect (εproduct–substrate) for net N2O production was then estimated by Eq. 4,  

 

 (4) 

where the δ
15

N-N2O values are measured throughout the incubation, and the δ
15

N-NO3
−
 is the 

initial isotopic composition of the stock solution (Kendall, 1998; Mariotti et al., 1981).  The 

incubations were sampled for N2O isotope analysis at 8 and 22 hours after fertilization and 

extractions were done to verify that <10% of the NO3
−
 was consumed.  The net change in δ

15
N 

values (Δnitrous oxide–nitrate) was calculated and the results ranged between –17.6‰ and –23.4‰, 

which is consistent with previous estimates of 
15

N fractionation for net N2O production by 

denitrification summarized in Snider et al. (Snider et al., 2009).  Because N2O is an intermediate 

compound of denitrification the observed 
15

N isotope effect will vary with the degree of N2O 

reduction to N2.  The 
15

N enrichment for N2O consumption has been measured by several others 

and it is a small component (e.g., from –5‰ to –9‰; Well and Flessa, 2009) of the total N2O 

isotope effect for denitrification.   

Finally, to estimate the in situ range of expected denitrification δ
15

N-N2O values at our site, 

Eq. 4 was re-arranged and the measured range of δ
15

N-NO3
−
 (in situ values, Table 5.2) was 

added to the Δnitrous oxide–nitrate determined via the incubation experiments.  The expected range of 

denitrification δ
18

O-N2O at our site was assumed to be equal to the range of δ
18

O-N2O values 
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measured from the incubations.  This assumption is valid because the in vitro δ
18

O-NO3
−
 and 

δ
18

O-H2O values were very similar to the endogenous field values.     

Values of δ
18

O-N2O produced by nitrifier-denitrification have been shown to be consistently 

between +13‰ and +35‰ (Snider et al., 2012), which was assumed as the expected range of 

δ
18

O-N2O for this process at our site.  Nitrous oxide formed by nitrifier-denitrification is 

expected to have δ
15

N values that are more negative than denitrification N2O because the N 

isotope effect (εnitrous oxide–ammonium) of this process is <−40‰ (Frame and Casciotti, 2010; 

Mandernack et al., 2009; Pérez et al., 2006; Sutka et al., 2006; Well et al., 2008; Yoshida, 1988).   

In this study the quantities of soil NH4
+
 were too low to obtain reliable δ

15
N-NH4

+
 data using 

current 
15

N-diffusion methods.  Instead, we assumed that δ
15

N-NH4
+
 values were equal to the 

δ
15

N values of the total nitrogen (TN) pool because there is little to no 
15

N-fractionation during 

the mineralization of soil organic N (Kendall, 1998) and the soil TN pool is dominated by the 

organic N component.  The mean δ
15

N-TN values (± 1σ, n = 15) in the 0–15 cm layer were 7.6‰ 

± 0.3 (Fall Field) and 7.5‰ ± 0.3 (Spring Field).  As a result, the expected δ
15

N values of N2O 

produced by nitrifier-denitrification at our site were assumed to be more than 40‰ lower than 

the mean δ
15

N-TN value.  It is important to recognize that in practice the observed, net isotopic 

difference (Δ = δ
15

N-N2O − δ
15

N-NH4
+
) may not be as great as 40‰ because soil NH4

+
 pools are 

usually small, rapidly turned-over, and may become considerably enriched in 
15

N (Well et al., 

2008).  In the days following the spring manure application (prior to the commencement of this 

study), we were able to directly measure the δ
15

N-NH4
+
 values in the soil because NH4

+
 contents 

were high.  We observed the expected 
15

N enrichment in the NH4
+
 pool as its supply declined, 

and this was followed by a sharp decrease in δ
15

N-NH4
+
 values as the manure 

15
N signal was 

superseded by the soil organic matter 
15

N signal (results not shown).  Therefore, in our study we 
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know that the small pool of soil NH4
+
 that was present before the rain event was not sourced 

from the previous manure applications, rather it was derived from mineralization of soil organic 

N.   

Our understanding of the N and O isotope fractionation that occurs when N2O is formed via 

NH2OH is limited so it is difficult to robustly define δ
15

N-N2O and δ
18

O-N2O boundaries for this 

process.  Recent estimates of the net 
15

N isotope effect (Δproduct–substrate) for this process range 

between –6.2‰ and +7.4‰ (Heil et al., 2015; Sutka et al., 2006; Wunderlin et al., 2013), 

demonstrating a small 
15

N isotope fractionation when N2O is produced biotically or abiotically 

from NH2OH.  As such, the δ
15

N values of N2O formed by this process may be uniquely 

different than denitrification and nitrifier-denitrification N2O.  However in a different study, Heil 

et al., (2014) tested the abiotic formation of N2O with both NH2OH and NO2
–
 as substrates, and 

they found a larger range for the 
15

N isotope effect (–21.1‰ to +0.8‰).  Further study is needed 

to assess if the abiotic formation of N2O from NH2OH is isotopically different than denitrifier-

N2O.  Frame and Casciotti (Frame and Casciotti, 2010) measured the 
18

O isotope effect for 

NH2OH oxidation (ε = –2.9‰), which places the δ
18

O-N2O formed by this pathway close to the 

δ
18

O value of atmospheric O2 (Snider et al., 2012).   

5.3.8 Modelling the Production, Transport, and Storage of Sub-Surface N2O 

To interpret subsurface N2O concentrations, we modelled the production, transport and 

storage of N2O in the subsurface on the three sampling dates.  The soil was divided into three 

equally-sized layers from 0–45 cm and the total molar N2O content (gaseous and aqueous) in 

each 15 cm layer was determined (Risk et al., 2014).  The total porosity (φ; m
3
 m

-3
) of each layer 

was determined according to:  
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 (5) 

where the average bulk density (ρbulk; Mg m
-3

) was determined as explained above, and the 

particle density (ρparticle; Mg m
-3

) was estimated by accounting for the fraction of soil organic 

matter (OM) in each layer (Davidson et al., 2006) using:   

 

 (6) 

where the density of organic matter (ρOM) is assumed to be 1.4 Mg m
-3

 and the density of 

mineral matter (ρMM) is assumed to be 2.65 Mg m
-3

.  The average volumetric water content (Θ; 

m
3
 m

-3
) of the 0–15 cm, 15–30 cm, and 30–45 cm layers was calculated by interpolating the 

water content reflectometer data measured at 5, 10, 30, and 50 cm depths and multiplied by the 

layer depth (0.15 m) to get the total volume of water in each layer.  The air-filled porosity (ε; m
3
 

m
-3

) of each layer was then determined by subtracting Θ from φ, and then multiplying by the 

layer depth (0.15 m) to get the total volume of air in each layer.    

The molar gaseous N2O content (mol) was determined for each layer using the ideal gas law.  

The average partial pressure (atm) of N2O in each layer was calculated from concentration 

measurements, assuming the total pressure (atm) in the layer was equal to the barometric 

pressure measured at the nearby weather station (Fig. 5.2) and the average temperature (K) in 

each layer was determined from thermocouple data.  The molar aqueous N2O content (mol) was 

determined for each layer according to methods outlined in Weiss and Price (1980), and more 

recently Roper et al. (2013).  This approach calculates the equilibrium concentration of N2O 
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dissolved in water, while accounting for the non-ideal behaviour of N2O (1 mole of N2O 

occupies 0.7% less volume than 1 mole of ideal gas at standard temperature and pressure).  

Finally, the total molar N2O content was used to calculate the change in storage (ΔS; μg N2O-N 

m
-2

 d
-1

) of N2O in each soil layer over time. 

The flux of N2O between layers was determined using a one-dimensional gas diffusion 

model based on Fick’s Law (Goldberg et al., 2008; Pihlatie et al., 2007; Pumpanen et al., 2003), 

 

 (7) 

where Fi is the flux (μg N2O-N m
-2

 d
-1

) of N2O from the layer i to the layer above it (i +1), Di 

is the effective diffusivity (m
2
 d

-1
), Ci+1 and Ci are the concentrations (μg N2O-N m

-3
) of N2O in 

the layers i +1 and i, respectively, and li and li+1 are the thicknesses (m) of the layers.  The 

effective diffusivity was calculated based on Millington and Quirk (1961): 

 

 (8) 

where the diffusivity of N2O in air (Do) was estimated as a function of temperature (T) in 

Kelvin (Pihlatie et al., 2007). 

 

 (9) 
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Similar to Rock et al. (2007) and Goldberg et al. (Goldberg et al., 2008), we derived 

estimates of ‘microbial turnover’ for each layer (Eq. 10), which is the net difference between 

N2O production and consumption (netN2Op–c) expressed in units of μg N2O-N m
-2

 d
-1

.   

 

 (10) 

Inherent in this model is the assumption that there are no other N2O gain/loss mechanisms 

and the net change in N2O via lateral transport (diffusion) was zero.  We also assumed that the 

loss of N2O via advection (downward movement of N2O) was insignificant.  Automated 

measurements of the water table at the nearby weather station (Fig. 5.2) showed a continuous 

decline in the water table over the measurement period indicating no groundwater recharge (data 

not shown).   

5.3.9 Quantification of Key Microbial Genes and Transcripts 

Soils were sampled for molecular analyses of soil microbial communities from all 5 replicate 

sites in each field (Fig. 5.2) using RNase-free materials and aseptic collection techniques.  Five 

subsamples of surface soil (ca. 0.8 g each from 0–5 cm depth) were collected from within the 

collar of each static flux chamber (0.153 m
2
), composited into two replicate samples and 

immediately placed into sterile collection tubes containing 1 mL g
-1

 soil LifeGuard™ Soil 

Preservation Solution (MO BIO Laboratories, Inc.).  Additional composite soil samples were 

collected for determination of gravimetric soil moisture.  All samples were stored at –20 ˚C until 

analysis. 
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DNA and RNA were co-extracted according to the manufacturer’s protocol using the RNA 

PowerSoil Total RNA Isolation Kit and the RNA PowerSoil DNA Elution Accessory Kit (MO 

BIO Laboratories, Inc.).  RNA was reverse transcribed to cDNA in triplicate using the Applied 

Biosystems® High-Capacity cDNA Reverse Transcription Kit (Life Technologies Corp.).  

Control reactions with no enzyme and no template were included to determine lack of carryover 

of genomic DNA in the RNA extracts. 

Quantitative PCR (qPCR) was used to amplify bacterial 16S (Muyzer et al., 1993), archaeal 

16S (Kemnitz et al., 2005), nirS (Throbäck et al., 2004) and amoA (Rotthauwe et al., 1997) and 

crenarchaeal amoA (‘crenamoA’) (Tourna et al., 2008) targets using a Bio-Rad CFX detection 

system (Bio-Rad Laboratories, Inc.).  Targets for nosZ (Henry et al., 2006) were amplified using 

a Bio-Rad iQ5 detection system (Bio-Rad Laboratories, Inc.).  All nucleic acid extracts were 

diluted to decrease the impact of inhibition for successful amplification and increased reaction 

sensitivity.  The qPCR conditions consisted of an initial 2 min. period at 94°C.  This was 

followed by 35 cycles of denaturing at 94°C for 30 sec., annealing at 55°C (bacterial 16S and 

crenamoA), 57°C (amoA and nirS), or 66°C (archaeal 16S) for 30 sec., and elongation at 72°C 

for 30 sec.  The qPCR conditions for nosZ used a touchdown protocol previously described by 

Henry et al. (Henry et al., 2006).   

The qPCR reaction mixtures contained either 10.5 μL of 2x Sso Fast™ EvaGreen Supermix 

or 12.5 μL of 2x SYBR Green Supermix (Bio-Rad Laboratories, Inc.), 10 μM each of forward 

and reverse primer, cDNA or DNA template, T4 gene 32 protein (New England Biolabs, Inc.) at 

a final concentration of 0.025 ng μL
-1

 (DNA targets only) and RNase/DNase-free water to a final 

volume of 25 μL  (nosZ, with SYBR Green) or 20 μL (all other targets, with Sso Fast EvaGreen). 
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Standard curves for qPCR quantification were constructed using serial dilutions of plasmid 

DNA containing the target genes (10
1
–10

8
 copies per reaction).  Bacterial 16S, archaeal 16S, 

amoA, nirS and nosZ genes were cloned from PCR products amplified from Clostridium 

thermocellum spp., Methanosarcina mazei spp., Nitrosomonas europaea spp., Pseudomonas 

aeruginosa spp., and Pseudomonas fluorescens spp. genomic DNA, respectively. CrenamoA 

genes were cloned from soil samples retrieved from our research site; the resulting sequence was 

deposited in GenBank under accession number KP284272.  PCR products were obtained for 

each gene target using PCR conditions as described above for soil DNA and cDNA extracts, and 

amplicon specificity was screened by gel electrophoresis.  PCR amplicons were cloned into One 

Shot® DH5α™-T1R, Top10 E.coli competent cells (Life Technologies Corp.) using a TOPO TA 

Cloning® kit (Life Technologies Corp.).  Cloned plasmid DNA was extracted using a 

PureLink™Quick Plasmid Miniprep Kit (Life Technologies Corp.) and verified by sequencing 

on an Applied Biosystems ABI Prism 3720 (Life Technologies Corp.) to confirm target identity 

(Laboratory Services, University of Guelph, Guelph, ON).  All qPCR assays included no 

template controls, and were optimized to ensure reaction efficiencies of 95–110% (amoA, 

archaeal 16S, bacterial 16S, crenamoA, and nirS) and 85–90% (nosZ), and standard curve slopes 

of –3.1 to –3.6 with R
2
 values between 0.990–1.000. 

5.3.10 Statistical Analyses 

Gene and transcript abundance values were normalized to gene copy number per gram of dry 

soil and log10 transformed.  Variance analysis of these data to test for differences between fields 

and changes over time was conducted in SAS 9.3 (SAS Institute, Inc.) using a Generalized 

Linear Mixed Model (PROC GLIMMIX).  Variance analysis on soil NO3
−
 and NH4

+
 data to test 

for differences between fields and changes over time was conducted in SAS 9.3 using a Mixed 
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Model (PROC MIXED).  For all tests the null hypothesis was rejected at p ≤ 0.05, unless 

otherwise noted. 

5.4 Results 

5.4.1 Rainfall, Soil Moisture and Temperature, and N2O Fluxes 

This study took place amid record-setting rainfall shortages in 2012, and many areas of North 

America experienced local and regional droughts.  In the months leading up to this study 30, 31, 

and 24 mm of cumulative precipitation were recorded at our site (March–May 2012).  This is 

only 38% of the 30-year local climate normal for the months of March–May (60, 74, and 87 mm 

average rainfall for 1981–2010; Fergus Shand Dam weather station, Environment Canada, 12 km 

from study site).  As such, at the beginning of the study the surface soil was unusually dry (27–

33% WFPS; Fig. 5.3b).  On June 1, 2012, 36 mm of rain fell over the course of 17 h, which wet 

up the soil to a sustained peak moisture level of 69–74% WFPS (Fig. 5.3b).  This stimulated a 

pulse of N2O from both fields (Fig. 3a) and suppressed the diurnal variation in soil temperature 

for several days (Fig. 5.3b).   

Prior to the rainfall, the daily N2O emissions from both fields were close to zero, averaging 

2.0 g N ha
-1

 d
-1

, but increased sharply on June 2 (Fig. 5.3a).  The N2O flux from the Fall Field 

was lower than from the Spring Field, and declined to near-background levels after 1 week. The 

N2O flux event from the Spring Field lasted for 2 weeks and peaked on June 4 at 67 g N ha
-1

 d
-1

.  

The mean flux (± standard error) measured with soil gas chambers on June 3 was 20.3 (± 4.3) 

and 36.2 (± 9.7) g N ha
-1

 d
-1

 for the Fall and Spring Fields, respectively and closely matched the 

fluxes measured with the micrometeorological technique (Fig. 5.3a).  Two smaller rainfall events 

(< 20 mm) occurred on June 9 and 12, 2012, that stimulated additional N2O fluxes from the 
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Spring Field that were smaller than the initial peak.  This additional rainfall yielded a much 

smaller pulse of N2O in the Fall Field compared to the Spring Field.   

A gap-filling approach was used to fill in the missing data from the Fall Field (June 1–3, 

2012).  The daily emissions on June 1 were assumed to be equal to May 31.  Linear interpolation 

was used to derive values for June 2 and 3.  Using these data the cumulative N2O-N fluxes (and 

the propagated standard error) were calculated for June 2–15, 2012, inclusive.  The total post-

rain emissions from the Fall and Spring Fields were 157 (± 16) and 360 (± 26) g N2O-N ha
-1

, 

respectively. 

5.4.2 Soil Inorganic Nitrogen and Organic Carbon 

The soils in this study contained a reserve of organic C (2.5–2.7%) that did not differ 

significantly between fields or with time (Table 5.1).  Both fields had available supplies of 

inorganic N prior to the rainfall (22.5–35.9 μg NO3
−
-N g

-1
 oven-dry soil; Table 5.2), but the 

Spring Field, which received manure 6 weeks prior to manual sampling contained significantly 

more NO3
−
-N than the Fall Field (p < 0.001), which received manure 28 weeks prior to 

sampling.  The mean NO3
−
 content did not change significantly in both fields over time 

(before/after rain).  There were small amounts of NH4
+
-N in both fields (0.3–0.4 μg N g

-1
 dry 

soil) that increased significantly after the June 1 rain to 0.7–0.9 μg N g
-1

 dry soil (p < 0.0001).  

However, there were no significant differences in the NH4
+
 content between fields (p = 0.1685).  

Although the δ
15

N-NO3
−
 and δ

18
O-NO3

−
 values were statistically different between fields (p = 

0.0241 and p < 0.001, respectively), the differences were small (about 1‰).  The δ
15

N-NO3
−
 and 

δ
18

O-NO3
−
 values increased significantly in the Spring Field over the rain event (by 2.7‰ and 

1.3‰, respectively; Table 5.2). 
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5.4.3 Abundance and Potential Activity of Microbial Communities 

The sampling regime used here provided good coverage of changes in the soil microbial 

communities; successful amplification of all genes (Fig. 5.4 a–f) and transcripts (Fig. 5.4 g–l) 

before, throughout, and after the N2O flux event illustrates that denitrifying and nitrifying 

bacterial communities (nirS, nosZ, and amoA) and nitrifying archaeal communities (crenamoA) 

were present and potentially active in both fields over the course of the study.  Although there 

were no significant differences between fields, the gene abundances of all communities changed 

significantly with time.  The increase in soil moisture on June 2 coincided with a significant rise 

in DNA copy numbers (Fig. 5.4a–e), with the exception of archaeal 16S which remained stable.  

By June 8, the abundances of nirS and bacterial 16S genes had decreased to pre-rain levels (Fig. 

5.4c, 5.4e), whereas amoA, crenamoA and nosZ gene copies remained elevated (Fig. 5.4a–b, 

5.4d) and archaeal 16S gene copies decreased (Fig. 5.4f).  

Although the rain event initiated a significant increase in N-cycling gene copies, our 

measurements did not capture a concurrent increase in gene transcripts over time that was 

statistically significant at the 5% level (with the exception of nirS transcript levels in the Spring 

Field).  Further, there were no significant differences in gene transcripts between the Fall Field 

and Spring Field (Fig. 5.4g–l), although more nosZ transcripts were expressed in the Spring Field 

than in the Fall Field (p = 0.0753, Fig. 5.4j). 

Further, amoA, crenamoA and nirS transcript levels on June 8 were not significantly different 

than levels on June 2 (Fig. 5.4g–i).  Transcripts of nosZ increased slightly after the rain event, 

but by June 8 levels had significantly decreased (Fig. 5.4j).  There was a significant increase in 

both bacterial and archaeal 16S transcripts in both fields after the rain event; however bacterial 

16S transcripts declined by June 8 while archaeal 16S transcripts remained elevated (Fig. 5.4k–l).  
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5.4.4 Concentration and Isotopic Character of Soil-Derived N2O 

Sampling over the rainfall-induced emission event clearly captured the increase in N2O 

production throughout the soil profile.  On May 31 prior to the rainfall, the subsurface 

concentrations of N2O in the upper layers of the Fall Field were 0.41 (± 0.03) ppm, and the δ
15

N-

N2O and δ
18

O-N2O values were close to ambient tropospheric N2O (Fig. 5.5a; 6.7‰ vs. AIR and 

44.6‰ vs. VSMOW, respectively ).  Deeper in the soil profile (30–50 cm) the mean N2O 

concentration was slightly elevated (up to 1.5 ppm ± 0.1) and the concentration-weighted isotope 

values were several per mill lower than ambient N2O (δ
15

N = −6 to −9‰, δ
18

O = +32‰).  On the 

same day in the Spring Field (Fig. 5.5d), the mean N2O concentration in the upper layers was 0.9 

ppm (± 0.4) and increased to 2.6 ppm (± 0.5) at depth.  The concentration-weighted δ
15

N-N2O 

and δ
18

O-N2O values in the Spring Field on May 31 were between −5 to −12‰ and +36 to 

+37‰, respectively. 

On June 2, only 28 h after the initial rainfall began, the N2O concentrations had increased at 

all depths in both fields (Fig. 5.5b, 5.5e).  Additionally, the δ
15

N-N2O and δ
18

O-N2O values had 

decreased at all depths, with the largest changes occurring at 10 cm depth.  By June 4 the mean 

N2O concentrations had increased substantially to 11.7 ppm (± 7.5) in the upper layers of the Fall 

Field (Fig. 5c) and to 30.8 ppm (± 16.8) in the Spring Field (Fig. 5.5f), with further decreases in 

isotope values in both fields.  The concentration-weighted δ
15

N-N2O and δ
18

O-N2O values in the 

Fall Field (Fig. 5.5c) ranged with depth from −26 to −29‰ (δ
15

N) and +27 to +31‰ (δ
18

O).  The 

concentration-weighted δ
15

N-N2O and δ
18

O-N2O values in the Spring Field (Fig. 5.5f) ranged 

with depth from −35 to −37‰ (δ
15

N) and +20 to +25‰ (δ
18

O).  The mean (± standard error) 

emission-weighted δ
15

N-N2O and δ
18

O-N2O values of the June 3 flux from the Fall Field were -
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24.7‰ (± 2.0) and +26.9 (± 0.7), respectively, and from the Spring Field were -30.7‰ (± 2.0) 

and +24.8 (± 0.6), respectively. 

5.5 Discussion 

5.5.1 Production, Transport, and Storage of Sub-Surface N2O 

Concentration measurements of N2O at depth were evaluated with a one-dimensional 

diffusion model to estimate the net production (netN2Op–c), transport (flux) and storage (ΔS) of 

N2O in the subsurface over time (Fig. 5.6).  In both fields, the netN2Op–c increased with time and 

was greatest in the 0–15 cm soil layer on June 4 (Fig. 6c, f; 1030 and 3179 μg N2O-N m
-2

 d
-1

 for 

the Fall and Spring Fields, respectively).  This newly-produced N2O in the upper layer was the 

main source of emissions over the entire event.  The magnitude of netN2Op–c and the flux at the 

upper boundary layer were almost equal (Fig. 5.6), and consequently ΔS was low.  This is logical 

because the concentration gradient between the upper layer and the atmosphere (325 ppb) was 

high, and the diffusivity of the surface was greatest among all layers (bulk density data shown in 

Table 5.1). 

By June 4, 2012, a significant amount of N2O was also produced in the middle layer (315–

3179 μg N2O-N m
-2

 d
-1

; Fig. 5.6c, f).  Roughly half to two-thirds of this N2O was stored in this 

layer (ΔS), and the remainder was transported to the soil layer above.  Little-to-no N2O diffused 

downward to the deepest layer (30–45 cm).  The increase in N2O concentration observed at this 

depth was due to in situ production within the layer (Fig. 5.6).  At this depth, all the newly 

produced N2O remained in the layer because diffusion was limited by a high bulk density (Table 

5.1) and hence, a low porosity and effective diffusivity.  In summary, the rainfall event triggered 
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rapid production of N2O at all depths, but only the upper layer(s) contributed to the observed 

emissions because the upward diffusion of N2O at depth was limited by the low porosity of this 

layer.  Over longer time frames (beyond our measurement period), the N2O in the deep soil layer 

may have contributed to surface emissions as it slowly diffused upwards, or it may have 

undergone significant reduction to N2.  

In this study the soil N2O emissions were greatest in the Spring Field, which is not surprising 

because dairy manure was applied only 6 weeks prior to the rain event.  The Spring Field had 

significantly more soil NO3
–
 than the Fall Field (p < 0.001), and although not statistically 

significant, prior to the rain event the Spring Field supported larger active amoA, crenamoA, 

nirS, and nosZ communities than the Fall Field (Fig. 5.4g–j).  This probably played a key role in 

the higher cumulative N2O fluxes observed in the Spring Field, illustrating that timing of dairy 

manure application may have differentially affected the rates of microbial N processing in these 

two fields.  This is affirmed by the calculated differences in the modelled production of N2O in 

the subsurface (netN2Op–c) and the flux to the atmosphere; the Spring Field produced and emitted 

~2–3 times as much N2O as the Fall Field (Fig. 5.6).  Evidence of this 'priming' effect in the soil 

before the rainfall is one benefit of using molecular tools in field studies.  Others have also 

shown that denitrifier abundance (Dandie et al., 2011; Meyer et al., 2013) and potential activity 

(Saleh-Lakha et al., 2009a, 2009b; Wertz et al., 2009) were affected by soil geochemistry (pH, C 

and N levels) and soil amendments (crop residue, glucose and glutamate) (Henderson et al., 

2010; Liu et al., 2010; Németh et al., 2014).  

The post-rain emissions of N2O-N from the Fall and Spring Fields over 14 days (June 2–15, 

2012) represented an important fraction of the total annual emission budget for the Fall Field 

(5.4%) and Spring Field (13.4%), and highlights the important effect of drying and wetting 
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cycles on soil emissions of N2O (annual N2O emission data not shown).  Given that the intensity 

and duration of drought will likely increase in the future, wet-dry cycles will be an increasingly 

important driver of soil N2O emissions (Stocker et al., 2013).  Many studies have documented 

strong, short-term pulses of N2O following soil rewetting (Davidson, 1992; Groffman and 

Tiedje, 1988; Jorgensen et al., 1998; Rudaz et al., 1991; Scholes et al., 1997).  Microbes that 

survive disturbances such as desiccation and rewetting are often exposed to labile C and N 

released upon rewetting (Hales and Ross, 2008; Harrison-Kirk et al., 2014).  In this study, the 

activity of the total microbial community (bacterial and archaeal 16S cDNA) significantly 

increased after the rain event (Fig. 5.4k–l).  This rapid response demonstrates the ability of 

surviving soil microorganisms to utilize increased resources (Blagodatskaya and Kuzyakov, 

2013).   

The application of manure to the Spring Field increased the NH4
+
 content of this soil from 

0.6 (± 0.1) μg N g
-1

 dry soil (4 days prior to application) to 17.7 μg N g
-1

 dry soil (7 days after 

application) (data not shown).  However, this NH4
+
 was rapidly nitrified, and within 3 weeks of 

application levels had declined to 2.9 (± 0.4) μg N g
-1

 dry soil.  At the time of the rain event the 

NH4
+
 in the Spring Field had reached background levels (0.4 ± 0.1 μg N g

-1
 dry soil) and the 

NO3
–
 pool had increased by 17.5 μg N g

-1
 dry soil, indicating an almost conservative conversion 

of NH4
+ 

to NO3
–
 by soil nitrifiers.  After the initial rainfall the soil NH4

+
 content increased 

>200% in both fields.  Although the overall levels of NH4
+
 remained low (0.7–0.9 μg N g

-1
 dry 

soil), this flush of inorganic N probably provided soil microbes with an important source of 

substrate to nitrify and to use for cellular growth and reproduction.   

5.5.2 Isotopic and Molecular Evidence of N2O Production over a Rain Event 
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On May 31 prior to the rainfall, the δ
15

N-N2O and δ
18

O-N2O values in the subsurface were 

close to tropospheric N2O, indicating a large proportion of the soil gas was simply tropospheric 

air (Fig. 5.7).  A mixing line drawn through the 6 data collected on May 31 has endpoints that 

pass very close to tropospheric N2O and the denitrification N2O source zone (defined in Section 

5.3.7).  This suggests the pre-rain N2O was primarily a mixture of tropospheric N2O and N2O 

produced by denitrification.  The occurrence of denitrification in aerobic environments has been 

previously described in the literature (Robertson et al., 1995; Robertson and Kuenen, 1984; 

Zumft, 1997).  Anaerobic ‘hot spots’ and ‘hot moments’ whereby soil denitrification is supported 

in an otherwise aerobic soil cannot be ruled out on the basis of soil moisture alone (e.g., Parkin, 

1987, and references therein).  For example, Bateman and Baggs (2005) investigated the 

contributions of nitrification and denitrification to soil N2O emissions over a wide range of soil 

moisture and found that at 35% WFPS denitrification could contribute up to ~22% of a fertilizer-

induced N2O flux.     

Molecular detection of gene transcripts showed that nitrification and denitrification were co-

occurring in both fields before the rain (Fig. 5.4g–j), and at first, this appears to contradict the 

stable isotope-based interpretation of the pre-rain N2O data.  However evidence of nitrifier 

activity before the rain event does not necessarily translate into significant NH4
+
-derived N2O.  

The dominant end-product of nitrification is NO3
−
, and N2O is an alternate end-product (nitrifier-

denitrification or NH2OH oxidation).  The amount of N2O that is produced is partially controlled 

by oxygen conditions, with high oxygen availability generally limiting N2O production (Colliver 

and Stephenson, 2000).  As molecular analysis targeted the first step in nitrification (NH3 

oxidation, amoA and crenamoA), abundances of ammonia-oxidizing DNA and mRNA targets 

cannot be used to differentiate microbial contributions to N2O via NH2OH oxidation or nitrifier-
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denitrification.  On May 31 when the soils were dry, N2O production by nitrifier-denitrification 

and NH2OH oxidation may have been suppressed, resulting in low nitrifier contributions to the 

N2O fluxes.  In denitrification, N2O is an obligate intermediate compound, and under sub-oxic 

conditions it can be the terminal end-product because nosZ is highly sensitive to O2 (Knowles, 

1982).  Therefore, it is plausible that the small amounts of N2O observed in the soil profile 

before the rain event were produced by denitrifiers subsisting in the dry soil environment.  It is 

also plausible that a small portion of the pre-rain N2O was produced by NH2OH oxidation.  Kool 

et al. (Kool et al., 2011) incubated a sandy soil under different moisture conditions and 

demonstrated (using isotope tracers) that NH2OH oxidation was responsible for roughly 25–50% 

of the N2O formed by nitrifier pathways.  However, in an earlier tracer study with 12 different 

soils, Kool et al. (2010) showed that negligible amounts of N2O were formed by NH2OH 

oxidation.  Studies that determine the relative contributions of NH2OH oxidation and nitrifier-

denitrification in situ are urgently needed to assess the importance of NH2OH oxidation in soil.  

Further, the abiotic production of N2O from NH2OH in soils needs more study (Heil et al., 2015, 

2014), including the potentially important role of iron compounds in the N2O cycle (Zhu et al., 

2013).  

Frame and Casciotti (Frame and Casciotti, 2010) examined N2O production in cultures of the 

marine nitrifier bacterium Nitrosomonas marina C-113a and, consistent with the findings of 

others, found that nitrifier-denitrification dominated at low oxygen concentrations (0.5% O2) and 

had an overall N isotope effect (εnitrous oxide–ammonium) of –56.9‰.  At 20% O2 concentrations 

NH2OH oxidation was the main source of N2O, and the authors observed much less N2O 

production and an approximate N isotope effect of –4‰.  They also calculated the O isotope 

effect for NH2OH oxidation (whereby the O source is atmospheric O2) and determined that very 
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little fractionation occurs (+2.9‰).  Based on this preliminary evidence, we would expect N2O 

formed by NH2OH oxidation in our study to have δ
15

N-N2O values >0‰ and δ
18

O-N2O values 

close to atmospheric O2 (+23.5‰; Kroopnick and Craig, 1972).  The range of  δ
18

O-N2O values 

expected for NH2OH oxidation were also modelled and summarized by Snider et al. (Snider et 

al., 2012), who found the widest possible δ
18

O range to be between +9.7‰ and +31.5‰ (Fig. 

5.7).  If NH2OH oxidation were an important process before the rain event, then we ought to see 

a mixing line between the tropospheric source and the hypothesized source zone for NH2OH 

oxidation–N2O (Fig. 5.7).  This mixing line was not observed suggesting NH2OH oxidation was 

not likely an important N2O source at our study site before the rainfall.     

Recently, there has been great interest in the use of isotopomers to distinguish N2O produced 

by NH2OH oxidation from N2O produced by denitrification and nitrifier-denitrification.  We did 

not measure N2O isotopomers in this study.  The usefulness of this tool to help separate 

pathways is not clear because recent evidence shows that fungal denitrifiers generate N2O with 

isotopomeric values that overlap N2O produced by NH2OH oxidation (Frame and Casciotti, 

2010; Rohe et al., 2014; Sutka et al., 2008, 2006, 2003).  Furthermore, poor inter-lab 

reproducibility and international standardization issues need to be addressed before this tool can 

ultimately be evaluated to separate N2O sources in situ (Mohn et al., 2014; Snider et al., 2015). 

Following the rainfall there was an immediate increase in N2O concentrations and emissions, 

and a rapid shift in the N2O isotopes (Figs. 5.2 and 5.4).  On June 2, within 30 hrs of the onset of 

rain, the δ
15

N-N2O and δ
18

O-N2O values had declined by 28‰ and 19‰, respectively in the Fall 

Field and by 15‰ and 11‰, respectively in the Spring Field.  The post-rain δ
15

N-N2O values 

reported here (June 2 and 4) were within or between the expected ranges of denitrification and 

nitrifier-denitrification N2O, and a line of fit drawn through the post-rainfall data had a lower 
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slope than the line drawn through the pre-rainfall data (Fig. 5.7).  This clearly suggests that a 

change occurred in the processes responsible for N2O production in the soil after the rainfall 

(Fig. 5.7).  The N2O isotope values showed that both denitrification and nitrifier-denitrification 

could have produced N2O after the rain, and as time passed the δ
15

N-N2O values became more 

negative and closer to the nitrifier-denitrification source zone (especially in the Spring Field).   

At our site, the δ
18

O values of nitrification-N2O and denitrification-N2O overlap almost 

completely, presumably due to high levels of O-exchange during denitrification (Fig. 5.7).  

When there is less O-exchange, or it is absent, denitrification δ
18

O-N2O values are >+35‰ and 

distinct from nitrification-N2O (Lewicka-Szczebak et al., 2014; Snider et al., 2013, 2012).  As 

such, δ
18

O-N2O values at our study site are not a unique indicator of the N2O production 

mechanism (Fig. 5.7).  Very large amounts of O-exchange have been measured before in lab 

studies (Kool et al., 2009; Snider et al., 2009; Rohe et al., 2014), including one study with 

agricultural soils collected 11 km from our research site (Snider et al., 2013, 94% O-exchange).  

Here, we provide strong evidence that O-exchange also occurs in situ.  

The NO3
− 

isotope data also showed anecdotal evidence of denitrification, especially in the 

Spring Field, where there was a small increase (enrichment) in the δ
15

N-NO3
−
 and δ

18
O-NO3

−
 

values of the remaining pool (Table 5.2).  The ratio of δ
18

O:δ
15

N enrichment (slope of the line) in 

the Spring Field was 0.5, which is characteristically used in groundwater studies to conclude that 

NO3
−
 consumption by denitrification has occurred (e.g., Aravena and Robertson, 1998; Böttcher 

et al., 1990; Mengis et al., 1999).   In the Fall Field, the increase in δ
15

N-NO3
−
 values with time 

was very small (~0.3‰) so the resulting δ
18

O:δ
15

N enrichment was ~3, which is not indicative of 

denitrification.  In order to use the δ
18

O:δ
15

N enrichment of NO3
−
 as evidence of denitrification a 

relatively large amount of NO3
−
 must be consumed so that the remaining pool is enriched in both 
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isotopes.  This did not happen in the Fall Field because by June 4, the NO3
−
 reserves in this field 

had only declined by 4.0% (0.9 µg N g
-1

 dry soil), whereas in the Spring Field 10.6% of the 

NO3
−
 (3.8 µg N g

-1
 dry soil) had been consumed (Table 5.2).  Further, this simple interpretation 

of NO3
−
 isotope data is only valid for 'closed systems' that do not have a supply of new NO3

−
 

(e.g., some groundwater environments).  In soils, this relationship may only be observed on short 

timescales when there is a large initial pool of NO3
−
 that is not quickly replenished, and the 

system is effectively 'closed' for a short period of time.  

The molecular data presented in Fig. 5.4 supports our isotope-based conclusions that the 

post-rain flux was a mixture of N2O produced by nitrifier-denitrification and denitrification.  As 

the soil moisture increased, there was a concomitant increase in the abundance of amoA and 

crenamoA nitrifiers and nirS and nosZ denitrifiers in both fields (Fig. 5.4a–d).  Although gene 

abundance data should not be used in isolation to infer the activity of nitrifier and denitrifier 

communities, the stark rise in DNA gene copies shown here, in conjunction with the 

concentration, flux and stable isotope measurements presented, supports our conclusion that 

nitrification and denitrification were co-occurring after the rainfall.  Further, the genes involved 

in enzyme production for both processes were actively transcribing before and after the rain 

event indicating nitrification and denitrification were ongoing (Fig. 5.4g–j).  To our knowledge 

this is the first time that isotope and molecular techniques have been used to study processes 

resulting in N2O production in manure-amended soils. 

We did not observe remarkable changes in the transcription of nitrification and denitrification 

genes over time.  Absolute linkages between N2O fluxes and mRNA transcript abundances are 

not easily observed, and previous lab and field studies that report N2O emissions, N2O:N2 

product ratios, and microbial N cycling activity have not found consistent trends (Harter et al. 
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2014; Liu et al. 2012; Dandie et al. 2011, Nemeth et al. 2014).  Extraction efficiencies of mRNA 

from soils are often lower than DNA extraction efficiencies, and the mRNA that is extracted 

represents only a small portion (1-5%) of the total RNA extracted (Wang et al., 2012).  Changes 

(or absence of changes) in transcript levels over time must be interpreted with caution because 

prokaryotic mRNA has a half-life in the order of minutes (Härtig and Zumft, 1999).  

Measurements of N2O concentration in this study showed that maximum N2O production 

occurred on, or around, June 4 (Fig. 5.6c, f).  Although sampling provided good coverage of the 

main emission event, we may have missed the highest period of transcription because we did not 

sample for molecular analyses on June 4.  Further, in this study soils for microbial analysis were 

collected from the top 5 cm, but maximum N2O production may have occurred deeper than this 

(within the 0–15 cm layer; Fig. 5.6).  As such, we recommend that future studies collect samples 

from greater soil depths and at increased intervals if the primary objective is to track rapid in situ 

changes in N2O production.  If possible, samples should be taken daily.  In a laboratory study of 

grassland soils, Placella and Firestone (Placella and Firestone, 2013) measured a high initial 

abundance of nitrifier transcripts (ca. 10
4
–10

6
 copies of amoA g

-1
 dry soil) when the soils were 

very dry (1–5% g H2O g
-1

 soil).  Within 60 min. of wetting these soils, they observed a 

significant increase in the quantity of amoA transcripts, and in one soil this only lasted <24 h.  

Environmental stimuli, such as wetting events, can also induce denitrification transcripts levels 

to change rapidly (Baumann et al., 1996; Philippot and Hallin, 2005).  Given this, it is possible 

that transcript upregulation occurred in our fields during the actual rain event (June 1), and by 

the time we sampled on June 2 microbial transcription of denitrification or nitrification genes had 

already decreased. 
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5.6 Conclusions 

Measuring and tracking the in situ production of N2O emissions is a challenging but 

important task, and it requires multiple approaches to adequately describe the rapid and short-

term changes that occur in soil.  We conclude that the small baseline flux of N2O emitted from 

the dry soils before the rain was largely produced by denitrification as shown through our stable 

isotope measurements.  Molecular analyses revealed abundant and potentially active nitrifying 

and denitrifying microbial communities before and after the rainfall in both fields.  Following the 

onset of rain, there was a rapid response in the soil microbial communities that stimulated a large 

flux of N2O via nitrifier-denitrification and denitrification.  Although this occurred in both fields 

regardless of the timing of manure application, the N2O flux from the Spring Field was ~2–3 

times larger than from the Fall Field.  The soil NH4
+
 content of both fields was low, yet 

nitrification was an important source of N2O during this emission event.  Whereas stable isotopes 

were useful for directly tracking the pathways of N2O production, molecular analyses revealed 

the status of the N cycling communities before, during and after the emission event.  This 

information helped explain the observed differences in emissions between fields, and it helped to 

support our isotope-based conclusions.    

Here, we used the best methods available:  a micrometeorological technique to quantify 

continuous N2O emissions and stable isotope measurements at natural abundance to describe its 

biogeochemical production.  Prior to this work, only a few field studies had attempted to relate in 

situ changes in mRNA transcription levels to field N2O fluxes (Dandie et al., 2011; Németh et 

al., 2014).  In this study, the molecular and stable isotope methods were complimentary in that 

both approaches indicated that nitrification and denitrification were co-occurring in our soils.  By 

pairing stable isotope measurements with molecular analyses we were able to verify that these 
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two approaches provide similar inferences about soil N2O production processes during an 

emission event in manure-applied fields.  Although significantly higher N2O flux and N2O 

accumulation in the soil profile were observed for the field receiving manure in the spring, 

differences in isotope signal and molecular analysis between fields were not observed.
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Table 5.1 The soil texture and geochemical analysis of two fields treated with dairy manure in 

either the fall 2011 or spring 2012.    

 Fall Field Spring Field 

Particle Size Analysis (0–15 cm) 

25% sand, 53% silt, 22% clay 

(silt loam) 

27% sand, 51% silt, 22% clay 

(silt loam) 

Bulk Density (Mg m
-3

)
a
   

(0–15 cm) 1.22 (0.11) 1.19 g cm
-3

 (0.14) 

(15–30 cm) 1.39 (0.13) 1.48 g cm
-3

 (0.10) 

(30–45 cm) 1.59 (0.20) 1.64 g cm
-3

 (0.11) 

(45–60 cm) 1.84 (0.16) 1.87 g cm
-3

 (0.32) 

pH   

Soil:Water Ratio 1:1 7.7 7.7 

Soil:CaCl2 Ratio 1:1 7.1 7.2 

Total Nitrogen
b
   

Content (%) 0.2 (0.1) 0.2 (0.0) 

δ
15

N (‰ rel. AIR) 7.6 (0.3) 7.5 (0.3) 

Total Carbon Content (%)
b
 3.0 (0.6) 3.0 (0.4) 

Organic Carbon Content (%)
b
   

April 25, 2012 2.5 (0.5) 2.7 (0.2) 

June 2, 2012 2.7 (0.7) 2.6 (0.6) 

C:N ratio
c
 14.3 (0.4) 15.1 (1.4) 

a
 Mean (± 1σ) of 9 soil cores taken from 0–60 cm.  

b
 Mean (± 1σ) of 5 samples per field (one at each replicate location).  Each sample was composed of 12 soil cores 

(0–15 cm). 

c
 Calculated from total carbon and nitrogen values (unacidified samples). 
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Table 5.2 Mean NO3
–
 and NH4

+
 contents and the NO3

–
 isotope values measured on 3 sampling 

dates during a rainfall-induced N2O emission event in 2012.  Two fields were treated with dairy 

manure in either the fall or spring.  Results are mean values (n = 5) followed by the standard 

error in brackets.  Superscript capital letters indicate significant differences between fields, and 

superscript lowercase letters indicate significant differences over time within fields (p-level 

0.05). 

 Field May 31 June 2 June 4 

Ammonium 

(µg N g
-1

 dry soil) 

Fall
A
 0.3 (0)

b
 0.8 (0.1)

a
 0.7 (0.1)

a
 

Spring
A
 0.4 (0.1)

b
 0.9 (0.1)

a
 0.9 (0.1)

a
 

Nitrate 

(µg N g
-1

 dry soil) 

Fall
B
 22.5 (1.7)

c
 24.2 (1.3)

bc
 21.6 (2.6)

c
 

Spring
A
 35.9 (1.8)

a
 36.8 (2.2)

a
 32.1 (1.7)

ab
 

δ
15

N-NO3
–
 

(‰ rel. AIR) 

Fall
B
 6.3 (0.3)

b
 6.3 (0.4)

b
 6.6 (0.6)

b
 

Spring
A
 6.4 (0.5)

b
 6.8 (0.3)

ab
 9.1 (0.7)

a
 

δ
18

O-NO3
–
 

(‰ rel. VSMOW) 

Fall
B
 –3.0 (0.3)

d
 –2.2 (0.4)

d
 –2.1 (0.3)

cd
 

Spring
A
 –1.0 (0.2)

bc
 –0.4 (0.2)

ab
 +0.3 (0.2)

a
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Fig. 5.1 The biogeochemical reaction pathways that produce and consume N2O, and the location 

of key N-cycling enzymes characterized in this study: ammonia monooxygenase (amoA), 

crenarchaeal ammonia monooxygenase (crenamoA), nitrite reductase (nirS), and nitrous oxide 

reductase (nosZ).   
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Fig. 5.2 Layout of the study site at the Elora Research Station, Ontario, Canada (+43° 38' 36",-80° 24' 57"), showing approximate 

location of micrometeorological instrumentation, soil probes and chambers, and soil sampling.  The topographical base map shown 

here was photographed 2 years prior to the commencement of this study and is provided courtesy of the Grand River Information 

Network, Grand River Conservation Authority (www.grandriver.ca). 
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Fig. 5.3 The top panel (a) shows daily emissions of N2O (± standard error) from two fields fertilized with liquid dairy manure in the 

fall (November 17, 2011) or spring (April 17, 2012).    An equipment malfunction in the Fall Field on June 1–3 is responsible for 

missing data during this period.  The square and triangle symbols on June 3 are emissions (± standard error) calculated from mean 

N2O fluxes measured with static chambers (n = 5 per field).  The bottom panel (b) shows the total daily precipitation (histogram) and 

mean hourly soil temperature and water-filled pore space measured at 5 cm depth in each field (5 min. sampling interval).  Manual 

sampling of microbial and biogeochemical parameters occurred on targeted dates depicted by arrows. 
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Fig. 5.4.  Temporal changes in the abundance (DNA gene copies, a–f) and activity (cDNA transcript copies, g–l) of nitrifier, 

denitrifier, and total bacterial and archaeal communities in the Fall Field (black symbols) and Spring Field (white symbols).  

Abundance and activity were evaluated by quantifying the respective genes and transcripts of ammonia monooxygenase (amoA, a, g), 

crenarchaeal ammonia monooxygenase (crenamoA, b, h), nitrite reductase (nirS, c, i), nitrous oxide reductase (nosZ, d, j), and total 

16S communities in bacteria (e, k) and archaea (f, l).  With the exception of nosZ, all symbols are mean values with n = 5.  Some 

replicates of nosZ were close to the detection limit, so these are a mean of 4 values (or 3 values in one case).  Note the vertical axes of 

the panels showing 16S data have a different scale.  Letters indicate significant differences over time in both fields at p-level 0.05.  

Significant differences between fields only occurred in panels b, f, i, and l. 
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Fig. 5.5 Mean N2O concentrations in the soil at 10, 20, 30, and 50 cm below the surface (solid 

grey fill, upper x-axis).  Corresponding concentration-weighted values of δ
15

N-N2O (‰ rel. AIR, 

triangles) and δ
18

O-N2O (‰ rel. VSMOW, circles) are shown in the lower x-axes.  The top panel 

(a–c) shows the results for the Fall Field and the bottom panel (d–f) shows the results for the 

Spring Field on May 31 (a, d) before the rainfall, and on June 2 (b, e), and June 4 (c, f) after the 

rainfall.  Note that the ambient concentration of tropospheric N2O is 0.325 ppm 

(ALE/GAGE/AGAGE database, Prinn et al., 2000), and its isotopic composition is 6.7‰ (for 

δ
15

N) and 44.6‰ (for δ
18

O) (Kaiser et al., 2003).  Surface flux measurements taken in each field 

from all 5 replicate locations on June 3 and the mean flux-weighted isotope values (open 

symbols) are shown at 0 cm and connected with dashed lines on panels b, c and e, f. 
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Fig. 5.6.  A 3-dimensional illustration of the soil profile showing modelled rates of N2O 

production minus consumption (netN2Op–c), N2O storage (ΔS), and N2O flux (Flux) within 

discrete soil layers of two agricultural fields treated with dairy manure in fall 2011 (a–c) or 

spring 2012 (d–f).  Parameters were modelled before and after a heavy rainfall that occurred on 

June 1 and induced a N2O emission event.  All values are a mean (n = 5) with units of μg N2O-N 

m
-2

 d
-1

 (and the standard deviation in brackets).  There are no values of netN2Op–c and ΔS on the 

first sampling day (a, d) because these parameters are differential rates calculated over time.  

The direction and relative size of the flux across each boundary layer is represented by the 

arrows.
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Fig.5.7. The isotopic composition of N2O in the soil (10 cm depth only) and emitted from the surface.  Prior to the rainfall (grey 

symbols), values in the soil were similar to tropospheric N2O (star symbol).  The production of N2O increased following the rain event 

and values in the soil (white and black symbols) and emitted from the surface (semi-filled symbols) were similar to the newly-formed 

N2O source.  Each symbol represents a single measurement with an analytical uncertainty that is smaller than the symbol.  The range 

of N2O isotope values (the 'boxes') for each production process is explained in Section 5.2.7.  The expected range of N2O formed by 

NH2OH oxidation is based on a limited number of published measurements.  



 

144 
 

Chapter Six: General Discussion and Conclusions 

Research to understand the underlying microbial processes that contribute to N2O emissions 

in soils continues to evolve with new technological advancements and an increased focus in 

interdisciplinary research (Butterbach-Bahl et al., 2013).  Numerous microbial ecology studies 

support the use of N-cycling gene and/or transcript quantification as a proxy for the ability of soil 

microbial communities to produce and consume N2O (Cuhel et al., 2010; Philippot et al., 2009) 

and as indicators of ecosystem functioning and response to management practices  (Hallin et al., 

2009).  The quantification of key N-cycling genes and transcripts involved in nitrification and 

denitrification represents a potential method for predicting soil N2O emissions (Morales et al., 

2010; Petersen et al., 2012) as many functional genes used in molecular analysis are single-copy, 

allowing simple estimates of gene and transcript abundances in biologically relevant scales (e.g. 

copies per g soil).  

Soil microbial communities are functionally diverse, responding to distal and proximal 

regulators of activity and functioning on multiple temporal and spatial scales due to the complex 

heterogeneity of the soil system.  Research regarding the effects of agricultural management on 

these communities is required in order to develop guidelines on ‘best’ practices which may 

mitigate these emissions.  Within microbial ecology research, the ongoing need of field-based 

microbial characterizations of N-cycling gene abundance, community structure, and activity is 

apparent, as we are still trying to understand the complex microbial processes that control 

biogeochemical cycling.  Changes in microbial functional abundance, activity and community 

structure may translate to changes in ecosystem functioning and GHG emissions, evidence for 

which was observed in the research projects comprising this thesis. 
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In this thesis, I investigated the effects of an array of agricultural management practices on 

nitrifier and denitrifier communities to elucidate what management practices may influence 

changes in abundance, activity and community structure of these key communities using 

molecular methods.  Specifically, I examined how perennial and annual agroecosystems and 

agricultural management within these systems, namely crop residue return, ploughing, and liquid 

dairy manure (LDM) application, influenced nitrifier and denitrifier communities responsible for 

N2O production and consumption in soils. 

In chapter 2, I used qPCR to enumerate total bacterial (16S rRNA) and denitrifier gene 

abundances (nirS and nosZ) in annual and perennial biomass cropping systems grown in parallel 

over two years.  Denitrifier gene abundances responded independently of the total bacterial 

community to biomass management, and climate and associated changes in the soil environment 

were large drivers of these communities over the two-year study.  I found that spring harvest of 

perennial crops resulted in larger nirS communities than fall harvest, potentially due to decay of 

senescent leaves over winter.  Contrastingly, nosZ gene abundances were elevated in miscanthus 

compared to a corn-soy rotation, indicating plant-specific influences on these communities.  

Choice of annual or perennial biomass crops, and the harvesting practices used in perennial 

systems also affected the size of these communities, further illustrating the impact farmers’ 

management choices may have on potential N2O emissions in these systems.    

In chapter 3 I targeted denitrifier mRNA transcripts to assess short-term changes in 

denitrifier communities in response to residue management, and found that residue return 

increased the potential activity (mRNA transcripts) of the N2O-reducing community over a 

growing season, indicating that the return of plant residues to soil may help mitigate N2O 

emissions at a larger scale.  Examining these two studies’ results together (chapters 2 and 3) 
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indicates that the abundance of denitrifier transcripts may be controlled over the growing season 

by carbon and nitrogen input quantity and quality, while climatic and soil conditions drive the 

sizes of these communities over multiple years.   

 In chapter 4, I used next-generation sequencing and qPCR to link changes in the 

abundance and structure of nitrifier and denitrifier communities with varied LDM and ploughing 

practices in annual and perennial systems that were associated with differences in field-scale 

N2O fluxes (Abalos et al., 2015).  This study showed specific indicator OTUs and nosZ gene 

abundance were largely responsible for driving differences in these communities, and that 

changes in nitrifier and denitrifier community structure and gene abundances (notably nosZ) 

were associated with observed differences in N2O fluxes over time.  

In chapter 5, I examined short-term changes in the abundance and activity of nitrifier and 

denitrifier communities over a rainfall event.  These measures were then compared with changes 

in measured N isotopes, which provided complementary inferences about the production 

mechanisms of N2O in the field.  Specifically, I found that nitrifying and denitrifying microbial 

communities were actively contributing to measured N2O fluxes in both dry and wet soils.    

Together, this body of research gives a comprehensive picture of the many factors that affect 

the functioning of these communities, and indicates that management practices influence the 

abilities of these communities to produce and consume N2O.  Chapter 2 illustrated increased 

potential of N2O consumption (nosZ) under miscanthus, while increased N2O production (nirS) 

was observed in spring-harvested perennial plots, indicating varying plant-specific controls due 

to carbon and nitrogen inputs on these communities.  Chapter 3 illustrated the potential for 

increased N2O consumption in plots with increased residue return to the soil surface, while 
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chapter 4 illustrated the potential for increased N2O production after the incorporation of plant 

material (ploughing) into soil.  Chapter 4 showed that changes in the abundance and community 

structures of nitrifier and denitrifier communities relate to N2O emissions, and chapter 5 

provided direct molecular and isotopic evidence of the contributions of these communities to 

N2O emission events.   

In an applied sense, these results indicate that perennial and annual agroecosystems and their 

associated management affect nitrifier and denitrifier communities differently, and that changes 

in these communities related to N2O production and consumption in situ.  Overall, the production 

of perennial grasses compared to annual crops may represent an opportunity to mitigate 

agricultural soil N2O emissions.  However, further research is needed to determine the proportion 

of biomass (residues) that can be safely removed from perennial systems and to establish 

sustainable ploughing practices within these systems that will not lead to increased microbial 

N2O production.   

 Combined, these studies highlight the importance of studying these microbial communities 

to obtain a clearer picture of the controls on these communities within the context of creating 

sustainable agricultural production systems, particularly with respect to future climate change.  

Future research focusing on linking changes in nitrifier and denitrifier soil microbial 

communities with agricultural management and associated N2O fluxes within specific climatic 

regions, geographies, and soil types is required in order to better understand the mechanisms 

controlling these communities and to model their responses to determine the fate of N in the soil 

system.  As molecular methods to study these communities are further developed, their use will 

become increasingly common as a means to study biogeochemical cycling on multiple scales.  

Discovering how these communities respond to climatic changes within specific agro-
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ecosystems may provide a more detailed understanding of how land use change and agricultural 

management may be utilized effectively to create best management practices to decrease N 

losses and establish sustainable agricultural production systems. 
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APPENDIX 

 

  
 

Figure A1. Perennial grasses at the Elora Research Station at spring harvest/collection of 

biomass.  Miscanthus (left) was left standing overwinter in spring-harvested plots.  Switchgrass 

(right) was cut in the fall and assembled into windrows for collection of biomass in the spring.  
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