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ABSTRACT 
 
 
 

QUANTIFYING PERIPHERAL NERVE REGENERATION FOLLOWING TAIL 
LOSS IN THE LEOPARD GECKO (EUBLEPHARIS MACULARIUS) 
 
 
 
Jason John Vieira                Advisor: 
University of Guelph, 2014                Dr. M.K. Vickaryous 
 

 Regenerating structures are often broadly characterized as being ‘perfect’ or 

‘imperfect’ replicas of the original. However, the fidelity of regeneration is rarely 

quantified. Here morphometry was used to assess the fidelity of peripheral nerve 

regeneration in the leopard gecko (Eublepharis macularius). It was demonstrated that 

peripheral innervation of the tail is the result of axonogenesis, and not neurogenesis. 

Unexpectedly, in fully regenerated tails the cross-sectional area of peripheral nerves and 

skeletal muscle was significantly greater than in original tails, whereas the cross-sectional 

area of the spinal cord and the white matter of the spinal cord was significantly smaller. 

However, there are no significant differences in the congruence between blood vessels 

and nerves in both original and fully regenerated tails. These data demonstrate that purely 

qualitative evaluations may fail to capture the complexity of the regenerative program 

and indicate that regenerative morphogenesis includes both de novo and conserved 

molecular programs. 
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CHAPTER 1: LITERATURE REVIEW 

Regeneration 

Regeneration is an integrated and dynamic interaction of various biological 

phenomena to restore tissue homeostasis and structural integrity, ultimately resulting in 

the replacement of lost or injured tissues and organs (Carlson, 2007). As a routine 

physiological process, regeneration broadly encompasses the continuous replacement of 

epithelial cells, hair, teeth (in polyphyodont animals) and blood cells (Migliaccio et al., 

1996; Alonso and Fuchs, 2006; Handrigan et al., 2010; Delorme et al., 2012). At the 

opposite extreme, regeneration also occurs following dramatic injury-induced events, 

such as the replacement of a lost limb or tail (Bellairs and Bryant, 1985; Carlson, 2007; 

Alibardi, 2010; McLean and Vickaryous, 2011).  

As a large-scale morphogenetic event, appendage regeneration demonstrates 

several obvious similarities to embryonic development. Following an initial phase of 

wound healing (involving hemostasis and inflammation; Reinke and Sorg, 2012), the 

wound site begins to accumulate a mass of proliferating mesenchymal-like cells. This 

accumulation – the blastema – not only resembles an embryonic limb (or tail) bud, but it 

is also capped by a multilayered epithelium (the wound epithelium) that thickens distally, 

thus approximating the apical epithelial ridge (Alibardi, 2010; Satoh et al., 2010). 

Furthermore, this combination of a mesenchymal core plus an epithelial covering 

ultimately gives rise to the tissues of the replacement appendage (Carlson, 2007; 

Alibardi, 2010).  

While it is tempting to envision appendage regeneration as a simple recapitulation 

of embryonic development, mounting evidence now indicates this is not the case. In 
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particular, data from the study of limb regeneration in axolotls and digit tip regeneration 

in mice show that while cells of the blastema look homogenous, most (if not all) have a 

restricted lineage potential (Kragl et al., 2009; Fernando et al., 2011; Rinkevich et al., 

2011). For example, by grafting tissues from green fluorescent protein (GFP) transgenic 

axolotls (Ambystoma mexicanum) into wild type axolotls, Kragl et al. (2009) 

demonstrated that blastema cells aggregating at the stump of an amputated limb are 

lineage-restricted to their embryonic germ layer. In particular, they observed that most 

regenerated cartilage was derived from original chondrocytes, while most regenerated 

muscle was derived from original myocytes. Similar conclusions were found using 

transgenic mice (upon Cre-mediated excision by tamoxifen application, these transgenic 

mice replaced the expression of tomato red with GFP) to investigate regenerating digit 

tips (Rinkevich et al., 2011). Using these mice, it was determined that following 

amputation, epithelial derived progenitor cells were derived from ectodermal sources 

(such as the epidermis, nail plate, hair follicles and secreting portions of sweat glands), 

while mesodermal derived progenitors were derived from bone, tendons, nail bed, and 

dermis (Rinkevich et al., 2011).  

One of the key contributors to the success of appendage regeneration is the 

nervous system. Along with the wound epithelium, nerves and (in the case of the tail) the 

spinal cord are required for cell proliferation, maintenance of the blastema and 

establishing patterning in the new appendage (Simpson, 1970; Egar and Singer, 1972a; 

Mufti and Simpson, 1972; Whimster, 1978; Christensen and Tassava, 2000; Sánchez 

Alvarado and Tsonis, 2006; Alibardi, 2010; Stocum, 2011). The importance of nerves for 

limb regeneration has been studied in a variety of species for the last 100 years (reviewed 
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in Stocum and Cameron, 2011), but is best understood for adult urodeles (Singer, 1952, 

1942, 1943, 1945, 1946a, 1946b, 1947a, 1947b; Singer and Egloff, 1949; Brockes, 1984; 

Endo et al., 2004; Kumar et al., 2007; Stocum, 2011). Based on these investigations it 

was established that limb regeneration requires an adequate quantity of nerves, although 

whether they are sensory or motor does not appear to matter (Sidman and Singer, 1951; 

Singer, 1952; Singer et al., 1960; Drachman and Singer, 1971). Hence, there is a 

quantitative threshold of innervation (related to the level of amputation): insufficient 

nerve density at the amputation surface precludes limb regeneration (Singer, 1946b, 

1947a, 1947b).  

Limb regeneration also requires an appropriate milieu of growth factors. Some of 

these growth factors known to play important roles in stimulating regeneration include 

transferrin (Munaim and Mescher, 1986; Kiffmeyer et al., 1991; Mescher et al., 1997), 

anterior gradient (AG) protein (Kumar et al., 2007), fibroblast growth factors (FGFs) 

(Alibardi, 2010; Alibardi and Lovicu, 2010), substance P (Anand et al., 1987; Globus and 

Alles, 1990) and glial growth factors (GGFs; Brockes and Kintner, 1986). For example, 

following limb amputation in the newt, newt AG (nAG) protein is expressed by nerves 

and the wound epidermis; in the absence of the nAG protein the limb does not regenerate 

(Kumar et al., 2007). Similarly, transferrin, a protein associated with peripheral nerves 

(Kiffmeyer et al., 1991), stimulates cell proliferation during urodele limb regeneration 

(Mescher et al., 1997). In culture, purified axolotl transferrin stimulates growth of limb 

blastema cells, whereas treatment with antiserum against transferrin blocks proliferation. 

Proliferation can then be restored by the exogenous application of transferrin (Mescher et 

al., 1997). Furthermore, among newts and axolotls, FGFs are known to increase cell 
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proliferation during limb and tail regeneration (Carlone et al., 1981; Albert et al., 1987; 

Boilly et al., 1991; Giampaoli et al., 2003). It was reported that in lizards FGF1 and FGF2 

are expressed by regenerating peripheral nerves (Alibardi and Lovicu, 2010).  

Among urodeles and lizards, the spinal cord is known to play a fundamental role 

in the initiation of tail regeneration (Kamrin and Singer, 1955; Kiortsis and Droin, 1961; 

Simpson, 1964, 1970; Cox, 1969; Whimster, 1978). Unlike mammals, in urodeles and 

lizards the spinal cord passes continuously into the tail (i.e., there is no cauda equina). 

Removal of the spinal cord proximal to the site of tail loss prevents regeneration (Kamrin 

and Singer, 1955; Kiortsis and Droin, 1961; Simpson, 1964; Cox, 1969), whereas 

surgically redirecting the spinal cord or ectopically transplanting segments of regenerated 

spinal cord into muscle tissue results in the growth of a supernumerary tail (Simpson, 

1964; Whimster, 1978). Although the most of the cellular and molecular mechanisms 

controlling regeneration remain poorly understood, the lizard spinal cord does express 

CD59, a cell surface marker associated with the establishment of positional identity 

(Wang et al., 2011), and Pbx4, a protein implicated in patterning the embryonic central 

nervous system (CNS; Wang et al., 2009).  

 
Replication or replacement?  

The ability to regenerate lost appendages is common to a variety of vertebrate 

species including urodele amphibians (e.g., newts and axolotls; limbs and tail), 

premetamorphic frogs (tadpoles; limbs and tail), teleost fish (zebrafish; fin rays), rodents 

and primates (digit tips) and lizards (tail) (Bellairs and Bryant, 1985; Akimenko et al., 

1995; Brockes and Kumar, 2002; Poss and Keating, 2003; Tseng and Levin, 2008; Han et 

al., 2008; G. Lin and Slack, 2008; Muneoka et al., 2008; Slack et al., 2008; Stocum and 
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Cameron, 2011; McLean and Vickaryous, 2011; Kumar and Brockes, 2012). For most of 

these species, the resulting replacement is nearly identical to the original in terms of 

function and structural appearance (although subtle differences in the skeleton, muscular 

system, and distribution of peripheral nerves have been described; Piatt, 1957; Diogo et 

al., 2014). One notable exception to this almost perfect replacement is observed in the 

regenerating tail of lizards. Whereas the replacement tail superficially resembles the 

original (both are tapering conical structures), close inspection reveals a number of 

important differences in the spinal cord (the regenerate tail lacks grey matter), axial 

skeleton (articulating vertebrae in the original, cartilaginous cone in the regenerate), and 

the organization of skeletal musculature (Alibardi, 2010; McLean and Vickaryous, 2011; 

Fisher et al., 2012)). Although functional (Rumping and Jayne, 1996; Z. Lin and Ji, 2005; 

Ritzman et al., 2012), the regenerated tail is qualitatively distinct from the original (i.e., 

heteromorphic). Furthermore, comparative biochemical investigations indicate that 

regenerated tails contain a greater proportion of lipids and a lower proportion of protein, 

compared to original tails (Boozalis et al., 2012).  

One of the most important and commonly employed tools to quantitatively 

investigate and assess the fidelity of regeneration is morphometrics, the analysis of shape 

and dimension. Typical morphometric parameters considered include: cross-sectional 

area (e.g., individual nerve fascicles or axons, individual muscle fiber bundles or muscle 

fibers), tissue compartment diameter (e.g., grey and white matter of the spinal cord), and 

cell counts. In the case of the mammalian peripheral nervous system (PNS), parameters 

such as the number and cross-sectional area of axons, and the cross-sectional area of 

nerves and myelin sheath thickness are frequently used to evaluate peripheral nerve 
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fidelity following regeneration (Vleggeert-Lankamp et al., 2004; da Silva et al., 2007). 

For example, to evaluate the effects of a sciatic nerve crush injury, a standard 

morphometric analysis involves counts of nerve fibers and myelinated axons, diameter 

measurements of axons and nerve fibers (i.e., the axon and its supporting glial cell), and 

cross-sectional area calculations of axons, nerve fibers and muscle fibers before and after 

the injury (Yu et al., 2014).  

At a histological level, morphometric analyses may alternatively employ 

automated (strictly computerized), semi-automated (computerized with user intervention) 

or manual (manual tracing by user) techniques. Both automated and semi-automated 

methods use computer software to mechanically sort or identify (based on thresholding 

and the application of various Boolean rules) one or more parameters of interest. The two 

methods differ in that with automated methods, false positives are removed according to 

previously set guidelines (Romero et al., 2000) whereas semi-automated requires user 

intervention (Auer, 1994; da Silva et al., 2007). Manual methods require direct user 

participation to obtain measurements (Auer, 1994; da Silva et al., 2007). Whereas 

automated methods are quicker to execute when compared to semi-automated or manual 

techniques, they also tend to generate more false positive identifications (Vita et al., 

1992; da Silva et al., 2007; Hunter et al., 2007; Bilego Neto et al., 2013).  

 

Anatomy of the Nervous System 

The anatomy and general organization of the nervous system in lizards is broadly 

similar to that of mammals. The CNS consists of the brain and the spinal cord, while the 

PNS consists of dorsal root ganglia (DRG) and associated axons. Unlike mammals, 
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lizards do not have a cauda equina: the spinal cord passes continuously throughout the 

length of the tail (Gans et al., 1979a). In cross-section, the original spinal cord consists of 

white matter (localized area of predominantly myelinated, but some unmyelinated axons), 

grey matter (localized area of cell bodies), and ependymal cells (cerebral spinal fluid 

contacting cells that surround the central canal in the spinal cord) (Gans et al., 1979a; 

Gilbert et al., 2013). In contrast, the regenerate tail lacks grey matter, but does include 

white matter and a central ependymal layer (Kamrin and Singer, 1955; Simpson, 1968; 

Bellairs and Bryant, 1985; Alibardi and Meyer-Rochow, 1990; Alibardi, 1996; Fisher et 

al., 2012; Gilbert et al., 2013). 

As in mammals, the DRG of lizards are responsible for transmitting sensory 

information from the periphery back to the CNS. DRG contain collections of cell bodies 

from sensory (pseudounipolar) neurons. Each sensory (or primary afferent) neuron 

projects a central branch to cell bodies in the dorsal horn of the grey matter in the spinal 

cord (i.e., interneurons, motor neurons or neurons from ascending tracts within the spinal 

cord) and a peripheral branch (Gans et al., 1979a) to one of the various sensory receptor 

(e.g., mechanoreceptors, Merkel cell neurite complexes and sense organs) (Gans et al., 

1979b; Maclean, 1980; Russell et al., 2014). Following sensory stimulation, sensory 

neurons generate an electrochemical signal that is projected back towards the CNS (i.e., 

the spinal cord or brain) (French and Torkkeli, 2012).  

Similar to mammals, motor (or primary efferent) neurons in lizards provide 

innervation to muscles and thus are responsible for muscle contraction. Motor neuron cell 

bodies are located in the ventral horn of the grey matter in the spinal cord, and their axons 

project to target tissues (i.e., skeletal muscle) in the periphery (Cristino et al., 2000a). 
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Cell bodies of motor neurons receive inputs from supraspinal neurons, the brain, or 

interneurons within the spinal cord (Gans et al., 1979a; Darby and Frysztak, 2014).  

Lizard tail function is facilitated by both sensory and motor neuron innervation. In 

the original tail, sensory and motor nerve branches from each vertebral segment provide 

overlapping innervation to three caudally adjacent segments (Pannese, 1963; Alibardi, 

2010). Since DRG do not regenerate, the replacement tail of lizards is innervated by 

axons extending from the three most caudal vertebral segments and DRG of the original 

tail remnant (stump) (Bellairs and Bryant, 1985; Duffy et al., 1992; Geuna et al., 1998; 

Cristino et al., 2000b; Alibardi, 2010).  

 

Neurofilaments 

One of the major structural (cytoskeletal) components of neurons in both the CNS 

and PNS is a category of intermediate filaments known as neurofilaments. 

Neurofilaments are present in perikarya and dendrites, but are most abundant in axons. 

These cytoskeletal components are involved in axon radial growth during development, 

axon caliber maintenance and nerve conduction (Yuan et al., 2012). In mammals, 

neurofilaments are composed of three subunits: heavy chain (200 kDa); medium chain 

(160 kDa); and light chain (68 kDa) (Phillips et al., 1983; Lasek and Phillips, 1985; 

Perrot et al., 2008). Among lizards, fish and newts, only two subunits have been reported 

(Lasek and Phillips, 1985), a heavy-medium chain (160 kDa) and light chain (68 kDa) 

(Phillips et al., 1983). All subunits share a common tripartite structure (a head domain, an 

α-helical rod domain and a tail domain), but show differences in the length of the tail 
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domain. The light chain subunit has the shortest tail domain, whereas the heavy chain 

subunit has the longest (Perrot et al., 2008).  

Assembly and function of neurofilaments is regulated by phosphorylation, with 

head domain phosphorylation promoting neurofilament disassembly (Hisanaga et al., 

1990; Hashimoto et al., 2001), and tail domain phosphorylation promoting neurofilament 

assembly and regulating axonal transport (Ackerley et al., 2003). The extent of 

phosphorylation for each subunit corresponds to the length of the tail domain, with the 

heavy chain subunit having the greatest number of phosphorylation residues (Carden et 

al., 1985; V. Lee et al., 1987; Mencarelli and Bugnoli, 1987). Phosphorylation of the tail 

domain is associated with cross-bridge formation between other neurofilaments and 

microtubules, the expansion of axonal caliber, slowing of subunit transport along the 

axon, and neurofilament integration (Nixon et al., 1982; Sternberger and Sternberger, 

1983; Nixon and Logvinenko, 1986; Glicksman et al., 1987; Myers and Lazzarini, 1987; 

Lewis and Nixon, 1988; Hisanaga and Hirokawa, 1990; Ackerley et al., 2003). Cross-

bridges are formed by lateral projections (from the filament backbone) of tail domains 

from heavy and medium chain subunits and function by providing structural support to 

the axon (Hirokawa, 1982; Hirokawa et al., 1984; Gotow et al., 1994).  

 

The Interrelationship Between Nerves and Muscle 

The dependent relationship between nerve and muscle tissues is demonstrated by 

the mechanisms that facilitate appendage function and by muscle denervation. The 

functional connection between a neuron and other cell types is known as a synapse. At 

the synapse, neurotransmitters (such as acetylcholine and N-acetylaspartylglutamate) are 
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released from the presynaptic cell and then bind to receptors on the adjacent postsynaptic 

cell, thereby transmitting a chemical signal from one cell to the next (Walder et al., 

2013). At the motor axon terminal this chemical signal is transmitted to a muscle fiber via 

a specialized synapse known as a neuromuscular junction (Walder et al., 2013). At the 

neuromuscular junction, neurotransmitters are released from the presynaptic cell (i.e., 

motor axon terminal) and bind to their corresponding receptors on the postsynaptic cell 

(i.e., the muscle fiber). This chemical signal propagation provides the stimulus for muscle 

fiber contraction. When signal propagation is disrupted (i.e., when muscles are 

denervated), muscle fiber contraction is inhibited and the associated muscle fibers 

atrophy, gradually reducing their cross-sectional area (Fu and Gordon, 1995). 

Denervation also has a profound effect on the type of muscle that will develop. For 

example, if the soleus and the gastrocnemius medialis muscles of 8-days-old rabbits are 

denervated and then left to recover, slow-type muscles (slow twitch fibers) preferentially 

differentiate over fast-type muscles (fast twitch fibers) (D’Albis et al., 1994).   

 

The Interrelationship Between The PNS and CNS 

Ultimately, the CNS acts to modulate/regulate the function of the PNS. 

Electrochemical signals generated in the brain are transmitted via the spinal cord and 

distributed to skeletal muscle targets in the periphery (via the PNS) causing muscle 

contraction (Nolte, 2009a, 2009b; Darby and Frysztak, 2014). Electrochemical signals 

generated in the periphery (i.e., sensory signals) are transmitted (via the PNS) back to the 

CNS (i.e., the spinal cord) where they are either routed into a reflex circuit (i.e., 

synapsing on a motor neuron to cause a reflex muscle contraction) or transmitted towards 
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the brain (Nolte, 2009a, 2009b; Darby and Frysztak, 2014). One example of the adaptive 

nature of the relationship between the CNS and PNS is the variation in diameter along the 

length of the spinal cord. Among vertebrates with limbs, the spinal cord demonstrates 

conspicuous enlargements, medially adjacent to each set of appendages (Gans et al., 

1979a; Agur and Dalley, 2009). These enlargements correspond to larger pools of cell 

bodies in the grey matter associated with neurons innervating the limbs (Mchanwell and 

Watson, 2009). Conversely, limbless species (e.g., snakes) lack any spinal cord 

enlargements (Gans et al., 1979a).  

 

Neurovascular Congruence 

It has long been understood that nerves and blood vessels share a parallel, if not 

overlapping, pattern of distribution throughout much of the body. Termed neurovascular 

congruence or neurovascular association, this aligned relationship is first established 

during embryonic development and maintained throughout adulthood (Segura et al., 

2009; James and Mukouyama, 2011). Commonly cited examples of neurovascular 

congruence include the femoral nerve and artery, the intercostal nerve and artery, the 

median nerve and brachial artery, and hypoglossal nerve and internal carotid artery (Agur 

and Dalley, 2009). However, numerous additional examples can found throughout the 

body, including nerves and blood vessels supplying the diaphragm (Correa and Segal, 

2012), skeletal muscles (Bearden and Segal, 2005) and skin (Mukouyama et al., 2002). 

Functionally, this association provides oxygen and nutrients for nerves and tissues, while 

the activity of the nerves exerts control over vascular tone (James and Mukouyama, 

2011). 
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During development, the mechanisms establishing neurovascular congruency vary 

with the tissues involved. In some instances, blood vessels guide axons. For example, as 

the internal and external carotid arteries are formed, resident smooth muscle cells release 

diffusible factors including artemin (ARTN) and neurotrophin 3 (NT-3), which act as 

guidance cues for sympathetic axon extension from superior cervical ganglia (Honma et 

al., 2002; Kuruvilla et al., 2004; Glebova and Ginty, 2005; James and Mukouyama, 

2011). Subsequently, these axons innervate targets throughout the head including salivary 

glands, lacrimal glands, pineal glands, and blood vessels of the skin and mucosa. This 

was clearly demonstrated in a study in which ARTN-soaked beads were implanted into 

mouse embryos, resulting in sympathetic neuroblasts redirecting their axons toward the 

implant (Honma et al., 2002). Similarly, NT-3 promotes the survival of local sympathetic 

axons, and their alignment with blood vessels by acting on NT-3 receptors such as 

tyrosine kinase A and p75NTR (Francis et al., 1999; Kuruvilla et al., 2004).  

Alternatively, as in the case of the limb skin of embryonic mice, axons may 

provide guidance for arteries (but not veins). For example, in mutant mouse embryos that 

lack sensory nerves in the skin, or have disorganized nerve networks, the cutaneous 

arteries either fail to for or match the chaotic pattern of nerve distribution (Mukouyama et 

al., 2002). One of the main molecular factors released by nerves (and glial cells) that 

influence the growth patterns of blood vessels is vascular endothelial growth factor A 

(VEGF). VEGF is widely recognized as a potent pro-angiogenic factor, involved in the 

proliferation and migration of endothelial cells (Coultas et al., 2005; Mukouyama et al., 

2005). VEGF also acts on the PNS, stimulating Schwann cell proliferation (Schratzberger 

et al., 2000) and axonal outgrowth (Sondell et al., 1999, 2000).  
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Neurovascular alignment is also governed by the metabolic and electrical 

demands of target tissues. While hypoxic tissues release VEGF, stimulating angiogenesis 

(Carmeliet, 2003), aneurogenic target tissues release nerve growth factor (NGF), 

recruiting axons (Goodman and Shatz, 1993). These growth factors are down-regulated 

once normoxia/re-innervation is established (Goodman and Shatz, 1993; Carmeliet, 

2003). In addition to the direct induction via target tissues, nerve and blood vessel 

outgrowth is also mediated by factors present in the surrounding extracellular 

environment. In order for axons to navigate long distances (i.e., distances that are orders 

of magnitude greater than the diameter of the neuronal cell body), the overall trajectory is 

divided into small segments of outgrowth, each of which is mediated by signaling cues 

from the local extracellular environment (Tessier-Lavigne and Goodman, 1996). 

Endothelial cell migration is induced by similar extracellular signaling cues in the local 

environment, triggering similar segmental migration patterns, paralleling those of axons 

(Carmeliet and Tessier-Lavigne, 2005).  

The extracellular matrix molecules responsible for both axon and endothelial cell 

guidance include netrins, slits, ephrins, and (most notably) semaphorins (Carmeliet and 

Tessier-Lavigne, 2005; Adams and Eichmann, 2010). Depending on the complement of 

receptors expressed or the intracellular environment of the outgrowing axon or migrating 

endothelial cell, the abovementioned signaling factors act to repel or attract the 

navigating cells (Song et al., 1998; Song and Poo, 2001; Dickson, 2002; Carmeliet and 

Tessier-Lavigne, 2005; Negishi et al., 2005). For example, the semaphorin family of 

guidance molecules are either membrane bound or diffusible and act to repel or attract 

outgrowing axons or endothelial cells (Tessier-Lavigne and Goodman, 1996; Carmeliet 
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and Tessier-Lavigne, 2005). In the case of outgrowing axons, semaphorin derived 

repulsion is mediated in part by the plexin and neuropilin family of receptors (Chen et al., 

1997; He and Tessier-Lavigne, 1997; Huber et al., 2003; Fujisawa, 2004). Essentially, 

receptor binding of semaphorin initiates a signaling cascade that leads to axon growth 

cone collapse (Negishi et al., 2005), effectively repelling the axon growth cone into a 

more permissive direction. However, some evidence suggests that some semaphorin 

molecules can act as attractants. For example, in cultured Xenopus spinal neurons, the 

repulsive effect of semaphorin III was converted to an attractive effect following the 

activation of intracellular cGMP and cAMP signaling pathways (Song et al., 1998). In the 

case of outgrowing blood vessels, some semaphorin molecules act to repel endothelial 

cells (Carmeliet and Tessier-Lavigne, 2005) via the neuropilin family of receptors (Miao 

et al., 1999). For example, following semaphorin III binding of neuropilin-1 receptors in 

cultured porcine aortic endothelial cells, endothelial cell motility is inhibited via the 

disruption of its dynamic cytoskeleton (Miao et al., 1999). Conversely, other semaphorin 

molecules act to attract migrating endothelial cells via the plexin family of receptors 

(Basile et al., 2004). Semaphorin IV treatment (via plexin-B1 receptor) of porcine aortic 

endothelial cells cultured on a reconstituted basement membrane caused endothelial cell 

migration toward the soluble semaphorin 4 (Basile et al., 2004).  

 

Nerve Regeneration 

The re-establishment of nerve connections following injury involves two distinct 

processes: neurogenesis and axonogenesis. Neurogenesis is a de novo process of neuron 

generation, migration and maturation from neural stem/progenitor cells (Gage, 2000; Yao 
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et al., 2012; Ji et al., 2013; Sawada et al., 2014). Neural stem/progenitor cell populations 

have been identified in the subventricular zone of the lateral ventricles and the 

subgranular zone of the dentate gyrus of the mammalian brain that are capable of self-

renewing and differentiating into neurons and glial cells (Ming and Song, 2005; Lledo et 

al., 2006; Yao et al., 2012). In vitro studies also suggest that a stem/progenitor cell-like 

population (i.e., self-renewing and multipotent) is also present in mammalian spinal cords 

(Weiss et al., 1996; Sabelström et al., 2013). When cells derived from rat spinal cord 

were plated and treated with epidermal growth factor (EGF) and FGF2, proliferation 

ensued and spherical colonies (neurospheres) were formed. Removal of growth factors 

induced these colony-forming cells to differentiate into neurons, astrocytes and 

oligodendrocytes (Gritti et al., 1996). Among non-mammalian species (e.g., teleost fish 

and urodeles), ependymal cells have been identified as the neural stem/progenitor cells 

population of the spinal cord (Anderson and Waxman, 1985; Arsanto et al., 1992; 

Benraiss et al., 1999; Takeda et al., 2008). Hence, these cells are capable of proliferation, 

self-renewing and, most importantly, are multipotent. As a result, these endogenous 

populations provide the capacity for neurogenesis and the restoration of all damaged/lost 

CNS and PNS structures.  

Axonogenesis is characterized by the growth and extension of axons from pre-

existing neurons (Sakakibara et al., 2013; Shea and Lee, 2013). Although axonogenesis 

may participate alongside neurogenesis, such as during embryonic development (Glebova 

and Ginty, 2005), it also occurs as an independent process (Duffy et al., 1990, 1992; 

Mchedlishvili et al., 2012). Like neurogenesis, axonogenesis requires a number of 

molecules acting to initiate and maintain outgrowing axons (Glebova and Ginty, 2005; 
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Twiss and van Minnen, 2006; Hou et al., 2008; Stuermer, 2011). Examples of these 

required molecules include FGF, NGF, brain derived neurotrophic factor (BDNF), ciliary 

neurotrophic factor (CNTF) and VEGF (Sondell et al., 1999, 2000; Sleeman et al., 2000; 

Zhang et al., 2000; Alibardi and Lovicu, 2010; Yu et al., 2014). During axonogenesis, the 

outgrowing end or terminal forms a growth cone with many cellular processes (i.e., 

filopodia) (Tessier-Lavigne and Goodman, 1996; Kaplan et al., 2009). Filopodia probe 

the surrounding extracellular environment for attractive (contact attraction and 

chemoattraction) or repulsive (contact repulsion and chemorepulsion) guidance cues 

(Tessier-Lavigne and Goodman, 1996; Kaplan et al., 2009). Among the molecules known 

to play a role in axon guidance during axonogenesis are ARTN, NT-3, semaphorins, 

ephrins, slits and netrins (Dickson, 2002; Honma et al., 2002; Kuruvilla et al., 2004; 

Carmeliet and Tessier-Lavigne, 2005). Curiously, some guidance cues may act as both an 

attractant or a repellant, depending on the receptors expressed by the outgrowing axon 

(Song and Poo, 2001; Carmeliet and Tessier-Lavigne, 2005). Typically, contact 

attraction/repulsion molecules are membrane bound whereas 

chemoattractive/chemorepulsive molecules are soluble and act over larger distances 

(Tessier-Lavigne and Goodman, 1996; Kaplan et al., 2009). Once the innervation target 

(i.e., specialized sensory cells, or muscle fibers) is reached, the growth cone forms 

synaptic contacts, thus establishing a functional connection (Tessier-Lavigne and 

Goodman, 1996).  
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Mammalian PNS Regeneration  

Following peripheral nerve injury (e.g., crush or transection) the mammalian PNS 

is, under some circumstances (depending on the nature and magnitude of the injury), able 

to regenerate. However, repair is typically far from perfect. Maintenance of the 

connective tissue sheaths – the endoneurium, perineurium and epineurium – is a key 

factor facilitating functional recovery following axonotmesis, a form of crush injury 

wherein the axon is disrupted but the nerve coverings are preserved. Successful 

restoration from these types of lesions is also influenced by the degree of disorganization 

within the sheaths, as well as the distance to the target (Allodi et al., 2012; Tos et al., 

2013). A more severe form of injury is neurotmesis, a complete transection of nerve 

continuity. Even with surgical repair, neurotmetic wounds are often characterized by 

misguided axon regeneration and incorrect target reinnervation (Valero-Cabré and 

Navarro, 2002; Allodi et al., 2012). Both axonotmetic and neurometic injuries undergo 

Wallerian degeneration distal to the lesion. Wallerian degeneration begins immediately, 

starting with the disassembly of the axonal cytoskeleton, and chromatolysis of the injured 

neuronal soma (Allodi et al., 2012; Tos et al., 2013). Depending on the injury location 

along the axon, apoptosis of the entire neuron can occur (Xu et al., 2010).  

During Wallerian degeneration, dedifferentiated Schwann cells (followed by 

macrophages) facilitate the removal of myelin and cellular debris (Brück, 1997; H. K. 

Lee et al., 2009). Wallerian degeneration is necessary to eliminate the inhibitory 

molecules secreted by damaged nerve tissue and debris, thereby creating a regeneration 

permissive microenvironment (Saxena and Caroni, 2007; Allodi et al., 2012). Wallerian 

degeneration is followed by chromatolysis, a series of morphological changes to the 
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neuronal cell body (Geuna et al., 2009). Chromatolysis is characterized by: the 

redistribution/dissolution of Nissl bodies (i.e., the basophilic neurotransmitter synthetic 

machinery); nuclear migration toward the cell body periphery; cell body, nucleolus and 

nuclear swelling; and dendritic retraction (Fenrich and Gordon, 2003; Allodi et al., 2012; 

Tos et al., 2013). In addition, there is a conspicuous switch in protein production, from 

proteins affiliated with neurotransmitter release and synthesis (e.g., choline 

acetyltransferase) to those required for axonal reconstruction including the cytoskeleton 

(e.g., actin and tubulin) and growth (e.g., GAP-43) (Tetzlaff et al., 1988; Schreyer and 

Skene, 1991; Fu and Gordon, 1997; Tos et al., 2013).  

During PNS regeneration in mammals, axonogenesis occurs but there is no 

evidence for neurogenesis (M. Wood et al., 2011). Under optimal conditions (i.e., once an 

unobstructed pathway is established by Schwann cells) axon outgrowth occurs at nodes 

of Ranvier proximal to the injury at an average rate of 1 - 3 mm/day (Gutmann and 

Guttmann, 1942; Sunderland, 1947; Tos et al., 2013). Concurrent with extension, axons 

radially expand to match the diameter of the proximal segment (Devor and Govrin-

Lippmann, 1979); following target innervation radial expansion may continue (Gordon 

and Stein, 1982a, 1982b).  

Unfortunately, as determined by various metrics, including axon counts, axon 

remyelination and functional outcome measures (e.g., sciatic functional index or muscle 

electromyogram; EMGs), the fidelity of mammalian PNS regeneration is poor following 

axonotmesis or neurotmesis: typically only 50% of injured axons regenerate (Daneyemez 

et al., 2005; Jivan et al., 2006; Secer et al., 2008; Welin et al., 2008; M. Wood et al., 

2011; Sulaiman and Gordon, 2013). Among the many obstacles to PNS regeneration are 
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physical barriers, including the interruptive deposition of collagen (Siironen et al., 1995) 

and other extracellular matrix (ECM) proteins (e.g., chondroitin sulphate proteoglycans; 

(Zuo et al., 1998) and tenascin C (Pizzi and Crowe, 2007)), and the presence of pro-

inflammatory cytokines such as transforming growth factor-beta1 (TGF-β1; Davison et 

al., 1999). Furthermore, the time between injury and reinnervation also influences 

functional recovery. For example, the longer the time interval between denervation and 

reinnervation of target tissues, the poorer the functional recovery (Gordon et al., 2011).  

 

Urodele PNS Regeneration and Fidelity 

The initiation of appendage regeneration in urodeles (newts, axolotls) requires the 

regeneration of peripheral nerves. Following limb amputation, both sensory and motor 

nerves invade the blastema (Singer, 1949; Salpeter, 1965) and both are individually 

capable of forming and maintaining the blastema’s proliferative state (Stocum, 2011). In 

addition to peripheral nerves, blastema formation is also dependent on the presence of an 

apical epidermal cap (AEC; i.e., the thickened wound epidermis). If mature skin is 

grafted over an amputation site and the formation of an AEC is prevented, then blastema 

formation is prevented (Goss, 1956a, 1956b; Tassava and Garling, 1979). Although the 

AEC is established independent of peripheral nerves, subsequent maintenance of this 

structure requires peripheral nerve innervation (Stocum, 2011).  

In urodeles, nAG proteins mediate the relationship between the AEC and 

peripheral nerves, thus facilitating early blastema formation. Within the first two weeks 

following limb amputation in the newt, Schwann cells and the AEC express the nAG 

protein in in the presence of axons (Kumar et al., 2007). Denervation via proximal nerve 
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transection, abolishes amputation-induced nAG protein expression in both Schwann cells 

and the AEC of the newt regenerating limb, thereby preventing limb regeneration (Kumar 

et al., 2007). However, regeneration can be rescued if a plasmid containing nAG is 

electroporated into the denervated (and amputated) limb (Kumar et al., 2007). Currently, 

the mechanism of action of the nAG protein remains unclear. In vitro work demonstrated 

that nAG acts as a ligand for the Prod1 receptor of blastema cells (Kumar et al., 2007). It 

is through this receptor that nAG works to facilitate initial blastema cell proliferation, 

providing molecular evidence for the initial dependence of the blastema on peripheral 

nerves. After the initial period of blastema formation and proliferation, the nerve 

dependence of the regenerating limb is lost and denervation no longer precludes the 

reconstitution of the limb (Singer and Craven, 1948).  

 Evidence suggests that regeneration of the PNS in the urodele tail involves both 

neurogenesis and axonogenesis. Using bromodeoxyuridine (BrdU) pulse chase 

experiments, it has been revealed that neuronal cell body rich structures (e.g., DRG and 

grey matter) are restored from endogenous populations of neuronal stem/progenitor cells 

following tail amputation (Benraiss et al., 1999; Mchedlishvili et al., 2012). In particular, 

proliferating (BrdU+) cells co-localize with neuronal and glial cell markers (i.e., neuron 

specific enolase and glial fibrillary acidic protein; Benraiss et al., 1999). Subsequently, 

axonogenesis occurs as evidenced by axonal sprouting from regenerate DRG and spinal 

cord (Arsanto et al., 1992). These sprouts extend and expand to become the regenerate 

peripheral nerves that innervate target tissues of the replacement structure (Arsanto et al., 

1992; Mchedlishvili et al., 2012). Furthermore, the number and spacing of regenerate 
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DRG along the replacement spinal cord matches that of the original appendage 

(Mchedlishvili et al., 2012).  

Unlike the tail, regeneration of the urodele limb only requires axonogenesis. Limb 

amputation only severs peripheral nerve axons, leaving their corresponding cell bodies 

(in the DRG and grey matter of the spinal cord) undamaged. Hence, there is no obvious 

need for neuronal cell body regeneration or neurogenesis for that matter. Regenerate 

peripheral nerves sprout and extend from the original peripheral nerves in the original 

limb stump via axonogenesis (Singer, 1952; Scadding, 1988; Kragl et al., 2009; Kumar 

and Brockes, 2012). Interestingly, although peripheral nerves are present in the 

regenerate, their pattern of distribution is not identical to the original (Piatt, 1957) 

 

Lizard PNS Regeneration and Fidelity 

Regeneration of the PNS in the lizard tail is reportedly similar to that of urodeles, 

although DRG and grey matter are not replaced (Hughes and New, 1959; Pannese, 1963; 

Bellairs and Bryant, 1985; Duffy et al., 1990, 1992; Cristino et al., 2000c; Fisher et al., 

2012). Hence, neurogenesis appears to be absent from the lizard tail regeneration 

program. Although a single report has raised the suggestion that neurogenesis may take 

place during tail regeneration (Zhou et al., 2013), this interpretation was based solely on 

the expression of one neuronal stem/progenitor cell marker (the intermediate filament 

nestin), and thus falls short of a compelling demonstration of de novo nerve cell 

formation.  

Despite the absence of regenerate DRG, the regenerate tail maintains its function 

(Martin and Avery, 1998; Alibardi, 2010; Fisher et al., 2012; Ritzman et al., 2012). 
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Previous studies have revealed that peripheral nerves of the regenerate tail originate from 

cell bodies in the DRG and ventral horn of the spinal cord in the original tail stump 

(Hughes and New, 1959; Pannese, 1963; Alibardi and Miolo, 1990; Duffy et al., 1990, 

1992; Cristino et al., 2000b, 2000c). During regeneration, DRG and ventral horn cell 

bodies extend their axons into regenerating tissue (Hughes and New, 1959; Duffy et al., 

1992; Cristino et al., 2000b, 2000c; Fisher et al., 2012). Interestingly, cell bodies 

participating in axonogenesis are known to undergo substantial hypertrophy, suggesting a 

possible compensatory mechanism for addressing the absence of new neurons (Geuna et 

al., 1998; Cristino et al., 2000b, 2000c). However, quantitative analyses of peripheral 

nerve fidelity following regeneration have yet to be conducted.  
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RATIONALE 

Among vertebrates, the ability to regenerate lost tissues and organs is common to 

many species of teleost fish, urodeles (salamanders and newts) and lizards. Many 

salamanders and newts are reportedly able to perfectly regenerate, i.e., the replacement 

structure is identical to the original. Conversely, tail-regenerating lizards reportedly 

undergo an imperfect form of regeneration, such that the replacement structure is not 

identical to the original. In the literature, these characterizations are based on 

morphological observations and are therefore subjective and oversimplify the 

regeneration process. To date, objective investigations employing quantitative methods to 

measure the extent to which something is faithfully regenerated or reproduced are rare. 

Using morphometrics, we provide the first quantitative evaluation of peripheral nerve 

fidelity following regeneration. To assess regenerative fidelity we used morphometrics, 

with significant differences in quantitative parameters between original and replacement 

structures indicating non-identical reproduction. Building on previously observed 

morphological differences between original and fully regenerated tails, it was 

hypothesized that peripheral nerve regeneration is not a recapitulation of development.  

. 

To test this hypothesis two objectives were investigated: 

1. To quantitatively assess peripheral nerve fidelity in the regenerate tail using 

morphometry in conjunction with immunohistochemistry. 

2. To quantitatively compare neurovascular congruence in the original and 

regenerate tails using immunofluorescence. 
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CHAPTER 2: MATERIALS AND METHODS 

Animal Care 

All leopard geckos were captive bred obtained from a commercial supplier 

(Global Exotic Pets, Kitchener, Canada). The University of Guelph Animal Care 

Committee approved all protocols involving animals (protocol number 09R026). Geckos 

were housed individually in standard rat enclosures in the Central Animal Facility or the 

Aqualab at the University of Guelph, following the husbandry protocol of Vickaryous 

and Mclean (2011). Briefly, geckos were maintained on a 12:12 photoperiod and room 

temperature was maintained at 24-27 degrees Celsius (ºC). A heat cable was placed under 

one end of the enclosure and set to a temperature of 28ºC to establish a thermal gradient. 

Enclosures were cleaned each week at which point the geckos were weighed and 

measured (tail length, regenerate tail length and snout-to-vent length). Water was 

changed twice weekly and the geckos were fed gut-loaded mealworms (larval Tenebrio 

sp.) dusted with powdered calcium supplement once daily.  

 

Tail Collection 

All tails were collected via autotomy (see McLean & Vickaryous, 2011). 

Autotomy is a naturally evolved anti-predation mechanism that permits a lizard to self-

detach or dissociates a portion of the tail. Once the tail is autotomized, the site of tail loss 

spontaneously initiates a regenerative program involving scar-free wound healing and the 

functional restoration of multiple tissue types (Delorme et al., 2012). To induce 

autotomy, geckos were restrained by hand with only the tail exposed. Using the thumb 

and index finger, a firm pinch was applied to a position roughly halfway along the tail. 
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This stimulus causes the gecko to autotomize the tail. These specimens represent the 

original tail samples. A different set of geckos that were permitted to regenerate 

replacement tails for at least a period of 30 days, were then subjected to a second 

autotomy (this time at a position towards the base of the tail). These specimens represent 

the fully regenerated tails.  

 

Experimental Design  

To investigate the fidelity of peripheral nerve regeneration, we randomly selected 

a total of eight tails, four original and four fully regenerated, for histological analysis. 

Each tail was subdivided into thirds (proximal, middle and distal segments) due to the 

tapering nature of both original and regenerate tails. Segments were then embedded in 

paraffin wax (see below). Subsequently, each segment was serially sectioned and 

mounted onto gelatin coated glass slides. We randomly selected four slides from each 

segment for immunohistochemistry, and four slides from each segment for 

immunofluorescence. An observer blinded to the specimen type randomly imaged five 

fields of view (see below) per slide for a total of 480 fields of view for 

immunohistochemistry and 480 fields of view for immunofluorescence. The sample size 

for the current study was chosen based on previous work (Geuna et al., 1998; Boozalis et 

al., 2012) and having statistical power of 80% (two-tailed α = 0.05). A summary of the 

experimental design is illustrated in figure 1. All experimental procedures occurred at 

room temperature (~23ºC) unless otherwise specified.  
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Histological Tissue Preparation 

Following autotomy, tails (original and fully regenerated) were fixed with 

PROTOCOLTM 10% neutral buffered formalin (Fisher Scientific Company; Ottawa, 

Canada) for ~20 hours, then rinsed in distilled water, segmented into thirds (proximal, 

middle and distal segments), and stored in 70% ethanol. Using an automated tissue 

processer (Excelsior ES tissue processor; Thermo Scientific; Ottawa, Canada), segments 

were dehydrated with 100% isopropanol (at 30ºC), cleared in xylene (at 30ºC), and 

infiltrated with paraffin wax (at 62ºC). After tissue processing, segments were embedded 

in paraffin wax (HistoStar embedding station; Thermo Scientific; Ottawa, Canada), 

sectioned at a 5µm thickness (HM 355S Automatic Microtome; Thermo Scientific; 

Ottawa, Canada) and mounted on charged slides (Surgipath X-tra; Leica Microsystems; 

Ontario, Canada). Slides were dried overnight in incubator at 37ºC, and stored until use.  

 

Immunohistochemistry 

Randomly selected slides from each tail segment were hydrated (submerged in 

100% isopropanol followed by de-ionized H2O; dH2O) and then tissue sections were 

quenched for 30 minutes with 3% H2O2 in dH2O, rinsed in dH2O, and then washed three 

times (2 minutes each) with 1X phosphate buffered saline (PBS; 10X Dulbecco’s PBS 

stock solution diluted with dH2O; Sigma-Aldrich; Oakville Canada). Slides were then 

blocked for 1 hour in 3% normal goat serum (Vector Laboratories; Burlington, Canada) 

diluted in PBS (Sigma-Aldrich; Oakville, Canada) before being incubated overnight at 

4ºC with mouse monoclonal RT97 antibody (Hybridoma Bank; Illinois, USA) at a 

dilution of 1:100 in PBS. The RT97 antibody was used as it was specific to axons and 



	  27	  

enabled peripheral nerve identification. The following day, slides were rinsed three times 

with PBS (2 minutes each), and then incubated for 1 hour with biotin-conjugated goat 

anti-mouse antibody (Vector Laboratories; Burlington, Canada), at a dilution of 1:200 in 

PBS. Slides were rinsed with PBS and incubated for 1 hour with streptavidin-conjugated 

horseradish peroxidase (Jackson ImmunoResearch Laboratories, Inc.; Pennsylvania, 

United States), at a dilution of 1:200 in PBS, rinsed with PBS and then incubated for 20 

seconds with 3,3’-diaminobenzidine (DAB; Vector Laboratories; Burlington, Canada) 

diluted in 5 mL of dH2O. Slides were rinsed in dH2O, counterstained for 1 minute with 

Mayer’s Hematoxylin solution (Sigma-Aldrich; Oakville, Canada), rinsed in dH2O and 

differentiated in ammonium hydroxide (Fisher Scientific Company; Ottawa, Canada). 

Following staining, slides were dehydrated in 100% isopropanol, cleared in xylene, and 

coverslipped using Cytoseal XYL mounting media (Thermo Fisher Scientific; 

Mississauga, Canada).  

 

Immunofluorescence 

Randomly selected slides from each tail segment were prepared as described 

above, exclusive of the quenching step, until the application of the primary antibodies. 

Following the blocking step, slides were incubated overnight at 4ºC with mouse 

monoclonal RT97 antibody (Hybridoma Bank; Illinois, USA; 1:50 in PBS) and rabbit 

polyclonal anti-von Willebrand Factor (vWF) antibody (Dako; Burlington, Canada; 1:500 

in PBS). RT97 is a marker of neurofilaments commonly employed to identify axons, 

whereas vWF is a marker of endothelial cells, enabling the identification of blood vessels. 

The following day, slides were washed three times with PBS (2 minutes each), incubated 
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in the dark for 1 hour with Alexafluor 488-conjugated goat anti-mouse secondary 

antibody (Life Technologies Inc.; Burlington, Canada; 1:400 in PBS) and Cy3-

conjugated goat anti-rabbit secondary antibody (Life Technologies Inc.; Burlington, 

Canada; 1:400 in PBS). Slides were then washed with PBS, incubated in the dark for 2 

minutes with 4’,6-diamidino-2-phenylindole, dihydrochloride (DAPI; Life Technologies; 

Burlington, Canada; 1:10,000 in PBS), rinsed with dH2O (2 minutes), coverslipped using 

fluorescence mounting media (Dako; Burlington, Canada) and left to dry. Dried slides 

were stored at 4ºC in the dark until visualization. 

 

Western Blotting Tissue Preparation and Quantification 

Three gecko tails were used for western blot analysis. Collected tail tissues were 

immediately flash frozen in liquid nitrogen and stored at -80ºC for later use. Tissue 

preparation involved sonication with a generator (Misonix Microson Ultrasonic Cell 

Disruptor XL 2000; Qsonica, LLC; Connecticut, USA) and a converter with attached 

probe (Misonix Ultrasonic Converter (serial No. C5066); Qsonica, LLC; Connecticut, 

USA) in a protein lysis buffer (10 mM Tris, 5 mM EDTA, 50 mM NaCl, 30 mM Na4P2O7 

and 1% v/v Triton X-100) at pH 7.6 containing the following protease inhibitors per 1 

mL of protein lysis buffer: 5 mg aprotinin (Sigma-Aldrich; Oakville, Canada), 174.2 mg 

phenylmethylsulfonyl fluoride (PMSF; Sigma-Aldrich; Oakville, Canada), 36.7 ng 

sodium orthovanadate (Na3VO4; Fisher Scientific Company; Ottawa, Canada), 105 mg 

NaF (Fisher Scientific Company; Ottawa, Canada), 6 mg pepstatin A (Sigma-Aldrich; 

Oakville, Canada) and 2 mg leupeptin (Sigma-Aldrich; Oakville, Canada). Following 

homogenization, tissue was placed on ice for 30 minutes and then centrifuged at 14,000 
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RCF (relative centrifugal force) for 10 minutes at 6ºC. The protein supernatant from the 

homogenate was quantified using a Bradford protein assay (Bio-Rad Laboratories, Inc.; 

Mississauga, Canada), aliquoted and stored at -80ºC. 

 

Western Blotting 

Tissues were thawed from -80ºC and diluted with water and 8X stock sample 

loading buffer (80 mM tris-HCl pH 6.8, 1.6% v/v sodium dodecyl sulfate, 80 mM 

dichlorodiphenyltrichloroethane, 8% v/v glycerol and 0.6 mM bromophenol blue) to 

make a solution with a final of sample concentration of 1 mg/mL and a 2X sample 

loading buffer concentration. All samples were heated at 90ºC for 10 minutes then loaded 

into a 1.5 mm thick sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-

PAGE; 5% stacking, 8% separating) alongside a molecular weight marker (Bio-Rad 

Laboratories; Mississauga, Canada). The samples were separated based on molecular 

weight, using an electric current (90V for 90 – 120 minutes) and a 1X electrophoresis 

buffer concentration (25 mM Tris, 192 mM Glycine, 0.2% v/v SDS). Following sufficient 

protein separation, a wet transfer was used to transfer proteins to a polyvinylidene 

fluoride (PVDF) membrane (Bio-Rad Laboratories; Mississauga, Canada) using an 

electric current (90V for 120 minutes) and a 1X Towbin transfer buffer concentration (25 

mM Tris, 187 mM Glycine, 20% v/v Methanol). Membranes were then washed three 

times in Tris-buffered saline (TBS; 20 mM Tris, 150 mM NaCl) containing 1% v/v 

Tween 20 (TBST) at pH 7.6 and subsequently blocked with blocking buffer (5% w/v 

skim milk diluted in TBST). Membranes were incubated in 1:2000 mouse polyclonal 

RT97 (Hybridoma Bank; Illinois, USA) diluted in blocking buffer overnight at 4ºC. 
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Membranes were washed as stated above and incubated in 1:4000 horseradish 

peroxidase-conjugated (HRP) goat anti-mouse for 1 hour at room temperature. 

Membranes were washed and developed using HRP chemiluminescent substrate 

(Millipore; Massachusetts, USA), exposed to Koda Blue X-OMAT film (Electo-Medical 

Equipment Co. Limited; Richmond Hill, Canada). The film was developed using an 

SRX-101A tabletop processor (Konica Minolta; New Jersey, USA) and the images 

digitized by scanning into a computer. Alternatively, membranes were visualized on a 

ChemiDoc XRS system (Bio-Rad Laboratories, Inc.; Mississauga, Canada) with Image 

Lab software (Bio-Rad Laboratories, Inc.; Mississauga, Canada). 

 

Imaging 

A blinded observer imaged all immunohistochemical and immunofluorescent 

slides. Immunohistochemical slides were imaged using a VHX-1000 Digital Microscope 

(Keyence; Illinois, USA) and all immunofluorescent slides were imaged using an Axio 

Imager D1 Microscope (Carl Zeiss Canada Ltd; Toronto, Canada) and an Axiocam MRc 

5 camera (Carl Zeiss Canada Ltd; Toronto, Canada). Randomly chosen areas of high 

nerve density were imaged from each slide at a magnification of 1000X for 

immunohistochemical slides and 400X for immunofluorescent slides. Five images per 

slide was the maximum number of images by which non-overlapping images could still 

be obtained (especially in distal segments). Imaged nerves were located exclusively in the 

inner adipose tissue adjacent to the spinal cord and associated skeletal tissue and deep to 

the skeletal muscle tissue. Each image was assigned a random 4 or 5 digit number for 

analysis. 
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Measurements 

Two independent blinded observers measured cross-sectional nerve fascicle area 

and neurovascular association distance. To measure the cross-sectional nerve fascicle 

area for each image, the perimeter of individual nerve fascicles within images were hand 

traced using the Keyence VHX-1000 analysis software (Keyence; Toronto, Canada). The 

nerve fascicle areas for each image were summed to give an overall nerve area 

measurement for each individual image. One nerve per image was analyzed for 

neurovascular association measurements using Axiovision Release 4.8.2 analysis 

software (Carl Zeiss Canada Ltd; Toronto, Canada). The cross-sectional area was 

determined by hand tracing the perimeter of the nerve. Neurovascular association 

distance was determined by measuring the shortest distance from the edge of the nerve to 

the edge of the nearest blood vessel.  

 

Statistical Analysis 

An appropriate model was developed for each response variable. Within the fixed 

effects, obs represented the blinded observers, animal represented the id of animals, 

sample represented the type of tail (original or regenerate), segm represented the 

segmented location along the length of the tail (proximal, middle or distal), muscle 

represented the cross-sectional area of the muscle, and tail represented the cross-sectional 

area of the tail. There were no effects of the blinded observers, so the data was pooled 

and analyzed together. All statistical analysis was performed using SAS 9.2 software 

(SAS Institute Inc.; North Carolina, USA) and transformations of the data were applied as 

necessary.  
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Nerve Measurement and Counts 

A cross-sectional analysis of nerve fascicles was carried out using the general 

linear mixed model (using proc mixed from SAS 9.2 software). The design was a 2-factor 

factorial in a CRD (Completely Randomized Design) split-plot with subsampling. The 

whole-plot factor was sample and the split-plot factor was segment, both considered fixed 

effects. A random effect was the animal nested within sample and then to accommodate 

subsampling, a second random effect of segment by animal nested within sample was 

employed. In addition, the following continuous explanatory covariates were included in 

the model as fixed effects: cross-sectional area of tail; cross-sectional area of muscle; 

cross-sectional area of the spinal cord, and cross-sectional area of nerve tracts. All two-

way interactions were tested as well as quadratic terms in the continuous variables. Any 

fixed effects terms not significant at p-values less than 0.05 were removed from the 

model. Initially data from 2 observers were tested for observer effects by including an 

observer variable in the model in addition to interactions with variables mentioned above. 

For examining differences between response means for particular samples or 

segments the means were adjusted to covariate means used in the model for the 

corresponding samples and segments.  

 

Muscle, CNS and White Matter Measurements 

Analysis was similar to above except no observer issue and no subsampling (i.e. 

no segment by animal nested within sample term was included).  

 

 



	  33	  

Analysis 

To assess the analysis of variance (ANOVA) assumptions of the above models, 

comprehensive residual analyses were performed. The residuals were formally tested for 

normality using the 4 tests offered by SAS (Shapiro-Wilk, Kolmogorov-Smirnov, 

Cramér-von Mises and Anderson-Darling). In addition, the residuals were plotted against 

predicted values and explanatory variables used in the model. Such analyses revealed 

outliers, unequal variance, and ultimately the need for data transformation. All data was 

log transformed with the exception of the muscle data set, which was transformed using a 

quarter root factor. 

 

Neurovascular Association 

Cross-sectional analyses for neurovascular association was carried out using the 

generalized linear mixed model (using proc glimmix from SAS 9.2 software). The 

response was binary because there either was or was not a blood vessel associated with 

the nerve. The design is a 2-factor factorial in a CRD (Completely Randomized Design) 

split-plot with subsampling. The whole-plot factor was sample and the split-plot factor 

was segment, both considered fixed effects. A random effect was the animal nested 

within sample and then to accommodate subsampling, a second random effect of segment 

by animal nested within sample was employed and a third random effect of slide nested 

within animal, sample and segment to accommodate sub-subsampling. However, no 

variability was explained by the slide variable (the variance component was zero) and it 

was therefore removed. In addition, the continuous explanatory covariate of nerve area 

was included in the model as a fixed effect. All two-way interactions were tested as well 
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as quadratic terms in the continuous variables. Any fixed effects terms not significant at 

p-values less than 0.05 were removed from the model. Any residual analyses were 

uninformative as the data set was binary.  
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FIGURES 

 

 

Figure 1: Experimental design summary. 1. A total of eight autotomized tails were 
divided into three 1-2 cm segments. 2. Four random 5 µm tail cross-sections from each 
segment were stained with RT97 or RT97 and vWF, depending on which morphometric 
parameter was being measured, and imaged. 3. All morphometric parameters were 
manually measured by two observes, excluding skeletal muscle, spinal cord and white 
matter of the spinal cord.  
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CHAPTER 3: RESULTS 

Original and Regenerate Tissue Organization 

Gross Morphology and Histology  

Following autotomy in the leopard gecko, the site of tail loss undergoes a 

dramatic and spontaneous regenerative program resulting in the formation of a similar but 

non-identical appendage (McLean and Vickaryous, 2011; Delorme et al., 2012). Previous 

work has characterized the regenerative program into seven highly conserved 

morphological stages (McLean and Vickaryous, 2011). Immediately following tail loss 

(stage I) multiple tissues are exposed including the spinal cord, skeleton, adipose tissue, 

skeletal muscle tissue, and dermis. Within 24 hours, a temporary exudate clot (composed 

of tissue fluid, blood and tissue debris) forms (stage II), capping the exposed tissues. 

Deep to the clot, re-epithelization begins, starting at the torn edge of the original 

epidermis and continuing centripetally. Simultaneously, a cluster of proliferating 

mesenchymal-like cells begin to aggregate adjacent to the newly torn spinal cord. This 

cluster – the blastema – gives rise to the majority of new tissues in the tail. Following the 

completion of the wound epithelium, the exudate clot is lost (stage III). Subsequent 

expansion of the blastema results in the formation of a dome-like outgrowth visibly 

protruding from the former site of tail loss (stage IV). As outgrowth continues, this 

regenerate tail becomes increasingly conical in shape and cells of the blastema begin to 

differentiate (stages V and VI). After approximately 30 days the new tail is fully formed 

(albeit slightly shorter than the original), with the onset of pigmentation (stage VII) 

marking the completion of regeneration.  
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Regenerated Tails Are Structurally Similar But Non-Identical to Original Tails 

As demonstrated by serial cross-sections, original and fully regenerated tails share 

a similar concentric organization of tail tissues: both are characterized by a centrally 

positioned spinal cord enclosed within skeletal tissue, surrounded by adipose-rich 

connective tissue, skeletal muscle and integument. However, closer inspection reveals 

distinct structural differences in the spinal cord and skeleton (Figure 2).  

In original tails, the spinal cord is composed of a central canal enclosed by 

ependymal cells (forming the so-called ependymal tube), surrounded by grey matter (cell 

bodies) and white matter (nerve tracts). The spinal cord is flanked at regular intervals by 

DRG. In fully regenerated tails, the spinal cord lacks grey matter and is composed solely 

of the ependymal tube surrounded by descending nerve tracts. Unlike the original tail, 

regenerated tails lack DRG.  

In original tails the axial skeleton is composed of a series of bony vertebrae. The 

majority of vertebrae demonstrate a conspicuous transverse joint that subdivides this 

element into cranial and caudal halves. These transverse joints, or fracture planes, 

represent potential sites of autotomy. In contrast, the skeleton in fully regenerated tails is 

composed of an unsegmented cartilaginous cone.  

 

Peripheral Nerves Regenerate Following Tail Loss in The Leopard Gecko 

Intact peripheral nerves in the original tail did not demonstrate any morphological 

adaptations (at least at the level of light microscopy) that permit or facilitate tail 

detachment (Figure 3A and E). During autotomy, peripheral nerves were ruptured, 

resulting in a frayed and fragmented appearance (Figure 3B and F). As the exudate clot 
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formed and re-epithelialization was initiated, the torn peripheral nerves began to 

passively retract from the plane of tail loss (Figure 3C and G). Once the blastema had 

begun to develop, continued growth of the new tail was matched by axonal outgrowth 

(Figure 3D and H). Morphologically, regenerated nerves were indistinguishable from 

those of the original (undamaged) tail. However, as noted previously, DRG were not 

regenerated (Figure 3I). Therefore, all regenerated peripheral axons originate from DRG 

located in the original portion/stump of the tail.  

 

Nerve Marker Specificity 

RT97 Identifies Neurofilaments in The Leopard Gecko 

To qualitatively and quantitatively compare peripheral nerves in original and fully 

regenerated tails, the neurofilament marker RT97 was used. Using western blot analysis, 

we probed tissue-homogenates of gecko brain, spinal cord and peripheral nerves (Figure 

4). Blots from all three protein lysates showed bands at 250kDa, which is 50 kD over the 

expected molecular weight of mammalian heavy chain neurofilaments (200 kDa), and 

bands at ~ 40kDa, likely representing degradation products. Lanes corresponding to brain 

and spinal cord lysates showed bands at 80kDa, which is 12 kDa over the expected 

molecular weight of mammalian light chain neurofilament (68 kDa), and bands at 60 

kDa, which is within the molecular weight range of low molecular weight tau proteins. 

Whole original and fully regenerated tail homogenates were also probed, but no 

immunoreactive bands were observed (data not shown). Using immunohistochemistry, 

original and regenerate tail cross-sections were probed with RT97. In both tails, axons (as 

identified by morphology) within peripheral nerves were immunopositive (Figure 5A). 
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Regenerate Tail Fidelity 

Although The Number of Nerve Fascicles Does Not Differ, Regenerated Nerves Are 

Significantly Larger Than Original Nerves 

Unlike the axial skeleton and spinal cord, regenerated peripheral nerves were 

morphologically indistinguishable from those in the original tail (Figure 5A). To evaluate 

the quantitative fidelity of nerve regeneration, we analyzed serial cross-sections from four 

representative original and four representative fully regenerated tails. Each tail was 

segmented into thirds, yielding proximal, middle and distal samples. We then separately 

compared original and regenerated tail data at the level of: (1) the whole tail (combining 

data derived from all three segments); and (2) each segment (proximal, middle and 

distal).  

First we compared the number of nerve fascicles present within representative 

fields of view from each of the original and fully regenerated tails. Nerve fascicle counts 

by independent observers were highly correlated and did not have significantly different 

means (Table 1). As a result, observer data sets were combined. Comparisons between 

whole tail data and segmental data (Figure 5B) yielded the same result: there was no 

significant difference in the number of nerve fascicles between original and fully 

regenerated tails. In both original and fully regenerated tails, nerve fascicle number 

increased from proximal to distal in both original and fully regenerated tails, although 

there were no significance differences between segments.  

Next we sought to determine if the cross-sectional area of nerve fascicles differ 

between original and fully regenerated tails. Using RT97 immunohistochemistry, we 

determined that the cross-sectional area of peripheral nerves was significantly greater in 
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fully regenerated tails compared to original tails (Figure 5C). Two independent observers 

identified and measured the perimeter of representative peripheral nerves within 

representative fields of view from original and fully regenerated tails. Between observers, 

the measured values were highly correlated and did not have significantly different means 

(Table 2). Therefore, observer data sets were combined. Comparisons between whole tail 

data and segmental data (Figure 5C) yielded the same result: fully regenerated tails had a 

significantly greater cross-sectional area. Additionally, the average cross-sectional nerve 

area decreased from proximal to distal in both original and fully regenerated tails. 

 

Following Regeneration, The Cross-Sectional Area of Skeletal Muscle Increases While 

The Cross-sectional Area of The Spinal Cord Decreases 

Given the change in peripheral nerve cross-sectional area, we next measured the 

cross-sectional area of skeletal muscle, a target tissue of peripheral nerves. We 

determined that the cross-sectional area of skeletal muscle in fully regenerated tails was 

significantly greater than that of original tails (Figure 6). Comparisons between whole tail 

data and segmental data yielded the same result. Similar to the observed decrease in 

cross-sectional peripheral nerve area in distal regions of both tail types, we also noted a 

decrease in the cross-sectional muscle area from proximal to distal in both original and 

fully regenerated tails.  

In addition to peripheral nerves, we also measured the cross-sectional area of the 

spinal cord. We determined that there was a statistically significant difference in cross-

sectional area between original and fully regenerated tails (Figure 7). Comparisons 

between whole tail data and segmental data (Figure 7A) yielded the same result. Similar 
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to cross-sectional peripheral nerve area, we also noted a decrease in the cross-sectional 

spinal cord area from proximal to distal in both original and fully regenerated tails. 

However, it is important to note that the spinal cord of the fully regenerated tail lacks 

grey matter (Figure 7B). Hence, the cross-sectional area of the entire central nervous 

system might represent an incongruous metric to compare original and regenerated 

nervous systems. Therefore, we compared the cross-sectional area of nerve tracts (i.e., the 

white matter of the spinal cord) exclusively. We determined that there was a significant 

difference in the cross-sectional areas of nerve tracts between original tails compared to 

regenerate tails (Figure 7C). Comparisons between whole tail data and segmental data 

yielded the same result. Similar to cross-sectional peripheral nerve area, we also observed 

a decrease in the cross-sectional area of nerve tracts from proximal to distal in both 

original and fully regenerated tails.  

 

Neurovascular Associations Are Similar Between Original And Fully Regenerated Tails 

To explore the relationship between nerves and blood vessels, we next compared 

the neurovascular association in original and fully regenerated tails. We began by 

visualizing nerves, using the neurofilament marker RT97, and blood vessels, using the 

endothelial cell marker vWF. In the leopard gecko, vWF specifically labels endothelial 

cells from original and fully regenerated tails (Payne, 2012). We observed both intrinsic 

(within the nerve) and extrinsic (outside the nerve) neurovascular associations throughout 

the various tissues of the tail, but we focused on those observed in the adipose tissue deep 

to skeletal muscle and superficial to the spinal cord and its surrounding skeletal structure 

(Figure 8). 
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Next, we used double-labeling immunofluorescence to quantitatively compare 

neurovascular associations in original and fully regenerated tails. We found that between 

entire original and fully regenerated tails there were no significant differences among 

intrinsic (Figure 9) or extrinsic (Figure 10) neurovascular associations. Two independent 

observers then measured the peripheral nerve cross-sectional area to determine if: (a) any 

intrinsic blood vessels were present; and (b) any extrinsic blood vessels were present by 

measuring the distance from the outermost border of the nerves to the nearest edge of the 

closest extrinsic blood vessel within the field of view. Blood vessels located 10 µm or 

less from the nerve were designated as extrinsically associated with the representative 

nerve, as previously established (Stapor and Murfee, 2012). Statistical analyses revealed 

that the probability of a peripheral nerve having either an intrinsically or extrinsically 

associated vessel was dependent on its cross-sectional area. More specifically, peripheral 

nerves with a larger cross-sectional area were more likely to be associated with either an 

intrinsic or extrinsic blood vessel.  

It is important to note that for both intrinsic and extrinsic neurovascular 

associations, segmented comparisons between original and fully regenerated tails were 

consistent with respective entire tail comparisons. Additionally, individual observer data 

sets were analyzed separately due to the binomial nature of these data. Nevertheless, 

results were consistent between observers.  
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TABLES 

 

Table 1: Correlation of datasets for peripheral nerve counts between observers in 
the leopard gecko (Eublepharis macularius). The datasets between observers were strongly 
correlated as indicated by the correlation coefficients. (*** indicates a p-value < 0.0001). 

	  

Sample	   Segment	   Observer	   Mean	   SE	   Correlation	  
Coefficient	  

Original	  

Proximal	  
1	   2.950	   0.159	  

0.938***	  
2	   2.963	   0.152	  

Middle	  
1	   3.125	   0.157	  

0.912***	  
2	   2.988	   0.146	  

Distal	  
1	   3.350	   0.148	  

0.747***	  
2	   3.225	   0.122	  

Regenerate	  

Proximal	  
1	   3.713	   0.268	  

0.901***	  
2	   3.363	   0.241	  

Middle	  
1	   3.588	   0.229	  

0.846***	  
2	   3.550	   0.240	  

Distal	  
1	   5.550	   0.388	  

0.835***	  
2	   4.725	   0.359	  
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Table 2: Correlation of datasets for peripheral nerve cross-sectional area between 
observers in the leopard gecko (Eublepharis macularius). The datasets between observers 
were strongly correlated as indicated by the correlation coefficients. (*** indicates a p-value < 
0.0001). 
	  

Sample	   Segment	   Observer	   Mean	   SE	   Correlation	  
Coefficient	  

Original	  

Proximal	  
1	   2282.35	   124.15	  

0.970***	  
2	   2315.54	   122.59	  

Middle	  
1	   2605.36	   186.20	  

0.953***	  
2	   2658.93	   203.08	  

Distal	  
1	   1455.51	   84.90	  

0.916***	  
2	   1529.14	   98.62	  

Regenerate	  

Proximal	  
1	   6403.76	   421.04	  

0.991***	  
2	   6878.50	   463.70	  

Middle	  
1	   4771.90	   309.53	  

0.989***	  
2	   5133.26	   351.88	  

Distal	  
1	   1997.90	   101.53	  

0.755***	  
2	   2071.38	   110.17	  
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FIGURES 

	  
	  

Figure 2: Concentric structural organization of the original and regenerate tails in 
the leopard gecko (Eublepharis macularius; adapted from Payne 2012).	  Cross-sections 
of the original (left) and regenerate (right) tails of the leopard gecko (Eublepharis macularius), 
stained with Masson’s trichrome, show the concentric organization of the tissues in both tails. All 
letters (A – E) represent individual tissues; letters A’ – E’ represent the regenerate tissue counter 
parts of the original tissue. The integument (A and A’) contains multiple peripheral nerves and 
blood vessels. The skeletal muscle (B and B’) appears structurally different in the regenerate. 
Deep to the skeletal muscle is the adipose tissue (C and C’), which also contains many peripheral 
nerves and blood vessels. The skeletal tissue (D and D’) surrounding the central nervous tissue is 
composed of bony vertebrae in the original and a cartilaginous cone in the regenerate. The central 
nervous tissue (E and E’) appears to be reduced in size. Scale bar represents 500 µm. 
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Figure 3: Peripheral nerve axonogenesis throughout tail regeneration in the leopard 
gecko (Eublepharis macularius). Longitudinal sections of hematoxylin and eosin (A, B, E 
and F), and Masson’s trichrome (C, D, G – I) stained tails showing a DRG (white asterisk) and 
associated nerve (arrows) located in the adipose tissue adjacent to the spinal cord and its 
associated skeletal structures. Panels E – H correspond to the inset boxes shown in panels A – D 
respectively. Undamaged original peripheral nerves (A and E) undergo fragmentation (arrow 
heads) at the plane of tail loss (white and black hatched line) following autotomy (B and F). 
During wound healing and clot formation the fragmented distal tip of peripheral nerves slowly 
retracts from the plane of tail loss (C and G). Following wound healing and the initial phase of 
blastema formation, peripheral nerves extend into the blastema tissue simultaneously with tail 
outgrowth (D and H). The end result (I) shows a DRG in the original tail, with its associated 
nerve extending the length of the regenerate tail to innervate its peripheral targets. Scale bar 
represents 100 µm in panels: A – D and I. Scale bar represents 20 µm in panels: E – H.  
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Figure 4: RT97 is specific to neurofilaments in the tail of the leopard gecko 
(Eublepharis macularius). Panels (A – C) represents three biological replicates (i.e., three 
individual animals) of western blots showing antibody (RT97) specificity for neurofilaments in 
leopard gecko brain (B), peripheral nerve (PN) and spinal cord (SC). All three tissues 
demonstrate a band at ~250 kDa and a band at ~40 kDa. Tissue lysates from brain (B) and spinal 
cord (SC) (A and C) demonstrate a band at ~80 kDa and a band at ~60 kDa. Rat peripheral nerve 
(RPN), used as a positive control (C), demonstrates a band at ~250 kDa and α−tubulin (α−Tb), 
used as a protein loading control (A – C), demonstrates a band in all gecko tissues at ~50 kDa.  
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Figure 5: Qualitative and quantitative evaluation of peripheral nerve fidelity from 
original and regenerate tails in the leopard gecko (Eublepharis macularius). 
Representative RT97 (brown) immunohistochemical cross-sections of peripheral nerves, 
counterstained with hematoxylin (blue), showing no morphological differences between original 
and regenerate tails (A). Peripheral nerve fascicle counts from whole and segmented original and 
regenerate tails (quantified as the average number of fascicles/representative image) revealed no 
significant differences (B). Regenerate peripheral nerve cross-sectional area in whole and 
segmented tails is significantly greater than that of original tails (C). In panel B and C, data was 
log transformed but reported as the untransformed median ± SE (95% confidence interval) of the 
median. Panel A scale bar represents 50 µm. In panels B and C: P = proximal, M = middle and D 
= distal. (*** indicates a p-value < 0.0005, ** indicates a p-value < 0.005, and * indicates a p-
value < 0.05).	    
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Figure 6: Quantitative evaluation of skeletal muscle fidelity from original and 
regenerate tails in the leopard gecko (Eublepharis macularius). Regenerate skeletal 
muscle cross-sectional area in whole and segmented tails is significantly greater than that of 
original tails. Data was transformed using a quarter root factor but reported as the untransformed 
median ± SE (95% confidence interval) of the median. P = proximal, M = middle and D = distal. 
(*** indicates a p-value < 0.0005, ** indicates a p-value < 0.005, and * indicates a p-value < 
0.05). 
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Figure 7: Qualitative and quantitative evaluation of spinal cord fidelity from 
original and regenerate tails in the leopard gecko (Eublepharis macularius). 
Regenerate spinal cord cross-sectional areas from whole and segmented tails are significantly less 
than those from original tails (A). Representative RT97 (brown) immunohistochemical cross-
sections of spinal cords, counterstained with hematoxylin (blue), showing white matter (WM), 
grey matter (GM) and the ependymal tube (ET) in original tails but only WM and ET in 
regenerate tails (B). Regenerate white matter (nerve tract) cross-sectional areas in whole and 
segmented tails are also significantly less than those from original tails (C). In panels A and C 
data was log transformed but reported as the untransformed median with 95% confidence interval 
of the median. Panel B scale bar represents 50 µm. In panels A and C: P = proximal, M = middle 
and D = distal. (*** indicates a p-value < 0.0005, ** indicates a p-value < 0.005, and * indicates a 
p-value < 0.05).  
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Figure 8: Qualitative evaluation of the neurovascular association in peripheral 
nerves from the original and regenerate tails of the leopard gecko (Eublepharis 
macularius). Representative double labeled RT97 (green) and vWF (red) cross-sections of 
original (left) and regenerate (right) peripheral nerves (outlined by the white hatched line). 
Intrinsic vessels are located within the nerve (arrow) and extrinsic vessels are located within a 10 
µm radius from the edge of a peripheral nerve (arrow heads). Scale bar represents 50 µm.  
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Figure 9: Quantitative evaluation of the intrinsic neurovascular association fidelity 
in original and regenerate tails in the leopard gecko (Eublepharis macularius). The 
intrinsic neurovascular association in original whole tails and segmented (proximal, middle and 
distal) tails are not significantly different from those of the regenerate tails. Data is reported as the 
likelihood of having an intrinsically associated vessel at a given peripheral nerve cross-sectional 
area. Data represents the mean with 95% confidence intervals. The red-hatched line represents the 
95% confidence interval for original tail data sets and the error bars represent the 95% confidence 
interval for regenerate tails data sets. 
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Figure 10: Quantitative evaluation of the extrinsic neurovascular association fidelity 
in original and regenerate tails in the leopard gecko (Eublepharis macularius). The 
extrinsic neurovascular association in original whole tails and segmented (proximal, middle and 
distal) tails are not significantly different from those of the regenerate tails. Data is reported as the 
likelihood of having an extrinsically associated vessel at a given peripheral nerve cross-sectional 
area. Data represents the mean with 95% confidence intervals. The red-hatched line represents the 
95% confidence interval for original tail data sets and the error bars represent the 95% confidence 
interval for regenerate tails data sets. 
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CHAPTER 4: DISCUSSION 

Among vertebrates, appendage regeneration is common to various species of 

teleosts, urodeles, frogs (prior to metamorphosis, i.e., tadpoles) and lizards (Cox, 1969; 

Cooper et al., 1977; Scadding, 1988; Arsanto et al., 1992; Benraiss et al., 1997; 

Koussoulakos et al., 1999, 2003; Cristino et al., 2000b, 2000c). Whereas the structural 

fidelity of the replacement appendages is often qualitatively characterized as either near 

perfect (e.g., teleosts and urodeles; but see (Piatt, 1957; Diogo et al., 2014)) or 

imperfect/heteromorphic (e.g., lizards), it is rarely quantified (Young et al., 1983; 

Tassava and Olsen-Winner, 2003; LeClair and Topczewski, 2010; Fisher et al., 2012). 

Here we used a novel regeneration-competent model, the leopard gecko, to qualitatively 

and quantitatively investigate the fidelity of peripheral nerve regeneration. We 

determined that regenerate peripheral nerves were morphologically indistinguishable 

from their original counterparts. Furthermore, regenerated tails showed no differences in 

the number of nerve fascicles present, when compared to original tails. However, 

regenerated peripheral nerves were significantly larger in terms of their cross-sectional 

area. In addition, the cross-sectional area of skeletal muscles was also significantly 

greater in fully regenerated tails, whereas the cross-sectional area of the spinal cord was 

significantly smaller. The reasons for these differences remain unclear, but they do 

illustrate that an exact replication of original morphology is unnecessary for the re-

establishment of function. By extension, the data also point towards fundamental 

differences in the morphogenetic programs of embryonic development and regeneration.   
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RT97 is a Specific Marker of Neurofilaments 

As for teleosts (Velasco et al., 2000) and mammals (e.g., mice and rats (Khan et 

al., 2002; Oyamatsu et al., 2012)), we found the antibody RT97 to be a selective and 

reliable marker of original and regenerated axonal neurofilaments in leopard geckos. In 

the current work, RT97 was localized to axons in both peripheral nerves and the white 

matter of the spinal cord. Although RT97 is historically reported to recognize the 

extensively phosphorylated heavy chain neurofilament subunits (J. Wood and Anderton, 

1981), more recent publications have demonstrated that it can also recognize 

phosphorylated elements on medium and light chain subunits and tau proteins (Ksiezak-

Reding et al., 1987; Johnstone and Goold, 1997; Weigum et al., 2003; Sihag et al., 2007; 

Veeranna et al., 2008). For example, RT97 has been used to identify heavy, medium and 

(to a lesser extent) light chain subunits from cell culture lysates of a human derived 

neuroblast-like cells (SH-SY5Y) and rat glioma cells (Weigum et al., 2003). 

Our western blots revealed that RT97 recognizes two neurofilament subunits in 

gecko nervous system tissue, with bands at ~250 and 80kDa (Figure 11). Although two 

subunits have also been reported for the iguanian lizard Leiocephalus, and goldfish, their 

molecular weights (at 160 and 68kDa) clearly differ from those detected in the present 

study (Phillips et al., 1983; Lasek and Phillips, 1985; Mencarelli and Bugnoli, 1987). In 

contrast, among mammals RT97 recognizes three subunits at ~200, 160 and 68kDa 

(Weigum et al., 2003). The observed variation in the molecular weight and number of 

neurofilament subunits identified was not entirely unexpected, as species-specific 

differences have previously been described in the literature (Phillips et al., 1983; Lasek 

and Phillips, 1985; Mencarelli and Bugnoli, 1987; Mencarelli et al., 1991; Velasco et al., 
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2000). In most instances, these differences are likely due to variation in subunit 

phosphorylation. Phosphorylation substantially reduces electrophoretic mobility 

(Kaufmann et al., 1984; Carden et al., 1985; V. Lee et al., 1987). For example, whereas 

the genome sequence of humans provides predicted molecular weights of 112.5, 102.5 

and 61.5 kDa (for heavy, medium and light chain, respectively; Nixon and Shea, 1992; 

Perrot et al., 2008), the molecular weights as determined by gel electrophoresis are 200, 

160 and 68 kDa (Phillips et al., 1983; Lasek and Phillips, 1985; Perrot et al., 2008). In 

addition, it is important to note that differences in sample preparation (e.g., by treating 

samples with a phosphatase enzyme) can dramatically alter the molecular weight as 

determined by gel electrophoresis (Carden et al., 1985; Mencarelli and Bugnoli, 1987; V. 

Lee et al., 1987; Mencarelli et al., 1991). In one study, rat protein lysates were treated 

with phosphatase for 18 hours, after which the heavy chain subunit migrated to the same 

level as untreated medium chain neurofilaments (V. Lee et al., 1987). Since our sample 

preparation also involved phosphatase inhibitors (i.e., sodium fluoride and sodium 

orthovanadate), while previous investigations of lizard tissues did not (Phillips et al., 

1983), we suggest that observed differences in molecular weights noted between the two 

species were the result of technical (not biological) modifications.  

Curiously, whereas light chain neurofilaments were present in the brain and spinal 

cord of geckos, they appeared to be absent from the peripheral nerves. In mammals, light 

chain neurofilaments contribute to the structural stability of the other neurofilaments and 

cytoskeletal elements via the formation of cross bridges (light chain subunits dimerize 

with heavy or medium chain subunits to produce parallel, side-to-side, coiled coil 

dimers). These dimers then align, forming tetramers (Cohlberg et al., 1995), combine, to 
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form protofilaments and assemble to produce the 10 nm filaments with cross bridges 

(Hirokawa, 1982; Heins et al., 1993; M. Lee and Cleveland, 1996). Although presently 

untested, it is possible that light chain subunits in peripheral nerves are replaced by a 

different intermediate filament, such as peripherin (Beaulieu et al., 1999). Work with cell 

cultures of embryonic rat DRG demonstrate that peripherin is able to form heterodimers 

with all three neurofilament subunits (Athlan and Mushynski, 1997) and is known to be 

expressed by peripheral nerves in rats and frogs (Xenopus laevis; Goldstein et al., 1991, 

1996; Gervasi et al., 2000).  

In addition to heavy and medium chain neurofilaments, our western blots also 

revealed a series of bands at ~60 kD in lanes corresponding to brain and spinal cord 

lysates, but not peripheral nerves. These bands likely representing the protein low 

molecular weight (LMW) tau. Tau is a microtubule assembly promoter with two 

isoforms: high molecular weight (Georgieff et al., 1991); and LMW (Cleveland et al., 

1977). LMW tau has a molecular weight ranging from 50-68 kDa (the variation due to 

differential phosphorylation and isoforms; Binder et al., 1985; Butler and Shelanski, 

1986). LMW tau is highly expressed by CNS axons (Binder et al., 1985; Migheli and 

Butler, 1988) and was reported to be recognized by RT97 (Ksiezak-Reding et al., 1987; 

Nukina et al., 1987; Johnstone and Goold, 1997). Although tau proteins have yet to be 

identified from lizard neuronal tissue, SDS-PAGE separated and Coomassie blue stained 

nervous tissue preparations from the genus Leiocephalus revealed bands in the reported 

molecular weight range of LMW tau (Phillips et al., 1983).  

Finally, protein lysates from each of the brain, spinal cord and peripheral nerves 

also demonstrated faint bands at ~40 kDa. These bands likely represent degradation 
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products from the heavy chain neurofilament subunits as evidenced by previous work in 

the rat. The use of chymotrypsin proteolysis on brain and spinal cord protein lysates 

degraded heavy chain neurofilaments producing bands at ~40 kDa (Julien and 

Mushynski, 1983). In the future, a higher concentration of PMSF may be useful in 

preventing neurofilament degradation (Julien and Mushynski, 1983).  

 

Peripheral Nerve Regeneration Involves Axonogenesis And Not Neurogenesis 

During tail regeneration, geckos employed axonogenesis – axonal sprouting – to 

restore peripheral innervation, and ependymal tube outgrowth, to extend the central canal 

and effectively replace the original spinal cord. Similar to previous studies (Hughes and 

New, 1959; Pannese, 1963; Egar et al., 1970; Simpson, 1970; Bellairs and Bryant, 1985), 

we observed that new axons in geckos originate from the caudalmost (original) spinal 

cord and DRG, immediately cranial to the plane of tail loss. The onset of axonogenesis 

was closely matched with both the outgrowth of the ependymal tube and the formation 

and outgrowth of the regeneration blastema, beginning within 7-10 days following tail 

loss (Figure 4). Consequently, the invasion of peripheral nerves occurred in advance of 

any obvious signs of tissue morphogenesis and patterning, including the differentiation of 

muscle, dermis, adipose tissue and the skeleton. Despite the obvious role of axonogenesis 

in completing the functional differentiation of individual axons (and hence re-establishing 

the entire PNS), axons themselves are not required to initiate tail regeneration. Previous 

work has demonstrated that tail regeneration will occur following the ablation of DRG 

and the subsequent elimination of peripheral nerve growth into the new tissue (Cox, 

1969). In contrast, the blockage or removal of the spinal cord cranial to the plane of tail 
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loss precluded tail regeneration regardless of the presence of peripheral nerves (Kamrin 

and Singer, 1955; Simpson, 1964; Cox, 1969). Although peripheral nerves cannot initiate 

tail regeneration, their specific role during this process remains unclear.  

Consistent with other investigations (Duffy et al., 1990, 1992), we did not find 

any evidence for neurogenesis. More specifically, DRG and spinal cord grey matter were 

not regenerated. In contrast, during spinal cord regeneration in teleosts and tail 

regeneration in urodeles neurogenesis does play a prominent role (Anderson and 

Waxman, 1985; Arsanto et al., 1992; Benraiss et al., 1999; Takeda et al., 2008). For 

example, following hemisection of the spinal cord in the goldfish (Carassius auratus), 

the process of neurogenesis was evident as demonstrated by BrdU and HuC/D (BrdU – a 

thymidine analog incorporated into synthesized DNA, used to identify newly born cells; 

and HuC/D – proteins present during early neuronal differentiation, used to identify a 

neuronal cell types) double labeled cells present in the grey matter of the spinal cord 

during regeneration (Takeda et al., 2008). In axolotls (Ambystoma mexicanum) and red-

backed salamanders (Plethodon cinereus), neurogenesis is responsible for the perfect 

replacement of the spinal cord and DRG following tail loss, including the specific cells 

comprising both these structures (Dawley et al., 2012; Mchedlishvili et al., 2012). Current 

evidence suggests that the source of this regenerated PNS (including DRG) is a 

population of migrating cells derived from the regenerating spinal cord (Benraiss et al., 

1997, 1999; Mchedlishvili et al., 2012), more specifically from ependymal cell 

populations (Benraiss et al., 1999). In addition, recent transplant experiments 

incorporating spinal cord segments from green fluorescent protein (GFP)-expressing 

transgenic axolotl (Ambystoma mexicanum) into the tails of white host axolotls, has 
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revealed that, following amputation and regeneration, GFP+/ ßIII-tubulin+ (a marker of 

neurons) were observed in regenerated DRG (Mchedlishvili et al., 2012). Furthermore, 

many of the melanophores of the regenerate tails were also GFP+. Together this work 

indicates that spinal cord cells contribute to both DRG and skin pigmentation in axolotls 

(Mchedlishvili et al., 2012). Curiously, while geckos are also able to regenerate 

melanophores, they cannot replace other neural crest derivatives such as DRG.  

 

Quantitative Differences in the PNS and Skeletal Muscle Following Tail Regeneration 

Using RT97 immunohistochemistry and morphometry, we demonstrated that the 

cross-sectional area of peripheral nerves was significantly greater in regenerated tails 

compared to original tails, but there were no significant differences in the number of 

nerve fascicles. We suggest that the radial expansion of axons within the nerve fascicles 

may account for the increase in peripheral nerve cross-sectional area, although an 

increase in the number of axons contributing to each fascicle cannot be excluded. 

Regardless of the mechanism increasing the cross-sectional area of peripheral nerves, it 

appears to be related to the altered tissue organization of the regenerate tail, particularly 

the difference in skeletal morphology and composition and (perhaps more importantly) 

the structure of the CNS and organization of the skeletal muscles (see below).  

Our cross-sectional area data point towards a reciprocal interdependent 

relationship between regenerating peripheral nerves and skeletal muscles. By way of 

explanation, we speculate that axons are capable of mediating muscle differentiation 

during regeneration by the release of neurotrophic factors. Peripheral nerves contain 

structures capable of releasing neurotrophic substances. For example, previous 
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ultrastructural studies targeting nerves in the regenerating tail of wall lizards (Podarcis 

sicula) and in the regenerating limb of newts (Triturus viridescens) have identified dense 

core vesicles in nerve terminals, comparable to those which often contain neuropeptides 

and trophic agents, which contact blastema cells (Lentz, 1967; Alibardi and Miolo, 1990). 

One likely trophic agent is the FGFs, which are critical for tail regeneration in tadpoles 

and zebrafish (Poss et al., 2000; G. Lin and Slack, 2008). Emerging data suggests a 

similar role for FGFs in lizards. Using immunofluorescence, FGF2 has been identified in 

both nerves undergoing axonogenesis, and myoblast aggregations of regenerating muscle 

(Alibardi and Lovicu, 2010). To date, however, immunolocalization of FGF receptors in 

these tissues remains unexplored. In addition to FGFs, other neural associated trophic 

factors may also influence both muscle development and nerve outgrowth. For example, 

NGF has known roles in mammalian nerve regeneration (Sun et al., 2009; Yu et al., 

2014), including axon growth and guidance (Grabham and Goldberg, 1997; Markus et al., 

2002). In addition, NGF promotes the fusion and proliferation of myoblasts in vitro 

(Rende et al., 2000). Other trophic agents for future consideration include BDNF, CNTF 

and VEGF. Previous in vitro studies demonstrated that both BDNF and CNTF act to 

maintain the proliferative state of myoblast cells (X. Chen et al., 2005; Mousavi and 

Jasmin, 2006). Furthermore, these neurotrophic factors also act on the PNS, and stimulate 

nerve outgrowth. For example, BDNF (released by Schwann cells and denervated muscle 

fibers) plays an important role in axon myelination and elongation during nerve 

regeneration in rodents (Zhang et al., 2000) and CNTF has been shown to be released 

from glial cells following injury (Sendtner et al., 1992; Sleeman et al., 2000), acting to 

facilitate neuron survival (Forger et al., 1993; Sleeman et al., 2000). Similarly, VEGF is 
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known to stimulate Schwann cell proliferation and axonal outgrowth in DRG and 

superior cervical ganglia explants (Sondell et al., 1999, 2000; Schratzberger et al., 2000), 

which in turn mediate skeletal muscle formation. Furthermore, VEGF may also indirectly 

influence nerve outgrowth by enhancing vascularization of the differentiating muscle 

tissue (Kim et al., 2010), thereby stimulating increased nerve recruitment.  

The neuromuscular junction may mediate the relationship between peripheral 

nerves and muscle tissue. It is currently understood that the neuromuscular junction (a 

specialized area where the axon terminal connects with skeletal muscle tissue) provides a 

tangible link between peripheral nerves and muscle tissue. At the neuromuscular junction, 

an action potential (i.e., the propagation of an electrical signal) is transmitted across the 

synapse (i.e., neuromuscular junction) where it ultimately stimulates skeletal muscle fiber 

contraction. The nature of the relationship between the muscle tissue and the 

neuromuscular junctions is evident in studies involving the manipulation of muscle fiber 

size. For example, hormones (such as androgens) can be used to increase muscle fiber 

size without changing the number of muscle fibers (Wainman and Shipounoff, 1941; 

Venable, 1966). Using this approach, the size of the bulbocavernosus muscle in mice was 

increased and decreased, subsequently leading to a paralleled change in the size of 

corresponding neuromuscular junctions (as defined by the neuromuscular junction 

parameters: length (i.e., a measurement taken in parallel with the long axis of muscle 

fibers) and width (i.e., a measurement taken perpendicularly to the muscle fiber length; 

Balice-Gordon et al., 1990). Similarly, changes in neuromuscular junction morphology 

were observed throughout growth and ontogeny. For example, during postnatal growth 

there was a progressive increase in neuromuscular junction area of deep lumbrical 
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muscles in the hind limbs of both mice and rats (Sleigh et al., 2014). In addition, the 

nature of the relationship between peripheral nerves and neuromuscular junctions is 

evident from previous work involving axon caliber. For example, there was a correlative 

relationship between axon caliber and neuromuscular junction size, with larger caliber 

axons covering expanded neuromuscular junction territories (Turney and Lichtman, 

2012). Combined, these findings provide indirect support for a direct relationship 

between skeletal muscle tissue size and peripheral nerve caliber size, mediated by the 

neuromuscular junction.  

In addition to the proposed reciprocal interaction between axonogenesis and 

myogenesis, we also acknowledge that the increase in regenerate nerve cross-sectional 

area is also likely related to basic structural requirements for minimizing conduction time. 

Previous work has demonstrated that axon caliber was positively correlated with axon 

length (Barry et al., 2010; Perge et al., 2012) and that thicker axons conducted signals 

more rapidly. Consequently, the distance nerves must travel to reach their targets directly 

influences nerve fascicle cross-sectional area. In the original tail of lizards, peripheral 

nerves emerge from each vertebral segment along the entire length of the tail and only 

innervate adjacent tissue; (Bellairs and Bryant, 1985; Rumping and Jayne, 1996; Ritzman 

et al., 2012). In contrast, all regenerated peripheral nerves originate in the original tail 

stump, and therefore some must navigate considerable distances to innervate their 

peripheral targets.  

Although it is not our preferred hypothesis, it remains possible that rather than 

being reciprocally interdependent with the regeneration of peripheral nerves, the 

distribution and abundance of restored skeletal muscle is patterned independently. It is 
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well understood that regenerated skeletal muscle is organized differently from that of the 

original tail (Bellairs and Bryant, 1985; McLean and Vickaryous, 2011; Fisher et al., 

2012; Ritzman et al., 2012; Gilbert et al., 2013). In the original tail, muscles are 

organized into paired epaxial and hypaxial quadrants (Bellairs and Bryant, 1985; McLean 

and Vickaryous, 2011). In regenerate tails, there are no obvious epaxial/hypaxial 

divisions. Instead, muscle is organized into 12-16 myomeres (McLean and Vickaryous, 

2011; Fisher et al., 2012; Ritzman et al., 2012; Gilbert et al., 2013). Furthermore, there 

are also profound differences in the shape and tissue composition of the regenerated 

skeleton (bony vertebrae are replaced by a cone of cartilage). Therefore, the increase in 

muscle cross-sectional area may relate to differences in mechanical advantage for moving 

an original versus a replacement tail, with regenerating axons responding subsequently to 

muscle-mediated cues.  

 

Peripheral Nerves And The Spinal Cord 

Our data points towards a strong negative correlation between the cross-sectional 

area of peripheral nerves and that of the spinal cord. We speculate that in the absence of 

neurogenesis, and thus the failure of cell body dense structures (i.e., the spinal cord grey 

matter and the DRG) to regenerate, a compensatory mechanism is employed; the 

regenerate PNS expands. Compensatory responses to peripheral nerve injuries have 

previously been reported in mammalian brains, but most importantly in the spinal cord 

(Kaas, 1991; R. Chen et al., 2002). For example, in monkeys with hand amputations, 

remaining sensory neurons projecting toward the CNS were found to have sprouted or 

expanded into the deprived territories (within the dorsal horn of the spinal cord or the 
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brainstem) that corresponded to the amputated hand (Florence and Kaas, 1995). Likewise 

in the lizard, PNS compensation following tail regeneration was evident in the CNS area 

and DRG just rostral to the plane of tail loss (where motor and sensory neuron cell bodies 

from PNS components reside) from: (1) supraspinal neuron trapping; (2) increased 

synaptic contacts; and (3) cell body hypertrophy. In the first instance, previous studies 

using retrograde axon tracing have determined that relatively few supraspinal neurons 

(i.e., neurons in the spinal cord with cell bodies located more rostrally) project their axons 

into the regenerate spinal cord (Duffy et al., 1990, 1992). While neurons adjacent to the 

plane of tail loss have a high likelihood of extending axons into the regenerate tail, 

supraspinal neurons are likely to be “trapped”, forming synapses with neuronal cell 

bodies in the grey matter of the spinal cord immediately rostral to the plane of tail loss 

(Duffy et al., 1992). This idea is further substantiated by the observed increase in synaptic 

contacts on, and hypertrophy of, neuronal cell bodies in the grey matter (more 

specifically, the ventral horn) rostral to the plane of tail loss (Duffy et al., 1992; Cristino 

et al., 2000b). Neuronal cell body hypertrophy has also been observed in the DRG 

(Cristino et al., 2000c). Interestingly, increased synaptic contacts and hypertrophy of cell 

bodies in both the ventral horn and DRG occur in the vicinity of the beginning of the 

regenerating spinal cord, corresponding to the segments of spinal cord and DRG where 

the PNS components that are responsible for innervating the regenerate tail reside 

(Bellairs and Bryant, 1985; Duffy et al., 1992; Geuna et al., 1998; Cristino et al., 2000b; 

Alibardi, 2010). Furthermore, in addition to the changes in neuronal cell body size and 

synaptic area, the radial expansion of peripheral nerves observed in the current study 

enabled the innervation of the expanded peripheral field in the regenerate tail. 



	  66	  

Collectively, this evidence demonstrates a link between the CNS and PNS during tail 

regeneration in lizards. Although the mechanism of communication between these 

intimately related systems remains unclear, we speculate that the structurally different 

regenerate spinal cord may direct the changes observed in the PNS.  

 

Neurovascular Congruency 

In the present study, there were no significant differences in the association of 

blood vessels (extrinsic or intrinsic) and nerves between original and fully regenerated 

tails. Therefore, we concluded that the tail regeneration program in the gecko 

recapitulates neurovascular congruence. Although these findings were not entirely 

unexpected, given the functional interdependence of the two systems, they do stand in 

stark contrast with the observed differences in tissue patterning and organization noted 

between original and fully regenerated tails (e.g., fully regenerated tails lack the 

epaxial/hypaxial organization of the skeletal muscle; original bony vertebrae are replaced 

by a cartilaginous cone). These findings suggest that the fidelity of regeneration-mediated 

patterning is tissue-specific. Some morphogenetic events, such as the establishment of 

neurovascular bundles, appear to be driven by highly conserved mechanisms and hence 

represent the recapitulation of development. Others, such as the re-development of the 

skeleton and the organization of the skeletal muscle, are (for reasons yet unclear) more 

labile.  

Previous work has demonstrated that neurovascular congruency is the result of an 

interplay between growth factors/guidance cues provided by the axons and vessels 

themselves (e.g., semaphorins and ephrins that bind to their corresponding receptors 
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neuropilins and eph; Bates et al., 2003; Glebova and Ginty, 2005; Larrivée et al., 2009; 

Adams and Eichmann, 2010; James and Mukouyama, 2011), and the local 

microenvironment (i.e., NGF, BDNF, CNTF, VEGF and FGF; Sleeman et al., 2000; 

Sondell et al., 2000; Bearden and Segal, 2004; Glebova and Ginty, 2005; Alibardi and 

Lovicu, 2010; James and Mukouyama, 2011; Yu et al., 2014). Evidence indicates that in 

some instances blood vessels guide axons. For example, during development, axons 

projecting from the superior cervical ganglion were acted on by ARTN and NT-3 as they 

were released by vessels and acted as guidance cues for outgrowing sympathetic nerves 

(Honma et al., 2002; Kuruvilla et al., 2004; Glebova and Ginty, 2005). Conversely, 

nerves are also capable of patterning the vasculature. For example, during development 

of the mouse limb skin, VEGF was released by axons and acted as a guidance cue for 

vessels (Mukouyama et al., 2002). These examples showcase the general principle of 

“one-patterns-the-other”, whereby either the nervous or vascular system is established 

and provides the architecture or the guidance cues/growth factors for the other system 

(Oh and Gu, 2013). Additionally, environmental growth factors such as NGF and hypoxic 

tissues may act to initiate and maintain axon and vessel outgrowth respectively 

(Carmeliet and Tessier-Lavigne, 2005).  

As an aside, Bearden and Segal (2004) found a correlation between nerve caliber 

and extrinsic vessel association in hamsters. More specifically, they found that larger 

nerve branches (as indicated by axon clustering) are more likely to have an associated 

vessel. Similarly, in leopard geckos we observed that peripheral nerves with greater 

cross-sectional areas were more likely to have both intrinsically and extrinsically 

associated blood vessel. The neurovascular congruency results from Bearden and Segal 
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(2004) support our findings and therefore substantiates our speculations of a shared 

axonal/blood vessel molecular guidance mechanism present during tail regeneration in 

the leopard gecko. 
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CHAPTER 5: CONCLUSIONS 

This study sought to investigate the regenerative fidelity of peripheral nerves in 

the leopard gecko, Eublepharis macularius. As for many lizards, leopard geckos can self-

detach their tails and then spontaneously regenerate a replacement, complete with muscle, 

skeletal tissue, a spinal cord and peripheral nerves. Although regenerate tails were 

functional, they qualitatively differ from original tails in details of tissue composition 

(e.g., the original bony skeleton is replaced by a cartilaginous cone and the regenerated 

spinal cord lacks grey matter) and structural organization (e.g., regenerated skeletal 

muscle is not organized into epaxial and hypaxial compartments). These obvious 

differences appear to stand in stark contrast to the regenerative program employed by 

other regeneration-competent species, such as zebrafish or axolotls. Among these groups, 

it is commonly reported that appendage regeneration is essentially ‘perfect’, yielding a 

faithful reproduction of the original (Drachman and Singer, 1971; Carlson, 2007; G. Lin 

and Slack, 2008; Alibardi, 2010; LeClair and Topczewski, 2010; Diogo et al., 2014). 

Whereas detailed qualitative comparisons of original and fully regenerated appendages 

reveal that such interpretations are oversimplified (for example, muscle anomalies are 

more common in regenerated limbs; Diogo et al., 2014), the general morphological 

arrangement and tissue composition is clearly maintained. To date, however, the fidelity 

of regeneration has rarely been quantified.  

Unlike the spinal cord and skeleton, previous descriptions of lizard tail 

regeneration have failed to report any obvious morphological difference between original 

and fully regenerated peripheral nerves. To evaluate the fidelity of peripheral nerve 

regeneration a series of quantitative investigations was conducted. Building on the 
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observed differences in tissue structure noted for other organ systems of the tail, it was 

hypothesized that peripheral nerve regeneration is not a recapitulation of development. 

More specifically, compared to their original counterparts the fidelity of regenerated 

peripheral nerves will be reduced. In order to test this hypothesis, two objectives were 

explored. The first objective sought to quantitatively evaluate the fidelity of peripheral 

nerve regeneration using morphometry. The second objective sought to quantitatively 

compare neurovascular congruence in the original and regenerate tails. Original and fully 

regenerated tails were collected, segmented (proximal, middle and distal), serially 

sectioned (in the transverse plane) and immunostained. Western blot analysis was also 

performed (where applicable) to validate antibody specificity.  

The studies performed here resulted in several unexpected findings, which 

together suggest that regeneration is not a recapitulation of development. First, the 

morphometric analyses revealed that peripheral nerves and skeletal muscle had 

significantly larger cross-sectional areas following regeneration. Although a correlation 

between nerves and muscle was expected, the significant increase in cross-sectional area 

of both these tissues seems to conflict with the characterization in the literature of lizard 

tail regeneration being an ‘imperfect’ (and by extension, less than optimal) process. 

Second, despite the significant difference in size (i.e., in cross-sectional area), there were 

no significant differences in the number of nerve fascicles present in original and 

regenerated peripheral nerves. Thus, changes in cross-sectional area are not related to 

changes in the density of fascicles within a given nerve. Third, the cross-sectional area of 

spinal cord white matter was significantly smaller in regenerated tails, compared to the 

original appendages. Although regenerated spinal cords lack grey matter, abundant 
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neuronal tracts of white matter are clearly present. That no new neurons are created but 

yet the tail remains fully functional following regeneration would seem to suggest that the 

amount of white matter should be maintained, or even expanded. Instead, an inverse 

correlation between diminishing abundance of white matter and an increasing abundance 

of peripheral innervation was found. Whereas quantitative evidence from peripheral 

nerve cross-sectional areas suggests that peripheral nerve fidelity is lost, the conservation 

of neurovascular congruency supports the idea of peripheral nerve fidelity. More 

specifically, the comparison of neurovascular congruency revealed no significant 

differences between original and regenerate tails suggesting that the mechanisms 

facilitating neurovascular congruence in original tails are conserved and employed in 

regenerate tails.  

Combined with the apparent correlation between an increase in peripheral 

innervation and a decrease in spinal cord white matter, we conclude that regenerative 

morphogenesis is a complex phenomenon mediated by mechanisms involving multiple 

reciprocal tissue interactions. Previous work has determined that both the spinal cord and 

the wound epithelium are required for the initiation of the regenerative program (Kamrin 

and Singer, 1955; Simpson, 1964; Cox, 1969; Egar and Singer, 1972b; Whimster, 1978; 

Alibardi and Sala, 1988; Alibardi, 2010). For example, tail regeneration was inhibited by 

damaging the original spinal cord, rostral to the site of tail loss, prior to tail autotomy 

(Kamrin and Singer, 1955; Cox, 1969; Whimster, 1978). However, if the spinal nerves 

were removed, but the spinal cord remained intact, tail regeneration occurred (Kamrin 

and Singer, 1955; Cox, 1969). The initiation of tail regeneration also requires the 

presence of a second component, the wound epithelium. For example, cauterization of the 
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wound epithelium or capping of the exposed wound with a graft of mature skin following 

tail autotomy has been shown to preclude tail regeneration (Whimster, 1978; Alibardi, 

2010). To these program rules, I add the following interpretations: the peripheral nerves 

act on and influence skeletal muscle growth/differentiation; the absence of neurogenesis 

during spinal cord regeneration promotes increased peripheral innervation; and that 

altered patterning mechanisms (from either the regenerated spinal cord or peripheral 

nerves, or both) stimulates the distinctive tissue arrangement in the regenerate (i.e., one 

lacking epaxial and hypaxial muscle compartments, articulated vertebrae and spinal cord 

grey matter). The details of these additional rules underscore the complexity of 

regeneration. For example, molecular factors present in the regenerating environment 

concurrently influence the growth/differentiation of skeletal muscles and the outgrowth 

of axons during tail regeneration. Although the molecular mechanisms remain unclear, 

the plasticity (i.e., the compensatory mechanism) of PNS components within the CNS, 

due to the absence of neurogenesis, demonstrates a reciprocal relationship between the 

PNS and CNS during tail regeneration. Similarly, the reciprocal relationship between the 

centrally located CNS and encircling tissues was evident from the unique structural 

morphology of tissues in the regenerate tail. The altered structural morphology, together 

with evidence demonstrating the expression of a positional marker (i.e., CD59) within the 

CNS (Wang et al., 2011), seems to suggest a patterning role for the first tissue that enters 

the blastema, i.e., the spinal cord (McLean and Vickaryous, 2011). Lastly, the conserved 

shared molecular mechanisms that facilitate neurovascular congruence in both the 

original and regenerate tails demonstrated yet another relationship that helps facilitate tail 

regeneration. Taken together, the reciprocal nature of all aforementioned relationships 
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and the independent roles they play underscores the involvement of multiple tissues 

during the complex regeneration process. 

We suggest that while some tissue growth promoting programs are conserved, 

supporting the idea of a recapitulation of development, other de novo patterning 

facilitates the distinct structural morphology of the regenerate tail. Among the first tissues 

to enter the blastema are the spinal cord and peripheral nerves (McLean and Vickaryous, 

2011). Peripheral nerve regeneration occurs via axonogenesis exclusively, a conserved 

mechanism also utilized during development. These outgrowing axons are conveniently 

accompanied by outgrowing blood vessels, paralleling the neurovascular congruency 

established during original tail formation. Although presently unclear, we speculate that 

the mechanisms establishing this neurovascular congruency during original tail 

development are also conserved and implemented during tail regeneration. Similarly, the 

molecular programs responsible for cell proliferation and differentiation are also 

conserved and employed, producing a regenerate tail that closely resembles that of the 

original, as the regenerate tail contains all tissues comprising the original tail and is 

organized in a similar conical manner. However, close inspection of these tissues reveals 

subtle structural morphological differences. For example, regenerate tails contain a 

modified spinal cord (the regenerate tail lacks grey matter), axial skeleton (articulating 

vertebrae in the original, cartilaginous cone in the regenerate), and differently organized 

skeletal muscles (Bellairs and Bryant, 1985; Alibardi, 2010; McLean and Vickaryous, 

2011; Fisher et al., 2012)). This suggests that a de novo regenerate patterning mechanism 

facilitates the organization of regenerate tissues, rather than a conserved patterning 

program utilized during development. Despite the implementation of conserved and de 
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novo programs, the production of functional regenerate tails are the result of a complex 

regenerative program.  

Altogether, the reciprocal relationships found in the current study underscore the 

complexities of regeneration. The regenerative program is a postnatal morphogenetic 

event that involves a combination of both de novo and conserved programming and the 

involvement of multiple tissues, to a varying capacity. Furthermore, by looking at the 

finer details (i.e., the quantitative aspects) of tail regeneration, we discovered that these 

reciprocal relationships also play important roles during regeneration. We also 

demonstrate that the fidelity of regeneration varies and is tissue-specific. Collectively, the 

regenerate tissues seamlessly integrate with one another to produce a functional 

replacement tail that prolongs the survival of leopard geckos.  
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CHAPTER 6: IMPLICATIONS/FUTURE DIRECTIONS 

The goal of the current study was to quantify the fidelity of regeneration, with a 

focus on the peripheral nerves. Although a loss of fidelity was anticipated, the significant 

increase in the cross-sectional area of peripheral nerves and skeletal muscle in fully 

regenerated tails was unexpected. Furthermore, that there was no quantifiable difference 

in neurovascular congruence – despite the obvious (and quantitatively significant) 

morphological dissimilarities between original and fully regenerated tails – was also 

unforeseen. Taken together these quantitative studies indicate that the phenomenon of 

regeneration is not merely a simple recapitulation of development but a complex program 

comprised of both conserved (i.e., employed during embryogenesis) and de novo (viz., 

patterning) programs. I propose that axonogenesis, myogenesis and outgrowth of the 

spinal cord are highly integrated events, employing multiple reciprocal interactions. By 

extension, I submit that regeneration involves a remarkable degree of tissue plasticity and 

morphogenetic adaptability. For example, PNS plasticity was demonstrated following tail 

loss. In response to the absence of neurogenesis, regenerative tail innervation (and hence 

function) is largely supported by the PNS. In this respect, the PNS acts in a compensatory 

role to the maintenance of tail function. Applications of this plasticity may prove to be 

beneficial for modern mammalian medicine. For example, following mammalian spinal 

cord injury, either in conjunction with or in place of, stem cell therapies, manipulating or 

harnessing PNS plasticity may be able to better restore tissue functionality by increasing 

innervation to the affected/denervated target site. Future investigations focused on 

exploring and understanding this plasticity will provide important new opportunities for 

biomedical sciences and regenerative biology.	  
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