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ABSTRACT 

 

Electrotaxis and Electrical Property Quantification of Pathogenic Bacteria Using 

Microfluidics and Nanoscale Imaging 

 

 

Ryan Berthelot       Advisor: 

 

University of Guelph       Professor S. Neethirajan 

 

The recalcitrant nature of biofilms combined with the increase of antimicrobial resistance 

has led to a rise in complications and cost in the treatment of wounded individuals. Though the 

characterization of electrical properties of bacteria and controlling for bacterial motility has been 

widely researched in bulk populations, studies at the single cellular level are relatively novel. 

Furthermore, studies at the single cellular level may be superior, as the results are not subject to 

the complex characteristics inherent in large populations of bacteria. This study investigates the 

adhesion kinetics and motility mechanisms of single bacterial cells using conductive atomic force 

microscopy (ResiScope module) and microfluidic platforms. Previous research involving 

ResiScope has focused on characterization of inorganic samples. Our study develops a unique 

methodology for measuring the resistance of individual bacterial cells as well as other biological 

molecules such as peptidoglycan. Additionally, microfluidic platforms were used to study the 

effects of electrical microcurrents, alone and in combination with acetic acid, on the motility of 

single P. aeruginosa and E. coli cells. Understanding the electrical properties of bacteria adhered 

to surfaces and the influence of electricity over cellular motility can aid in the development of 

strategies for antifouling tools and wound-healing techniques without the danger of contributing 

to antimicrobial resistance. 

Keywords: Conductive Atomic Force Microscopy, AFM, Pseudomonas aeruginosa, MRSA, 

Microfluidics, Electroceutical 
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1 INTRODUCTION 

1.1 Antimicrobial Resistance 

Throughout the history of humanity, there has always been a long list of organisms 

attempting to shorten our lifespans. Bacteria are no exception, evolving new ways to circumvent 

the ever changing defense mechanisms employed in our own biology. So when Alexander Fleming 

discovered penicillin in 1928, the world had changed for the better. Infections that were potentially 

lethal could now be treated.[1] Small, incremental improvements in eliminating and preventing 

infection of pathogenic bacteria naturally implemented by our bodies shifted rapidly by leaps and 

bounds due to advancements in modern medicine.[1] The slow evolutionary processes used by 

bacteria could not adapt quickly enough to the rapid exposure of antibacterial treatments, or so we 

thought.  

 By 1943, penicillin was in widespread usage among the population. However, sixteen years 

following its implementation, literature concerning various strains of bacteria resistant to these 

antibacterial treatments began being published at higher rates. As new treatments were developed 

to counteract these mutations, bacteria responded in turn, breeding resistant strains within a year 

or two of a new drug's distribution. This trend continues to this day, and in recent years, has 

accelerated due to widespread over-usage of antimicrobials in medical treatments, the sanitation 

industry and commercial products. [1] 

 This has placed antimicrobial resistance at the center of a global stage, and has been 

disconcerting enough to be labelled by the World Health Organization (WHO) as a principal threat 

to humanity. In an attempt to inform and alter this current state of affairs, the WHO released a 

comprehensive report in 2015, outlining several critical areas of significance in solubilizing this 
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problematic threat: creating national plans of action, conducting surveillance to find and track 

resistant bacteria, establishing laboratory facilities to analyze populations, ensuring the availability 

of high-quality antimicrobials, regulating the usage of antimicrobials, raising public awareness and 

creating and implementing prevention programs. The report specifically highlighted the current 

lack of monitoring and the increasing amount of over-the-counter antibacterial treatments as major 

issues that must be dealt with in the near future.[2] 

 A report from the Centre for Disease Control (CDC) published in 2015 estimated that 

approximately one in every 100 individuals infected with drug-resistant microbes pass away as a 

result.[1] Furthermore, increased hospital times for patients due to heightened wound recalcitrance 

from antimicrobial resistant bacteria added approximately eight million days to the overall total 

time spent in residence. This culminates in a massive amount of societal and healthcare costs, 

equaling approximately 55 billion dollars in total in the United States.[3] 

 These current financial and medical problems are largely due to the increasing lack of 

effectiveness in current wound treatment methods for individuals infected by multi-drug resistant 

bacteria. The issue with prolonged healing times is that it allows for otherwise treatable, acute 

infections to fester and become chronic. Chronic infections become increasingly difficult to heal, 

raising the total amount of time a patient must receive medical treatment.[4] This has led to a great 

deal of interest in alternate preventative and treatment methods against pathogenic bacteria, such 

as Pseudomonas aeruginosa and Methicillin-resistant Staphylococcus aureus (MRSA). 

1.2 Cost of Wound Healing 

Large burdens of cost imposed on our systems of healthcare are generated, in part, by any 

process that can aid in the translation of a wound from a state of acute to chronic infection. Drug 

resistant bacteria play a critical role in this. A report from Sen et al. (2009) state that approximately 
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two percent of the United States population receives treatment for chronic wounds, spending a 

total of 25 billion dollars to treat them.[5] Research from Fife et al. (2012) estimates that wound-

healing costs in the United States total approximately 50 billion dollars per year.[4] Averages across 

all wound types were found to cost roughly $4,000 per wound. Shockingly, thirty-three percent of 

patients who undergo long periods of treatment without hospital admittance in outpatient centers 

may not have their wounds healed.[5,6] Moreover, this is true despite costs for wound treatments 

increasing dramatically relative to the duration of the patient's stay. A particularly alarming case 

was diabetic foot ulcers, having a staggering cost per wound of over $5,000.[4] With diabetes on 

the rise in North American countries, this becomes an area of intense interest, especially in the 

field of wound healing.[6] 

 Enormous financial costs such as these lay a heavy burden on the economy. Understanding 

and developing new techniques to reduce the healing times of wounds can dramatically affect the 

amount of money being spent to treat them. Additionally, decreased healing times would lighten 

the burden on hospital and clinic attendants by increasing the rate at which the patients are cycled. 

New and innovative methods for rapid wound healing are needed urgently in this area. The 

prolonged time to heal the wounds is, in part, due to increasing antimicrobial resistance, but also 

from additional recalcitrance caused by the formation of biofilms on surfaces. 

1.3 Biofilms  

Biofilms are resilient films formed by bacteria or fungi which adhere to a surface. They 

can form on wound sites of injured individuals, and are detrimental to the health of patients due to 

their recalcitrant nature. The formation of the biofilm begins with bacteria in a planktonic state 

(floating in solution), landing on and attaching to a surface (Figure 1).  



 
 
 

 

4 
 

          

Figure 1. Process of bacteria forming a biofilm: (a) planktonic bacteria attach to surface; (b) 

excrete extracellular polymeric substance; (c) adhered bacteria proliferate, expand the biofilm and 

begin forming three-dimensional structures; and (d) bacteria on the exterior of the biofilm are 

released back into solution to begin the formation process again. 

 

This is followed by the excretion of extracellular polymeric substances (EPS). EPS increase the 

degree of adherence between the bacterial cell and the substrate, encouraging further attachment 

of other species floating in solution. At this point, bacterial growth begins and the biofilm 

proliferates across the surface eventually forming large, complex, and three-dimensional 

structures. Bacteria are then released from the surface of the biofilm back into their planktonic 

state and the process begins again. Once the biofilm is formed, the bottom layer of bacteria is 

tightly bound to the surface of the substrate and is very difficult to remove. The initial attachment, 

formation and structure of the biofilm is highly dependent on the surface properties of the targeted 

substrate.[7] While it is possible for antimicrobials to kill a significant portion of these bacteria, the 

bottom layer of bacteria on the surface of the substrate can still persist and proliferate. Furthermore, 

the remaining biomass on the surface, and even the dead bacteria, can act as a preferential binding 

site for planktonic bacteria still in solution.[8,9] 
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1.3.1 Polymicrobial Biofilm Formation and Infection 

Treatment and removal of biofilms are further complicated by the diversity of the microbial 

populations residing in the wound site. A single microbe attaching to a surface or wound initiates 

a chain reaction, creating an environment and surface which is more susceptible to infection of 

additional foreign pathogenic species, such as other bacterial strains, fungi and viruses.[10,11] The 

complicated mixture of all these organisms creates an intertwined, diverse structure of microbes 

that is well protected and extremely difficult to remove. Additionally, in some cases, the presence 

of one type of microbe can have a direct effect, positive or negative, on another organism that is 

in the process of infecting a wound site.[12,13] For example, MRSA and P. aeruginosa are 

commonly found together in wounds sites of individuals, and have been shown to affect one 

another's biofilm-forming abilities and electrical properties when grown in a co-cultured 

environment.[14] Polymicrobial biofilms play a critical role in the health of a patient and aid in the 

transition from an acute to chronic wound. Though the investigation of polymicrobial biofilms has 

been gaining interest, it is still relatively new.[10,15] It is crucial to not only develop ways of halting 

polymicrobial biofilm growth, but also to understand the interactions taking place between species 

within these highly complex environments in order to better treat them. 

1.3.2 Conductive Biofilms 

During the immobilization of a bacterial cell adhering to a surface, appendages such as 

flagella and pili increase adherence to both the surface as well as adjacent cells. Certain bacteria, 

such as Geobacter sulfurreducens and Shewalla oneidensis possess, conductive versions of these 

appendages.[16] During cellular adherence and propagation, these conductive appendages (also 

referred to as “microbial nanowires”) overlap, creating a conductive network capable of 

transferring charge throughout the biofilm.[17-20] G. sulfurreducens in particular, possesses pili with 
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metallic-like electrical conductance capable of transmitting charge over long distances (μm-

cm).[16,18,21,22] 

 This incredibly useful property has the potential to be utilized in a wide variety of 

bioenergy applications, such as anaerobic digestion, microbial fuel cells and microbial 

electrosynthesis. These processes are possible through reduction reactions that convert organic 

material and waste into forms of energy via bacteria within these biofilms. For these applications 

to be viable however, substantial biofilms must be grown on a cathode, covering large amounts of 

surface area.[17] It is incredibly important to gain a deeper understanding of the electrical properties 

of single bacteria within these films in order to develop strategies to increase this growth and open 

up new opportunities to the field of Bioenergy. 

 Work on this topic, however, has been fairly limited to the G. sulfurreducens and S. 

Oneidensis strains. Whether or not pathogens such as E. coli and P. aeruginosa can form such 

conductive networks during biofilm formation is an area that has been less researched. However, 

research performed on the conductive nature of pili belonging to P. aeruginosa, show a semi-, 

non- metallic conductance.[23] Therefore, an in-depth analysis on the conductive properties of P. 

aeruginosa and its appendages is needed.  

1.4 Bacteria and Bacterial Structure 

1.4.1 General Bacterial Cell Structure: Gram-Negative vs. Gram-Positive 

 

Gram-negative and gram-positive bacteria have fundamental differences in terms of the 

structure of their capsule (Figure 2). Gram-positive bacteria are surrounded by a thick outer layer 

of peptidoglycan.[24] Peptidoglycan is composed of long chains of linked glucose rings of N-

acetylglucosamine (NAG) and N-acetylmuramic acid (NAM), bridged with chains of amino 
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acids.[24] This substance forms a resilient and structurally robust sac, which encapsulates the 

bacterial cell, holding its contents together.[25] In gram-positive bacteria such as MRSA, this outer 

sac is composed of numerous surface- and cell wall-anchored proteins that affect both the virulence 

and adherence properties of MRSA.[26] Gram-negative bacterial cells also have this layer of 

peptidoglycan encapsulating and supporting the cell, but it is called the sacculus and is much 

thinner.[27] Additionally, the peptidoglycan layer in gram-negative cells such as P. aeruginosa have 

a thin layer of lipopolysaccharides that bind on top of this peptidoglycan layer.[24,27] The 

composition of these outer membranes become significant when discussing how bacteria attach to 

and interact with surfaces. 

                                          

Figure 2. Diagram of (a) gram-positive bacteria, having an extra thick exterior layer of 

peptidoglycan, which provides rigidity and structure to the cell; and (b) gram-negative bacteria, 

having a thinner layer of peptidoglycan, with a surrounding outer layer of lipopolysaccharides. 

 

1.4.2 Pseudomonas aeruginosa 

P. aeruginosa is a gram-negative, rod-shaped bacterium that is highly proficient in the 

formation of biofilms. Biofilm formation and the ability of P. aeruginosa to attach to metallic and 
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non-organics surfaces, such as stainless steel (SS), have caused issues in the medical environment, 

such as the infection of comprised individuals using catheters in hospitals.[25] It is highly mobile 

in solution and on surfaces through the use of a single polar flagella and Type IV pili (rope-like 

appendages on the surface of P. aeruginosa which extend, attach to a surface, then retract, dragging 

the bacteria towards the point of contact), respectively.[28] Additionally, P. aeruginosa utilizes 

these appendages to aid in the attachment to a surface. Populations of P. aeruginosa are highly 

prevalent in polymicrobial environments, such as biofilms, and are known to help facilitate both 

the degree and speed with which such films are formed.[11,12] P. aeruginosa is also responsible for 

complications in the treatment of illnesses which affect the respiratory system, such as pneumonia 

or cystic fibrosis. Once inside the lungs of the patient, P. aeruginosa excretes a slime composed 

of various biological components, causing complications in breathing.[25] This biofilm-forming 

ability makes P. aeruginosa especially dangerous when mixed with other bacteria, as biofilms can 

turn a surface that is non-ideal for bacterial attachment into a surface in which bacteria, such as 

MRSA, will preferentially bind to.[14]  

1.4.3 Methicillin-resistant Staphylococcus aureus  

 MRSA has been labelled as a “superbug” due to its ability to adapt and become resistant 

to a wide variety of antibacterial treatments. Originating in hospital and medical care 

environments, it has now spread into many surrounding communities. MRSA is a gram-positive, 

spherically-shaped bacterium that lacks any functioning motility mechanisms. In this, it does not 

rely on flagella or pili to attach to a wound site; instead, it utilizes surface and anchored membrane 

proteins to achieve adherence. Once attached, MRSA begins excreting adhesins and toxins, 

damaging cells and decreasing the work needed for other planktonic bacteria to attach to the 

surface.[26] MRSA can exist on the skin of individuals without incident, and generally requires an 
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open wound in order to begin infection.[29] In 2006, 422 patients were sampled from 11 emergency 

departments spanning the United States. Astonishingly, approximately 60% of these patients were 

infected with MRSA. The WHO claims that patients with severe infections are 64% more likely 

to die if infected with MRSA.[30] In recent years, it has become an issue in gyms and in practicing 

certain forms of martial arts, where significant physical contact is involved and surface abrasions 

and cuts to the skin are quite common.[31] 

1.4.4 Escherichia coli 

Escherichia coli is a highly studied, gram-negative bacteria. It is rod-shaped and is mobile 

in solution by way of several helical flagella. The majority of E. coli strains are not harmful to 

humans, while some strains, such as O157:H7, can cause serious illness in humans and consistently 

lead to outbreaks in both food and water.[32] E. coli strains are of particular interest in the wound 

environment, as they are common wound pathogens that possess motility systems critical to 

biofilm formation; directed motility toward a surface and eventual loss of the flagella are essential 

steps in biofilm formation in these organisms.[33] 

1.5 Bacterial Attachment 

1.5.1 Bacterial Binding as a Target for Antibacterial Growth 

Bacterial pili were discovered in the mid-twentieth century. At the time, it was thought that 

pili may play a significant role in the adherence of bacteria to a substrate. Following this discovery, 

work on adhesins became more prevalent, and by 1980, much of the genetic information relating 

to adhesins had been thoroughly mapped out. This spurred discussion around creating antibacterial 

drugs which target the adhesion process as a means of combating antibacterial resistance, and yet, 

no antibacterials targeting these adhesins gained footing. The reason for this is largely due to 
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redundancy. Bacteria have multiple components on their surface that are responsible for initiating 

and finalizing the attachment process. If antibacterial techniques and therapies are to be created 

which focus on adhesion, they need to be able to tackle or circumvent these redundancies, both 

before and after the cell undergoes initial attachment.[26] 

1.5.2 Adhesins and Effect of Surface Properties on Bacterial Adherence 

Bacterial binding to a surface is a specific interaction that varies mechanistically between 

bacterial species and the surfaces they bind to.[14,26] Over millennia, evolution has wrought a 

plethora of binding mechanisms, called adhesins, which exist on the surface of every bacterial cell. 

Bacteria such as P. aeruginosa rely on their primary adhesin, pili, to make the initial contact with 

the surface. Once initial contact with the surface has been made and P. aeruginosa is loosely bound 

to the substrate, secondary adhesins, such as cell wall-anchored proteins and EPS, convert the 

weak bond between the cell and surface to a strong bond that is difficult to reverse.[25] Most bacteria 

have a negative surface potential. If the potential of the surface that the bacteria binds to is also 

negative, then the bacterial cell will produce an additional energy cost in order to overcome this 

potential energy barrier.[14,26] Surface roughness also plays a major role in this; in the case of metal, 

bacteria tend to bind to crevices or defects in the crystalline structure of the metal or the grain 

boundaries.[26,34] These are areas of higher electron activity, releasing electrons more readily. 

Bacteria binding to these areas of reduced work functions exhibit a higher adhesive force to the 

surface. Initial binding to metallic substrates for P. aeruginosa are facilitated through contact with 

the end of the pili to overcome the static repulsive force exerted on the bacterial body. In this, the 

coulombic force is responsible for the bulk of the initial interaction between the cell and surface, 

while the cell remains in its planktonic state. Once the cell begins binding to the surface, 

hydrophobic, hydrophilic and hydrogen bonding forces begin to have a greater effect. The 
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coulombic force, however, still remains a large contributor of influence in this manner.[26] Many 

of these binding interactions are highly related to the way in which the outer surface of the bacteria 

is structured. 

Bacteria are mobile through the use of appendages, such as pili and flagella. Pili are long 

hair-like structures composed of oligomeric proteins. However, not all pili are utilized for motility, 

such as the fimbriae existing on the surface of E. coli. Fimbriae are small, numerous hair-like 

structures that surround the bacterial cell and are used exclusively for attachment.[26] The pili 

responsible for motility are labelled as Type IV pili. P. aeruginosa, for example, has this type of 

appendage. While on a surface, Type IV pili act as a rope-and-hook-like system, extending 

outwards, attaching to the surface and retracting inwards, pulling the bacteria along with it.[35] This 

type of movement is referred to as twitching motility, as the movement of the bacteria across the 

surface while using pili can be described as jerky and abrupt. Pili are approximately 5 nm in 

diameter, and some have been shown to display metallic-like conductivity in some bacterial 

species, such as G. sulfurreducens.[16,21-23,36]  

 Flagella allow for bacteria to be mobile while floating in solution. Additionally, flagella 

play a significant role in cellular adherence, attaching and strengthening the bond between the cell 

and the surface. They resemble a hollow, rope-like appendage, but instead of being extended and 

retracted, flagella are whipped into a corkscrew-like pattern by a molecular motor imbedded in the 

cytoplasmic membrane in order to propel the bacteria forward.[37,38] The motors powering flagella 

are driven by electrochemical gradients.[39] 
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1.6 Electrical Properties of Bacteria 

1.6.1 Effects on Cellular Morphology in an Electrical Field 

The cell membrane plays a crucial role in the survival of bacterial cells, as it is not only 

responsible for the containment of all organelles that allow a cell to function, but also for the 

transport control of all nutrients and molecules that are input and output from the cell. These two 

key functions are influenced by the overall integrity of the cell wall. This makes understanding the 

extent to which cell morphology is affected by the exposure to an electrical bias significant. 

There seems to be a consensus that electromagnetic perturbations to a system of bacteria 

in solution has an effect on their functionality, but there is still controversy over whether exposure 

to an electromagnetic field has any effect on the cell membrane itself.[40] Systems exposed to brief 

electrical impulses seem to yield results showing a degradation in the cell membrane, increasing 

permeability and decreasing cell wall integrity. Exposure of bacterial colonies to magnetic fields, 

however seem to produce more conflicting results. For example, a study by Inhan-Grip et al. (2011) 

exposed a colony of E. coli and Klebsiella pneumoniae to a 50 Hz, 0.5 mT magnetic field for 60 

minutes, and found the cell wall to be largely destroyed and the cytoplasmic membrane withdrawn 

from the cell wall structure in the process.[41] Additionally, they report a thickening of the cell wall 

in both gram-negative bacteria, E. coli, and gram-positive bacteria, Staphylococcus aureus. These 

AQ: I assume this strain is different from MRSA, and it has been abbreviated in other instances 

in this paper as S. aureusmeasurements were taken using tunneling electron microscopy 

(TEM).[41] Another study by Fojt et al. (2009), using a 50 Hz, 10 mT magnetic field on E. coli for 

60 minutes, found no difference in cell size or shape when comparing bacteria before and after 

exposure.[42] The latter study was done using atomic force microscopy (AFM) as the measurement 

device.[42] These two, very similar studies produced very different results; therefore, it is necessary 
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to gather more data on whether exposing bacteria to an electromagnetic field or some electrical 

bias has an adverse effect on the overall structural integrity or cell morphology. 

1.6.2 Microbial Nanowires 

Most motile forms of bacteria possess appendages on their exterior, known as pili and 

flagella. When probed, if these appendages show an ability to conduct or transfer charge, they are 

classified as microbial nanowires. These nanowires are divided into two groups: metallic and 

semiconductive types. These two types of appendages play a crucial role in initial bacterial 

attachment, redox reactions and possibly in the exchange of cellular plasmids between adjacent 

bacteria.[16,21] 

 G. sulfurreducens and S. oneidensis have been the most widely studied bacteria due to the 

conductive natures of their microbial nanowires. S. oneidensis possesses a pili that is 

semiconductive in nature, while the nanowires existing on G. sulfurreducens behave metallically 

in their conductance (~ 5 mS/cm-1).[18] Though semiconductive pili can still be effective charge 

carriers for the cell, they are more sensitive to the electrical input and temperature due to their 

conductance being dependent on electron tunneling. This makes G. sulfurreducens’ nanowires 

highly desirable, as they are more stable and can carry charges from the micrometer all the way up 

to the centimeter scale.[16] Additionally, some strains of P. aeruginosa have been shown to have 

conductive flagella. A more in-depth look at these structures using conductive atomic force 

microscopy (CAFM), would be useful in characterizing the mode of charge propagation through 

these structures. 
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1.6.3 The Effect of Electricity on Bacterial attachment 

The effect of electricity on bacterial attachment has been widely studied.[43-46] Surfaces 

biased with a negative potential or cathodic current, impose an electrostatic force on the negatively 

charged bacterial cell. This causes bacteria to avoid binding to these surfaces.[43] Experiments 

studying this effect usually take one of two forms: (1) an electrical bias is applied to a surface 

containing adhered bacteria and bacterial detachment is monitored, or (2) a biased surface is 

exposed to a solution of planktonic bacteria and the rate of bacterial attachment is monitored. 

Fluorescence microscopy is generally used to measure how many of the fluorescently tagged 

bacteria are present on the surface at a given time. Quartz microbalances are also used to monitor 

changes in mass due to bacterial attachment or detachment.[43-46] 

In the studies conducted by Kerr et al. (1998), marine bacteria were allowed to settle onto 

a conductive surface composed of indium tin oxide (ITO).[43] The reference for 100% attachment 

was 135 mV. For surface potentials of -65.4 mV and below, the percentage settlement dropped to 

approximately 17%. On the other hand, bacterial attachment was shown to increase to 170% when 

the applied potential across the surface was raised from 135 mV to 234.9 mV.[43] This effect of 

high positive potentials aiding bacterial attachment is also brought up in Lorite et al. (2013).[7] 

Clearly, the potential of a surface has an effect on the degree of bacterial attachment, and can 

inhibit or promote growth.   

 In addition to potential, the effect of current applied across a substrate’s surface has also 

been shown to affect bacterial attachment. In Hong et al. (2008), fluorescently-tagged P. 

aeruginosa bacterial cells were adhered onto a glass slide with a conductive layer of ITO.[44] 

Anodic and cathodic currents of 15 uA/cm2 were then applied to the ITO layer, and bacterial 

detachment was monitored with a fluorescent microscope. After 20 minutes of application of the 
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cathodic current, the total number of attached bacteria dropped to 20%. At the 40-minute mark, 

the population on the surface with anodic current fell to approximately 70%, while the cathodic 

population stayed at 20%.[44] The reason this number is not zero is because although bacteria have 

a net negative charge, they still have localized regions of positive charge from surface proteins 

attracting them to the substrate, and chemical substances, such as EPS, helping them stay 

adhered.[44] In Gabi et al. (2011), anodic microcurrents with current densities of 75 nA/mm2 and 

750 nA/mm2 were shown to increase the formation of biofilms on the surface of a platinum (Pt)-

coated quartz crystal.[46] 

 The majority of the above types of experiments are performed by monitoring bulk 

populations of bacteria. In order to get a better idea of how the electrical properties of the 

environment inhibit bacterial growth, there must be a greater understanding of what is happening 

at the single cellular level. This will provide insight into how the electrical properties of single 

bacteria behave after being exposed to these electrically biased interfaces. 

 Although these experiments provide evidence that electrical bias applied to surfaces can 

inhibit bacterial attachment, they lack insight into what is happening at the single cellular level. In 

other words, how are the electrical and physiological properties of these bacteria changing in 

reaction to these perturbations?  

1.7 Methods for Studying the Electrical Properties of Cells 

1.7.1 Population vs. Single Cellular Studies 

 The creation of the microscope opened humanity’s eyes to an entirely new dimension of 

life. This ability to see at the microscale level allowed scientists to more precisely study bacterial 

populations. In recent years, fluorescence microscopy and enhanced microscope designs have 

furthered the scientific community’s ability to study population dynamics of microbes. This study 
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of bacterial populations is important because it describes how large amounts of bacteria behave 

together in their natural environment. A host of factors affect how the population reacts to its 

surroundings, such as quorum sensing, multiple species, physical constriction, and surface 

properties.[10,12] While these factors are important to know about a population of bacteria, they lack 

insight into the heterogeneity inherent in single bacterial cells.[47] It is worthwhile to note that 

before biofilms or bacterial populations are formed, they exist as single entities. Understanding 

how single bacterial cells move, are affected by the environment and their modes of infection, can 

lead to new ways of influencing bacterial infection and preventing biofilm growth by halting 

infection before attachment and proliferation can occur. 

1.7.2 Methods of Electrical Characterization of Single Bacteria Cells 

It is widely known that bacteria in solution are conductive.[38] The vast amount of ion 

channels existing across the bacteria's surface allow for a large amount of charge to flow in and 

out of their membranes.[26,38] In some cases, bacteria also exhibit high conductivity due to 

structural properties. This is the case for the bacterial species G. sulfurreducens.[16,21] P. 

aeruginosa, although lacking conductive pili, have had instances of some strains containing 

conductive flagella.[23] However, the causes of the conductivity of these appendage structures is 

still currently a matter of debate.[16,21] Electrical properties of cellular organisms are essential to 

the performance of their functions. Much experimentation has been done on bulk populations of 

cells in order to gain insights and quantify these electrical properties.[47] In other words, the results 

from a large population of cells are used to infer properties of single cellular life that are 

notoriously heterogeneous. Herein, lies the problem.  

 In recent years, in order to combat pathogenic bacterial infections, research has been 

focused on characterizing the electrical properties of single cells. One popular method used to 
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measure the flow of ions travelling through the cell membrane is called patch-clamping. 

Developed nearly 40 years ago, patch-clamping is an extremely useful technique in which a 

micropipette is used to suction a cell into a tube.[47] The cell, displacing water in the pipette, now 

blocks a certain level of electrical charge from flowing freely through the channel. By measuring 

this rate of charge transfer, one can obtain the amount of current flowing through the membrane 

as well as the properties of the cell’s ion channel activity.[48,49] Understanding ion channel activity 

in a cell is important because ion channels are responsible for maintaining crucial properties of the 

cell, such as internal salt concentrations, that if deregulated, would lead to cell death.[49] Ion 

channels are also utilized by bacteria in biofilms as a way of communicating metabolic status 

amongst cells.[50] Cells such as S. aureus, even utilize ion channels for host infection and excretion 

of pore forming toxins.[51] While patch-clamping may infer ion channel activity, a direct method 

for highly localized measurements of individual channels would be useful in gaining a better 

understanding of how cells regulate their ion channels in regard to electrical perturbations in their 

environment or the surfaces they are attached to. 

Similar to this technique is flow cytometry for the measurement of population and cell 

impedance. This technique uses two chambers filled with an ionic buffer solution and connects 

them with a channel. In either chamber is an electrode. Bacteria are then introduced to one side of 

this system, and move towards the opposite chamber through an aperture. The current is constantly 

monitored as the cell passes through the connecting aperture. By displacing the ionic liquid, 

resistance is increased in the system, and is then measured via the electrodes. This allows for the 

counting and sorting of cellular populations, but is limited due to its inability to measure the 

electrical properties of the cell, time consuming nature and need for a skilled practitioner.[47] As a 

result of these limitations, another form of cell cytometry is used, in which the cell still flows 
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through a microchannel, but now with microelectrodes lining the channel base. As AC currents 

are applied to the electrodes, non-uniform electromagnetic fields form. The cells then move 

through this channel, changing the impedance value of the channel, and cellular electrical 

properties, such as the conductivity and the permittivity of the cytoplasm, are then calculated based 

on this value.[52]  

 Zeta potential is another important electrical characteristic of a bacterial cell. When a 

particle exists floating in solution, the majority of this solution is free flowing, but a small layer of 

water surrounding the particle is bound to its surface. This water is, effectively, immobile. Zeta 

potential is the electrical potential difference at this plane.[53,54] Zeta potential can be used to 

estimate surface potentials of bacterial cells and is closely related to many functions as well as the 

overall viability of the cell. It can be used to estimate susceptibility to certain peptide-based drugs 

[55], overall permeability of the cell [53] and biomineral production at the cell surface. [54] Dynamic 

light scattering is generally used in order to estimate zeta potential. 

 AFM and its electrical modes of measurement offer a powerful alternative technique to the 

measurement methods listed above. In addition to being able to probe the localized electrical 

properties of single bacterial cells, AFM can simultaneously acquire topographic measurements, 

allowing for correlation between the electrical properties and physical structure of bacteria.  

1.8 Atomic Force Microscopy 

AFM is a nanoscale imaging technique that retrieves a three-dimensional image of a 

sample's surface morphology. Unlike other imaging techniques at this scale that require high 

vacuum or low temperatures, such as SEM or TEM, AFM can be conducted in ambient 

temperatures and pressures. In standard temperature and pressure (STP) environments, AFM can 
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still achieve resolution from 5 nm to approximately 100 μm. The basic setup for an AFM can be 

seen in Figure 3.[56] 

 

Figure 3. Basic setup of an atomic force microscope. The laser is reflected off the back of a 

cantilever onto a photodetector. The laser position is monitored by a feedback loop, as the tip scans 

the surface, bending and twisting in relation to the surface morphology. 

 

The AFM tip is positioned near the sample's surface and moved in raster fashion over a set 

scan area. A laser is reflected off the back of the cantilever and into a photodetector with four 

quadrants. As the AFM tip moves across the surface, it reacts to the sample’s morphology. Hills 

and troughs present in the sample cause the tip to rise and fall. As it moves across the sample, 

bending and twisting of the tip is also induced when the side of the tip comes into contact with a 

vertical obstacle, or as it is moved across areas of increased friction between the tip and the surface. 

These perturbations to the tip’s position cause a deflection in the laser, altering its position on the 

photodetector. This position is monitored through a feedback loop, and the tip’s position is 

adjusted to maintain a constant deflection. From this, a two-dimensional line scan is created. The 

summation of these line scans form a three-dimensional image.[56] 

As the tip approaches the sample, it feels a van der Waals attractive force, drawing the tip 

closer to the surface. As the cantilever is pushed down further, an electrostatic repulsive force is 
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felt on the tip, preventing it from moving any closer to the surface, but increasing the degree of 

contact. [56] 

 This description is a basic representation of the AFM imaging process, but there are many 

modes of AFM that vary in relation to different imaging needs or requirements. The two most 

widely used are contact mode and intermittent-contact mode. Contact mode is similar to the 

process described above. The tip is kept in constant contact with the surface as it scans. Due to the 

simplicity of this model, contact mode is extremely fast; however, the constant contact with the 

sample surface increases the lateral forces acting on the tip, increasing the overall wear of the tip’s 

point. Intermittent contact mode differs in that the tip is vibrated at its resonance frequency, 

causing the end of the tip to move up and down as it scans across the surface of the sample. This 

motion reduces contact time between the tip and the sample as well as reduces the lateral forces 

acting on the tip from the sample. This makes intermittent contact mode more delicate than contact 

mode when imaging soft or biological samples.[56] 

1.8.1 AFM Tip Selection 

 Tip selection is crucial to overall image quality, and is dependent on the sample being 

imaged and the mode being used. Intermittent contact mode tips require a higher stiffness or spring 

constant in order to oscillate at the high resonance frequencies (kHz) required. Intermittent contact 

mode tips are usually made of Si or SiN. Contact mode tips, however, usually have a much lower 

spring constant in order to increase their flexibility and maximize deflection onto the 

photodetector.[56] 

 Tip diameter also has a significant effect on image quality. If the radius of curvature is 

larger than the feature it is trying to image, “blurring” of the image occurs due to the sides of the 

tip interacting with surface features. This also becomes an issue for imaging structures such as 



 
 
 

 

21 
 

pores or trenches. If the tip is larger than the small crevices on the surface of the object to be 

imaged, a reduced z-height will be seen in the height profile.[56] For this reason, tips are generally 

made as small (below 10 nm diameter) as possible in order to achieve maximum resolution. This 

diameter is larger for conductive tips used in electrical modes of AFM, which range anywhere 

from 20-50 nm in diameter due to the ~15-20 nm metallic coating on the tip. 

1.8.2 Kelvin Probe Force Microscopy 

Kelvin probe force microscopy (KPFM) is a conductive mode of AFM that measures the 

surface potential of a given sample. Initially, the tip is held a small distance away from the surface, 

preventing electron transfer.[57] The surface and the AFM tip have different work functions. As the 

tip is brought closer to the surface, an electrostatic force is generated due to the differences in 

Fermi levels. However, when the tip is lowered far enough for electron transfer to occur between 

the tip and the sample, the Fermi levels align, but due to the difference between the work functions, 

the vacuum energy levels between the two different materials are no longer equal. The difference 

between these vacuum energy levels is called the contact potential difference.[57] At this point, the 

force felt and monitored by the instrument on the conductive tip can be negated by the application 

of an external electrical bias. The energy required to negate the force at each point in a KPFM 

image is equal to the contact potential difference. The contact potential difference is then used to 

generate a map of surface potential for the sample that is being measured.[57]  

In an experiment by Birkenhauer et al. (2014), KPFM was used to probe and measure the 

surface potential of P. aeruginosa and MRSA on SS (surface potential of -0.045 V) and gold 

substrates (surface potential of -0.126 V).[58] Poly-L-lysine was used to functionalize the 

negatively charged metallic surfaces and to allow the bacteria to adhere to the substrates. Surface 

potentials of mono-cultured P. aeruginosa were found to be different on gold (0.154 V) and SS 
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(0.218 V) substrates. MRSA cells grown in a mono-cultured environment showed an even more 

drastic change in cell surface potential on gold (-0.025 V) and SS (0.160 V). The surface potential 

values for MRSA were also shown to be sensitive to co-culturing, with P. aeruginosa displaying 

large positive values. The surface potential of P. aeruginosa was also affected by co-culturing, but 

only on SS substrates. This shows how the electrical properties – in this case, the surface potential 

– of bacterial cells can be altered by the properties of the substrate they are adhered to as well as 

the culturing environment they were grown in.[58]  

1.8.3 ResiScope 

 Techniques such as scanning tunneling microscopy (STM) give highly accurate current 

measurements, but lack a topographical reference. CAFM allows for the ability to probe a sample’s 

conductive properties – while still retrieving topographical data at the same time – allowing for 

direct correlation between the electrical properties and physical structures inherent in the 

sample.[59]  

ResiScope is a current sensing microscopy device from CIS instruments, France. Currently, 

this technique is used mainly on inorganic surfaces, such as metals and semiconductors.[60,61] It 

functions through the application of an electrical potential on a conductive substrate. In working 

principle, a conductive AFM tip is positioned to come in contact with the conductive surface, 

allowing for the measurement of charge transfer between the two objects.[59] The measurement is 

then passed through a high-performance amplifier to retrieve the resistance values. Resistance 

measurements for ResiScope can range between 2x102 – 1x1012 Ω.[59] Therefore, in ideal 

conditions, the measured electrical resistance of a highly conductive substrate should consist only 

of the resistance value of the substrate itself and that of the tip.[59] In the case of measuring highly 

resistive materials on a surface, the coated metallic tip comes in contact with a sample adhered to 
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a conductive substrate, and in doing so, forms a conductive path through the sample to the 

substrate. This is clearly demonstrated in the study by Ravier et al. (2001), who, by doping a 

resistive material with carbon black spherical particles and using the ResiScope, measured the 

frequency in which these beads would align themselves in the sample to form a complete 

conductive path to the surface.[62] In other words, for ResiScope to successfully acquire a current 

or resistance image, a conductive path must exist between the conductive AFM tip and the 

substrate. Since all measurements derive from tip-sample interactions, it is imperative that 

maximum contact between the AFM tip and the substrate be achieved at all times. Two ways of 

controlling for this factor are: (1) raising the setpoint voltage, causing the conductive tip to push 

harder on the surface; or (2) increasing the sample bias, allowing for larger current and better 

signal. This scenario represents a balancing act, because although raising these parameters increase 

the quality of the ResiScope images, pushing too hard on the surface can wear or destroy the 

conductive coating, and increasing the sample bias can induce oxidation between the sample and 

the tip. This oxidation and increased current flow, in turn, raise the amount of interactions 

occurring between the tip and the sample, causing interference in resistance and current images as 

well as topographical artefacts.[59] The aim of this project was to develop a base framework and 

methodology to use CAFM to simultaneously measure the conductive properties of organic and 

biological materials.  

1.8.3.1 ResiScope Tip Selection 

 ResiScope requires conductive tips in order to pass charge from the substrate, through the 

sample. The tip’s spring constant should be chosen relative to the sample. For hard samples, it is 

recommended to use a diamond-coated tip with a higher spring constant for maximum durability 

and electrical contact. Soft samples, however, should be measured using a softer spring constant 
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and can have metallic coatings such as Pt, as the soft sample will not induce as much wear on to 

the tip.[59,66] 

As stated previously, the radius of curvature of the AFM tip is crucial to image quality. 

Due to the conductive coating, the radius of curvature of a typical coated contact mode tip is 

approximately 20-50 nm, reducing topographical image quality relative to the uncoated tip.[56,59] 

This can be circumvented through the use of a cantilever that is structurally composed of a 

conductive material, eliminating the need for a coating.[59] While this maximizes the image quality 

of the sample’s surface morphology, it sacrifices some quality in the electrical image. When 

measuring the current on the surface of the sample, it is important to remember that the conductive 

cantilever itself will have an inherent resistance value associated with it. This is because electricity 

is passing from the sample through the point of the tip. By subtracting this resistive tip offset, 

accurate measurements of a sample’s current and resistance can be retrieved. While a typical 

resistance for a metallic tip is ~1 kΩ, this becomes negligible in regimes of high resistance. [59] 

1.8.4 CAFM for Electrical Characterization of Single Cells and Comparison to Other 

Electrical AFM Modes  

 Bacterial cells partake in electrical as well as physical interactions in their natural 

environments. These electrical interactions are defined by the electrical properties inherent in the 

individual cell as well as those existing in the environment. Therefore, it is important to measure 

these electrical characteristics in order to gain a better understanding of cell behavior and integrity. 

Knowing more about electrical properties, such as conductance, resistance, current, surface 

potential and zeta potential, is crucial in order to better understand how bacteria are reacting to 

various surfaces.[14,53] Many methods of electrical characterization exist. CAFM is an extremely 

useful tool to extract a wide variety of electrical surface properties. Some modes worth noting in 
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relation to this project are: KPFM, electrostatic force microscopy (EFM), STM and scanning 

microwave microscopy (SMM). Charge transfer and electrical permittivity have been looked at 

and studied using techniques such as EFM[69], STM[16] and SMM[63,64], however they have yet to 

be measured using CAFM. It should be noted that one challenge for all of these conductive 

techniques is the current inability to take electrical measurements when the conductive AFM tip 

is submerged in an ionic liquid.[16,63,64,69] 

1.8.4.1 Scanning Tunneling Microscopy 

 STM works by the transfer of electrons from the sample surface to a conductive tip by way 

of electron tunneling. An image can be retrieved by maintaining a constant height from the sample 

or a constant current. This enables for the rendering of an image that represents the electrical 

conductivity of a sample. Though STM is a powerful tool that allows for extremely accurate 

measurements of the electrical properties inherent in biological and inorganic samples, it must 

collect topographic and electrical current data separately.[16,56] This is significant because although 

it provides insight into the electrical functions occurring within the sample, the tool cannot relate 

directly to the structure of that sample with having to perform another scan. A technique is needed 

in this area that can simultaneously collect both structure and electrical properties of a sample, 

providing a 1:1 comparison of the two.[16,56] CAFM potentially grants this enormous advantage in 

understanding electron transfer at highly localized regions at the nanoscale.  

1.8.4.2 Electrostatic Force Microscopy 

 EFM is a technique that relies on sample tip interaction by way of fields instead of charge 

transfer. A topographical scan is initially run in order to retrieve a morphological reference for the 

tip to follow during the electrical measurement. The electrically conductive tip is then suspended 
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a set distance away from the surface (approximately 20 nm), and then begins scanning, maintaining 

a constant distance from the surface by referencing the previous topographical scan. As it moves 

across the surface, the tips position is effected by the electrostatic forces from the charged 

sample.[22,56] This is then interpreted to give a value for the surface charge inherent in the sample. 

If the sample is on a nonconductive surface, a charge can be introduced by tapping on the sample 

with the electrically charged cantilever.[22] Like STM, a downside to EFM is that it does not collect 

the topographical and electrical properties simultaneously, and because of this, it must rely on the 

position of the AFM tip and the sample’s electrical properties remaining constant. Ideally, this 

makes the long range electrostatic force the only force exerted on the AFM tip. These measured 

interactions are then superimposed onto the initial AFM images, and correlations are made 

between the two sources of information as to the electrical characteristics of the surface.[22] 

However, AFM position is not always stable; thermal drift can take place within the timeframe of 

withdrawal from the surface and further scans, meaning the measured long range effects caused 

by electrostatic interactions may not correlate 1:1 with the sample’s morphology.[22] This is fine 

for large, isolated structures, but becomes an issue when analyzing highly localized conductive 

properties of a surface, or between interfaces where the difference of a few nanometers becomes 

significant. In a study by Malvankar et al. (2014), EFM was used to measure the microbial 

nanowires of bacteria attached to an insulating mica surface.[22] The nanowires were imaged, 

charged, then imaged again using EFM. However, considering each scan takes approximately 40-

60 minutes to retrieve, an extremely high positional stability on the part of the tip and the ability 

to hold a charge on the part of the sample are needed in order to retrieve useful results.[22]   
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1.8.4.3 Scanning Microwave Microscopy 

SMM is another mode of AFM which can extract the electrical properties of a sample by 

applying high frequency microwaves. The microwaves reflected from the sample are then received 

and measured by the tip and used to calculate the complex impedance. [63,64] In Tuca et al. (2016), 

gram-negative E. coli and Chinese hamster ovary cells were dried onto an Si++ surface and 

measured for their complex impedance.[63] Quantities such as complex impedance can be used for 

application in detection.[65] SMM was used by Biagi et al. (2016) to measure the electrical 

permittivity of E. coli cells.[64] In this experiment, SMM measurements helped eliminate 

topographic crosstalk (portions of the sample’s surface unable to be resolved by the AFM tip).[64] 

However, more work and new methods must be applied in this area. While SMM represents a 

unique technique for probing the electrical properties of single bacteria as well as providing the 

opportunity to probe internal structures beneath the bacteria’s cell wall, it relies on simulation to 

approximate results. These simulations are run by estimating tip dimension, bacterial shape and a 

homogeneous electrical permittivity.[64] The majority of single-cell analysis involving current, 

resistance and conduction measurements has been done mainly using SMM. Additionally, CAFM 

does not rely on simulation unlike the SMM technique. CAFM is more accurate in comparison to 

the SMM technique, as it relies on measuring the conductivity on the surface of the material 

directly.  

1.9 Bacterial Motility 

1.9.1 Swimming at the Microscale 

It has been a theme in science over the last century that the deeper one looks into 

phenomena at the micro- and nanoscales, physical bodies do not seem to react quite the same as 
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their macroscopic counterparts. The Reynolds number is a ratio of the inertial over the viscous 

forces acting within a liquid body (Equation 1), where ρ is the density, ν is the average velocity, 𝑑 

is the dimension of fluid confinement and η is the fluid viscosity.[67] 

𝑅𝑒 =
𝜌𝑣𝑑

𝜂
       (1) 

Therefore, a high Reynolds number implies that inertial forces dominate, while a low Reynolds 

number implies the dominance of viscous forces. Liquid flows very differently in these two 

regimes. Large Reynolds number systems (such as a river flowing in a land channel) have a chaotic 

environment of turbulent flow. However, for low Reynolds numbers (such as water flowing 

through a microfluidic device), the system is in a state known as laminar flow. In this regime, 

layers of fluid flow parallel to one another and very little mixing occurs.[68,69] 

These two regimes, therefore, have a large impact on movement and mobility within 

them.[69] For a very large body, such as a human in water, inertial forces dominate. This allows a 

human to have momentum as they complete a stroke while swimming. As the individual's hand is 

returned to its forward position, it creates drag, but does not overcome the inertial force pushing 

the person forward. This is what allows large organisms to swim in water. At a low Reynolds 

number, viscous forces dominate. This means that if a human completes a stroke while swimming, 

they will move forward and immediately stop once the stroke is completed. Because they have no 

momentum, when their hand is moved back to the forward position, the individual is brought back 

to their initial position, and the overall distance travelled is zero. This means the techniques used 

to move in liquid at the macroscale will not necessarily remain viable at the microscale. In order 

to get around this issue, organisms such as bacteria must use asymmetrical motion in order to 

circumvent the problem of having to revert to an initial position to complete another stroke. This 

can be accomplished in a few ways, such as by using a corkscrew motion like that exhibited by a 



 
 
 

 

29 
 

bacterium's flagella. The rope and hook method of a bacterium having type IV pili avoids the 

problem of swimming all together, allowing it to move in specific directions by attaching and 

dragging itself across a surface. Both are widely utilized motility mechanisms at the microscale.[68] 

1.9.2 Types of Bacterial Taxis  

Bacterial taxis refers to the preferential migration of a cell due to some gradient factor in 

their environment. The type of factor determines the type of taxis: mechanotaxis is the movement 

of a cell due to a physical factor in the environment, such as surface roughness, fluidic shear stress 

or a stiffness gradient [70]; chemotaxis induces movement of bacteria by means of a chemical 

gradient [70]; and electrotaxis is the induced migration of bacteria due to an electrical perturbation 

(current, potential, and electrical field).[70] Understanding how bacteria move in a closed system 

in response to a stimulus is useful because it provides a means of potentially controlling that 

mobility. The ability to alter a bacterial population’s movement could potentially lead to new 

methods of preventing bacterial infection by shifting preferential migration towards a foreign 

structure instead of the surface of a patient's wound. 

1.9.3 Effect of Electricity on Movement and Migration 

Controlling the directionality of bacterial migration is significant in developing new 

applications for wound healing.[71] Electrotaxis is an emerging method that has recently gaining a 

lot of attention, not only due to its ability to produce bacterial migration towards a specific 

direction, but also because it is relatively harmless to the environment in which it is utilized. 

Electrically biased systems of bacteria have emerged as a popular new field of research. In relation 

to overall motility of the bacteria, two main fields of focus are: directionality [72-74] and motility 

dynamics [40,75-78].  
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Different bacteria, in terms of preferential migration, react quite differently when exposed 

to electric fields. For example, E. coli and P. aeruginosa, both gram-negative bacteria propelled 

by flagella, have been shown to migrate to different electrodes.[73] E. coli will move towards the 

anode in an electric field, while P. aeruginosa will move towards the cathode. 

Heterogeneous movement of individual cells has been studied much less. As bacteria 

move, they exhibit different characteristics. Some move in long strides (running), while some 

tumble in solution over themselves (tumbling). In an experiment by Shi et al. (1993), E. coli 

bacteria exposed to a 250 ms pulse of a 150 V/cm electric field were shown to change these motility 

properties.[77] For 15 seconds after the initial pulse, the bacteria’s linear speed increased, 

suggesting that more bacteria are exhibiting a running motion over a tumbling one.[77] However, 

from the 15 to 45 second mark after the pulse, bacteria exhibited an increase in their angular speed, 

suggesting an increase in bacterial tumbling in solution. These results of the physical qualities of 

bacteria were used to infer what type of movement was being performed in solution. The type of 

movement displayed by bacteria in an electric field should be directly observable through the use 

of optical microscopy.[40] More work can be done in this regard, in large part to understand the 

heterogeneous motility dynamics exhibited by bacteria under the influence of an electric field, or 

in other words, during electrotaxis. 

1.9.4 Microfluidics for the Study of Bacterial Taxis 

Over the past 20 years, the field of microfluidics has seen substantial growth. Devices with 

channels that are tens to hundreds of micrometers in dimensions allow for small, highly 

controllable environments that can be functionalized to represent biological systems (e.g. 

capillaries in the human body). In addition to functionality, microfluidic platforms require 

extremely low volumes for testing.[79] Due to these benefits, microfluidics has been enormously 
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influential in the fields of micro- and cellular biology[13,37,80-85], including the study of bacterial 

taxis.[13,37,80-82,85] Combining microfluidics with optical microscopy, general migration patterns, as 

well the heterogeneous motility dynamics of bacteria can be tracked and analyzed.[37] In a paper 

by Preiss et al. (2015), P. aeruginosa was shown to exhibit preferential migration towards surfaces 

of increasing stiffness as well as towards the cathode in an electrically biased system.[85] Though 

it seems clear that P. aeruginosa migration is affected by the application of an electrical bias, there 

has yet to be many studies which directly look at the effect of this electrical perturbation on the 

single cell swimming and motility dynamics of bacteria in solution. The high compatibility with 

optical imaging inherent in microfluidics allows for the tracking and analysis of bacterial cell 

migration. 

1.10 Optical Microscopy for Measurement of Bacterial Motility in Microfluidic 

Environments 

The creation of the first microscope in the late sixteenth century not only advanced our 

knowledge in microbiology, but changed our perception of the world entirely. Processes and 

organisms unknown to us could now be observed at a scale in which our natural senses could not 

comprehend or study. Myths and superstitions surrounding diseases that were believed to be 

caused by magic or divine retribution slowly fell away as we began to understand the impact these 

microorganisms had on us as a species. Optical microscopy has come a long way since then, as we 

now have incredibly refined lenses, microscope design, fluorescence imaging and digital imaging 

techniques.[86] 

In a typical microscope, light from a lamp is passed through a collector and condenser lens 

and shone through the specimen. The light then passes through an objective lens and into the 

eyepiece of the observer. An important concept when imaging a bacterial sample in solution, 
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especially when the sample is moving, is depth of field. Depth of field is defined as the distance 

between the closest and furthest in-focus image of an object. Inside the depth of field exists the 

plane of focus, at which the image would theoretically be at its highest quality.[86] As we raise and 

lower the objective lens or microscope stage, this plane of focus changes its relative position to 

the object.[86] This means that when imaging bacteria floating in solution, the bacteria will be 

falling in and out of the depth of field of our objective, and therefore, in and out of focus. Bacteria 

falling outside the plane of focus could lead to unusable or inaccurate data, making finding the 

optimum parameters for imaging crucial. These parameters can be found by positioning the 

objective lens’ distance from the stage so that the plane of focus rests just above the top surface of 

our microscope slide or coverslip. This allows for optimal imaging of bacterial motility, while 

restricting their degrees of freedom, preventing them from falling out of the plane of focus as 

frequently.  

1.11 Microfluidics Platforms as Models for Biological Systems and Wound Environments 

Due to the scale and flow dynamics inherent in microfluidic systems, they are an ideal 

testing environment for wound models. The ease of modification and functionalization allow for 

the ability to accurately mimic biological systems, such as capillaries in humans in vitro, reducing 

the amount of testing that needs to be done on animals. Extensive work has been done on the 

creation of so called “organs on a chip”, in which unique models for various organs, such as the 

lungs, liver, and kidneys, have been mimicked within the microfluidic device itself.[87] The end 

goal of these types of projects is to create a “body on a chip” that can mimic the majority of the 

processes occurring in the human body to accelerate the development of drugs for treating illness. 

This increase is facilitated by both the reduction in the quantity of the tested substance as well as 

by the circumvention of a large portion of human and animal trials, the latter of which are 
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notoriously slow in planning and execution.[87] These systems have been used extensively in the 

testing of bacterial migration towards chemoattractants (e.g. cytokines), reactions towards 

antimicrobials and the study of the individual cell motility dynamics of cells in a wound site. 

Obviously, microfluidics has great applications towards the success of this study, as it 

provides the ability to understand the motility dynamics of single bacterial cells in an electric field. 

The flow environment that exists in a microfluidic device is similar to those in typical wound 

environments, allowing for research to be utilized and applied towards the creation of applications 

and technologies for wound treatment. 

1.12 Electricity and Wound Healing 

 When a wound is created on the human body, barriers and protections that form over the 

wound produce a natural level bioelectricity (mV and μA).[71] By directing the migration of 

individual bacterial cells, the electrical fields produced in this environment have a crucial role in 

wound healing. This astounding fact has led to interest in taking advantage of the reactions of 

bacterial cells to electrical perturbations and using them in wound healing.[71,88]  

 In a study by Mehmandoust et al. (2007), guinea pigs were given an incision along their 

back and subjected to electrical stimulation.[89] This stimulation used a combination of anodic and 

cathodic currents applied directly to the wound over six days. The study showed increased healing 

times for all combinations, and attributed stronger reformed tissue to the combination of three days 

of anodic followed by three days cathodic applications.[89] In a similar experiment by Rowley et 

al. (1974), rabbit wounds infected with P. aeruginosa were subjected to currents from 0.2-2.0 μA 

(DC) and witnessed a bacteriostatic event taking place.[90] In other words, the proliferation of the 

bacterial infection was halted.[90] There is a beauty in the simplicity and effectiveness of these 
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electrotherapeutic treatments, and they lend themselves extremely well to marketplace applications 

due to their low costs. 

 However, as electrotherapeutic treatments do not need to be directly applied from a power 

source with wires, self-contained devices can also be created. A device created by Park et al. (2015) 

took advantage of large arrays of metallic Zn and Ag dots coated across a polyester fiber, and made 

into a bandage.[71] Once in contact with a salt solution, this device creates a bioelectric field due to 

the differences in surface potential of adjacent dots in the array. This generated field allows the 

bandage to take the place of the natural barriers formed by the human body for wounds. This would 

allow deeper control over bacterial migration in the wound site, increased wound-healing times, 

and due to the lack of battery, would remain relatively cheap for the consumer.[71]  

1.13 Problem Statement 

 There are many aspects that led to our study of multi-drug resistant bacteria, their electrical 

properties and their reactions to electrical stimulus in solution. Some of the most prominent include 

the need to combat antimicrobial resistance, the potential wound-healing capabilities in electrical 

based treatments and the lack of knowledge surrounding electrical properties of individual 

bacterial cells. The MRSA, P. aeruginosa and E. coli strains used in these experiments were 

chosen for their tendency in developing antimicrobial resistance and relevancy to common 

infections of wound sites. Along with microfluidic platforms, SS substrates were used due to SS’s 

common usage for surfaces in the medical field and in microfluidics fluid dynamics, the latter of 

which mimics fluid flow in a wound environment. Bacterial characteristics and motility dynamics 

were analyzed using AFM, KPFM, CAFM (ResiScope), microfluidics, optical microscopy and 

tracking software tools.  
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 A novel goal in this experiment is to develop a base methodology for measuring conductive 

properties of bacteria and biological molecules adhered to conductive surfaces using ResiScope. 

This has yet to be done, as ResiScope has been used mainly for the characterization of properties 

inherent in inorganic materials. We wanted to show that localized electrical properties and 

topographical information can be simultaneously collected with the ResiScope device to give a 1:1 

comparison of the physical and conductive properties of a biological sample (topography and 

resistance). This would be a significant improvement over current techniques, the majority of 

which collect this data separately and with error due to time differentials between images. 

Additionally, CAFM would increase efficiency in imaging time due to a reduction in the total 

number of images needed. Though conductivity is known to be exhibited by cells suspended in 

solution, current measurements on dried bacteria would warrant novel investigation into what 

biological molecules could act as potential charge carriers in the physical structure of bacterial 

cells. Additionally, by using microfluidic platforms and subjecting motile bacteria to electrical 

perturbation, motility dynamics (velocity and directness) and bacterial migration patterns can be 

observed for individual, single bacteria cells. As much of the information in this field is based off 

bulk population based methods, it is critical that this information is studied due to the heterogeneity 

inherent in single bacterial cells. Going forward, this information can be used moving to inform 

electrotherapy techniques for treating and healing wounds. To increase the effectiveness of these 

techniques, it is possible that electricity can be combined with antimicrobials, such as acetic acid 

(AA), to test an electroceutical approach for wound-healing applications. By gaining a deeper 

understanding of the electrical properties inherent in bacteria and how motile bacteria are effected 

in solution by electrical perturbation, new strategies and techniques for wound healing can be 
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created and implemented. Electrotherapy, having no reliance on chemicals for inhibition of 

infecting bacteria, may help in combatting the global problem of antimicrobial resistance.  

 

2 MATERIALS AND METHODS 

2.1 Bacterial Culture 

 Strains of P. aeruginosa and MRSA were obtained from Dr. Scott Weese and Joyce 

Rousseau of the Pathobiology Department at the University of Guelph. All MRSA, P. aeruginosa 

and E. coli strains were streaked and cultured on 5% blood agar plates and left to grow at 37℃ for 

24 hours before use. 

2.1.1 CAFM Experiments 

 

Individual colonies were chosen and transferred into 6 mL of tryptic soy broth (TSB) 

solution to culture at 37℃ in a shake incubator rotated at 200 rpm for 24 hours. 1 mL of the 

bacterial broth was then transferred to 1.5 mL microfuge containers and centrifuged at 1000 xg for 

5 minutes. The excess liquid was then decanted and the remaining cells were resuspended into 1 

mL of deionized water. This rinsing processes was repeated twice. 

2.1.2 Electrotaxis and Cell Morphology 

  

Samples from bacteria colonies on the agar were introduced into 5 mL of TSB for culturing. 

Samples were shake-incubated at 37°C at a rotational speed of 200 rpm for approximately five 

hours. 1 mL of bacterial solution was then pipetted into a microfuge tube and centrifuged at 1,000 

xg for five minutes. Excess liquid was then decanted into a waste beaker, and 1 mL of deionized 

water was used to resuspend the cells. This process was then repeated again. 100 μL of the 
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resuspended cells was subsequently transferred to a fresh microfuge tube using a pipette, and 900 

μL of deionized water was added to create a 1/10 dilution for imaging. This dilution is subject to 

change however, and is relative to how populated the TSB is with bacterial cells. Alteration of the 

amount of dilution may be necessary for proper and efficient imaging. 

2.1.3 Electroceutical Studies 

 

Bacterial suspensions were prepared by centrifuging cultures grown in 5 mL of TSB 

medium in the shaker at 200 rpm for 5 hours at 37 °C. The media was extracted and centrifuged at 

1000 xg for 5 minutes to concentrate the cells. Upon pouring off the supernatant and redistributing 

the cells in filtered deionized water, the process was repeated twice. The cells were subsequently 

diluted with filtered deionized water and injected into the microfluidic device for viewing. The 

above procedure was also followed for the culturing of the cells for the electroceutical experiments, 

with the exception that 6.9 µL of 45% AA was added to 993.1 µL of the bacterial solution to 

achieve the 0.31% AA concentration prior to injection into the microfluidic channel. 

We selected P. aeruginosa strain BK-76, isolated from canine ear skin infections, and E. 

coli strain ATCC 8099, because these are relevant wound pathogens that exhibit antimicrobial 

resistance properties. The bacterial suspension consisted of either P. aeruginosa or E. coli 

suspended in filtered deionized water. This was done to reduce the complexity of the 

electrochemical products produced at the anode/cathode, allowing for a clearer observation of the 

bacterial response to current in terms of their chemotactic behavior. When the live bacteria were 

observed microscopically in the prepared solution, they exhibited a high level of free motility.  
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2.2 Imaging AFM, KPFM and ResiScope  

 

All AFM imaging was done using an Agilent 5500 series AFM. The ResiScope module 

from Concept Scientific Instruments was used in order to perform current and resistance 

measurements (Figure 4). The conversion of the ResiScope imaging units in Volts to Ohms is 

given by the equation: 𝑅 = 10
(𝑉+2)

. Conductivity imaging was done using conductive PtIr-coated 

Si tips of 75 kHz, 2 N/m and 225 nm in length. KPFM measurements were taken using 

Mikromasch Pt-coated cantilevers of 75 kHz, 2 N/m and 240 nm. ResiScope measurements were 

made using a 0.7 V potential bias to the substrate. This potential was chosen due to increased 

measurement noise below 0.5 V and topographical artefacts occurring when measuring biological 

samples above potentials of 1.0 V. Gwyddion SPM data visualization and analysis tools (Czech 

Metrology Institute, Brno) was used to analyze images acquired from all modes of AFM. 

 

Figure 4. Agilent 5500 Series (a) atomic force microscope on an isolation table (b). The isolation 

table helps to minimize vibrational interference from the surrounding environment. The (c) 

ResiScope module rests on top of the (d) AFM head electronics box. 
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2.2.1 Method for Choice of Bacterial Cell in AFM Imaging 

 Measured cells were chosen based upon the lack of noticeable contamination, as well as 

their total exposed circumference. Since single cells were targeted for measurement in this 

experiment, leaving at least roughly half of the cells total circumference exposed (Figure 5). 

  

Figure 5. AFM images of MRSA after application of 0.125 mA (a) and P. aeruginosa after 

application of 0.075 mA (b). Preferably single cells, having no adjacent cells, were chosen for 

dimensional measurements. 

 

2.2.2 Sample Preparation for AFM, KPFM and ResiScope Imaging 

 

Gold-coated SS discs, standard SS discs and sputter-coated gold mica substrates (~100 nm 

coating) were used in these experiments as conductive interfaces. Clean, gold and SS discs were 

sonicated for one minute in de-ionized water in order to remove excess waste from the surface. 

Substrates were then rinsed with 1 mL of deionized water and left to dry for four hours. 400 uL of 

the resuspended, rinsed bacterial solution was placed onto the SS and the Au-coated mica, while 

250 uL was deposited onto the gold discs (amount chosen to maximize surface coverage for each 

sample). Substrates were then incubated at room temperature for 20 minutes, allowing for bacterial 

attachment. This length of time produces dispersed populations of dried bacterial cells, allowing 
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for single cell imaging on the atomic force microscope. Excess solution on the substrates were 

then gently rinsed with 1 mL of deionized water using a micropipette. Substrates were allowed to 

dry overnight before imaging.  

 

2.2.3 Au-coated Mica 

 

Mica sheets were cut into approximately 1.8 x 1.8 cm squares using sharp scissors. 

Individual sheets were then cleaved to ensure a clean, flat surface with no flaking. Mica sheets 

were then sputter coated under vacuum with ~100 nm of gold. This thickness allows for high 

current application in measurements without degradation of the thin metal film.  

2.3 Raman Spectroscopy 

 

All Raman measurements were done using the Advantage series near-infrared Raman 

spectrometer by DeltaNu. A wavelength of 785 nm was used to collect spectra. Three centrifuged, 

rinsed quantities of MRSA and P. aeruginosa were combined and resuspended in deionized water 

to ensure a high concentration of cells. 20 uL of rinsed bacterial solution was then deposited onto 

gold surface-enhanced Raman spectroscopy (SERS) substrates from Ocean Optics and left to dry 

for a period of three days. Purified peptidoglycan samples from S. aureus were bought from Sigma-

Aldrich. A 4 mg/mL solution of peptidoglycan was left to settle for one minute. 25 uL of the 

separated and suspended peptidoglycan sample was then pipetted onto the SERS substrate and left 

to dry for three days. 

2.4 Optical Microscopy 

 

Optical imaging was done using the Nikon TI-U Eclipse Microscope Inverted Microscope, 

along with the Nikon NIS-Elements software. A Nikon Ti-U Eclipse Microscope (Nikon 
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Instruments Inc., Melville, NY) was used to image the cells at the following settings: Phase 2 

contrast with the use of D & GIF filters, 40x objective with collar ring set to 1.3 mm, 1.5x 

magnification, 1.0 gain, recorded at 90 fps by use of the Nikon NIS-Elements software for real- 

time imaging. 

2.5 Microfluidic Channel and Electrotaxis Setup 

 

 Ibidi microslide III microfluidic channels were used for the observation of single bacterial 

cells (Figure 6). The use of a flow-free microfluidic device (a device that has no flow generated 

within its channels), composed of a fused silica chip, minimizes flow-induced shear stress on cell 

migration and movement in a static gradient environment [97-100] and allows quantitative 

evaluations of cell migration in spatiotemporally-complex chemoattractant fields that mimic in 

vivo situations.[101] In addition, the miniaturization drastically reduces the Joule heating effect[102], 

thereby reducing the chance of any thermotaxis by the cells. Data analysis conducted in this study 

was similar to that of Wright et al. (2014).[37] Copper electrodes (diameter of 4 mm) were inserted 

into ports A & B and into the bacterial suspension of the glass bottom-fused silica microfluidic 

system (Figure 7). 
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Figure 6. Pre-fabricated single-channel microfluidic device. 

 

2.6 Electrical Perturbation of Bacteria 

2.6.1 Choice of Electrical Current Levels 

Preliminary studies support that both E. coli and P. aeruginosa show little to no response 

to alternating current (AC) stimulation, but a bacteriostatic effect is observed when exposed to 

anodal and cathodal direct current (DC).[85,91] In a study by Schmidt-Malan et al. (2015), delivery 

of 0.200 mA for 4 h/day over four days reduced P. aeruginosa biofilms on Teflon and titanium 

discs.[92] Similarly, in Voegele et al. (2016), it was shown that exposure to 0.100 mA resulted in 

observable biofilm reductions after four days.[93] Further, in vivo studies have shown that skin 

ulcers colonized with P. aeruginosa and treated with µA cathodal DC resulted in pathogen-free 

ulcers within days of treatment.[94] Additional studies revealed that delivery of current through 

carbon-filled electrodes to microorganisms in intact human skin at 0.075 mA and 0.100 mA 
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resulted in bactericidal effects at four and 24 hours, beneath the positive electrode.[95] To minimize 

the risk of pH or temperature fluctuations while selecting an effective current range, we elected to 

administer 0.07, 0.125 or 0.175 mA DC to cells, as doses in the range of 0.075–0.200 mA have 

bactericidal effects. The desired ampere levels of 0 mA, 0.07 mA, 0.125 mA and 0.175 mA were 

achieved by the use of a current amplifier and a 55 kΩ resistor, giving the corresponding voltage 

values of 0, 3.850, 6.875 and 9.625 V respectively. Based on a study performed at the Mayo Clinic, 

the deployment of low-dose electric current in the urinary tract was determined to be safe; 

moreover, a study of electrified catheters in sheep resulted in no chemical or physical 

changes/trauma to tissues or urine within the urinary tract when administering 0.400 mA of 

current.[93] However, it is unknown as to how inflamed, and possibly necrotized, skin wounds 

would respond to DC currents as great as 0.400 mA, which is why we selected a lower 0.175 mA 

dose as the upper limit. 

2.6.2 Electrotaxis Experiment 

 

The bacterial solution was introduced into the microfluidic channel. A copper electrode 

was placed in the outlet and inlet of the microfluidic device. Using a current amplifier, consistent 

electrical currents of 0.0 mA, 0.07 mA and 0.125 mA were then applied to the microfluidic system. 

Optical imaging and video capture was then done for both the P. aeruginosa and E. coli 

populations. 
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Figure 7. Illustration of the microfluidic experimental setup for bacterial electrotaxis assays. 

Schematic of the circuit used for generating the desired electric current in the investigation of the 

swimming dynamics of individual bacterial cells. Abbreviation: DC, direct current. 

 

2.6.3 Cell Morphology Experiment 

 

100 μl of suspended, undiluted bacterial solution was then pipetted into a Teflon well with 

a copper cathode and anode. Separate P. aeruginosa and MRSA populations were then exposed to 

the following currents: 0 mA, 0.075 mA, 0.125 mA and 0.175 mA for 60 seconds. The solutions 

were then retrieved using a pipette and deposited onto gelatin-coated sheets of mica for 

approximately 30 minutes. After incubating, the surfaces were gently rinsed using 1 mL of 

deionized water. The substrates were then left to dry overnight to be imaged the following day. 

2.6.4 Electroceutical Experiment 

 

Motile P. aeruginosa and E. coli cells were subjected to electrical currents of 0.0 mA, 0.07 

mA, 0.125 mA and 0.175 mA in the microfluidic system described in section 2.6.2. Bacterial 
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velocity, directness and migration patterns were measured at these chosen current levels, with and 

without the application AA. The total number of cell tracks for each setting was 70. One cell track 

represents the path of a single cell from the beginning to end of measurement. At least five 

independent experiments were carried out. All quantitative data were presented as the mean value 

± standard deviation. Student’s t-test was applied to compare two distinct groups. P-value <0.05 

was considered to be statistically significant.  

2.7 Choice of Antimicrobial for Electroceutical Measurements 

 

Acetic acid (CH3COOH) is a biocompatible antimicrobial compound which can be used to 

specifically target invading bacteria in wound sites, while leaving somatic host cells 

undamaged.[96] Previous studies have shown a minimum inhibitory concentration of 0.31% AA to 

be an effective treatment against a multitude of pathogens tested, including multi-drug resistant 

strains of E. coli and P. aeruginosa.[96] This same concentration of AA was also found to be 

effective in inhibiting biofilm formation.[96] Therefore, we chose to use 0.31% as the chemical 

component of our electroceutical approach (multi-cue experiments). Electrotaxis and chemotaxis 

have been studied separately in mammalian cells due to the complications in designing 

simultaneous chemical mixing and electrical field gradients in a single device.[82] The development 

of specialized microfluidic devices has allowed researchers to test the impact of electric fields as 

well as controlled chemical gradients, although testing of electrical currents in the single bacterial 

level is still challenging for practical application in a wound dressing. Therefore, for these reasons, 

we elected to use a single uniform concentration of AA in combination with the application of 

various currents. 
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2.8 Directness and Forward Migration Index Metrics 

 

The cellular characteristic analyzed in this study includes its forward migration index 

(FMI), where FMI X and FMI Y indicate the efficiency of the forward migration of cells and how 

they relate to the direction of both axes: 

                                                   𝐹𝑀𝐼𝑦 =
1

𝑛
∑

𝑦𝑖,𝑒𝑛𝑑

𝑑𝑖,𝑎𝑐𝑐𝑢𝑚

𝑛
𝑖=1      (2) 

                                                   𝐹𝑀𝐼𝑥 =
1

𝑛
∑

𝑥𝑖,𝑒𝑛𝑑

𝑑𝑖,𝑎𝑐𝑐𝑢𝑚

𝑛
𝑖=1      (3) 

Where n is the total number of tracks, i represents each individual track, di,accum is the total 

accumulated distance from the cells start to end position and xi,end and yi,end are the relative positions 

to each corresponding axis when the cell track has ended. Directness is a quantitative 

representation of linearity with respect to cell trajectory.   

2.9 Statistical Tracking and Data Analysis 

  

ImageJ (NIH, USA) was used to track the cellular frame by frame coordinates, and Ibidi 

Chemotaxis and Migration Tool software (Ibidi Software, Munich, Germany) was used to 

calculate the cellular motility metrics of the combined cell tracks. All measurements were analyzed 

using the Origin 9.1 Data Analysis and Graphing Software for statistical analysis.  

3 RESULTS AND DISCUSSION 

3.1 ResiScope: Conductive Measurements of Biological Organisms and Molecules 

3.1.1 Tip Optimization 

 

As stated in the introduction, controlling the quality of a ResiScope image can be 

accomplished by varying the force setpoint and the potential applied on the substrate. This 
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introduces a significant problem in imaging, in that the alteration of either of these properties 

induces tip erosion. For these reasons, the choice of tip becomes critical.[59] Originally, we used 

the same Pt tips for CAFM and KPFM. However, the Pt tips eroded rapidly, wearing away the 

metal coating. This tip erosion can be seen in Figure 8, in which an SEM image was taken of an 

unused tip and a Pt tip after several AFM images. For these reasons, PtIr tips were used, which 

increased the signal response by providing a more stable flow of electrons and reducing tip-

wear.[61] PtIr-contact mode tips with a low spring constant of 0.1 N/m are superior to Pt tips, but 

still generate a significant amount of noise. After testing PtIr tips with a midrange spring constant 

of 3 N/m and 75 kHz, we found these were ideal for our task. The higher spring constant allowed 

for more consistent contact between the tip and the surface. This combination gave the best and 

most consistent measurements for both biological and test samples. Our experiences underscore 

the importance of carefully selecting the best settings and tips for CAFM analysis; we found that 

until a method is established for a particular sample type, this is likely to be a trial and error process. 
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Figure 8. Pt-coated silicon tips were initially used for conductive imaging with ResiScope. 

Coating is easily worn away after several images due to setpoint and applied potential. On the top 

is (a) a pristine tip and (b) is a Pt tip after approximately 10 5x5 µm images, with an applied voltage 

of 0.7 V. 

 

3.1.2 Bacterial Resistivity and Potential Measurements  

Gold and SS substrates were chosen for their conductive properties and medical relevance. 

Conductive measurements were made on uncolonized bare and gold-coated SS and on the same 

surfaces after P. aeruginosa and MRSA were allowed to adhere. Due to the roughness of the SS, 

along with its increased reactivity (versus gold), we were unsuccessful in taking measurements on 

this surface using the ResiScope. However, we were able to acquire CAFM images of MRSA and 

P. aeruginosa on gold-coated surfaces (Figure 9). Table 1 shows the average resistance for 

bacterial cells adhered to the surface. 
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Table 1. Average resistance and surface potential values for P. aeruginosa and MRSA on gold 

and SS. Increased surface roughness and tip-sample interactions rendered ResiScope unable to 

retrieve viable measurements of resistance for SS. 

 

 Average 

resistance: Au 

substrate (GΩ) 

Average 

resistance: SS 

substrate 

(GΩ) 

Surface 

potential on 

Gold substrate 

(V) 

Surface 

potential on SS 

substrate 

(V) 

MRSA (1.73 ± 0.16)x102 --- -0.304 ± 0.05 0.153 ± 0.06 

P. aeruginosa (1.35 ± 0.25)x102 --- -0.280 ± 0.09 0.172 ± 0.02 

 

 

The average resistance for P. aeruginosa was 135±25 GΩ, while MRSA had an average of 173±16 

GΩ. The two values were not significantly different from one another. However, we may see 

differences in a larger sample size, as the average is based on resistance values from four cells. 

These measurements are in alignment with those obtained in a study by Lu et al. (2008) that 

quantified the resistance of E. coli cells suspended across two, conductive gold interdigitated 

fingers; results resistance values were ~396 GΩ. We also acquired KPFM measurements of MRSA 

and P. aeruginosa on SS and gold-coated substrates to gain a better understanding of the 

relationship between surface potential and potential charge transfer (see Figure 10 and Table 1).  
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Figure 9. Topography (left column) and ResiScope resistance images (right column) of (a, b) bare 

gold, (c, d) gold-coated with poly-L-lysine, (e, f) P. aeruginosa and (g, h) MRSA on gold. 

Application of poly-L-lysine causes a slight increase in highly resistant artifacts on the surface of 

gold, but the surface still remains mostly highly conductive. 
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Figure 10. Topography (left column) and KPFM (surface potential) images (right column) of (a, 

b) P. aeruginosa on gold, (c, d) MRSA on gold, (e, f) P. aeruginosa on SS and (g, h) MRSA on 

SS. Surface potential changes range from negative for P. aeruginosa and MRSA on gold to 

positive on SS for both bacteria. 

 

Both of the bacterial cell surface potentials switched from negative to positive between the gold 

and SS substrates. MRSA had a surface potential of -0.304 V for gold and 0.153 V for SS, and P. 

aeruginosa -0.280 V for gold and 0.172 V for SS. A similar effect was reported by Birkenhauer et 
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al. (2014), where the surface potential of MRSA cells switched from positive on SS to negative on 

gold.[14] This suggests that surface potential varies across bacterial strains and is influenced by the 

surface to which the cells bind.[14] Finally, in an attempt to measure charge transfer, a 500 x 500 

nm close-up resistance image of P. aeruginosa on gold was acquired (Figure 11). KPFM close-

ups emphasize the difference in surface potential at the cell-gold interface. 

 

 

Figure 11. Original 3 x 3 µm zoomed out images of (a, b) P. aeruginosa on gold substrates (from 

Figures 9 and 10). Zoomed 500 x 500 nm topographical scan (c) of P. aeruginosa membrane 

interface with gold substrate and the corresponding resistance image (d). A cross-section of the 

resistance image (e), showing a steep change in resistance. Cropped 500 x 500 nm topographical 

scan (f) of P. aeruginosa membrane interface with gold and the corresponding surface potential 

image (g). Line measurement (h) of surface potential step from gold to bacterial surface.  
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3.1.2.1 Measuring Flagella and Microbial Nanowires 

 Since the electrical properties of microbial nanowires are highly characterized, some focus 

was placed on obtaining a ResiScope image of the flagella of P. aeruginosa for purposes of 

comparison. Though flagella are clearly distinguishable on mica, the small features were less so 

on the gold-coated SS discs. As shown in Figure 12, Au-sputtered mica helped greatly in making 

the flagella distinguishable from the background. However, the current imaging method seems 

unable to obtain a clear electrical image on this physical characteristic. Further optimization and 

increased sensitivity may yield conductive measurements on microbial nanowires. 

 

 

 

 
Figure 12. Clearly visible flagella of P. aeruginosa on Au-coated mica. The flagella of some P. 

aeruginosa strains are conductive for some strains. Conductive images are potentially attainable 

with increased sensitivity and further optimization. 
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3.1.3 The Role of Peptidoglycan in Potential Measures  

3.1.3.1 Switching to Au-sputtered Mica from Gold-coated SS Disc 

For the measurement of peptidoglycan, the substrate was switched from the convenient 

gold-coated SS to the gold sputter-coated mica, as the high surface roughness of the original 

substrates made it difficult to distinguish the peptidoglycan structures from the surface itself. 

Additionally, the gold-sputtered mica is a much cleaner sample, less likely of becoming 

contaminated before imaging. Though dirt is washed off the gold-coated SS, the high surface 

roughness will retain a certain degree of contaminants from the environment, which may obstruct 

electrical measurement. Conversely, the cleaved mica provides a pristine surface, insuring the only 

thing being measured on the surface of the gold is the purified peptidoglycan sample.  

3.1.3.2 Measurements on Peptidoglycan Molecules 

We went on to investigate which bacterial substances might be involved in forming the 

conductive path shown in Figure 9. In solution, bacteria are conductive due to the functions of 

their ion channels. However, their outer membranes are largely composed of polysaccharides and 

lipids, which are non-conductive. Based on the structural properties of the membrane in MRSA, 

the bulk of the electrical measurements were to be made while in contact with the outer 

peptidoglycan layer.  

In initial experiments, 20 μg/ml of peptidoglycan was dried on mica for 24 hours and was 

imaged to show partial films forming on the surface with a step height of approximately 1 nm 

(Figure 13). CAFM measurements of peptidoglycan on the gold sputter-coated mica show an 

average resistance value of 6.626 V or 0.423 GΩ (see Figure 14). This smaller resistance value is 

most likely due to the thickness of the peptidoglycan film on the surface, which was measured on 
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mica was ~1 nm thick. Though it was reasonable to think these measurements were indeed of 

peptidoglycan, the 1 nm thickness made for non-distinct topography on an Au-sputtered mica 

surface that had an RMS surface roughness of approximately 3-4 nm. Therefore, it was necessary 

to deposit the peptidoglycan on the gold surface in such a way as to make the peptidoglycan a fully 

distinguishable feature from the sputtered background.  

   

 

Figure 13. Topography images of edge of peptidoglycan film (a) on mica surface and (b) zoomed 

in 1 x 1 um scan of film surface. Line scan of (c) peptidoglycan film at the mica interface, showing 

a step height of ~1 nm. 
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Figure 14. Topography and resistance images of (a, b) bare gold and (c, d) peptidoglycan, 

respectively. Average resistance value for peptidoglycan-coated gold surface is 0.423 GΩ. 

We dried a 4 mg/mL of peptidoglycan on gold-coated mica for 24 hours at 37℃ to image 

the electrically conductive properties of peptidoglycan and determine if its resistive properties 

correlate with images of bacteria taken earlier. We found micrometer-sized islands of 

peptidoglycan had formed, with a height of approximately 400 nm (Figure 15). The poor 

topography image of the peptidoglycan particle in Figure 15 is mostly likely due to two factors: 

(1) the image being taken using the ResiScope, meaning optimization was made during imaging 

to obtain a better electrical image, sacrificing topographical quality; and (2) the soft, malleable 

structure of the peptidoglycan, causing increased interaction between the tip and the sample 

causing artefacts to arise more frequently.  
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Figure 15. Topography images of peptidoglycan particle (a) on Au-coated mica surface and (b) 

zoomed in 3 x 3 μm scan of particle edge. Line scan of (c) peptidoglycan particle at the Au-coated 

mica interface, showing a height of ~400 nm. 

 

To confirm that the purified peptidoglycan was indeed peptidoglycan, Raman spectroscopy was 

used, and the results were correlated with scans of P. aeruginosa and MRSA, showing it was 

present in both samples (Figure 16). The peak at ~730 nm-1 is attributed to the stretching of the 

glycosidic rings in the NAG and NAM molecules present in the peptidoglycan layer surrounding 

the cells.[24,65]  
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Figure 16. Raman spectra of (a) peptidoglycan in comparison with gold SERS substrate, P. 

aeruginosa and MRSA. Pristine and wetted-then-dried SERS substrates reference spectra and 

show no correlation with peaks of interest. Normalized (b) spectra of peptidoglycan, P. aeruginosa 

and MRSA showing a ~730 nm-1 peak corresponding to NAG and NAM molecules (amino sugars), 

which reside in the peptidoglycan. 
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Relative intensity measures show a smaller peak for P. aeruginosa, most likely due to the thinner 

layer of peptidoglycan and its partial obstruction by lipopolysaccharides. This confirms that the 

molecule being measured on the surface is in fact peptidoglycan. CAFM measurements of 

peptidoglycan on the gold sputter-coated mica show an average resistance value of 9.021 V or 105 

GΩ (Figure 17). This resistance value will change depending of the thickness of the peptidoglycan 

sample.  

 

Figure 17. Topography and resistance 1 x 1 μm images of (a, b) bare gold and (c, d) peptidoglycan. 

This peptidoglycan image is from the same peptidoglycan particle as in Figure 15. The average 

resistance value for peptidoglycan particle on gold surface is 103 GΩ. 

 

AFM, KPFM, and ResiScope are excellent tools for studying the electrical potential of 

bacteria, as demonstrated by our results. However, the conditions must be carefully controlled to 

ensure for ideal measurement. Our work establishes a set of parameters that can be used as a 
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starting point for subsequent studies of a similar nature. As for CAFM, we found that there are a 

variety of parameters that influence the success of ResiScope analysis. The version of ResiScope 

currently used by our laboratory is limited to contact mode. Contact mode, especially when used 

for inorganic samples, allows for better electrical contact between the tip and the substrate, which 

leads to more stable measurements. However, there are some shortcomings to using contact mode 

for these studies. First, it can easily dislodge a sample from the surface if it is weakly bound. 

Second, the high friction force resulting from the cantilever pressing onto the metallic surface 

quickly erodes the thin film of conductive material deposited onto the Si tips.[56] There is the 

possibility of combining KPFM and ResiScope images to study charge transfer, as a result of 

differences in the localized potential between the cell and the substrate. Our results give a 

reasonable starting point for such studies, but additional optimization is necessary to improve 

image quality for our application. Our results and experiences demonstrate that there are a variety 

of options, such as temperature and humidity, for enhancing and optimizing the measurement of 

bacterial electrical properties using CAFM. The experiments in this study provide a framework for 

future analysis and highlight several pathways for our ongoing research. For example, one 

direction would be to study bacteria in a more hydrated environment, similar to their natural 

habitat. Although electrical measurements cannot be made in liquid, an environment humid 

enough to maintain the cells in a moist climate could restore the function of bacterial ion channels 

– while being conducive to CAFM – thereby allowing for the measurement of their charge transfer 

properties. Although multi-drug resistant strains of bacteria are highly relevant to the end 

application of this project, measuring a known conductive bacterium, such as G. sulfurreducens, 

may also help in the development and optimization CAFM techniques that can later be applied to 

less conductive strains. Furthermore, strains of G. sulfurreducens form conductive biofilms [17,18] 
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offer the potential for charge transference and propagation to be studied in these much larger 

structures.  

As denoted earlier, MRSA and P. aeruginosa strains were initially chosen for electrical 

measurement, as they are two common opportunistic pathogens that readily cause wound infection. 

Wound infections represent a prime area in which electrical current could be therapeutically 

applied, as it may help to remove bacteria, while accelerating wound healing. In addition to 

comparing potential conductive differences between gram-positive and gram-negative bacteria, 

the motile nature of P. aeruginosa allows for the imaging and investigation of the electrical 

properties of pili and flagella. We plan to investigate this area further in future studies, and to apply 

these techniques to the study of other interesting or relevant bacteria. For example, CAFM has 

direct measurement capabilities that could potentially help to elucidate how G. sulfurreducens pili 

exhibit metallic-like conductivity.[16,21] It is not entirely clear which components of the bacteria 

studied here are responsible for conducting the charge. If peptidoglycan is acting as the charge 

carrier, it is somewhat surprising then that P. aeruginosa does not display a higher resistivity, as 

it is covered by an outer layer of lipopolysaccharides. This suggests that an alternate conductive 

structure may be responsible for conductance observed in this study. This is something that we 

could investigate in future studies, as we have several parameters worked out for examining 

external bacterial structures using ResiScope. For the measurement of peptidoglycan, we switched 

the substrate from gold-coated SS to gold sputter-coated mica, as the high surface roughness of 

the original substrates could potentially have made it difficult to distinguish the peptidoglycan 

from the surface itself. Additionally, we determined that gold-sputtered mica represents a much 

cleaner sample that is less easily contaminated prior to imaging. Although residual material is 

washed off the gold-coated SS, the high surface roughness will retain a certain degree of 
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contaminants from the environment that can obstruct electrical measurements. Conversely, the 

cleaved mica provides a pristine surface, ensuring that the only aspect being measured is the 

purified peptidoglycan sample. Direct measurements of dried bacterial cells are seldom collected; 

instead, most electrical measurements of bacteria focus on the planktonic state or individual live 

cells in solution.[47] Our study provides a framework for the future measurement of bacterial 

conductance in individual bacterial cells 

3.1.4 Potential Conductive Paths and Comparison of Bacterial Electrical Resistivity to 

Known Materials 

If peptidoglycan is the charge carrier, this would mean the electrons are traveling through 

the outer membrane of the bacteria and into the tip (Figure 18). To gain a better understanding of 

what may be happening during this process, it is helpful to calculate and compare electrical 

resistivity between the values measured in this experiment and the known values for various other 

materials. The equation for electrical resistivity is: 

       𝜌 =
RA

𝑙
        (4) 

Where ρ is the electrical resistivity, R is the electrical resistance of a material, l is its length and A 

is the object’s cross-sectional area. Due to the high irregularities inherent in bacteria and the 

unknown exact shape of the end of the tip, precise geometry or electrical values cannot be known 

or calculated precisely. However, we can estimate this value knowing that (1) R is on the order of 

1011 Ω in our measurements of bacteria; (2) the value of A, judging by the diameter measurements 

of MRSA in Figure 19 and assuming a cylindrical bacteria with a circular cross section having a 

radius of ~500 nm, will be on the order of ~ 105 nm2; and (3) the value of l, judging by the height 

measurements in Figure 19, will be on the order of 102 nm. Therefore, a rough estimate for 
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electrical resistivity will be on the order of 105 Ωm. Note that this value for electrical resistivity is 

on the same order of magnitude as deionized water.[103] Therefore, it may be that the ResiScope is 

measuring the water possibly bound or trapped inside the bacterial cell or around its surface. 

However, there is no way of knowing this at this time, as the amount of water that may or may not 

be in the cell is unknown. 

 

Figure 18. Diagram displaying the general setup of a ResiScope measurement and the potential 

conductive path taken by electrons through the peptidoglycan layer of a gram-positive bacteria, 

assuming peptidoglycan is the charge carrier. The system setup resembles a closed circuit, where 

the sample is a resistor. Once the signal passes through the sample and tip and is inside the 

ResiScope, the resistance is acquired through an independent measurement made using a high 

performance amplifier. 

 

3.2 Electrotaxis and Effect of Electricity on Cell Morphology 

3.2.1 Effect of Applied Current on Bacterial Motility 

Exposure to an electrical current changes cellular velocity in P. aeruginosa and E. coli; 

additionally, the velocity of a single P. aeruginosa cell decreases significantly when a 0.075 mA 

current is applied (Table 2). However, this decrease does not occur with the application of higher 

voltage (0.125 mA), as E. coli cells in particular show notable decreases in mean cellular velocity 
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at 0.075 and 0.125 mA, while the magnitude of change is highest when a 0.075 mA current is 

applied (Table 2). 

Table 2. Values for mean cellular velocities for bacteria during exposure to electrical current. 

Current (DC)  0.0 mA 0.07 mA 0.125 mA 

Mean cellular velocities 

(μm/s) 

P. aeruginosa 44 ± 3 34 ± 2 40 ± 2 

 E. coli 9.7 ± 0.5 5.0 ± 0.4 6.0 ± 0.4 

 

Our findings agree with previous observations that current affects various bacterial species, while 

different species react uniquely to an electrical field. E. coli and P. aeruginosa, both motile 

organisms with single polar flagella, have been shown to migrate toward different electrodes when 

exposed to an electrical field.[73] E. coli will move towards the anode, while P. aeruginosa will 

move towards the cathode. One possible explanation is that surface roughness can impact overall 

bacterial charge and electrotactic behavior. Bacterial cell membranes have a naturally negative 

surface potential [14], such that a bacterial strain with a rougher surface will have a greater negative 

surface potential than a strain with a smoother surface. A rough strain will be more negatively 

charged than the flagellar bundle, causing the bacterial cell to move towards the anode at a faster 

rate, and positioning the flagella behind the cell. This orientation causes the bacterium to be 

propelled towards the anode.[73] Conversely, in a smooth strain, the flagellar bundle is more 

negatively charged than the membrane, causing the flagella to be gradually pulled ahead of the 

bacteria towards the anode, and the cell is then propelled towards the cathode instead.[73] Another 

explanation involves eukaryotic migration; in other words, a cell exposed to an electrical current 

generated with two electrodes, where one side is closer to the anode than the other, will move 

around in solution until eventually it will orient itself such that the motility mechanism is closer to 

the anode. This causes a negative charge to build up on one side of the cell, hyperpolarizing it. In 
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this hyperpolarized state, positive ions from solution are drawn towards and inside the cell through 

diffusion, causing a contraction within the cell. This cellular contraction causes the cell to move, 

and in this particular case, towards the cathode.[72,74] Therefore, the impact of current on a 

bacterium is subject to several properties specific to the cell and strain that may dynamically 

influence its movement. In keeping with this observation, we found that the application of current 

affected two different bacterial species uniquely; moreover, both species responded, often showing 

decreases in velocity with the application of current. Wound exudates are primarily in the form of 

ionic liquids. It is of utmost important to maintain a delicate fluid balance at the wound and 

dressing interface to provide sufficient moisture for cellular activity during the healing 

process.[104,105] 

The choice of using current (electric field energy) as a parameter in our study is based on 

the existence of endogenous electric fields that have been observed to direct cell migration.[94] Not 

only does current affect the velocity of individual cells, but it can change the type of movement 

exhibited. Not all bacterial movement is equivalent, as some cells move in long strides (running), 

while others tumble in solution (tumbling), and a given cell can exhibit any combination of these 

behaviors. E. coli cells, when exposed to a 250 ms pulse of a 150 V/cm electrical field, show 

distinct changes in the type of motility used. For 15 seconds after the initial pulse, the linear speed 

increases, suggesting that a majority of the cells are exhibiting a running motion.[77] However, 

between 15 and 45 seconds after the pulse, cells exhibit an increased angular speed, suggesting an 

increase in tumbling. The type of movement displayed by bacteria in an electric field should be 

directly observable through the use of optical microscopy [40], which will help us to better 

understand the heterogeneous motility dynamics exhibited by bacterial cells under the influence 

of an electric field. Ultimately, electrical fields could be harnessed to devise strategies to induce 
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favorable patterns of movement in cells that will discourage colonization and subsequently limit 

disease. 

Cellular directness is a quantity that provides insight into the straightness of a bacterium's 

path from the start to the end of tracking. This is represented mathematically by creating a ratio of 

the cellular displacement from the origin to the overall distance travelled. Comparatively, a low 

directness value (nearing zero) would imply that the bacterial cell has not moved far from the 

original position, and therefore its path trajectory is highly nonlinear. On the other hand, a high 

value (nearing 1) would imply it has travelled as far as possible in a linear fashion. In this study, 

both E. coli and P. aeruginosa cells showed an increase in directness as the current was raised, 

which is likely associated with bacterial running motility (Table 3). Although the current applied 

to this system was lower than in some previous studies, the increase in running behavior with the 

application of current is consistent with published findings.[77] 

Table 3. Directness values for bacteria during exposure to electrical current. 

Current (DC) 0.0 mA 0.07 mA 0.125 mA 

Directness P. aeruginosa 0.79 ± 0.03 0.82 ± 0.02 0.87 ± 0.02 

 E. coli 0.74 ± 0.03 0.90 ± 0.02 0.82 ± 0.02 

  

Moving forward, motile bacteria should be also tested at 0.175 mA to further explore the impact 

of a dynamic range of voltages on bacterial motility, examining both the velocity and type of 

movement. Results from the literature suggest that current affects the type of bacterial motility 

behavior exhibited, such as running or tumbling, but few studies have used direct observation of 

bacterial movement to explore motility. Through use of optical microscopy, these heterogeneous 

behaviors can be observed directly. Additionally, Polydimethylsiloxane (PDMS) microfluidic 

devices on coverslips can be used in place of the plastic Ibidi micro channels to increase overall 
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image quality when using optical microscopy. Understanding this type of behavior is significant, 

as it allows us to control, to a better degree, how bacteria are moving within a solution. Precise 

control of bacterial movement could grant us the ability to control bacterial colonization and 

infection at wound sites. 

3.2.2 Effect of Applied Current Cellular Morphology 

Understanding the effects of electricity on cell morphology is important, as not only does it provide 

insight into how to potentially harm pathogenic bacteria, but it could also provide cautionary data 

as to how the eukaryotic cell membranes at the wound sites may react. Dimensional data for the 

height, width and length of MRSA cells (Figure 19) and P. aeruginosa cells (Figure 20) collected 

using AFM showed no significant differences with the application of electrical current. This may 

be due the heterogeneity inherent in these cellular dimensions and the inability to measure the 

same cell before and after current application using AFM. However, these results also suggest that 

current does not have a strong impact on cellular morphology, which supports the idea that it may 

be a safe therapeutic for human tissue. 
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Figure 19. Effect of current on MRSA cellular morphology. Height (A) and diameter (B) box 

graphs for MRSA, at values of 0, 0.075, 0.125 and 0.175 mA. Cellular dimensions were unaffected 

by applied currents. 
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Figure 20. Effect of current on P. aeruginosa cellular morphology. Width (A), length (B) and 

height (C) box graphs for P. aeruginosa, at values of 0, 0.075, 0.125 and 0.175 mA. Cellular 

dimensions are unaffected by applied currents. 

 

While there seems to be a consensus that electromagnetic perturbations to a system affect 

bacterial cell functionality, controversy still exists as to whether exposure to an electromagnetic 

field has any effect on the cell membrane itself.[40] Systems exposed to brief electrical impulses 

seem to yield results showing degradation in the cell membrane, increasing permeability and 

decreasing cell wall integrity. Going forward, data on the surface roughness of bacteria could be 

particularly powerful. Surface roughness results could be used to assess cell membrane integrity, 

which may be compromised during the application of electricity. Further research in this area is 

warranted [41,42], considering our results suggest that perhaps the application of low-voltage current 

does not significantly alter P. aeruginosa or MRSA cellular morphology. Flagella use contractile 
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proteins and ion channels for movement; on the other hand, electrical stimulation affects the 

flagella proteins and thereby inhibits the motility as the applied current causes impairment of 

flagella.[106] Electrical stimulation in the wound sites can lead to the release of cytokines and 

prostaglandins[107,108], which attract macrophages to the site in which the stimulation is being 

realized. Due to the movement and attraction of blood cells such as macrophages, electrical 

stimulation can also cause bacterial death as a secondary effect. 

3.3 Electroceutical Experiments 

3.3.1 Further Exploration in Cellular Electrotaxis 

Both E. coli and P. aeruginosa experience a reduction in cellular speed (Figure 21) and an 

increase in the FMI in response to the application of DC along the chemotactic gradient plotted on 

the y-axis (Figure 22). There is also a significant increase in directness with current application 

(Table 4) relative to the baseline (0 mA). Resulting average cellular speeds for E. coli were 9.7 ± 

0.5 µm/s, 5.0 ± 0.4 µm/s, 6.0 ± 0.4 µm/s and 4.6 ± 0.3 µm/s for 0 mA, 0.07 mA, 0.125 mA and 

0.175 mA DC, respectively (Figure 21). Resulting average cellular speeds for P. aeruginosa were 

44 ± 3 µm/s, 34 ± 2 µm/s, 40 ± 2 µm/s and 75 ± 3 µm/s for 0 mA, 0.07 mA, 0.125 mA and 0.175 

mA DC, respectively (Figure 21). Differences in the response to current between E. coli and P. 

aeruginosa (as measured by the change in cellular speed) likely reflect differences in their motility 

and chemo/electrotactic sensing systems.[109] This may help to explain why there is an increase in 

cellular speed in P. aeruginosa at 0.175 mA (relative to baseline), while the application of any 

current reduces cellular speed in E. coli. However, 0.07 and 0.125 mA currents reduced the motility 

of both organisms, indicating that there may be an optimal range of current that will predictably 

and consistently impact several pathogenic bacterial species.  
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Table 4. Directness values for E. coli and P. aeruginosa affected by applied current or percentage 

of AA. Results indicate an increase in directness relative to baseline with the application of current 

alone, but a decrease in directness with the application of AA alone or with current. 

 

Acetic acid 

(AA) 

concentration 

Bacteria 

type 

0 mA 0.07 mA 0.125 mA 0.175 mA 

0% E. coli 0.74 ± 0.03 0.90 ± 0.02 0.82 ± 0.02 0.83 ± 0.02 

P. aeruginosa 0.79 ± 0.03 0.82 ± 0.02 0.87 ± 0.02 0.86 ± 0.05 

0.31% E. coli 0.16 ± 0.01 0.13 ± 0.01 0.10 ± 0.01 0.10 ± 0.01 

P. aeruginosa 0.11 ± 0.01 0.14 v 0.01 0.12 ± 0.01 0.11 ± 0.01 

 

 

 

 
Figure 21. E. coli (a) and P. aeruginosa (b) cellular speed distribution in µm/s in response to 

electrical stimulation alone at applied current settings listed in mA. E. coli shows the greatest 

response to electrical stimulation alone at 0.07 and 0.175 mA, while P. aeruginosa shows the 

greatest response at 0.07 mA within the standard error. 
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Figure 22. The average FMI in the x and y directions for E. coli and P. aeruginosa in response to 

the application of current is plotted. Results denote increased migration along the electrostatic 

gradient (y axis) with the application of current (relative to 0 mA baseline). 

 

3.3.2 Effect of Addition of Acetic Acid 

Both species experienced a reduction in the average cellular speed (Figure 23), FMI (Figure 

24) and directness (Table 4), with the introduction of 0.31% AA alone, relative to baseline (no 

AA). These results indicate that treatment with AA significantly impairs bacterial motility, even 

when used alone. Furthermore, treatment with AA has an equivalent effect on both species, 

pointing to a broader, more conservative mechanism of action. Studies have found that bacterial 

cellular ATP processes are disrupted by exposure to AA [110], which is one reason why AA exhibits 

great potential as an antimicrobial agent. Weak acids can cross bacterial membranes more readily 

than strong acids because of the equilibrium between their ionized and non-ionized forms, the 

latter of which can freely diffuse across hydrophobic membranes. 
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Figure 23. E. coli cellular speed distribution in µm/s in response to electrical stimulation and 

0.31% AA specific currents (a). Results indicate a reduction in cellular speed upon electroceutical 

treatment. E. coli was equally responsive to both 0.125 mA and 0.175 mA settings. Results indicate 

a reduction in cellular speed with electroceutical treatment of P. aeruginosa (b) at the 0.07 mA 

setting. 

 

This electric field ultimately collapses the proton gradients necessary for ATP synthesis. When 

AA dissociates, it acidifies the cytoplasm, causing acid-induced protein unfolding and 

membrane/DNA damage.[110] The effects of Lysis and cell wall damage are specific to bacteria, as 

host somatic cells contain cholesterol, which control cell permeability; moreover, the interior of 

the phospholipid bilayer is occupied by hydrophobic fatty acid chains, such that the membrane is 

impermeable to water-soluble molecules and most biological molecules, including ions.[109] 
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Figure 24. Vertical scatter plot indicating FMI distribution in x and y directions for E. coli and P. 

aeruginosa, comparing the effect of 0.31% AA alone on cells. Results indicate a drastic reduction 

in migration in both the x and y directions with the application of AA. 

 

3.3.3 Electroceutical Approach to Influence Cellular Motility 

Resulting average cellular speeds for E. coli in the presence of 0.31% AA were 0.091 ± 

0.005, 0.085 ± 0.002, 0.072 ± 0.003 and 0.074 ± 0.002 µm/s for 0 mA, 0.07 mA, 0.125 mA and 

0.175 mA DC, respectively (Figure 23). Resulting average cellular speeds for P. aeruginosa in the 

presence of 0.31% AA were 0.085 ± 0.002, 0.075 ± 0.002, 0.081 ± 0.001 and 0.083 ± 0.002 µm/s 

for 0 mA, 0.07 mA, 0.125 mA and 0.175 mA DC, respectively (Figure 22). 
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A reduction in cellular speed relative to baseline (0.31% AA, no current) (Figures 21 and 

23) was pronounced for both E. coli and P. aeruginosa upon electroceutical application. The most 

dramatic reductions in speed occurred at 0.070 mA DC for P. aeruginosa, while E. coli was equally 

impaired at higher currents (0.125 and 0.175 mA DC). These results suggest that there is an ideal 

current range in an electroceutical setting for E. coli (upwards of 0.125 mA), while the ideal range 

for P. aeruginosa would be less than 0.125 mA for both single and multi-cue situations (namely, 

0.07 mA). However, a current of approximately 0.07 mA may be effective across a broader range 

of strains, meaning that a single application of current (especially with AA) could provide powerful 

disinfection in the context of a wound infection. A highly pronounced reduction in FMI was also 

observed at 0.175 mA DC for E. coli and at 0.07 mA for P. aeruginosa when single-cue electrical 

stimulation was compared to our electroceutical approach (AA + current) (Figure 25 [a and b]). 

 Clearly, P. aeruginosa responds well to both electrical stimulation and our electroceutical 

approach at 0.70 mA DC, while E. coli is more responsive at a higher current (0.175 mA DC). It 

is not surprising that E. coli and P. aeruginosa respond differently to the electrical characteristics 

of their environment, as their chemotactic sensing systems differ. P. aeruginosa has a more 

complex sensing system than most microbes, with multiple chemotaxis genes that constitute 

several chemotaxis systems with defined functions.[111] E. coli uses a two-component regulatory 

system consisting of an extracellular sensor and response regulator[109] that is more susceptible to 

oxidative stress than P. aeruginosa.[111] Hence, electroceutical device design should take into 

account the differing impacts that such disinfection strategies may have on several relevant wound 

pathogens. In the case of P. aeruginosa, quorum sensing (QS) can play a prominent role in its 

virulence and biofilm formation, which may offer an ideal target for anti-biofilm therapies.  
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Figure 25. (a) The FMI distribution for E. coli at the 0.175 mA setting in the presence and absence 

of 0.31% AA. Results indicate a drastic reduction in overall migration when 0.31% AA was 

applied in combination with an electrical current of 0.175 mA. (b) The FMI distribution for P. 

aeruginosa at a 0.07 mA setting in the presence and absence of 0.31% AA. Results indicate a 

drastic reduction in overall migration when 0.31% AA was applied in combination with an 

electrical current of 0.07 mA. 
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Oxidative and nitrosative stresses, both of which can be augmented by electroceutical 

approaches, play an important role in bacterial inhibition and elimination in vivo. In particular, E. 

coli can be toxified by as little as 5 µM extracellular hydrogen peroxide[112,113], and because it is a 

small uncharged molecule, hydrogen peroxide diffuses across membranes rapidly and has the 

ability to cause profuse DNA damage when the intracellular concentration rises to 1 µM.[98] P. 

aeruginosa, on the other hand, has developed a multitude of defense mechanisms to tolerate stress 

conditions, even with regards to H2O2 at relatively high levels, but remains susceptible to other 

oxidative stressors.[111] The buildup of electrochemical oxidative products at the anode will occur 

with the application of electrical current, and while electrical stimulation alone may be a successful 

strategy for disinfection, in combination with AA, these effects are likely to be augmented. 

Combining AA with electrical stimulation could enhance disinfection, as AA has the ability to 

disrupt essential ATP processes and cause cellular DNA damage, thereby impairing both the 

ability to communicate and initiate defense mechanisms.  

As motility is one microbial defense against opsonization – the process which targets 

invading organisms for removal by immune defenses inherent in the host – locomotive impairment 

would effectively trap bacterial cells, allowing for their clearance by migrating phagocytic 

leukocytes. Since migratory cell behavior in the presence of electrical cues is a naturally existing 

process within the human body, if we take the 0.1 µA/mm2 DC current density generated as a 

lower limit for directing leukocyte migration for wound healing, the corresponding current density 

settings tested here are likely to induce leukocyte migration that would accelerate the natural 

wound-healing process, while simultaneously inhibiting opportunistic pathogens. An applied 

electric field within the physiological range can also induce the directional electrotaxis of epithelial 

cells and fibroblasts – along with neutrophils and endothelial cells – suggesting a potential role in 
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cellular positioning during wound healing.[114] Because phagocytic neutrophils and monocytes are 

up to 20 µm in diameter, have cell walls that actively prohibit entry of water soluble molecules[102] 

and have a negative surface potential, unlike invading pathogens, they can migrate to the wound 

site unaffected. As a consequence, our electroceutical approach could create a bacterial trap that 

would accelerate the natural wound-healing process, while augmenting bacterial clearance. 

4 CONCLUSIONS 

Our CAFM study successfully establishes a novel methodology for the imaging and 

analysis of the conductance of single bacterial cells from medically relevant bacteria, such as P. 

aeruginosa and MRSA. Our method is adaptable and can be modified as necessary to study the 

conductance of other bacterial species or biological substances. The average resistance values 

obtained in our study are comparable to those obtained in a prior study of E. coli, helping to 

validate our technique. Our work opens the door for further investigation into the electrical 

properties of pathogenic bacteria, information that will be essential in the development of 

electroceuticals. Such approaches would be a great benefit for wound healing, as early studies 

suggest that the application of an electrical current can help to eliminate potential pathogens, while 

accelerating wound healing. However, to optimize such treatments, a better understanding of the 

localized electrical properties of adherent bacteria is necessary. Our work helps to establish a 

“toolbox” for investigating the electrical properties of an array of bacterial species.  

The ability to control the preferential migration of bacterial colonies could be a highly 

successful strategy to be employed by wound-healing devices. Electrotherapy is an attractive form 

of wound-healing treatment, as it does not contribute to overall bacterial resistance, which is one 

of the major problems that humanity faces today. Manipulating bacterial electrotaxis is a useful 

way to approach this issue, as it does not require the use of chemicals or antimicrobials. Under the 
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influence of an electrical current in our study, bacterial cellular velocities were found to decrease, 

while cell directness increased. However, these same currents did not significantly affect the 

cellular morphology, suggesting that the impact on cellular integrity may be best revealed using 

different methods. Additionally, as current does not directly impair bacterial cellular architecture, 

it may also be safe to human cells, while altering bacterial motility in such a way as to discourage 

colonization and infection. 

Using microfluidic platforms, optical microscopy and bacterial tracking software, this 

study indicates that the combination of electrical stimulation and AA could potentially be a viable 

electroceutical approach in controlling bacterial migration and preventing infection by pathogenic 

bacteria. Single-cue (current or AA only) and multi-cue (current and AA combined) experiments 

were conducted on multi-drug resistant strains of E. coli and P. aeruginosa. The cell motility of 

both E. coli and P. aeruginosa in 0.31% AA showed impairment at current values of 0.125 mA 

and 0.07 mA respectively, as well as a significant decrease in the FMI for both cell types. 

Electroceutical approaches to treating bacterial infection such as those described in this 

experiment, could offer viable alternatives to overused antibacterial agents, and have numerous 

potential applications in decreasing wound-healing times.  
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